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Preface

The essential role of phosphate in biology has inspired researchers throughout the 
decades. The 1987 classic article “Why nature chose phosphates” 1 by F. Westheimer 
remains one of the most insightful analyses in this area. This important and 
fundamental question has led to several seminal sequels: “Why nature really chose 
phosphate” 2 by A. Warshel and “Why nature chose phosphate to modify proteins” 3 
by T. Hunter. 

This topical collection addresses the focused and practical questions: How can 
phosphate be labeled and which key labeling techniques have emerged preeminent 
over the years? Although there are countless applications of phosphate labeling in 
chemical biology, there are select techniques upon which the most significant 
studies are based. The practical recurrence of these techniques is a hallmark of this 
collection; these examples of phosphate labeling serve as a passe-partout pertinent 
to understanding chemical biology approaches to the many phosphorylated natural 
products that could not be covered in this collection. In this sense, I hope that the 
choice of examples will be useful for researchers from other fields of research as 
well.  

Two recent and insightful collections in Topics in Current Chemistry, edited by 
J.-L. Montchamp (Phosphorous Chemistry I & II, 2015) motivated the choice towards 
complementary topics with a more biological perspective. The term “labeling” in 
the title is interpreted in a broad sense as can be seen in the different contributions.  

I. Hamachi covers phosphate and pyrophosphate sensors, in which the “labeling” 
occurs through hydrogen bonding, coordination chemistry, aggregation induced 
phenomena, and chemical reactions. M. Blackburn then discusses the concept of 
“nuclear mutation” in which the phosphate group is replaced with metal fluorides 
for studies into the function of different enzymes and how QM calculations aid this 
field of research. A. Saiardi discusses the use of radioactive phosphorous as a 
powerful analytical beacon and its application to understand inositol polyphosphate 

1 Westheimer F. H. (1987), Science, 235, 1173-1178. 
2 Kamerlin S. C., Sharma P. K., Prasad R. B., Warshel A. (2013), Q. Rev. Biophys., 46, 1-132. 
3 Hunter, T. (2012), Phil. Trans. R. Soc. B, 367, 2513–2516 . 
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Preface

metabolism. P. Limbach reviews another highly useful, stable isotopic replacement: 
18O vs 16O-phosphates and their value in studying RNA biology by mass spectrometry. 
My postdocs, Amit Dutta and Ilya Captain, (and I) provide an overview of recent 
synthetic approaches towards organophosphates and analogues thereof. This 
contribution is also meant as an entry to the following contributions, which make 
extensive use of such modified probes. S. Hacker and A. Marx discuss the 
development of phosphate-modified nucleotides and how such tools can be used to 
monitor enzymatic activity. The contribution by D. Fiedler covers synthetic 
approaches to phosphorylated unstable amino-acids and peptides and how such 
unstable modifications can be replaced by stable analogues that enable further 
biological studies. J. Jemielity finally shows how many of the previously described 
labels and approaches were successfully applied to understand the rich biology of 
the RNA cap structure.  

Clearly, investigations into the chemistry and biology of phosphate(s) offers 
many research opportunities. Such studies are at the intersection of disciplines 
where many exciting questions are waiting to be solved. How do cells control 
phosphate acquisition and distribution? How do cells sense phosphate availability? 
How has the phosphate group become one of the basic motifs in life? How can one 
design and make probes to study these processes? This topical collection offers a 
good starting point for those who wish to improve their understanding into the 
mysteries of this important modification. 

Thanks are due to the many prominent researchers that have contributed to this 
work, some of them with articles, others with highly judicious comments. I personally 
would like to thank the editorial staff of Topics in Current Chemistry and the 
editorial board for choosing me to help assemble this collection.  

viii
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and Their Applications
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Abstract The aim of this contribution is to provide an introduction and a brief

summary of the principle of fluorescence molecular sensors specific to inorganic

phosphate (Pi) and inorganic pyrophosphate (PPi) as well as their applications. In

our introduction we describe the impact of both Pi and PPi in the living organism

and in the environment, followed by a description of the principle of fluorescence

molecular sensors and the sensing mechanism in solution. We then focus on

exciting research which has emerged in recent years on the development of fluo-

rescent sensors specific to Pi and PPi, categorized by chemical interactions between

the sensor and the target molecule, such as hydrogen bonding, coordination

chemistry, displacement assay, aggregation induced emission or quenching, and

chemical reactions.

This article is part of the Topical Collection ‘‘Phosphate Labeling and Sensing in Chemical Biology’’;

edited by Henning Jessen.
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1 Introduction

Phosphates play a central role in the building of the most fundamental molecules in

living organisms, such as DNA and RNA. Along with proteins and carbohydrates,

DNA and RNA constitute the three major macromolecules essential for all known

forms of life. Phosphates are also major constituents of membrane lipids (in the

form of phospholipids) and are involved in many biological processes, including

skeletal development and bone integrity, energy metabolism, cell sensing, and

regulation of protein synthesis [1]. Approximately 85% of total body inorganic

phosphate (Pi) is found in bone, primarily in association with calcium in

hydroxyapatite crystals deposited onto the collagen matrix [2]. The remainder is

in soft tissue, with only approximately 1% in extracellular fluids [3]. Prolonged Pi

deficiency results in hypophosphatemia with accompanying serious biological

consequences, such as impaired mineralization of bone resulting in osteomalacia or

rickets, dysfunction of the central nervous system, increased erythrocyte membrane

rigidity, abnormal function of leukocytes and platelets, weakness of rhabdomyolysis

and muscle, and cardiac dysfunction and respiratory failure [4–7]. At the other end

of the spectrum, hyperphosphatemia is now recognized to decrease life expectancy

and lead to seizures, cardiac dysrhythmias, chronic kidney disease, muscle

weakness and tetany, decreased visual acuity, soft tissue calcification, and

eventually death [8–13]. Therefore, controlling the Pi concentration is critical for

the well-being of the organism.

Inorganic pyrophosphate (PPi), the dimeric form of Pi and a by-product of

cellular hydrolysis of ATP, DNA polymerization, and other metabolic processes,

is a biologically important target given its role in many crucial reactions

[14, 15]. The difference in PPi concentrations in a variety of biological

environments may be a diagnostic marker for various clinical conditions. For

example, abnormally high levels of PPi in synovial fluid are observed for

patients with calcium pyrophosphate crystal deposition disease [16–19]. Hence,

the sensing and imaging of PPi has become an important research target.

Phosphates are not only essential factors in living organisms, they are also

important as components of several medicinal drugs and fertilizers. Eutrophi-

cation in the aquatic ecosystem is often related to pollution from phosphates and

phosphorylated compounds [20, 21]. Due to their importance in both biological

and environmental fields, great efforts have been made to develop systems

capable of selectively sensing phosphates and their related compounds. Several

comprehensive reviews describing the recognition of phosphate molecules by

artificial receptors have been published [22–32].

Molecular sensors for phosphate anions usually consist of a Pi/PPi binding

(receptor) site covalently linked to a sensing unit, such as a fluorophore (Fig. 1).

One of the main difficulties in designing appropriate binding sites for Pi arises

from the high hydration energy of this anion (-2765 kJ/mol) that places it near

Top Curr Chem (Z) (2017) 375:30
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the bottom of the Hofmeister selectivity series [33]. Moreover, most of the

phosphate-type anions exist in water, at different pH, in different protonated

states bearing different negative charges: H3PO4, H2PO4
-, HPO4

2-, and PO4
3-.

For these reasons, most of receptors prepared in early studies work only in

organic solvents, and even in such examples, it has been pointed out that the

binding of the Pi/PPi anions to artificial receptors requires optimization of both

electrostatic and hydrogen-bond interactions through topological complementar-

ity. One of the strategies adopted in the design of receptors for Pi/PPi useful in

aqueous solution involves the usage of easily protonated polycations, such as

polyammonium, imidazolium, and guanidinium moieties. An early pioneer in

this area was A.W. Czarnik, who designed and synthesized fluorescent

chemosensors for PPi [34]. The sensing unit can be attached to the receptor

(binding unit) directly so that the receptor is part of the conjugated p system of

the fluorophore, or it can be separated from the receptor via a covalent linker

(Fig. 1). Pi/PPi sensing is based upon a variety of signal transduction

mechanisms, such as binding-induced modulation in the fluorescence/absorbance

using a conventional molecular recognition means (e.g., hydrogen bonding and

coordination chemistry). In recent years, more elaborate methods of fluorescence

sensing have emerged which involve a metal displacement assay in which the

metal ion in the complex is specifically removed by Pi/PPi, and the aggregation

induces emission/quenching upon binding to Pi/PPi. Sensors exhibiting covalent

bond formation/breaking upon coupling Pi/PPi binding have also been reported.

Fig. 1 Schematic overview of fluorescence sensing using a molecular sensor for phosphate
(P) consisting of a binding and a sensing unit. The sensor is shown as a ‘‘Turn-ON’’ fluorescent
sensor, but ‘‘Turn-OFF’’ sensors are also plausible. The chemical structures of the representative binding
and sensing units are displayed

Top Curr Chem (Z) (2017) 375:30
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2 Molecular Sensors Based on Conventional Host–Guest Chemistry
and Their Applications

Several interactions, such as electrostatic interaction, hydrogen bonds, metal ligand

complexation or coordination chemistry, and hydrophobic interactions, have been

employed for Pi/PPi binding, many of which are incorporated into the receptor site.

From the viewpoint of the development of sensing systems in the last decade, the

majority of the chemosensors for phosphate anions are rationally conjugated to an

appropriate sensing unit, so that the binding events can be experimentally measured

by spectroscopic changes resulting from excimer formation [35–39], intramolecular

charge transfer processes (ICT) [40, 41], metal-to-ligand charge transfer processes

(MLCT) [42] or photo-induced electron transfer processes (PET) [43, 44]. Receptor

design still remains challenging, in particular for efficient sensing toward the

complicated phosphate derivatives or the related biological events with high

selectivity and sensitivity in aqueous solutions. Monitoring events over an

appropriate time is also critical.

2.1 Hydrogen Bonding

The hydrogen bond is an attractive interaction between a hydrogen atom from a

molecule or a molecular fragment X–H, in which X is more electronegative than H,

and an atom or a group of atoms in the same or a different molecule, in which there

is evidence of bond formation [45]. Common hydrogen bond donors generally used

as a receptor for phosphates include amide, ammonium, imidazolium, guanidinium,

pyridinium, and urea. The strength of the hydrogen bond is generally determined by

electrostatic interaction, which is typically stronger than van der Waals force but

weaker than the covalent or ionic bond. Therefore, most receptors contain multiple

hydrogen bond donors that are carefully designed to provide a preorganized binding

unit suitable for several different anions, including Pi/PPi (Fig. 2). Unfortunately,

these receptors do not work well in aqueous solution, only showing an excellent

sensing capability in pure organic solvent or an aqueous/organic solvent mixture

because in organic solvent, the solvation energy is not that strong and supramolec-

ular interactions play a more important role.

2.1.1 Pi Sensing

Kumar and Srivastava [38] reported a protonated sensor built on a pyridine-2,6-bis-

carboxamide framework as a binding unit and pyrene as fluorophore 1 (Table 1).

This system showed a blue fluorescence corresponding to the pyrene monomer and

a green fluorescence resulting from pyrene excimer upon the addition of NaH2PO4

or NaHSO4 in CH3CN. In the presence of perylene monoimide-based red emitter

(PMI) and in response to the addition of these oxyanions, the sensor gave rise to

white light emission visible to the human eye due to the panchromatic emission.

UV/Vis and 1H-nuclear magnetic resonance (NMR) spectroscopy studies suggested

the involvement of hydrogen bonding in addition to electrostatic interactions in the

123
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stabilization of the anion–sensor complex [38]. Because no evidence of energy

transfer between the pyrene and PMI was found, the emission perceived as white

light is simply a composite emission of the two fluorophores emitting

independently.

A selective detection of H2PO4
- in CH3CN by a complete Turn-OFF

fluorescence emission with tetraamide-based receptors bearing quinolyl moieties

(2; Table 1) was investigated in 2013 by Kondo and Takai [46]. Similar but less

significant fluorescence and UV–Vis changes of sensor 2 were recorded upon the

addition of CH3COO
-, HSO4

-, and Cl-. The results of the UV–Vis and

fluorescence titrations of sensor 2 imply that the nitrogen atoms of the quinolyl

groups play a crucial role in the discrimination between H2PO4
- and CH3COO

-

because they act as hydrogen bond acceptors for hydroxy groups of H2PO4
- while

four amide NH groups act as hydrogen bond donors to recognize anionic oxygen

atoms of H2PO4
- and CH3COO

-. The high selectivity of H2PO4
- over

CH3COO
-was achieved because CH3COO

-cannot form such hydrogen bonds

due to the lack of a hydroxy group in CH3COO
-. The fluorescence quenching

induced by the association with H2PO4
- over CH3COO

-could be attributed to PET.

A series of macrocyclic sensors based on benzimidazolium and urea appended

with acridine 3 (Table 1) for ratiometric sensing of H2PO4
- were reported in 2013

by Martinez and Gao [47]. Adding 3.0 eq. of H2PO4
- tetrabutyl ammonium salt to

the solution of sensor 3 resulted in quenching of fluorescence by 68% at 430 nm and

enhancement of fluorescence by 4.3-fold at 501 nm, which could be attributed to the

anion-induced acridine excimer, resulting in the fluorescent color change from blue

(430 nm) to green (501 nm) (Fig. 3). However, HSO4
- was able to give rise to the

excimer peak of the acridine derivative 3 at 501 nm. Ratiometric sensing seems to

be a versatile principle for the class of benzimidazolium–urea-based receptors,

showing that they could be used as ratiometric fluorescent sensors for H2PO4
- via

the mechanism of anion-induced fluorophore dimer formation [47, 48].

Luis, Vila, and coworkers [49] investigated an acridine-based pseudopeptidic

receptor which showed a high fluorescence Turn-ON specific to H2PO4
- in CHCl3.

The macrocyclic 4 (Table 1) was found to display an increase of fluorescence

emission corresponding to a new band centered at 510 nm, whereas the original

fluorescence at 420 nm disappeared in the presence of H3PO4. The response toward

other anions was practicably negligible. As already mentioned, the solvent has an

important effect on the recognition process. In water, the solvation energy is larger

Fig. 2 Schematic overview of the fluorescent sensors utilizing hydrogen bonding for specific binding
with phosphates (P)
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than the host–guest binding energy. Thus, spectra from titrations in water show an

isosbestic point which results from an equilibrium observed between the triproto-

nated and the diprotonated receptor, and no supramolecular species are detected. In

contrast, in chloroform, solvation energy is not as important, and supramolecular

interactions play an important role. The behavior of compounds of 4 in acidic

Table 1 Inorganic phosphate sensors based on hydrogen bonding interactions

Chemical structures Fluorescence sensing properties

Proposed sensing mechanism

Binding 
stoichiometry

(Sensor:Pi)

Binding constant 

(Solvent system)

Applications Ref.

Emission ON (~ 35-fold  at 480 
nm)

λex =  344 nm

Excimer formation

1:1 6 x 104 M-1

(CH3CN)

(1.2 x 105 M-1 for 
sulfate anion)

NA [38]

Emission OFF (nearly perfect 
quenching at 355 nm) 

λex = 318 nm

PET

1:1 2.76 x 106 M-1

(CH3CN)

NA [46]

Ratiometric emission red-shift 

(F430 nm/F501 nm)

λex = 357 nm 

Excimer formation

1:1 2.9 x 106 M-1

(CH3CN)

NA [47]

Emission ON (~ 120-fold at 
510 nm)

λex = 357 nm

Formation of acridinium cation

NA NA

(CHCl3)

NA [49]

Emission ON (~ 100-fold at 
500 nm)

λex = 360 nm

Excimer formation

2:2 3.0 x 106 M-1

(CH3CN)

NA [50]

NA not available
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medium is comparable to the that shown by acridine in this study. Therefore, it can

be concluded that the fluorescent moiety in the supramolecular complex formed

between 4 and H2PO4
- in CHCl3 is always the acridinium fluorophore, which was

confirmed experimentally via fluorescence pH titrations, fluorescence lifetime, 1H-

NMR, and X-ray studies as well as by computational calculations.

A selective sensing of H2PO4
- in CH3CN driven by the assembly of anthryl

amidopyridinium ligand 5 (Table 1) was demonstrated by Gong, Ning, and

coworkers [50]. The ligand 5 showed a relatively low fluorescence intensity, which

was ascribed to the quenching effect of a PET process from the anthracene moieties

to the charged pyridinium ring. With an increase in the concentration of 5 in CH3CN

from 10-5 to 10-4 M, a new excimer emission peak centered at 539 nm was

observed, which might be due to the relative proximity of the anthracene moiety at

higher concentrations. This result indicated that 5 has a tendency to aggregate to

some extent at high concentration. Upon the addition of various inorganic anions,

including Pi, to the ligand solution, the anthryl group of 5 exhibited a strong

excimer emission via H2PO4
--directed assembly, while other anions showed a

negligible effect. The Job plot and elemental analysis confirmed the 1:1

stoichiometry for the 5-Pi complex. Considering there is only one anthracene

fluorophore in the 5 structure and the appearance of the excimer emission between

anthracene fluorophores upon addition of Pi, a plausible 2:2 stoichiometry between

5 and H2PO4
- was proposed, supported by absorption spectra and density functional

theory (DFT) calculation [50].

Fig. 3 Fluorescence titrations of 5 9 10-6 M sensor 3 (Table 1) excited at 357 nm with H2PO4
- in

CH3CN. Insets: Top Normalized emission developments at the wavelength of monomer and excimer
peaks as a function of H2PO4

- equivalents, bottom fluorescent color of sensor 3 in the absence or
presence of H2PO4

- under a UV lamp excited at 365 nm. Reproduced from Zhang et al. [47] with
permission from The Royal Society of Chemistry
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2.1.2 PPi Sensing

Caltagirone et al. reported fluorescent symmetric bis-ureas [51] and asymmetric bis-

urea receptor 6 [52], as shown in Table 2 for PPi recognition in dimethyl sulfoxide

(DMSO) and in pure water once embedded in cationic surfactant cetyltrimethy-

lammonium bromide (CTAB) micelles. A strong interaction between PPi and 6 was

observed by 1H-NMR, and a 1:1 receptor/anion molar ratio of the adduct in the solid

state was confirmed by crystallography of the analog of 6 and H2PPi
2-. Upon

addition of PPi, the decrease in the emission band of the naphthalene fragment at

376 nm was observed to be concurrent with the formation of a new emission band

centered at 476 nm. The addition of other anions, such as Pi and F-, caused the

formation of a new band at 476 nm, but its intensity was negligible compared to that

observed in the case of PPi. The formation of a new red-shifted band can be

attributed to a possible anion-assisted intermolecular p–p interaction involving the

indole and the naphthalene groups, as suggested by theoretical calculations.

Compound 6 is also able to selectively sense HPPi3- in pure water by means of

fluorescence quenching once embedded in CTAB micelles.

Molina et al. [53] reported a bis(carbazolyl)urea bearing two pyrene fluorophores

(7; Table 2) as a selective receptor for the recognition of PPi in anhydrous CH3CN

or CH3CN–H2O 85/15. In anhydrous CH3CN, 7 showed a broad and red-shifted

emission band at 496 nm, assigned to the excimer emission of the pyrene moiety,

and two sharp bands at 416 and 394 nm, arising from the monomer emission. The

intensity ratio of excimer to monomer, IE/IM = 1.06, was barely changed in the

concentration range of 10-7–10-5 M, indicating that the excimer emission results

from an intramolecular excimer but not from an intermolecular interaction. Binding

with PPi perturbs the intramolecular excimer emission of pyrene because the

presence of the PPi interacting with the binding cavity forces the side chains to open

in order to accommodate the guest into the cavity, thereby disabling any possibility

of forming an intramolecular excimer. On the other hand, in aqueous mixture, 1H-

NMR and quantum chemical calculations suggest that the 7�(H2O)(PPi)2 complex

displays quasi-C2 symmetry and features all eight NH groups pointing inward to the

cavity and an efficient pyrene-pyrene parallel stacking which induces an increase

in excimer emission of the receptor upon binding to PPi.

2.2 Coordination Chemistry

While hydrogen bonding interactions have been widely utilized in the development

of selective anion receptors and sensors in organic solvents [54], it has shown only

limited success in selective anion recognition in aqueous systems [52, 53]. Because

most phosphate anions and their derivatives are in water, it is crucial to bind and

sense these species in aqueous medium. It is now regarded that one of the most

powerful strategies for phosphate anion recognition and sensing in water is the

utilization of coordination chemistry, where one or two vacant coordination sites of

metal complexes are employed for binding anionic guest molecules [55–62]. In

many cases, multiple metal ions are positioned on an organic scaffold at appropriate
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distances to allow an anion guest to bridge the metal centers, providing a means of

introducing selectivity for a specific guest (Fig. 4).

While a number of metal ions have been used in such receptors, including those

of the main group, transition metals, and lanthanides, Zn2? is among the most

commonly employed, particularly where the guests are phosphate derivatives [28].

Kimura and his group were the first to demonstrate that the macrocyclic Zn2?

complex exhibits excellent binding affinities to phosphate anions and the derivatives

[63, 64], inspired by the binding sites of metalloenzymes, in which phosphates act

as substrates or inhibitors by reversibly coordinating to one or more Zn2? ions in the

active site [65]. More recently, Hamachi and his group [43, 44] proposed the Zn2?-

dipicolylamine (DPA) complex as a versatile binding motif for phosphate anions in

water and biological fluids. The DPA is a tridentate ligand comprised of three

nitrogen donors that provides good selectivity toward Zn2? over other biologically

relevant metal ions and leaves coordination sites free for Pi/PPi binding. One of the

advantages of the Zn–DPA receptor is its simplicity in terms of synthesis and easy

modification for optimization of sensor design. Subsequent to the studies of

Hamachi et al. [43, 44], many types of Zn–DPA-based molecular/supramolecular

sensors have been reported [28].

Table 2 Inorganic pyrophosphate sensors based on hydrogen bonding interactions

Chemical structures Fluorescence sensing properties

Proposed sensing mechanism

Binding 
stoichiometry

(Sensor:PPi)

Binding constant 

(Solvent system)

Applications Ref.

Ratiometric emission red-shift 
(F476 nm/F376 nm) 

λex = 328 nm

Excimer formation 

1:1 NA but 
experimental 
evidence suggests 
strong interaction

(DMSO)

NA [52]

Emission OFF (~ 40% at 364 
nm) 

λex = 326 nm

NA

NA NA

(micellar aqueous 
solution of 
cationic surfactant 
CTAB)

Emission OFF (~71% at 500 
nm)

λex = 345 nm

Excimer deformation

1:1 Log K11 = 7.00 ± 
0.57 

(anhydrous 
CH3CN)

NA [53]

Emission ON (~ 3.5-fold at 500 
nm)

λex = 345 nm

Excimer formation

1:2 Log β12 = 13.60 ± 
0.63

(CH3CN-water 
85/15 v/v)

kex excitation wavelength, NA not available
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2.2.1 Pi Sensing

Bhalla, Kumar, and coworkers [55] reported the recognition of AMP and H2PO4
- in

ethanol–tetrahydrofuran (THF; 3/1) using a Zn ensemble of a unique propeller-

shaped hexaphenylbenzene derivative appended with quinoline moieties 8
(Table 3). By itself, sensor 8 does not exhibit any fluorescence emission in

ethanol-THF (3/1) due to PET from imino nitrogen to a photoexcited hexaphenyl-

benzene moiety [66]. Upon addition of increasing amounts of Zn2? ions (0–20 eq.)

a strong fluorescence emission band appeared at 438 nm. This fluorescence

emission band is attributed to the interaction between Zn2? ions and imino nitrogens

and the nitrogen atoms of the quinoline moieties as a result of which the PET is

suppressed, resulting into fluorescence enhancement. Upon the addition of H2PO4
-

between 0 and 6 eq. the emission band at 438 nm was drastically quenched, but

continued addition of Pi to 6–12 eq. resulted in an increase in a new blue-shifted

band at 366 nm. This result indicates the weakening of the existing 8–Zn bond due

to the interaction of H2PO4
- with Zn. On the other hand, the addition of AMP led to

the enhancement of emission intensity along with a slight blue shift in the signal

from 438 to 431 nm while no significant fluorescence change was observed upon

addition of other anions. A multichannel molecular keypad system based on three

different chemical inputs (Zn2?, H2PO4
-, AMP) that switches between two

different fluorescent outputs at 431 and 366 nm has been successfully constructed

[55].

Yamato and collaborators [56] investigated a pyrenyl-linked triazole-modified

homooxacalix [3] arene based ratiometric fluorescent receptors 9 selective for

H2PO4
- ions (Table 3). This system exhibited a cascade signal output for the ligand

toward Zn2? and consequently H2PO4
- through switching of the excimer/monomer

emission of pyrene at 485/396 nm from the ‘‘ON–OFF’’ to the ‘‘OFF–ON’’ type.

The smaller downfield chemical shift of triazole proton suggests that the Zn2? ion of

complex 9 may be located in the negative cavity formed by the nitrogen-rich

triazole ligand and the carbonyl group. In particular, the coordination force of the

Zn2? ion would prevent the three pyrene moieties from maintaining p–p stacking

for the excimer emission and instead leads to a concomitant increase of the

monomer emission of the pyrene in the fluorescence spectra. 1H-NMR results

suggested that the receptor 9 and the H2PO4
- anion not only have strong

coordination and electrostatic interactions but also have strong hydrogen bonding

interactions. As a result, the ratiometric signal of I485/I396 of complex 9 changes

from the OFF to the ON state upon addition of the H2PO4
- ion. A design of

Fig. 4 Schematic overview of the fluorescent sensors utilizing coordination chemistry for the specific
binding toward phosphate (P). M Metal
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molecular logic gate using Zn2? and H2PO4
- ions as the chemical inputs and the

fluorescence emission at 396 and 485 nm as an output signal was also reported [56].

Ganjali et al. [59] reported a bis(8-hydroxy quinoline-5-sulphonate) cerium(III)

complex 10–Ce as a novel fluorescence Turn-ON sensor specific for Pi recognition

Table 3 Inorganic phosphate sensors based on coordination chemistry

Chemical structures Fluorescence sensing properties

Proposed sensing mechanism

Binding 
stoichiometry

(Sensor:Pi)

Binding constant 

(Solvent system)

Applications Ref.

Emission OFF (~ 90% at 438 
nm)

λex = 287 nm

PET

NA NA

(EtOH-THF, 3/1 
v/v)

Potential 
bioprobe and 
multichannel 
keypad 
system

[55]

Ratiometric emission red-shift 
(F485 nm/F396 nm)

λex = 343 nm

Excimer formation

1:1 1.01 x 105 M-1

(CH3CN-CH2Cl2-
H2O, 1000/1/5 
v/v)

Potential 
molecular 
traffic signal 
with an R-S 
latch logic 
circuit

[56]

Emission ON (~ 2-fold at 496 
nm)

λex = 460 nm

ICT

1:1 3.0 x 106 M-1

(aqueous solution, 
pH 8)

Analysis of Pi 
content in 
fertilizer and 
tap water

[59]

Eu complex

Emission OFF (~ 95% at 618 
nm)

λex = 276 nm

NA

1:1 Log Kb = 5.4 ± 
0.01

(10 mM HEPES, 
pH 7.4)

Staining of 
microalgal 
cell 
(Chlorella 
vulgaris
CCNM 1017)

[60]

Tb complex

Emission OFF (~ 98% at 543 
nm)

λex = 278 nm

NA

1:1 Log Kb = 5.5 ± 
0.01

(10 mM HEPES, 
pH 7.4)

kex excitation wavelength, NA not available
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(Table 3). The significant fluorescence enhancement might be a result of the

electrostatic interaction between Pi and the 10–Ce complex, in which two oxygen

atoms of the Pi bridge interact with the center of Ce3? to reduce the magnitude of

the electron withdrawal via partial neutralization of the charge on the Ce3? ion,

thereby increasing the electron-donating character of the quinolone-5-sulphonate

moiety and finally resulting in an increased efficiency of ICT [67].

The lanthanide (III) complex of bis-amine-substituted phenanthroline-based

chiral ligand (11; Table 3) was subsequently synthesized and characterized in 2014

by Subramaniam, Mishra, Albrecht and their coworkers [60]. Although water is

known to be a quencher of lanthanide complexes, both complexes show intense

luminescence in HEPES buffer (10 mM, pH 7.4), which is attributable to a J = 2

transition (5D0 ?
7F2) [68]. Complexes 11–Eu and 11–Tb show red and green

emission, which displayed a selective sensing of Pi through 95 and 98%

fluorescence quenching over other anions such as CH3COO
-, NO3

-, and SO4
2-.

A strong fluorescence quenching was also observed in the case of NO2
-, ATP,

ADP, and AMP. The same selectivity was observed in the case of the bis-imine-

substituted phenanthroline-based Eu complex reported previously [58]. Both

complexes were shown to be useable as a cell-staining reagent to monitor

phosphates present in biological membranes, as demonstrated in the case of the

green microalga (Chlorella vulgaris CCNM 1017).

2.2.2 PPi Sensing

Kim and co-workers [69] reported a 1,8-naphthalimide–DPA–Zn (II) complex 12–
Zn (Table 4) as a PPi-selective fluorescence Turn-OFF probe. The sensor 12–Zn
exhibits significant fluorescence quenching upon binding to both PPi (approx. 52%)

and ATP (approx. 31%) over other anions in 95% aqueous solution containing

CH3CN. However, the binding of PPi induced a blue shift (approx. 23 nm), while a

blue shift was not observed in the case of ATP. In contrast to the bis[DPA–Zn(II)]

complexes discussed in other reports [70–72], where binding to PPi generally

involved two Zn(II) ions, time-dependent DFT calculations at the level of B3LYP/6-

31G (d) suggests that only one of the DPA–Zn(II) centers in 12–Zn binds directly to

PPi. However, no experimental data to support the proposed binding mode between

12–Zn–PPi complex was provided in the study [69]. Molecular orbital studies

predict that available electron density in either of the chelating moieties may

participate in PET, which causes fluorescence quenching in the ligand. Binding of

Zn2? with chelating moieties eliminates the available electron density from the

chelating moieties in 12 and, therefore, PET is not possible in the 12–Zn complex.

Upon binding with PPi, the photo-induced charge transfer occurs from negatively

charged PPi to either the DPA unit or a fluorophore moiety. A biological application

was also attempted, namely, to monitor intracellular PPi by addition of 12–Zn to

C2C12 cells with exogenous PPi.

Wu et al. [70] demonstrated a PPi selective BODIPY-based fluorescence probe

13–Zn complex (Table 4) and its imaging in a living RAW264.7 cell line.

Fluorescence quenching with 10-nm blue shift was observed upon the addition of

PPi, whereas the other anions, including nucleoside polyphosphate (NPP), caused
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Table 4 Inorganic pyrophosphate sensors based on coordination chemistry

Chemical structures Fluorescence sensing properties

Proposed sensing mechanism

Binding 
stoichiometry

(Sensor:PPi)

Binding constant 

(Solvent system)

Applications Ref.

Emission OFF (~ 52% at 504 
nm)

λex = 360 nm

PET/PCT

NA NA

(CH3CN-20 mM 
HEPES, pH 7.4, 
5/95 v/v)

Fluorescence 
imaging using 
C2C12 cells 
with 500 and 
1000 eq. 
exogenous 
PPi. 

[69]

Emission OFF (~ 72% at 549 
nm)

λex = 465 nm)

NA

1 : 1 6.9 x 104 M-1

(CH3OH-5 mM 
HEPES, pH 7, 
1/49 v/v)

Fluorescence 
imaging using 
RAW264.7 
cells with 
Zn2+ followed 
by 1 eq. 
exogenous 
PPi

[70]

Emission ON (~ 4-fold at 383 
nm)

λex = 316 nm

PET

1:1 6.7 x 105 M-1

(CH3OH-10 mM 
HEPES, pH 7.4, 
1/99 v/v)

Fluorescence 
imaging using 
HeLa cells 
with 2 eq. 
exogenous 
PPi

[71]

Emission OFF (~ 90% at 385 
nm)

λex = 290 nm

Dimer formation

1:2 > 106 M-1

(25 mM HEPES, 
pH 7.4)

NA [73]

Emission ON (~ 21-fold at 368 
nm)

λex = 302 nm

ESICT

NA 6.22 log unit

(20 mM MOPS, 
pH 7.4)

NA [74]

Emission ON (~ 500-fold at 591 
nm)

λex = 440 nm

NA

3:1 NA

(10 mM HEPES, 
pH 7.4)

Fluorescence 
imaging of 
HeLa cells 
without 
addition of 
exogenous  
PPi.

Hydrogel 
coated paper 
strips for PPi

[75]

kex excitation wavelength, NA not available
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only minor fluorescence quenching or even induced a slight increase in fluorescence

emission in a water–methanol mixture. 1H-NMR spectroscopy and DFT calculation

suggested that Zn2? binding occurs mainly through the four nitrogens at the N,N-

di(pyridin-2-ylmethyl)-ethane-1,2-diamine substituent and confirmed the binding of

PPi with the 13–Zn complex. These observations indicate that PPi binding to the

Zn2? results in weaker binding between 13 and Zn2?. Living cell imaging using the

RAW264.7 cell line showed that the green fluorescence of the BODIPY-based 13–
Zn complex disappeared when 1 eq. of PPi was applied.

The Zn complex of 1,10-bi-2-naphthol bearing DPA units 14 (Table 4) that make

PPi visible was investigated by Li, Yu, and their coworkers [71]. A fluorescence

enhancement of 14 at 383 nm in 1% methanol/HEPES buffer was observed upon

the addition of Zn2? due to the suppression of PET from the lone pair of electrons

on the DPA group. The fluorescence of the 14–Zn complex was subsequently

increased by approximately fourfold with the addition of PPi, wherein the intensity

was saturated at 0.3 eq. Among the other anions tested, ATP was found to also

enhance the fluorescence of 14–Zn, and the selectivity coefficient for PPi and ATP

was calculated to be 4.1/2.8, suggesting that the enhancement is dependent on both

the bulkiness of the organic moiety and the number of phosphates. When the

concentration of the 14–Zn complex was raised from 1.0 9 10-5 to 2.5 9 10-3 M

it was possible to detect the recognition of anions by the naked eye through

precipitation formation. The formation of small particles (0.8–1.3 lm), observed by

scanning electron microscopy (SEM), indicated that 14 was uniformly dispersed in

the solution, due to its poor solubility in the HEPES solution, but that upon the

addition of Zn2? to the system, the solution became clear and no small particles

(turbidity) were observed. Once PPi was added, rough and scaly solids with large

surfaces were observed which confirmed the interaction between the 14–Zn
complex and PPi. The fluorescence imaging was demonstrated in HeLa cells treated

with 14, followed by Zn2?/pyrithione and PPi.

König and Hamachi’s group [73] reported a rigid luminescent bis-Zn(II)-bis-

cyclen complex 15–Zn specific for PPi (Table 4) in a completely aqueous solution.

15–Zn displayed a strong fluorescence quenching which could arise from a similar

dimerization resulting in p–p stacking interactions of planar benzene–triazine

moieties. Electrospray ionization mass spectrometry (ESI-MS) measurement of the

complex in the presence of an excess amount of PPi showed that the major species

for the complex corresponded to the receptor/PPi = 1:2 complex, and the presence

of a dimer of the complex 15–Zn with PPi was clearly observed, enabling the

isotope distribution to be compared with the predicted one.

Mateus, Delgado, and their coworkers [74] investigated a Zn complex of

diethylenetriamine-derived macrocycle 16–Zn, bearing 2-methylquinoline arms and

containing m-xylyl spacers (Table 4). At pH 7.4, the ligand exhibits almost no

fluorescence emission. Single-crystal X-ray diffraction studies indicated that the

ligand is bound to each Zn center by three nitrogen atoms of a diethylenetriamine

subunit and a quinolyl nitrogen atom, and the metal coordination sphere is

completed by the binding of oxygen atoms of carbonate anions. Upon the addition

of 1 eq. of PPi to 16–Zn, a remarkable 21-fold enhancement of the fluorescence

intensity at 368 nm was observed. The increase in fluorescence quantum yield of the
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complex can be attributed to a significant increase of the radiative decay constant of

the complexed quinoline fluorophore. Further addition of PPi caused a decrease in

fluorescence intensity, which may be ascribed to the removal of Zn2? from the

complex by the PPi anion. No further fluorescence change was observed in the

presence of 1 eq. of the other anions studied, including Pi, NPPs, and phenyl

phosphate, indicating that the 16–Zn receptor acts as a selective fluorescent sensor

for PPi which leads to an important effect on excited-state intramolecular charge

transfer (ESICT) in the quinoline ring. The selectivity of the 16–Zn complex is most

likely related to a steric hindrance effect caused by the bulky quinoline pendant

arms.

In 2014 a long wavelength detection of PPi using a simple terpyridine–Zn2?

complex 17–Zn (Table 4) was reported byRissanen et al. [75]. The crystal structure of

the 17–Zn complex confirmed the formation of the 1:1 metal complex in which Zn2?

adopts a distorted trigonal bipyramidal N3Cl2 coordination. The 17–Zn complex

demonstrated an extraordinary sensitivity because the probe was able to detect PPi at

nanomolar level with the lowest limit of detection of 0.8 nM, while the sensitivity of

the other probes was invariably limited to micromolar levels. Although the unusual

binding stoichiometry of 1:3 (PPi: 17–Zn)was confirmed unambiguously by a Job plot

analysis and the binding constant of the 17–Zn and PPi was not available, a bright

orange–yellow emission of 17–Zn–PPi was imaged in a single HeLa cell due to the

excellent sensitivity of the receptor. Almost the entire cell could be mapped for PPi,

even regions with minimal PPi concentrations (Fig. 5). The maximum emission

intensities were recorded at the nuclei, and emissions were also observed from the

membranous cytoplasmic structures. The receptor is highly suitable formonitoring the

biological events occurring in a single cell.

3 Molecular Sensors Based on New Sensing Mechanisms and Their
Applications

Recently, several alternative approaches to Pi/PPi sensing involving metal

displacement, aggregation-induced emission or quenching, and chemical reactions

have emerged as simple and convenient techniques with high sensitivity. In contrast

to sensing based on supramolecular chemistry such as hydrogen bonding or

coordination chemistry, when the maximum fluorescence change can be recorded

with a time resolution in the order of seconds, the kinetics of reaction/displacement

assay-based sensing strongly depends on the nature of reaction, which is several

seconds in some cases [76] while in other cases it can be very slow and more than 1

h is required to reach the highest fluorescence change [77].

3.1 Displacement Assay

In this approach, a specific metal complex is designed such that Pi/PPi has a

stronger affinity for the metal ion, resulting in displacement of the metal upon Pi/PPi

binding which induces a change in fluorescence (Fig. 6). Most of the metal

displacement sensors demonstrate a good reversibility because the addition of the
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metal ion can reverse the process of sensing. Another approach is the indicator

displacement assay (IDA) in which an indicator is allowed to bind reversibly to a

receptor in the first step. Pi/PPi with a strong affinity to the sensor is subsequently

introduced into the system, causing the displacement of the indicator from the

receptor, which in turn modulates the sensing unit (Fig. 6). IDA has become a

popular method for converting almost any synthetic receptor into an optical sensor

along the lines originally developed by Anslyn et al. [78, 79].

3.1.1 Pi Sensing

Meng, Zhang and their co-workers [80] investigated the fluorescein bearing

2-[(pyridin-2-yl-imino)methyl]phenol moiety 18–Fe complex (Table 5) as a recep-

tor for the highly selective detection of Pi in THF-HEPES buffer mixture. The

fluorescence emission of the 18–Fe3? complex was completely quenched, which

could be ascribed to the paramagnetic quenching effect of Fe3? and/or MLCT. The

ligand 18 displayed a high affinity to Fe3? (Ka = 1.40 9 106 M-1) over Cu2? and

other metal ions. The specific interaction between Pi and the 18–Fe3? complex led

to the liberation of fluorophore 18, and thus the fluorescence was approximately 9.6-

fold recovered when 18 eq. Pi was added. The 18–Fe3? complex showed a

negligible fluorescent response upon the addition of diverse anions but rather

displayed reasonable performance (less than fourfold) with other polyphosphate

species, including NPP and PPi. Studies on the quantitative deposition of 18 in

MDA-MB-231 cells and its fluorescence ‘‘ON–OFF–ON’’ response in living cells

were conducted using a flow cytometer. Staining of the Pi-pretreated MDA-MB-231

and U-343 MGa cells with the 18–Fe3? complex resulted in bright intracellular

fluorescence images showing that 18 is able to display a fluorescence Turn-ON

response to Pi in the living cells.

Fig. 5 Confocal fluorescence
microscopy image of HeLa cells
incubated with probe 17–Zn
(50 lM). Reprinted with
permission from Bhowmik et al.
[75]. Copyright 2014 American
Chemical Society
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Another report of metal displacement assay in CH3OH was demonstrated by Hu,

Ju, and their coworkers [81] in 2015. A steroid-coumarin conjugate 19 (Table 5)

displayed a significant fluorescence quenching only in the presence of 9 eq. Cu2?

Fig. 6 Schematic overview of fluorescent sensors utilizing the metal and indicator displacement assay
for the specific binding toward phosphate (P). M Metal

Table 5 Displacement assays specific to inorganic phosphate

Displacement assays Fluorescence sensing properties

Proposed sensing mechanism

(solvent system)

Applications Ref.

Emission ON (~ 10-fold at 515 nm)

λex = 430 nm 

Paramagnetic quenching effect of 
Fe3+ and/or MLCT

(THF-20 mM HEPES, pH 7.4, 3/7 
v/v)

Fluorescence 
imaging using 
MDA-MB-231 and 
U-343 MGa cells 
treated with 30/100 
eq. Pi. 

Flow cytometry 
analysis of MDA-
MB-231 cells 
treated with 30 eq. 
Pi

[80]

Emission ON (~ 4-fold at 405 nm)

λex = 290 nm 

PET

(CH3OH)

Molecular logic gate [81]

Emission OFF (~ 80% at 450 nm)

λex = 365 nm 

PET

(CH3OH)

Molecular logic gate [82] 
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via PET resulting from the excited coumarin fluorescence in the presence of Cu2?

ions [67]. Furthermore, a 1:2 binding complex between the 1,2,3-triazole motif of

19 and the Cu2? ion was shown using UV–Vis titration and ESI MS. When

2.0 eq. H2PO4
- ion was added, the absorption curve showed a dramatic change and

almost reversed to the state of free compound 19, suggesting the removal of Cu2?

ion from the complex by H2PO4
- anion. Conversely, there was no change in

fluorescence in the presence of other anions, including F-, Cl-, Br-,I-, CH3COO
-,

NO3
-, and HSO4

-. The Turn-ON recognition ability in fluorescence for histidine

was also observed as a result of the release of the free 19 after Cu2? was removed

from the complex to form a stable Cu–histidine complex due to the universal

interaction between Cu2? and amino acids. Its application as a molecular logic gate

was studied with Cu2? and H2PO4
- as input signals and the fluorescence intensity at

405 nm as output. The same research group also reported steroid–salen conjugate 20
for Zn ion recognition and cascade recognition for H2PO4

- in CH3OH, showing the

logic gate properties of Zn2? and H2PO4
- [82].

3.1.2 PPi Sensing

Li, Yu, and their coworkers [83] investigated a Cd(II)-terpyridine-based complex

21–Cd (Table 6) as a reversible ratiometric fluorescent probe for PPi detection in

CH3CN solution. The ligand has strong fluorescence emission at 421 nm, and there

was a new emission peak at 553 nm upon the addition of Zn2? (I553/I421 = 10) or

Cd2? (I553/I421 = 30) that did not respond to Li?, Na?, K?, or Ca2? in CH3CN. The

red shift of the fluorescence emission of the ligand after coordination with Cd2? can

be ascribed to the electron-donating ability of the anthracene group, which causes

ICT from the anthracene to the Cd(II)-coordinated terpyridine (see structure in

Table 6). The 2:2 binding stoichiometry of the ligand and Cd2? was verified by a

single-crystal structure analysis and mass spectrometry. Upon the addition of PPi to

the 21–Cd complex in CH3CN solution, the ratio of the I431/I560 increased from 0.26

to 7.46, whereas the addition of ATP increased this ratio only from 0.26 to 2.66. The

fluorescent titration, UV–Vis absorption, and high-resolution mass spectrometry

results suggested that PPi could completely de-complex the 21–Cd and liberate the

ligand. This ratiometric sensing behavior of red and blue shifts upon addition of

Cd2? followed by the addition of PPi in fluorescence emission was reversible over

five successive cycles. Finally, Li et al. [83] demonstrated the confocal fluorescence

imaging of 21–Cd complex with PPi in living RAW264.7 cells.

Zhu et al. [84] reported a near-infrared (NIR) fluorescent Turn-ON sensor 22–Cu
complex, which employs dicyanomethylene-4H-chromene as the fluorophore and

the iminodiacetic acid group as the receptor (Table 6), for the selective detection of

PPi in aqueous solution. Since a-amino acid shows a good chelating property

toward Cu2? [85], the incorporation of a lithium iminodiacetate group in 22 has a

double effect, namely, the coordination ligand and the improvement of water

solubility. There was no significant change in the fluorescence emission in the

presence of other metal ions—only the addition of 5 eq. Cu2? resulted in an obvious

decrease in fluorescence. Job plots and mass peak analysis revealed that 22 forms a

2:1 complex with Cu2?. Meanwhile, the fluorescence intensity in the NIR region of
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Table 6 Displacement assay specific to inorganic pyrophosphate

Displacement assays Fluorescence sensing properties

Proposed sensing mechanism

(solvent system)

Applications Ref.

Metal displacement assay

Ratiometric emission blue-shift
(F431 nm/F560 nm)

λex = 326 nm 

ICT

(CH3CN-10 mM HEPES, pH 7.4, 
1 /1, v/v)

Fluorescence 
imaging  in 
RAW264.7 cells 
treated with Cd2+

followed by PPi

[83]

Emission ON (~4.6-fold at 675 
nm)

λex = 450 nm 

NA

(10 mM MOPS, pH 7.0)

Fluorescence 
imaging of to KB 
cells (human 
nasopharyngeal 
epidermal 
carcinoma cell) 
supplemented 
with 3 eq. PPi

[84]

Emission OFF (~complete 
quenching at 480 nm)

λex = 350 nm 

ICT

(CH3OH-1 mM HEPES, pH 7.4, 
3/2, v/v)

Molecular logic 
gate

Detection of DNA 
amplification

Estimation of 
bacterial cell 
numbers through 
PCR

[86]

Indicator displacement assay

Emission ON (~30-fold at 465 
nm)

λex = 380 nm

Association and dissociation of 
the indicator with 24-Cu complex

(10 mM HEPES, pH 7.0)

Monitoring 
hydrolysis of PPi 
catalyzed by 
pyrophosphatase

Detecting PPi 
released during 
PCR

[87]

Emission ON (~8-fold at 480 nm)

 λex = 347 nm 

Association and dissociation of 
the indicator with 25-Zn complex

(5 mM HEPES, pH 7.4/saline 
solution/Krebs buffer solution)

NA [88]

kex excitation wavelength, NA not available
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675 nm was obviously enhanced and finally stabilized upon the addition of 15 eq. of

PPi. The associated color change can be easily differentiated by the naked eye

(Fig. 7). Here, the fluorescence can not be recovered to the original intensity of 22,
which indirectly indicates that PPi does not form a sufficiently strong complex to

completely remove Cu2? from the 22–Cu complex. To test its usefulness in a

biological context, the sensor 22–Cu was then applied to KB cells (human

nasopharyngeal epidermal carcinoma cell) supplemented with 3 eq. PPi and

monitored.

A diformyl–quinoline-based reversible receptor 23 (Table 6) prepared by

Ramesh, Das, and coworkers [86] exhibits selective fluorometric enhancement

upon the addition of Zn2? in methanol aqueous solution. It is possible that the weak

fluorescence of 23 is a consequence of ICT and free rotation around the azomethine

(C=N) carbon, which brings flexibility within the ligand. In the presence of Zn2?,

23–Zn forms a rigid phenoxo-bridged binuclear Zn complex which restricts the free

rotation around the azomethine carbon, thus inhibiting the ICT process, which

results in enhancement of fluorescence intensity. The formation of the binuclear

phenoxo-bridged metal complex 23–Zn provides an anion binding site in each of the
metal centers. The complete quenching of fluorescence was selectively observed

toward PPi, while other monovalent anions and NPP showed negligible response.

Job’s plot and ESI–MS data revealed a 1:1 binding stoichiometry between the 23–
Zn complex and PPi, and the apparent association constant was determined to be

1.76 9 104 M-1. The change in the emission spectrum of the 23–Zn complex upon

the addition of PPi can be understood by considering the strong binding affinity of

PPi toward Zn2?, resulting in the release of free ligand in solution. Application of

23 as a molecular logic gate with two inputs (Zn2?, PPi) and one output (emission

intensity at 480 nm), and the detection of DNA amplification by PCR assay were

demonstrated. The estimation of bacterial cell numbers by indirect measurement of

PPi generated from the PCR reaction of the bacterial 16s rRNA universal primer

was also performed in vitro.

Fig. 7 Photographic images observed of the 22–Cu complex (10-4 M) with the addition of inorganic
pyrophosphate (PPi) at 5 eq. a Color change, b fluorescence emission change irradiated at 365 nm by a
portable fluorescent lamp. Reproduced from Zhu et al. [84] with permission of The Royal Society of
Chemistry
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A dinuclear-copper(II) complex 24–Cu (Table 6) with two ammonium arms

based on bis-2-[(pyridin-2-ylmethylamino)methyl]phenol as the coordinated unit

was reported by Xie, Chen, and coworkers [87] in 2016. Using esculetine as a

fluorescent indicator, IDA was carried out to obtain the high affinity with PPi over

other anions in 10 mM HEPES buffer (pH 7.0). A fluorescence quenching of

esculetine at 465 nm was observed upon the addition of 1 eq. of the 24–Cu
complex. With the addition of PPi, the fluorescence of the solution containing 24–
Cu–esculetine was recovered, indicating the liberation of esculetine from the

ensemble. The ensemble of 24–Cu–esculetine was successfully applied to moni-

toring the hydrolysis reaction of PPi and the released PPi from the PCR process,

exhibiting its potential application in enzyme activity screening and DNA

sequencing.

A family of cyclic peptide receptors bearing the DPA–Zn complex highly

selective to PPi was investigated by Butler and Jolliffe [88] using indicator

displacement assays in water, saline solution, and Krebs buffer. All receptors

strongly bound the coumarin-based indicator, but hexapeptide scaffold receptor 25–
Zn (Table 6) had the highest affinity toward the indicator and PPi, with log Ka

values of 7.3 and 9.8, respectively. The DPA–Zn unit was capable of quenching the

fluorescence of the coumarin sulfonate derivative [89, 90], and the addition of

1 eq. of PPi resulted in almost complete restoration of its fluorescence intensity

while the addition of ATP or ADP resulted in fourfold and 3.5-fold fluorescence

enhancements, respectively. On the other hand AMP, cAMP, phosphoserine,

phosphotyrosine, Pi, and the polycarboxylates acetylglutamate and Ac-Glu-Gly-Glu

were not able to displace the indicator from the receptor to an appreciable extent.

The enhanced selectivity of the 25–Zn complex observed for PPi in the routinely

used Krebs physiological buffer solution ensures the further development of 25–Zn
complex in a biological assay for PPi.

3.2 Aggregation Induced Emission and Quenching

Some organic molecules that are almost nonfluorescent in solution, exhibit a high

capability to emit a strong fluorescence upon aggregation (Fig. 8). This exciting

fluorescence phenomenon was first noted by Tang et al. [91] in 2001 from a solution

of 1-methyl-1,2,3,4,5-pentaphenylsilole. They referred to this phenomenon as

aggregation-induced emission (AIE) and subsequently showed that the restriction of

intramolecular rotation (RIR) in the aggregates was the main cause of AIE

phenomenon. Unhindered intramolecular rotation of AIE molecules under the free

state leads to efficient nonradiative decay of the corresponding excited states,

making them nonemissive. In view of such interesting fluorescence behaviors, AIE

phenomenon have been successfully utilized to design sensitive and selective

chemosensors suitable for the detection of PPi in living cells.

Chao and Ni [92] reported a terpyridine–Zn complex 26–Zn (Table 7) for

selective nanomolar PPi detection over ATP and ADP in DMSO aqueous mixture

based on AIE and ICT. Complex 26–Zn bears a donor–acceptor (D–A) structure in

which the carbazole group is the donor and the terpyridine–Zn part is the acceptor;

therefore, an ICT effect was observed. In fact, terpyridine–Zn complexes bearing
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the D–A structure displayed different emission in solvents with various polarities,

and especially weak emission was found in aqueous solution due to the strong

polarity of water. When the terpyridine–Zn–PPi ensemble (3:1 binding mode)

formed nanoaggregates with an average particle size of about 300 nm, as confirmed

by dynamic light scattering (DLS), SEM and transmission electron microscopy, the

quenching effect caused by a polar solvent, such as water, can be inhibited

efficiently, leading to the strong emission at 515 nm, which is known as AIE. Other

anions, including Pi, led to negligible changes for the emission of 26–Zn but NPP

induced less effects on the emission than PPi. The sensor 26–Zn has been

successfully employed for nucleus staining in living HeLa cells (Fig. 9).

A tetraphenylethylene imidazolium macrocycle 27 (Table 7) was reported to be a

selective fluorescence Turn-ON sensor of PPi by Zheng et al. [93] in 2015. This

positively charged macrocycle showed a maximum AIE effect in DMSO aqueous

mixture, in the presence of a half eq. of Zn2? with 2.4 eq. of PPi, while other

common inorganic anions gave almost no response. In the presence of Zn2?, the

UV–Vis titration of 27 with PPi was very similar to that of 27 without Zn2?,

indicating that the metal ions did not directly interact with the macrocycle but only

with the PPi. The association constant of the complex, according to a 1:1 molar ratio

between 27 and PPi, as confirmed by ESI MS, was calculated to be

1.41 9 104 M-1. The crystal structure of 27 indicates that the distance between

the nitrogen atoms of each imidazolium unit was approximately 5.836 Å, while the

longest distance between the oxygen atoms of each phosphate unit of PPi was

5.36 Å. Therefore, the cavity of 27 is composed of two imidazolium units and is

suitable for the inclusion of one molecule of PPi to form a 27–PPi complex, driven

by an electrostatic attraction. In the presence of Zn2?, the two component 27–PPi
complex was transformed into a five component (27–PPi)4–Zn complex due to one

Zn cation being coordinated by two 27–PPi complexes. With continued coordina-

tion, an aggregate of (27–PPi)4–Zn complexes formed, with the average diameter of

Fig. 8 Schematic overview of the sensors working in aggregation-induced emission and aggregation-
induced quenching in combination with displacement assay upon binding with phosphate (P). M Metal
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aggregates being up to 2800 nm as confirmed by DLS; therefore, the strong

fluorescence was probably due to a RIR mechanism [94].

Another AIE fluorescence mechanism using 5-chlorosalicylaldehyde azine 28
induced by Cu2? (Table 7) followed by PPi was reported by Tong et al. [95] in

2015. The structure of salicylaldehyde azine derivatives provided the AIE

characteristic, as well as the potential chelating sites for metal ions [96, 97].

Compound 28 showed a strong fluorescence in the DMSO volume fraction range of

10–50%, which was considered to be AIE fluorescence in its aggregated state. In

contrast, in a high DMSO volume fraction range of 70–90%, a weak fluorescence

Table 7 Aggregation induced emission/quenching specific to inorganic pyrophosphate

Chemical structures Fluorescence sensing properties

Proposed sensing mechanism

(solvent system)

Applications Ref.

Aggregation induced emission

Emission ON (~ 4500-fold at 515 nm)

λex = 400 nm

RIR/ICT

(DMSO-10 mM HEPES, pH 7.4, 3 /7 v/v)

Nucleus 
staining in 
HeLa cells

[92]

Emission ON (~ 25-fold at 472 nm)

λex = 347 nm 

RIR

(water containing 0.5% DMSO)

NA [93]

Emission ON (~ 40-fold at 570 nm

λex = 388 nm 

RIR

(DMSO-10 mM Tris-HCl, pH 7.0, 2/8 v/v)

Analysis of 
PPi in a fetal 
bovine serum 
sample

[95]

Aggregation induced quenching

Emission ON (~ 318-fold at 529 nm)

λex = 500 nm

AIQ/self-quenching of the xanthene 
fluorophore in the aggregated state

(CH3OH-25 mM MES, pH 6.8, 1/1 v/v)

Detection of 
viral infection
using nucleic 
acid 
amplification 
reaction

[76]

kex excitation wavelength, NA not available
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was observed due to the free rotation of N–N single bond in solution state.

According to DLS data, the mean diameter of the fluorescent aggregates of 28 was

533.5 nm. The addition of Cu2? considerably reduced the size of the fluorescent

aggregates to 279.4 nm, which might be due to the better solubility of the 28–Cu
complex. The addition of PPi led to the generation of fluorescent aggregates once

again, with a mean size of 506.0 nm, which was close to that of 28 in the same

solvent system. The fluorescence response of ADP and ATP was 25% and nearly

100%, respectively, of that of PPi. Negative charges at neutral pH for these NPPs

were supposed to be responsible for their coordinating ability with Cu2?. An

application to the analysis of PPi in a protein removed from 50-fold diluted fetal

bovine serum sample was also demonstrated.

On the other hand, a unique combination of displacement assay and aggregation-

induced quenching (Fig. 8) was first introduced by Ojida and Wongkongkatep et al.

[76] in 2014. The xanthene probe–Ce3? complex 29–Ce (Table 7) was reported as a

selective fluorescence sensor of PPi in methanol aqueous solution. The 29–Ce
complex forms an aggregated polymer through bridging coordination interactions

between 29 and Ce3? ions; therefore the large fluorescence decrease of 29 upon

complexation with Ce(NO3)3 is ascribed to self-quenching of the xanthene

fluorophore in the aggregated state and the quenching effect of the coordinated

Ce3? ions. When PPi was added to a solution of the 29–Ce complex, its fluorescence

increased drastically (I/I0 = 318) upon addition of over 20 eq. PPi. ESI–MS

showed that 29 mainly exists as the free ligand in the presence of 20 eq. PPi,

indicating that coordination exchange occurs between 29–Ce and PPi to form a

Ce3?–PPi complex and to liberate the fluorescent ligand 29. Other phosphate

species, including NPP, and other oxoanions scarcely induced an increase in

Fig. 9 Confocal fluorescence images of HeLa cells incubated with 26-Zn (5 9 10-6 M) for 30 min and
then further incubated with 40,6-diamidino-2-phenylindole (DAPI; 5 9 10-6 g mL-1) for 10 min. The
blue channel for DAPI excited at 405 nm and the green channel for 26–Zn excited at 488 nm. Scale bar:
20 lm. This work is licensed under a Creative Commons Attribution 4.0 International License
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fluorescence except for Pi (I/I0 = 28) and uridine-50-triphosphate (I/I0 = 30). The

fluorescence detection of DNA polymerase-catalyzed nucleic acid amplification by

the loop-mediated isothermal amplification method for viral infection diagnosis

using the 29–Ce complex was demonstrated (Fig. 10).

3.3 Chemical Reactions

Not only molecular recognition, but the binding interaction between host and guest

molecules can be based on an irreversible formation of a covalent bond. Such

indicators are described as a chemodosimeter [98]. Chemodosimeters require at

least two functional units, namely, the reaction site, where the host binds to the

analyte covalently, and the sensing unit, which is dependent on the interaction with

the analyte. The analyte reacts with the sensor to create a new molecule with

different optical properties (Fig. 11). Because of their high sensitivity and

selectivity, the design, synthesis, and application of chemodosimeters in lumines-

cence bioimaging of Pi/PPi have attracted increasing attention and become an active

research field.

3.3.1 Pi Sensing

Zhou et al. [99] reported the fluorescence properties of compound 30 containing an

oxalate moiety linked via an ester bond to the hydroxyl group of coumarin

fluorophore. The selective reaction of 30 toward Pi led to the cleavage of the ester

bond and liberation of the fluorophores (Table 8). This unique Pi-induced hydrolytic

reaction was effective in DMSO–HEPES buffered solutions that produce a

colorimetric change associated with a 62-nm red-shift in the UV–Vis absorption

maximum and up to a 780-fold enhancement in the fluorescence intensity; in

contrast the addition of uridine monophosphate (UMP) and guanosine monophos-

phate (GMP) to solutions of 30 resulted in minor fluorescence enhancement (UMP

5.3-fold, GMP 3.6-fold), while common other anions, including NPP, cysteine,

glutathione, and glutamic acid did not promote any change in emission. DFT

calculations depicted the energy changes occurring in the hydrolytic reaction to be

about -19.3 kJ. Mass spectrometry analysis of a mixture of 30 and 100 eq. of Pi in

DMSO–HEPES buffer after stirring for 12 h contained a peak at m/z 151.08

corresponding to the cyclic diphosphate (Table 8). Fluorescence imaging studies

were carried out using HeLa cells and Caenorhabditis elegans with the addition of

4 eq. exogenous Pi, or ATP and apyrase. A clearly detectable bright blue

fluorescence was emitted, indicating the increase in endogenous Pi as a result of

ATP hydrolysis catalyzed by Apyrase. Another application was performed using

Sf9 adherent cells derived from Spodoptera frugiperda pupal ovarian tissue and

treated with innexin 2 or 3 as an apotosis inducer. Treatment of Sf9 cells with 30
and innexin 3 in the absence of Apyrase resulted in a clearly detectable fluorescent

image, thereby demonstrating that innexin 3 caused dephosphorylation of Akt

(protein kinase B) in hemichannel-closed cells that led to apoptosis.
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Fig. 10 a Mechanism of the fluorescent loop-mediated isothermal amplification (LAMP) assay using the
29–Ce complex. b Changes in fluorescence of the 29–Ce complex upon addition of the LAMP reaction
solution. Each reaction was conducted in the presence of 0 (A), 2 (B), 20 (C), 200 (D), and 1000
(E) copies of white spot syndrome virus plasmid DNA. Conditions [29]: 5 9 10-6 M, 0.27 mM
Ce(NO3)3, 25 mM MES (pH 6.8)–CH3OH (1:1), 25 �C, kex = 500 nm. The y-axis indicates the ratio of
the fluorescence increase of each sample [(F - Fc)/Fo], where F, Fc, and Fo are the fluorescence intensity
of the reaction sample, of the control reaction sample without plasmid, and of the solution of the 29–Ce3?

complex, respectively. c Photographs of solutions of the 29–Ce complex upon addition of LAMP reaction
solutions. Adapted from Kittiloespaisan et al. [76] by permission of The Royal Society of Chemistry

Fig. 11 Schematic overview of the reaction-based sensing mechanism. M Metal, O covalently bound
oxygen, P phosphate
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3.3.2 PPi Sensing

Zelder et al. [100] reported a metal disassembly strategy concurrent with reaction

for imaging endogenous PPi in the mitochondria of HeLa cells by using the square

pyramidal Fe3?–salen complex 31 (Table 8). Non-fluorescent 31 displayed an

approximately 36-fold increase in emission intensity upon the addition of PPi in

aqueous solution (pH 7.4), with a saturation of the intensity at approximately

25 min. Minor increases in emission were observed following the addition of NPP

and Pi, but no other anions showed any effects. UV/Vis spectroscopy suggested that

the presence of PPi led to a disappearance of the MLCT band of 31. Job plot

analysis indicated a 2:1 stoichiometry for the reaction between 31 and PPi at

physiological pH, and an equilibrium constant value (log K) of 7.06 ± 04 was

calculated. The reaction-based release of fluorescent salicylaldehyde upon

Table 8 Sensing through reactions specific to inorganic phosphate/inorganic pyrophosphate

Chemical reactions Fluorescence sensing properties

Proposed sensing mechanism

(solvent system)

Applications Ref.

Emission ON (~ 780-fold at 
455 nm)

λex = 385 nm

NA

(DMSO-0.02 M HEPES, pH 
7.4, 9/1 v/v)

Bioimaging using HeLa cells and C. 
elegans treated with exogenous 4 eq. 
Pi or 4 eq. of ATP + apyrase

Bioimaging of Sf9 adherent cells 
treated with innexin 2 or 3 
with/without apyrase

[99]

Emission ON (~ 36-fold at 500 
nm)

λex = 350 nm

MLCT

(10 mM Tris, pH 7.4)

Fluorescence imaging of engeneous 
PPi in mitochondria of HeLa cells
incubated with the ANK protein 
inhibitor probenecid.

[100]

Emission ON (~ 55-fold at 523 
nm)

λex = 488 nm

Binding-induced recovery of 
the conjugated form of the 
xanthene fluorophore

(50 mM HEPES, 10 mM NaCl,
1 mM MgCl2, pH 7.4)

Fluorescent staining of intracellular 
ATP storage in live Jurkat cells [101]

Fluorescent assay of hydrolysis 
pathway of diadenosine 
tetraphosphate [102]

Organelle-localized multicolor 
fluorescence probes useful for 
imaging of NPP dynamics in living 
cells [103]

Detection of nucleic acid 
amplification reaction useful for
diagnosis of viral infection [104] 

Detection of pathogenic spore-
forming bacteria through the 
intracellular ATP pool [105]

Visualization of red blood cell CR1-
mediated ATP release [106]

[101-
106]
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disassembly of 31 in the presence of PPi was confirmed with ESI MS, and the

fluorescence properties of salicylaldehyde were compared with the reaction mixture.

A reversible covalent bond destruction leading to a change in optical properties

of the sensing unit upon specific binding to the target molecule is also possible

(Fig. 11). This unique sensing mechanism was first noted by Ojida and Hamachi

et al. [101] and was used for an excellent design of a Turn-ON fluorescent PPi/

NPP sensor. Sensor 32 comprises two DPA–Zn moieties as a binding motif for the

PPi and the xanthene fluorophore as a sensing unit (Table 8). In the absence of

PPi/NPP, the bridging water between the two Zn2? centers attacked the ring of

xanthene fluorophore breaking down a fluorescent p-conjugated ring under a wide

pH range of 6–9 in 100% aqueous solution. Upon molecular recognition of PPi/

NPP by the two Zn centers, the coordination geometry was modulated as the

attacking water was removed to recover the fluorescent xanthene conjugated ring

(Fig. 12).

It should be noted that this novel reversible mechanism is a result of the good

cooperation between the chemical reaction and coordination chemistry which

demonstrates a high potential for several bioanalytical applications, including

fluorescent staining of intracellular ATP storage in live Jurkat cells [101],

fluorescent assay of the hydrolysis pathway of diadenosine tetraphosphate [102],

organelle-localized multicolor fluorescence probes useful for imaging of NPP

dynamics in living cells (Fig. 13) [103], detection of nucleic acid amplification

reaction useful for viral infection diagnosis [104], detection of pathogenic spore-

Fig. 12 Schematic illustration of a combination between chemical reaction and coordination chemistry
as a reversible destruction of the covalent bond between bridging oxygen and xanthene ring results in a
unique sensing mechanism of inorganic inorganic pyrophosphate (PPi)/nucleoside polyphosphate
achieved by compound 32

Fig. 13 Confocal fluorescence analysis of HeLa cells stained with green 32 bearing a biocompatible
anchor for membrane unit and pink 32 with a positively charged pyronin ring. Reprinted with permission
from Kurishita et al. [103]. Copyright 2012 American Chemical Society
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forming bacteria through the intracellular ATP pool [105], and fluorescent

visualization of red blood cell complement receptor 1-mediated ATP release [106].

4 Conclusion

In this review we have summarized how small molecular sensors turn their

fluorescence ON or OFF in response to organophosphates, including Pi and PPi as

well as potential applications. Hydrogen bonding interaction is quite useful for

sensing in organic solvent where the hydration energy is weaker than the self-

assemble capability between the sensor and the target molecule. Coordination

chemistry provides a great advantage for selective binding of an oxoanion in a

complete aqueous solution or the mixture. Several new sensing mechanisms, such as

displacement assay, aggregation-induced emission, and chemical reactions enable the

high sensitivity and selectivity for Pi/PPi detection. Towards this goal, new molecular

design and sensing mechanisms which realize specific sensing of each phosphate

species, including Pi/PPi, are urgently required. The development of a new sensing

chemistry applicable to practical use is a worthy challenge for many chemists.
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Abstract The phosphoryl group, PO3
–, is the dynamic structural unit in the bio-

logical chemistry of phosphorus. Its transfer from a donor to an acceptor atom, with

oxygen much more prevalent than nitrogen, carbon, or sulfur, is at the core of a

great majority of enzyme-catalyzed reactions involving phosphate esters, anhy-

drides, amidates, and phosphorothioates. The serendipitous discovery that the

phosphoryl group could be labeled by ‘‘nuclear mutation,’’ by substitution of PO3
–

by MgF3
– or AlF4

–, has underpinned the application of metal fluoride (MFx)

complexes to mimic transition states for enzymatic phosphoryl transfer reactions,

with sufficient stability for experimental analysis. Protein crystallography in the

solid state and 19F NMR in solution have enabled direct observation of ternary and

quaternary protein complexes embracing MFx transition state models with precision.

These studies have underpinned a radically new mechanistic approach to enzyme

catalysis for a huge range of phosphoryl transfer processes, as varied as kinases,

phosphatases, phosphomutases, and phosphohydrolases. The results, without
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exception, have endorsed trigonal bipyramidal geometry (tbp) for concerted, ‘‘in-

line’’ stereochemistry of phosphoryl transfer. QM computations have established the

validity of tbp MFx complexes as reliable models for true transition states, deliv-

ering similar bond lengths, coordination to essential metal ions, and virtually

identical hydrogen bond networks. The emergence of protein control of reactant

orbital overlap between bond-forming species within enzyme transition states is a

new challenging theme for wider exploration.

Keywords MFx � Phosphoryl group surrogates � Enzyme mechanisms � Transition

state analogs � QM/MM computation � KS-DFT analysis

1 Background

Alexander Todd1 and Frank Westheimer2 held complementary, and sometime

overlapping, views on the centrality of phosphates for life. Todd’s pronouncement:

‘‘Where there’s Life, there’s Phosphorus’’, encapsulated his conviction that enzymes

that manipulate phosphates have been at the heart of biology from the dawn of life

anywhere in the universe [1]. Westheimer identified the evolutionary centrality of

phosphate [2]. The cellular behavior of phosphate esters and anhydrides provides

one of the most remarkable chemical paradoxes: phosphate monoesters hydrolyze

spontaneously under physiological conditions with t1/2 1012 years, yet simple

phosphatase enzymes have kcat ca. 30 s-1. The enormous difference corresponds to

a remarkable catalytic rate enhancement of 1021 [3]. How do enzymes achieve this?

This article focuses on the use of aluminum and magnesium fluoride complexes to

mimic structures of transition states of enzymatic reactions that involve the

phosphoryl group, PO3
-, and to provide a structural base for quantum chemical

computations to describe them in detail.

1.1 Basics of Phosphoryl Transfer

Studies on phosphoryl transfer reactions were greatly advanced by the use of

oxygen isotopes to show that they generally involved P–O cleavage, with transfer of

the phosphoryl group (PO3
-) between a donor oxygen (OD) and an acceptor oxygen

(OA) or, less commonly, nitrogen or sulfur atoms [4]. Polyphosphates, such as ATP,

react by attack of water (or an alcohol) on the terminal c-phosphorus, breaking the

P–O bond to the O3B atom (usually oxygen and infrequently nitrogen) (Scheme 1a).

More advanced isotope work, deploying 16O, 17O, and 18O, established that the

near-universal stereochemistry for such processes, for both chemical and enzymatic

reactions, involves inversion of stereochemistry at the transferring phosphorus

(Scheme 1) [5–7].

An accurate description of the technical aspects of the varieties and uses of MFx

models calls for a brief explanation of the terminology of phosphoryl transfer. The

1 Lord Todd of Trumpington, Nobel Laureate 1957, 1702 Professor of Chemistry 1944-71, Cambridge,

UK.
2 Professor of Chemistry, 1953-2007, Harvard, Cambridge, USA.
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phosphoryl group, PO3
– is identified throughout organic chemistry and biology as

the anionic, trigonal planar assembly of a phosphorus and three oxygen atoms. It is

usually drawn without P=O double bonds, is highly electrophilic, and has not been

identified in any condensed phase (Scheme 2). It is helpful to perceive its

combination with an alcohol, such as adenosyl-50-OH, to generate a phosphate

monoester, illustrated for adenosine 50-phosphate, AMP. The addition of a second

phosphoryl group to a terminal oxygen generates a pyrophosphate monoester,

illustrated for adenosine 50-diphosphate, ADP; and capture of a third phosphoryl

group gives adenosine 50-triphosphate, ATP (Scheme 2). Strings of phosphorus

atoms in such chains have conventionally been labeled Pa, Pb, Pc, etc. but, with

new IUPAC nomenclature, are now better identified as PA, PB, PG, PD, etc [8].

1.2 Historic Development of Mechanisms

Todd [9] and Westheimer [2] thought that phosphoryl transfer reactions should be

stepwise, involving a monomeric metaphosphate intermediate species (Scheme 1a).

That concept, unproven after extended but fruitless effort, has now been discarded

in favor of concerted phosphoryl transfer reactions for phosphate monoesters and

anhydrides. These have ‘‘in-line’’ geometry for OD–P–OA in the transition state

(TS), with variable associative or dissociative character (Scheme 1b) [10–12].

Isotope labeling studies have contributed historically to studies on phosphoryl

transfer in biological systems [13] and 31P NMR has been applied effectively for

investigations on ATP [14] and phosphoarginine [15], but protein crystallography

before the mid-1990s was restricted to binary complexes with stable substrate and

bisubstrate analogs that gave limited information about reaction mechanisms

[16, 17]. In 1994, that situation changed dramatically with the crystallization of

ternary complexes of guanosine diphosphate (GDP) coordinated to tetrafluoroalu-

minate, AlF4
–, and the small G protein, Gia1 (PDB: 1gfi) [18] and with transducin a

(PDB: 1tad) [19]. Although these complexes had octahedral geometry for the

Scheme 1 a The atomic identities in ATP employ the new IUPAC nomenclature [8]. b Three
mechanisms for transfer of a phosphoryl group (PO3

–, top center) between a donor (left) and an acceptor
(right) species. Sequential process (a, blue arrows) involves formation of a trigonal planar metaphosphate
anion as an intermediate. Concerted process (b, green arrows) shows a trigonal bipyramidal (tbp)
transition state with phosphorus fully bonded to three equatorial oxygens and partially bonded to the axial
donor (OD) and acceptor (OA) oxygens. An alternative, sequential process (c, magenta arrows), largely
discarded, shows formation of a stable pentacoordinate phosphorane intermediate having full bonds to all
five oxygens
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aluminum tetrafluoride moiety, they were immediately described as transition state

analogs (TSAs) for phosphoryl transfer. They were soon followed by further MFx

species, notably BeF3
–, AlF3

0, and MgF3
–. The number of such complexes has grown

steadily, now exceeding 350 (Fig. 1).

2 Development of Metal Fluorides as Phosphate Analogs

2.1 The ‘Burst Phase’ of Analog Discovery

Exciting developments in the field of signal switch mechanisms based on hydrolysis

of GTP by small G proteins and on the molecular biology discoveries depending on

ATP hydrolysis stimulated the development of three analog systems in the mid-

1990s. Using tetrafluoroaluminate, work on Gia1, from the University of Texas,

Dallas [18], narrowly edged out a closely related publication on Transducin a from

Yale [19], while both focused on the role of the essential glutamine and arginine

residues, of the catalytic magnesium, and on the positioning of water for attack on

the terminal phosphate, PG (Fig. 2a). Shortly after, a complex of ADP with AlF4
–

was described to represent the TS for ATP hydrolysis in myosin, alongside the first

structure of a trifluoroberyllate (BeF3
–) complex with ADP, recognized as a ground

state analog (GSA; Fig. 2b) [20].

Scheme 2 Successive capture of three phosphoryl groups, PO3
–, converts an alcohol first into a

phosphate monoester, then into an alkyl diphosphate, and finally into alkyl triphosphate, illustrated for
adenosine 50-triphosphate

Fig. 1 MFx structures deposited in the Protein Data Bank since their inception in 1996. Vanadate
(orange) is included for comparison
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After a short interval, a third class of MFx analog was reported: an aluminum

trifluoride complex of magnesium ADP for a dinucleotide kinase, described

alongside the corresponding trifluoroberyllate tetrahedral complex. Its great

advantage was tbp geometry for the TSA complex that, for the first time, accurately

mimicked the TS geometry of the c-phosphate of ATP undergoing transfer [21].

This was quickly followed by a GDP�AlF3
0 complex for the small G protein

Ras�RasGAP (Fig. 2c) [22] and then by an ADP�AlF3
0�GDP complex for a

quaternary complex of a nucleoside diphosphate kinase from the slime mold,

Dictyostelium discoideum [23]. These, and subsequent examples of tbp complexes,

recognized that AlF3
0 was a neutral MFx species and therefore a Coulombic

mismatch for an anionic phosphoryl group. It was 5 years before that feature was

rectified with the first identification of trifluoromagnesate (MgF3
–) bound to GDP in

a complex with the small G protein, RhoA. A key component of that work was the

rigorous use of proton-induced X-ray emission spectroscopy (PIXE) to identify

magnesium as the atom at the core of the tbp complex (Fig. 2d) [24].

By this time, there were some 50 structures deposited in the PDB for MFx

complexes, usually with anionic oxygen as one axial ligand. Their importance has

stimulated a rapid, ongoing growth in their use (Fig. 1). We shall now examine the

relative qualities of these four classes and their offshoots on a systematic basis,

organized by geometric considerations.

Fig. 2 Landmark protein structures with a fourfold range of MFx octahedral tetrafluoroaluminate, tbp
aluminum trifluoride and trifluoromagnesate, and tetrahedral trifluoroberyllate complexes. a Transducin a
with GDP coordinated to AlF4

– and catalytic magnesium (PDB: 1tad at 1.7 Å). b Myosin with ADP
coordinated to tetrahedral BeF3

– and Mgcat (PDB: 1mmd at 2.0 Å). c Ras�RasGAP with GDP coordinated
to tbp AlF3

0 and Mgcat (PDB: 1wq1 at 2.5 Å). d RhoA�RhoGAP with GDP coordinated to tbp MgF3
– and

Mgcat (PDB: 1ow3 at 1.7 Å) (colors: aluminum, grey; beryllium, lime; surrogate magnesium, magenta;
Mgcat, green; fluorine, light blue; nucleotides, yellow; key amino acids, silver; nitrogen, blue; oxygen,
red)
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3 MFx Ground State Analogs

3.1 BeF3
– as a Ground State Phosphate Mimic

In aqueous solution, beryllium (II) forms stable fluorides as a mixture of tetrahedral

species including BeF2�2H2O, BeF3
–�H2O, and BeF4

= [25]. 19F NMR studies on

fluoroberyllate complexes with ADP identified mixed fluoroberyllate�ADP species

for myosin (Fig. 2b). Nearly 130 trifluoroberyllate complexes have now been

described, with three structures solved by NMR and 119 X-ray structures having

resolutions of C1.2 Å, generally having tetrahedral trifluoroberyllate bonded to an

anionic oxygen. These comprise two sub-groups: over 70 have Be coordinated to an

aspartate carboxylate while some 50 have Be coordinated to a terminal phosphate

oxygen of a nucleotide. Just two have Be coordinated to a histidine ring nitrogen,

while one has BeF2 bridging two phosphates.

3.1.1 Aspartyl Trifluoroberyllates

Aspartyl phosphates are intermediates in many enzyme reactions, with a half-life for

spontaneous hydrolysis from 23 s to a few hours [26]. Aspartyl trifluoroberyllates

are stable and available for analysis by 19F NMR and protein crystallography. They

are tetrahedral, ground state mimics of an aspartyl phosphate. The 70 structures

have a common core, with bidentate coordination to a divalent metal ion, generally

Mg2? and rarely Mn2?, from fluorine F1 and the second carboxylate oxygen to give

a near-planar six-membered ring (Fig. 3a; all MFx structural data are tabulated in a

recent review [27]). Because of its low electron density, the beryllium atom is

difficult to locate by X-ray diffraction, resulting in uncertainty in its exact position,

leading to considerable variation in attributed geometry (Fig. 3b): the 27 best

resolved structures have a Be–O distance 1.72 Å with Be–F 1.53 Å.

Fig. 3 a Typical aspartyl trifluoroberyllate structure with catalytic magnesium coordination (left).
Aspartyl phosphate complex with catalytic magnesium from phosphoserine phosphatase (PSP) (PDB:
1j97) for comparison of geometry (center). Electron density map for the 1.2-Å resolution structure for b-
phosphoglucomutase (PDB: 2wf8) (center). b Twenty aligned aspartyl–trifluoroberyllate structures with
BeF3

– locked in a six-membered ring. Catalytic Mg2? and an Asp carboxylate fuse a 13-atom ring to the
fluoroberyllate ring (rear). Octahedral coordination to Mg is completed by an additional aspartate (right),
by 1–2 waters, and only twice by a histidine (top, magenta) (atom colors: fluorine, light blue; beryllium,
lime; nitrogen, blue; oxygen, red; carbon, grey; 3-phosphoglycerate, cyan) (electron densities presented in
CCP4MG from mtz data in EDS and contoured at 1r) (a adapted by the authors from [27])
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3.1.2 BeF3
– Nucleotide Structures

There are 42 X-ray structures of BeF3
– complexes with ADP, and six with GDP.

They are isosteric mimics of ATP and GTP (Fig. 4a) in kinases, F1 ATPase,

hydrolases, mutases, helicases, and small G proteins. Twenty structures align very

well (Fig. 4b) with Be bonded to a b-phosphate oxygen, while a catalytic Mg2? is

coordinated to F1 and to another b-phosphate oxygen.

3.1.3 Histidine Trifluoroberyllates

Various approaches to analogs of g-phosphohistidine have been explored.

Structural work on nicotinamide phosphoribosyltransferase (NAMPT) has mim-

icked phosphorylation of an active-site histidine using trifluoroberyllate. Crystal

structures of NAMPT for reactant and product complexes (PDB: 3dhf; Fig. 5b)

have a covalent His247�BeF3
-, and in contrast to all other trifluoroberyllate

structures, magnesium is coordinated to one fluorine without any direct linkage to

His247 [28].

Fig. 4 a Typical nucleoside diphosphate trifluoroberyllate structure (left) with catalytic magnesium
coordination for comparison of geometry with the nucleoside triphosphate (right). b The BeF3

– moiety in
20 aligned ADP�trifluoroberyllate structures is in a six-membered ring (center) with Mg2? coordinating
F1 and O3B. c-Phosphate coordination to an Arg and a Lys is also common. c Biphasic normal distribution
of the location of the nucleophilic water, Ow, relative to the bond from ADP–O3B to beryllium in 16
ADP�BeF3

– ground state complexes. Major group Ow–Be–O3B angle C165̊ (orange); minor group Ow–
Be–O3B angle 176̊ C170̊ (blue)
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3.1.4 Structural Conclusions

The significant ability of beryllium (II) fluorides to complete tetrahedral coordi-

nation by binding to an anionic oxygen has made them good isosteric and

electrostatic GSAs of phosphate for a wide range of uses [29]. Bond lengths for Be–

F and Be–O are close to those for P–O (1.6 ± 0.5 Å) and the strong ionic character

of the Be–F bond means that its fluorines readily accept H-bonds from a range of

donors and/or coordinate to Group 2 metal ions [30]. Thus, fluoroberyllates have

been used beneficially to study changes in major conformations of proteins by

crystallography, NMR, and EM, while studies on ADP�BeF3
– have supported

investigations on ATPases that drive various mechanical processes at a molecular

level, particularly for myosin [31–36]. They have proved especially valuable for the

identification of near attack conformations (NACs) in enzyme mechanisms, notably

for b-phosphoglucomutase (bPGM) [37].

4 MFx in Transition State Analog Complexes

4.1 Tetrafluoroaluminate TS Complexes—AlF4
–

Aluminum (III) forms stable fluorides in water, the mixture of octahedral species

including AlF2
?�4H2O, AlF3�3H2O, AlF4

–�2H2O, and AlF5
=�H2O, depending on the

concentration of fluoride [38, 39]. Crystal structures for octahedral GDP�AlF4
–

protein complexes [18–20] were prompted by the discovery that aluminum plus

fluoride stimulates the activity of small G proteins in the presence of GDP [40],

while 19F NMR analysis of a GDP�AlFx complex for G1a [41] confirmed that they

Fig. 5 a Structure of BeF3
– complex for bPGK (PDB: 4axx). Beryllium (lime green) is ‘‘in-line’’

between a O3B of ADP and 3PG. b Nicotinamide phosphoribosyl transferase (PDB: 3dhf) catalyses
displacement of pyrophosphate from C1 of ribose 5-phosphate. Structures of two overlaid complexes
show BeF3

- bound to Ng of His247 and one fluorine coordinating Mg2? (green sphere). PRPP reactant
C1’ (cyan sphere) moves 1.8 Å to bond to nicotinamide N1 (atom colors: fluorine, light blue; beryllium,
lime; nitrogen, blue; oxygen, red; protein residues are in grey; nucleotides in cyan) (a is reproduced from
[27])
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could mimic bound GTP [42]. All 114 crystallographic AlF4
– complex structures in

the PDB (PDB ligand: ALF) are octahedral and have aluminum sandwiched

between donor and acceptor atoms, predominantly oxygens. Unlike beryllium, the

aluminum is well defined in the electron density map (Fig. 6a) and can accept a

neutral oxygen as one axial ligand. However, aluminum forms insoluble Al(OH)3

above pH 7.5 [38, 39], which restricts the stability of aluminum fluoride complexes

to pH\8.

4.1.1 Aspartyl Tetrafluoroaluminates

Fourteen PDB structures have tetrafluoroaluminate bonded to an aspartate with an

essential Mg2? in a six-membered ring. They align well on the best resolved

complex, b-phosphoglucomutase (bPGM, PDB: 2wf7; 1.05-Å resolution (Fig. 6b),

with four equatorial oxygen ligands coordinating the catalytic Mg2?. The structures

fit into two subsets: six members of the first group have a second aspartate sub-

adjacent to the first (Asp8 and Asp10 in bPGM). The OA–Al–OD bonds are ‘‘in-

line’’ (167.5̊ ± 7.0̊) with the aluminum midway between the two oxygens

(separation 3.9 ± 0.1 Å) and have a catalytic aspartate that accepts a short H-bond

from the apical water/hydroxyl group (2.59 ± 0.05 Å) to align this oxygen for

nucleophilic attack on phosphorus [43].

The second subset has ATPases involved in pumping calcium, copper, and zinc

ions. They use an aspartyl phosphate intermediate, whose TS for hydrolysis is

mimicked by an octahedral AlF4
–. An axial water oxygen forms short H-bonds to an

invariant glutamate (2.5 ± 0.1 Å) and to a threonine carbonyl (2.57 ± 0.05 Å),

which clearly orientate and polarize the water for ‘‘in-line’’ attack on the aspartyl

phosphate [44].

Fig. 6 a Typical aspartyl tetrafluoroaluminate structure with catalytic magnesium coordination (left).
Aspartyl phosphate complex with catalytic magnesium from phosphoserine phosphatase (PDB: 1j97) for
comparison of geometry (center). Electron density map for the 1.2-Å resolution structure for b-
phosphoglucomutase (PDB: 2wf8) (right). b Structures of 13 aspartyl tetrafluoroaluminates aligned on
Ca. Octahedral aluminum is coordinated to Asp-O4, in a six-membered ring with Mgcat and ‘‘in-line’’
with a nucleophilic water oxygen (red sphere) or the OH group of a nucleoside or hexose reactant
(rainbow colors) (atom colors: fluorine, light blue; aluminum, grey; nitrogen, blue; oxygen, red;
magnesium, green sphere) (Figure reproduced from [27])
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4.1.2 Nucleotide Guanosine Diphosphate (GDP) Tetrafluoroaluminates

GDP forms 50 AlF4
– complexes that constitute isoelectronic but non-isosteric

mimics of GTP in a broad range of proteins. The best resolved 21 align remarkably

well (Fig. 7a), with aluminum bonded to O3B on GDP and the Mgcat coordinated to

F1 and O1B in a six-membered ring. The guanosine base and ribose usually occupy a

common conformation (Fig. 7a). The geometry of the AlF4
– moiety is regularly

octahedral, with ‘‘in-line’’ OA–Al–OD angle 172.8̊ ± 7.1̊. All structures have an

axial oxygen ligand (Fig. 7a, red spheres) coordinated to aluminum that is trigonal

planar with respect to two H-bond acceptors: the backbone carbonyls of a threonine

and a glutamine side-chain (occasionally a water) (Fig. 7a, lower right, red spheres).

4.1.3 Nucleotide Adenosine Diphosphate (ADP) Tetrafluoroaluminates

Forty-nine octahedral structures have AlF4
– bonded to a terminal oxygen of ADP

(O3B) to mimic ATP in the TS. They are found in kinases, hydrolases, isomerases,

ATPases, myosins, helicases, transporter pumps, and nitrogenase. The 31 that are

best resolved have an axial OA–Al–OD distance of 4.05 ± 0.03 Å with an ‘‘in-line’’

angle of 170̊ ± 8̊ and most have water as the second oxygen ligand with a catalytic

Mg2? coordinating one of the fluorines. This is illustrated for F1 ATPase (PDB:

1h8e) (Fig. 8a). In contrast to the uniform conformation for complexes with GDP

(Fig. 7), complexes with ADP show a great variety of conformations, as illustrated

for 16 well-resolved structures (Fig. 8b).

4.2 Octahedral Aluminum Trifluoride Phosphate TS Mimics

An aluminum trifluoride moiety accepts three oxygens to give an octahedral, six-

coordination TSA complex in three examples. In the small G protein Rab5a, the

Fig. 7 a Twenty GDP�AlF4
– structures aligned on a-carbon atoms of the invariant hexapeptide (in PDB:

2gj8). AlF4
– is locked in a six–membered ring (center) with Mgcat (green spheres) coordinating F1 and a

PB oxygen. Octahedral coordination to Mg2? is provided by a second PB oxygen, two waters, a Thr
hydroxyl (right), and a Ser/Thr hydroxyl (top). PB,G oxygens H-bond to a Lys (center). b Structures of
hGBP1 with a GMP�AlF3

0 complex (cyan) aligned with a GDP�AlF4
– complex (green) showing occupancy

of the catalytic site by the AlF3
0 mimic of PB (magenta sphere) and by the AlF4

– mimic of PG (grey
sphere) (atom colors: GDP, cyan; GMP, green; magnesium, green; fluorine, light blue; amino acids,
silver; nitrogen, blue; oxygen, red)
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mutation A30P enables addition of the side chain hydroxyl of Ser29 to aluminum

trifluoride (PDB: 1n6k). In the case of hPGK, the K219A mutant has a water as the

fourth ligand coordinated to the aluminum [45]. Thirdly, for a bacterial dUTPase,

aluminum trifluoride takes the place of the PB in dUTP with coordination to two

oxygens from the b-phosphoryl group and to the water nucleophile to complete the

octahedral array (Fig. 9a, b). This significant structure provides a unique example

where nucleophilic attack is directed at a non-terminal nucleotide phosphorus [46].

5 MF3 Improved Geometry Transition State Mimics

5.1 MgF3
–, Trifluoromagnesate

Magnesium does not form mixtures of stable fluorides in water at sub-molar

concentration: only one resonance for magnesium fluoride is seen in 19F NMR

Fig. 8 a F1 ATPase TSA complex (PDB: 1h8e) with ADP�AlF4
– showing local charge balance for five

1ve and five -ve charges. b 16 ADP�AlF4
– complexes aligned for C5’, PA, PB, and Al show great variety

in ATP analog conformations (atom colors: adenosines, cyan; magnesium, green spheres; fluorine, light
blue; aluminum, gold; amino acids and second substrates, grey; nitrogen, blue; oxygen, red)

Fig. 9 a Aluminum trifluoride structure for dUTPase (PDB: 4di8). UMP (cyan) coordinates aluminum
(grey) with in-line water (red) and with PO4

= adjacent to the leaving O3A. Two magnesiums (green
spheres) are located by coordination to the reactants and to four carboxylate residues (amino acids in
grey). b Cartoon showing octahedral aluminum trifluoride sharing the tbp coordination of the true TS for
a phosphoryl group (colors: nucleoside, cyan; magnesium, green sphere; aluminum, grey; sodium,
purple; amino acids, silver; nitrogen, blue; oxygen, red) (Figure adapted from [27])
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solution spectra, that of MgF?. While MgF2 is moderately soluble in water (2 mM),

it has an estimated dissociation constant of 10-5 M [47]. Trifluoromagnesate protein

complexes were first anticipated based on magnesium-dependent fluoride inhibition

studies, and they led directly to the identification of MgF3
– in a tbp crystalline TSA

complex for the small G protein RhoA�RhoGAP (Fig. 10a) [24, 48]. The PDB now

has 16 entries for trifluoromagnesate (PDB ligand: MGF) while a further three

entries assigned as tbp AlF3
0 have been shown by 19F NMR to be MgF3

– complexes

[49–51]. Standard coordination chemistry identifies magnesium as being regularly

octahedral, forming complexes with six (oxygen) ligands. By contrast, trifluoro-

magnesate in protein complexes is unexpectedly five-coordinate. This makes it ideal

for mimicking tbp phosphoryl transfer and, moreover, MgF3
– is isoelectronic with

PO3
–. Examples of its use include complexes of small and large molecule kinases,

mutases, phosphatases, and hydrolases, which invariably involve fluorine coordi-

nation to a catalytic Mg2? (two magnesiums in the case of some protein kinases).

These are usually octahedral and built into a cyclic six-membered ring structure, as

shown for aspartyl phosphate mimics (Fig. 10b). They have an axial OA–Mg–OD

distance of 4.19 ± 0.08 Å with an in-line angle 171.4̊ ± 3.9̊.

5.2 AlF3
0, Aluminum Trifluoride

There are now 56 examples of structures purported to have an AlF3
0 core. Three of

them are octahedral, while 19F NMR has established that another three are MgF3
–.

For the remaining majority, only structures of two alkaline phosphatase complexes

(AP) can be confidently identified as having a tbp AlF3
0 core (Fig. 11). One is in

mutant APP300A (PDB: 1kh5), where two catalytic Zn2? ions coordinate one

fluorine while Ser102 and a zinc-coordinated water provide the axial ligands for the

tbp aluminum (Fig. 11b). What about the remaining 48 ‘‘AlF3
0 complexes’’?

The pH dependency of the transition between octahedral and tbp structures of

AlFx complexes in protein crystal structures was proposed to involve a switch from

AlF4
– to AlF3

0 at elevated pH [52]. However, studies on the pH dependence of the

solubility of aluminum ion [38, 39] provided an alternative interpretation. Al(OH)3

precipitates at pH C8, which results in aluminum being superseded by magnesium

in protein MFx complexes at high pH, with a consequent change in geometry from

Fig. 10 a MgF3
– complex with GDP for RhoA/GAP (PDB: 1ow3) showing electron density. b Typical

MgF3
– complex with aspartate residues in a six-membered ring with the catalytic Mg2? (left) compared to

an aspartyl phosphate (right) (Figure adapted from [27])
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octahedral to tbp. That conclusion has now been validated by pH-dependent 19F

NMR analyses for several enzymes [50, 53]. In some marginal cases, e.g., protein

kinase A (cAPK) and PSP, there is mixed occupancy of the active site by tbp and

octahedral complexes in the crystal [43, 50, 51]. In geometric terms, ‘‘AlF3
0’’ tbp

complexes closely map on those of trifluoromagnesates: axial OA–M–OD bonds

4.29 ± 0.39 Å (Fig. 12b), and M–F bonds 1.75 ± 0.12 Å. It seems likely that some,

or many, of these ‘‘AlF3
0’’ complexes are trifluoromagnesates: a conclusion

supported by geometric analysis for both families of complex.

5.3 A Combined MgF3
2- and AlF3

0 Structural Analysis

A statistical analysis of the structures of AlF3
0 and MgF3

- complexes contributes to

the resolution of this compositional uncertainty. The near-invariant geometry of

Fig. 11 a Structure of the catalytic center for alkaline phosphatase complexed to AlF3 (PDB: 1kh5).
b Cartoon of the coordination organization in the active site with transferring phosphoryl group (blue) and
nucleophilic water (red) (Figure adapted from [27])

Fig. 12 a Overlay of five GDP�MgF3
– (yellow) and eight GDP�AlF3

0 (cyan) complexes to show the
geometric uniformity of the two sets of TSA structures. b Normal distribution plots for the OA–M–OD

distance for this set of 13 structures (red) and the corresponding OA–Al–OD distance for 18 GDP�AlF4
–

TSA complexes (blue)
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octahedral AlF4
- complexes for GDP makes them a useful set for comparison with

the corresponding set of tbp MF3 complexes. Thus, eight GDP ‘‘AlF3
0’’ structures for

small G proteins align very well with those for five MgF3
- complexes (Fig. 12a).

The axial separation for the donor and acceptor oxygens in these combined 13

GDP�MF3 TSAs is 4.38 ± 0.20 Å, significantly distinct from the corresponding

average for 19 GDP�AlF4
– complexes, 4.02 ± 0.14 Å, and clearly supported by

normal distribution analysis (Fig. 12b). The conclusion is: For ‘‘AlF3
0’’ read MgF3

–!

Taking ‘‘AlF3
0’’ together with trifluoromagnesates, a common general pattern of

axial ligands emerges. The MF3 species requires at least one anionic oxygen. b-

Oxygens from ADP (33 structures) and GDP (24 structures) provide the

overwhelming majority of examples while aspartate (11 structures) is also

significant. Water (27 structures) is the dominant neutral axial ligand while serine

and threonine hydroxyls appear less frequently. Significantly, there is no example of

both axial ligand positions being occupied by two neutral ROH groups.

5.4 MgF4
=, Tetrafluoromagnesate

There are several structures for the Ca2? pump ATPase that have been assigned as

tetrahedral MgF4
= moieties without objective experimental validation. Magnesium is

only exceptionally four-coordinate and then it usually has sterically bulky ether

oxygens as ligands [54]. The tetrahedral ‘‘MgF4
=’’ moiety in all PDB examples is

remote from ADP, is coordinated to a second magnesium, and has one or more of its

four ‘‘fluorine’’ atoms in close contact with a backbone carbonyl oxygen, as shown

for PDB: 1wpg (Fig. 13a) [55]. Such ‘‘MgF4
=’’ behavior closely resembles the six-

membered ring tbp structures common for MgF3
– complexes of aspartate (Fig. 10).

Crystallographic re-refinement, with MgF3
– replacing MgF4

= for 1wpg, can produce

an equally valid structure. Thus, unless established by further measurements, a more

consistent chemical interpretation for all such ‘‘MgF4
=’’ situations is that they are

trifluoromagnesates that mimic the TS for hydrolysis of an aspartyl phosphate.

Subsequent work has described a similar tetrahedral moiety for the Na?/K? pump

ATPase (PDB: 2zxe) [56].

Fig. 13 a Structure of Ca2? pump ATPase with MgF4
= (PDB: 1wpg). Coordination for MgF4

= is typical of
an aspartyl trifluoromagnesate complex (colors: fluorine, light blue; magnesium, green; nitrogen, blue,
oxygen, red; carbons, silver). b Structure of hPPIP5K2 (PDB: 2q9p) to show the ‘‘Mg4F9’’ cluster
adjacent to phosphates 4 and 5 of Ins6P
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Finally, the most remarkable MFx structure is that of a human diphosphoinositol

phosphatase, co-crystallized with myo-inositol hexakis-phosphate and then soaked

with sodium fluoride (PDB: 2q9p) [57]. This complex has four octahedral

magnesiums with nine ligands assigned as fluorines in a complex that embraces

MgF2, MgF3, MgF4, and MgF5 species in a single block. It also offers the first

example of octahedral MgFx (Fig. 13b). Its core appears related to the Rutile

structure of MgF2, which is characterized by octahedral magnesium and trigonal

planar fluorine [58].

6 19F NMR Studies of MFx Complexes

The very high gyromagnetic ratio (25.18 9 107 T-1 s-1) of 19F gives it very high

sensitivity in NMR, which facilitates detection of fluorine-containing species at low

concentration in large molecular weight complexes, as illustrated for AlF4
– and

MgF3
– complexes with RhoA�GAP�GDP (Fig. 14a, b) [44, 50, 51, 59, 60]. In the

context of TSAs and GSAs, the chemical shifts of 19F resonances provide a key

measure of interactions between MFx moieties and their protein hosts, and report the

electronic environment of the fluorine nuclei. When combined with NMR

computations, they also act as indirect reporters of changes in electronic

environment experienced by phosphoryl oxygen atoms in transfer reaction TSs

[44, 61, 62]. 19F NMR resonances display a high degree of dispersion and are

calculable with good precision from QM analysis of electronic distribution

[37, 51, 63], showing resonances strongly affected by neighboring H-bond donors.

Reduction in the number of H-bond partners generally results in upfield shift of 19F

resonances, as shown clearly in a comparison of the G6P and the 2-deoxy G6P

Fig. 14 a 1D 19F NMR spectra of: a RhoA/GAP�GDP�AlF4
– TSA complex with four fluorines

rotationally averaged [44, 48]. b RhoA/GAP�GDP�MgF3
– TSA complex with three fluorines resolved

[44]. c Conversion of the cAPK�ADP�AlF4
– TSA complex to the cAPK�ADP�MgF3

– TSA complex in a
pH titration from pH 7.0 to pH 9.0 [50]. The 19F resonance at -119 ppm in each spectrum is from free F–

ion, while the broad peaks around -156 ppm are from unbound MgF? and AlFx species, which may often
overlap with protein bound fluorine resonances. In those cases, presaturation of the free fluoride
resonance at -120 ppm can be applied to eliminate the unbound metal fluoride signals
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complexes of bPGM (-18.1 ppm) [53]. In general, the resonance of the fluorine

coordinated to a catalytic magnesium is always the most upfield, because of

depletion of H-bond coordination [44, 45, 50, 51, 53, 60, 62]. Proton distribution

near fluorine nuclei can be further assessed through the quantitation of 19F-1H NOEs

using perdeuterated enzyme in protonated buffer to suppress the 1H–1H spin

diffusion [49, 51], while resonance assignment of exchangeable 1H nuclei in the

protein enables unambiguous assignment of individual 19F NMR resonances. The

number of H-bond donors can also be assigned based on solvent induced hydrogen/

deuterium primary isotope shifts (SIIS) of 19F NMR resonances. For NH���F and

OH���F H–bonds to MFx moieties, the SIIS size reflects local proton densities [64],

and this has been used to assign FA, FB, and FC in a bPGM�MgF3
–�G6P TSA

complex [62].

Scalar coupling between nuclei involved with N–H���F H-bonds is an additional

parameter that shows details of the coordination of the MFx moiety by the protein.
1JHF and 2JNF couplings have been reported for individual NH���F pairs, with values

up to 59 and 36 Hz, respectively [62]. All the effects described above, SIIS, NOE,

chemical shifts, and scalar couplings, correlate closely with H-bonding orientations

and distances obtained from high resolution crystal structure analysis. 19F chemical

shifts are invariant over the pH range 6.5–9.5, they signal that there is no

detectable change in protonation state of the enzyme in the environment of the TS

complex, but the pH dependence of 19F NMR resonances and multiplicity can

identify a switch from AlF4
– to MgF3

– complexes above pH 8, as illustrated for

cAPK (Fig. 14c) [57].

NMR measurements of 19F nuclei in the active site of MFx TSA complexes thus

provide a picture of charge distribution between the phosphoryl group mimic and

the protein. The good relationship between 19F NMR chemical shifts and SIIS

values illustrates the dominant influence that very localized H-bonds have on

shaping charge density on MFx moieties.

7 Computational Analyses of MFx Complexes

7.1 Balancing Accuracy of Energy/Structure and Conformational Sampling

A computational simulation of the structure and bonding of a biochemical system at

atomic resolution has two demanding features:

1. The solution of accurate molecular energies, ideally with as little parameter-

ization as possible;

2. The exhaustive consideration of relevant conformations of macromolecules.

For the simulation of biomolecules, it is unavoidable that both criteria must be

approximated to varying degrees. In practice, different computational methods put

different emphasis on one or the other of these two features. Any useful calculation

must meet both criteria adequately. Solutions of the energy of a macromolecule, and

thence its structure, should be made for each conformer of the molecule. Hence, the
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task of achieving reliable energies severely raises the cost of the computation. This

constraint therefore drives down the number of conformers to be computed, with the

risk that the program may fail to examine the specific conformation most relevant

for the reaction under investigation.

To attain a compromise between these two features, the methodology used has to

strike a balance between defining a central quantum mechanics (QM) zone and a

molecular mechanics (MM) zone dealing with the major part of the macromolecule

and environment. The combination of the two regions is called a QM/MM

calculation. A QM description is necessary to describe bond–breaking–making

processes or electronic excited states because molecular mechanics cannot describe

these phenomena. Different balances between these two features are achieved by

different choices in the apportionment of resource to the QM region. These include

Kohn–Sham density functional theory (KS-DFT) [65–69] and empirical valence

bond (EVB) [70, 71], while similar choices exist for the MM zone. However, the

QM zone is the priority region.

7.2 Tradeoff in Accuracy of Energy/Structure: Parameterization
Simplification vs. Mathematical Complexity

Accurate molecular energies can be obtained in an unbiased, systematically

correctable manner [72–74] to get the desired accuracy. However, the computa-

tional resource required is very expensive, and is usually unacceptable because

resource must be apportioned to adequate conformational sampling. In general,

either an approximate QM method such as KS-DFT is used, or a heavily

parameterized model is designed for a specific system such as EVB. Briefly,

parameterization can tailor a QM method specifically to that molecule under

analysis—and thereby eliminate many mathematical degrees of freedom. Hence, the

calculation can be performed rapidly and can incorporate greater conformational

sampling, but it must rely on the assumption that the reduced mathematical form

faithfully represents the true quantum mechanics. By contrast, the various KS-DFT

forms have parameters which are fixed by the design of the functions, and are

completely independent of that particular biomolecule under investigation. Thus,

the application of KS-DFT to a specific biomolecule has no freedom to change

parameters to suit the target. Hence, KS-DFT deploys a more general mathematical

framework, and more faithfully echoes exact quantum mechanics within budget.

7.3 Tradeoffs in Conformational Sampling: Dynamics vs. Statics

In order to balance the budget of the computation program, a choice has to be made

between dynamics and statics. On the one hand, a dynamics description delivers an

explicit femtosecond-by-femtosecond time evolution of the atoms, boosted by

metadynamics [67]. On the other hand, a statics analysis of a few discrete critical

points along the reaction identifies TSs and/or intermediates as maxima/minima

along the reaction coordinate. Each has its strengths and weaknesses.

A dynamics computation shows the true time-evolution of the molecular system,

especially how atoms re-arrange to move along all possible reaction paths, step-by-
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step. All possible chemical reactions/conformations are sampled in due frequency

with the Boltzmann distribution of states. The computation does not ‘‘target’’ a

specific reaction path. TSs are rare-events, require long simulations or metady-

namics [67], and so demand a smaller QM zone to allow an adequately fast

calculation. This reduction of the QM zone, relative to that for statics described

below, makes possible the conformational sampling needed to find the right state. A

balance has to be struck between faithfully computing dynamics or prioritizing

accurate energy calculations.

The choice for statics in following a reaction path, selected a priori, enables easy

identification of the TSs for bond-breaking-making using standard quantum

chemistry algorithms. Mathematical properties of energy maxima (TSs) and

minima (intermediates) can be sought automatically. Users can seek out any desired

pathway, but they have to sacrifice an understanding of the relative values of each

path. This requires minimal computational resource compared to that required for a

dynamics calculation, and so can accept a much larger QM region and/or a more

accurate QM calculation. However, the a priori choice of the conformation is risky:

it depends strongly on the accuracy of choice of the true TS conformation, which

may or may not be found among existing crystal structures in the PDB.

Take for example the first mechanistic step of the hairpin ribozyme. This is

cleavage of the bond from the 30-phosphate of A-12 to the 50-oxygen of G13 to form

a 20,30-cyclic phosphate which has been modeled as a pentacoordinate vanadate

TSA structure (PDB: 1m5o, 2.2-Å resolution; Fig. 15a). The two proximate

nucleobases are G8’ and A57’ whose catalytic roles are controversial: there is good

support for protonation of A57’-N1 but some debate whether G8’ is deprotonated on

N1 or not. The computation accepted formation of an intermediate pentacoordinated

phosphorane and then posed the question: ‘‘How and when is the proton removed

from A8-O2’ and transferred to PO2A?’’ A thorough benchmark study of
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Fig. 15 a Ab initio mechanism for the first step of the hammerhead ribozyme reaction showing PT from
Ade12-O2’ to PO2 in the formation of a transient pentaoxyphosphorane species. b Crystal structure of the
hammerhead ribozyme as a tbp vanadate complex (PDB: 1m5o). c DFT computed mechanism for PT to
the anionic Gua8’ preceding bond formation from P to Ade12-O2’ (colors: carbon, green; nitrogen, blue;
oxygen, red; vanadium, grey; H-bonds, red dashes)
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comparative QM/MM methods has been applied to this mechanism [75], comparing

an ab initio method (i.e., no parameterization) with a KS-DFT method (a small

number of fixed parameters). As the energy differences for the two paths should be

comparable, a careful QM analysis was necessary. Ab initio energy barrier

prediction matched experimental estimates, giving good support to Mechanism 1

(Fig. 15b) with a direct four-center proton transfer (PT), not involving a neutral

G8’.3 However, it was observed that the flow of atoms predicted by the

parameterized method was inconsistent with benchmark calculations. The authors

therefore employed umbrella sampling in a KS-DFT analysis to achieve dynamics

convergence, and found Mechanism 2 to be preferred with the anionic G8’ acting as

a base to abstract the proton from Ado12-O2’ (Fig. 15c).

7.4 KS-DFT as a QM Region Description

The most commonly chosen methodology for describing the QM portion is KS-

DFT4 functionals. This makes a practical compromise between precision and cost of

computation (Sect. 7.2). KS-DFT dispersion-corrected functionals can now describe

molecular geometries to within 0.02 Å [76–78], and are particularly valuable

because their description of energies and geometries is unbiased. They have been

shown to describe basic bond-breaking behavior, H-bonding, and energetics

[77–81]. In a QM/MM calculation, the boundary region at the interface between the

QM zone and the MM zone can be problematic because the energies on the QM side

need not be the same as those on the MM side. Any mismatch between kinetic and

potential energies across the boundary leads to un-physical behavior. This boundary

problem can be eliminated by depriving large portions of the macromolecule of an

MM force field, which calls for a tradeoff between:

1. A more faithful representation of long-range chemical interactions and a

potentially problematic boundary between zones introducing artifacts; and

2. Neglect of long-range chemical interactions altogether, with no un-physical

artifacts introduced by the QM/MM boundary.

Either choice is problematic, and a case-by-case decision must be made. In

some cases, to avoid boundary complexities exclusively QM calculations have

been used, usually KS-DFT. They usually rely wholly on experimental data from

the structure of a TS mimic, thereby obviating the need for a conformational

search, and allowing full investment of the computational resource to maximize

the size of the QM zone. For example, a recent study of GTP hydrolysis by RhoA/

GAP to identify the reaction mechanism employed a large QM calculation [44].

The KS-DFT zone was large enough to embrace the reacting methyl triphosphate,

its coordinating magnesium and nucleophilic water, and also residues from some

3 NB In other computational studies, such four-center PTs for phosphoryl reactions have been deemed to

be very high energy.
4 In literature meant for using DFT in organic, biological, or inorganic applications, ‘‘KS-DFT’’ and

‘‘DFT’’ are used largely interchangeably. Theoreticians draw a distinction between these terms; KS-DFT

is a subset of DFT for the given selection of expressing the kinetic energy in terms of orbitals.
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18 additional amino acids that contribute to the stability of a network of 21

H-bonds which deliver the conformation of the TS for water attack on PG.

Successive rounds of DFT computing established that contributions from atoms in

the third solvation shell of the transferring phosphoryl group were required to

deliver stability. The result was a QM region of 91 heavy atoms (181 total atoms)

(Fig. 16). Because the starting TSA structure (PDB: 1ow3) was of sufficiently

high resolution (1.8 Å) to give confidence that the study was based on a reliable

model of the TS, the addition of an MM contribution was bypassed, obviating the

need for a QM/MM boundary. However, this limited the computational output to

geometric and spectroscopic features. The absence of conformational sampling,

sacrificed because of the large and very expensive QM region, also limits

comment on activation energies.

The iterative computational procedure delivered a mechanism in which the

nucleophilic water is doubly protonated with H-bonds to carbonyl oxygens of both

T37 and Q63 residues until after the TS for bond making/breaking, thereby

orientating the nucleophilic water for good orbital overlap with the antibonding

O3B-PG r* orbital. PTs are not seen in the TS, but occur subsequently.

7.5 EVB as a QM Region Description

The Empirical Valence Bond method deploys a simplified mathematical

framework to achieve the most rigorous possible conformational sampling. In

essence, the EVB framework is largely a molecular mechanics based method,

with the exception of its representation of a single ‘‘orbital’’ for each molecule,

identified as involved in the bond–breaking–making reaction. No other electrons/

orbitals are represented explicitly. This framework thus imposes the presumption

that only a single orbital is involved in the bond-reorganization for a reaction.

The EVB parameterization process is fundamentally chemistry-imposed: it

identifies, a priori, what orbitals are involved and dictates chemistry-based

molecular mechanics energy functions. This is in sharp contrast to a KS-DFT

prescription of a QM region, which is fundamentally agnostic of chemistry, not

defining bonds or selecting orbitals targeted for reaction, but merely defining a

total number of electrons and nuclei involved, with no presumption of chemistry.

As a result of the EVB simplifications, larger-scale changes in molecular

conformation can be observed. In this way, the initial conditions of the

experimental crystal structure are not a trap; the computational protocol allows

the biomolecule to move freely.

A study of the mechanism of DNA polymerase b provides a good example of the

application of the EVB methodology [82]. The questions under examination were

(i) the destination and timing of PT from the nucleophilic 30-OH, with three

aspartates and water as potential acceptors, and (ii) the concerted or stepwise nature

of phosphorus migration.5 The starting structure was native DNApolb (PDB: 2fms,
2.0 Å resolution) and some 70 heavy atoms were included in the QM zone (Fig. 17),

linked to the assumption that the reaction takes place in the three steps: a PT from

5 A previous study favored a concerted reaction path (Lin et al. [83]).

123

Top Curr Chem (Z) (2017) 375:36

Reprinted from the journal54



the primer 3’OH, followed by in-line nucleophilic attack of 3’O– on the dUTP a-

phosphate, with reaction completed by departure of pyrophosphate. Particular

attention was paid to the electrostatic role of the two catalytic magnesium ions

through the course of the reaction. The computations were guided by consideration

of the pH-rate profile for wt and mutant polymerases and focused on seven EVB

states. This led to the conclusion that PT from the nucleophilic hydroxyl group is to

bulk water via a chain of water molecules that extends into the active site, rather

than to any of the three neighboring aspartates (as favored in previous studies) and

precedes P–O bond formation. The phosphorylation process was found to be

Fig. 16 Atoms in the QM zone for KS-DFT computation of the TS for GTP hydrolysis by RhoA/
RhoGAP showing the 21 H-bonds in the catalytic network (red dashes) with ligands coordinated to Mg
(green dashes). Amino acid residues are numbered according to RhoA sequence plus Arg85’ from
RhoGAP (Figure taken from Ref. [44])

Fig. 17 EVB analysis of
DNApolb showing atoms used
in the QM region, augmented by
additional water oxygens
(magenta) and the focal
hydrogen undergoing transfer
(white sphere), and taken from
PDB: 4fms
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associative with a pentacovalent intermediate,6 though the investigation warned that

extensive sampling is essential for EVB analysis of reaction mechanisms.

7.6 The Use of MFx in Computational Studies of Enzyme Mechanisms

As has been described above, protein trifluoroberyllate complexes are fundamen-

tally different from those involving metal fluorides of aluminum and magnesium.

They have closely similar tetrahedral geometry and net charge to the parent

phosphate, their macromolecular structures have folds and atomic organization

that relate to the ground state structures they mimic. On the other hand, AlF4
–,

‘‘AlF3
0’’, and MgF3

– complexes have geometries that bring two axial ligands into

alignment and proximity typical of the TS for concerted phosphoryl transfer, and

this results in protein folds and atom coordination that resembles the TS for

reaction. Computational enterprises have taken up both of these opportunities for a

plethora of purposes. The growth in such studies is illustrated in the

chart (Fig. 18). In practice, the three MFx categories converge for the majority

of computer purposes as they are usually transposed into PO3
– at an early stage in

the computation. Therefore, the major part of the following description of

computational studies on mechanisms of phosphoryl transfer will be focused on

the target protein.

7.6.1 Validation of MFx as a TSA for Phosphoryl Transfer

Relatively few computational studies have been directed at the structural identity of

the MFx complex per se. A contentious 1.8 Å resolution structure (PDB: 1o03)

focused on a six-atom tbp complex for bPGM, initially described as a pentaoxy-

phosphorane [84]. They have converged on identification of (a) the observed crystal

structure as a five-coordinate trifluoromagnesate complex rather than a five-

coordinate phosphorus [24], (b) an active site stabilized by an extensive H-bonding

network, and (c) a concerted transfer of the phosphoryl group without a

stable phosphorane or metaphosphate intermediate [85–87]. They concluded that

MgF3
– is a good TSA that can give insight into the geometry of the phosphoryl

transfer TSs. A second example is a QM/MM analysis of the atomic nature of an

MFx moiety in a TSA complex for the key kinase, cAPK [61]. The structure of a tbp

complex for cAPK�ADP�MFx was originally described as AlF3
0 (PDB: 1l3r) but QM/

MM simulations suggest that MgF3
– is the correct description of the tbp moiety

rather than AlF3
0, and that MgF3

– is a near isosteric fit to PO3
– in the computed TS

for the hydrolysis of ATP [61, 88]. This result agrees with a 19F NMR analysis, have

been directed at MFx complexes for cAPK [50]. The computations conclude that

this kinase prefers a monoanionic analog (MgF3
- or AlF4

-) over a neutral analog

(AlF3
0) to match the -ve charge on the phosphoryl group.

6 It should be added that recent structural studies suggest that one of the catalytic magnesiums is lost

from its pre-TS location during the bond-making-breaking process and then appears in a new location

(PDB: 4klf and 4klg).
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7.6.2 Studies Linking Reaction Mechanisms from Model Systems to MFx Enzyme

Complexes

Early QM studies on phosphoryl transfer analyzed the hydrolysis of methyl

phosphate [89] and methyl pyrophosphate [90], added magnesium [91], and then

transposed the results into the context of the Ras GTPase active site. The result does

not match well to the MFx structure for Ras�RasGAP (PDB: 1wq1) because (i) the

computed OA—OD separation lies in the region 4.7–5.5 Å and in the MFx structure

is 4.4 Å. (ii) The computation calls for a second water to facilitate PT [92], however,

in those (few) instances where a second water is seen in high-resolution MFx

structures for Ras, it occupies the site vacated by a displaced or missing Gln61

residue, and is in no position to deliver the proposed catalysis (Fig. 7a).

7.7 Computations Transposing GDP�MFx into GTP Enzyme Complexes

7.7.1 Ras Family and GTP Hydrolysis

The use of MFx TSA structures to identify the TS for hydrolysis of GTP by Ras

proteins has been the basis of many computations. Several studies have used PDB:

1wq1 [22], the 2.5 Å-resolution structure of Ras�RasGAP�GDP�AlF3
0 as starting

point, and have employed both QM/MM [92–99] and EVB approaches [100, 101].

Some of these have aroused expert criticism of limitations inherent in the QM/MM

approach [102]. The results have varied widely, from a two-step reaction

mechanism with bond breaking preceding bond making (i.e. a dissociative process;

Scheme 1a) [100], to exclusion of water by the arginine finger [98], tautomeric

catalysis [17], electrostatic catalysis [101], a two-water mechanism [92], and sundry

rationalizations of the adverse effects of mutations [97, 99, 101]. The QM zone has

generally been limited to 30–40 heavy atoms and, in consequence, has not examined

the role of the function of several amino acids in contact with the reactants, most

Fig. 18 Growth of computational publications since 1994 showing QM results on AlF4
– leading with

[AlF3
0 ? MgF3

–] comparable to studies based on BeF3
- complexes
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especially the extensive H-bonding network (as in Fig. 16). By contrast, an

alternative computational approach using Kohn–Sham DFT analysis for RhoA�R-

hoGAP hydrolysis of GTP employed a QM zone of 91 heavy atoms, embracing a

network of 21 H-bonds, and has attributed catalysis to orbital orientation determined

by protein control of H-bonds donated by the nucleophilic water (Fig. 16) [44]. The

same study validated the high relevance of MgF3
– as a TSA by back-computing its

structure from that of the calculated structure for the true TS complex for GTP

hydrolysis.

7.7.2 Other GTPases and GTP Hydrolysis

A study on the structures of a GMP�AlF3
0 complex (PDB: 2b8w) and a GDP�AlF4

-

complex (PDB: 2b92) for hGBP1, has linked a mechanism for the hydrolysis of

methyl triphosphate (MTP) to the two-step hydrolysis of GTP to GDP and thence to

GMP by this interferon-activated human GTPase (Fig. 7b). The computation

employed dated ab initio QM/MM molecular dynamics to simulate the hydrolysis of

both GTP and of MTP as a reference system [103]. The study proposes that GTP

hydrolysis involves an indirect, substrate-assisted catalysis mechanism, identifying

the nearest general base as Glu99, which is 6.2 Å from the nucleophilic water in the

TSA complex. This separation problem was resolved by invoking transmission of

base catalysis via one water to Ser73, and thence via a second water to the

nucleophilic water. These bridging waters are not present in the substantive (3.2 Å

resolution) TSA complex but appear to be imported from a structure of hGBP1 with

b, c-imino-GTP that is clearly an NAC complex (PDB: 2bc9; 2.8 Å resolution).

This investigation merits a cautionary comment on the frailties of a computational

analysis based on structures of poor resolution, under-informed by an adequate

grasp of mechanisms of phosphoryl transfer.

7.8 Computations Transposing ADP�MFx into ATP Enzyme Complexes

7.8.1 ATP Hydrolysis by Myosin

Myosins are a family of ATP-dependent motor proteins whose role in muscle

contraction is driven by ATP hydrolysis. Multiple structures of Mg�ADP�MFx exist,

including BeF3
– (PDB: 1w9i and 1mmd) and AlF4

– (PDB: 1w9l and 1wj9). These

structures have been used to identify the catalytic amino acids and locate key water

molecules, especially the nucleophilic water that attacks in-line at PG (Fig. 8a). A

recent QM/MM computation of the hydrolysis of ATP used a DFT method with

B3LYP functional and a 6–31G(d,p) basis set to treat 84 atoms in the active site for

the Mg�ADP�BeF3
– structure of the myosin II head group (PDB: 1mmd), with ATP

modeled by replacing BeF3 with a phosphate (cf. Fig. 4a) [104]. Although the

starting structure for the computation (Fig. 19a) has the nucleophilic water (Wa) in a

NAC, as defined by its H-bond proximity to F2 (2.7 Å) and out-of-line angle for the

attack on Be (152̊), the simulations delivered a H-bond network that lead to the final

product, H2PGO4
-. The proposed mechanism involves formation of a
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stable metaphosphate intermediate prior to the TS followed by a series of PTs

(Fig. 19b).

7.8.2 ATP Hydrolysis by F1 ATPase

F1-ATPase (ATP synthase) is a membrane-bound protein that uses a proton gradient

to drive ATP synthesis. There are three prime MFx complexes for the a3b3 assembly

at resolutions from C2.0 Å (PDB: 1w0j, 1h8e, and 1e1r). These have been starting

points for multiple computational studies, of which the majority are concerned with

energetics of the chemical step, coupling between the subunits and the rotor, and

rotational behavior of the synthetic complex [102, 105–107]. More recent studies

involve the juxtaposition of several structures from the PDB. One of these builds a

visual comparative structural approach that emphasizes pivotal roles for Mg2? and

protein P-loop residues in synthesizing ATP (159–163). It uses four structures,

including the ATPase�Mg�ADP�AlF4
– complex (PDB: 1h8e; Fig. 20) [108].

7.8.3 Phosphoryl Transfer in Kinases

The catalytic subunit of cAPK is a serine/threonine kinase responsible for many of

the effects of cAMP signaling. It is a prototype for the kinase family that uses two

catalytic magnesiums, and has become the most widely studied of all kinases. Many

computations have focused on the phosphorylation of a serine in the target peptide

by ATP, but recent advances in high-resolution structures of an NAC complex with

b,c-imino-ATP and the products from its slow reaction during crystallization

combined with an MgADP�AlF3
0 TSA, (PDB: 1rl0) [109] have given new

opportunities for computational analysis. One of these, using MP2/aug-cc-pVTZ/

CHARMM//B3LYP/6-31 ? G(d)/CHARMM electronic structure calculations with

Fig. 19 Mechanism of ATP hydrolysis by myosin. a Myosin complex with Mg�ADP�BeF3
- (PDB:

1mmd) at 1.95 Å, with beryllium (lemon sphere) trifluoride bonded to O2B of ADP (cyan). Amino acids
in network (silver, blue, red) shown with H-bonds to TSA complex (red dashes). Nucleophilic water (red
sphere) is in a NAC. b The key feature of the metaphosphate state is the extreme polarization of water Wa,
due to two H-bonds with the Ser237–C=O and water. Attack of Wa on PG involves attendant PTs via the
helper water, Wh (red arrows) [104]
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a completely solvated model of the cAPKcat–ATPMg2–SP20 system finds that a

dissociative concerted mechanism involving two consecutive steps is more

favorable than an associative mechanism [110, 111] or a concerted loose

mechanism [112] (Scheme 1b). In step 1, phosphoryl transfer involves a dissocia-

tive TS with an O–PG–O distance of 4.7 Å. Then, step 2 follows with back-

protonation of the serine phosphate.

The range of analyses to be found in such computations has to be set against

recent structural work. The superposition of well-resolved complexes of cAPK with

reactant, MgADP�MgF3
– TSA analog (PDB: 1l3r), and a product complex

(PDB:1rdq) [113] shows structurally that the overall reaction is defined by the

geometry of active site residues and involves migration of phosphorus only 1.1 Å

from start to finish with OA–OD separation *4.5 Å in the TS (Fig. 21). Other

kindred analyses have shown similar results [26].

Fig. 20 F1ATPase�Mg�ADP�AlF4
- TSA complex for ATP hydrolysis (PDB: 1h8e) showing in-line

water attack on aluminum (red sphere) (color: phosphorus, orange; amino acids, gray; adenosine, cyan;
waters, red sphere)

Fig. 21 Superposition of the active site of cAPK for 55% reactant and 45% product (PDB: 1rdq, red
sticks), TSA (PDB: 1r3l, gray sticks), and product (PDB: 4hpt) after conformational change post-
reaction. Alignment of invariant amino acids (silver) and adenosine residues shows the high quality of fit
(aligned for all Ca). The inset shows an orthogonal view of the threefold overlay of PGO3 and its mimic
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7.9 Thoughts from Computations

The first phase of computational studies for phosphoryl transfer was largely focused

on finding a close match between computed activation energies and the

experimental ones. However, recent advances in computational methodology have

cast a shadow on earlier methods, where the energy error might easily lie in the

range of 2–10 kcal mol-1, with error spreading as large as 30 kcal mol-1

[78, 114, 115]. Current protocols enable a much larger number of heavy atoms to

be embraced in the QM zone, leading to computer results that hinge on geometry of

the TS and the H-bond network that it embraces [44, 108, 111]. Such analyses have

identified the propensity of nucleotide analogs, particularly b,c-iminoATP, b,c-

methyleneATP, and their GTP counterparts, to deliver NACs for phosphoryl

transfer processes, which is now recognized in recent computational studies as

capable of generating small but highly significant conformational changes in kinases

and GTPases [44, 108]. Lastly, the belief that enzymes work by optimizing reaction

mechanisms that work slowly in solution, as Knowles put it ‘‘Not different, Just

better’’ [116], is proving to be wide of the mark for phosphate reactions. There is

growing evidence that phosphoryl transfer takes place in a desolvated environment

to enable full protein control of the catalytic region. Water is rigorously excluded to

avoid disruption of H-bond networks that are essential for the organization of

catalysis.

8 Conclusions

Trifluoroberyllate, tetrafluoroaluminate, and trifluoromagnesate are the primary

anionic MFx species that can mimic the phosphoryl group. Structural, spectroscopic,

and computational methods have combined to validate their use as surrogates for

PO3
– in ground state and transition state analog complexes for many enzymes. Their

use has delivered details of phosphoryl transfer at atomic resolution and supported

investigations of protein folding and aggregation for tertiary structure problems. In

particular, their analysis has confirmed existing concepts, introduced new ideas, and

set new goals, of which the following comprise a brief summary:

• In-line stereochemistry and concertedness for SN2(P) reactions has been

established at atomic resolution;

• Relative priority of charge over geometry in transition state organization is well

supported;

• Subtle conformational differences between NAC and TS conformations of

amino acid functions are increasingly apparent;

• The role of H-bond networks to give structural coherence to proteins in

transition states is burgeoning;

• The propensity of anionic phosphate oxygens to H-bond to ROH nucleophiles

explains the need for solvent exclusion from the TS, while its impedance offers a

new interpretation of general base catalysis.
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Abstract Inositol polyphosphates, in their water-soluble or lipid-bound forms,

represent a large and multifaceted family of signalling molecules. Some inositol

polyphosphates are well recognised as defining important signal transduction

pathways, as in the case of the calcium release factor Ins(1,4,5)P3, generated by

receptor activation-induced hydrolysis of the lipid PtdIns(4,5)P2 by phospholipase

C. The birth of inositol polyphosphate research would not have occurred without the

use of radioactive phosphate tracers that enabled the discovery of the ‘‘PI response’’.

Radioactive labels, mainly of phosphorus but also carbon and hydrogen (tritium),

have been instrumental in the development of this research field and the estab-

lishment of the inositol polyphosphates as one of the most important networks of

regulatory molecules present in eukaryotic cells. Advancements in microscopy and

mass spectrometry and the development of colorimetric assays have facilitated

inositol polyphosphate research, but have not eliminated the need for radioactive

experimental approaches. In fact, such experiments have become easier with the

cloning of the inositol polyphosphate kinases, enabling the systematic labelling of

specific positions of the inositol ring with radioactive phosphate. This approach has

been valuable for elucidating their metabolic pathways and identifying specific and

novel functions for inositol polyphosphates. For example, the synthesis of radio-

labelled inositol pyrophosphates has allowed the discovery of a new protein post-

translational modification. Therefore, radioactive tracers have played and will

continue to play an important role in dissecting the many complex aspects of
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inositol polyphosphate physiology. In this review we aim to highlight the historical

importance of radioactivity in inositol polyphosphate research, as well as its modern

usage.

Keywords Radioactivity � Inositol � Pyrophosphates � Metabolism � Phosphate

1 Introduction

Inositol polyphosphates comprise a vast and multifaceted family of cellular

metabolites. The size of the family is explained by the ability to combinatorially

substitute the six hydroxyls of the myo-inositol ring with phosphate moieties:

mathematically, 64 such combinations are possible [1]. This number is in fact an

underestimate, as diphosphate (or pyrophosphate) moieties also exist [2– 4]. Among

these myriad inositol polyphosphates, without doubt the most famous is the calcium

release factor Ins(1,4,5)P3, the prototypical second messenger. Hydrolysis of the

lipid bond of PtdIns(4,5)P2 by phospholipase C (PLC) following receptor activation

to release the water-soluble Ins(1,4,5)P3 and the lipid diacylglycerol (DAG) is a

textbook example of signal transduction (Fig. 1) [5, 6]. It results in Ins(1,4,5)P3
binding to the InsP3 receptor and the consequent release of calcium from

intracellular stores [7].

This PLC activity was indirectly assayed during the first discovery of receptor-

stimulated inositol polyphosphate metabolism. In the early 1950s, the Hokin

husband and wife team were studying RNA metabolism using radioactive

orthophosphate [32P] metabolic labelling, when they discovered an increase in

cellular incorporation of radioactivity when pancreatic slices were stimulated with

acetylcholine. Surprisingly, however, the large majority of radioactivity was not

incorporated into nucleic acids but into the inositol-containing lipids called

phosphoinositides (PI or PtdInsP, phosphatidylinositols); this acetylcholine-stimu-

lated [32P] incorporation was therefore termed the ‘‘PI response’’ [8, 9]. It was not

until three decades later that the PI response was determined to be part of PLC

activation [6, 10] (Fig. 1). The [32P] taken up is initially incorporated into ATP and

other nucleotides. Radioactive phosphorylation of DAG to phosphatidic acid (PA)

allows its reattachment to inositol, creating PtdIns that is further phosphorylated,

generating the radioactive PtdInsP/‘‘PI’’ that the Hokins observed, and completing

what is now known as the inositol cycle (Fig. 1).

This short historical background highlights the fundamental importance of

radioactive phosphate labelling in the birth of the phosphoinositide and inositol

polyphosphate signalling research fields. Equally, everyone is aware of the

historical—and indeed, current—importance of radioactive labelling in nucleic

acid research [11]. Without radioactivity-based methods, molecular biology would

not have emerged and we would not be in the post-genomic era of biomedical

research. It is not an overstatement to say that without radioactivity, the advances in

biomedical science and consequent improvements in human health of the past

century would not have been achieved. The ongoing importance of radioactive

labelling to inositol polyphosphate research should also not be underestimated.
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The general perception of ‘‘radioactivity’’ is one of fear, and understandably so,

considering famous disasters such as those at Chernobyl or Fukushima [12].

However, using very low trace levels of radioactivity in a highly controlled research

environment is safe: many protection and monitoring measures are available

[13, 14]. Young researchers should therefore embrace radioactivity-based tech-

niques, as they offer unique research opportunities, even in this twenty-first century,

and especially in the inositol polyphosphate research field. Inositol polyphosphates,

being unable to absorb UV/visible wavelength light, cannot be detected by

absorbance or fluorescence methods. Thus the study of their metabolism and

physiological functions has only been possible through radioactivity experiments.

The current essay will focus primarily on the importance of radioactive phosphate

labelling ([32P] and [33P]) in inositol polyphosphate biology. We will discuss the use

of radioactive orthophosphate tracers to study the cellular metabolism of inositol

Fig. 1 Schematic representation of the inositol cycle. Inositol acquired from the extracellular space is
incorporated into lipids by the action of the phosphatidylinositol synthase (PI-synthase). The conversion
of PtdIns (PI), first to PtdIns(4)P (PIP) and then to PtdIns(4,5)P2 (PIP2), generates the substrate for
phospholipase C (PLC, boxed in red). Once receptor activation occurs, PLC generates two second
messengers: the (plasma) membrane-resident diacylglycerol (DAG) and the calcium (Ca2?) release factor
Ins(1,4,5)P3 (IP3). The latter is converted back to inositol via two dephosphorisation steps, closing the
cycle. The inositol cycle is particularly active in stimulated mammalian cells. The Hokin ‘‘PI response’’
[8, 9] measures the [32P] taken up by the cell and its conversion to [32P] cATP, with the subsequent
radioactive phosphorylation of DAG to phosphatidic acid (PA). PA is then reattached to inositol, creating
radioactive PI. For graphical reasons, inositol is abbreviated here as ‘‘I’’ instead of ‘‘Ins’’, and
phosphatidylinositol as ‘‘PI’’ instead of ‘‘PtdIns’’
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polyphosphates, as well as the biochemical synthesis and purification of inositol

polyphosphates radiolabelled at specific positions on the inositol ring. To provide a

complete view of relevant radioactive methods, we will also concisely describe the

use of radioactive hydrogen (tritium [3H]) and carbon (carbon-14 or [14C]) labelling

techniques.

2 Phosphoinositides and Inositol Phosphates

Before discussing radioactive labelling methods in inositol polyphosphate research,

we must briefly introduce these molecules and the metabolic pathways connecting

them. As it is not the main scope of this essay, discussion of inositol polyphosphate

metabolism will be highly simplified; the interested person is encouraged to read the

following more comprehensive reviews [15–18]. The carbon backbone of myo-

inositol (hereafter simply called ‘‘inositol’’) is by far the most common and

biologically relevant of the naturally occurring stereoisomers. It is also the structural

building block for the inositol polyphosphates. In its favoured chair conformation,

inositol has five equatorial and one axial hydroxyl group (Fig. 2a) [19]. This axial

hydroxyl is found at the carbon in position 2, using the D-numbering convention for

cyclitols.

The simplest function of inositol is as an osmolyte, whose cellular concentration

is regulated in response to hyperosmolarity. However, more interesting functions

are achieved through phosphorylation to create inositol polyphosphates. These

water-soluble molecules have a complicated biosynthetic pathway in yeast and,

presumably, in mammalian cells: not just sequential phosphorylation or dephos-

phorylation, but synthesis that is intimately linked to the metabolism of the related

PtdIns lipids (Figs. 1, 3) [20, 21]. Cells can synthesise inositol de novo from

glucose-6-phosphate or acquire it from the extracellular environment, allowing it to

enter the inositol cycle (Fig. 1). Inositol lipid synthesis starts with the activation of

PA with CTP, becoming CDP-DAG that is subsequently attached to the 1-hydroxyl

of the inositol ring, forming PtdIns. This can be phosphorylated to PtdIns(4)P and

then to PtdIns(4,5)P2, the substrate for phospholipase C (PLC), in the calcium

release signalling paradigm described above. It is important to remember that the

universal production of Ins(1,4,5)P3 by PLC does not necessarily translate into

calcium signalling, as many eukaryote clades including yeast and plants do not

possess InsP3 receptors [22]. The Ins(1,4,5)P3 generated by PLC activity can be

dephosphorylated back to inositol and reused for PtdIns synthesis. Conversely,

Ins(1,4,5)P3 can act as precursor for a large, diverse family of higher phosphorylated

inositol polyphosphates (Fig. 3). For example, Ins(1,4,5)P3 is a substrate of the

inositol polyphosphate multikinase (IPMK; yeast Arg82) [23–26], which is able to

phosphorylate both positions 3 and 6, creating Ins(1,3,4,5,6)P5. This is acted on by

inositol pentakisphosphate 2-kinase (IP5-2K or IPPK; Ipk1 in yeast) [27, 28] to

create the fully phosphorylated inositol hexakisphosphate (InsP6 or phytic acid).

Another metabolic route can also lead to Ins(1,3,4,5,6)P5 synthesis. Phosphorylation

of Ins(1,4,5)P3 by ITPKA,B,C, the IP3-3Ks, generates Ins(1,3,4,5)P4 [29, 30] that is

dephosphorylated by 5-phosphatases such as SHIP1 into a different InsP3 isomer,

Top Curr Chem (Z) (2017) 375:14
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Fig. 2 myo-Inositol structure and its radiolabelled derivatives. While nine stereoisomeric configurations
of inositol are possible, the structure of myo-inositol is depicted in (a), referred to in the review simply as
inositol, since it is by far the most common and biologically relevant form of inositol. The modern
D-numbering system for inositols is counterclockwise as viewed from above and assigns the single axial
hydroxyl group of myo-inositol to the carbon in position 2, while the other five hydroxyls are equatorial.
myo-Inositol possesses an axis of symmetry through carbons 2 and 5 (dashed line), making positions 1,3
and 4,6 enantiomeric. The most common commercially available tritium-labelled inositol (b) possess the
[3H] radiolabelled in position 1 and/or 2, while in [14C]inositol the radiolabel is uniformly distributed (c)
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Ins(1,3,4)P3. This isomer is a substrate for ITPK1, another multikinase, which adds

a phosphate group at positions 5 and 6, again resulting in an InsP5 species with the

remaining hydroxyl group at the 2 position [31–33] (Fig. 3). Furthermore ITPK1

can also phosphorylate position 1 of the inositol ring [34, 35].

Together, Ins(1,3,4,5,6)P5 and InsP6 are the major forms of inositol polyphos-

phates present in mammalian cells. Despite their association with numerous cellular

functions, and unlike Ins(1,4,5)P3, no dramatic or rapid changes in the cellular

amount of either molecule are seen on receptor activation, although their relative

level is modulated by neurotrophin signals [36]. However, they are not metabol-

ically inert: Ins(1,3,4,5,6)P5 and InsP6 are substrates for the synthesis of a subfamily

of inositol polyphosphates called inositol pyrophosphates [37–39]. These contain

one or more high-energy phosphoanhydride (pyro) bonds as well as the phospho-

esters. Two classes of enzyme synthesise inositol pyrophosphates in mammalian

cells. The IP6Ks (InsP6 kinase) are able to pyrophosphorylate position 5 of the

inositol ring, generating 5PP-InsP5 (diphosphoinositol pentakisphosphate, InsP7)

from InsP6 or 5PP-InsP4 from Ins(1,3,4,5,6)P5 [25, 38–43]. Alternatively, PPIP5K

(VIP1 in yeast) enzymes can pyrophosphorylate position 1, generating the 1PP-

InsP5 isomer of InsP7 from InsP6 in vitro [44–47], and InsP8 ([PP]2-InsP4; bis-

diphosphoinositol-tetrakisphosphate) from 5PP-InsP5 in vivo [48, 49].

The characterised inositol phosphate kinases (Table 1) offer the opportunity to

label the inositol ring with radioactive phosphate simply by performing in vitro

enzymatic reactions using recombinant enzyme with radioactive [32P]cATP. We

will first introduce the radioactive isotopes available, before describing their use.

3 Radioactive Labels for Inositol

Inositol polyphosphates consist of four different atomic species: for example, the

chemical formula of the fully phosphorylated inositol ring of InsP6 is C6H18O24P6.

Of these elements, oxygen does not have relevant long-lived radioisotopes and

therefore is not used for radiolabelling. Conversely, it is possible to generate useful

unstable, and thus radioactive, isotopic species for carbon, hydrogen and phospho-

rus. We will briefly describe the biophysical characteristics of the most commonly

bFig. 3 Inositol polyphosphates synthetic pathway. The synthesis of higher phosphorylated inositol
polyphosphates begins with the synthesis of Ins(1,4,5)P3. Saccharomyces cerevisiae uses only
phospholipase C (PLC) hydrolysis of the lipid PI(4,5)P2 to synthesise Ins(1,4,5)P3 [28], whereas
Dictyostelium discoideum utilises the cytosolic route, of which the enzymology is not fully elucidated
(dashed line) [110]. Ins(1,4,5)P3 is metabolised by ITPKA, B, or C to synthesise Ins(1,3,4,5)P3, which is
acted on by the 5-phosphatase (grey line) to generate the Ins(1,3,4)P3 converted by ITPK1 to
Ins(1,3,4,5,6)P5. However, this isomer of InsP5 can also be directly generated by IPMK from Ins(1,4,5)P3.
InsP5 is converted to InsP6 by the IP5-2Kinase IPPK. Phosphorylation of InsP6 by the IP6Ks generates the
inositol pyrophosphate InsP7, specifically the depicted isomer 5PP-InsP5, which is further acted on by
PPIP5K1,2 to IP8, specifically to 1,5(PP)2-IP4. The IP6K enzymes can also use Ins(1,3,4,5,6)P5 as a
substrate, generating the inositol pyrophosphate PP-IP4. In this figure, for visual reasons, inositol is
abbreviated as ‘‘I’’ instead of ‘‘Ins’’, and phosphatidylinositol as ‘‘PI’’ instead ‘‘PtdIns’’. Kinases
catalysing each step are indicated in red (human) and blue (S. cerevisiae)

123

Top Curr Chem (Z) (2017) 375:14

Reprinted from the journal 73



used radioisotopes: tritium [3H], carbon [14C], and phosphorus [32P] and [33P]

(Table 2). All are radioactive due to b decay.

Tritium contains two neutrons as well as the usual hydrogen proton. It is a weak

b-emitter with a half-life of over 12 years. The emitted electron has very low

energy, and can therefore travel only a few millimetres in air, and cannot penetrate

the skin. This makes it particularly easy to work with, as special protective

equipment is not required: gloves, goggles and lab coat are sufficient. On the minus

side, the emitted radiation is too low to be detected by Geiger counter. Testing for

tritium contamination before and after an experiment must instead be performed by

swipe testing and liquid scintillation counting. Carbon-14 has a very long half-life,

enabling its use in carbon dating in archaeology. The emitted electrons are still

reasonably low-energy, although they can be detected using a Geiger counter, and

Table 1 Inositol phosphate kinases identified in the human and yeast (S. cerevisiae) genomes

Inositol

polyphosphate

kinase

Human Yeast Main enzymatic activities References

Inositol-

trisphosphate

3-kinase

ITPKA,B,C – Ins(1,4,5)P3 =[ Ins(1,3,4,5)P4 [74, 105–107]

Inositol

polyphosphate

multikinase

IPMK Arg82 Ins(1,4,5)P3 =[ Ins(1,3,4,5)P4

Ins(1,3,4,5)P4 =[ Ins(1,3,4,5,6)P5

PtdIns(4,5)P2 =[PtdIns(3,4,5)P2

[23–26]

Inositol-

tetrakisphosphate

1-kinase

ITPK1 – Ins(1,3,4)P3 =[ Ins(1,3,4,5)P4

Ins(1,3,4,5)P4 =[ Ins(1,3,4,5,6)P5

Ins(3,4,5,6)P4 =[ Ins(1,3,4,5,6)P5

[32, 33, 35, 85, 108]

Inositol

pentakisphosphate

2-kinase

IPPK Ipk1 Ins(1,3,4,5,6)P5 =[ InsP6 [27, 28]

Inositol

hexakisphosphate

kinase

IP6K1,2,3 Kcs1 InsP6 =[ 5PP-InsP5

1PP-InsP5 =[ (1,5)PP2-InsP4

Ins(1,3,4,5,6)P5 =[ PP-InsP3

[25, 42, 83]

Diphosphoinositol

pentakisphosphate

kinase

PPIP5K1,2 Vip1 InsP6 =[ 1PP-InsP5

5PP-InsP5 =[ (1,5)PP2-InsP4

[44–47, 109]

Table 2 Isotopic labels available to generate inositol polyphosphate radioactive tracers

Symbol b energy Range in air Half-life

Tritium, hydrogen-3 [3H] 5.7 keV \1 cm 12.3 years

Carbon-14 [14C] 156 keV 24 cm 5730 years

Phosphorus-32 [32P] 1709 keV 610 cm 13.5 days

Phosphorus-33 [33P] 249 keV 89 cm 25.4 days
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can travel less than 0.3 mm into the skin. Therefore, shielding is also not necessary

when working with [14C].

Phosphorus-32 is the most energetic radioisotope commonly used in biochemical

laboratories. The electrons released are very high-energy and can travel over 6 m

through air and 0.76 cm into human tissues. Consequently, extra precautions are

required when working with [32P]: a 1 cm Plexiglas shield is required for the

working area, and dosimeter monitoring for the experimenter. Contamination is

easily detected with a Geiger counter. Experiments requiring [32P] can also be

performed using the superior phosphorus-33 isotope. The emitted radiation from

[33P] is of lower energy and is therefore less dangerous, although the same safety

measures are required. The half-life of [33P] is also longer than that of [32P]:

25.4 days compared to 14.3 days. This can be extremely beneficial in maximising

the value of any radiolabelled compounds synthesised. Only very rare experimental

circumstances require the high energy of [32P] radiation, but this isotope is still

widely used, since there is a huge price difference between the two radioactive

isotopes. Phosphorus-33 is much more expensive.

4 Inositol Polyphosphate in Vivo Studies Using Radioactive Metabolic
Labelling

As mentioned above, the main problem for inositol polyphosphate research is that

there is no easy way to detect the inositol ring using spectrophotometry. A technique

was developed in the 1980s that combined chromatography, post-column derivati-

sation and spectrophotometry to visualise the phosphate groups, and thus indirectly

the inositol polyphosphate, to try to solve this problem [50]. This method is not

sensitive enough to be routinely used with mammalian cells, although there are a

few reports of its use [46]; it may be more appropriate for organisms with high

levels of inositol polyphosphates such as the amoeba Dictyostelium discoideum

[3, 51]. In general, for effective, sensitive and reliable methods for detecting and

studying the metabolism and many functions of inositol polyphosphates, we must

turn to radioactivity.

The standard procedures for investigating inositol polyphosphate metabolism

in vivo require the use of radiolabelled inositol tracers [52, 53]. These are usually

based on tritium labels, with carbon-14 rarely used, as it is more expensive (Fig. 2b,

c). These [3H]inositol or [14C]inositol tracers (Fig. 2b, c) are added to the

extracellular growth medium, where they are taken up by cells and enter the inositol

cycle (Figs. 1, 3). Different inositol polyphosphates and phosphoinositides then

begin to be radiolabelled. The labelling must be given sufficient time to reach

isotopic equilibrium, where all the inositol polyphosphates species are in

equilibrium with [3H]inositol or [14C]inositol. Given the presence of more than

30 inositol polyphosphate species in eukaryote cells [15, 17], and that, for example,

seven sequential enzymatic reactions are required to generate InsP7, it is clear that

allowing time to reach isotopic equilibrium is fundamental to generating reliable

experimental data. For yeast, it is normally sufficient to label the cells overnight,

which corresponds to 7–8 cell divisions. Unsurprisingly, mammalian cells must be
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labelled for much longer to reach equilibrium: 4 or 5 days may be enough,

depending on cell type. Before starting labelling experiments in a new cell type, a

pilot study must be performed to determine the time needed to reach metabolic

equilibrium [36]. This is calculated by dividing the radioactivity accumulated in

InsP6 by the radioactivity of the lipid phosphoinositide pool. This InsP6/phospho-

inositide ratio increases over time; when it remains constant, the labelling has

reached equilibrium. In the modern literature, too often the isotopic equilibrium is

not properly calculated or even considered, casting doubt on the reliability of the

data generated.

Once metabolic equilibrium has been reached, radiolabelled inositol polyphos-

phates can be acid-extracted and resolved by strong anion exchange high-

performance liquid chromatography (saxHPLC). Two options exist for analysing

the samples. Firstly, an in-line radioactivity detector can be used, greatly speeding

up analysis and reducing handling at the cost of sensitivity. The alternative is to

collect fractions for manual counting with a scintillation b-counter; while more

labour-intensive, this method significantly increases the sensitivity. The inositol

pyrophosphate species InsP7 and InsP8 can be easily detected in labelled yeast

extracts using manual counting [52, 54], while only the more abundant precursor

InsP6 has been identified using in-line detectors [28].

It should also be mentioned that dual isotopic labelling is possible. The difference

in the energy of electrons emitted by [3H]inositol and [14C]inositol enables

scintillation counters to distinguish these two inositol species. By labelling cells to

isotopic equilibrium using [14C]inositol, and then briefly with [3H]inositol, it is

possible to study the possible heterogeneity within pools of phosphoinositides or

inositol polyphosphates [55]. This approach was employed successfully in the study

of inositol polyphosphates generated after vasopressin or prostaglandin stimulation

of vascular tissue. Their source was found to be rapidly labelled phosphoinositides,

while the bulk of the highly phosphorylated inositol polyphosphates InsP5 and InsP6
were not created from the rapid phosphoinositide turnover, and were therefore

deemed metabolically inert [56]. Dual labels can also have more technical uses.

Chiefly, a second isotopic label is widely used to determine chromatographic

saxHPLC peak identity: spiking a [3H]inositol labelled extract with a [14C]inositol

polyphosphate standard enables conclusive identification of the nature of the eluted

peaks [24].

The use of commercially available radiolabelled standards would of course be

ideal. Unfortunately, many inositol polyphosphates, including InsP7, are not

available commercially in their radiolabelled form or often even in unlabelled

format. The next best option for peak identification is to use the well-characterised

yeast inositol kinase mutant strains. Separation of radiolabelled wild-type yeast

extracts by saxHPLC reveals a simple elution profile with one major peak of InsP6
and two smaller, more polar and therefore later-eluting peaks of InsP7 and InsP8.

These two peaks are absent in extracts from kcs1D (IP6K mutant) yeast. The vip1D
mutant instead accumulates InsP7 [48, 49]. Other mutants show increased peaks for

inositol polyphosphates: Ins(1,4,5)P3 accumulates in arg82D multikinase mutants

[23], while Ins(1,3,4,5,6)P5 accumulates and is converted by Kcs1 into PP-IP4 in an

ipk1D mutant. The ipk1Dkcs1D double mutant has only the increased InsP5 peak
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[54]. Radiolabelled inositol polyphosphate standards can also be generated in vitro

enzymatically, whether using radioactive inositol polyphosphate precursors or cold

inositol polyphosphates with [32P]cATP (as described below). Laboratories with a

serious interest in inositol polyphosphate analysis would do well to create standards

with a long half-life: extracting and purifying specific inositol polyphosphates from

[3H]inositol- or [14C]inositol-labelled cells gives defined standards that can be used

over several years [24, 57].

While radioactive orthophosphate labelling has been instrumental in the early

development [58–60] of the inositol phosphate research field, it must be admitted

that [32P] or [33P] orthophosphate labelling currently has limited use for in vivo

analysis of inositol polyphosphate metabolism. Many phosphorylated molecules in

eukaryotic cells, primarily the abundant nucleotides, are co-purified during the

acidic extraction normally employed to purify inositol polyphosphates. Therefore,

any chromatogram is essentially undecipherable until the nucleotides have eluted

off. The interfering nucleotides can be removed first by charcoal treatment, but this

complicates the extraction procedure [61]. For this reason, only a handful of papers

published after the 1990s have reported the use of phosphate labelling to study

inositol polyphosphate metabolism in vivo. One such use was the original

identification of inositol pyrophosphates in D. discoideum extracts [3]: the

saxHPLC elution region for these high-polarity molecules in this organism is

conveniently free from interference from contaminating phosphorylated molecules.

This is not the case for extracts from cell types rich in the linear polymer of

phosphates [62, 63] inorganic polyphosphate (polyP), such as yeast or try-

panosomes, where polyP is particularly abundant [64–66]. In these organisms,

orthophosphate labelling experiments will reveal the continuous presence through-

out the chromatogram of radiolabelled polyP peaks that cover the InsP6, InsP7 and

InsP8 signals (A. Saiardi, unpublished observation).

Orthophosphate labelling using [32P] or [33P] is more useful in studies of PtdIns

lipids. While several types of potentially contaminating phospholipids exist, their

number is not as great as the water-soluble (i.e., acid-extracted) phosphorylated

molecules present in eukaryotic cytosol. Furthermore, nucleotides are eliminated by

the organic solvent extraction procedure required to purify phosphoinositides. Thus

it is possible to identify and study radiolabelled phosphoinositides directly, using

thin-layer chromatography (TLC) or by resolution by saxHPLC after deacylation

[67]. The highly energetic phosphate isotopes also allow the use of in-line

radioactive detection methods to measure the saxHPLC-eluted deacylated lipids. It

is important to note that orthophosphate [32P] or [33P] labelling is usually performed

over a short period of time, from a few minutes to a few hours only. The phosphorus

isotopes are toxic to the cell, and incubation over a few days induces cell stress or

even death. Furthermore, orthophosphate labelling does not require reaching any

isotopic equilibrium. Tritium or [14C] labels are components of the inositol ring

itself (Fig. 1b, c), while phosphate labels are not: they are added and removed by the

dynamic action of specific phosphatases and kinases, and thus isotopic equilibrium

labelling is not necessary.
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5 Biochemical Synthesis of 32/33Phosphate Radiolabelled Inositol
Polyphosphates

Even before the cloning of inositol polyphosphate kinases, allowing the synthesis and

purification of recombinant enzymes from bacteria, partially purified enzymatic

activities or simple cell extracts were used to synthesise radiolabelled inositol

polyphosphates [68, 69]. The synthesis of these molecules, labelled with radioactive

phosphate at specific positions of the ring, has had numerous applications, including as

standards, for monitoring enzymatic activity, or even the discovery of the new post-

translational modification protein pyrophosphorylation. Most of the metabolic

pathways and functions of lower phosphorylated inositol polyphosphates were

elucidated before the cloning of the kinases responsible for their synthesis, often using

elegant [32P] radiolabelled biochemical assays [70–73]. Studies of the functions of the

higher phosphorylated inositol polyphosphates, such as InsP5, InsP6, and their inositol

pyrophosphate derivatives have benefitted from this previous knowledge and by the

cloning of their kinases. Using one of the six now known inositol polyphosphate

kinases (Table 1) and [32/33P]cATP, it is possible to label almost any position of the

inositol ring with radioactive phosphate. We will start by discussing the use of

recombinant ITPKA, an IP3-3 kinase, to generate InsP4 labelled at position 3.

6 Synthesis of [32P]i Radiolabelled InsP4 and Its Use

The biosynthesis of [32P]InsP4 can be achieved by incubating ITPKAwith Ins(1,4,5)P3
and [32P]cATP. This enzyme specifically phosphorylates position 3 of the ring, and

thus generates 3[32P]Ins(1,3,4,5)P4 [74]. Several studies have used this method to

investigate the metabolism of this isomer. Notably, its degradation by inositol

polyphosphate 5-phosphatases (namely SHIP1/2) can be studied by following the

formation of the radiolabelled and thus easily traceable 3[32P]Ins(1,3,4)P5 [75]. The

anabolism of 3[32P]Ins(1,3,4,5)P4 and conversion to [
32P]InsP6 has also been studied

after incubation with nuclear extracts from D. discoideum [76].

SHIP2 is more famous for its ability to convert PtdIns(3,4,5)P3 to PtdIns(3,4)P2,

thus regulating the signal from these two important lipids [77]. To study SHIP activity

against lipids, radiolabelled [32P]PtdInsP3 substrate may be required. Previously,

PI3Kswere employed to create this, but these are large proteins forwhich recombinant

expression from bacteria is difficult. A current alternative is to use IPMK, which can

act on not only the soluble InsP(1,4,5)P3 but also the lipid PtdIns(4,5)P2 [78], allowing

straightforward synthesis of 3[32P]PtdIns(3,4,5)P3, specifically labelled in position 3

[79]. Human IPMK is easily produced from Escherichia coli [26, 78].

7 Preparing [32P]i Radiolabelled InsP5 and Its Use

Several inositol phosphate kinases are quite promiscuous. IPMK, as the name states,

is a multikinase able to phosphorylate the inositol ring at positions 4 and 6, but also

shows, at least in vitro, the ability to convert InsP5 to the inositol pyrophosphate PP-
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InsP4 [26, 80]. As noted above, it is also able to phosphorylate the lipid

PtdIns(4,5)P2 to PtdIns(3,4,5)P3 [78, 81]. The IP6Ks can metabolise several isomers

of InsP5 and InsP6 to inositol pyrophosphates [82, 83]. But perhaps the inositol

phosphate kinase most catalytically flexible is ITPK1, which while primarily

characterised as a 5- and 6-kinase (Fig. 3) [33], in certain species also has the ability

to phosphorylate position 1 of the inositol ring [35]. This activity enables the

synthesis of 1[32P]Ins(1,3,4,5,6)P5 [84] by incubating Ins(3,4,5,6)P4 with [
32P]cATP

in the presence of Entamoeba histolytica ITPK1 produced in E. coli [85] (Fig. 4).

Using 1[32P]Ins(1,3,4,5,6)P5, an intriguing intersubstrate phosphate transfer activity

was also discovered for ITPK1. In the presence of 1[32P]Ins(1,3,4,5,6)P5 and ADP,

human ITPK1 transfers the radioactive phosphate, generating [32P]cATP and

Ins(3,4,5,6)P4. The addition of Ins(1,3,4)P3 to this reaction augmented the rate of

dephosphorylation of 1[32P]Ins(1,3,4,5,6)P5, as Ins(1,3,4)P3 now became the

acceptor of the radioactive phosphate group, forming radiolabelled

[32P]Ins(1,3,4,5/6)P4 phosphorylated at the 5 or 6 position, plus again Ins(3,4,5,6)P4
[84]. Thus the use of radioactive 1[32P]Ins(1,3,4,5,6)P5 enabled elucidation of how

human ITPK1 regulates the synthesis of Ins(3,4,5,6)P4, a signalling molecule

fundamental to controlling chloride channel conductance [31, 32]. It was later

demonstrated, again using 1[32P]Ins(1,3,4,5,6)P5, that ITPK1 from the plant

Solanum tuberosum possesses similar intersubstrate phosphotransferase activity

[86].

Fig. 4 Schematic synthesis of radiolabelled InsP5. The most abundant inositol pentakisphosphate
isomer, Ins(1,3,4,5,6)P5, is the common end product of two multikinases, IPMK and ITPK1, using
different starting inositol triphosphates (see Fig. 3). Therefore, using these two enzymes and different
species of InsP3 and InsP4, it is possible to generate InsP5 labelled in different positions of the inositol
ring. The top reaction illustrates the ability of Entamoeba histolytica ITPK1 (EhITPK1) to phosphorylate
position 1 [34, 35], enabling specific synthesis of 1[32P]Ins(1,3,4,5,6)P5. Conversely, the bottom reaction
uses the mammalian IPMK, a 3,6 kinase. Recombinant IPMK can thus be used to generate radiolabelled
3,6[32P]Ins(1,3,4,5,6)P5 [88]. Different atoms are colour-coded as follows: carbon black circle; oxygen
green circle; phosphate yellow circle; radioactive phosphate red circle
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A different [32P]Ins(1,3,4,5,6)P5 radiolabelled isomer was initially purified from

metabolically labelled cells [72, 87]. It can now be made using IPMK with

Ins(1,4,5)P3 and [32P]cATP, generating 3,6[32P]Ins(1,3,4,5,6)P5 (Fig. 4). Similarly,

[3H]Ins(1,3,4,5,6)P3 is generated by incubating recombinant IPMK with the

commercially available [3H]Ins(1,3,4,5)P4 and ATP. Both radiolabelled reagents

3,6[32P]Ins(1,3,4,5,6)P5 and [
3H]Ins(1,3,4,5,6)P5 have been employed to great effect

in studying the metabolic stability of InsP5 and its anti-tumour capability [88].

8 Preparing [32P]i Radiolabelled InsP6 and Its Use

The commercial availability of [3H]InsP6 has been intermittent over the years. This

is unfortunate, as it was indispensable, for example, in the cloning of the IP6K

enzymes from rat brain homogenate: the conversion of [3H]IP6 to [3H]InsP7 was

followed using polyethylenimine cellulose thin-layer chromatography (PEI-TLC)

[25, 68]. The custom synthesis of [32P]InsP6 was similarly essential to the

identification of the other class of enzymes, PPIP5Ks, able to synthesise inositol

pyrophosphates. High specific activity [32P]InsP6 can be generated enzymatically by

incubating Ins(1,3,4,5,6)P5 and [32P]cATP with recombinant Arabidopsis thaliana

IPK1 enzyme [89]. After HPLC purification, this enzymatic reaction generates

[32P]IP6 specifically labelled in position 2, i.e., 2[32P]Ins(1,2,3,4,5,6)P6. The use of

this compound spurred the identification, cloning and characterisation of the yeast

PPIP5K (Vip1), since its conversion to [32P]InsP7 by kcs1D (IP6K deletion) yeast

extracts revealed the presence of another inositol pyrophosphate synthase activity

[47]. Radiolabelled [32P]InsP6 has also been used to follow IP6K activity during the

yeast cell cycle [90] by simply resolving radioactive [32P]IP6 and [32P]IP7 by PEI-

TLC. In addition to eliminating the need for a sophisticated HPLC apparatus, this

experimental approach is quantitative, since the radioactivity present in the

[32P]InsP6 and [32P]InsP7 TLC spots can be measured by scraping and counting

them in a scintillation counter.

9 Preparing [32P]i Radiolabelled InsP7 and Its Use in Protein
Pyrophosphorylation Reactions

The inositol pyrophosphates InsP7 and InsP8 have been linked to many cellular

roles, but the mechanism is not clear. These are known to be dynamic molecules,

unlike their ‘‘metabolically inert’’ precursor InsP6 [2]: in mammalian cells, up to

50% of the pool of InsP6 may be converted to InsP7 or InsP8 per hour [91]. One

possible mode of action for InsP7 is protein pyrophosphorylation, in which the b-
phosphate is donated to a pre-phosphorylated serine, becoming InsP6 and generating

a pyrophosphoserine residue. The discovery of this post-translational modification

followed the cloning of IP6K1 [25] and the subsequent ability to synthesise InsP7
radiolabelled at the b-position of the pyrophosphate moiety, 5[32P]bInsP7 (Fig. 5),
using InsP6 and [32P]cATP [92]. Synthesis must be followed by a saxHPLC

purification procedure to remove any leftover [32P]cATP. Radiolabelled
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5[32P]bInsP7 fractions are then ready to use following desalting with a Sep-Pak

QMA cartridge and concentration with a centrifugal evaporator [52]. Experiments

demonstrated kinase-independent phosphorylation of multiple proteins in vitro [93].

In the absence of alternative detection methods, the use of the labelled 5[32P]b InsP7
is still reported in all publications of serine pyrophosphorylation [94–96].

Performing the in vitro pyrophosphorylation/transphosphorylation experiment,

once 5[32P]bInsP7 is synthesised, is a straightforward process. However, it is

important to remember the requirement for a pre-phosphorylated serine residue as

substrate. Thus proteins of bacterial origin, such as recombinant mammalian

proteins expressed in E. coli, require a priming event by a classical ATP kinase,

usually casein kinase 2 (CK2) [93, 94]. The 5[32P]bInsP7 pyrophosphorylation is a

non-enzymatic, temperature-dependent event that, while it does occur at physio-

logical temperatures, is enhanced by incubating the sample at higher temperatures

[97]. Once pyrophosphorylated, proteins can be resolved by polyacrylamide gel

electrophoresis (PAGE), and their radioactivity incorporation can be easily

identified by autoradiography. Several substrates of InsP7-mediated pyrophospho-

rylation have been identified so far. A common feature to all is stretches of serines

embedded in regions rich in acidic residues; as magnesium is required for

pyrophosphorylation, it is possible that the acidic residues are required to coordinate

these ions. Pyrophosphorylated proteins are more acid-labile but also more resistant

to phosphatases than proteins phosphorylated by ATP alone [93]. If this is true

in vivo, it could have huge implications for cellular signalling: InsP7-mediated

protein pyrophosphorylation could act in a dominant manner to allow continued

signalling even during phosphatase activation.

Fig. 5 Schematic synthesis of radiolabelled 5[32P]bInsP7. Two different InsP7 isomers can be easily and
rapidly synthesised biochemically, using recombinant IP6K1 or the kinase domain of PPIP5K1 (or its
yeast counterpart Vip1). Using radiolabelled [32P]cATP and InsP6 as substrate, IP6K1 generates
5[32P]bInsP7 (top), thus transferring the radioactive [32P] from ATP to the phosphorylated position 5 of
InsP6. PPIP5K instead generates the isomer 1[32P]bInsP7 (bottom). Different atoms are colour-coded as
follows: carbon black circle; oxygen green circle; phosphate yellow circle; radioactive phosphate red
circle
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It is important to note that inositol pyrophosphates appear to be interchangeable

in their ability to pyrophosphorylate proteins. For example, 1[32P]bInsP7 synthe-

sised using the Vip1 (PPIP5K) kinase domain and [32P]cATP (Fig. 5) is able to

pyrophosphorylate proteins, as is 1,5[32P]InsP8 synthesised by the double action of

IP6K1 and Vip1. In fact, the incubation of S. cerevisiae extracts with 5[32P]bInsP7,
1[32P]bInsP7 or 1,5[

32P]bInsP8 revealed an identical pattern of pyrophosphorylated

proteins [93]. This indicates that if pyrophosphorylation is the mechanism of action

for inositol pyrophosphates, they can substitute for each other in performing their

biological role. However, allosteric regulation of proteins has also been proposed as

a mechanism [98, 99], and in this circumstance, different isomeric species of

inositol pyrophosphates could be recognised by specific effector proteins.

The synthesis described here for 5[32P]bInsP7 is a straightforward procedure, as

is using it to identify pyrophosphorylated proteins. However, processing millicurie

amounts of radioactivity to generate a reagent with a two week half-life requires a

degree of dedication. Therefore, protein pyrophosphorylation, while considered an

exciting post-translational modification, has received little attention, as only a

handful of laboratories have invested in the synthesis of 5[32P]bInsP7. The recent

development of organic synthesised experimental tools to study protein pyrophos-

phorylation [100, 101] will likely lead to the further and very welcome development

of non-radioactive detection methods, and to the demonstration of the existence of

this modification in vivo. These developments will certainly increase interest in

protein pyrophosphorylation, but it must be remembered that it was the innovative

use of radioactive labelling methods that permitted the discovery of this

modification in the first place. This is an excellent demonstration that original

radioactive assays should not be avoided.

10 Perspective

In today’s ‘‘omics’’ era, radioactive labelling appears anachronistic. Current

proteomic, metabolomic or genomic studies give us plentiful information in an ever-

growing number of databases. Ultimately, however, these huge amounts of data

must not be just statistically annotated, but must drive biochemistry experiments,

which as noted before, provide the only experimental basis for the understanding of

biological mechanisms [102, 103]. In this context, radioactive molecular tracers

have played and will continue to play a contributory role in our quest to understand

the molecular mechanisms of life.

This review has highlighted the fundamental importance of radioactive labelling

in the birth and the development of inositol polyphosphate research. Although

recent technological development efforts such as PAGE analysis [82] and TiO2

extraction of inositol polyphosphates [104] are facilitating the study of the

metabolism and functions of these molecules without the need for radioactive

precursors or metabolic labelling, we definitely foresee further need for phosphate-

32/33-, carbon-14- or tritium-based experiments to fully appreciate the importance

of these molecules in cell biology.
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Abstract Mass spectrometry (MS) has become an enabling technology for the

characterization of post-transcriptionally modified nucleosides within ribonucleic

acids (RNAs). These modified RNAs tend to be more challenging to completely

characterize using conventional genomic-based sequencing technologies. As with

many biological molecules, information relating to the presence or absence of a

particular compound (i.e., qualitative measurement) is only one step in sample

characterization. Additional useful information is found by performing quantitative

measurements on the levels of the compound of interest in the sample. Phosphate

labeling of modified RNAs has been developed by our laboratory to enhance con-

ventional mass spectrometry techniques. By taking advantage of the mechanism of

action of many ribonucleases (RNases), digesting RNA samples in the presence of
18O-labeled water generates an 18O-labeled 30-phosphate in each digestion product.

We describe the historical development of this approach, contrast this stable isotope

labeling strategy with others used in RNA mass spectrometry, and provide examples

of new analytical mass spectrometry methods that are enabled by phosphate labeling

in this fashion.

Keywords Stable isotope labeling � Modified nucleosides � RNA sequencing �
tRNA � 18O-enriched water � LC–MS/MS

This article is part of the Topical Collection ‘‘Phosphate Labeling and Sensing in Chemical Biology’’;

edited by Henning Jessen.

& Patrick A. Limbach

Pat.Limbach@uc.edu

1 Rieveschl Laboratories for Mass Spectrometry, Department of Chemistry, University of

Cincinnati, PO Box 210172, Cincinnati, OH 45221-0172, USA

123

Top Curr Chem (Z) (2017) 375:33

DOI 10.1007/s41061-017-0121-z

Reprinted from the journal 89

http://crossmark.crossref.org/dialog/?doi=10.1007/s41061-017-0121-z&amp;domain=pdf
http://crossmark.crossref.org/dialog/?doi=10.1007/s41061-017-0121-z&amp;domain=pdf


1 Mass Spectrometry of Modified Ribonucleic Acids

Mass spectrometry (MS) is a powerful and popular analytical platform for the

characterization of biomolecules. However, the application of mass spectrometry

for characterizing nucleic acids has lagged behind other classes, due to the

simplicity, speed and sensitivity of amplification-driven technologies such as Sanger

and Next-Gen sequencing. Where MS has proven most useful in nucleic acids is in

the direct detection of modified nucleosides. In both deoxyribonucleic acids (DNA)

and ribonucleic acids (RNA), many nucleosides can be enzymatically or chemically

modified. These modifications have important biological functions or outcomes,

including RNA editing, RNA stability and protein expression [1–3]. Not surpris-

ingly, techniques and technologies that enable the rapid determination of modified

nucleosides remain an ongoing interest. The effectiveness of MS as an enabling

technology is that it can reveal the mass and the structure of the modified

nucleoside, which many amplification-based approaches are unable to perform

directly.

A primary focus of our laboratory has been developing MS approaches that

enable the rapid and accurate identification of modified nucleosides from RNA.

More specifically, one goal has been to create a platform that enables RNA

modification mapping—placing identified modified nucleosides into the correct

RNA sequence context. The basis for RNA modification mapping by MS is a

hyphenated liquid chromatography tandem MS (LC–MS/MS) approach although an

alternative method using matrix-assisted laser desorption/ionization MS (MALDI-

MS) has been used by us and others.

RNA modification mapping by MS was initially developed by McCloskey and

co-workers [4]. The general approach involves two separate experiments. The first

experiment allows one to obtain a census of all the modified nucleosides in the RNA

sample of interest by completely digesting the intact RNA into individual

nucleosides, which are separated and identified by LC–MS/MS [5]. The second

experiment requires that the intact RNA first be digested using a specific nuclease,

which will generate a mixture of oligonucleotides of varying length. This mixture of

digestion products is then analyzed by LC–MS/MS as well [6]. Here, the MS/MS

step is used to fragment an oligonucleotide by collision-induced dissociation (CID)

such that the original sequence can be reconstructed [7]. As noted above, a similar

approach can be used with MALDI-MS, as demonstrated by Kirpekar and

coworkers during the mapping of post-transcriptional modifications to ribosomal

RNAs (rRNAs) [8].

RNA modification mapping by MS is facilitated these days by the availability of

known RNA sequences, which arise due to advances in genomic sequencing

technologies. These sequences reflect the status of the RNA lacking modification,

thus one can readily calculate the molecular weights of unmodified RNAs and any

subsequent RNase digestion products using a variety of online tools. Because nearly

all RNA modifications result in an increase in the mass of the canonical nucleoside,

digestion products matching the calculated value will not be modified. As such,

experimental strategies now limit data analysis primarily to those RNase digestion

Top Curr Chem (Z) (2017) 375:33

123 Reprinted from the journal90



products whose masses do not match, suggesting the digestion product contains a

modification. The interested reader is directed to a number of recent publications

that describe RNA modification mapping by MS in more detail [9–12].

2 Stable Isotope Labeling Methods for RNA Mass Spectrometry

While methods that allow one to identify modified nucleosides and map those

nucleosides onto specific sequence locations of an RNA sample are quite powerful,

methods that allow for quantitative measurement of modification levels are needed

to better inform and understand the biological significance of these molecules. As is

commonly conducted in other areas of MS, the field of nucleic acid modifications

has turned to stable isotope approaches to improve both the qualitative analysis of

modified RNAs and the quantitative measurement of modified nucleosides/nucleic

acids. Before discussing phosphate labeling of RNA by using 18O-labeled water in

detail, it is first of value to briefly summarize other approaches that have been used

in the field as those will serve as a good entry point to the analytical advantages of

using stable isotopes in the identification of modified nucleosides and mapping

those modifications onto RNA sequences.

Two styles of labeling can be employed: in vivo or in vitro. An example of

in vivo labeling is when a medium containing stable isotope labeled nutrients (e.g.,

essential amino acids) is used in the culturing of the organism of interest. The

normal biochemistry pathways of the organism will result in the incorporation of the

stable isotope, which provides a specific traceable marker for identification in MS.

The most common form of in vivo labeling in MS is stable isotope labeling by

amino acids in cell culture (SILAC) [13], which has found widespread application

in proteomics. SILAC relies on the addition of Leu-D3- or 13C-labeled arginine or

lysine to the medium for incorporation in protein synthesis [13, 14].

The alternative approach is to use some in vitro method for labeling. Most often,

these in vitro methods rely on chemical or enzymatic strategies to incorporate the

stable isotope into the biomolecule(s) of interest. Due to ionization rates and the

potential coupling to liquid chromatography, the use of labels as close to the original

product is desired. The goal of isotopic labeling is to change the mass of the ion but

minimize effects on ionization rates and chromatography retention.

Bruckl and co-workers demonstrated parallel isotope-based quantification of

modified transfer RNA (tRNA) nucleosides [15]. A subset of modified tRNA

nucleosides were generated using deuterium labeling of a methyl group, which were

used as internal standards to quantify modified nucleoside levels in tumor cells

versus healthy tissue. The area under the peak of the known concentration spike was

compared to the calibration curves created for each isotopically labeled modified

nucleoside. Kellner and co-workers have developed a method for the absolute

quantification of modified ribonucleosides using biosynthetic isotopomers [16]. By

feeding 13C glucose to bacteria, stable isotope-labeled modified RNAs are

synthesized by the organism. The stable isotope-labeled RNA can be hydrolyzed

to nucleosides and those naturally occurring modified nucleosides, generated by the

bacterium, are then used as internal standards.

Top Curr Chem (Z) (2017) 375:33
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A different stable isotope labeling strategy was developed by Dickman and co-

workers [17]. By using 15N-labeled medium, they could successfully map post-

transcriptional modifications in bacterial 16S rRNA. The approach requires two

samples—one cultured in 14N-labeled medium and the other in 15N-labeled

medium. This labeling approach allows for the unambiguous identification of base

composition in each digestion product, thereby improving the accuracy of RNA

modification mapping experiments. While the quantitative applications of this

approach were not explored in depth by Dickman and co-workers, such a strategy

clearly pointed towards the additional utility of isotope labeling for relative

quantification during RNA modification mapping experiments.

Williamson and co-workers adapted the Dickman methodology to quantify rRNA

modification levels [18]. Cells were cultured in minimal media and minimal media

supplemented with 15N ammonium sulfate as the heavy nitrogen source. The heavy

labeled culture was used as an internal standard. Known ratios of 15N and 14N

cultured cells were combined for relative quantification. Methylated nucleosides in

rRNA were quantified using CD3-methionine-supplemented medium while pseu-

douridine modifications were quantified by cultures supplemented with 5,6-D-

uracil.

More recently, an alternative strategy has been developed by Taoka and co-

workers for the absolute quantification of post-transcriptional modifications in

rRNA [19]. This approach, deemed stable isotope-labeled ribonucleic acid internal

standard (SILNAS), relies on an internal standard that is generated by in vitro

transcription of RNA using 13C-labeled nucleoside triphosphates, which generates

an unmodified copy of the rRNA uniformly labeled. After RNase digestion of both

the sample of interest and the in vitro transcript internal standard, any LC peaks that

lack a co-eluding heavy transcript (internal standard) were indicative of a

modification in that digestion product. The modified oligonucleotide could be

quantified through the ion abundance ratio of spike to sample. Building on that

approach, we have recently adapted in vitro internal standards for the comparative

analysis of tRNA digests [20].

3 18O Labeling in Mass Spectrometry

The origins of 18O labeling in MS first arose in the field of proteomics. In 1951,

Sprinson and Rittenberg took advantage of 18O to better understand enzyme activity

of proteases [21]. This idea was adapted and used by Desiderio and Kai in protein

sample preparation for MS [22]. By 1983, they were taking advantage of

stable isotope-incorporated peptide internal standards for field desorption MS

quantification of peptides in biological tissues [22]. They were preparing internal

standards by digesting proteins with trypsin in 18O-labeled water. Due to the

mechanism of trypsin, digestion under these conditions can result in the C-terminus

of the peptide being labeled with one or two 18O molecules, which leads to a 2- or

4-Da mass increase in the tryptic peptide (Fig. 1). As such, unique heavy internal

standards could be generated and applied to the MS-based analysis of peptides (and

proteins) for identification and quantification.
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In 2000, Mirgorodskaye paired 18O stable isotope labeling of proteins with

MALDI-MS for quantification of protein samples [23]. The following year Yao

introduced a shotgun comparative proteomics tool based on 16O versus 18O labeling

of trypsin digested proteins [24]. This comparative proteomics labeling approach

has even been applied to clinical samples when a pooled 18O-labeled reference

sample was spiked into patient samples [25]. Unlike in vivo approaches, 18O

labeling is cost-effective due to the minimization of ‘‘wasting’’ the stable isotope as

labeling is only performed on extracted protein. On the other hand, 18O labeling was

found to have drawbacks as compared to in vivo methods including a poorer

dynamic range in protein identification and a limit of detection—at best—in the

high femtomole range [26].

The use of 18O labeling in MS has not been limited to only proteins. In 2013,

Hamasaki and coworkers used solid-phase synthesis to incorporate 18O into the

oligonucleotide to enable the MS-based study of oligonucleotide therapeutics [27].

Because these labeled standards are generated via solid-phase synthesis, they can be

used as quantitative standards for a variety of pharmacokinetic and pharmacody-

namics studies, in particular for oligonucleotide therapeutics like small interfering

RNAs (siRNAs). The mechanism of action and drug clearance can be studied

directly due to the mass label, which provides advantages over fluorescently tagged

siRNAs that may not behave ideally due to the structural differences in the drug

caused by the fluorescent tag.

Fig. 1 Endonuclease method for RNase T1 and other RNases. The RNA oligonucleotide is cleaved and a
30 cyclic phosphate intermediate is formed. An 18O atom from the reaction solvent can break the cyclic
phosphate and allow for the addition of the stable isotope label to the final 30 linear phosphate product.
Protease method for Trypsin. The protein is cleaved at the C-terminus after arginine or lysine residues.
The 18O from the labeled reaction solvent is incorporated into the newly formed carboxylic acid after the
cleavage site

123

Top Curr Chem (Z) (2017) 375:33

Reprinted from the journal 93



4 18O Labeling of RNA—Early Applications for Mass Spectrometry

Learning from the field of proteomics, Beniam Berhane in our lab began investigating

the applicability of enzyme-mediated labeling of nucleic acids using 18O-labeled water.

The initial studies focused on whether the similarity of enzyme mechanisms between

proteases, such as trypsin, and nucleases, such as ribonuclease T1 (RNase T1), would

enable a similar labelingmethod to beused forRNA(Fig. 1) [28].Once itwas found that

RNase T1 could be used to incorporate 18O onto the 30-terminal phosphate of the

oligonucleotide digestion product, this approach was exploited to simplify data

interpretation in MALDI post-source decay (PSD) analysis of oligonucleotides [28].

Samples were digested in 50:50 light (16O-labeled) and heavy (18O-labeled)

water to give the characteristic doublets for samples successfully digested bearing

the 30-phosphate group (Fig. 2). The doublet leads to simplified identification of

products for further analysis. The only potential drawback was the need to use twice

as much sample, because one was digested in light water at the same time as the

other half of the sample was digested in the 50/50 mixture. This approach allowed

for the spectra to be directly compared. Without the ‘‘normal’’ spectrum, it would be

difficult to identify the ?2 doublet of the 18O-labeled digest.

Once we determined that certain RNases could be used to enzymatically label

terminal phosphates with a single 18O, Zhaojing Meng in the lab next turned to

developing an approach for quantifying RNase digestion products [29]. This time

samples were separately digested in 18O-labeled and 16O-labeled water. Method

development was performed using commercially available Escherichia coli tRNA-

Val to determine the effectiveness of this strategy for sample quantification (Fig. 3).

The heavy and light digestion products were combined in ratios from 1:10 through

10:1 and analyzed using MALDI-MS. The averaged ion abundance ratio (heavy:-

light) was plotted against the prepared sample ratio to generate a calibration curve.

From this study, it was determined that more accurate results were obtained when

the 18O-labeled sample was more abundant than the 16O-labeled sample. When the
16O-labeled sample is more abundant, other natural isotopes in the digestion product

(e.g., 13C, 15N) can interfere with accurate determination of the 18O-labeled peak

abundance. By ensuring the more abundant sample is labeled with 18O, those

interfering isotope peaks from the 16O-labeled sample are proportionally much less

than the 18O peak abundance, which minimizes errors in relative quantification. This

information can guide the application of this approach in quantitative analysis.

Accurate relative quantification required the generation of a calibration curve for

each RNase digestion product of interest. To demonstrate the robust nature of this

approach, a blinded analysis of heavy and light E. coli tRNA-Val mixtures was

performed using the previously established calibration curve.

One of the more significant limitations of using enzyme-mediated labeling of

RNA is that this approach requires complete enzymatic digestion of the RNA. As

the mechanism involves a cyclic phosphate intermediate (Fig. 1), incomplete

digestion products will not be labeled, significantly impacting the utility of this

approach [28]. To circumvent this issue, higher amounts of RNases and a longer

incubation time at an optimal temperature have been linked to a decrease in cyclic
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phosphate digestion products [28, 30]. Another experimental challenge identified is

the presence of sodium or potassium salt adducts to the RNase digestion products.

These adducts can interfere with accurate detection and quantification, thus sample

preparation and desalting are important to ensure accurate relative quantification

when using MALDI-MS.

Having demonstrated the applicability of 18O-based quantification of individual

RNA samples, our interest next turned to using this approach to examine more

complex mixtures of RNAs. Our specific interest was to characterize the total pool

of tRNAs in a cell, which would obviate the need to individually purify tRNAs one

Fig. 2 Expanded view of MALDI mass spectral data obtained from the RNase T1 digestion products of
E. coli 5S rRNA. a Digestion was done in unlabeled water. Three major ions are detected (m/z 980, 987
and 998). b After digestion in a 50:50 (v/v) mixture of unlabeled and 18O-labeled water, only those
oligonucleotide digestion products that contain a 30-phosphate will exhibit the characteristic A ? 2
doublet. From this, base compositions for the three ions can be made or confirmed. Reproduced with
permission from Berhane et al. [28] Copyright 2003
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by one from a sample. The analysis of total tRNA pools would not only decrease

sample preparation time, it would also allow more information to be gained from a

single MS experiment. When such a strategy is applied to the total cellular pool of

tRNAs, information regarding codon usage and potential codon bias can be obtained

in a more straightforward fashion [31].

The initial method developed to identify individual tRNAs within an unseparated

mixture of total tRNAs was presented by Mahmud Hossain, who described the

signature endonuclease digestion product (SDP) concept for tRNA identification

using MALDI-MS [32]. In short, when one performs an in silico digest of known

tRNA sequences (e.g., all E. coli tRNAs), the RNase digestion product masses that

result will reveal that each individual tRNA will have at least one digestion product

that is unique in both mass and sequence. Thus, these unique or signature digestion

products can be used as a proxy to confirm the presence of any specific tRNA within

the sample mixture.

Colette Castleberry built upon this SDP strategy by first demonstrating LC–MS/

MS was just as effective at SDP identification as MALDI-MS [31]. In the same

work, she then focused on combining RNase-mediated 18O-labeling and the

signature digestion product concept to create quantitative signature digestion

products (qSDPs)—those SDPs that could simultaneously be used for tRNA

identification and quantification. The criteria for defining a digestion product as a

qSDP include incorporation of the 18O label, a difference in mass by more than 2 Da

from other known digestion products, and the labeled SDP must be able to provide a

linear response spanning a fivefold change in SDP amount. By creating a set of

Fig. 3 Representative MALDI mass spectrum of RNase T1 digestion products obtained from a tRNA-
Val mixture prepared at a heavy-to-light RNA ratio of 2:1. The asterisk denotes expected RNase digestion
product pairs. Inset: expanded view of the RNase T1 digestion product 50-CUCAGp-30 used for
quantifying RNA levels for tRNA-Val with overlaid calculated isotopic distribution assuming a 2:1 ratio.
Reproduced with permission from Meng et al. [29] Copyright 2005
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qSDPs, studies on how specific tRNA levels change as a result of culturing

conditions were examined (Table 1).

5 18O Labeling of RNA for Modification Mapping by Mass
Spectrometry

Our lab next turned the focus to how 30-terminal phosphate labeling can enable

alternative strategies to characterize RNA samples. Of particular interest to the lab

is the discovery and characterization of post-transcriptionally modified nucleosides

Table 1 Analysis of RNase T1 quantitative signature digestion products from E. coli.. Table repro-

duced with permission from Castleberry et al. [31]

tRNA qSDP sequence Experimental I18/I16 %CV

Decrease in relative abundance

Cys CA[ms2i6A]AWCCGp 0.75 19

Cys U[s4U]AACAAAGp 0.67 25

Tyr 1, 2 ACUQUA[ms2i6A]AWCUGp 0.60 18

Increase in relative abundance

Gly 1 AUUCCCUUCGp 1.44 26

Gly 2 CCU[Um]CCAAGp 1.28 24

Gly 3 AAUAGp 1.88 13

Ser 1, 4, 5 AAAGp 2.43 18

Ser 1, 2 A[ms2i6A]AACCGp 1.42 10

No change in relative abundance

Ala 1, 2 [m7G]UCUGp 1.17 15

Arg 1, 2 [m2A]ACCGp 1.04 20

Asn UCCUCUGp 1.21 15

Glu 1, 2, 3 AAUCCCCUAGp 1.06 15

Glu 1, 2, 3 UCCCCUUCGp 1.20 15

Leu 1 UCCCCCCCCUCGp 1.09 15

Phe AA[ms2i6A]AWCCCCGp 1.31 13

Phe A[s4U]AGp-30 1.22 25

Phe U[m7G][acp3U]CCUUGp 1.21 25

Ser 3 CUCCC[s2C]UGp 1.00 17

Trp UCUCUCCGp 1.21 27

Trp U[Cm]UCCA[ms2i6A]AACCGp 1.29 22

Val 1 AU[s4U]AGp 0.86 16

Indeterminate

His UU[m7G]UCGp 1.80 24

His AAUCCCAUUAGp 1.36 21

His [m2A]WWCCAGp 1.00 27

Ini 1, 2 TWCAAAUCCGp 1.51 23

Ini 1, 2 [Cm]UCAUAACCCGp 0.97 41
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in RNA samples. As noted earlier, RNA modification mapping by MS is an

analytical approach that is used to identify the specific sequence location for

modified nucleosides. Although several different strategies have been developed for

modification mapping, it was thought that by using 18O labeling, one could

multiplex the analysis. This would reduce analysis time and cost as well as

improving run-to-run reproducibility.

While 18O labeling only enables duplex analysis (i.e., two different samples in a

single analysis), it provides the template for even higher levels of multiplexing in

the future. Our first 18O labeled multiplexing investigation was described in 2012 by

Siwei Li [33]. Comparative analysis of RNA digests (CARD) pairs a sample with

known post-transcriptional modification with a sample of unknown post-transcrip-

tional modifications. The idea is that any peaks appearing as doublets separated by

2 Da indicate that the digestion product from the ‘‘unknown’’ is identical to the

digestion product of the ‘‘known’’ or reference sample. Thus, by examining all

doublets one can quickly identify the similarities of RNA samples. By the same

reasoning, digestion products appearing as singlets (either from the 16O-labeled

sample alone or the 18O-labeled sample alone), inform one of differences between

the two RNA samples. These differences could arise because the unknown sample is

modified differently than the known sample or singlets could arise due to sequence

differences in the two samples (Fig. 4).

If the known is truly ‘‘well characterized’’ in terms of post-transcriptional

modification identity and pattern, the CARD approach would simply report sample

equivalence through doublet identifications and sample differences through singlet

identifications. Siwei first demonstrated the proof-of-concept studies by comparing

a single purified tRNA from two bacteria [33], and then expanded this approach into

an RNA modification mapping strategy for total tRNAs (Fig. 5) [34]. We found that

this CARD approach is most effective when one uses reference and unknown

samples (i.e., organisms) that share high sequence homology. By using phyloge-

netically related organisms, one minimizes the number of singlets that arise due

simply to sequence differences so that mapping RNA modifications for the

‘‘unknown’’ sample is enhanced.

While CARD was found to significantly improve RNA modification mapping of

total tRNA pools from organisms whose tRNA modification patterns were

previously unknown, the minimal mass difference of the 18O label (versus 16O

label) combined with interferences from naturally occurring stable isotopes (e.g.,
13C) limited our ability to generate automated methods for identifying singlets and

doublets within the sample. To overcome this limitation, Collin Wetzel worked with

Siwei to investigate culturing conditions that would minimize stable isotope

interferences. We used 12C-enriched medium during cell culturing to essentially

eliminate 13C (and 15N) isotope interferences during CARD (Fig. 6) [35]. This

culturing strategy leads to identification of singlets and doublets that can be

automated due to improved differentiation of doublets. Moreover, this strategy can

again be combined with the SDP approach to provide more targeted tRNA analysis.

Another limitation of the CARD strategy was identified by limiting singlet and

doublet measurements to only mass measurements. RNase digestion products

having the same mass but different sequences in the two samples could co-elute and
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appear as doublets, leading to a false positive in the analysis. To address this

challenge, Siwei showed that 16O/18O-labeled digestion products can be differen-

tiated based on MS/MS data [36], echoing our very first studies of 18O labeling

during MALDI PSD experiments [28].

When oligonucleotides are fragmented during CID MS/MS, the most abundant

fragment ions are the c-type and y-type ions, representing the oligonucleotide

sequence from the 50- and 30-termini, respectively. The y-type ions contain the 16O

or 18O label on the 30-phosphate. Knowing this, Siwei demonstrated that the MS/MS

data can be used to confirm that doublets detected in the mass spectrum are truly the

same sequence rather than sequence isomers. Doublets detected in the y-type ions

during MS/MS can only arise if the two sequences are identical. Sequence isomers

are identified by singlets in the y-type ions, which occur wherever sequence

differences are present in the original digestion products.

6 Future Outlook

As discussed above, phosphate labeling by using enzyme-mediated incorporation of
18O into RNase digestion products has been used in numerous ways to improve the

MS-based characterization of modified RNAs. However, a fundamental limitation

remains that the minimal mass difference between 16O and 18O limits the overall

utility of this approach to those examples discussed previously. It will be of interest

Fig. 4 Schematic outline of comparative sequencing by isotope labeling and LC–MS where Escherichia
coli serves as the reference organism and Citrobacter koseri serves as the candidate (unknown) to be
sequenced. tRNA endonuclease digestion products that are equivalent between organisms will appear as
doublets (separated by 2 Da) in the mass spectral data; digestion products that are different between the
two organisms will appear as a singlet. Reproduced with permission from Li et al. [33] Copyright 2012
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to examine alternative strategies for phosphate labeling, which are known in the

field of RNA biology, but which have not yet entered the world of MS.

T1 ligase has been used in radiolabeling for visualizing RNA since the late 1970s

[37, 38]. This ligase has not been explored in MS applications because it is known to

generate a variety of different side-products. However, more recently, a T4 RNA

ligase was created to reduce these unwanted ligation products [39]. With this

advancement, T4 RNA ligase may become a more promising tool for stable isotope

labeling of oligonucleotides, including RNase digestion products. Another potential

enzyme for RNA labeling is Thg1 [40]. The role of Thg1 in the cell is to add a

single guanosine nucleotide to the 50 terminus of tRNA-His. However, it has been

shown that this enzyme has 30–50 polymerase activity [41]. With additional study, it

may be possible to use this unique function and activity to incorporate

stable isotopes into specific RNA samples, which could be part of a broader MS

strategy for sample characterization.

Another area where RNA MS in general, and RNA modification mapping in

particular, can look to for inspiration and ideas for phosphate labeling and

multiplexing strategies is the field of proteomics. A significant diversity of

Fig. 5 Mass spectra corresponding to a detected singlet when a C. koseri is labeled with 18O and
b E. coli is labeled with 18O. The singlet U[s4U]AACAAAGp (m/z 1469.6, 2-charge) arises from the
E. coli tRNA-Cys(GCA) as confirmed by the ?1 increase in the m/z isotopic envelope after 18O-labeling
of E. coli. Reproduced with permission from Li et al. [34] Copyright 2013
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multiplexing strategies have been developed in proteomics [42]. Given the

demonstrated advantages of relatively rapid characterization of multiple samples

by these proteomics approaches, one can envision the development of tools and

technologies for RNA MS that provide similar advantages, even if the particular

chemistry and biochemistry may differ due to the unique characteristics of RNA.

Regardless, MS as a platform for RNA analysis in general, and RNA modification

mapping in particular, are now well-appreciated. It remains an ongoing challenge

for the community to identify and develop the needed sample labeling tools to take

full advantage of this platform.
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Abstract The complexity of phosphorylation pathways and their downstream

effects is vast. Synthetic chemistry has been working side by side with biology to

develop phosphate labels for biological processes involving phosphorylated com-

pounds. This chapter discusses recently employed methods for the preparation of

several phosphate labels. Synthesis of biomolecules and their analogs and other

useful or potentially useful phosphate derivatives is discussed.
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CDI Carbodiimidazole

CE b-Cyanoethyl

CEM Cyanooxymethyl

CMPT N-(cyanomethyl)pyrrolidinium triflate

CPG Controlled pore glass

CTP Cytidine triphosphate

Cyt Cytidine

DBU 1,8-Diazabicyclo[5.4.0]undec-7-ene

DCA Dichloroacetic acid

DCI 4,5-Dicyanoimidazole

DEAE Diethylaminoethyl

DIAD Diisopropyl azodicarboxylate

DIPEA Diisopropylethylamine

DMAN 1,8-Bis-(dimethylamino)naphthalene

DMF N,N-dimethylformamide

DMS Dimethylsulfide

DMTr 4,40-Dimethoyxltrityl

DTD N,N-dimethylthiuram disulfide

EC50 Half maximal effective concentration

EDC/EDCI 1-Ethyl-3-(3-dimethylaminopropyl)carbodiimide

ETT 5-(Ethylthio)-1H-tetrazole

Fm 9-Fluorenylmethyl

Fmoc Fluorenylmethyloxycarbonyl

G Guanosine

Gua Guanine

IC50 Half maximal inhibitor concentration

IEX-HPLC Ion-exchange high performance liquid chromatography

KHMDS Hexamethyldisilazide

LTMPA Lithium 2,2,6,6-tetramethylpiperidine amide

NHS N-hydroxysuccinimide

NMP Nucleoside monophosphate

Npn Nucleoside polyphosphate

NpnN Dinucleotide polyphosphate

NPP Nucleotide pyrophosphatase/phosphodiesterase

Ns Nosyl

NTP Nucleoside triphosphate

NTP Nucleoside triphosphate

Nuc Nucleotide or nucleoside

ODN Oligodeoxynucleotides

ORN Oligoribonucleotide

OTP Oxathiaphospholane

PEP Phosphoenolpyruvate

Pip Piperidine

PK Pyruvate dinase

ppGpp Guanosin-30,50-bispyrophosphate
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ppp RNA 50-triphosphate RNAs

PRR Pattern recognition receptors

Py Pyridine

RP18 Reverse phase C18

RSH RelA-SpoT homolog

SAX Strong anion exchange

T Thymine

TBAF Tetrabutylammonium fluoride

TBHP tert-Butylhydroperoxide

TBS tert-Butyldimethylsilyl

TEA Triethylamine

TEAB Triethylammonium bicarbonate

Tf Trifluoromethylsulfonyl

THF Tetrahydrofuran

Thy Thymidine

TMS Trimethylsilyl

Tr 2,4,6-Triisopropylbenzenesulfonyl

Ts p-Toluenesulfonyl

U Uridine

Ura Uracil

UTP Uridine triphosphate

1 Introduction

The focus of this chapter is on new and recent phosphate labeling methods. The

term ‘‘phosphate label’’ can be interpreted in many ways; in the purest sense it is a

chemically indistinguishable phosphate unit that can be tracked with some sort of

readout. This is possible using isotopic labeling or radioactive tracers, but the scope

of these highly useful tools is narrow. We apply a more liberal definition of

‘‘phosphate labeling’’ and describe a range of phosphate derivatives, analogs, and

bioisosteres [1]. Specifically, we focus on chemical substitution around the

Fig. 1 Overview of labeled phosphates. X, Y = O, N, S
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phosphorus center and its neighbors. These modifications can be invaluable when

properties such as hydrolytic stability, external monitoring, and enzyme inhibition

are desired.

Figure 1 outlines some modifications that we discuss; separate reviews on each

specific modification or label type may exist and are referenced when available. The

aim of this chapter is to summarize the most recent developments in the field (ca.

*5–10 years), but earlier methods are discussed if they have not been reviewed

before this soft cutoff. Finally, only structures that bear resemblance to the natural

phosphate and could potentially be used in a biological setting are reviewed, though

this classification is by no means ironclad.

2 General Modes of Activation and Coupling

This chapter primarily focuses on two major modes of phosphate 1 activation and/or

coupling (Fig. 2). In P(V) state, tri- or tetra-alkyl ammonium salts of phosphoric

acids are activated by carbonyldiimidazole 2 (CDI) or various carbodiimides 4 [2] to

form P(V)-imidazolide 3A or O-phosphorylated urea intermediate (A), respectively.

Relative to unmodified phosphates, these species are much more susceptible to

nucleophilic attack affording 3. In the P(III) state (5, Fig. 2), differently substituted

tetrazoles or imidazoles (Activator) protonate and replace the amino moiety to form

highly reactive P(III) intermediates of general formula (B), containing tetrazole or

imidazole moiety [3]. Subsequent treatment with alcohols or phosphates leads to

Fig. 2 Common P(V)/P(III) activation modes
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P(III) or mixed P(III)–P(V) intermediates, respectively. The P(III) center is then

oxidized to form substituted P(V) compounds 3. P(III) reagents are generally more

active than their P(V) counterparts, requiring shorter reaction times. These two

activation modes are often mentioned as P(V)- and P(III)-standard protocols,

respectively, in the subsequent text.

3 Non-hydrolyzable Phosphate Analog Synthesis

Condensed phosphates play a significant role in biological processes such as cellular

signaling and metabolism through phosphorylation [4]. Phosphoanhydrides are

thermodynamically inclined toward hydrolysis and are referred to as ‘‘high energy

bonds’’ in biological settings. Non-hydrolyzable analogs provide useful chemical

tools to study phosphoryl transfer mechanisms as they are unable to do such

transfers. Hydrolytically stable bioisosteres containing a P–CH2–P unit are the

simplest analogs of P–O–P motifs.

3.1 P–CH2–P Motifs

The myo-inositol phosphates (InsPs) or inositol phosphates are signaling molecules

involved in cellular processes such as vesicle trafficking, cell motility and

proliferation, apoptosis, transcriptional regulation, cancer development, diabetes,

and obesity [5–9]. The non-hydrolyzable diphosphoinositol polyphosphates allow

for differentiation between two distinct signaling pathways: protein binding and b-

phosphoryl transfer. The bridging –CH2– unit introduces only minimal structural

perturbation; hence, signaling via protein binding remains unaffected, but the

analogs are unable to participate in b-phosphoryl group transfer.

One synthetic example of non-hydrolyzable inositol phosphates [10] 1,5-(PCP)2-

InsP4 starts with enantiomerically pure 6 (Scheme 1) [11]. Compound 6 was reacted

with phosphonochloridate 7 at its two free hydroxyl groups providing 8 as a mixture

of four diastereomers. Removal of benzyl-protecting groups liberated the 4

hydroxyls, which underwent the standard P(III)-tetrazole protocol affording 9.

Subsequent TMSBr deprotection followed by a methanol treatment produced the

desired non-hydrolyzable InsP8 analog 10.

Scheme 1 Synthesis of non-hydrolyzable analogs of inositol polyphosphate 10
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The P–C–P subunit can principally be diversified into a broader range of 1,1-

bisphosphorus compounds with regard to the oxidation state at phosphorous; one

such method proceeds via organoborane intermediates while the other takes

advantage of a modified Claisen condensation. The deprotonation of precursors 11
gives carbenoid intermediates that can add trialkylboranes to produce intermediates

of type (C) [12], which upon addition of an extra equivalent of BuLi and (EtO)2PCl

yields compounds of type 12 [13]. 12 is then hydrolyzed to mixed phosphonate–

phosphinate 13 using HCl. Alternatively, its oxidation with S8 (14, X = S) or

cumene hydroperoxide (14, X = O) or the functionalization with a borane source

(14, X = BH3) affords pyrophosphate analogs of type 14 (Scheme 2).

Bisphosphonates and their analogs may also be prepared using a combination of a

phosphonate C-anion and a phosphonate electrophile. Phosphonate (iPrO)2P(O)CH3

forms a phosphonate nucleophile 15 upon treatment with n-BuLi at low

temperature, which reacts with a number of phosphonate electrophiles to produce

bisphosphonates of type 16 (Scheme 3a). This synthetic protocol can be also used

for the preparation of phosphate–phosphonate derivatives. The scope of these

transformations has been further explored for substrates like 17 for intramolecular

phospha-Dieckmann reactions. Implementation of other nucleophiles such as

boranated phosphinate analogs 18 were also successful (Scheme 3b) [14].

The phospha-Claisen condensation product 19 (see Scheme 3, 16, R = CH2OH)

was used as a starting material for a family of non-hydrolyzable analogs

(Scheme 4). The hydroxyl group of 19 can be activated using Mitsunobu conditions

to yield esters 20 or potassium fluoride/alumina to yield ethers 21. Standard

conditions can be applied to convert the free OH into leaving group (LG) bearing

compounds 22, which react with NaN3, P(III) nucleophiles, or primary amines

affording compounds 23, 24, and 25, respectively (Scheme 4) [15].

Bearne and coworkers [16] reported synthetic bismethylene triphosphate (BMT)

analogs of UTP and CTP that contain a nonhydrolyzable P–C–P–C–P phosphonate

unit (Scheme 5). The unsymmetrical bismethylene triphosphate analog 29 was

synthesized starting from ethyl bis(bromomethyl)phosphinate 26 via sequential

Michaelis-Arbuzov reactions [17], using first triethylphosphite to yield 27 and then

trimethylphosphite to yield 28. The methoxy group was then selectively mono-

deprotected at the terminal phosphonate moiety using KCN to produce 29.

Scheme 2 Trialkylborane-mediated synthesis of C-substituted P–C–P compounds
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Nucleosides and 30 were then condensed at the 50-position using a Mitsunobu

reaction to afford protected NTP analogs 30. Global deprotection was achieved

using TMSBr followed by treatment with aqueous NH4OH in methanol. The crude

products were further purified by RP-HPLC and converted into corresponding Na?

salts to afford pure non-hydrolyzable NTP analogs 31 and 32.

Alarmones, such as ppGpp 37 [18], are synthesized by a family of RelA-SpoT

enzymes and accumulate during the bacterial stress response. Analogs 34, 35, and

36 are competitive inhibitors of Rel-SpoT in vitro with 36 showing the highest IC50

(*1 mM). Their syntheses commenced with double bisphosphonylation of

protected 50- or 30-guanosine diol and protected 50–20-guanosine diol. The

phosphonylation was carried out in the presence of methylene-bis-(phosphonic

(A)

(B)

Scheme 3 Bisphosphonates and analogs via phospha-Claisen condensation

Scheme 4 Further reactions of bisphosphonate analogs

Scheme 5 Synthesis of P–C–P–C–P non-hydrolyzable nucleotides
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dichloride) 33 and trimethyl phosphate as solvent yielding the corresponding

regioisomeric bisphosphonate analogs. Deprotection of the nucleobase by treatment

with ammonium hydroxide gave 34 and 35. The same bisphosphonylation protocol

was applied to synthesize 20-deoxyguanosine 50-30-di(methylene bisphosphonate)

analog 36 starting from unprotected deoxyguanosine [19] (Scheme 6).

Mixed phosphoramidite-phosphodiester reagents 41, 42, and 45 were recently

synthesized in two steps from methylphosphonates 38 and 39 [20]. (1) Lithiation of

38 and 39 followed by (2) an electrophilic quenching with chlorophosphine 40
produced 41 and 42 (Scheme 7a). A similar reaction between 38 and bis(diisopropy-

lamino)chlorophosphine 43 produced reagent 44. Further activation of one of the

diisopropylamine groups was possible, converting it into same type of reagent as 41
and 42 (45, Scheme 7b), but with a different pattern of protecting groups.

The synthetic scope of 41, 42, and 45 was further explored in the presence of an

activator (DCI) and nucleophiles, such as adenosine derivative 46. Subsequent

oxidation with tert-butyl hydroperoxide gave product 47 (reaction time: 30 min,

93% over two steps). Removal of the protecting groups released 48, a non-

hydrolyzable methylene bisphosphonate monoester analog of ADP, with 66%

overall yield (4 steps, Scheme 8a). Furthermore, when the strategy was transferred

into an automated solid-phase oligonucleotide synthesizer, methylene bisphospho-

nate analogs of all four nucleosides were isolated efficiently with 39–52% of overall

yields (four cycles).

Moreover, the terminal methylene bisphosphonates were used for additional

phosphorylations (via the P(III)-amidite protocol) as well as condensations, forming

either triphosphate analogs or non-symmetrical diesters, respectively. Selective

deprotection of tert-butyl protecting group of 49 and successive condensation of the

intermediate with alcohols, such as flavin adenine dinucleotide (FAD) derivative 50
and adenosine bisphosphonate ribose (ADPR) derivative 51, were also successful,

yielding products of type 52. The condensation reactions were particularly successful

in the presence of condensation reagent 3-nitro-1,2,4-triazol-1-yl-tris(pyrrolidin-1-

yl)phosphoniumhexafluorophosphate [21] (PyNTP) 53 (Scheme 8b).

Scheme 6 Synthesis of ppGpp alarmone analogs
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3.2 P–CF2–P Analogs

Like CH2, CF2 analogs are hydrolytically stable and possess a very similar steric

perturbation profile. Since fluorine is more electronegative than carbon, the

direction of dipoles in the CF2 bridging of P–CF2–P motif is the same as in

condensed phosphates. Hence, it is often referred to as the electronically ‘‘correct’’

non-hydrolyzable motif, unlike CH2 in which the resulting direction of the dipole is

reversed (Fig. 3) [22].

(A) (B)

Scheme 7 Synthesis of phosphoramidite-phosphodiesters

(A)

(B)

Scheme 8 Synthesis of nucleoside methylene bisphosphonate monoester and diester analogs

Fig. 3 Dipoles in P–O–P and non-hydrolyzable P–C–P motifs
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Several methods for incorporation of bis-difluoromethylene units into biomole-

cules exist, and a number of them have been reviewed [23, 24]. Like nucleoside

bismethylene triphosphates 31 and 32 (Scheme 5), bis(difluoromethylene)triphos-

phate containing NTP analogs have also been described. The synthesis of penta-

ethyl protected bis(difluoromethylene)triphosphoric acid 56 (BMF4TPA) [22] via a

double substitution reaction between two equivalents of the (diethylphosphinyl)di-

fluoromethyl anion (after deprotonation of 54) and one equivalent of dichlorophos-

phate 55 was unsuccessful (Scheme 9a). However, use of a sterically hindered base,

lithium 2,2,6,6-tetramethylpiperidine amide (LTMPA), and a P (III) electrophile 57
giving intermediate (D), followed by in situ oxidation and deprotection yielded the

P–CF2–P–CF2–P motif 58 (Scheme 9b).

58 can be incorporated into nucleosides to produce nonhydrolyzable NTP mimics

60a–d. This is accomplished using a 50-toslylate substitution approach with the

tetrabutylammonium salt 59 as nucleophile (Scheme 9c). The corresponding

tributylammonium salt failed in the same reaction presumably because of the

presence of intramolecular hydrogen bonding that weakens the nucleophile [22].

3.3 P–C(XY)–P (X = Y) Analogs Containing an Asymmetrical Carbon
Atom

Analogs containing the PC(XY)P motif have been overlooked many years because

of the synthetic challenges associated with stereochemical control. Recent X-ray

crystallographic studies display stereospecific interactions between the F atoms of

b,c-CXY dGTP analogs (X = F; Y = H, Cl, Me) and Arg183 in the active site of

DNA-pol b and therefore provide a model system that allows a better understanding

(A)

(B)

(C)

Scheme 9 Synthesis of P–CF2–P–CF2–P non-hydrolyzable NTP analogs
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of polymerase fidelity [25]. First, we describe examples of synthetic procedures

giving racemates and then discuss stereoselective approaches targeting the

PC(XY)P motifs.

In general, sulfonyl azides react with carbanions to form triazene intermediates,

which rearrange into either azido or diazo compounds, a rearrangement that is

determined by the nature of sulfonyl azides. Bulky electron-donating azides, such as

trisyl azide (TrN3), favor electrophilic azido transfer over diazo transfer [26, 27]. On

the contrary, electron-withdrawing azides such as trifluoromethylsulfonyl azide

(TfN3) preferably transfer the diazo group [28]. This reactivity difference has been

successfully applied in the syntheses of two novel azidobisphosphonates 62 and 64.

Trisyl azide selectively forms a-azido bisphosphonate ester 62 (95%) when

treated with deprotonated bisphosphonate 61 (Scheme 10a) [29]. Replacement of an

a-H of tetraisopropyl ethylidenebis(phosphonate) 61 by a methyl group as in

intermediate 63 also generates predominantly the a-azido derivative 64 when

exposed to similar reaction conditions but only with p-toluenesulfonyl azide as

reagent (tosyl azide; TsN3) (Scheme 10b).

Compounds 62 and 64 are readily converted into the corresponding a-azido

bisphosphonic acids 65 and 66 using TMSBr followed by aqueous ethanol workup

([98% overall yield). Bu3NH? salts of 65 and 66 are coupled to a dGMP-

morpholidate 67 to generate b,c-nonhydrolyzable azidomethylene dGTP analogs 68
and 69, obtained as diastereomeric mixtures. A nucleophilic substitution reaction

between the Bu4N? salt of 65 and dA-50-tosylate 70 provided inseparable

diastereomers of a,b-azidomethylene dADP 71. A similar reaction between 66
and 70 produced diastereomers 72a–b, which were then separated by RP-HPLC.

Subsequent enzymatic phosphorylation of diastereomers 72a and 72b with ATP and

nucleoside diphosphate kinase (NDPK) [30] gave diastereopure a,b-nonhydrolyz-

able azidomethylene dATP analogs 74a and 74b. Phosphoenolpyruvate (PEP) and

pyruvate kinase (PK) regenerated ATP from ADP into the cycle requiring ATP only

in catalytic amounts to carry out this transformation. A mixture of the a,b-

nonhydrolyzable azidomethylene dATP diastereomers 73 was obtained from 71
(Scheme 11) under the same conditions. All final dNTP analogs were purified by

SAX chromatography and RP-HPLC.

More recently, four diastereopure conjugates b,c-CHX-dGTP (X = F, Cl) were

prepared using a new chiral auxiliary strategy (Scheme 12) [31]. a-Halo

(A)

(B)

Scheme 10 Synthesis of azido-bisphosphonates
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bisphosphonates 75 were subjected to a series of protection/deprotection reactions

followed by a Mitsunobu esterification with chiral auxiliary (R)-(-) methyl

mandelate riving rise to a mixture of inseparable diastereomers 76. Diastereomers

76 were further elaborated to 77, and at this stage the diastereomers were separated

by preparative RP-HPLC. The morpholidate group was then removed using

DOWEX H? affording the coupling partner R- or S-78. The complementary

coupling partner 80 was prepared by condensation of deoxyguanosine monophos-

phate 79 with morpholine using DCC as activator. The coupling partners 78 and 80
were conjugated to yield the dNTP analogs 81 modified with a chiral auxiliary. The

auxiliary was removed using hydrogenolysis to afford the enantiomerically pure

dNTP analogs 82.

The groups of Kim and Sodeoka have pioneered catalytic enantioselective

electrophilic a-fluorination of several b-ketophosphonates of type 84 using N-

fluoro-benzenesulfonamide 83 as the fluorinating agent [32, 33]. Using slightly

Scheme 11 Synthesis of non-hydrolyzable azido containing NTP analogs

Scheme 12 Synthesis of enantiopure b,c-CHX(X = Cl, F)-dGTP analogs
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varied conditions and chiral Pd-catalysts, they independently described fluorinations

of substituted phosphonates in a highly enantioselective fashion (Scheme 13a).

The method was extended to a-cyanophosphonates 84a (Scheme 13b) [34, 35].

These reactions require the addition of base; Sodeoka reported the application of

2,6-lutidine, whereas Kim used 2,6-tert-butyl-4-methylpyridine, with minor differ-

ences in ligand selection. The highest enantioselectivity (78% ee) was observed by

Sodoeka’s group at -20 �C, whereas Kim’s group isolated the products with[80%

enantioselectivity at room temperature. Both groups report that aliphatic substitu-

tion (instead of aromatics) at the a-position precludes the desired transformation.

Overall, the Pd catalyst used by Kim results in higher enantioselectivity. These

strategies open up possibilities for future stereoselective fluorinations in the context

of phosphate labeling.

4 Phosphoramidates

The phosphoramidates (see also thiophosphoramidates; Sect. 5.6 of this chapter) are

structural motifs where one amine functional group is directly attached to the

phosphorus atom of a phosphate moiety (instead of one of its oxygen atoms).

Numerous phosphoramidates have been synthesized, isolated, and documented for

their diverse roles of biological interests, such as antiviral or antitumor activities.

The pharmacology and medicinal chemistry of phosphoramidates have been

comprehensively reviewed [36].

In a recent report, Caruthers and coworkers demonstrated an automated solid

phase synthesis that facilitates unprecedented synthetic access to several

(A)

(B)

Scheme 13 Catalytic enantioselective fluorination of substituted phosphonates
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phosphorodiamidate morpholino oligonucleotides (PMO oligonucleotides) and

PMO-DNA chimeras [37]. Previously reported solid phase syntheses of PMO

primers were only possible to extended from the 50 to 30 direction and hence could

not be automatized on a DNA synthesizer.

To obtain PMO oligonucleotides and PMO-DNA chimeras, first, morpholine and

nucleoside phosphoramidites of type 88 were prepared via phosphitylation of

morpholine and nucleoside derivatives 86 and 87, respectively. The phosphitylation

reaction was carried out by activating the P(III) center of diamidite 85 in the

presence of DCI and a nucleophile (Scheme 14a). To couple phosphoramidites of

type 88 with a 50-OH-20-deoxyribothymidine (attached to a polystyrene support at

the 30-position) 89, the P(III) activation strategy was employed. The choice of the

activator played a crucial role as more acidic 5-(ethylthio)-1H-tetrazole (ETT;

(A)

(B)

Scheme 14 Automated synthesis of PMOs and PMO-DNA chimeras
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pKa = 4.3) not only activated the diisopropylamine leaving group but also the

morpholine moieties, resulting in poor yields. Less acidic DCI (pKa = 5.2) was

found more suitable for chemoselective activation of the diisopropylamine moiety

providing significant improvements in the reaction of morpholino P-amidites of type

88 and immobolized nucleoside 89. Next, the intermediates of type (E),

phosphoramidite diesters (for morpholines) or phosphite esters (for nucleosides),

were boranated (boranophosphates are discussed separately in detail in Sect. 7 of

this chapter). After boranation, subsequent detritylation and repetition of the cycle

generated chimeras up to 21 mers. Finally, oxidative aminations at the respective

boranephosphonate linkages via iodine and different amines produced ranges of

PMOs and PMO-DNA chimeras of general structure 90 (Scheme 14b).

5 Thiophosphates

Sulfur is isoelectronic with oxygen. Therefore, phosphate analogs in which one or

more oxygen atoms are replaced with sulfur atoms provide potential phosphate

mimics. In thiophosphates, non-bridging oxygen atoms are replaced by sulfur; the

analogs display greater hydrolytic stability and are widely used as probes for

investigating cellular mechanisms. The syntheses and applications of thiophosphate

analogs have been reviewed in 2011 [38].

5.1 Thiophosphorylation Giving Racemic Mixtures

A recently reported P-(mono)amidite based iterative coupling strategy allows for

syntheses of nucleotide polyphosphate analogs 93 [39, 40]. First, the coupling of

donor phosphoramidite 91 with acceptor nucleosides 92 (n = 0) or their mono-

(n = 1) and di- (n = 2) phosphates proceeds in the presence of a tetrazole-derived

activator (ETT), followed by oxidation with elemental sulfur. After deprotection of

the Fm groups, the obtained products can be further phosphorylated or thio-

phosphorylated by iteration of the same protocol. Reagent 91 exclusively modifies

the oxygen of thio-phosphates and is position specific (terminal), giving positional

flexibility for sulfur incorporation (Scheme 15).

A similar strategy used P-diamidite 95 for the synthesis of C2-symmetrical

dinucleoside triphosphate analogs Ap-p(S)-pA and Up-p(S)-pU 97 (Scheme 16)

[41]. The approach demonstrates the general ability of P-diamidites to selectively

Scheme 15 Iterative synthesis of thiophosphate-containing nucleosides
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react with phosphates 94 under ambient conditions without protecting groups on

either the sugar or nucleobase (B). A protecting group on the P-diamidite is required

to stabilize the reagent; Fm is used because of its rapid and quantitative removal by

piperidine. The coupling conditions rapidly lead to the formation of mixed P(V)–

P(III)–P(V) intermediates (F). Subsequent oxidation using elemental sulfur

followed by Fm-deprotection of 96 gave analogs 97, which are isolated by simple

precipitation.

Abnormal activity of nucleotide pyrophosphatase/phosphodiesterase-1 (NPP1)

correlates with diseases such as chondrocalcinosis, osteoarthritis, and type 2

diabetes. Recently, a combination of thiophosphorylated and nonhydrolyzable ATP

analog NPP1 inhibitors 101 and 103 were synthesized (IC50 = 0.39–0.57 lM) [42].

The synthesis of 101 and 103 started from the protected adenosine 98a, which was

activated with 99 to afford intermediate (G). (G) was then coupled with

pyrophosphate analogs 100a–b to yield the cyclic trimetaphosphate intermediates

of type (H). Sulfurization followed by addition of TEAB buffer opened the ring to

produce the corresponding 20,30-protected analog in a one-flask reaction. Subsequent

treatments with aqueous HCl and NH4OH yielded a mixture of diastereomers 101,

which was further purified by DEAE-Sephadex or RP18 chromatography. To obtain

the c-thiophosphate analog 103, compound 98a was first tosylated affording 98b
and then reacted with methylenebisphosphonate 100a to give the ADP analog 102.

After removal of the methoxymethylidene-protecting group, the terminal phosphate

was activated with carbonyl diimidazole (CDI). The activated intermediate

(I) reacted with either tributylammonium or tri-octylammonium thiophosphate

salts in the presence of Lewis acid ZnCl2 to afford 103 in 29% yield (Scheme 17).

Thillier et al. [43] recently described solid-supported syntheses of oligoribonucleotide

50-(a-P-thio)triphosphates and 50-(a-P-thio)(b,c-methylene)triphosphates 109
(Scheme 18). First, synthetic solid-supported oligoribonucleotides 104 were transformed

into H-phosphonates 105. Afterwards, silylation with N,O-bis(trimethylsilyl)acetamide

(BSA) was used to increase the reactivity of H-phosphonate (also see Scheme 36c and

38a) 105, followed by sulfurization with Beaucage’s reagent 106 [44] giving

oligoribonucleotide thiophosphate monoesters 107. These were activated with diphenyl

phosphoryl chloride and reacted with an alkylammonium salt of pyrophosphate or its

bisphosphonate analog to give solid-supported protected oligonucleotide triphosphate and

its analogs 108, respectively. Finally, all protecting groups were removed under basic

conditions, which also released the products from the solid support. The crude ppp(S)-

Scheme 16 Synthesis of Npp(S)pN homodimers
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Scheme 17 Synthesis of pyrophosphatase/phosphodiesterase-1 (NPP1) inhibitors

Scheme 18 Solid phase synthesis of 50-p(S)p(O/CH2)p capped ribonucleotides
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ORN analogs were further purified by IEX-HPLC giving pure compounds of type 109.

This serves as a general strategy for syntheses of 50-(a-P-thio)triphosphate RNA

sequences with high purity ([95%) and overall yields around 20%.

5.2 Stereoselective Thiophosphorylation

Generation of a stereogenic P-atom at internucleotide linkages is a long-standing

problem in the synthesis of thiophosphate oligonucleotides (PS-ODNs and PS-

ORNs). Biomolecules interact in a stereospecific manner, and therefore stereode-

fined P(S)-oligonucleotides would greatly aid their exploration as sophisticated

functional tools. Stec et al. [45] and Wada and colleagues [46] are pioneers for

syntheses of stereoregular oligonucleotides; Stec’s methods are based on oxathi-

aphospholanes (OTPs), whereas Wada uses oxazaphospholidines to introduce

stereochemical bias. Wada and coworkers successfully demonstrated a solid-

Scheme 19 Solid-supported stereocontrolled synthesis of PS-ORNs via oxazaphospholidine
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supported and stereodefined (C98:2) synthesis of a mixed PS-ORN sequence

(Scheme 19) [47].

Stereoselective trans-oxazaphospholidines of type 112 are synthesized by

reactions between free 30-OHs of otherwise protected nucleosides, e.g., 110 and

enantiomerically pure 2-chlorooxazaphospholidine derivatives, D- or L-111, which

are generated from D- or L-proline precursors. The reactions between 110 and 111
generated the anti-isomers at phosphorus almost exclusively ([99:1). 20-Cyanoox-

ymethyl (CEM) oxazaphospholidines 112 are not stable on silica gel but were

chosen because of their higher reactivity; 3-aminopropyl functionalized silica gel

was employed to minimize their decomposition during purification.

Stereoregular thiophosphate oligoribonucleotides (PS-ORNs) were obtained in

four steps: (1) condensation, (2) capping and sulfurization, (3) detritylation, and (4)

deprotection and release (Scheme 19). First, solid-supported 50-OH nucleosides or

PS-ORNs 113 were condensed with one of the 20-O-CEM-protected 30-O-

oxazaphospholidine monomers 112 in the presence of either CMPT or PhIMT

activators. Capping of unreacted 50-OHs and the free secondary amino group of the

intermediate (J) were then carried out using trifluoroacetylimidazole (CF3COIm)

and 1,8-bis-(dimethylamino)naphthalene (DMAN). Subsequent oxidative sulfuriza-

tion in the presence of DTD produced (K) with retention of configuration.

Detritylation with 3% dichloroacetic acid (DCA) in dichloromethane liberates the

50-OH group, and the cycle can be repeated (up to 11 times). Oligomers of different

chain lengths 114 were deprotected and cleaved from solid support using standard

procedures at the end of the cycle.

Another notable SPS method introduces tetrazole-induced stereochemical bias

into thiophosphate-containing small interfering RNAs (PS-siRNAs) [48]. Tetrazoles

Scheme 20 Solid-phase diastereocontrolled synthesis of P(S)-ORN via phosphoramidite coupling on
controlled-pore glass (CPG)
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are typically used as activators in solid phase ORN synthesis to enhance the

nucleophilic attack rate at the P(III) stereogenic center of 115 by the 50-hydroxyl of

the ribonucleoside (Scheme 20). The stereochemical outcome of this reaction is

influenced by activator choice and not by initial Rp/Sp ratios of the phosphoramidites

115a and 115b. 5-Enzylthio-1-H-tetrazole (BTT) and tetrazole (tet) as activators

influence the product diastereomeric ratios L1 and L2 (Rp vs. Sp) in a complemen-

tary way; BTT preferably produces Rp isomers, whereas tetrazole favors formation

of the Sp isomer. The product Rp/Sp ratios also appear to be determined by the

substituents at the 20-position of the sugar moiety. The final oxidative sulfurization

step proceeds with retention of configuration to yield either diastereomerically

enriched 116a or 116b with lengths of more than 20 units.

Activator-based diastereoselectivities attained from a single PS coupling are

small; however, small biases are accumulated in ORNs comprised of several PS

linkages. Such stereo-augmented ORNs are then capable of influencing bulk

biophysical properties. Although P(O) siRNAs exhibit the highest inhibitor potency

against target proteins Lin28 and p53 in Huh7 and HeLa cells, P(S)BTT siRNAs

(higher Rp content) display superior stability. Higher Rp content siRNAs also

possess higher potency over their P(S)tet siRNA (higher Sp content) counterparts.

The hydrolytic stability of Rp enriched siRNAs together with their improved

pharmacokinetic properties demonstrates their potential future applications in

siRNA therapeutics.

Fragile histidine triad (Fhit) protein-dinucleoside polyphosphate (NPnN) complex

(Fhit-NPnN complex) is postulated to function as a signaling complex in tumor

suppression mechanisms, which upon NPnN hydrolysis inhibits signal transduction

[49]. In the search for hydrolytically stable dinucleoside polyphosphates as Fhit

substrates, three Np(S)pp(S)N analogs of type 120 were synthesized (Scheme 21)

[50]. Oxathiaphospholane (OTP) intermediates 119 were prepared by coupling

protected nucleosides 117 and 2-chloro-1,3,2-oxathiaphospholane 118 followed by

oxidative sulfurization in the presence of elemental sulfur. The diastereomers were

not separated at this stage, and further reaction was carried out between the

diastereomeric mixtures and phosphoric acid in the presence of DBU. This

procedure yielded cap analogs 120 as mixtures of corresponding diastereomers.

These were separated by RP-HPLC, and seven out of nine possible diastereomers

were isolated. The double condensation of 118 and the nucleoside 117 (B = Gua)

also produced a by-product 121 (4 diastereomers). Type 120 analogs displayed a

Scheme 21 Synthesis of dinucleotide polyphosphate analogs Np(S)pp(S)N
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two to three orders of magnitude lower hydrolysis rate catalyzed by Fhit as

compared to their natural triphosphate counterparts.

5.3 Dithiophosphates

Dithiophosphates (P(S)2) are isosteres of phosphate where both non-bridging

oxygens are replaced by sulfur. Unlike P(S) analogs, P(S)2 analogs are symmetrical

like natural phosphates. Syntheses and applications of nucleotide and oligonu-

cleotide dithiophosphates were reviewed in 2010 [51].

Despite their usefulness, only few reports on P(S)2-ORNs are documented.

Recently, Yang et al. and Piccirilli and colleagues independently reported two

different ribonucleoside 30-phosphorothioamidite monomers 122 and 124, respec-

tively (Scheme 22). These monomers facilitate the incorporation of at least one

P(S)2 linkage and have been used to introduce several modifications using a DNA/

RNA synthesizer [52, 53].

Phosphorothioamidites 124 were prepared by treating protected nucleosides 123
with bis(dimethylamino)phosphorchloridite followed by addition of 2,4-

dichlorobenzylmercaptan in a one-flask reaction with yields of 86–99%. Phospho-

rothioamidites 122 were prepared in a similar fashion starting from the same

protected nucleosides 123. First, the phosphitylation of 123 was carried out in the

presence of tris-(pyrrolidino)phosphine and 1H-tetrazole. Subsequent in situ

addition of monobenzoylethanedithiol, trimethylsilylimidazole and additional 1H-

tetrazole yielded 122 (75–85%).

Modified P(S)2 linkages were incorporated in an automated synthesizer by

tetrazole-activated coupling between solid-supported oligonucleotides 123a and one

Scheme 22 Solid-supported automated synthesis of dithiophosphate-containing ribonucleotides
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of the phosphorothioamidites 124 followed by sulfurization using 3-(N,N-dimethy-

laminomethylidene)amino-3-H-1,2,4-dithiazole-5-thione (DDTT) prior to the cap-

ping procedure. After capping and detritylation, the protected support-bound

modified oligonucleotides were deprotected and isolated in three steps: (1) treatment

with thiophenol/trimethylamine, (2) heating in ammonium hydroxide/ethanol

mixture, and (3) heating with triethylamine (TEA) and TEA-3HF. This sequence

gave the desired modified P(S)2-linked oligoribonucleotides 125 (Scheme 22).

However, attempts to obtain PS2-oligoribonuceotides containing exclusively this

modification have remained unsuccessful so far.

Gene silencing ability of the P(S)2-bearing duplexes are sometimes higher

compared to P(S) modified or unmodified duplexes. Silencing is also position

dependent with regard to the modification. Consistently higher serum stability of

P(S)2-siRNA duplexes is observed as compared to P(S)-siRNA in 10% fetal bovine

serum.

5.4 Phosphorothiolates

Phosphorothiolates contain an O-P-S substitution at the bridging oxygen.

Nucleotides bearing 30-S phosphorothiolates are useful probes for detection of

metal ion-dependent phosphotransesterifications or determination of the rate-

limiting steps of enzymatic reactions. The rate of hydrolysis is increased in

phosphorothiolates, which often renders them difficult to synthesize and isolate

[54]. The internucleosidic pyrophosphorothiolates were unknown until recently.

They were prepared in a ball mill where a liquid-assisted grinder (LAG) provides

mechanical energy for coupling between 50-NMP-morpholidates 128 and 30-NMP-

phosphorothiolates 126 or 50-NMP-phosphorothiolates 127 to form pyro-phospho-

rothiolate-linked dinucleoside diphosphate analogs 129 and 130. To promote the

coupling, tetrazole and MgCl2 activators were also used. The starting materials 126
and 127 were synthesized from their precursor 30 or 50 thio-thymidines 126a–b or

127a, respectively (Scheme 23) [55]. This novel strategy used stoichiometric

amounts of water; hence, rigorous cation exchange and pre-drying were not

necessary, which also preserved the labile thiolate linkage.

5.5 Methylenebisphosphonodithiolates

Methylenebisphosphonodithiolates are multi-thiolated analogs of bisphosphonates.

Fischer and coworkers recently reported novel methylenebisphosphonodithiolate

nucleoside analogs 136 and 137. The non-hydrolyzable analogs 136 and 137 show

metabolic stability toward nucleotide pyrophosphatase/phosphodiesterase (NPP1,3)

and nucleoside triphosphate diphosphohydrolase (NTPDase1,2,3,8). The com-

pounds show high chemical stability against acidic (for 136, pD 1.5, t1/2 = 44 h),

basic (no decomposition 2 weeks at pD 11), and oxidative degradation (for 137, t1/

2 = 3 days) [56]. While 136 and 137 are not efficient inhibitors of NPP1,3, they

displayed strong Zn2? chelation and could potentially be useful in metal

complexation applications.
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Dithiaphospholane 132 is the key reagent for introduction of the P(S)2–CH2–

P(S)2 motif into nucleosides. 132 can be prepared from methylene bis(phosphonic

dichloride) 131 and 1,2-ethanedithiol in the presence of catalytic amounts of AlCl3
(Scheme 24) [57].

The free 50-OH of the 20,30-methoxymethylidene protected nucleosides 98a reacts

with 132 in the presence of DBU to form intermediates 133. Addition of excess

3-hydroxypropionitrile and one equivalent of DBU into the reaction mixture

converts 133 into 134. Base promoted b-elimination from 134 followed by the

removal of methoxymethylidene protecting group gives NP(S)2–CH2–P(S)2 analogs

135a–b (Scheme 24). The same strategy was used for syntheses of dinucleotide

P(S)2–CH2–P(S)2 analogs 137, via intermediate 136, in 30 and 36% yield,

respectively (Scheme 24).

5.6 Thiophosphoramidates

Thiophosphoramidates are a class of phosphate mimics where a nitrogen and a

sulfur replace two oxygens. Thiophosphoramidates could potentially serve as

therapeutic agents [58] and telomerase inhibitors [59, 60].

Nucleoside-based uncharged N- and S-bridging thiophosphoramidate analogs are

phosphate triester mimics, can be used as prodrugs, and can display antiviral

activity. They may also be used as a general tool for mechanistic studies of natural

Scheme 23 Synthesis of pyrophosphorothiolate-linked dinucleotides
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phosphodiesterases, such as sugar nucleotide diphosphatases [61]. Hodgson and

coworkers developed a new ‘click’ methodology [62] for the synthesis of N- and

S-dialkylated thiophosphoramidates, which has been further extended for the

synthesis of novel N- and S-bridging nucleoside analogs. The preparation of these

analogs now facilitates their exploration as potential mechanistic probes.

Many synthetic protocols in phosphorylation chemistry require strictly dry

conditions and are restricted to specialized laboratories [63]. Hodgson and

coworkers were able to transform generic alkyl amines into N,S-dialkyl thiophos-

phoramidates in one flask [62, 64] in an aqueous medium with THF as a co-solvent

Scheme 24 Synthesis of methylenebisphosphonodithioate analogs

Fig. 4 Distribution of products during phosphorylation and thiophosphorylation of amines
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to dissolve the reagent P(S)Cl3. Formation of undesired by-products (Fig. 4) during

thiophosphorylation and phosphorylation reactions, such as inorganic phosphates

138c, thiophosphates 139c, and aminolysis products 139b, was greatly suppressed if

the reactions were carried out at pH 12 [65].

After completion of the reaction under optimized conditions, the organic solvents

were first removed followed by lyophilization. The thiophosphoramidate reaction

mixtures 140 were then alkylated at sulfur and the products were purified by anion

exchange DEAE-Sepharose resin. The scope of the approach to rapidly access N,S-

dialkyl thiophosphoramidates has been explored using several alkyl amines and

alkylating agents to produce compounds of type 141a (some representative

examples are shown) [62]. The methodology was also used to accomplish amine–

amine ligation via heterobifunctional cross-linking between thiophosphoramidate

anionic intermediate 140 and aryl bromoacetate electrophiles [64]. The subsequent

aminolysis of the active acylating agents in the presence of allylamine or 50-amino-

50-deoxyguanosine produces thio-phosphoramidate-acetamide compounds of type

141b (Scheme 25).

Unprotected aminonucleosides 142a–b were also phosphorothioated using a

similar pH-controlled protocol to yield products 143a–b; 143a was then further

elaborated into 144a using S-alkylation (Scheme 26) [65]. Notably, dinucleoside

thiophosphoramidate 144b can also be prepared [66]. All crude S-alkylated products

were purified over anion exchange DEAE-Sepharose resin [65, 66].

6 Tagged Phosphates

Terminal phosphate-tagged nucleotides provide useful tools for investigating

essential cellular activities, such as DNA synthesis [67, 68] and protein phospho-

rylation [69]. Phosphorylation occurs in numerous occasions during signal-

transduction cascades; aberrations in these pathways can lead to diseases such as

Parkinson’s [70] and cancer [71].

Adenosine 50-triphosphate (ATP) is the central phosphate donor in biology; its c-

phosphate is most commonly transferred to serine, threonine, or tyrosine residues of

proteins (other amino acids are also phosphorylated). ATP analogs modified at the c
position are often accepted as kinase co-substrates, a feature exploited in chemical

Scheme 25 Heterobifunctional thiophosphoramidate cross-linkers from P(S)Cl3
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biology. However, the high abundance of kinases in eukaryotes [72] makes it

difficult to identify specific kinases responsible for phosphorylations [73, 74].

A photo cross-linking unit such as an aryl azide, when attached to a c-phosphate

modified ATP analog, can help to identify the operating kinases or targets of interest

in vitro [75]. For example, in the presence of co-substrate, UV irradiation during

CK2-mediated phosphoryl transfer to a-casein forms a phosphorylated protein

bearing a highly reactive nitrene species, which covalently binds to the kinase, thus

enabling its identification.

The ATP c-phosphoramidate photo cross-linker 146 was synthesized by

condensing c-ATP and N-(4-azido benzoyl)-2,20-ethylenedioxy bis-(ethylamine)

145 using an established reaction protocol in the presence of EDCI as an activator

(Scheme 27).

Marx and coworkers also reported synthetic routes for c- and d-phosphate

modified nucleotides 147–151 [76]. N- and O-c-modified nucleotide analogs have

been described previously [77–83]. However, the group also developed novel c- and

d-CH2 tagged nucleotides 150 and 151 (Scheme 28). Disodium ATP undergoes a N-

6-azidohexyl modification at the terminal phosphate at slightly acidic pH in the

presence of 6-azido-hexylamine and EDC as an activator (12% yield) affording 147.

O-6-Azidohexyl tags 148 and 149 were attached either by alkylation of tetrabuty-

lammonium ATP using 6-bromo-1-azido-hexane in DMF under anhydrous condi-

tions (c-modified, 148: 22% yield) or via reaction between tetrabutylammonium

ATP and 6-azido-hexylphosphate mediated by EDC (d-modified, 149: 24% yield).

Finally, novel c- and d-CH2 tagged nucleotides 150 and 151 were synthesized from

tetrabutylammonium ATP and tetrabutylammonium ADP, respectively, through

coupling with 7-azido-heptyl-phosphonate. Different activators enabled the synthe-

sis of tri- (CDI, yield 11%) and tetra- (EDC, yield 28%) phosphate analogs.

Azide-tagged nucleotide analogs can be further subjected to azide-alkyne click

reactions or Staudinger ligations; reduction into corresponding amines opens up the

Scheme 26 Further scope of thiophosphoramidate synthesis

Scheme 27 Synthesis of c-modified ATP-photo cross-linker 146
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possibility to further explore amide chemistry on these substrates as well. When

subjected to a range of different pH, O- and CH2 analogs 148–151 show remarkable

and almost identical hydrolytic stabilities, whereas the P-amidate analog 147 is less

stable, especially at acidic pH (Scheme 28).

ATP-biotin 152 is another recently reported c-phosphate-labeled ATP analog

[84]. During a kinase-catalyzed phosphorylation reaction, 152 acts as a co-substrate,

and the phosphorylbiotin unit is transferred to target proteins [85]. These

biotinylated phosphoproteins can then be pulled down by several commercially

available streptavidin-conjugated reagents [86]. This approach can only be applied

in vitro because of the cell impermeability of 152 [85]. Recently, Fouda and Pflum

synthesized a cell-permeable ATP–polyamine–biotin 153 that can be used in cellulo

[87]. Synthesis of 153 was accomplished as described in Scheme 29; polyamine–

biotin 154 was condensed with c-ATP phosphate following the above-mentioned

Scheme 28 Synthesis of c- and
d-modified nucleoside
oligophosphates stable at pH
5.5–12

Scheme 29 Synthesis of cell-permeable ATP analog, ATP–polyamine–biotin 153
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standard protocols (Fig. 1) to give 153. In vitro, 153 was less efficient than ATP and

ATP-biotin 152. However, in live cells, it successfully transfers its c-phosphate and

generates biotinylated phosphoproteins. 153 is a promising candidate to aid in the

study of the cellular phosphoproteome, and therefore this strategy may provide

additional insights into cell-signaling research.

Oligonucleotide-tagged or fluorescently labeled nucleoside hexaphosphate

analogs 158 or 159 are used in real-time single-molecule DNA sequencing

[88, 89]. All tagged and labeled analogs of family 158 and 159 were synthesized

from aminohexyl-nucleoside hexaphosphate (dNP6) intermediates 157. These

amines 157 are then modified with activated esters that can contain azides or also

other labels. The azides further undergo a click reaction to form compounds 158 or

nucleobase-specific Alexa fluor-labeled activated esters to form members of the

family 159. The intermediates 157 were synthesized starting from Fmoc-6-

aminohexanol 155, which was converted into Fmoc-aminohexyl-triphosphate 156
via sequential treatments with phosphorous oxychloride followed by tributylam-

monium pyrophosphate (Scheme 30). Compound 156 was isolated and purified by

Sephadex A-25 ion-exchange chromatography prior to its use in subsequent steps.

Pure 156 was then condensed with nucleoside triphosphates (as tributylammonium

salts) in the presence of CDI as an activator and a Lewis acidic promoter (MgCl2).

Deprotection delivers crude aminohexyl-nucleoside hexaphosphates 157.

RIG-I is a class of pattern recognition receptors; RIG-Is are located in the

cytoplasm and recognize 50-triphosphate end-capped viral RNAs. Recognition

triggers type 1 interferon production, which helps to maintain the antiviral state of

the cell [90, 91]. A great deal of interest is focused on creating synthetic RIG-I

agonists to aid understanding of signal responses [92–94]. Future studies will rely

heavily on the availability of pure 50-triphosphate RNAs (pppRNA). Although

several synthetic methods have been reported so far [95, 96], almost all of them

require rigorous purification protocols [97, 98].

Ludwig and coworkers prepared a solid-supported cyclic trimetaphosphate RNA

intermediate (O) from its solid-supported precursor 160a using salicyl phospho-

rochloridite following a standard procedure. The cyclic trimetaphosphate ring was

opened with a series of amines to produce an immobilized c-N-modified 50-

Scheme 30 Synthesis of labeled nucleoside hexaphosphates
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triphosphate analog of 24-mer RNA (P), which was then cleaved from solid support

to give oligoribonucleotide P-amidate (for phosphoramidates see Sect. 4 of this

chapter) 161a–e. The terminal alkyl chain enhances lipophilicity and simplifies the

purification of 161a–e significantly (Scheme 31) [99]. The cyclic trimetaphosphate

RNA intermediate (O) provides a common intermediate (see schemes 17, 35, and

43) for the synthesis of various P-amidate c-tagged 50-triphosphate RNAs. Modified

N-azidoalkyl, perfluoroalkyl, monoacetylated amine, 2,20-(ethylenedioxy) ethy-

lamine tagged triphosphate RNAs were synthesized. The retention times for 161a–e
are independent of sequence and are solely determined by tag properties, which add

lipophilicity to simplify purification. Perfluoroalkyl derivative 161c provides the

option to conduct fluorous affinity chromatographic separation. All analogs 161a–e
can be deprotected to give corresponding free 50-triphosphate RNAs 162 through

acid-catalyzed (pH 3.8) P–N bond scission at 60 �C. This is in accordance with the

above study by Marx and coworkers on the stability of such linkages (Scheme 31a).

An alternative solid-supported synthesis of triphosphate RNA 162 proceeded from

(A)

(B)

Scheme 31 Synthesis of triphosphate RNAs and their analogs
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160b via cycloSal-phosphoramidite developed by Meier; the intermediate was

further oxidized and condensed with pyrophosphate salt (Scheme 31b) [100]. In

principle, using different pyrophosphate analogs, one can envision the facile

generation of RNA triphosphate analogs. Notably, the cycloSal approach does not

proceed via a cyclic trimetaphosphate intermediate as the Ludwig approach. This

approach has recently been discussed in a detailed review demonstrating several

other applications as well [101].

Glucocorticoids (GC) are an important class of steroid hormones, which bind

cytosol-localized glucocorticoid receptors (GR). The GC-GR complex either

upregulates the expression of anti-inflammatory proteins in the nucleus or

downregulates the expression of pro-inflammatory proteins in the cytosol. The

pleiotropic pharmacology of glucocorticoids is associated with many side effects

[102] such as an increase in sugar level and mood swings.

In a recent article, Kern et al. successfully reported several syntheses of

glucocorticoid tagged with cyclooctyne-mono-, di- and tri-phosphates 164a–e
following standard procedures as shown in Scheme 32 [103]. The presence of the

phosphate unit renders lipophilic steroids partially hydrophilic, suppressing their

aggregation in water. The sterically least hindered –OH groups of the glucocorticoids

(e.g., C-21 for 163a) were mono- or di-phosphorylated. Both mono- and di-phosphates

were further condensed with either N-Boc protected ethanolamine or N-Fmoc

protected aminoethyl-phosphates in the presence of imidazole and/or Lewis acid

activators to produce di- and tri-phosphate analogs (not shown). Subsequent Boc and

Fmoc deprotection and coupling of the free amines with activated cyclooctynes using

EDC gave the desired dexamethasone-derived cyclooctyne-tagged mono-, di-, and tri-

phosphate analogs 164a–c. Employing a similar strategy, Kern et al. also readily

synthesized fluticasone- and budesonide-derived cyclooctyne-tagged pyrophosphate

analogs 164d and 164e, respectively (Scheme 32) [103]. These small molecules were

stable in mouse blood up to 6 h but released 50% of their glucocorticoid payloads in

lysosome lysates within 30 min (di- and triphosphates); the payload release was

slower for the monophosphate 164a (about 10% in 6 h).

An unnatural amino acid (para-azido-phenylalanine) modified a-human CD70

(a-hCD70) antibody (represented as 165 in Scheme 33) allows for bioorthogonal

reaction with cyclooctyne-tagged-glucocorticoid-carrier phosphate analogs 164a–

e to form antibody–drug conjugates of general type 166. Likewise, the environment-

specific release of glucocorticoids (blood vs. lysosomal lysate) from such antibody–

drug conjugates could provide a solution for glucocorticoid delivery to target-

antigen positive cells (Scheme 33) [103].

The group further established in vitro proof for efficient glucocorticoid delivery

of type 166 in 786-O cells [103], a cell line with high CD70 (expressed on activated

lymphocytes) on the cell surface. When 786-O cells were incubated with 166, the

glucocorticoid-induced leucine zipper (GILZ) activity was found to correlate well

with previous lysosomal lysate assays. GILZ is a gene that expresses rapidly in the

presence of glucocorticoids (GCs). Furthermore, fluticasone (EC50 = 0.25 nM) and

budesonide (EC50 = 0.58 nM) antibody conjugates were found more potent

compared to dexamethasone (EC50 = 0.58 nM).
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Scheme 32 Synthesis of cyclooctyne-tagged mono-, di-, and tri-phosphate analogs of glucocorticoids

Scheme 33 Synthesis of antibody–drug conjugates
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As previously described in the non-hydrolyzable analog section, inositol

pyrophosphates signal in two distinct ways, but many of their protein targets

remain elusive. Fiedler and coworkers synthesized InsP6 and 5PCP-InsP5 affinity

reagents 171 and 173 (Scheme 34) for pull-down assays. They identified more than

150 proteins that bind to these reagents and are responsible for nucleotide as well as

glucose metabolism, ribosome biogenesis, phosphorylation-based signal transduc-

tion pathways and substrates for protein pyrophosphorylation in Saccharomyces

cerevisiae cell lysate [104]. 5PCP-InsP5 is a nonhydrolyzable structural mimic of

5PP-InsP5 [105] to preclude decomposition during pull-down in lysates.

The synthesis of the InsP6-affinity reagent 171 was accomplished starting from

racemic alcohol 167. The alcohol was phosphitylated in the presence of 5-Ph-1H-

tetrazole and phosphoramidite 168 followed by oxidation to yield 169. Subsequent

deprotection followed by a global phosphitylation-oxidation sequence and global

hydrogenolysis gave 170. The polyethylene glycol (PEG)-linked primary amine

attached at the 2-position of 170 enabled further coupling with N-hydroxysuccin-

imide (NHS)-activated Affi-Gel 15 beads to give InsP6-affinity tag 171 in 47% yield

(Scheme 31). Starting from 172, PEG-linked 5PCP-InsP5-affinity reagent 173 was

obtained by applying the same synthetic sequence.

Scheme 34 Synthesis of modified inositol phosphates as affinity reagents for pull-down
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7 Boranophosphates

Boranophosphate analogs are isoelectronic to phosphates and bear similar charge

distribution, but also possess higher lipophilicity and in vivo stability [106]. Boron

is typically introduced in the borane form using three common synthetic strategies:

(1) boranation of a P(III) center, (2) using P-BH3 species as nucleophiles, and (3)

using P-BH3 species as electrophiles. O-to-BH3 substitution in non-symmetrical

phosphodiesters creates a stereocenter, resulting in diastereomeric mixtures. For

simplicity, all subsequent yields are reported as *1:1 mixtures of diastereomers

unless otherwise noted; the diastereomers can typically be separated by HPLC. Note

that this section only covers borane-containing phosphate mimics. For a review of a

broader class of P-BH3 compounds, see [107].

7.1 Boranation of a P(III) Center

Cyclic mixed P(III)–P(V) species of type (H) [for synthesis of type (H), see

Scheme 17] often act as starting materials for borano-containing polyphosphates

(Scheme 35a). Type (H) compounds are treated with a borane complex such as

BH3*THF to afford the cyclic boranophosphate intermediates 174, which act as a

precursor to a wide range of compounds (Scheme 35b). Treatment of 174 with a

solution of triethylamine and water followed by deprotection of the nucleoside

yields a-P-borano-NTP analogs 175 in *30% yield (Scheme 35b) [108]. Use of

ethylenediamine in place of trimethylamine promotes cleavage of the terminal

phosphate to afford a-P-borano-NDP-176 in 30–50% yield [109, 110]. The cleavage

proceeds via intramolecular cyclization, and elimination of diazaphospholidinolate.

(A)

(B)

(C)

Scheme 35 Boranation of cyclic P(III) centers
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174 may also be opened with NMPs or NDPs to yield P-borano homodimers 177 in

yields of up to 80% [111]. Amines can be used to open the modified metaphosphate-

ring 174, as recently shown using tryptophan methyl ester yielding 178 in 30% yield

[112]. A notable modification of this strategy reacts the phosphordichloridite 179
with a non-hydrolyzable analog of pyrophosphate followed by boranation to yield

the intermediate (Q), an analog of 174 (Scheme 35c). (Q) is then hydrolyzed with

triethylammonium bicarbonate to afford the heavily modified ATP analog 180 in

30% yield starting from 179 [113].

Much like cyclic P(III)–P(V) species, open-chain phosphite esters may also be

boranated using the approach discussed in Scheme 36. Disaccharide-derived

phosphite triester 181 undergoes smooth boranation to yield the disaccharide

boranophosphate 182, which after oligomerization is demethylated to afford the

boranophosphodiester-linked polysaccharides of type 183 (Scheme 36a) [114]. Note

that the yield for 182 is reported including two preceding steps, so the boranation is

likely more efficient than shown. Similarly, phosphonites 185, derived from their

precursor thiophosphonates 184, undergo boranation (186a,b,d) in good yields with

retention of configuration (Scheme 36b) [115]. The preceding reduction (Raney Ni)

was reported as a more troublesome step, which accounts for lower yields compared

to the previous example; the relative stereochemistry of R and R’ groups is the main

consideration for the efficiency of this reduction. Subsequent deprotection leads to

boranophosphates of type 187 in good yields (97%). H-phosphonates 188 do not

readily undergo boranation without prior activation (Scheme 36c). Reagent 189 is

used to circumvent the diminished reactivity of H-phosphonate 188 by silylation.

Silylation shifts the equilibrium of 188 to the more reactive phosphite tautomer 190,

which can then be boranated under standard conditions. Subsequent deprotection of

the nucleoside yields the mono-substituted boranophosphate 191 [116].

(A)

(B)

(C)

Scheme 36 Boranation of open-chain P(III) centers
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7.2 P-BH3 Species as Nucleophiles

Inorganic boranophosphate 192, or BPi, is an analog of inorganic phosphate; BPi

is prepared by boranation of tris-trimethylsilylphosphite with a borane source

(Scheme 37a) [117]. BPi displays similar acid–base properties [106] and

reactivity of inorganic phosphate and acts as a nucleophile toward imida-

zolide-activated phosphates. Reactions of NMP-imidazolides 193 with BPi and

MgCl2 activator yield the intermediate b-borano NDPs 194. 194 can then be

reacted with another equivalent of 193 to yield homodimers 195a or a different

NMP-imidazolide to yield Npp(B)pN hetero-dimers 195b (Scheme 37b) [118].

Heterodimers 195b are prepared in lower yield compared to that of homodimers

195a, presumably because of competing hydrolysis. BPi may also be used as a

nucleophile in the synthesis of Npp(B)ppNs 198. In this case, mixtures of NMPs

196 and NDPs 197 are activated by CDI in one flask (Scheme 37c), followed by

the addition of BPi [111]. BPi monoesters, such as 199, retain their nucleophilic

character and may be elaborated further when reacted with imidazolide

phosphates of type 200 (Scheme 37d); Np(B)ppNs or Np(B)pps 201 are

obtained using this method [118]. MgCl2 addition is required in all cases to

boost the nucleophilicity of BPi.

(A)

(B)

(C)

(D)

(E)

Scheme 37 Examples of P-BH3 nucleophiles
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Boranophosphonates may be accessed using the borano-H-phosphonite 203b
reagent obtained from 202 and LiBH4 (Scheme 37e) [119]. 203 is deprotonated with

n-BuLi and reacted with the modified pentose electrophile 204. Separation of

diastereomers followed by a base-mediated boranophosphonodiester formation

yields the pure stereoisomers of boranophosphonates 205 [120].

7.3 P-BH3 Species as Electrophiles

Like unmodified phosphates, P-BH3 species may be activated to act as electrophiles.

Borano-H-phosphonate 206 is prepared from phosphinic acid, via intermediate (U),

as shown in Scheme 38a. 206 is then activated using Bop-Cl and attacked by the 50

alcohol of a nucleoside (Scheme 38b). The resulting species 207 is deprotected to

yield 208, a borano-H-phosphonate nucleoside; acidic nucleoside deprotection

conditions caused boranophosphonate decomposition in this case [121]. A similar

example repeats the coupling on boranophosphonate 207 with an alcohol or an

amine (Scheme 38c). Sulfurization followed by deprotection on the nucleoside

provides the boranothiophosphate diesters 209 in 52% or 63% overall yield [122].

8 Fluorophosphates

19F is a desirable label for probing biological systems: it can be read by NMR

with 83% sensitivity relative to 1H, it has a wide magnetic window, and its

resonance is environment-sensitive. Fluorine is nearly absent from the realm of

natural biology, allowing for undisturbed NMR observation in complex biological

matrices [123]. Fluorophosphate-containing biomimetics often display minimally

perturbed functionality, owing to the F–P and O–P bonds’ electronic similarities

[123]. A previous review may be consulted for methods appearing before 1999

[124]. The radioactive 18F, though very useful for PET imaging, will not be

discussed as its short half-life (t1/2 * 110 min) renders it out of reach for many

chemical methods. Recent synthetic methods can be divided into three categories:

(A)

(B)

(C)

Scheme 38 Reactions of P-BH3 electrophiles
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P(III) chemistry, P(V) chemistry, and late-stage fluorination of biomolecules and

their analogs.

8.1 P(III) Chemistry

Leaving group-bearing phosphoramidites of type 210 can be elaborated to P(III)

fluorophosphite 211 using TBAF (Scheme 39a). Compound 211 contains a

nucleoside attached at the 30 alcohol and an activatable diisopropylamine moiety.

Deprotection of the nucleoside 50 alcohol with ZnBr2 and activation of the amidite

with TMSCl provide a cyclic intermediate 212, which is then oxidized to the

corresponding fluorophosphate or fluoro-thio-phosphate 213. This method provides

chromatographically stable materials in excellent yields, but requires water-free

conditions and protection of nucleophilic moieties [125].

Another approach toward fluorophosphate diesters uses phosphoramidites of type

214. Standard P(III) couplings with a nucleoside followed by oxidation with Se8

yield interesting mononucleoside intermediates of type 215, which are reacted with

a second appropriately protected nucleoside and then with MeI to yield protected

30–50 thymidine dimers 216 (Scheme 39b). Fluoride-mediated substitution of the

methylselenoate and subsequent deprotection affords 30–50 dithymidine-fluorophos-

phate dimers and their thio-analogs 217 [126]. P(III) chemistry also allows for

preparation of fluoride-bearing reagents of type 218; activation of the diisopropy-

lamine moiety with 1H-tetrazole followed by substitution with an alcohol

(Scheme 39c) affords the protected fluorophosphite 219. Oxidation by TBHP or

S8 [intermediate (W)] and subsequent deprotection provides materials of type 220.

Multistep reagent synthesis and use of protecting groups are a drawback of this

method; however, the routes are convergent, the yields are nearly quantitative, and

all materials are stable to chromatography [127].

(A)

(B)

(C)

Scheme 39 Synthesis of fluorophosphates and their analogs using P(III) chemistry
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8.2 P(V) Chemistry

P(V) fluorophosphate intermediates are typically derived from phosphorus

oxychloride and require use of protecting groups much like the aforementioned

P(III) chemistry. In one approach, alcohols in the presence of DMAP are reacted

with diphenylchlorophosphate 221 to yield the protected P(V) triesters 222
(Scheme 40a). The triesters are then fluorinated and deprotected in a single step

to provide TBA salts 223, which may be ion exchanged for H? using a sulfonic acid

resin [128]. The tested scope of this method is relatively narrow but can likely be

expanded to many appropriately protected substrates.

P(O)Cl2F is another example of a phosphorus oxychloride-derived reagent and is

particularly useful for preparation of cyclic fluorophosphates as shown by Rüedi and

coworkers (Scheme 40b). Using the 8 precursor stereoisomers of 224, they prepared

all 16 possible stereoisomers of 225 and used them in subsequent enzyme inhibition

studies [129]. Difficult synthesis of P(O)Cl2F [130], use of a glove box, and

potential for high toxicity of reagents and intermediates are the main drawbacks of

this method.

8.3 Late-Stage Fluorination of Biomolecules and Their Analogs

Direct fluorination is an attractive strategy for synthesis of fluorophosphates when

the desired precursors are available. Preparation of nucleoside 50-fluorophosphates

or phosphonates of general structure 227 (n = 0 and 1 represents phosphate and

phosphonate, respectively) from their activated imidazolides 226 was reported to

proceed in aqueous solutions of KF (Scheme 41a). An updated method from the

same group showed that the imidazolides may be replaced with EDC activation of

unmodified nucleoside 50-phosphates or phosphonates of type 228. This method was

applied successfully to convert the phosphonate-containing HIV drugs adefovir and

tenofovir to their respective fluorophosphonate 229. The ease of this method is

notable; however, scalability is unclear because of scant experimental details of

these reports [131, 132].

A similar method employed nucleoside imidazolides of type 230 in direct

fluorinations using TBAF with ZnCl2 (Scheme 41b); non-natural and non-

hydrolyzable analogs were also prepared. A minor method adjustment demonstrated

incorporation of an additional phosphate unit using fluorophosphate 232 in the

(A)

(B)

Scheme 40 Synthesis of fluorophosphates using P(V) chemistry
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presence of zinc or magnesium chlorides. This process variation converts natural

nucleoside monophosphates 233 into b-fluorodiphosphates 231 (n = 1), but also

holds potential for synthesis of nucleoside c-fluorophosphates 231 (n = 2). For

cases where prior synthesis of nucleoside imidazolides is impractical, the authors

developed fluorophosphate imidazole 234, which adds a fluorophosphate unit onto

un-activated nucleosides and derivatives 235 (Scheme 41c). Products of type 236
are prepared from a number of natural and unnatural analogs, as well as

oligonucleotides, demonstrating the wide scope of reagent 234 [123]. These

methods can likely be extended to substrates outside of the nucleoside family as

they display high functional group tolerance.

Fluorophosphonate diesters have utility in activity-based protein profiling [133].

These products are most commonly accessed through late-stage fluorination of

phosphonate diesters of type 237 to yield fluorophosphonates 239 (Scheme 42a).

Amino-sulfur trifluoride reagent 238a (DAST) or Deoxo-Fluor 238b [134] are

(A)

(B)

(C)

Scheme 41 Late-stage fluorination of nucleoside derivatives

(A)

(B)

Scheme 42 Late-state fluorination of phosphonates
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commonly employed for these transformations, with cyanuric fluoride 238c
[135, 136] also finding recent utility. For compounds with incompatible function-

ality to reagents 238a–c, an alternate synthetic strategy may be employed. In one

example, reagent 238c is used to prepare a difluorophosphonate 241 from its

precursor phosphonic acid 240 (Scheme 42b). One of the fluorides is then replaced

by an alcohol of a phospholipid analog yielding the target material 242. The more

sensitive phospholipid analog portion 242 is never exposed to strong fluorinating

agents using this approach.

9 Selenophosphates

Selenophosphate is a rare motif represented by only a handful of recent works;

however, the use of Se in X-ray phasing makes selenophosphate biomimetics

intriguing synthetic targets [137–139]. Selenium is introduced onto a phosphate

nearly exclusively through P(III) intermediates, typically en route to nucleotide

derivatives. Note that O-to-Se substitution in non-symmetrical phosphodiesters

creates a stereocenter, resulting in diastereomeric mixtures. For simplicity, all

subsequent yields are reported as *1:1 mixtures of diastereomers.

Cyclic mixed P(V)–P(III) intermediates (H) can be oxidized with either

elemental selenium or the commercially available reagent 243 to yield

(A)

(B)

(C)

Scheme 43 Selenophosphates
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selenophosphates (Z) (Scheme 43a). Type (Z) intermediates undergo nucle-

ophilic ring opening with a nucleoside phosphate to yield nucleoside homod-

imers of type 244 or with water to yield nucleoside triphosphates 245 with a

selenium on the a-phosphate [140, 141]. A similar P(III)-to-P(V) selenium

oxidation was used in the synthesis macrocycle 247 from its protected precursor

246 (Scheme 43b) [142].

Selenium may be installed on the b-phosphate of NTPs using selenophosphate

250, which is derived from the P(III) species 249 via a Se8 oxidation (Scheme 43c).

250 is used as a nucleophile with activated NMP-imidazolides 248 to prepare

seleno-NDPs 251. The nucleophilic attack can then be repeated on imidazolide 252
to yield NTP analogs 253 with a microwave-assisted reaction time of 5 min or 2 h

unassisted. 251 may also be reacted with an NMP 254 to afford an Npp(Se)pN

heterodimer 255; in either case, an excess or MgCl2 or ZnCl2 is necessary to

promote the reaction (Scheme 43c) [143, 144]. The often modest yields and a dearth

of selenium-containing reagents highlight the challenging preparation of

selenophosphate compounds.

10 18Oxygen-Labeled Phosphates

Oxygen-18 is a useful MS handle for studying kinase activity [145–147], which

makes 18O a desirable phosphate label. Notably, the ATP 18O content can also be

followed by 31P-NMR, allowing for real-time 18O monitoring [148]. 18O-phosphate

derivatives are rare as biological probes because of a dearth of synthetic methods.
18O is typically purchased in the form of H2

18O, which acts as a starting point

for most syntheses. Tri- or tetra-18O-labeled phosphate can be obtained via

hydrolysis of P(O)Cl3 or PCl5 in [85% yield (Scheme 44a) [149]. The labeled
18O4-phosphoric acid can then be enzymatically incorporated into tetra-labeled c-

[18O4]-ATP or c-[18O4]-GTP from the precursor NDPs on a 50-nmol scale [150].

For larger preparations, activated ADP-imidazolide 256 is reacted with P18O4
3-

tetrabutylammonium salt to yield c-[18O4]-ATP 257 on a 50-mg scale

(A)

(B)

(C)

Scheme 44 Synthesis of 18O-labeled phosphates
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(Scheme 44b) [151]. Another approach uses benzyl-18O-alcohol 258, which is

derived from benzylbromide, and is then incorporated into the phosphoramidite

reagent 259 (Scheme 44c). Activation of 259 with 5-ethylthio-1H-tetrazole in the

presence of NDPs followed by oxidation and deprotection yields the bis-18O-

labeled NTPs 260 in 95% yield and 80% purity with precursor nucleoside

diphosphates as the main contaminants. Upon further purification, pure c-[18O2]-

ATP, c-[18O2]-UTP, and c-[18O2]-5,6-dihydro-UTP were obtained on up to a

10-mg scale in 44–52% yield [39].
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62. Trmčić M, Hodgson DRW (2011) Synthesis of thiophosphoramidates in water: click chemistry for

phosphates. Chem Commun 47:6156–6158. doi:10.1039/c1cc11586c

63. Jessen HJ, Ahmed N, Hofer A (2014) Phosphate esters and anhydrides—recent strategies targeting

nature’s favoured modifications. Org Biomol Chem 12:3526–3530. doi:10.1039/c4ob00478g
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Abstract Nucleotides modified at the terminal phosphate position have been pro-

ven to be interesting entities to study the activity of a variety of different protein

classes. In this chapter, we present various types of modifications that were attached

as reporter molecules to the phosphate chain of nucleotides and briefly describe the

chemical reactions that are frequently used to synthesize them. Furthermore, we

discuss a variety of applications of these molecules. Kinase activity, for instance,

was studied by transfer of a phosphate modified with a reporter group to the target

proteins. This allows not only studying the activity of kinases, but also identifying

their target proteins. Moreover, kinases can also be directly labeled with a reporter

at a conserved lysine using acyl-phosphate probes. Another important application

for phosphate-modified nucleotides is the study of RNA and DNA polymerases. In

this context, single-molecule sequencing is made possible using detection in zero-

mode waveguides, nanopores or by a Förster resonance energy transfer (FRET)-

based mechanism between the polymerase and a fluorophore-labeled nucleotide.

Additionally, fluorogenic nucleotides that utilize an intramolecular interaction

between a fluorophore and the nucleobase or an intramolecular FRET effect have

been successfully developed to study a variety of different enzymes. Finally, also

some novel techniques applying electron paramagnetic resonance (EPR)-based

detection of nucleotide cleavage or the detection of the cleavage of fluorophosphates

are discussed. Taken together, nucleotides modified at the terminal phosphate
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position have been applied to study the activity of a large diversity of proteins and

are valuable tools to enhance the knowledge of biological systems.

Keywords Modified nucleotides � Activity assays � Kinases � DNA sequencing �
Fluorogenic substrates � FRET

1 Introduction

Nucleotide-dependent processes are fundamental to many biological pathways. ATP

is the universal energy currency in every living cell and is utilized to couple endergonic

and exergonic processes [1]. Nucleoside triphosphates (NTPs) are the building blocks

for the synthesis of DNA and RNA and are, therefore, pivotal to information storage

and usage in living systems [2]. Furthermore, nucleotide-based small molecules are

messengers that are important for the adjustment to various conditions [3–6]. Studying

the activity of enzymes involved in the turnover of nucleotides is, therefore, an

important strategy to gain insights into biological systems.

Over the years, it has been shown that attachment of a reporter molecule to

nucleotides is a useful strategy to obtain probes that are still efficiently turned over

by the enzyme of interest, but show additional features that allow investigating this

reaction. For this purpose, e.g., fluorophores [7, 8], affinity handles [9] or

photocrosslinkers [10] are attached to nucleotides. Whereas a variety of nucleotides

modified at the nucleoside can be used for different applications and especially to

detect nucleotide binding [11], nucleotides terminally modified at the phosphate

chain hold special promise as the modification will be separated from the nucleotide

during the enzymatic reaction. This allows, for example, in the case of kinases, the

transfer of a reporter to a target protein [12] or the enzyme itself [9]. In the case of

nucleic acid polymerases, phosphate-modified nucleotides allow the detection of

enzymatic activity, while synthesizing the natural polymer. This is especially

advantageous if many nucleotides need to be incorporated in a subsequent fashion

[13]. Furthermore, the fact that the phosphate modification is separated from the

nucleotide after cleavage is used to construct fluorogenic probes for enzymatic

activity [8, 14]. All these possible applications render nucleotides modified at the

phosphate chain interesting entities to study enzymatic activity.

2 Tailoring Phosphate-Modified Nucleotides for Specific Applications

For the terminal attachment of a modification to the phosphate chain of nucleotides

a variety of different connection modes can be used. This attachment, in many

cases, needs to be optimized for the specific enzyme of interest. Factors that

contribute to the selection of the modification include (1) tolerance of the enzyme

towards the modification, (2) stability of the modification under the assay conditions

and (3) synthetic accessibility of the specific molecule. In this section, we will

present a selection of nucleotides modified with a reporter at the terminal phosphate

and review the respective synthesis routes as well as their stability. A more
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comprehensive report of modern synthesis strategies towards these challenging

molecules, including their modular synthesis using P(III) chemistry [15], is given by

H. Jessen in this book.

Many terminally phosphate-modified nucleotides have a length of the phosphate

chain of three phosphoanhydride units as found in the most common NTPs. In the

easiest case, one of the atoms of the c-phosphate can be exchanged with another

atom (Fig. 1). This has, e.g., been done for the exchange of one oxygen to sulfur

(ATPcS, 1) [16] or fluorine (ATPcF, 2) [17]. However, many systems require the

installation of larger reporter molecules. These modifications are obtained with

various chemistries on the terminal phosphate (Fig. 2). Molecules with nitrogen (3)
[10, 18–23], oxygen (4) [20, 22, 23], sulfur (5) [24] or carbon (6) [22, 25] directly
attached to the phosphor atom have been reported. For synthesizing modified

nucleotides based on strong nucleophiles like amines for nitrogen-linked

nucleotides [21] or phenols for oxygen-linked variants [26, 27], the unmodified

NTP can be directly activated with, e.g., a carbodiimide-based reagent to give the

cyclic trimetaphosphate [28]. This intermediate is then attacked by the nucleophile

to give the modified nucleotide. In cases in which the nucleophile cannot be used to

do this (aliphatic alcohols for oxygen-linked nucleotides [29] or in general for

carbon-linked nucleotides [22, 25]), a strategy was used that is based on the

coupling of a modified monophosphate building block (O-alkyl phosphate [29] or

alkyl phosphonate [22, 25]) with the nucleoside diphosphate. In the case of oxygen-

linked [22, 30] and sulfur-linked molecules [24], the direct alkylation of the c-
phosphate of the NTP or NTPcS was also employed. A special class of oxygen-

linked nucleotides are acyl-phosphates (7) [9]. These contain an anhydride between

the terminal phosphate and a carboxylic acid. These molecules were synthesized by

activation of a carboxylic acid and subsequent coupling to the NTP.

For several applications, especially for DNA and RNA polymerases [26], but also

for the ubiquitin-activating enzyme UBA1 [31], it has been shown that longer

phosphate chains are beneficial for the acceptance of a modification at the terminal

phosphate. Therefore, oxygen- [22], nitrogen- [32] and carbon-linked [22]

tetraphosphates have been synthesized. For the oxygen- and carbon-linked

molecules [22], the NTP is activated as mentioned above to give the trimetaphos-

phate and coupled to an O-alkyl phosphate or alkyl phosphonate. For the nitrogen-

linked analogs [32], a nucleoside tetraphosphate is activated with a carbodiimide

and coupled to an amine. In the cases of DNA polymerases, even longer phosphate

chains, i.e. penta- or hexaphosphates [13, 32, 33], have proven superior with regard

to enzymatic turnover. These molecules are synthesized by coupling a di- or

triphosphate containing the modification with the NTP.

Fig. 1 Structures of ATPcS (1) [16] and ATPcF (2) [17]
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Besides the acceptance by the enzyme of interest, the chemical stability of the

molecules towards the assay conditions is an important prerequisite. To address the

question of the stability of various modes of nucleotide modification, nitrogen-,

oxygen- and carbon-linked NTPs were investigated in regards to their stability

under different pH conditions [22]. Whereas nitrogen-linked variants are hydrolyzed

at the P–N bond in solutions with a pH value below 6, oxygen- and carbon-linked

molecules are stable over a broad pH range from 2 to 12. The same stability is found

for oxygen- and carbon-linked tetraphosphates. This shows that for nitrogen-linked

analogs, the assay conditions have to be carefully chosen in order to exclude

chemical hydrolysis, whereas oxygen- and carbon-linked nucleotides are stable over

a wide range of conditions.

3 Kinase-dependent Labeling of Substrates

3.1 Transfer of Thiophosphate to Substrates

Besides radioactive variants of the c-phosphate, the smallest modification that can

be made to the c-phosphate of a nucleotide is the exchange of an oxygen of the

phosphate to another atom like sulfur (ATPcS, 1). In the case of kinases, ATPcS
was used to study enzymatic activity [34]. In this assay (Fig. 3), the thiophosphate is

Fig. 2 Structures of adenosine nucleotide analogs with different types of modifications at the terminal
phosphate

Fig. 3 Schematic depiction of an activity assay for kinases based on ATPcS (1) [34]. The kinase
transfers the thiophosphate from 1 to its substrate. The sulfur of this moiety is reacted with an electrophile
containing a label that is used for detection
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transferred to a substrate protein. Due to the exceptionally high nucleophilicity of

the sulfur atom, the transferred thiophosphate can be reacted with an electrophile

that bears a reporter molecule. One obvious challenge of the approach is that the

natural amino acid cysteine also contains a free thiol group that is prone to react

with electrophiles. It has been shown that at low pH values the thiophosphate is

labeled specifically over cysteine making it possible to detect this modification [34].

Additionally, other strategies have been developed to discriminate cysteine labeling

from thiophosphate labeling. In one approach, cysteines and thiophosphates are

labeled with iodoacetamide biotin and both are affinity-enriched [35]. Under

oxidative conditions, the thiophosphate modification is cleaved due to oxidation of

the sulfur, whereas the modification on the oxidized cysteine remains stable. This is

used to specifically elute thiophosphorylated peptides. In another approach, a p-

nitrobenzyl group is transferred to cysteines and thiophosphates and the thiophos-

phate modification is enriched with a specific antibody [16, 36]. Using the ‘‘bump-

and-hole’’ strategy pioneered by Shokat [37, 38], the targets of a specific kinase in

the background of all other kinases in the proteome can be identified [16, 35].

3.2 Transfer of Biotin to Substrates

A versatile reporter that can be used to detect peptide modification by kinases is

biotin. Thus, an ATP analog bearing biotin at the c-phosphate through a nitrogen

linkage has been developed (Fig. 4, 8) [12]. This substrate is utilized by kinases in

place of ATP and results in the transfer of biotin to the target peptide [12, 23]. It has

recently been shown that at least 25 kinases in the human proteome accept this

molecule as substrate giving this approach some generality [40]. The modification

of the peptide with this moiety is relatively resistant to phosphatase cleavage, but

can be cleaved off chemically using acidic conditions [41]. The biotinylated

peptides were detected in various ways. They were directly visualized after gel

electrophoresis using biotin-directed antibodies or streptavidin conjugates

[12, 39–41]. Furthermore, functionalized nanoparticles were used to detect the

modified peptides using electrochemical [42], colorimetric [43] or resonance light

scattering techniques [44]. Recently, it has been shown that biotinylated ATP

analogs (9) can be designed in a way that they become cell-permeable [39]. This

Fig. 4 Structures of biotin-labeled ATP analogs that are used for detecting kinase activity in vitro (8)
[12] and in cellulo (9) [39]
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allows the performance of whole cell-based experiments and, therefore, a way to

monitor phosphorylation in the cellular context. Besides protein kinases also the T4

polynucleotide kinase was studied using biotinylated ATP as a substrate [45].

3.3 Transfer of Ferrocene to Substrates

Another reporter group that was enzymatically transferred to target peptides is the

ferrocene moiety (Fig. 5). Due to the specific electrochemical properties of the iron

in ferrocene, it was used to detect peptide modification in an electrochemical

fashion. In this assay, the substrate peptide is immobilized on an electrode surface

that was employed for voltammetry [18, 46]. After kinase-catalyzed transfer of the

ferrocene of nucleotide 10 to the substrate, its oxidation and reduction can be

followed using electrochemical methods and used to quantify the amount of

ferrocene that was transferred. By optimizing the structure of the ferrocene-modified

ATP analog, high efficiency for the utilization of this molecule by kinases could be

achieved [19, 47]. It has been shown that the ferrocene moiety is also applicable to

perform immunodetection of the labeling event using ferrocene-specific antibodies

[48]. Furthermore, an ATP analog containing a ferrocene and an alkyne moiety for

subsequent click chemistry (11) has been reported to further broaden the

applicability of this type of modification [49].

3.4 Transfer of Photoreactive Groups to Substrates

Several ATP analogs were developed in order to identify their binding partners by

photoaffinity labeling. For this purpose, an ATP analog containing an aromatic

azide (12) has been reported (Fig. 6) [10]. The modified phosphate is transferred to

the substrate and introduces a crosslink between the kinase and its substrate upon

irradiation. The substrate will be labeled covalently due to the transfer of the

modified phosphate, whereas the kinase is attached to the formerly photoreactive

group. In this way, pairs of kinases and respective substrate proteins can be

identified. In another concept, ATP is modified with two crosslinkers (13) [50], one
at the nucleoside and one at the phosphate chain. This analog is designed in a way

that it binds to the kinase in complex with the protein substrate, but is resistant to

Fig. 5 Structures of ferrocene-labeled ATP analogs
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phosphate transfer. Upon irradiation, the nucleoside part will react with the kinase,

whereas the photoreactive group on the phosphate chain will react with the substrate

and both will be crosslinked.

Another application of photoreactive groups along these lines is to enzymatically

label the substrate and use this new photoreactive entity to look for its interaction

partners [51]. This has been exemplarily shown for T4 polynucleotide kinase and

DNA [51]. The DNA substrate was rendered photoreactive by transferring a

phosphate modified with an aromatic azide to its 50-end. This DNA is added to a

sample containing a potential interactor and if the two actually interact, they are

crosslinked upon irradiation. The DNA binding of the proteins RPA and FEN-1 has

been studied using this approach [51].

3.5 Transfer of Fluorophores to Substrates

Several ATP analogs with different dyes attached to the c-phosphate were

reported and used to label kinase substrates (e.g. analogs 14–16, Fig. 7). Even
the substrates of histidine kinases, which are usually difficult to label because

of the instability of the phosphate histidine adduct, could be modified using a

sulfur-linked dye-modified ATP analog (16) [53]. One main application of this

technology is the design of FRET-based sensors to detect kinase activity

(Fig. 7a). In these assays, a substrate peptide of a kinase of interest is labeled

with a small molecule fluorophore [52] or a fluorescent quantum dot [54]. This

substrate is incubated with the kinase and an ATP analog bearing another

fluorophore at the c-phosphate. After transfer of this second fluorophore to the

substrate, the two dyes are able to undergo FRET, resulting in a change in the

fluorescent signal. This signal change is used to detect the activity of the

kinase. In a related application, biotinylated ATP was used for the same

procedure [55]. In this case, after transfer of the biotin moiety to the substrate,

an antibody conjugated to a second fluorophore binds to biotin and enables

FRET.

Fig. 6 Structures of ATP analogs used to photocrosslink kinases and their substrates

123

Top Curr Chem (Z) (2017) 375:28

Reprinted from the journal 159



4 Detection of Nucleotide-Binding Sites with Acyl-Phosphates

Acyl-phosphates are special among terminally modified nucleotides as the

modification in this case is attached via an anhydride between a phosphate and a

carboxylic acid making it especially reactive [9]. In this way, the modification was

used to covalently label lysine residues in proteins that interact with the nucleotide

and thereby identify and profile nucleotide-binding pockets (Fig. 8a). Although this

is not strictly speaking a tool to monitor the activity of the protein, it is a method

that provides important information on nucleotide-binding proteins using the

terminally labeled nucleotides.

The utilization of acyl-phosphates usually relies on the attachment of a biotin or

desthiobiotin modification for enrichment (Fig. 8b, 17) [9]. Upon treatment of the

sample with the acyl-phosphate probes, proteins that interact with the nucleotides will

be labeled with these affinity handles, which can then be used to detect or enrich the

proteins that initially reacted with the nucleotide. This allows the proteome-wide

identification of modified proteins using mass spectrometry-based techniques. One

Fig. 7 a Concept for the detection of kinase activity using a FRET-based technique [52]. The kinase
substrate is labeled with a fluorophore [e.g. 5(6)-carboxy-X-rhodamine, ROX] and the kinase is incubated
with a nucleotide labeled with a second fluorophore (e.g. dansyl). Upon transfer of the modified
phosphate, FRET between the two dyes occurs, allowing the detection of enzymatic activity; b structures
of representative dye-labeled nucleotides
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main advantage of this technology is that the modification is transferred to result in a

stable amide on the protein. In this way, after tryptic digest, the peptide that is directly

modified with the affinity handle is identified [9]. Therefore, the method also allows

the identification of the exact binding site on the protein. Acyl-phosphate probes have

been designed to study the binding of adenosine [9, 56, 57] and guanosine nucleotides

[56], but also for more specific nucleotides like 6-thioguanosine triphosphate [58].

Profiling of the nucleotide interactome has been performed for human [57], but also

for plant [59] and mycobacterial proteomes [60].

One challenge of the method is that the acyl-phosphate probes are quite reactive

and will also label some protein pockets that are not bona fide high-occupancy

binding pockets for nucleotides. To address this, different protocols have been

established. One option is to identify the sites for which the natural substrate

competes labeling with the acyl-phosphate probe [61, 62]. Only pockets that

quantitatively interact with the natural substrate should, in this case, be blocked

from reactivity with the probe. In this way, specific interactions are identified.

Another possibility is to perform the experiment at two different concentrations of

the probe [63]. At high concentration, the probe will interact with many different

pockets in the proteome. In contrast, at low concentration, only the pockets that

have a high binding affinity to the nucleotide will be quantitatively labeled by the

probe. The relative labeling between the two reactions is usually read out using

isotopically coded probes in order to be able to quantify the two labeling reactions

in the same mass spectrometric experiment [63].

Besides the ability to identify nucleotide-binding pockets, this methodology is also

used to assess target engagement of small molecules and perform an off-target analysis.

Most kinases possess at least one of two conserved lysines in the active site and this

protein family is, therefore, amenable to be broadly studied using this technology [64].

In a pioneering study, acyl-phosphates have been used to profile the kinome-wide

reactivity of staurosporine [9]. This study identified the cellular targets of staurosporine

and also identified the concentration dependence of this binding event for many kinases

in parallel. Additionally, this method has also been used to study the on- and off-target

effects of a variety of drug candidates towards ATP binding sites [64–67].

Fig. 8 a Concept for the labeling of nucleotide-binding sites with acyl-phosphates [9]. Upon binding of a
nucleotide to the protein, the acyl-phosphate is able to react with a nearby lysine, resulting in the covalent
labeling of the protein; b structure of a representative acyl-phosphate probe containing biotin as an
affinity handle
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5 Studying Nucleic Acid Polymerase Activity and Next-Generation
Sequencing

5.1 Nucleotide Design for Polymerase Probes

Modified nucleotides, e.g. carrying a fluorescent dye at the terminal phosphate, are

valuable tools to study the enzymatic activity of nucleic acid polymerases and are

used to sequence DNA and RNA. For sequencing applications, many nucleotides

have to be incorporated into the growing nucleic acid strand in a subsequent fashion.

Therefore, their incorporation must be possible with high efficiency. Studies of

DNA polymerases and their action on phosphate-modified triphosphates revealed

that the catalytic activity of the enzymes is impaired by the modifications [26]. This

made it impossible to synthesize long stretches of nucleic acids solely from

modified building blocks. Subsequently, it could be shown that elongating the

phosphate chain results in nucleotide analogs that are significantly better accepted

by polymerases. While tetraphosphates are already better substrates [26], penta- and

hexaphosphates seem to be ideal substrates for polymerases, enabling the

consecutive incorporation of many building blocks into the growing strand

exclusively from modified building blocks [13, 26].

5.2 Fluorogenic and Chromogenic Substrates for Polymerases

Fluorogenic and chromogenic substrates for nucleic acid polymerases typically rely

on dyes whose absorbance or fluorescence characteristics require a free phenol

group. Such a behavior is found in certain fluoresceins [7, 68] and coumarins [27] as

well as nitrophenols [69]. This property was harnessed (Fig. 9) by attaching the dye

through the phenolic hydroxyl to the terminal phosphate of the nucleotide, lowering

its absorbance or fluorescence intensity. Upon incorporation of the nucleoside

monophosphate into DNA the dye with a phosphate chain is released. In contrast to

the intact, terminally modified nucleotide, this molecule is a substrate for

phosphatases that will dephosphorylate the dye to the free phenol and result in an

optical signal. This assay has been used on a chromogenic basis using p-

nitrophenyl-substituted nucleotides (18) to monitor RNA polymerase activity [69].

Using the fluorogenic properties of coumarins (19, 20) it has also been applied to

study various DNA [27, 70] and RNA polymerases [71].

More recent studies show that this concept can be explored to sequence DNA

using fluorescein-labeled deoxynucleoside tetraphosphates (e.g. 21, Fig. 10) [7, 68].
For this purpose, the DNA that should be sequenced and a suitable primer are

immobilized in wells of microreactors, allowing sequencing of many different DNA

populations in parallel. The microreactor is then filled with one of the four dye-

labeled nucleotides (21), the polymerase and a phosphatase. If the nucleotide is the

canonical one, it will be incorporated and after phosphatase cleavage, the active

fluorophore will be released. In this way, all wells that incorporated the nucleotide

will light up and, therefore, indicate the identity of the base in the sequence. If there

are several incorporation events for this nucleotide, as there is a homopolymeric
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stretch in the DNA, the number of incorporation events can be read out by the

intensity of the fluorescence signal. The reaction mixture is washed out and the

procedure is repeated for the next nucleotide. Cycling through all nucleotides allows

consecutive sequencing of the DNA strand [7, 68].

5.3 Fluorescently Labeled Nucleotides in Zero-mode Waveguides

One of the major challenges in next-generation sequencing of DNA is the ability to

sequence a single DNA molecule. Nucleotides modified at the terminal phosphate

were successfully applied to address this challenge. The most advanced technology

in this context is commercialized through Pacific Bioscience (Fig. 11) [33, 72]. In

this concept, a single DNA polymerase is immobilized in one well of a zero-mode

waveguide [73]. It incorporates nucleotides that are modified with fluorophores at

the terminal phosphate into the DNA strand. Due to the properties of the waveguide,

Fig. 9 a Concept of chromogenic and fluorogenic substrates for DNA and RNA polymerases [7]. Upon
incorporation of the nucleotide into the DNA, the dye with an attached phosphate chain is released. This
molecule is dephosphorylated by a phosphatase, resulting in a free phenolic hydroxyl group and an optical
signal; b structures of representative chromogenic and fluorogenic polymerase substrates

Fig. 10 Structure of a fluorogenic DNA polymerase substrate that can be used for sequencing
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only fluorescent molecules that are currently in close proximity of the polymerase

are excited and give a fluorescent signal that can be detected over the high

background concentration of all four nucleotides in solution. As only the nucleotide

that is successfully incorporated into the growing DNA strand will stay close to the

polymerase for a significant time, a longer fluorescent signal is directly assigned to

an incorporation event. All four nucleotides are labeled with different fluorophores.

The color of the fluorescence signal is used to sequence the DNA. In order to

achieve high incorporation efficiencies, modified hexaphosphates of the nucleotides

(e.g. 22) are used, allowing the sequencing of more than 10,000 nucleotides in each

well. In order to obtain even higher accuracy from a single molecule of DNA, the

sequencing reaction is usually performed on circular DNA prepared from the initial

linear DNA by the SMRTbell concept [74]. Using this approach, the sequence of the

DNA is read multiple times and a consensus sequence is derived with very low error

rates. Although generation of SMRTbell libraries is beneficial for sequencing

accuracy, it has been shown that sequencing bacterial genomes can be performed in

zero-mode waveguides without former library preparation [75].

One important application of single-molecule sequencing is the ability to generate

data not only on the sequence of the DNA, but also on DNA base modifications like

5-methylcytosine, 6-methyladenosine and 5-hydroxymethylcytosine. 5-methylcytosine

Fig. 11 a Concept for sequencing of DNA in zero-mode waveguides [33]. The DNA polymerase is
immobilized on the bottom of a well of the waveguide and the DNA primer complex is bound. Only when
a fluorescent nucleotide is incorporated into the DNA, it stays close to the polymerase for a substantial
amount of time and its fluorescence signal is detected. After the incorporation, the fluorophore is cleaved
off, terminating the signal; b structure of one representative example of a nucleoside hexaphosphate used
in this approach [33]
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occurrence can be analyzed with the described technology using bisulfite sequencing

and subsequently comparing the native sequencing read with the bisulfite sequencing

read, in which cytosine will be read as thymidine and 5-methylcytosine will be read as

cytosine, allowing their discrimination [76]. This method, therefore, gives information

on the position of 5-methylcytosine in the DNA. Nevertheless, it requires the chemical

step of bisulfide treatment and subsequent DNA amplification. It has also been shown

that DNA methylation can be directly detected during DNA sequencing in zero-mode

waveguides [77–79]. This is based on the fact that after incorporation of a nucleotide

opposite a methylated DNA base, the DNA polymerase will have a longer delay to

incorporate the next nucleotide. Therefore, the kinetics of the incorporation are utilized

to discriminate methylated and non-methylated cytosine and adenosine. This method-

ology can also be applied to 5-hydroxymethylcytosine [80]. Here, enzymatic tagging is

used where b-glucosyltransferase transfers an azido-modified sugar to the hydroxyl

group of 5-hydroxymethylcytosine. This sugar is modifiedwith an affinity handle using

copper-catalyzed azide alkyne cycloaddition (CuAAC) and the sequences containing

5-hydroxymethylcytosine are specifically enriched. Furthermore, in the sequencing

using the described technology, this modified base will give a longer delay between

incorporations, allowing the identification of the exact modification site.

Besides sequencing of DNA, also the sequencing of mRNA and, therefore, the

transcriptome is of high interest. The described technology can also be applied to

perform this task. On the one hand, mRNA can be reverse-transcribed into DNA and

analyzed using the standard sequencing workflow [81, 82]. On the other hand, RNA

can also be sequenced directly starting from single RNA molecules [83, 84]. This is

possible by the immobilization of a reverse transcriptase instead of a DNA

polymerase in the zero-mode waveguide. In this way not only the sequence of

mRNA is detected, but also base modifications, like 6-methyladenosine, are

identified on the single-molecule level for RNA.

5.4 FRET-based Sequencing of DNA

One main advantage of the technology mentioned above is that the zero-mode

waveguide allows the detection of a single fluorophore-modified nucleotide over the

background of a high concentration of fluorophores in the bulk solution. Another way

to do this is to utilize the distance dependence of the FRET effect (Fig. 12) [85, 86].

In this method, the primer-DNA complex is immobilized on a glass slide. The DNA

polymerase is modified with a quantum dot that serves as fluorescence donor for all

four fluorophores that are attached to the different nucleotides. Only in the progress of

incorporation, FRET between the quantum dot and the respective fluorophore occurs

for a sustained time and is read out by fluorescence detection. After the incorporation

event the fluorophore is released and the signal terminated. Each nucleotide is labeled

with a specific dye that signals the exact sequence of the DNA strand.

5.5 Phosphate-Labeled Nucleotides in Nanopores

Another concept that successfully allows single-molecule sequencing using

terminally phosphate-modified nucleotides is based on the usage of nanopores and
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measuring the flow of electric current through these pores (Fig. 13) [32, 87]. For

this purpose, a DNA polymerase is immobilized on one side of an a-hemolysine

pore. This DNA polymerase is bound to a DNA primer complex and the DNA

synthesis is initialized by addition of the four nucleotides modified with a tag at

the terminal phosphate. Upon incorporation of the nucleotide into the DNA, the

specific tag will be released and dragged through the nanopore. For the time the

tag is in the nanopore, the current through the pore will be partly blocked giving

an electric signal allowing detection of the incorporation event. To discriminate

which nucleotide has been incorporated and thus to allow sequencing, each

nucleotide is labeled with a different tag that will show different characteristics of

blocking the pore. In initial studies, nucleoside tetraphosphates (e.g. 23) were used
that contained differently sized polyethylene glycol molecules as tags that block

the pore for different times and with different magnitudes [32]. In a recent study,

discrimination was obtained using different DNA sequences attached to the

terminal phosphate of nucleoside hexaphosphates (e.g. 24) [87]. This setup was

successfully applied to sequence DNA from single DNA molecules using an

electronic signal as readout.

Fig. 12 Concept for FRET-based sequencing of DNA [85, 86]. The polymerase is labeled with a
quantum dot and bound to a DNA primer complex immobilized on a glass slide. Upon incorporation of a
fluorescently labeled nucleotide, the quantum dot serves as fluorescence donor allowing detection of the
incorporation event
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Fig. 13 a Concept for sequencing of DNA using nanopores [32, 87]. The DNA polymerase is
immobilized on one side of an a-hemolysine pore and bound to a DNA primer complex. Upon
incorporation of nucleotides with a tag at the terminal phosphate, this tag is released and dragged through
the pore blocking the electric current through the pore with a specific pattern of duration and magnitude;
b structures of nucleotides used in this concept harboring polyethylene glycol (23) or DNA (24) as tags
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6 Fluorogenic and Chromogenic Probes

In order to study enzymatic cleavage of nucleotides on a broad basis, it is desirable

to have nucleotides at hand that change their fluorescence characteristics upon

hydrolysis and whose enzymatic turnover can, therefore, easily be measured

following fluorescence intensity (Fig. 14). As the nucleobases are themselves

electron-deficient aromatics, they are able to interact with certain fluorophores and

alter their fluorescence characteristics. If the fluorophore is attached to the terminal

phosphate of the nucleotide, upon enzymatic cleavage, the dye and the nucleobase

are separated, resulting in a change of the fluorescence signal. It has been shown that

the fluorescence spectrum of 1-aminonaphthalene-5-sulphonic acid is shifted when

it is coupled to the c-phosphate of ATP (c-AmNS-ATP, 25) [88]. Therefore, the
hydrolysis of AmNS-ATP can be studied by monitoring its fluorescence spectra.

This has been used to analyze the activity of the DNA-dependent RNA polymerase

of E. coli and wheat germ, as well as the valyl-tRNA-synthetase of E. coli, snake

venom phosphodiesterase (SVPD) of Crotalus adamanteus and potato apyrase. In

the case of a 7-methyl-GTP analog that bears a pyrene moiety at the c-phosphate, a
strong decrease in its fluorescence intensity is observed upon enzymatic cleavage

[89]. This was used to study the decapping enzyme DcpS.

The best sensitivity of detection is obtained for fluorogenic probes that increase

in fluorescence intensity upon cleavage. This was realized for an uridine

triphosphate (UTP) analog bearing 1-aminonaphthalene-5-sulphonic acid at the c-
phosphate (c-AmNS-UTP, 26) [14]. c-AmNS-UTP is quenched in the intact state

due to stacking between the dye and the nucleobase. The stacking effect is relieved

upon cleavage of the phosphoanhydride bond and, therefore, results in a rise of

fluorescence signal that was used to study the activity of RNA polymerases [90].

Using this assay, a screen for inhibitors of RNA polymerases from a 10,000-

compound library was performed [91]. Another fluorogenic analog (27) is based on

GTPcS and harbors a BODIPY-FL fluorophore at the c-phosphate [24]. The

fluorescence of this dye is quenched by the guanine base. This analog has been used

to study the activity of the human diadenosine triphosphate hydrolase FHIT [24],

adenylyl cyclases [92] and GTPases [93].

Fig. 14 Structures of different fluorogenic nucleotides used to study enzymatic activity
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Fluorogenic nucleotide analogs are also used to study the cleavage of

dinucleoside polyphosphates (NpnNs) which are important signaling molecules in

cells [4]. In these cases, as two nucleobases are present, the interaction of these

nucleobases with each other can be used to measure enzyme activity. For this

purpose, the nucleobase itself has to be rendered fluorescent. One nucleobase that is

used for this is e-adenine. It shows a high fluorescence quantum yield, which is

significantly reduced if two e-adenosine moieties are present in the same molecule

as in eApneAs (28) [94]. Upon cleavage, the high fluorescence of the free e-
adenosine phosphates is restored, resulting in an increase of the fluorescence signal.

This was used to study the activity of FHIT [94], NPP1 and NPP2 [95, 96], potato

nucleotide pyrophosphatase [97], SVPD [98], spleen phosphodiesterase [98] and the

RNAses A, T1 and T2 [98]. It has also been used to identify the cellular components

that are responsible for dinucleoside polyphosphate turnover from various cell

lysates [99, 100].

7 FRET-based Nucleotide Probes

Using substrates that are labeled with two different fluorophores that are able to

undergo FRET is a powerful technique to study enzymatic activity as it allows

detection of the activity of an enzyme without the necessity to use further reagents

or supplementary enzymes. Therefore, this technology was applied in complex

biological systems like cell lysates or even intact cells. Furthermore, if fluorescence

microscopy is used, enzymatic activity was studied with high temporal and spatial

resolution. In the case of nucleotides, this concept (Fig. 15) is realized when a

nucleotide is labeled with two fluorophores, one at the nucleoside part of the

molecule and the other one at the terminal phosphate [31]. In this way, in the non-

cleaved state the two fluorophores are able to interact through FRET. Upon

excitation of the fluorescence donor, it will transfer the excitation energy to the

acceptor, whose emission is detected. In contrast, no or only low direct emission of

the donor is detectable. After enzymatic cleavage, FRET is no longer possible and

the emission of the donor is detected, accompanied by a reduction in acceptor

fluorescence. The ratio of the two fluorescence intensities, therefore, gives a

concentration-independent measure for the cleavage of the nucleotide that can be

detected by fluorescence spectroscopy or microscopy. To come up with a

suitable nucleotide-based probe that fulfills this function, various parameters need

to be optimized. On the one hand, the optical properties of the fluorophores need to

be tailored for high changes in the fluorescence spectra. On the other hand, the

nucleotides need to be optimized for acceptance by the enzyme of interest.

To study the properties of various fluorophores in the context of doubly modified

nucleotides, a series of O20- and c-modified ATP analogs (e.g. 29) has been

synthesized [101]. These molecules are cleaved by SVPD and can be investigated in

regards to their fluorescence characteristics before and after cleavage. Intriguingly, a

FRET pair consisting of the dyes Sulfo-Cy3 and Sulfo-Cy5 results in a more than

100-fold change of the ratio of the donor and acceptor fluorescence intensities upon

cleavage. Furthermore, using the non-fluorescent acceptor Eclipse in combination
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with Sulfo-Cy3 a fluorogenic probe can be generated, whose fluorescence increases

more than 50-fold upon cleavage. Thus, these combinations of dyes are suitable to

construct FRET-based nucleotide probes [101].

For optimizing the attachment of the dyes to the nucleotide, a two-step

protocol has been developed that tests the two modifications separately. The

modification at the nucleoside can be optimized by screening a variety of

nucleoside-modified ATP analogs with a free phosphate chain [102]. For the

modification at the phosphate chain, ATP analogs only modified at the terminal

phosphate can separately be tested. In the case of UBA1, it has been shown that

this enzyme accepts modifications at the d-phosphate of an adenosine

tetraphosphate analog [31]. UBA1 is able to tolerate modifications at the N6-

position and the d-phosphate simultaneously. If this scaffold is equipped with

the two fluorophores, a probe is obtained that is able to directly detect UBA1

Fig. 15 a Concept of FRET-based nucleotides as enzyme substrates [31, 101]. In the intact state, the two
fluorophores attached to the nucleotide are able to undergo FRET, resulting in fluorescence of the
acceptor. After enzymatic turnover, FRET is no longer possible and direct emission of the donor is
detected; b representative structure of a doubly fluorophore-labeled nucleotide used in this FRET-based
assay
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activity without the need of using any additional enzymes or reagent. This assay

could be extended to the activating enzymes of Nedd8 and SUMO and was

applied to study a small library of compounds in regards to their inhibition of

UBA1 activity, identifying b-lapachone as an inhibitor of this enzyme [31]. One

of the main advantages of this kind of assay is that it works in complex

environments. As a model study, an O20- and c-phosphate-modified ATP analog

and an O20- and d-phosphate-modified Ap4 analog were studied in cell lysates

of human cells [103]. It was observed that the ATP analog is stable in these

lysates, whereas the Ap4 analog is quickly turned over. Utilizing different

chemical inhibitors and siRNA experiments, it was shown that the human

diadenosine tetraphosphate hydrolase NUDT2 is responsible for this activity,

making this compound an attractive tool to study NUDT2 activity in cell

lysates. Going one step further, the analogs were also internalized into human

cells using electroporation. Upon fixation and using an acceptor-photobleaching

protocol, the turnover of these analogs can also be studied in a cellular

environment. These studies showed that both nucleotide-based probes are

rapidly turned over, whereas a non-hydrolyzable control that does not contain a

nucleotide element is stable as indicated by constant high FRET efficiencies. In

this way, a first proof was found that these analogs are actually usable to study

nucleotide turnover directly in a cellular environment. In another study [104], a

fluorogenic variant of ATP that contained a donor fluorophore and a dark

quencher as acceptor at the c-phosphate and the C2-position, respectively, was

used. This analog could be utilized to clarify the involvement of ATP turnover

in a novel carbonylation pathway in lysates of the anaerobic bacterium

Desulfococcus biacutus.

Using a diadenosine triphosphate (Fig. 16, 30) as the scaffold, this technology

could also be efficiently transferred to monitoring the activity of the human

diadenosine triphosphate hydrolase FHIT [8]. The two fluorophores are introduced

to the two N6-positions of Ap3A, retaining good substrate characteristics for FHIT.

Therefore, the activity of FHIT can be efficiently studied in vitro and the effect of

inhibitors on this activity can be investigated. Furthermore, it could be shown that

the activity of endogenous FHIT can be studied in lysates of human cells using this

tool.

Fig. 16 Structure of the FRET-based Ap3A analog used to study FHIT activity [8]
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8 EPR-based Detection of Nucleotide Turnover

Based on the doubly modified design that is used to construct FRET-based

fluorogenic enzyme substrates, nucleotides can be synthesized that allow to detect

their turnover using EPR-based techniques (Fig. 17) [105]. In this case, instead of the

two fluorophores, two spin-labels that can be detected by EPR are attached to the

nucleotide (31). In the intact state, the two spin labels are interacting due to dipolar

coupling. This coupling is lost upon enzymatic cleavage. Therefore, the extent of

dipolar coupling was used to study enzymatic activity. Investigating an adenosine

tetraphosphate analog with two nitroxyl radicals attached to the N6-position and the

phosphate chain using pulsed EPR revealed that in most of the molecules the spin

labels reside within a distance of less than 1.5 nm from each other. In this way, EPR

was used to gain further information of the structure of the probes used in addition to

studying their turnover. Furthermore, this short distance between the two spin labels

allows monitoring the changes in dipolar coupling by the shape of continuous-wave

(cw)-EPR spectra of the probe. cw-EPR allows much quicker measurement of the

EPR spectra with less expensive equipment in comparison to pulsed EPR and is,

therefore, a promising method to utilize these probes for detection of enzymatic

activity. Using this EPR-based setup, the activity of SVPD was detected.

9 Fluorophosphates for Studying Nucleotide Turnover

Another possibility to monitor nucleotide turnover that can be done with only

minimal modification of the nucleotide is using fluorophosphates as probe

molecules (Fig. 18). In this case, one of the hydroxyl groups of the terminal

phosphate is replaced by a fluorine. These molecules are easily synthesized by

coupling phosphoimidazolides of nucleotides with fluoride from TBAF or with

fluorophosphate or by activating fluorophosphate to the imidazolide and coupling it

to nucleotides [17]. The cleavage of these molecules can be monitored by 19F NMR

spectroscopy [17]. This enabled the detection of the activity of SVPD with ATPcF
(2), of DcpS with 7-methyl-GDPbF (32) and 7-methyl-GMPF (33) and RNAse T2

with cPAPPF (34). An important extension of this methodology is the ability to

detect the turnover of fluorophosphate-modified nucleotides using fluorescence

detection. This is possible if fluoride is liberated from the nucleotide as for the

turnover of AMPF (35) with SVPD and of 7-methyl-GMPF (33) with DcpS [106].

Fig. 17 Structure of an ATP analog modified with two spin labels used to detect enzymatic activity by
EPR
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The released fluoride is reacted with TBDMS-FL (36), a variant of fluorescein that

has a TBDMS group on both phenolic hydroxyl groups and is non-fluorescent. In

the presence of fluoride, the TBDMS groups are cleaved off, resulting in the high

fluorescence of the unmodified fluorescein. This fluorescence signal is proportional

to the amount of fluoride liberated in the first step and was used for measuring

enzymatic activity. In this way, a fluorogenic signal is obtained from these

minimally modified nucleotide analogs.

10 Conclusion

Taken together, nucleotides modified at the terminal position of the phosphate chain

are powerful tools to study nucleotide-dependent processes. These methods usually

utilize the fact that the modification is separated from the nucleoside moiety of the

nucleotide after the enzymatic reaction. In this way, probes were developed that

allow the detection of enzymatic activity using electrochemical [18, 46], affinity [9],

chromogenic [69], fluorogenic [7, 31], NMR-based [17] and EPR-based technolo-

gies [105]. The applicability of these molecules spans a wide variety of different

enzymes, including ATP-cleaving enzymes [31], GTPases [93], decapping enzymes

[106], diadenosine polyphosphate hydrolases [8], DNA and RNA polymerases [33]

and kinases [12]. They were utilized to study not only the activity of enzymes, but

also obtain further important information on biological systems. In the case of

kinases, the substrates can be labeled with the modified phosphate and the substrates

of specific kinases were identified [36]. For DNA polymerases, the application of

phosphate-modified dNTP analogs is used to establish next-generation sequencing

techniques [33]. These allow sequencing of the genetic [33] and epigenetic [77, 83]

information of DNA on a single-molecule level. In the light of these already

established methods to utilize terminally phosphate-modified nucleotides, we

strongly believe that a large number of novel applications will be made possible by

these molecules in the future.

Fig. 18 Structures of fluorophosphate analogs of nucleotides (2, 32–35) that can be used to study
enzymatic activity by 19F-NMR [17] or using a fluoride sensor (36) [106]
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Abstract Phosphorylation of serine, threonine, and tyrosine residues is the

archetypal posttranslational modification of proteins. While phosphorylation of

these residues has become standard textbook knowledge, phosphorylation of other

amino acid side chains is underappreciated and minimally characterized by com-

parison. This disparity is rooted in the relative instability of these chemically dis-

tinct amino acid side chain moieties, namely phosphoramidates, acyl phosphates,

thiophosphates, and phosphoanhydrides. In the case of the O-phosphorylated amino

acids, synthetic constructs were critical to assessing their stability and developing

tools for their study. As the chemical biology community has become more aware of

these alternative phosphorylation sites, methodology has been developed for the

synthesis of well-characterized standards and close mimics of these phosphorylated

amino acids as well. In this article, we review the synthetic chemistry that is a

prerequisite to progress in this field.

Keywords Posttranslational modification � Protein phosphorylation �
Phosphohistidine � Phosphoarginine � Phospholysine � Pyrophosphorylation

A. M. Marmelstein and J. Moreno contributed equally.

This article is part of the Topical Collection ‘‘Phosphate Labeling and Sensing in Chemical Biology’’;

edited by Henning Jessen.

& Dorothea Fiedler

fiedler@fmp-berlin.de

1 Leibniz-Institut für Molekulare Pharmakologie, Robert-Rössle-Straße 10, 13125 Berlin,
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1 Introduction

Protein phosphorylation is one of the most widespread posttranslational modifica-

tions (PTMs) and influences almost all aspects of cell biology [1]. The addition and

removal of phosphoryl groups onto protein substrates has emerged as a key

mechanism in signal transduction pathways, and is catalyzed by the large group of

protein kinases and phosphatases. Misregulation of cellular information processing

is associated with a number of diseases, and, consequently, many protein kinases

have become much sought after drug targets [2].

Protein phosphorylation is known to occur on nine amino acids—Ser, Thr, Tyr,

His, Lys, Arg, Cys, Asp, and Glu—but the major efforts to date have focused on just

three modifications: phosphoserine (1, pSer), phosphothreonine (2, pThr), and

phosphotyrosine (3, pTyr) (Fig. 1a) [3]. These phosphomonoesters are acid-

stable and can withstand the acidic conditions typically used in phosphopeptide and

phosphoprotein analysis. In contrast, phosphoramidates (Fig. 1b) [as encountered in

phosphohistidine (4, pHis), phosphoarginine (5, pArg), and phospholysine (6,

pLys)], acyl-phosphates [phosphoaspartate (8, pAsp) and phosphoglutamate (9,

pGlu)], and thiophosphates [phosphocysteine (7, pCys)] are susceptible to

hydrolysis under acidic conditions. Therefore, these modifications are often

overlooked in proteomic analyses using conventional approaches.

A remarkable expansion of phosphorylation-based signaling was the discovery

that phosphorylation may not be limited to the addition of just one phosphoryl group

(A)

(B)

(C)

Fig. 1 a Phosphohydroxyacids, b phosphorylated amino acids with labile P-heteroatom bonds, and
c pyrophospho- and polyphosphoamino acids. All phosphorylated amino acids are shown in their
expected protonation states at physiological pH
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per amino acid side chain (Fig. 1c). Phosphoserine residues were shown to undergo

a PTM termed pyrophosphorylation, in which a b-phosphoryl group from an inositol

pyrophosphate molecule can be transferred onto the pre-existing pSer to yield

pyrophosphoserine (10, ppSer) [4]. Most recently, the covalent attachment of linear

chains of inorganic polyphosphates to lysine residues was described (11, (P)nLys)

[5]. These unusual phosphorylation patterns provide an additional layer of

complexity to the cell’s phosphorylation network and pose a significant analytical

challenge.

Because acid-labile phosphoryl groups and pyro- and polyphosphorylation sites

have evaded standard phosphoproteomic detection techniques, chemical biologists

have been hard pressed to develop new tools for the analysis of these modifications.

Several excellent reviews exist, describing the initial syntheses and chemical

properties of the acid-labile phosphorylated residues Arg, Lys, His, Asp, and Glu

[6–8]. Considering how influential peptide and protein chemistry were in enabling

the biological evaluation of pSer, pThr, and pTyr, this review focuses mainly on

recent synthetic approaches to install labile phosphoryl-groups in the context of

peptides and proteins. We will also discuss useful stabilized analogs of the labile

modifications, and highlight the current and future applications of these tools.

2 Phosphohistidine

2.1 Background

Phosphorylation of histidine (4, pHis) is known to be critical for cellular signal

transduction in prokaryotes, and reports of pHis in mammalian systems are steadily

increasing. pHis was first discovered over 50 years ago in an alkaline digest of 32Pi

radiolabeled mitochondria isolated from bovine liver, though tools did not exist to

characterize the biological significance of this modification [9]. Since then, it was

found that phosphohistidine is utilized in the two-component signal transduction

systems (TCSs) that typically monitor environmental conditions by sensing small

molecule ligands in bacteria, fungi, and plants [10, 11]. Notable examples of TCSs

include quorum sensing systems [12], which can modulate bacterial virulence [13]

and antibiotic resistance induction pathways [14]. These systems usually consist of a

dimeric membrane-bound histidine kinase (HK) sensor that auto-phosphorylates

upon ligand biding, and a cytosolic response regulator (RR) that is phosphorylated

on aspartate by the HK. Histidine phosphorylation is important for enabling the

subsequent phosphoryl transfer to the RR aspartate residue, as phosphoryl transfer

from Ser/Thr/Tyr residues would be thermodynamically difficult [10, 11]. In higher

organisms, histidine phosphorylation has been observed on Histone H4, and has

been associated with increased DNA synthesis [15, 16]. For other examples of

histidine phosphorylated proteins and their functions, readers are referred to recent

reviews by Perry et al. [10] and Kee et al. [17].

Phosphorylation on histidine is unique in that it can occur in two different

isomeric forms: 1-pHis (12) and 3-pHis (4), also called p-pHis (for pros or ‘‘near’’),

and s-pHis (for tele or ‘‘far’’), respectively (Fig. 2). Crystal structures of proteins
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containing either 1-pHis or 3-pHis have been reported [18, 19], indicating that both

isomers are biologically significant. It must be noted that the nomenclature of 1 and

3-pHis does not follow the proper IUPAC numbering of the imidazole ring, and this

has given rise to discrepancies in the literature. However, the naming shown in

Fig. 2 has become the de facto nomenclature for the field and will therefore be

followed in this review.

The stability of the pHis isomers is highly pH-dependent. In strong acid, both

isomers hydrolyze rapidly, with half-lives of only seconds in 1 M HCl at 49 �C [20]

(compared to hours for hydroxyl-phosphorylated amino acids [21]). At high pH,

however, pHis is stable [20] and able to survive harsh alkaline protein hydrolysis

[9]. Between pH 4 and 6, both isomers are semi-stable, but 1-pHis hydrolyzes

approximately ten times more rapidly than 3-pHis (Fig. 2a) [20]. The greater

instability of 1-pHis is caused by its proximity to the positively charged alpha

nitrogen, which enhances the electrophilicity of the phosphoryl group [6]. The rate

of hydrolysis of 1-pHis between pH 6 and 9 roughly correlates to the proportion of

pHis in which the imidazole ring is protonated (pKa *6.8 based on phosphorim-

idazole) (Fig. 2b) [22].

Stability is also a critical consideration when assessing the suitability of mass

spectrometry for identifying pHis on protein substrates. Using a synthetic pHis-

containing peptide (see next section, and [23]), it was found that electrospray

ionization partially preserved phosphorylation, whereas matrix assisted laser

desorption ionization (MALDI) and collision induced dissociation (CID) of

electrospray-ionized peptides typically caused pHis degradation, preventing phos-

phorylation site assignment. Even so, the study was able to narrow down the

phosphorylation site of synthetically histidine-phosphorylated peptides derived from

human tyrosine phosphatase PTP-PEST using a combination of MS and 1H NMR

data [24, 25].

2.2 Synthesis

An early synthesis of pHis involved reacting the free amino acid with POCl3 [26],

though later reports indicated that this method was inefficient. Rosenberg [27]

(A) (B)

Fig. 2 a pHis isomers. 3-pHis is more hydrolytically stable than 1-pHis. b Below pH 6.8, the imidazole
ring is protonated and hydrolysis of the P–N bond accelerates
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reported the use of sodium diphosphorylimidazole to synthesize pHis (Scheme 1a),

but purification and characterization of the product were incomplete. The

observation that aromatic amines such as derivatives of pyridine and imidazole

accelerated the degradation of electrophilic phosphorus species in aqueous solution

[28, 29] informed the development of more efficient preparative syntheses and

thorough characterization of pHis. Potassium phosphoramidate in neutral aqueous

solution was able to provide pHis starting from un-protected L-histidine

(Scheme 1b) [20, 30]. Over extended reaction times (ca. 36 h), 1-pHis formed in

the early stages of the reaction degrades, leaving 3-pHis and small amounts of 1,3-

diphosphohistidine [30]. An optimized version of this protocol was later published

with variations to provide either 1-pHis, 3-pHis, or 1,3-diphosphohistidine as

desired [31].

A somewhat more accessible procedure for synthesis of phosphohistidine calls

for the phosphorylation of high molecular weight polyhistidine with POCl3,

followed by alkaline hydrolysis of the peptide backbone to provide 3-pHis in ca.

18% yield and 1-pHis in ca. 3% yield [31]. The polymer’s high ratio of histidine

side chains to free N-termini renders the yield of a-N-phosphorylated histidine

(A)

(B)

Scheme 1a,b Syntheses of 3-pHis from L-histidine. a Phosphorylation with sodium
diphosphorylimidazole in water at basic pH. b Phosphorylation with potassium phosphoramidate in
water at neutral pH
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byproducts negligible. However, the allure of this simpler procedure is diminished

by racemization of the alpha position.

While no solid phase peptide synthesis (SPPS) method exists for site-selective

incorporation of a phosphorylated histidine residue into a peptide, direct chemical

phosphorylation of the histidine side chain has enabled the preparation of pHis

peptides [24, 25] and proteins [23]. This method utilizes the observation that the

potassium phosphoramidate reagent used to phosphorylate free histidine does not

react with Ser, Thr, or Tyr side chains [30, 31]. The first synthetic pHis peptide, Ac-

PLSFTNPLpHSDDWH-CONH2, was derived from the human tyrosine phosphatase

PTP-PEST, a suspected substrate of histidine phosphorylation. After chemical

phosphorylation, the sequence was used to test mass spectrometric detection

methods (CID and MALDI) for pHis (described in the previous section) [24]. It

should be noted that, although phosphorylated lysine residues were not detected on

protein substrates treated with potassium phosphoramidate in a similar study [23],

another report, in which the same phosphorylation protocol was used to synthesize

phospholysine peptides [32], suggested that lysine phosphorylation can take place

and that it is difficult to detect. Nevertheless, the potassium phosphoramidate

phosphorylation protocol was later used on bovine serum albumin (BSA) to make a

sequence-independent pHis protein standard for screening antisera for pan-specific

pHis antibodies [33].

Muir and co-workers [34] were able to identify a unique pHis neutral loss pattern

of D80 Da, D98 Da, and D116 Da using CID on synthetically phosphorylated

histidine-containing peptides. Interestingly, D98 Da was the most prominent neutral

loss, and an investigation of the fragmentation mechanism concluded that the

phosphoryl group could first be transferred to nearby carboxylate residues or to the

C-terminus before loss from the peptide ion. The neutral loss pattern was used

successfully to target pHis-containing peptides identified with CID for MS/MS

analysis using multistage activation (MSA). In conjunction with an immunopre-

cipitation enrichment step using a pan-specific pHis antibody (see below), this

workflow found both previously characterized and novel pHis-containing proteins

from an Escherichia coli cell lysate.

2.3 Stable Analogs of pHis

The synthesis of the phosphorylated amino acids and short peptides was crucial to

the development of the pHis field. However, attempts to raise antibodies against

pHis-containing antigens were unsuccessful, most likely due to rapid degradation of

phosphohistidine in blood plasma [6]. Therefore, more recent synthetic efforts have

focused on non-hydrolyzable C-phosphonate analogs of phosphohistidine for use as

epitopes to raise antibodies.

One of the first analog approaches was the synthesis of (40-phospho-20-
furyl)alanine (16, Scheme 2) [35]. In order to install the unnatural side chain

residue, the authors elaborated phosphorylated furan ring 13 to give racemic ethyl

ester 14. The chiral center was established using the esterase papain, which

selectively hydrolyses (L)-amino acids. This approach provided carboxylic acid 15
with 40% isolated yield and 75% ee. Importantly, the (40-phospho-20-furyl)alanine
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analog 16 places a hydrogen bond acceptor in the 2-position of the aromatic side

chain, making it a closer electronic mimic of the authentic modification than the

more obvious (40-phospho-20-pyrrolyl)alanine analog 17 [35]. Indeed, antibodies

raised by analog 17 reacted only with the analog itself, and not with phosphohis-

tidine [6]. Despite its apparent potential as a hapten, no report of using 16 to

generate antibodies has surfaced to date.

A more rapid and versatile synthesis of a phosphohistidine analog was described

by Muir and co-workers [16], who made use of [3 ? 2] azide alkyne cycloadditions

to create phosphoryltriazolalanine (pTza) analogs of pHis (Scheme 3). By utilizing

either a copper or a ruthenium catalyst, the regioselectivity of the reaction could be

switched to obtain either a 3-pHis pTza mimic (21) or a 1-pHis pTza mimic (22),

respectively. Because of the route’s brevity, efficiency, and reliance on readily

available starting materials, sufficient quantities of the Boc-protected amino acids

could be obtained for incorporation into peptides via Boc-mode SPPS. These

constructs enabled the production of the first polyclonal antibodies against

phosphohistidine in specific histone H4 peptide sequences. Significantly, the

antibody was shown to be unreactive against pSer, pThr, pTyr, and non-

phosphorylated histidine residues incorporated into the same position of the peptide

sequence [16]. In order to make pTza-containing peptides more accessible, an

Fmoc-protected version of the 3-pHis pTza amino acid analog 21 was later reported,

though this required a more elaborate synthetic route [36].

Scheme 2 Synthesis of non-hydrolyzable 3-pHis analog (40-phospho-20-furyl)alanine (16), which has a
hydrogen bond acceptor (oxygen) in the same position as authentic 3-pHis. The (40-phospho-2-
pyrrolyl)alanine (17) 3-pHis analog did not raise 3-pHis antibodies [35]

123

Top Curr Chem (Z) (2017) 375:22

Reprinted from the journal 185



A phosphohistamine version of the 3-pHis pTza analog (25, Scheme 4) was

conjugated to keyhole limpet hemocyanin (KLH) and used to raise pan-specific

polyclonal antibodies, though they have the drawback of some cross-reactivity with

pTyr residues [33]. In an attempt to eliminate pTyr cross-reactivity, new pyrazole

(pPye) pHis analogs 26 [37], and 30 [38] were synthesized that more closely mimic

the phosphohistidine target (Scheme 5). While both constructs successfully raised

polyclonal pHis antibodies with improved selectivity for pHis over pTyr,

elimination of the carboxylate allowed the synthesis of pPye analog 26 to be

expedited.

Scheme 3 Synthesis of phosphoryltriazolalanine (pTza) analogs of pHis and utilization in histone H4
tail peptide epitopes. Regiochemistry of the [3 ? 2] cycloaddition can be switched by using either a
copper catalyst (CuI for 3-pHis pTza analog) or a ruthenium catalyst [Cp*Ru(COD) for 1-pHis pTza
analog]
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Scheme 4 Synthesis of 3-pHis pTza analog 25

(A)

(B)

Scheme 5 Synthesis of pyrazole (pPye) 3-pHis analog 26 by Kee et al. [37], and 30 by Lilley et al. [38]
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Hunter and co-workers [39] showed the full potential of pan-specific, monoclonal

pHis antibodies by raising and utilizing them to identify previously unknown

histidine-phosphorylated proteins. 1-pHis and 3p-His pTza analog epitopes were

incorporated into 10-mer peptide sequences of random Ala and Gly residues. The

peptides were conjugated to immunogenic KLH and rabbits were used to raise

monoclonal antibodies capable of distinguishing between 3-pHis and 1-pHis. The

sequence-independence of the pan-specific mAbs allowed pulldown and identifi-

cation of both previously annotated and novel 1-pHis and 3-pHis substrates. Gene

ontology analysis showed a preference for proteins involved in processing and

modifying nucleic acids. Excitingly, antibody-staining of live cells showed a burst

of 3-pHis in spindle poles in of dividing HeLa cells. Further insights into the nature

of histidine phosphorylation in eukaryotes using these antibody-based tools and

those like them are much anticipated.

3 Phosphoarginine

3.1 Background

Phosphoarginine (5, pArg) belongs to the family of phosphagens, which are

molecules that possess a transferable phosphoryl group and buffer ATP concen-

trations in energy demanding tissues like muscle [40]. In invertebrates, pArg is the

most common phosphagen, while, in vertebrates, this role is played by phospho-

creatine. Arginine kinase catalyzes the transfer of the phosphoryl group between

ATP and Arg to form ADP and pArg [40].

Protein arginine phosphorylation has not been studied extensively due to

experimental difficulties in phosphoramidate research, caused by the acid lability of

the P–N bond. Due to the sparse number of examples [41], pArg appeared to be

scarcely present, and was originally found to occur on histone proteins [42]. The

discovery of the first dedicated protein arginine kinase, McsB in bacteria represented

a considerable breakthrough [43]. Subsequently more than 100 pArg modification

sites in the Gram-positive model organism Bacillus subtilis were identified using an

arginine phosphatase mutant strain [44, 45]. As this modification is more abundant

than O-phosphorylation in B. subtilis, arginine phosphorylation represents a

fundamental regulatory mechanism for cell physiology and survival [44]. McsB

was shown to be involved in the heat-shock stress response [46], and to be decisive

for the virulence of Gram-positive pathogens such as Staphylococcus aureus [47],

stressing the importance of studying this protein modification. Most recently, it was

found that pArg could play a critical role as a protein degradation tag, promoting the

identification of aberrant proteins by the ClpC–ClpP protease, which is functionally

analogous to the eukaryotic ubiquitin–proteasome system [48].

The most chemically stable form of pArg is found in the pH range from 4.4 to 9.6

(Fig. 3). While pArg suffers from extremely fast hydrolysis at low pH (1–3.5), it is

stable at neutral pH and relatively stable at higher pH. Unlike pHis and pLys, it

decomposes readily in hot alkali [49]. The biochemistry of phosphagens [40, 50] as

well as the thermodynamic, kinetic and in vitro stability of pArg were reviewed in
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greater depth elsewhere [7]. The stability of pArg in a protein context was studied

by Clausen et al. [45], corroborating the rapid hydrolysis at low pH observed for

free pArg.

Due to the inherent acid lability of the P–N bond in pArg, standard MS

techniques have often failed to detect this modification. Consequently, acidic

conditions must be specifically avoided [45] and selective enrichment of arginine-

phosphorylated proteins is recommended prior to the phosphoproteomic analysis

[51]. Thermal activation-based fragmentation techniques such as CID and higher-

energy collisional dissociation (HCD) possess a higher tendency to produce false

localizations, hence electron-transfer dissociation (ETD), a milder ionization

technique, is the preferred method for LC–MS/MS detection of the pArg-sites in

proteins and peptides [48, 52].

Fig. 3 Physiologically stable form of pArg undergoes sequential protonation/deprotonation outside the
pH range of 4.4–9.6

(A)

(B)

Scheme 6 Syntheses of pArg with a POCl3 and b a phosphoramidate. pArg derivatives are shown in the
fully deprotonated state present at high pH
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3.2 Synthesis

The first successful chemical synthesis of pArg (5) was achieved by treating

arginine hydrochloride (31) with POCl3 (Scheme 6a) [53]. However, N-a-

phosphoarginine (32) and N-a, N-x-diphosphoarginine (33) were also formed,

and had to be removed by ion exchange chromatography. An alternative approach

relied on the treatment of ornithine (35) with O-methyl-N-phosphorylisourea under

basic conditions (Scheme 6b). This procedure efficiently produced pArg in 75%

yield; however, 10% contamination of N-a, N-x-diphosphoarginine (33) was

generated, which was subsequently removed by fractional crystallization [54]. By

introducing more robust N-protecting groups, such as the carbozybenzyl (Cbz)

moiety (36), it was possible to obtain the protected pArg derivative 37 by treating

with bis-(p-nitrobenzyl)chlorophosphate (Scheme 7). After deprotection by

hydrogenolysis, pArg (5) was obtained in 73% yield [54]. While the above

synthetic routes provided standards for chromatographic identification of this amino

acid in protein digests, the strong alkaline conditions can cause racemization of the

alpha position.

Initial methods for obtaining peptides containing pArg relied on treatment of the

peptide with POCl3, which unspecifically modified nucleophilic amino acid side

chains [55]. SPPS using pre-phosphorylated arginine building blocks enabled the

successful synthesis of tailor-made peptides bearing pArg-units [56]. For this

building block approach, the choice of the trichloroethyl (Tc) protecting group for

the phosphoguanidinium moiety was crucial. After acid-mediated global deprotec-

tion and cleavage of the peptide, the Tc group could be removed by hydrogenolysis

at slightly alkaline pH (Scheme 8). While compatible with many peptide sequences,

the use of a palladium catalyst during the Tc deprotection precludes the presence of

cysteine in the final peptide sequence.

3.3 Stable Analogs of pArg

Since the P–N bond in pArg is extremely acid-labile, unstable in hot alkali, and

sensitive to heat, the detection and isolation of pArg from biological sources has

proven particularly difficult [7]. Furthermore, antigens containing pArg epitopes

were dephosphorylated rapidly in serum, and were too unstable to directly produce

Scheme 7 Efficient protecting group strategy for the synthesis of pArg
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the corresponding antibody [51]. Clausen and co-workers [57] recently reported

using in vitro phage-display as an alternative. While the antibody generated this way

was useful for in vitro studies with recombinant proteins, the antibody’s low affinity

for pArg prevented its use in cellular studies. To circumvent these drawbacks and

obtain a sequence-independent, high-affinity pArg antibody, acid-stable pArg

mimics have been employed. Fuhrmann et al. [58] reported the synthesis of a non-

hydrolyzable analog (43, Scheme 9) and its application for generating a pArg

antibody in rabbits. Herein, the acid-labile P–N bond was replaced with a

stable C-phosphorylated amidine functional group.

Fmoc protected 1,6-diaminohexane (41) was reacted with freshly prepared ethyl

2-(diethoxyphosphoryl)-acetimidate to generate compound 42, which was subse-

quently deprotected over two steps, yielding the final PO3-amidine (43). This hapten

was conjugated to KLH carrier protein via the primary amine, and then injected into

rabbits. After immunization, the resulting serum presented strong recognition of

pArg, validating this analog as an effective mimic of pArg. By contrast,

immunization of rabbits with an SO3-amidine-KLH conjugate elicited only SO3-

Scheme 8 Solid phase peptide synthesis (SPPS) of pArg-bearing peptides

Scheme 9 Synthesis of non-hydrolyzable pArg analog 11 and related compound 12
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amidine specific antibodies that did not show any significant cross reactivity to pArg

[58]. More recently, Zhao and co-workers [59] reported the gram-scale synthesis of

a stable pArg analog, 2-((2-ammonioethyl)amino)-2-iminoethyl phosphonic acid

(44), which produced the first mouse polyclonal antibodies specific to pArg

containing proteins. The pArg antibody obtained with hapten 44 had an even higher

affinity and lower detection limit than the antibody obtained with 43 [59].

4 Phospholysine

4.1 Background

Phospholysine (6, pLys) was first identified from rat liver cells by treating the non-

denatured lysates with c[32P]ATP, performing an alkaline hydrolysis of the labeled

proteins in strong base, and then analyzing the phosphorylated amino acid content

by paper chromatography [60]. Although various kinases have been identified that

are capable of mediating lysine phosphorylation, the lack of substrate specificity or

clearly defined function has left the biological relevance of these phosphorylation

events unclear [15, 61–65], highlighting the need for new methods to study the

modification and tie it to specific biological functions [7].

Perhaps the main reason that phospholysine has been so minimally characterized

is its extremely rapid hydrolysis in acidic conditions, which are routinely

encountered when handling phosphorylated protein samples. Because a titration

curve of pLys has not been reported, and because the phosphoramidate moiety in

pLys is distal from the alpha amine and carboxylate, the pKas and hydrolysis rate

constants for n-butyl phosphoramidate determined by Benkovic et al. [66] have been

cited as models for pLys behavior by Besant et al. [7]. Readers are referred to their

review for a detailed discussion of pLys stability, though some of the key points are

highlighted below.

In contrast to carbonyl amides, in which the nitrogen lone pair electrons are

substantially delocalized into the carbonyl’s pi orbitals, phosphoramidates have

mostly single P–N bond character [6, 67, 68]. Therefore, in contrast to amides, the

pKas of phosphorylated amines are minimally perturbed, and remain protonated at

Fig. 4 Selected protonation states and approximate pKas of pLys (6)
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physiological pH (Fig. 4). Below *pH 5.5, when the phosphoryl group starts to

become protonated, hydrolysis is extremely rapid, but moderates between pH 5.5

and 9.0, where just the amidate nitrogen is protonated. Only when the amidate

nitrogen is deprotonated above *pH 9.0 does this moiety become stable [66].

Indeed, in contrast to the evanescence of this modification at low and neutral pH, the

high pKa (*40) of the deprotonated lysine side chain renders it an extremely poor

leaving group, and therefore very base stable: in one study, only 11% of starting

pLys degraded when heated to 100 �C in 9 M KOH for 9 h [7, 60]. Interestingly, a

recently prepared pLys phosphorus diester (51, Scheme 11) in the context of a

peptide sequence was found to have increased stability [69], raising questions about

how the behavior of this modification on biological macromolecules could differ

from that of single amino acid model compounds.

4.2 Synthesis

The first synthetic pLys standards were prepared by treating the free amino acid

with POCl3, and separating the resulting N-e-phosphorylated and N-a-phosphory-

lated products by ion exchange and preparative zone electrophoresis chromatog-

raphy [60]. Subsequent improvements to the synthetic procedures for making pLys

included applying the poly-lysine peptide phosphorylation and alkaline hydrolysis

approach also used for pHis [31]. A much gentler method starting from the

monomeric amino acid was used by Fujitaki et al. [70], who formed copper chelate

46 to protect the alpha nitrogen before phosphorylating the side chain with POCl3
(Scheme 10). The copper was removed by precipitation with hydrogen sulfide gas,

and the product was recrystallized as the barium salt to provide 47 in 72% overall

yield. Unfortunately, a considerably lower yield was obtained when this protocol

was attempted on arginine. Finally, Wei et al. [31] reported that the potassium

phosphoramidate protocol for the preparation of pHis (described above in

Scheme 1) could also be used to prepare pLys. This protocol was employed by

Kowalewska et al. [32] to synthesize phosphorylated lysine peptides, and

investigate their tractability to mass spectrometry analysis. Although their peptide

substrates contained lysine and arginine residues, characterization by 31P NMR was

consistent with selective lysine phosphorylation.

The best characterized and most selective technique for synthesis of pLys-

containing peptides was developed recently by Hackenberger and co-workers [69].

This technique takes advantage of the bio-orthogonal nature of the Staudinger-

Scheme 10 Copper chelate method of protecting alpha nitrogen during lysine phosphorylation
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phosphite ligation and the stability of the azide coupling partner to the conditions of

SPPS. Commercially available Fmoc-6-azidonorleucine (48) was incorporated into

a peptide chain and, after resin cleavage and deprotection, coupled to protected

phosphite 50 (Scheme 11). Both a base-labile 2-cyanoethyl group and a photo-labile

and water soluble o-nitrobenzyl moiety (as in 50) were tested and found to be

effective protecting groups, site-selectively providing pLys-containing peptides in

good yields. This protocol was later adapted to the solid phase using a base-labile

resin [71]. Lysine phosphorylation of two synthetic peptides derived from the

N-terminal sequence of histone H1 was confirmed by 31P–1H NMR HMBC in which

coupling of the phosphorus nucleus to the lysine aliphatic protons was observable.

The site selectivity was also corroborated by MS/MS, using ETD to fragment the

peptide backbone [69].

The synthetic availability of phosphorylated lysine peptides opens the door to the

development of antibodies against this modification, as well as the more rigorous

characterization of its stability in the context of various peptide sequences. Together

with the mass spectrometry method that has been validated as a direct result of pLys

peptide synthetic availability, these tools should enable the assessment of the true

biological significance of lysine phosphorylation in vivo.

5 Phosphocysteine

5.1 Background

Phosphocysteine (7, pCys) functions as an intermediate in the phosphoenolpyruvate

(PEP)-dependent phosphotransferase system (PTS) [72]. Cysteine phosphorylation

also occurs in cysteine-dependent protein phosphatases (CDPs), which catalyze the

hydrolysis of phosphoester bonds via the formation of a pCys intermediate during

Scheme 11 Site-selective pLys peptide synthesis via a Staudinger-phosphite reaction
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the dephosphorylation of pTyr residues by protein tyrosine phosphatases [73–75].

Additionally, pCys is involved in bacterial signaling and regulation [76–78]. The

isolation and characterization of pCys peptides has been challenging due to the acid-

lability of the P–S bond, which has prevented further identification of pCys sites

using standard phosphoproteomic approaches [79]. In addition to its natural

biological functions pCys has recently been employed as a mimetic for pSer in

histone H3 [80] and pThr in protein kinase p38a [81, 82].

The stability of pCys is relatively high between pH 7 and pH 12 [83, 84], but the

phosphothioester bond undergoes rapid hydrolysis at a pH of 2–4. Interestingly, at

pH values lower than 2, the hydrolysis rate slows down [85]. Moreover, it was

observed that S-phosphorylated cysteamine and S-phosphorylated mercaptopropi-

onic acid undergo hydrolysis at a maximal rate at a pH of 3–4 (with a half-life of

about 15 min at 37 �C) [84].

The P–S bond lability and the ease of hydrolysis at low pH values, have made the

detection of pCys residues in complex samples a difficult task [79]. MS/MS

techniques that rely on thermal CID and HCD do not offer satisfactory results.

Using ETD with supplemental activation (known as EThcD), to improve the

fragmentation of the charge-reduced precursor ion [86], enabled complete sequence

coverage of peptides without neutral losses or phosphate rearrangements [87].

5.2 Synthesis

Chemical synthesis of pCys (7) was achieved by treatment of an aqueous solution of

L-cysteine with potassium phosphoramidate (Scheme 12) [88]; unfortunately, no

conversion or isolated yield was reported for this procedure.

Site-selective chemical cysteine phosphorylation of peptides and proteins, was

first reported by Davis and co-workers [89] following a two-step procedure for

installing pCys residues (Scheme 13). The method relies on generating dehydroala-

nine (Dha) followed by nucleophilic addition of sodium thiophosphate to produce

the corresponding pCys residue. For example, a mutant (S156C) of the serine

protease subtilisin from Bacillus lentus (53), which contains a single surface-

exposed Cys, was treated with O-mesitylenesulfonylhydroxylamine (MSH), result-

ing in rapid and complete conversion of Cys156 to Dha156 (54) by an oxidative

elimination mechanism. Subsequent addition of sodium thiophosphate enabled the

synthesis of the pCys modified protein (55). However, this protocol delivered an

Scheme 12 Chemical synthesis of pCys 7
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epimeric mixture of pCys proteins. Further optimization of the Dha generation

conditions exploiting a bis-alkylation-elimination mechanism with a bis-halo

compound [90], enabled the synthesis of a pCys-modified histone H3, which was

shown to be useful as a pSer mimic [80].

Unfortunately, the elimination conditions required to prepare Dha residues, and

the resulting lack of stereoselectivity, impose certain limitations on the general

applicability of this chemical tool in the functional analysis of phosphorylated Cys

residues [91]. A novel chemoselective and stereochemically defined phosphoryla-

tion strategy for Cys residues was recently reported by Hackenberger and co-

workers [87]. Treatment of Cys residues with Ellman’s reagent resulted in the

formation of electron-poor electrophilic disulfides (57), which were subsequently

treated with nucleophilic phosphites to obtain peptides bearing phosphorthiolate-

diesters (58). The photocleavable diesters were then deprotected by irradiation with

295 nm light to obtain free pCys residues (59, Scheme 14). The successful synthesis

Scheme 13 Synthesis of a pCys post-translationally modified protein

Scheme 14 Chemoselective synthesis of pCys-containing peptides (59)
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of the pCys-containing peptides was then used in a bottom-up proteomic approach

to effectively identify and characterize an endogenous pCys peptide by means of

tandem ESI-EThcD MS/MS from the glucose-specific transporter IICBGlc involved

in the bacterial phosphotransferase system (PTS) [87].

6 Phosphoaspartate and Phosphoglutamate

6.1 Background

Phosphoaspartate (8, pAsp) and phosphoglutamate (9, pGlu) (Scheme 15) belong

to the family of mixed phosphoanhydrides, which are reactive intermediates in the

biosynthesis of aminoacyl-tRNAs. Acyl phosphates are nature’s equivalent to the

synthetic chemist’s acyl chlorides and anhydrides: the side chain carboxyl groups

of glutamate and aspartate are activated by phosphorylation, facilitating carbonyl

substitution and reduction in a number of essential metabolic pathways, which

include the biosynthesis of amino acids such as lysine, threonine and methionine

from pAsp, and glutamine and proline from pGlu [8]. Studying the biochemistry

of protein aspartate/glutamate phosphorylation has proven to be particularly

difficult due to the chemical lability of the acyl phosphate functional group. pAsp

occurs as an enzymatic intermediate in a number of enzyme-catalyzed reactions,

such as those involving the haloacid dehalogenase superfamily [92, 93] as well as

in two-component signaling systems [94–97]. While a review of the literature

indicates that aspartate phosphorylation is a rare and transient event, rarer still is

glutamate phosphorylation, which has only been reported to occur on prothy-

mosin, a protein suggested to be involved in the production, processing, or export

of RNA [98–100].

The phosphoanhydride groups of pAsp and pGlu are unstable under neutral,

acidic and alkaline conditions [101]. At neutral pH, pAsp and pGlu hydrolyze

readily, and react with organic bases such as hydroxylamine. In the pH range 4–10,

30% of pAsp is hydrolyzed after 30 min, and the hydrolysis rate increases

exponentially at higher or lower pH.

Due to their extreme lability, indirect detection methods are employed for the

MS-detection of free or protein-bound pAsp and pGlu, which involve the reductive

Scheme 15 pAsp and pGlu are
commonly reduced to 60 or 61
respectively for their MS-
detection
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cleavage of the phosphoamino acids with NaBH4 to give homoserine (60) and

4-hydroxy-1-aminovaleric acid (61), respectively (Scheme 15) [102]. Notably,

under these conditions, aspartate and glutamate are resistant to reduction. Direct

determination of pAsp and pGlu currently relies on Fourier transform infrared

spectroscopy [103] or 31P-NMR spectroscopy [104, 105].

6.2 Synthesis

pAsp (8) was first synthesized from a protected aspartic acid (62) (Scheme 16)

[106, 107]. Reaction of 62 with silver phosphate gave the acyl phosphate 63 in about

80% yield. Deprotection by hydrogenolysis in cold aqueous potassium bicarbonate

provided the free pAsp 8 in solution with 28% yield. The solution of pAsp at

approximately pH 6.5 could be stored at -20 �C, but showed signs of slow

degradation [107].

Another approach that was utilized for pAsp and pGlu, involves the initial

reaction of the silver carboxylate of the protected derivatives 64 and 65 with

dibenzyl chlorophosphate, providing fully protected phosphoamino acids 66 and 67
in excellent yields (Scheme 17). Protonolysis with anhydrous hydrogen bromide

produced the free amino acids 8 and 9 in high purity [108].

6.3 Stable Analogs of pAsp

pAsp is involved in amino acid biosynthesis in prokaryotes and fungi, via its

conversion into aspartate semialdehyde by the essential aspartate-semialdehyde

dehydrogenase. The absence of this enzyme in mammals prompted the investigation

of pAsp analogs as potential antibiotics [8].

Scheme 16 First chemical synthesis of pAsp (8)

Scheme 17 Synthesis of pAsp (8) and pGlu (9)
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Notably, the incorporation of a pAsp mimic (70) into a protein was achieved

[109] for the bacterial response regulator methyl esterase CheB. CheB is activated

by phosphorylation of Asp56. Substitution of a cysteine residue at position 56 (68)

allowed this site to be chemically modified with Ellman’s reagent, followed by a

disulfide exchange of 69 with thiophosphate to give the phosphoprotein 70
(Scheme 18). The analog had a half-life of 28 days and displayed a comparable

activity to the native pAsp in CheB, which rendered it valuable for the

characterization of the active form of CheB, which has an extremely short half-

life of just 2 s at 25 �C [110].

6.4 Stable Analogs of pGlu

Several non-hydrolysable analogs of pGlu were synthesized and evaluated as

inhibitors of glutamine synthetase (GS) [111] which is one of the most central

enzymes in nitrogen metabolism. GS catalyzes the conversion of glutamate and

ammonia to glutamine in the presence of ATP. GS inhibitors have potential

applications as anti-cancer drugs, as it was proven that glutamine supply is essential

for the growth of some cancer lines [112]. However, integration of pGlu analogs

into peptides and proteins has not been described to date, presumably due to the

scarcity of known pGlu containing proteins and the uncertainty about relevance of

this modification.

7 Pyrophosphoserine

7.1 Background

Protein serine pyrophosphorylation (73, ppSer) is a recently discovered PTM

mediated by the highly phosphorylated intracellular small molecule messenger

5-diphosphoinositol pentakisphosphate (5PP-InsP5, 72). A study conducted in 2004,

in which the b-phosphoryl group of 5PP-InsP5 was enzymatically labeled with 32P,

Scheme 18 Synthesis of a stable analog (70) of pAsp in CheB, applying site-directed mutagenesis and
chemical modification
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found that this radio-nuclide was transferred to protein substrates in a Mg2?-

dependent, enzyme-independent fashion [113]. It was subsequently shown that the

phosphoryl group was transferred to only pre-phosphorylated protein substrates.

Using this information and other lines of evidence, it was concluded that 5PP-InsP5

phosphorylates pre-phosphorylated serine residues, forming a phosphoanhydride

bond (Fig. 5) [4].

The high-energy phosphoanhydride bond of 5PP-InsP5 is formed by InsP6 kinase

1 (IP6K1). Knockout of IP6K1 results in several interesting phenotypes, including

impaired insulin secretion by pancreatic b-cells, and insulin hypersensitivity and

adipogenesis defects in knockout mice [114]. In Saccharomyces cerevisiae, 5PP-

InsP5 was shown to pyrophosphorylate subunits of RNA polymerase I, thereby

influencing ribosome biogenesis [115]. These phenotypes, and the sensitivity of

5PP-InsP5 levels to fluctuations in intracellular ATP concentration [116], suggest

that 5PP-InsP-5 connects cellular energy homeostasis and cell signaling [117, 118].

Therefore, identifying in vivo pyrophosphorylation substrates is of great interest.

Stability studies of a pyrophosphorylated serine analog in water (74, Fig. 6)

showed that the phosphoanhydride bond is stable at moderate pH (4.5–9.3), with

less than 5% hydrolysis when incubated for 24 h at 50 �C [119]. However,

degradation was quantitative at extreme pH (0.1 M HCl or 0.1 M NaOH) under the

same conditions. Metal cations such as Mg2?, Zn2?, Ca2?, and Mn2? generally had

a negligible impact on the rate of hydrolysis, though Fe2? and Cu2? decreased

stability somewhat. Interestingly, a follow up study on pyrophosphorylated peptide

sequences from in vitro-identified substrates found that the pyrophosphate group

was unstable in the presence of sulfonic acid buffers such as MOPS, HEPES, and

MES [120].

Fig. 5 Protein pyrophosphorylation by 5PP-InsP5 with 32P radiolabel [4, 113]
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7.2 Synthesis

In light of stability studies showing that di-esters of the ppSer analog 74 were

unstable under the conditions of Fmoc-mode SPPS, Fiedler and co-workers [119]

explored a global approach for the pyrophosphorylation of pre-phosphorylated

synthetic peptides. Phosphorimidazolide reagents such as 76 were found to

functionalize pre-existing phosphoryl groups selectively over other nucleophilic

amino acid side chains, and provided pyrophosphorylated peptides in high yields

after reverse-phase HPLC purification (Scheme 19). The free pyrophosphopeptides

(78) were obtained via hydrogenolysis to remove the benzyl protecting groups. The

phosphorimidazolide reagents also function in methanol and water, expanding their

utility and allowing compatibility with more polar phosphorylated substrates,

including a peptide fragment of NOPP140, an in vitro identified target of protein

pyrophosphorylation. In addition to probing the stability and enzymatic reversibility

of this modification [120], these pyrophosphopeptides were used to develop tools

for in vivo identification of pyrophosphorylated proteins, including an affinity

reagent [121], a gel stain [122], and a mass spectrometry-based identification

method capable of differentiating bis-phosphorylated peptides from pyrophospho-

rylated peptides (Penkert et al. unpublished data).

With the goal of raising antibodies against pyrophosphorylated peptide

sequences, non-hydrolyzable methylene-bisphosphonate (PCP) peptide analogs

were developed [123]. Starting from Fmoc and phenacyl (Pac) protected L-serine

(79), the bisphosphonate group was installed using ((bis(benzyloxy)phospho-

ryl)methyl) phosphonochloridate (80) (Scheme 20). Removal of the Pac group gave

Fig. 6 Pyrophosphoserine analog 65 for stability studies. Degradation was monitored by analytical
HPLC

Scheme 19 Chemical pyrophosphorylation of peptides
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the tribenzyl protected Fmoc-PCP-L-serine 82. One benzyl group could be removed

from each phosphoryl unit on 82 using NaI to yield 83.

Building block 83 was successfully incorporated into several peptide sequences

from in vitro identified pyrophosphorylation substrates using standard SPPS

conditions and reagents. Furthermore, these peptides were stable to common

methods used to append peptide antigens to carrier proteins such as glutaraldehyde

ligation, maleimide conjugation, and native chemical ligation [123]. The generation

of antibodies with carrier proteins made using the above techniques is currently in

progress.

8 Lysine Polyphosphorylation

Most of the diversity of protein phosphorylation discussed so far is generated by

changing the amino acid to which the phosphoryl group is tethered. Only more

recently, with the discovery of protein pyrophosphorylation, have scientists begun

to appreciate the ways in which protein phosphorylation can be diversified by

changing the character of the phosphoryl group itself. It now appears that nature has

taken this strategy still further: just last year, evidence that chains of inorganic

polyphosphate (poly-P) can covalently modify protein substrates was disclosed [5].

Poly-P is a polymer of repeating phosphoryl groups connected through phospho-

anhydride bonds. It is present in all forms of life and functions primarily as a means

of phosphate and energy storage [124] and a chaperone-like factor preventing

protein misfolding and aggregation under stress [125]. In higher mammals, it has

recently been shown to have roles in neuronal and glial cell signaling [126], as well

as a-synuclein amyloid fibril formation and stability [127].

Scheme 20 Synthesis of Fmoc-protected PCP-serine building block 83
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Protein lysine polyphosphorylation (11, (P)nLys) was discovered after the

observation that the S. cerevisiae protein Nuclear Signal Recognition 1 (Nsr1) ran at

a much higher molecular weight on a gel than expected. Knockout of VTC4—the

subunit of the Vacuolar Transporter Chaperone (VTC) complex responsible for

catalyzing poly-P synthesis—resulted in a dramatic decrease in Nsr1 mass, more

consistent with the protein’s expected molecular weight. A subsequent investigation

found that poly-P was able to non-enzymatically modify purified Nsr1 and its

binding partner Topoisomerase 1 (Top1). Hydrolysis studies with perchloric acid

and mutagenesis data indicate that the poly-P polymers are attached to multiple

lysine residues in poly-acidic serine and lysine (PASK) sequences present in both of

these proteins (Fig. 7). Polyphosphorylation appears to regulate the localization of

Nsr1 and Top1 within the nucleus, and was found to inhibit Top1 activity in a

supercoiled DNA relaxation assay. Interestingly, (P)nLys is indirectly regulated by

the levels of inositol pyrophosphates, which modulate poly-P synthesis [5, 128]. No

techniques exist for the controlled synthesis of polyphosphorylated proteins,

let alone inorganic polyphosphate of uniform length. The ability to synthesize site-

selectively polyphosphorylated proteins could allow the elucidation of the specific

changes that polyphosphate has on protein structure and function. Likewise,

synthesis of poly-P with carefully controlled chain lengths or specific tags could

facilitate the high-throughput identification of other polyphosphorylated proteins,

giving a more comprehensive picture of this modification’s role in cell physiology.

9 Outlook

Reversible protein phosphorylation is one of the most frequently encountered PTMs

and confers great diversity on the proteome. This diversity is generated by the

spatially and temporally controlled activity of specific protein kinases and

phosphatases, the expanding set of amino acids capable of undergoing

Fig. 7 (P)nLys occurs in poly-acidic serine and lysine (PASK) sequences and has been found to affect
the localization and activity of Top1and Nsr1
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phosphorylation, and potentially the opportunity to add more than one phosphoryl

group to a single amino acid side chain.

In eukaryotes in particular, most of our attention has focused on just three types

of modifications; pSer, pThr, and pTyr. To decipher their role within cellular

signaling networks, a large set of specific tools first had to be developed. These tools

included synthetic access to site-specifically modified phosphopeptides to elucidate

the stability of these modifications, as well as their fragmentation patterns during

mass spectrometric analysis. Furthermore, these phosphopeptides enabled the

development of specific enrichment strategies of phosphopeptides and proteins, for

subsequent proteomic analysis, or antibody-based detection. Only with these tools

in hand has it been possible to now routinely interrogate specific signaling

pathways, and to annotate the dynamic behavior of these signaling pathways within

complex cellular settings.

In contrast, the presence of phosphorylated basic amino-acid residues in proteins

is often overlooked because of the short lifetime and acid lability of the

phosphoramidate bond. Likewise, phosphorylated acidic amino-acids and pyro-

and polyphosphorylated side chains pose a significant analytical challenge. For

these more labile modifications, dedicated tools, such as clean peptide standards, or

specific antibodies are sparse, and these modifications typically remain poorly

characterized. This neglect has been recognized over the past few years though, and

new chemical and biochemical approaches have surfaced that are deemed to make

the study of labile-amino acid phosphorylation more accessible. In this chapter, we

have summarized some of these approaches, such as new chemical methodology to

obtain site-specifically modified peptides, and the design of stabilized analogs with

the goal to generate pan-specific antibodies. Application of these tools now offers

the possibility to annotate the more exotic phosphorylation events, and to determine

how widely used labile phosphorylation is within cellular signaling pathways.

References

1. Hunter T (2012) Why nature chose phosphate to modify proteins. Philos Trans R Soc B Biol Sci

367:2513–2516

2. Zhang J, Yang PL, Gray NS (2009) Targeting cancer with small molecule kinase inhibitors. Nat Rev

Cancer 9:28–39

3. Freschi L, Osseni M, Landry CR (2014) Functional divergence and evolutionary turnover in

mammalian phosphoproteomes. PLoS Genet 10:e1004062

4. Bhandari R, Saiardi A, Ahmadibeni Y, Snowman AM, Resnick AC, Kristiansen TZ, Molina H,

Pandey A, Werner JK, Juluri KR, Xu Y, Prestwich GD, Parang K, Snyder SH (2007) Protein

pyrophosphorylation by inositol pyrophosphates is a posttranslational event. Proc Natl Acad Sci

USA 104:15305–15310

5. Azevedo C, Livermore T, Saiardi A (2015) Protein polyphosphorylation of lysine residues by

inorganic polyphosphate. Mol Cell 58:71–82

6. Attwood PV, Piggott MJ, Zu XL, Besant PG (2007) Focus on phosphohistidine. Amino Acids

32:145–156

7. Besant PG, Attwood PV, Piggott MJ (2009) Focus on phosphorarginine and phospholysine. Curr

Protein Pept Sci 10:536–550

123

Top Curr Chem (Z) (2017) 375:22

Reprinted from the journal204



8. Attwood PV, Besant PG, Piggott MJ (2011) Focus on phosphoaspartate and phosphoglutamate.

Amino Acids 40:1035–1051

9. Boyer PD, DeLuca M, Ebner KE, Hultquist DE, Peter JB (1962) Identification of phosphohistidine

digests from a probable intermediate of qxidative phosphorylation. J Biol Chem 237:PC3306–

PC3308

10. Perry J, Koteva K, Wright G (2011) Receptor domains of two-component signal transduction

systems. Mol BioSyst 7:1388–1398

11. Khorchid A, Ikura M (2006) Bacterial histidine kinase as signal sensor and transducer. Int J

Biochem Cell Biol 38:307–312

12. Neiditch MB, Federle MJ, Miller ST, Bassler BL, Hughson FM (2005) Regulation of LuxPQ

receptor activity by the quorum-sensing signal autoinducer-2. Mol Cell 18:507–518

13. Mayville P, Ji G, Beavis R, Yang H, Goger M, Novick RP, Muir TW (1999) Structure-activity

analysis of synthetic autoinducing thiolactone peptides from Staphylococcus aureus responsible for

virulence. Proc Natl Acad Sci USA 96:1218–1223

14. Koteva K, Hong H-J, Wang XD, Nazi I, Hughes D, Naldrett MJ, Buttner MJ, Wright GD (2010) A

vancomycin photoprobe identifies the histidine kinase VanSsc as a vancomycin receptor. Nat Chem

Biol 6:327–329

15. Chen CC, Smith DL, Bruegger BB, Halpern RM, Smith RA (1974) Occurrence and distribution of

acid-labile histone phosphates in regenerating rat liver. Biochemistry 13:3785–3789

16. Kee JM, Villani B, Carpenter LR, Muir TW (2010) Development of stable phosphohistidine ana-

logues. J Am Chem Soc 132:14327–14329

17. Kee JM, Muir TW (2012) Chasing phosphohistidine, an elusive sibling in the phosphoamino acid

family. ACS Chem Biol 7:44–51

18. Morera S, Chiadmi M, LeBras G, Lascu I, Janin J (1995) Mechanism of phosphate transfer by

nucleoside diphosphate kinase: X-ray structures of the phosphohistidine intermediate of the

enzymes from Drosophila and Dictyostelium. Biochemistry 34:11062–11070

19. Bond CS, White MF, Hunter WN (2001) High resolution structure of the phosphohistidine-activated

form of Escherichia coli cofactor-dependent phosphoglycerate mutase. J Biol Chem

276:3247–3253

20. Hultquist DE (1968) The preparation and characterization of phosphorylated derivatives of histi-

dine. Biochim Biophys Acta Bioenerg 153:329–340

21. Duclos B, Marcandier S, Cozzone AJ (1991) Chemical properties and separation of phosphoamino

acids by thin-layer chromatography and/or electrophoresis. Methods Enzymol 201:10–21

22. Lloyd GJ, Cooperman BS (1971) Nucleophilic attack by zinc (II)-pyridine-2-carbaldoxine anion on

phosphorylimidazole. A model for enzymatic phosphate transfer. J Am Chem Soc 93:4883–4889

23. Hohenester UM, Ludwig K, König S (2013) Chemical phosphorylation of histidine residues in

proteins using potassium phosphoramidate—a tool for the analysis of acid-labile phos- phorylation.

Curr Drug Deliv 10:58–63

24. Medzihradszky KF, Phillipps NJ, Senderowicz L, Wang P, Turck CW (1997) Synthesis and

characterization of histidine-phosphorylated peptides. Protein Sci 6:1405–1411

25. Attwood PV, Ludwig K, Bergander K, Besant PG, Adina-Zada A, Krieglstein J, Klumpp S (2010)

Chemical phosphorylation of histidine-containing peptides based on the sequence of histone H4 and

their dephosphorylation by protein histidine phosphatase. Biochim Biophys Acta Proteins Pro-

teomics 1804:199–205

26. Gustafson C, Wagner-Jauregg T (1954) Phosphorimidazole and phosphohistidine. Fed Proc 13:222

27. Rosenberg TH (1964) A simple preparation method for diphosphoimidazole. Arch Biochem Bio-

phys 105:315–318

28. Muller T, Rathlev T, Rosenberg T (1956) Special cases of non-enzymic transphosphorylation.

Biochim Biophys Acta 19:563–564

29. Wagner-Jauregg T, Hackley BE (1953) Model reactions of phosphorus-containing enzyme inacti-

vators. III. Interaction of imidazole, pyridine, and some of their derivatives with dialkyl halogeno-

phosphates. J Am Chem Soc 75:2125–2130

30. Hultquist DE, Moyer RW, Boyer PD (1966) The preparation and characterization of 1-phospho-

histidine and 3-phosphohistidine. Biochemistry 5:322–331

31. Wei Y-F, Matthews HR (1991) Identification of phosphohistidine in proteins and purification of

protein-histidine kinases. Methods Enzymol 200:388–414
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Abstract The cap is a natural modification present at the 50 ends of eukaryotic

messenger RNA (mRNA), which because of its unique structural features, mediates

essential biological functions during the process of gene expression. The core

structural feature of the mRNA cap is an N7-methylguanosine moiety linked by a

50–50 triphosphate chain to the first transcribed nucleotide. Interestingly, other RNA

50 end modifications structurally and functionally resembling the m7G cap have

been discovered in different RNA types and in different organisms. All these

structures contain the ‘inverted’ 50–50 oligophosphate bridge, which is necessary for

interaction with specific proteins and also serves as a cleavage site for phospho-

hydrolases regulating RNA turnover. Therefore, cap analogs containing

oligophosphate chain modifications or carrying spectroscopic labels attached to

phosphate moieties serve as attractive molecular tools for studies on RNA meta-

bolism and modification of natural RNA properties. Here, we review chemical,

enzymatic, and chemoenzymatic approaches that enable preparation of modified cap

structures and RNAs carrying such structures, with emphasis on phosphate-modified

mRNA cap analogs and their potential applications.
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1 RNA Cap Structures and Their Functions

1.1 7-Methylguanosine mRNA Cap

The existence of methylated guanine joined by a 50–50-triphosphate linker to the first
transcribed nucleotide of eukaryotic and viral messenger RNA (mRNA) was first

reported in the mid-1970s independently by Wei [1] and Furuichi [2] (Fig. 1). Since

then, cap has emerged as a master regulator of several processes contributing to

gene expression in eukaryotes. Besides its two main cytoplasmic roles, i.e.,

protection of the mRNA 50 end from premature degradation by exonucleases and

participation in the initiation of protein synthesis (translation), cap is also required

for proper splicing of precursor mRNA (pre-mRNA) in the nucleus, engaged in

cleavage and polyadenylation of pre-mRNA, and mRNA export (Fig. 2) [3–5].

Fig. 1 Structures of different RNA 50 ends: a uncapped (50-triphosphate) RNA; b monomethylguanosine
(m7G) mRNA cap; c trimethylguanosine (m3G) cap and c-O-methyl cap found in snRNAs; d examples of
‘cap-like’ structures found on bacterial RNAs
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Therefore, it is not surprising that cap formation is the first co-transcriptional event

of a nascent RNA synthesized by RNA polymerase II (RNAP II), which occurs after

synthesis of 20–40 nucleotide long transcripts [6]. Many viruses that infect

eukaryotes have evolved mechanisms to either synthesize their own cap structures

or salvage cap moieties from host mRNA through so-called cap snatching to

maximize the chances for their own mRNA survival and expression [7]. The

protective function of mRNA cap relies on the fact that cytoplasmic 50–30

exoribonucleases, such as Xrn1, do not recognize capped mRNAs as substrates.

Therefore, mRNA degradation initiated from the 50 end must be preceded by cap

removal by specialized decapping enzymes. Another class of decapping enzymes is

involved in degradation of free cap structures generated after 30–50 mRNA decay

(Fig. 2).

Synthetic cap analogs are useful research tools that facilitate investigation of cap-

related processes both at a molecular level and in biochemical and biological

experiments, which may eventually lead even to development of novel therapeutic

approaches [8]. In this paper, we review approaches employed to develop cap-based

molecular tools that could benefit biological studies, with the focus on phosphate-

labeled and phosphate-modified cap analogs of m7G cap and other structurally

related RNA cap structures.

Fig. 2 An overview on RNA cap functions in gene expression and main proteins involved in cap
recognition and metabolism
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1.2 m7G Cap 0, 1, 2 and Other Cap Structures

Although the term cap usually refers to the m7G moiety linked to the 50 end of a

transcript, different versionsof them7Gcaphavebeen recognizedalongwithother types

of cap structures found on different RNA types and in various organisms. Depending on

themethylation pattern of the first few 50-nucleotides in anm7G-capped RNAbody, cap

variants referred to as cap 0, cap 1, cap 2, and so on, can be distinguished (Fig. 1b). In

addition, other types of methylated cap structures have been identified in eukaryotes,

trimethylguanosine andc-methyl cap being the prime examples (Fig. 1c). Finally, itwas

recently discovered that prokaryotes also synthesize conjugates of RNA with small

molecules that structurally resemble eukaryotic 50 caps (Fig. 1d).
Cap 0 is m7G cap without additional methylations in the RNA body. However, cap 0

can undergo further methylations at the 20-O position within the ribose of the first or

within the first and second nucleotide to produce cap 1 or cap 2, respectively (Fig. 1b)

[9]. Generally, cap 0 structures are more common in lower eukaryotes, whereas cap 1

and cap 2 structures are found in higher organisms, including mammals [9]. Additional

methylations at the first and second nucleobase of mRNAs can also take place in cap 1

and 2. For a long time, it was unclear why the 50 end of mRNAs would undergo such

extensive methylation. Recent studies have revealed that 20-O methylation of cellular

RNA plays a central role in discrimination of self from non-self RNA, e.g., distinction

of viral from host RNA [10, 11], while reversible interconversion of N6, 20-O-
dimethyladenosine and 20-O-methyladenosine in the cap controls mRNA stability [12].

Not only nucleotides downstream from m7G undergo methylation. In some small

nuclear RNAs (snRNAs) involved in splicing of pre-mRNA, the m7G moiety

undergoes hypermethylation, i.e., addition of two methyl groups at the N2 position

(Fig. 1c). This structure, called a trimethylguanosine cap (TMG cap or m3G), is

characteristic of a portion of snRNAs transcribed by RNAP II, namely U1, U2, U4,

and U5 snRNAs, and small nucleolar RNAs (snoRNAs) engaged in post-

transcriptional modification of precursor ribosomal RNAs (pre-rRNAs) [13]. These

snRNAs are hypermethylated by trimethylguanosine synthase 1 (TGS1) after being

exported to the cytoplasm in association with Sm proteins (Fig. 4) [13, 14]. The

presence of a TMG cap allows binding to the transport protein snurportin 1 (SNP1)

and the import of fully matured snRNAs back to the nucleus, where they participate

in pre-mRNA splicing [14]. Moreover, the TMG cap has been found at the 50 end of

a certain pool of mRNAs in nematodes (e.g., Caenorhabditis elegans) [15], and

most recently at the 50 end of mRNAs encoding selenoproteins in mammals [16].

Interestingly, other snRNAs, such U6 and 7SK, which are synthesized by RNA

polymerase III (RNAP III), possess at their 50 end another modification, a methyl

group added directly to triphosphate bridge to generate a c-methyl phosphate cap

(Figs. 1c, 4) [17]. However, the presence of a methyl group linked directly to a

triphosphate bridge is not a general feature of RNAP III-transcribed RNAs (e.g.,

tRNAs), as usually the triphosphorylated 50 ends of nascent transcripts are trimmed

by nucleases to RNAs without cap-like structures upon maturation.

Although it has been hypothesized for a long time that the presence of the 50 cap
is one if the key structural features distinguishing eukaryotic from prokaryotic

RNAs, recent mass spectrometry-aided studies on bacterial transcriptomes revealed
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that in prokaryotes, the 50 ends of some portion of RNA are modified by moieties,

which could be considered as cap-like structures. These include a nicotinamide

adenine dinucleotide (NAD?) [18], 30-dephospho-coenzyme A (dpCoA) (Fig. 1d)

[18], and other moieties attached to the 50 end of RNA by an oligophosphate bridge.

The structure, biosynthesis, function, and degradation of these so-called bacterial

caps have currently come under intense investigation [19–22].

1.3 Recognition of Cap Structures by Proteins

The complex network of biological processes regulating mRNA expression and

turnover is in large extent orchestrated by numerous cap-binding proteins that

recognize the 7-methylguanosine triphosphate moiety as a hallmark of the mRNA 50

end. Similarly, the localization, transport, and function of immature and mature sn/

snoRNA largely rely on binding by proteins that recognize their m7G and m3G caps,

respectively. Although these proteins are usually unrelated in terms of function and

sequence, they often share similarities in cap recognition modes. Based on the crystal

structures and thermodynamic data of numerous cap-binding proteins and enzymes in

complex with m7G or m3G derivatives, the selectivity of cap recognition could be

attributed to its two distinctive features: a positively charged nucleobase and a

negatively charged 50–50-triphosphate bridge. Interaction patterns that are common in

all proteins include (i) cation-p stacking interactions involving 7-methylguanine or

2,2,7-trimethylguanine and (ii) hydrogen bonds between the oligophosphate bridge

and positively charged side chains of basic amino acids assisted by electrostatic

attraction of unlike charges (Fig. 3). In themajority of complexes, 7-methylguanine is

stacked with the indole moiety of tryptophan residue (eIF4E, SPN1, DcpS, cNIIIB,

TGS1) and often forms sandwich complexes employing another side chain of an

aromatic amino acid such as Trp, Tyr, Phe (eIF4E, cNIIIB, CBC, VP39) or even the

base of the second nucleoside (SPN1) [23–30]. Interestingly, in most of these

structures, the N7-methyl group is not in direct contact with protein, yet its removal

reduces the affinity ofm7GTP to eIF4E by several orders ofmagnitude, suggesting that

the specificity of m7G recognition is mainly determined by the presence of a positive

chargewithin the nucleobase [24].Another structural feature influencing the affinity to

cap-binding proteins is the oligophosphate chain. Usually, at least two arginine or

lysine residues are engaged in hydrogen bonds with the triphosphate bridge, but the

geometry of those interactions differs from one protein to another.

2 Chemically and Enzymatically Labeled RNA Caps

2.1 Utility of Labeled Capped RNAs and Cap Analogs

Nowadays, capped RNAs can be easily obtained on a small scale by standard

molecular biology techniques and used for the purpose of RNA-driven gene

expression of proteins of interest in living cells or cell lysates [31]. Variously

modified cap analogs are used as small molecule binding and activity probes for

cap-binding proteins and cap-processing enzymes. Finally, capped RNAs and small
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molecule cap analogs are utilized to study RNA turnover in various biological

systems. For biochemical studies, capped RNAs, cap analogs, and their degradation

products isolated from biological mixtures are often resolved by thin layer

chromatography (small nucleotides) or electrophoresis (oligos and nucleic acids)

and visualized by different methods. Because of low concentrations of RNA and cap

Fig. 3 Recognition of mRNA cap structure by different proteins relies on cation-p stacking of
7-methylguanosine and electrostatic interactions with an oligophosphate chain. a Murine translation
initiation factor 4E (meIF4E) in complex with m7GpppG (pdb entry 1L8B) [24]; b cap-binding domain of
human snurportin 1 (SPN1) in complex with m3GpppG (pdb entry 1XK5) [25]; c human decapping
scavenger mutant (hDcpS H277N) in complex with substrate, m7GpppG (pdb entry 1ST0) [26];
d Saccharomyces cerevisiae decapping protein 2 (Dcp2) in complex with cap analog, m7GpSpppSm

7G
(pdb entry 5KQ4) [27]; e Drosophila melanogaster cytosolic nucleotidase IIIB (Ds cNIIIB) in complex
with product, m7G, and MgF3

- as a transition state phosphate mimic (pdb entry 4NV0) [28]; f human
nuclear cap-binding complex subunit (CBC20) in complex with m7GpppG (pdb entry 1N52) [29];
g human trimethylguanosine cap synthase 1 (hTGS1) in complex with substrate analog, m7GTP and
product S-adenosylhomocysteine (SAH) (pdb entry 3GDH) [30]; h Vaccinia virus 20-O methylase VP39
in complex with a capped RNA fragment and SAH (pdb entry 1AV6) [23]
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metabolites in typical samples, standard visualization techniques, such as UV

shadowing, do not provide sufficient sensitivity nor selectivity in detection, which

impairs analysis of complex nucleotide and nucleic acid mixtures. Although

fluorescent staining reagents are used to increase sensitivity of nucleic acid

detection, they are not useful for detection of short oligos and small nucleotides.

Therefore, methods for generation of specifically labeled RNAs carrying radioac-

tive, fluorescent, and other spectroscopic labels are constantly being developed to

provide highly sensitive and selective tools for detection of the molecule of interest

in a complex mixture or to selectively monitor a particular enzymatic reaction or

binding event. In the following sections, we will review enzymatic, chemoenzy-

matic, and chemical approaches enabling RNA cap labeling, with the main

emphasis on modifications of the triphosphate chain and their utility in studying

RNA-related processes. We start from the well-established enzymatic approaches,

which rely on the use of radioactively labeled Nucleoside triphosphates (NTPs), and

RNA-processing enzymes. We then discuss chemical approaches to the synthesis of

phosphate-modified or -labeled cap analogs, followed by examples of their utility as

molecular probes for studying cap-related processes and reagents for modification

of RNA oligonucleotides and long transcripts.

2.2 Cap Biosynthesis

In vivo m7G capping of a nascent transcript occurs in three sequential steps

catalyzed by specific enzymes, namely, RNA triphosphatase (TPase), RNA

guanylyltransferase (GTase), and guanine-N7 methyltransferase (guanine-N7

MTase) (Fig. 4) [32]. First, RNA TPase removes the 50 c-phosphate from ppp-

RNA to generate RNA 50-diphosphate. Subsequently, RNA GTase transfers guanine

monophosphate (GMP) from GTP to the b-phosphate of RNA to form Gppp-RNA

in a reversible two-step ping-pong reaction with lysine-GMP intermediate [33]. The

last step of m7G cap 0 formation is transfer of a methyl group from S-adenosyl-L-

methionine (SAM) to the N7 position of the terminal guanine catalyzed by guanine

N7 MTase [33]. Further optional methylations leading to cap 1 and cap 2 are

performed by other enzymes called 20-O methyltransferases (20-O MTases) (Fig. 4).

Interestingly, formation of cap 0 and cap 1 takes place in the nucleus, while

methylation of cap 1 to produce cap 2 is a cytoplasmic event [34]. The m7G-capping

mechanism dependent on three distinct enzymatic activities is shared from fungi to

higher mammals and utilized by some eukaryote-associated viruses. One such virus

is vaccinia, which encodes its own heterodimeric 127 kDa capping enzyme

(vaccinia capping enzyme, VCE) that combines all three capping activities

necessary for cap 0 biosynthesis. The enzyme was first characterized in 1980

[35], and since then has been extensively studied, and is now a commercially

available molecular biology tool widely used to produce capped transcripts,

including radioactively labeled ones.

The biosynthesis of other eukaryotic cap structures usually relies on post-

transcriptional RNA modification. TMG-capped RNA (m3GpppRNA) is produced

by methylation of m7GpppRNA with TGS1 methyltransferase, which acts in vivo

on immature U1, U2, U4, and U5 snRNAs, whereas the c-methyl cap
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(CH3pppRNA) is generated by methylation of U6 50-triphosphate snRNA with c-
MTase (Fig. 4). Similarly, it was first proposed that biosynthesis of NAD-capped

RNAs in bacteria occurs through the post-synthetic addition of a nicotinamide

nucleotide to the 50 end of RNA [21, 32], but recent studies indicate that this kind of

‘capping’ is rather carried out by bacterial RNA polymerases, which use NAD as a

transcription initiator [34].

2.3 Possible Sites for Cap Modification

From the bioorganic chemist’s point of view, the structural studies provide insights

not only into the recognition mode of natural cap structures but also hints at the

design of chemically modified cap analog-based molecular tools tailored for specific

applications. In general, modifications of the cap should serve at least one of three

purposes: (i) to perturb or even completely destroy biological activity (e.g.,

inhibition of degradation by decapping enzymes); (ii) to increase affinity to

particular cap-binding proteins, thereby augmenting associated biological activity;

(iii) to confer a new property to the cap structure without any interference with its

biological activity (biorthogonal modifications).

Sites for biorthogonal modifications of the cap could be envisaged based on their

crystal structure in complex with a targeted cap-binding protein (Fig. 3). For

example, in the case of eIF4E complex, both m7G hydroxyl groups and the second

nucleoside are exposed to the solvent, and, in fact, these groups were successfully

functionalized with various substituents without significant decrease in affinity

constant. Consequently, the translational activity of mRNAs carrying such cap

structures was at least retained [36–39]. In contrast, ribose of m7G in complex with

DcpS is engaged in numerous contacts and any modification within 20-O and 30-
O positions results in a considerable decrease of the rate of hydrolysis catalyzed by

DcpS [40, 41]. Importantly, the triphosphate bridge appears to be an attractive site

Fig. 4 Enzymatic pathways to generate various eukaryotic cap structures on RNA 50 ends
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for modification, especially in the context of conferring resistance to decapping

enzymes. Because the decapping enzymes involved in 50–30 and 30–50 decay cleave

the triphosphate chain at different positions (a,b- and b,c-, respectively) and employ

different mechanisms to perform catalysis, it is possible to develop modifications

that affect decapping at only one selected position or at both positions.

2.4 32P Labeling of RNA Caps by Enzymatic Approaches

Capped RNAs and cap analogs radiolabeled with 32P were one of the first tools that

enabled biochemical studies of the structural details, functions, and metabolism of

mRNA and snRNA caps. One of the most important applications of such tools is to

investigate the biochemical activities of cap-specific enzymes involved in RNA

turnover. Synthesis of 32P-labeled capped mRNA is usually achieved by transcrip-

tion of a DNA template in vitro, followed by post-transcriptional enzymatic capping

using radiolabeled NTP in at least one of the synthetic steps. Knowing the

mechanistic details of phosphate transfer reactions taking place during transcription

and capping reactions allows the design of methods to produce transcripts that are

site-specifically radiolabeled within or in the vicinity of the cap attached to either a

uniformly radiolabeled or unlabeled RNA body.

2.4.1 Incorporation of 32P into RNA Caps

Usually, RNAs used for biochemical studies are generated in transcription reactions,

in which DNA-dependent RNA polymerase uses four unlabeled (‘cold’) NTPs to

transcribe the DNA sequence encoding a specific promoter region recognized by the

polymerase and sequence the region of interest into RNA (Fig. 5). To obtain RNAs

radiolabeled at the a position of the cap’s triphosphate bridge (m7Gppp*RNA or

CH3ppp*RNA, where p* denotes 32P-labeled phosphate), a ‘hot’, a-phosphate-
labeled version of the first transcribed NTP ([a-32P]NTP) is added to the

transcription reaction. This initially yields transcripts radiolabeled at the a position

of the 50-triphosphate moiety (ppp*RNA), which can be subsequently subjected to

capping by VCE or c-MTase under standard conditions to yield the desired product

(Fig. 5). To obtain capped RNAs radiolabeled within the first phosphodiester bond

(e.g., m7GpppNp*RNA) the [a-32P]NTP version of the second transcribed

nucleotide is added to the transcription reaction, followed by enzymatic capping

(Fig. 5). Finally, 32P can be introduced at the c position of a cap’s triphosphate

chain (to produce m7Gp*ppRNA) by adding [a-32P]GTP into the VCE-mediated

capping reaction performed on ‘cold’ RNA (Fig. 5). Notably, this approach is

different from the two previous ones as it leaves the rest of the RNA body

completely unlabeled. It is also possible to obtain RNA selectively radiolabeled at

the b-phosphate of the cap by adding an appropriate [b-32P] NTP to the transcription

reaction [42]. However, to our knowledge, this approach is rarely used, likely owing

to a lack of commercial availability of [b-32P] NTPs.
32P labeling can be performed in vitro to create RNA of a pre-determined

sequence, but can also be applied to the synthesis of total RNA in cell extracts

followed by biochemical analysis. The latter approach has been employed a number
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of times in different organisms and on various RNA types to analyze the RNA 50

end heterogeneity, with the focus on both the distal cap modification and the

nucleosides at the positions ?1 and ?2. To this end, total RNA is transcribed in cell

extract in the presence of one or more ‘hot’ NTPs. The transcripts are resolved by

electrophoresis, fractions of interest excised from the gel, and subjected to

degradation by 30–50 nuclease such as RNase P1 or a cocktail of ribonucleases,

optionally followed by alkaline phosphatase, which releases nucleosides and

inorganic phosphate from the RNA body but leaves undigested RNA 50 ends of

Xppp(Np)n (where n = 1–3). Released radioactive products can be analyzed using

2D TLC, usually on cellulose plates, or high-performance liquid chromatography

(HPLC) on reversed-phase or ion exchange columns. Alternatively, RNA cleavage

can be performed with a more specific endonuclease. For instance, RNase T1

cleaves RNA after 30-guanylic residues leaving a 30-phosphate and a 50-OH in the

products. This RNase is particularly useful for the analysis of transcripts initiated

with G and labeled within the first transcribed phosphodiester bond (XpppGp*N-

RNA), because it cleaves them to release radiolabeled cap structures of XpppGp*

type (along with other RNA fragments). The identity of the cap structures can be

confirmed by isolation and further digestion by a pyrophosphatase with broad

specificity, such as tobacco acid pyrophosphatase (TAP), which cleaves both

triphosphate bonds. This approach has been used to identify 50 ends of eukaryotic
and viral mRNAs, snRNAs, and snoRNAs [42–45], as well as to verify the

Fig. 5 Generation of differently 32P-labeled RNAs using in vitro transcription followed by enzymatic
capping. Depending on the template sequence and ‘hot’ NTP used in the transcription reaction, RNA can
be labeled at the a position within the cap triphosphate bridge (1) or at the first phosphodiester bond of
transcribed RNA (2). Alternatively, the c-phosphate of the cap structure can be specifically labeled if
‘hot’ GTP is used in VCE-catalyzed capping (3)
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efficiency of incorporation and orientation of synthetic dinucleotide cap structures

introduced into RNA co-transcriptionally [36, 46, 47].

2.4.2 32P-Labeled RNAs and Cap Analogs in the Study of RNA Turnover

Another important use of radiolabeled capped RNAs is for gaining new insights into

mRNA and cap turnover. Cap turnover starts when a transcript is subjected to

cellular RNA degradation machinery. There are two main mRNA degradation

pathways 50–30 and 30–50, both initiated by poly(A) tail shortening [48]. Although

decapping is not the first event in the 50–30 mRNA degradation pathway, as it is

preceded by deadenylation, it is considered as the first highly irreversible step. In

eukaryotes, Dcp1/2 serves as the main decapping enzyme [49]. Dcp2 is a catalytic

subunit belonging to the Nudix family of hydrolases [50, 51] whereas Dcp1 is a

regulatory subunit, which can interact with additional decapping enhancers such as

Edc1, 2, and 3, or PNRC2 [52].

Biochemical analysis using m7Gp*pp- and m3Gp*pp-capped mRNAs and

snRNAs revealed that human and yeast Dcp2 hydrolyze the cap exclusively

between a and b phosphates to yield [a-32P]m7GDP or [a-32P]m3GDP and RNA 50-
monophosphate [50, 51, 53] which can undergo further degradation by 50-
exonucleases (Fig. 6). Dcp2 requires the RNA body for activity as it does not

hydrolyze m7Gp*ppG in vitro [53]. Recently, it has been found that, at least in vitro,

several other enzymes, such as Nudt16, Dxo1, and Rai1, can catalyze RNA

decapping at the a-b position [54–56], but their exact roles in RNA degradation

in vivo are yet to be established.

In contrast, the second main enzyme engaged in cap turnover—DcpS, which is

responsible for depletion of products of 30–50 RNA decay—prefers cap dinu-

cleotides as substrates [57]. m7Gp*ppN dinucleotides and short m7Gp*pp-RNAs are

hydrolyzed by recombinant DcpS between b and c phosphates to yield m7Gp* and a

downstream nucleoside or RNA 50-diphosphate [57–59].

Both decapping pathways produce either m7GMP or m7GDP mononucleotides as

reaction products. For a long time, it was hypothesized that cells must have

developed mechanisms that protect them from accumulation of m7G nucleotides,

which either could inhibit cap-dependent proteins or, after conversion into m7GTP,

be erroneously salvaged by RNA polymerases. A study on degradation of

enzymatically generated m7Gp*ppG-RNA and m7Gp*p in mammalian cell extracts

using TLC and autoradiography suggested that an additional function of DcpS in

mRNA decay is to cleave m7GDP to m7GMP [60]. However, it was later shown that

m7GDP, in contrast to m7GpppG and m7GTP, is not a substrate for DcpS, and at

least in vitro acts as a DcpS inhibitor [61]. A new study performed in yeast and

mammalian cell extracts on m7Gp*ppG, m7Gp*p, and m7Gp* revealed that m7GDP

metabolism may proceed through its phosphorylation to m7GTP carried out by

nucleoside diphosphate kinase (NDPK) and subsequent degradation by DcpS to

m7GMP [62]. Interestingly, m7GMP is not the end product of cap metabolism in

yeast, as degradation of m7Gp*ppG led to only small amounts of m7Gp* and high

amounts of radioactive Pi and some unidentified metabolite X with TLC mobility

similar to Pi [62]. This study has also shown that in the absence of DcpS activity
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(gene knockout), the Fhit enzyme can take part in m7Gp*ppG turnover by cleaving

it between a and b phosphates to release m7Gp*p [62]. Even less is known about

m7GMP metabolism, although a cytosolic nucleotidase III-like enzyme (cNIII) has

been described that utilizes m7GMP as a substrate (Fig. 6) [63].
32P-labeled capped RNA oligonucleotides were used to evaluate the suscepti-

bility of various synthetic cap structures modified in the triphosphate bridge

(discussed in more detail below) to Dcp2 [64, 65] and to screen potential inhibitors

of Dcp2-catalyzed decapping [66]. If short capped RNA oligonucleotides (up to 50

nt) were used as Dcp2 substrates, the electrophoretic resolution of capped and

decapped RNAs could be performed directly on sequencing gels.

2.4.3 Enzymatic Labeling Beyond Radioactive Phosphates

As described in the previous section, by taking advantage of enzymes engaged in

cap biosynthesis and turnover, it is possible to generate 32P-labeled versions of

variously capped RNAs, different cap structures, and cap metabolites, which

provide tools instrumental in numerous biological studies (Fig. 6). However,

labeling with 32P has some limitations such as the production of unpredicted

radioactive metabolites or incompatibility with continuous (on-line) enzymatic

activity monitoring, in vivo studies, and in cellulo visualization. Therefore, labeling

methods directed towards introduction of fluorescent labels or biological tags into

Fig. 6 Investigation of RNA degradation and cap turnover pathways using ‘hot’ c-phosphate-labeled
capped RNA. The main enzymes involved in these processes in vivo are marked in bold. Schematic
representation of a typical TLC analysis of cap turnover in the presence of different enzymes

123

Top Curr Chem (Z) (2017) 375:16

Reprinted from the journal222



capped RNA are constantly being developed. Interestingly, some of those methods

rely on the same biochemical approaches as those developed for radioactive

labeling. For example, it has been recently reported that VCE apart from GTP

accepts certain GTP analogs as substrates, including those functionalized at the

ribose moiety [67–69]. Taking advantage of this, VCE has been independently used

to transfer a biotinylated [69] or anthraniloylated [68] GMP moiety to the 50 end of

RNA from a GTP analog appropriately functionalized at the ribose moiety. Notably,

the label structure is of great importance for success in this approach, since a similar

reaction using GTP carrying a manthraniloyl dye failed to produce capped

transcripts [68]. Another interesting chemo-enzymatic approach to enzymatic cap

labeling proposed by Rentmeister et al. takes advantage of methyltransferase

activity of trimethylguanosine synthase 2 from Giardia lamblia (GlaTgs2-Var1).

GlaTgs2-Var1 was first mutated (V34A) to accommodate bulkier, chemically

modified analogs of S-adenosyl-L-methionine (SAM) as co-substrates [70–72],

thereby allowing for transfer of various functional groups from synthetic SAM

analogs onto the N2 position of an m7G moiety within the cap. The introduced

functional groups were reactive in so-called click reactions such as cop-

per(I) (CuAAC) or strain promoted azide-alkyne cycloaddition (SPAAC), tetrazole

photoclick (PC), thiol-ene conjugation (TEC) and inverse electron-demand Diels–

Alder cycloaddition (IEDDA) and, as such, were used to label a dinucleotide 50 cap
analog m7GpppA with properly functionalized fluorescent dyes. Although such

modifications of N2 position are expected to disturb mRNA activity in translation,

they have great potential for applications related to labeling and quantification of

endogenous or exogenously delivered RNAs in vitro and in vivo. Recently, another

methyltransferase—Ecm1 from the microsporidian parasite Encephalitozoon cuni-

culi—was shown to transfer some bulky residues from SAM analogs to the N7 atom

of GpppG capped transcripts [72]. Such functionalized mRNAs were then delivered

into HeLa cells by transfection where they reacted with dibenzocyclooctyne

functionalized sulforhodamine B in a SPAAC reaction.

2.5 Chemical and Chemoenzymatic Approaches Towards Phosphate-
Modified Cap Analogs

2.5.1 Possible Sites for Chemical Modifications of the RNA Caps

The repertoire of available enzymatic methods to modify cap structures is restricted

by substrate specificity of particular enzymes. Much greater versatility of cap

analogs can be generated by means of chemical synthesis. The influence of chemical

modifications within the cap on its biological properties has been studied almost

since the very moment of cap discovery. To date, almost every position of m7G and

TMG cap structures has been chemically modified, and the influence of those

modifications on interaction with cap-binding proteins has been studied, often

followed by the determination of the biological consequences of such modifications

on RNA stability, transport, and translation. Interestingly, triphosphate chain

modifications were explored much later than modifications of the 7-methylguanine

or ribose moieties [36, 73–76], but turned out to have great potential to modulate the
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interactions of the cap-structure with cap-binding proteins and its susceptibility to

different decapping enzymes.

In the next paragraphs, we describe the variety of phosphate modifications that

can be introduced into mRNA cap analogs by means of chemical synthesis followed

by their selected biochemical, biological and even medicinal applications, as small

molecules, as a part of RNA oligonucleotides, and as full-length transcripts.

2.5.2 Synthesis of RNA Caps: P-Imidazolides and MCl2-Mediated Coupling

The main challenge in chemical synthesis of cap analogs is the formation of the

pyrophosphate bonds from two different phosphate derivatives necessary to attain

an asymmetrically substituted oligophosphate bridge. The most commonly used

method relies on conversion of one of the phosphate substrates into P-imidazolide,

which could be then coupled with an appropriate nucleophile in a MCl2-mediated

reaction (where M stands for metal, usually Zn or Mg) [77, 78]. Such an approach

provides a relatively simple way to obtain a wide scope of chemically modified

oligophosphate mono- and diesters (Fig. 7), including phosphorothioates [79–81],

seleno- [82], borano- [83], and fluorophosphates [84], as well as phosphoramidates

[85], C-phosphonates [86], and bisphosphonates [87]. P-imidazolides were shown to

react readily with other inorganic nucleophiles such as fluorides [84] and sulfates

[88] to yield fluorophosphates and phosphosulfates, respectively.

An important limitation of this method lies in the synthesis of P-imidazolides,

which is very efficient for non-modified mono-, di-, and even triphosphates but fails

to produce a satisfactory yield of the desired product from compounds modified

within the terminal phosphate. A solution to this problem was proposed by

introducing electrophilic phosphorylating reagents, such as cyanoethyl phosphate or

thiophosphate P-imidazolides, which are capable of reacting with non-activated

nucleotides (Fig. 7) [89]. Such reagents were shown to react with a series of

phosphates, phosphorothioates, and seleno- and borano-phosphates, which was

followed by one-step removal of cyanoethyl-protecting groups, provided straight-

forward access to a-modified nucleoside diphosphates and b-modified

triphosphates.

The P-imidazolide-based approach was employed for the synthesis of many

phosphate-modified cap analogs used as research tools for probing interaction with

cap-binding proteins and enzymes. One example is a therapeutically important cap

analog called b-S-ARCA [80, 90], bearing a 20-O-methyl group within the ribose of

7-methylguanosine and a phosphorothioate modification at the b position of the

triphosphate bridge (Fig. 8a). The synthetic pathway included two consecutive

ZnCl2-mediated coupling reactions: first P-imidazolide of 20-O-methyl-7-methyl-

guanosine monophosphate was reacted with triethylammonium thiophosphate and

the resulting b-thiodiphosphate was coupled with P-imidazolide of guanosine

monophosphate. Notably, the final product was obtained as a roughly equimolar

mixture of RP and SP diastereoisomers resulting from the b-phosphate modification.

Nonetheless, diastereoisomeric cap analogs could be separated by semi-preparative

reversed-phase (RP) HPLC even at a multi-milligram scale.
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Another example of the usefulness of MCl2-mediated coupling reactions

involving P-imidazolides is the synthesis of a symmetrical two-headed tetraphos-

phate cap analog [91], which was found to be a potent inhibitor of Dcp2 decapping

enzyme acting as an mRNA 50 cap mimic [27, 66]. Owing to the symmetry of the

final compound, it was possible to perform two coupling reactions in one synthetic

step, starting with P1,P2-diimidazolyl-pyrophosphate and two equivalents of

7-methylguanosine 50-phosphorothioate (Fig. 8b).

MCl2-mediated coupling reactions usually reach very high conversion of

reactants in a reasonable length of time (1–48 h depending on the sterical

hindrance); however, they require an excess of divalent metal chloride (4–16 molar

equivalents) [77, 78]. ZnCl2, MgCl2, or MnCl2 are the most commonly used for that

purpose (Fig. 8). The role of metal ions is probably complex and has never been

studied in detail, but the catalytic effect could be mainly attributed to three aspects

related to the formation of phosphate complexes (Fig. 8d): (i) eliminating the

electrostatic repulsion between negatively charged moieties and templating the

reactants, (ii) increasing the solubility of reactants in an organic solvent (usually

DMF), and (iii) increasing the electrophilicity of phosphorus atoms by complexation

of imidazole.

Fig. 7 Reactivity scope and limitations of P-imidazolides as substrates for the synthesis of chemically
modified phosphate derivatives
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2.5.3 Phosphate-Modified Cap Analogs as Molecular Probes for Cap-Dependent

Processes

A significant number of dinucleotide phosphate-modified cap analogs carrying

single or multiple O-to-X substitutions in the tri- or tetraphosphate chain (where X

is a single atom or a group of atoms) have been systematically studied over the last

decade to probe the structural requirements of eIF4E protein for cap recognition

[81, 83, 86, 92, 93]. These studies revealed that while some modifications disturb

recognition by eIF4E, some have a rather negligible effect, whereas others stabilize

the cap-eIF4E complex (Fig. 9). The affinity of eIF4E influences the ability of the

cap to promote mRNA translation, thereby modulating properties of mRNA

molecules in vitro and in vivo, as described further in chapter 2.4.4. Similarly,

phosphate-modified m3G cap analogs were employed to study interaction of m3G

cap with SNP1, degradation by hNudT16, and nuclear import of m3G cap

bioconjugates [94–96].

Phosphate moieties of small molecule cap analogs such as 7-methylguanine

mononucleotides or dinucleotides can be easily modified to carry a spectroscopic

label sensitive to changes in the local environment caused by protein binding or

enzymatic cleavage. Synthesis of such probes can be achieved by chemical

modification of the terminal phosphate moiety in a mononucleotide. The terminal

phosphate can be conveniently functionalized using a variety of chemistries to

Fig. 8 Synthetic pathways leading to important chemically modified cap analogs. a The key steps in the
synthesis of b-S-ARCA analog; b synthesis of a two-headed tetraphosphate cap analog—inhibitor of
Dcp2 enzyme; c synthesis of a cap analog containing a c–d imidodiphosphate moiety in the
tetraphosphate bridge; d putative role of divalent metal cations in coupling reactions. Reagents:
(i) imidazole, 2,20-dithiodipyridine (DTDP), triphenylphosphine (Ph3P), triethylamine (TEA), DMF; (ii)
triethylammonium thiophosphate, zinc chloride, DMF; (iii) thiophosphoryl chloride, 2,6-
dimethylpyridine, trimethyl phosphate; (iv) zinc chloride, DMF
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enable label attachment. These include nucleophilic substitution reaction of

nucleotide imidazolides with a phosphate nucleophile carrying the label described

above, S-alkylation of the thio-analogs with alkylhalide derivative of the label, and

copper-catalyzed azide-alkyne cycloaddition of an alkyne functionalized cap analog

with an azido compound (Fig. 2). The P-imidazolide approach has been used for the

synthesis of fluorophosphate analogs of 7-methylguanosine mononucleotides:

m7GMPF, m7GDPF, and m7GTPF (Fig. 2a) [84]. The compounds were tested as
19F NMR probes for cap-related processes. m7GTPF was used as a binding probe for

eIF4E in a 19F NMR assay based on changes in the transverse relaxation rate upon

binding by the protein [84]. All three compounds: m7GMPF, m7GDPF, and

m7GTPF, were found useful for monitoring activity of DcpS as they were cleaved

by the enzyme to m7GMP and a corresponding fluorine-containing leaving group: a

fluoride anion, fluoromonophosphate, and fluorodiphosphate, respectively. Each of

the products could be detected due to different dF chemical shifts compared to the

corresponding substrate (Fig. 10a) [84]. As a more sensitive alternative to 19F NMR

experiments, a fluorescent inhibitor screening assay for DcpS based on P–F bond

cleavage in m7GMPF and the use of a fluoride-sensitive chemosensor for product

quantitation has been developed (Fig. 10b) [97].

S-alkylation of ATPcS and GTPcS has been used for preparation of fluorescent

activity and binding probes for ATP and GTP binding proteins, with GTPcSBO-
DIPY as the best known example [98]. Recently, S-alkylation of a thio analog of

m7GTP, namely m7GTPcS, has been used to synthesize an acetylpyrene-(AcPy)-

labeled probe, m7GTPcSAcPy (Fig. 2b) [99]. Comparison of the fluorescent

properties of m7GTPcSAcPy with AcPy-thiophosphate and GTPcSAcPy revealed

that the cationic form of m7G enhances AcPy fluorescence up to threefold, in

contrast to guanine which is a strong AcPy quencher. As a consequence, the

fluorescence intensity of m7GTPcSAcPy decreased upon cleavage by DcpS, which

Fig. 9 Influence of cap triphosphate chain modifications on affinity to translation initiation factor 4E and
susceptibility to decapping enzymes (listed are modifications conferring resistance/decreasing
susceptibility to either enzyme)
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enabled both online DcpS activity monitoring as well as inhibitor screening assay

development (Fig. 11c) [99]. The vivid difference between the influence of guanine

and 7-methylguanine on AcPy fluorescence opens avenues for using GTPcSAcPy to

study biologically relevant guanine N7 methylation processes.

2.5.4 mRNA Modification with Synthetic Cap Analogs (Transcription In Vitro)

Beside their use as small molecular ligands, phosphate-modified dinucleotide cap

analogs can be used as reagents for mRNA 50 end modification, as previously

reviewed by us in detail [92].

The incorporation of dinucleotide cap analogs into RNA can be achieved co-

transcriptionally by in vitro transcription reactions. To this end, a DNA template

encoding G as the first transcribed nucleotide is transcribed by a bacteriophage RNA

polymerase in the presence of all four NTPs, and a dinucleotide m7GpppG. The

transcription is initiated by the nucleophilic attack of the 30-OH group of guanosine

from m7GpppG or GTP on the a phosphate of the second transcribed nucleotide to

produce, eventually, a mixture of capped and uncapped transcripts (Fig. 12). To

increase the fraction of capped RNAs in the transcription product (capping

efficiency), the concentration of GTP in the reaction mixture is usually decreased,

whereas m7GpppG concentration is elevated (up to tenfold over GTP) [100].

Pasquinelli et al. have shown that T7 RNA polymerase can initiate the transcription

by the attack of the 30-OH group of 7-methylguanosine in m7GpppG, thereby

incorporating the dinucleotide in the so-called reverse orientation (Fig. 12) [46].

Such event results in 30–50% of capped mRNAs having non-functional cap

structures, which are not translated efficiently by cap-dependent mechanisms. A

solution to that problem was proposed in the form of anti-reverse cap analogs

(ARCAs). These analogs are modified (or blocked) at the 30- or 20-OH hydroxyl of

7-methylguanosine to prevent recognition of this moiety by RNA polymerase

Fig. 10 Various approaches to cap analog functionalization via terminal phosphate. a Synthesis of
7-methylguanine mononucleotides labeled with fluorine atom via phosphorimidazolide chemistry;
b synthesis of cap analogs carrying an acetylpyrene label via S-alkylation of the terminal
phosphorothioate group; c synthesis of triazole-containing dinucleotide analogs via CuAAC
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[36, 101, 102]. The simplest and most commonly used modification is methylation

of one of those groups, but ARCAs containing hydrogen (O–H substitution) or

fluorine (O–F substitution) or even bulkier substituents have also been reported

[37, 38, 103–106]. Importantly, chemical modifications at these positions do not

affect interactions with eIF4E or translation efficiency of such capped mRNAs,

although, in the case of some bulkier substituents, the translation efficiency can be

slightly decreased in comparison to ARCAs carrying simply a methyl group

[37, 38]. Adenine dinucleotides such as NAD, FAD, and dpCoA can be introduced

into RNA 50 ends by transcription in vitro of a DNA template encoding A as the first

transcribed nucleotide [107].

Importantly, the co-transcriptional capping approach opens the possibility for

straightforward introduction of chemical modifications into the cap. First, the ‘anti-

reverse’ type modifications of the m7G cap can be additionally functionalized to

carry a label or a biological tag such as biotin or fluorescent dye. Second, a number

of phosphate-modified nucleotides were shown to be accepted as transcription

initiators for T7 and SP6 RNA polymerases, giving access to phosphate-modified

capped mRNAs as tools to study the specificity of cleavage by RNA-dependent

capping enzymes, with Dcp1/2 being the prime example [64, 65, 108]. Two

methylene-bisphosphonate ARCAs differing in the site of O to CH2 substitution

(either a–b or b–c, Fig. 9) allowed for differential inhibition of decapping pathways

[64]. First, in vitro experiments were performed on short radiolabeled RNAs to

Fig. 11 Applications of phosphate-modified cap analogs for monitoring or assaying activity of the
human DcpS enzyme. a DcpS activity monitoring using 19F NMR and m7GTPF as a substrate; b the idea
of high-throughput inhibitor screening assay for DcpS using m7GMPF as a substrate and a fluoride-
sensitive chemosensor as a fluorogenic probe; c assaying DcpS activity by monitoring hydrolysis of an
acetylpyrene-labeled fluorescent probe
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determine the susceptibility of the modified caps to recombinant hDcp2. It was

found that the RNAs with the cap modified at the a–b position were resistant to

cleavage by Dcp2, while the RNAs with the cap modified at the b–c position were

similarly susceptible to the unmodified cap. A study on degradation of full-length

mRNAs in mammalian cells revealed that preventing the cleavage at the a–b
position of the triphosphate bridge (performed by Dcp1/2) increases the half-life of

mRNA. This observation combined with earlier studies which showed that

modification at the b-c position protects the cap from cleavage only by DcpS

leads to the conclusion that cap degradation is a limiting step for the 50–30

degradation pathway but not for the 30–50 pathway (Fig. 9).

Fig. 12 Synthesis of capped RNAs by so-called co-transcriptional capping during transcription in vitro.
a General scheme of the process; b structural requirements for a cap analog to be incorporated into
mRNA and to produce anti-reverse cap analogs (ARCAs)
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Despite the extended half-life of mRNAs capped with a-b modified analogs, such

transcripts had poor translational properties, which inspired the quest for novel cap

structures that could confer to mRNA both resistance to Dcp2 and high translational

efficiency. The first analogs, which combined these two features, were compounds

carrying a non-bridging O–S substitution at the beta position of the triphosphate

chain, referred to as b-S-ARCAs [108]. Later, it was found that similar properties

could be conferred to mRNA by an O-to-BH3 substitution [65, 83]. Recent studies

have shown that applying two O–S substitutions at two adjacent phosphate moieties

in a tri- or tetraphosphate bridge may provide biological properties superior to b-S-
ARCA [81]. A series of phosphate-modified analogs carrying O-to-S, O-to-NH,

O-to-BH3, and O-to-Se substitutions at different positions have been used to study

mRNA degradation in HeLa cells [65].

Typically, even small bridging modifications of the oligophosphate chain

decrease the translation potential of mRNA, but the relation between size of the

substituent and biological properties is not so obvious. Recently, a series of 34 cap

analogs carrying a 1,2,3-triazole moiety within the oligophosphate chain were

synthesized using copper-catalyzed azide-alkyne cycloaddition [86]. Biochemical

evaluation of RNA co-transcriptionally capped with these analogs led to identifi-

cation of two analogs, which despite this bulky triazole modification had

translational properties similar to cap structures carrying an unmodified triphosphate

chain. This unexpected finding highlights possibilities of novel approaches towards

the synthesis of small molecule cap analogs as well as capped RNAs.

2.5.5 Phosphate Modifications for Chemical Capping Approaches

Over the 40 years since the discovery of the cap structure, chemical synthesis has

provided access to a still-growing library of small molecule cap analogs, while the

molecular biology techniques enabled incorporation of these structures into long

RNAs. Somewhat surprisingly, exploring the ‘middle ground’—which is the

efficient synthesis of short capped oligonucleotides in high purity—still poses a

challenge both for chemistry and biology. Short m7GpppRNAs, m3GpppRNAs, and

NAD-RNAs have been synthesized by chemical reaction of RNA-50 phosphates
with appropriate imidazole-activated nucleotides under aqueous conditions

[109–112], but these reactions are only moderately efficient and require time-

consuming chromatographic and/or enzymatic work-ups to separate capped and

uncapped RNAs. An improvement in solution synthesis of capped oligomers has

been proposed by using a 4,40-dimethoxytrityl (DMT) group as a lipophilic

purification handle, which facilitates separation of capped RNAs from uncapped

RNAs by RP HPLC [113]. Solid-phase synthesis of capped oligonucleotides has

been attempted as well, but found to be challenging due to incompatibility of the

m7G moiety with standard oligonucleotide de-immobilization and de-protection

protocols [114–118]. Combination of RNA capping via these approaches with

phosphate modifications appears even more challenging and remains to be

demonstrated.

As such, a universal non-enzymatic method for the generation of bulk amounts of

short capped RNAs would be of great interest to both chemical and biological
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communities. To this end, alternative approaches to chemical RNA capping based

on click chemistry have recently come into focus. One interesting alternative to the

P-imidazolide approaches that has been recently proposed is based on the selective

reaction of benzyl diazomethane derivatives with the terminal phosphate of

unmodified RNA 50-(mono/di/tri)phosphates to give appropriate benzyl esters [119].

Such a reaction was applied for the functionalization of the RNA 50 end with an

orthosteric inhibitor of translation targeting the cap-binding site of eIF4E (Fig. 13a).

Another example is chemical functionalization of short RNAs containing a modified

50-(oligo)phosphate carrying an alkyne handle with azide-containing m3G cap

analogs or 50-azido-50-deoxy-7-methylguanosine (Fig. 13 b, c) [86, 96]. Interest-

ingly, some RNAs capped with m3G analogs obtained by CuAAC were still found

to be recognized by decapping enzyme hNudT16, suggesting that these types of

conjugates may be useful for biochemical and structural studies [96]. Conditions for

high-yielding RNA click modifications that enables retaining desired biological

activities of capped RNAs is yet to be determined, but if achieved it could finally

provide access to high-yielding synthesis of short capped RNA mimics.

3 Summary and Future Prospects

Cap is a natural tag attached to the 50 end of messenger RNA and small nuclear

RNA, which due to its unique structural features fulfills essential biological

functions during the process of gene expression. The ‘inverted’ 50-to-50 triphosphate
bridge, alongside with a 7-methylguanosine moiety, is one of the two crucial

elements of the mRNA cap structure. The triphosphate bridge is a site of cleavage

for RNA decapping enzymes and is involved in the electrostatic interactions with

other cap-related proteins. Therefore, synthetic cap analogs modified within the

triphosphate bridge or carrying spectroscopic labels attached to phosphate moieties

turned out to be valuable tools for studies on mRNA metabolism, modification of

natural mRNA properties, or molecular probes for screening inhibitors of cap-

dependent processes/proteins. Biorthogonal methods for modification of biologi-

cally relevant molecules give exceptional opportunities to follow or even to

manipulate these processes inside the cells. mRNA has a great potential for use as a

therapeutic agent in gene therapy, emerging in several ongoing clinical trials, which

is a driving motivation for the development of new molecular tools for mRNA cap

modification and for the construction of new cap-based molecular probes. Much

progress has been made in microscopic techniques and single-molecule experiments

allowing investigation into the properties of individual molecules, and providing

another motivation to develop new methods for mRNA cap-labeling. The authors of

this chapter are convinced that the coming years will bring intensification of studies

aimed at developing new applications of labeled cap analogs in a cellular context.

The continuous improvements in understanding of how the cap interacts with its

cellular partners, protein factors, and decapping enzymes lead us to believe that in

the future, modifications introduced into the mRNA cap structure will minimize the

interruption of mRNA biological functions. Progress in the design and synthesis of

molecular probes will enable investigation of processes that are poorly understood,
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such as cellular correlation between initiation of translation and mRNA degradation,

post-transcriptional methylation of mRNA 50 end, and antiviral immune response.

The discovery of structures similar to the mRNA cap, such as the NAD cap in

bacteria, may also open a new chapter in this field. Various approaches applied for

the investigation of mRNA and snRNA caps can be adapted to study biological

functions of their bacterial relatives. Finally, advancements in screening method-

ologies will allow researchers to find more selective inhibitors of cap-dependent

processes with high therapeutic potency. The immense progress in nucleotide and

nucleic acid delivery methodologies we are currently witnessing will likely bring

phosphate-modified cap analogs to in vivo applications.
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Fig. 13 Modification of the RNA 50 end by direct attachment of cap analogs or mimics (chemical
capping). a Chemical esterification of phosphorylated RNA using a diazobenzyl derivative of translation
inhibitor-targeting eIF4E protein; b application of CuAAC for conjugation of a dinucleotide m3G cap
analog and chemically synthesized RNA; c chemical capping of enzymatically synthesized RNA with 50-
azido-50-deoxy-7-methylguanosine under CuAAC conditions
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