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PREFACE

Volume 3 presents recent research on Bilayer Lipid Membranes (BLMs) based on
a historic perspective of the lipid bilayer concept and its experimental realization.
Many of the contributing authors were in close collaboration with late Prof. H. Ti
Tien, the funding editor of this book series, on the use of supported BLMs for
biosensors and molecular devices development.

In 1961 at the Symposium on the Plasma Membrane, when a group of re-
searchers (Rudin, Mueller, Tien and Wescott) reported the reconstitution of a
bimolecular lipid membrane in vitro, the report was met with skepticism. Those
present included some of the foremost proponents of the lipid bilayer concept,
such as Davson, Danielli, Stoeckenius, Adrian, Mauro, Finean and many others.

The research group began the report with a description of mundane soap
bubbles, followed by ‘black holes’ in soap films, y ending with an invisible ‘black’
lipid membrane, made from lipid extracts of cow’s brains. The reconstituted
structure (6–9 nm thick) was created just like a cell membrane separating two
aqueous solutions. As one of the members of the amused audience remarked,
‘‘y the report sounded like y cooking in the kitchen, rather than a scientific
experiment!’’ That was in 1961, and the first report by the group was published a
year later. In reaction to that report, Bangham, the originator of liposomes, in an
article written in 1996 entitled ‘Surrogate cells or Trojan horses’: ‘‘y a preprint of
a paper was lent to me by Richard Keynes, then Head of the Department of
Physiology (Cambridge), and my boss. This paper was a bombshell y . They
(Rudin, Mueller, Tien and Wescott) described methods for preparing a membrane
y not too dissimilar to that of a node of Ranvier y . The physiologists went mad
over the model, referred to as a ‘BLM,’ an acronym for Bilayer or by some for
Black Lipid Membrane. They were as irresistible to play with as soap bubbles’’

Indeed, the group under the leadership of D.O. Rudin, then working in Phil-
adelphia, PA, on the 9th floor, at Eastern Pennsylvania Psychiatric Institute (now
defunct), was playing with soap bubbles with the ‘equipment’ purchased from the
local toyshop! While nothing unusual for the researchers at work, it must have
been a curious and mysterious sight for the occasional visitors who happened to
pass through the laboratories there!

Today, after four decades of research and development, BLMs (also referred to
nowadays as planar lipid bilayers), along with liposomes, have become estab-
lished disciplines in certain areas of membrane biophysics and cell biology and in
biotechnology. The lipid bilayer, existing in all cell membranes, is most unique
in that it serves not merely as a physical barrier among cells, but functions as a
two-dimensional matrix for all sorts of reactions. Also, the lipid bilayer, after suit-
able modification, acts as a conduit for ion transport, as a framework for anti-
gen–antibody binding, as a bipolar electrode for redox reactions, and as a reactor
for energy conversion (e.g. practical AIDS research, and ‘microchips’ study. In
reactions involving light, BLMs have provided insights into the conversion of
solar energy via, water photolysis, and to photobiology comprising apoptosis and

ix



photodynamic therapy. Supported bilayer lipid membranes (s-BLMs) are being
used in biosensor development. In addition, this volume reviews the studies of
others in collaboration with our laboratory and also recent research of others on
the use of BLMs as models of certain biomembranes.

With this background in mind, the present volume of Advances series on planar
lipid membranesand liposomes continues to include invited chapters on a broad
range of topics, ranging fromtheoretical research to specific studies and exper-
imental methods, but also refers to practical applications in many areas. The
author of each chapter presents the results of his/her laboratory. We continue in
our endeavor to focus in this series on newcomers in this interdisciplinary field,
but we also wish to attract experienced scientists. We also try to show the im-
portance of BLMs applications for further development of this scientific research
worldwide. The contributed chapters are separate entities to themselves, but they
have one common feature. They are based on lipid bilayer concept of biomem-
branes, and have a significant impact to further development of the lipid bilayer
research. We are thankful to all contributor(s) for their expert knowledge in BLM
research area, for the shared information about their work and also for their
patience in preparation of this volume after the unexpected death of the funding
editor Prof. H. Ti Tien. Their willingness to write these chapters in his memory is
much appreciated by the whole scientific community.

The first stage of editorial work on this volume is still based on a joint effort of
late Prof. H.T. Tien and me. I would like to express my gratitude once more to
everybody who contributed a chapter to this volume. I highly value the support
and help of Dr. Kostas Marinakis, Publisher of Chemistry and Chemical Engi-
neering Department in Elsevier and all his coworkers, especially Deirdre Clark
in different stages of preparation of this book series. We will try our best to
keep these Advances series alive and to pay our tribute to the scientific works of
Prof. H. Ti Tien.

Angelica Leitmannova Liu
(Editor)
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PROLOGUE

Hormone–receptor interactions play a key role in controlling balanced home-

ostasis. A hormone is a naturally occurring substance secreted by specialized

cells that affect the metabolism or behavior of other cells possessing functional

receptors for the hormone. The interaction between a hormone and its comple-

mentary receptor stimulates a physiological response in the target cell.

Cell membranes are composed of lipids, proteins, carbohydrates, and choles-

terol in the form of a phospholipid double (bilayer) containing phospholipid mol-

ecules with a long hydrophobic tail and a hydrophilic head group embedded in the

membrane proteins. As the structure of the lipid bilayer prevents the free passage

of hormones into and out of the cell, specific receptors are required to mediate the

interaction between the extracellular membrane phase and the intracellular vol-

ume. Receptors belong to a special class of transmembrane proteins that bind

signaling molecules. Following binding, the receptor acts as a signal transducer

that converts an extracellular ligand-binding event into an intracellular signal,

thereby altering the activity of the target cell.

The universally studied model system for the cell membrane is a synthetic

phospholipid bilayer that serves as a physical barrier between liquid compart-

ments. Furthermore, the bilayer can function as two-dimensional (2D) matrix for

biological reactions. Biological activity is accomplished by suitable modification of

the bilayer, such as embedding biologically active molecules like receptors, ion-

channels, antigen, antibody, and signal transduction proteins.

This chapter describes the contribution of a biologically modified supported

bilayer in the field of endocrinology and its importance to pharmacology, epide-

miology, virology, medicine, and environmental sciences. The binding of hor-

mone to its receptor activates a cascade of reactions within the cell that affect

physiological and biological function.

1. HORMONES

Cells communicate through chemical signals. A hormone is defined as a complex

signal molecule produced in a specialized cell that elicits a physiologic response

in another cell bearing a receptor for the hormone. Thus, hormone systems can

be described as a broadcast of long-lasting chemical messengers. Hormones can

be hydrophilic, in which case the receptors are on the cell surface, or lipophilic, in

which the receptor can be intracellular. Although certain hormones can circulate

dissolved in the blood, most are bound to plasma proteins.

Hormones produced by the endocrine glands are secreted by cells directly into

the general circulation, exerting a physiologic effect on target cells located at

distant sites. The endocrine chemical communication system comprises the pi-

tuitary gland, pineal body, thyroid and parathyroid glands, adrenals, pancreas,

V. Sacks-Granek and J. Rishpon2



and gonads (testes and ovaries). A partial list of human hormones produced by

the endocrine glands is presented in Table 1.

1.1. Classification of hormones

Hormones are derived from amino acids, cholesterol, or phospholipids (Fig. 1).

Chemically, hormones are classified as (1) proteins or peptides, (2) modified

amino acids, or (3) steroids.

1.1.1. Proteins and peptides

The size of protein or peptide hormones ranges from as few as 3 amino acids to

over 200 residues. One group of peptide hormones, represented by insulin, con-

sists of two subunits attached by disulfide bonds between two cysteine mole-

cules. The more complicated structures are the glycoprotein hormones. For

example, the anterior pituitary gland hormone comprises two protein subunits

attached by complex sugar moieties [1].

Table 1. Human hormones produced by the endocrine system

Hormone Principal source

Thyroid-stimulating hormone (TSH) Pituitary gland

Follicle-stimulating hormone (FSH) Pituitary gland

Luteinizing hormone (LH) Pituitary gland

Growth hormone (GH) Pituitary gland

Adrenocorticotropic hormone (ACTH) Pituitary gland

Gonadotropin-releasing hormone (GnRH) Pituitary gland

Dopamine Pituitary gland

Melatonin Pineal body

Throxin (T4) Thyroid Gland

Parathyroid hormone (PTH) Parathyroid glands

Glucocorticoids (e.g., cortisol) Adrenal cortex

Mineralocorticoids (e.g., aldosterone) Adrenal cortex

Androgens (e.g., testosterone) Adrenal cortex

Adrenaline (epinephrine) Adrenal medulla

Noradrenaline (norepinephrine) Adrenal medulla

Estrogens (e.g., estradiol) Ovarian follicle

Progesterone Corpus luteum and placenta

Human chorionic gonadotropin (HCG) Trophoblast and placenta

Androgens (e.g., testosterone) Testes

Insulin Pancreas (Islets of Langerhans)

Insulin-like growth factor (IGF-1) Liver

Supported Lipid Bilayers for the Detection of Hormone-Receptor Interactions 3



1.1.2. Modified amino acids

Amine hormones are derived from amino acids – for example, the catechola-

mines (epinephrine (EP) (adrenalin) and norepinephrine), thyroxine from tyro-

sine, histamine from histidine, and serotonin from tryptophan. The activity of

norepinephrine as both neurotransmitter and hormone is just one example of the

complexity of endocrine balance and control. The catecholamine hormones are

secreted by the adrenal medulla and are rapidly broken down once released into

the circulation. Tryptophan is the precursor of serotonin (5-hydroxytryptamine)

and melatonin synthesis. Thyroid hormones are formed by the conjugation of two

tyrosine molecules.

1.1.3. Steroids

Steroid hormones are derived from cholesterol except for retinoic acid, which is

derived from vitamin A. All adrenal and gonadal steroids (sex hormones), in-

cluding vitamin D, have the same basic ring skeleton structure (Fig. 2). The

specificity of steroid hormones derives from side chains, residues, and spatial

orientation. Steroid hormones are transported bound to plasma proteins and

typically react with receptor sites inside a cell. Thyroid hormones resemble ster-

oid hormones in their binding to serum proteins and mechanism of action.
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Fig. 1. Schematic demonstration of hormone classification.
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1.1.4. Phospholipids

Another group that should be mentioned includes hormones derived from lipids

and phospholipids. This group includes the major classes of eicosanoids, in-

cluding prostaglandins, prostacyclins, thromboxanes, and leukotrienes (Fig. 3).

1.2. Mechanism of action

A hormone elicits a response in its target cells following recognition by a cell-

surface receptor protein specific for that particular hormone. This unique receptor

molecule is the only receiver that can accept the message, recognize the specific

hormone, and mediate the biological pathway to activate the intracellular re-

sponse to the signal. The binding of hormones to their complementary receptors
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Fig. 2. Schematic ring skeleton structure of steroid hormones.
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can either activate or inhibit various cellular functions. The diversity of receptor

structures and functions is exceptionally broad.

1.2.1. Regulation

The absolute hormone concentration in plasma is of great importance in health

balance. Any deviation from the physiological hormone concentrations is crucial

and can result in acute disease. The parameters for achieving the precise local

hormone concentration are hormone reproduction versus hormone degradation,

hormone delivery rate, and the equilibrium between bound and free hormone.

The secretion of hormones is regulated by feedback loops that control the

hormone concentration in the blood. Figure 4 schematically describes a simple

feedback loop.

One example of the feedback mechanism in the human body is male sperm

production in which the release of follicle-stimulating hormone (FSH) and luteinizing

hormone (LH) from the brain is followed by the production of testosterone, the main

androgen (male sex hormone) produced by the testes. Sperm production, as well

as several secondary male sex characteristics (deepening voice, beard growth,

appearance of body hair), is derived from the amount of testosterone in the blood.

When the testosterone concentration achieves the optimal concentration, sperm

production is stimulated, whereas the production of the brain hormones (FSH, LH)

is inhibited when testosterone is increased. This feedback loop is summarized

in Fig. 5.

2. RECEPTORS

Cell-surface receptors are integral membrane proteins that interact with the hor-

mone and stimulate direct or indirect response of the cell organelles, including the

Lipids

Phospholipids Phospholipase A2
Arachidonic Acid COX-I or COX-II PGE2, PGE2α, TX, PGI2

PGEI and PGEIαLipase Linoleic Acid

Diet

γ-Linoleic Acid Homo-γ-Linoleic Acid

Lipocorin
(Annexin I)

Lipoxygenase

Peroxide
Fatty acid derivatives

Leukotriienes

Lipoxins

Fig. 3. Schematic description of hormones derived from lipids and phospholipids
synthesis pathway. The described pathway products, prostaglandins (PGE),
prostacyclins (PGI), thromboxanes (TX), and leukotrienes release to the cyto-
plasm direct membrane action for cellular response.
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Hypothalamus

Testes

Testosterone Producing Cells 

Testosterone

Sperm Producing Cells

Pitutary

FSH

LH

Testosterone

Releasing Hormone

Fig. 5. Example of feedback loop balanced male sperm production.

Fig. 4. Scheme of a simple feedback loop of a biological secretion system. The
output of the secretion process is detected by a biological ‘sensor’. The sensing
mechanism is delivering the signal to a control system. The control system sends
a signal to the input process, actually it is the feedback for the input.
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nucleus. As a mediator between the cell interior and the outer environment, a

receptor interacts with the cell membrane. Receptors anchored to the cell mem-

brane are transmembrane receptors that pass through the plasma membrane

with their N-terminal exposed at the exterior of the cell and their C-terminal pro-

jecting into the cytoplasm. Nuclear receptors diffuse between the cell organelles

by interacting with the cell membranes.

2.1. Receptor superfamilies

Most cell-surface receptors fall into five structurally related types called super-

families: G-protein-linked (or secondary messenger), ligand-gated (or ion

channel), tyrosine kinase, growth factor, and hormone, which characterize hor-

mone–receptor structure and the biochemical pathway.

The binding site of the receptor is a unique region of the protein that interacts

solely with the hormone. The selectivity of the receptor is based on three-

dimensional (3D) structure recognition. Furthermore, the fine specificity of the

receptor to a hormone from a given superfamily is based on the relative amounts

of different hormone concentrations. The driving force for delivering the message

from the extracellular volume to the intracellular phase is called the gradient of

hormone concentration.

As mentioned, the receptor is the cell component that delivers a signal from the

extracellular surrounding volume to the cell interior. As the cell membrane is a

hydrophobic matrix, water-soluble proteins and peptide hormones such as EP,

gonadotropin-releasing hormone (GnRH), thyroid-stimulating hormone (TSH),

LH, and parathyroid hormone (PTH) do not diffuse across the cell membranes.

Conversely, the mediation between the hydrophobic molecules and the intracel-

lular volume is achieved by the transmembrane receptor. This superfamily of

receptors is characterized by an extracellular region, which allows hormone–

receptor interactions, and an intracellular part, which activates a specific protein

cascade, thereby initiating various physiologic phenomena. Hydrophobic mole-

cules diffuse directly across the phospholipid plasma membrane of target cells

and bind to the intracellular receptor proteins. These signal molecules include

steroid hormones, thyroid hormones, retinoids, and vitamin D. Although they

differ greatly from one another in both chemical structure (Fig. 2) and function, all

act by a similar mechanism.

This very large super family also includes several receptor proteins that are

activated by intracellular metabolites rather than by secreted signal molecules.

Many family members have been identified only by DNA sequencing and their

ligand is not yet known, such proteins are therefore referred to as orphan nuclear

receptors.

V. Sacks-Granek and J. Rishpon8



3. HORMONE–RECEPTOR INTERACTIONS

Hormone interaction with the cell receptor depends on the chemical type of hor-

mone, and recognition of the ligand by the receptor is based on 3D structure

identification. Polypeptide/protein hormones act on a receptor located in the cell

membrane, thereby exposing receptor-binding sites on the intracellular side of

the membrane, which in turn elicit a response to the signal. The interaction bet-

ween protein and peptide hormones with the receptor initiates the production of a

second messenger (the hormone is the first messenger). The most common of

these are cyclic adenosine monophosphate (c-AMP) AMP and protein kinase,

which trigger a series of molecular interactions that alter the physiologic state of

the cell. This entire process is often referred to as signal transduction.

As lipids, steroid hormones passively diffuse across the plasma membrane to

bind to cytoplasmic and/or nuclear proteins that serve as receptors of the hor-

mone. Steroid hormones bind to the receptor and the complex binds to hormone

response elements – stretches of DNA responsive to the hormone – thereby

turning target genes ‘on’ or ‘off’. The intracellular receptors for the steroid and

thyroid hormones, retinoids, and vitamin D all bind to specific DNA sequences

adjacent to the genes regulated by the ligand. The binding of inactive receptors to

the ligand alters the conformation of the receptor protein, which causes inhibitory

complexes to dissociate or activates the receptor to allow the entrance of the

signal into the nucleus. Ligand binding also causes the receptor to bind to co-

activator proteins that induce altered rates of transcription in the associated

genes. To summarize, the combination between specific gene regulatory proteins

and the existence of specific intracellular receptors activates the gene transcrip-

tion process.

3.1. Agonists and antagonists

In general, molecules that bind to the hormone-binding sites of receptors are

divided into two classes: (a) agonists that mimic the natural hormone activity by

binding to the receptor and inducing all the postreceptor events that lead to a

biologic effect; and (b) antagonists that bind the receptor and block binding of the

agonist, hence preventing the trigger of intracellular signaling events. Because

the receptor recognizes the 3D structure of the hormone, molecules different from

the hormone have the potential to interact with the receptor.

3.2. Transduction mechanisms

Cell-surface receptor proteins, defined by their transduction mechanism of acti-

vation, can be divided into four main groups as discussed below.

Supported Lipid Bilayers for the Detection of Hormone-Receptor Interactions 9



Ion-channel-linked receptors are involved in rapid synaptic signaling between

electrically excitable cells. This type of signaling is mediated by a small number of

neurotransmitters that transiently open or close an ion channel formed by the

protein to which they bind, briefly changing the ion permeability of the plasma

membrane and thereby the excitability of the postsynaptic cell.

G-protein-linked receptors act indirectly to regulate the activity of a separate

plasma-membrane-bound target protein, which can be either an enzyme or an ion

channel. A specific protein called a trimeric guanosine triphosphate (GTP)-binding

protein (G-protein) is mediated between the receptor and the target protein, initiating

the production of a second messenger. If the target protein is an enzyme, then

activation can change the concentration of one or more intracellular mediators

(second messengers). If the target protein is an ion channel, then the G-protein

changes the ion permeability of the plasma membrane.

Enzyme-linked receptors are single-pass transmembrane proteins. The ligand-

binding domain directed outside the cell and the active site (catalytic or enzyme-

binding site) is positioned inside the cell. This group of signal transduction proteins

is heterogeneous in structure compared with the other two classes. The vast ma-

jority, however, are protein kinases, or are associated with protein kinases, and

ligand binding causes the phosphorylation of specific sets of proteins in the target

cell.

Several smaller groups of receptors include (a) cell-surface receptors activated

by intracellular proteolytic events, (b) two-subunit transmembrane cell-surface

receptors such as insulin, growth hormone, prolactin, most growth factors, and

cytokines. Binding of the hormone or growth factor at the extracellular domain

results in receptor dimerization, thereby turning on the activation of the biochem-

ical pathway.

Because steroid and thyroid hormones are lipophilic and spontaneously diffuse

across cell membranes (Fig. 2), mediation between the hormone and the physio-

logic cell activation occurs via an intracellular receptor. Interaction between the

hormone and the receptor is followed by dimerization and activation of the bi-

ochemical cascade [2]. This super family is unique because the activated dimer

reacts directly with the cell nucleus. Binding of the activated receptor to DNA

activates transcription, which in the presence of other transcription factors ini-

tiates RNA synthesis. Steroid membrane receptors can initiate the opening of ion

channels or activate classical second messenger systems [1]. Certain steroids

and thyroid hormones can stimulate nongenomic rapid responses in target cells

by initiating a signal-transduction enzyme cascade.

4. PHYSIOLOGIC EFFECTS

The endocrine system provides the means to control a multitude of physiologic

processes. In principle, all physiologic effects are mediated by multiple hormones

V. Sacks-Granek and J. Rishpon10



acting in concert. Normal growth, from birth to adulthood for example, is certainly

dependent on growth hormone, but thyroid hormone, insulin-like growth factor-1,

glucocorticoids, and several other hormones are critically involved in this process

as well. Reproductive system maturity is controlled by the pituitary-derived hor-

mones (FSH and LH), as well as by steroid hormones derived from cholesterol,

including testosterone, estrogen, 17-b-estradiol, and di-hydro-testosterone, among

others.

4.1. Steroids

Steroid hormone binding to the steroid receptor is followed by a series of events

that include dissociation from heat shock proteins [3–5], dimerization [6–8], and

binding to DNA at the estrogen response element [9,10]. Although research on

the structure of the steroid receptor is of great importance, its unique mechanism

precludes the possibility of crystallizing the whole molecule. The structure of the

active site of several receptors has been solved by ligand-binding domains and/or

DNA-binding domains such as the estrogen ligand-binding domain [11,12], the

estrogen DNA-binding domain [13], the retinoic acid receptor–ligand-binding do-

main [14], and others [15–21].

4.2. Protein and peptides

The hormonal products of neuroendocrine cells in the animal nervous system are

usually proteins or peptides. Protein and peptide hormones can be large mol-

ecules and are generally hydrophilic in their chemical properties. The hydrophilic

nature of the peptide hormones means that they do not readily pass through the

hydrophobic phospholipids that comprise the cell membrane. Hence, peptide

hormones do not enter their target cells to convey their signal message to the cell.

Peptide hormones interact with a cell-surface receptor protein, which transduces

the message to the cell via intracellular second messengers. The specific path-

way of the hormone to deliver the signal from the cell environment within the

nucleus is varied.

The regulation of whole-body energy metabolism hormones, for example, is

controlled by the pancreatic hormones (insulin, glucagon, and somatostatin).

These hormones are involved in adjustment of the concentration and activities of

numerous enzymes required in catabolism and anabolism of the major cell en-

ergy supplies.

Insulin essentially maintains low blood glucose levels by counter of the con-

certed action of hyperglycemia-generating hormones. Untreated disorders asso-

ciated with insulin generally lead to severe hyperglycemia and shortened life span.

Insulin, insulin-like growth factors (IGF-1 and IGF-2), and relaxin are members

of a family of structurally and functionally similar molecules. The common of this
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family is the tertiary structure and their involvement in growth-promoting. The

insulin’s dominant role is metabolism while IGFs’ and relaxin’s dominant roles are

in the regulation of cell growth and differentiation.

Insulin is synthesized as a prohormone in the pancreas. The synthesised mole-

cule is altered and packed in the Golgy system and the endoplasmic reticulum.

Insulin secretion to the blood is principally regulated by plasma glucose levels.

Insulin generates its intracellular effects by binding to a plasma membrane

receptor. In addition to its role in regulating glucose metabolism, insulin stimu-

lates lipogenesis, diminishes lipolysis, and increases amino acid transport into

cells. Insulin also modulates transcription, altering the cell content of numerous

mRNAs. It stimulates growth, DNA synthesis, and cell replication; effects that it

holds in common with the IGFs and relaxin.

Glucagon is a 29 amino acid hormone synthesized also in islets of Langerhans

of the pancreas as a very large proglucagon molecule. Glucagon lacks a plasma

carrier protein and its circulating half-life is about 5min.Glucagon is secreted and

immediately delivered to the liver that is the main principal effect site of glucagons.

The role of glucagon is well established. It binds to plasma membrane receptors

and is coupled through G-proteins to adenylate cyclase. The resultant increases in

cAMP and PKA reverse all of the effects described above that insulin has on the

liver. The increases also lead to a marked elevation of circulating glucose, with the

glucose being derived from liver gluconeogenesis and liver glycogenolysis.

Somatostatin is a 14-amino acid peptide secreted either by other cells type of

the pancreas or by the hypothalamus. In neural tissue, somatostatin inhibits GH

secretion and thus has systemic effects. In the pancreas, somatostatin acts as a

paracrine inhibitor of other pancreatic hormones and thus also has systemic

effects. It has been speculated that somatostatin secretion responds principally to

blood glucose levels, increasing as blood glucose levels rise and thus leading to

down-regulation of glucagon secretion.

4.3. Xenohormones

Because the endocrine system is one of the major control systems, the inter-

action between the receptor and any foreign molecule that mimics the hormone is

potentially hazardous. Exposure to such residues can be followed by uncontrolled

physiological phenomena that could lead to hormone-dependent adverse health

effects. Substances (pollutants) originating outside the body that have hormone-

and estrogen-like activities and interact with the endocrine cascade are called

‘xenohormones’ (XNHs) [22]. Compounds that interfere with any step of the chain

of events induced by hormone binding have the potential to block the adverse

effects of excess exposure to hormone.

For example, steroid hormones control fundamental events in embryonic deve-

lopment and sex differentiation and profoundly affect the nervous system, the
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reproductive system, and the immune system through their actions as ligand-

inducible transcription factors [23]. Epidemiologic investigations in males over the

past few decades have documented an increase in testicular cancer [24]. Clinical

oncologists have long recognized a group of cancers that respond to hormonal

manipulation, e.g., tumors of the breast, endothelium, thyroid, and prostate.

Tumors of the ovary and testis are likewise hormone related, although they do not

usually respond to hormone therapy [25]. The common clinical and epidemiologic

features of some of these tumors seem to be closely linked at the molecular level.

That all of these effects are related to increased exposure to environmental

endocrine disrupters have been widely hypothesized [26] but remain a matter of

controversy [27–30].

The harmful effect of such chemicals on wildlife has been reported [31,32]; for

example, the reproductive failure of several seal species from PCBs pollution

[33]. In relation to organochlorine chemicals, reproductive alteration and gender

behavioral changes in birds, decreased reproductive capacity and the feminiza-

tion of fish, and thyroid alterations of Great Lakes salmon have been reported

[34]. In Florida’s Lake Apopka, organochlorine pesticide contamination has led to

reproductive failure in alligators, with severe alterations of the sexual organs of

male alligators [35].

Steroid hormones influence the growth, differentiation, secondary sex signs,

and function of many target tissues. The steroid receptor can be activated either

by hormone or by hormone-like, 3D-structured chemicals that exist in water, soil,

and air. The accumulation of such chemicals in the human body, especially in fat

tissue, is followed by an uncontrolled stimulation of a natural biological cascade,

leading to appearance of physiological phenomena, which under uncontrolled

conditions concern homeostasis. The interaction of steroid or steroid-like com-

pounds with the steroid production proteins cascade is of key importance in

hormone-dependent cancer development. The XNHs are a diverse group of

substances that do not necessarily share any structural resemblance to the pro-

totypical steroid but can interfere with the action of the hormone [36]. Such

chemicals include natural and synthetic hormones, phytohormones derived from

plants, and a wide variety of man-made industrial compounds [37]. On the other

hand, the potential of molecules to mimic the natural hormone activity or to block

the receptor active site is widely used in pharmacology and drug development for

therapeutic purposes.

5. MEMBRANES

The cells of all living organisms contain specialized structures surrounded by a

limiting, selectively permeable plasma membrane composed of phospholipids

and proteins. The fundamental structure of the biomembrane is a lipid bilayer.

The lipid bilayer is unique because it serves not merely as a physical barrier
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among cells but also functions as a 2D matrix for different reactions. Biochemical

composition data have shown that typically more than 30 phospholipid molecules

are present for every protein molecule, but the proportion can vary from mem-

brane to membrane.

The cell membrane is characterized by its fundamental construction unit – the

specific phospholipids. Lipids present in membranes are diverse in structural

details but have a common structural feature. All lipids are amphipathic, that is,

they have a polar head group separated from nonpolar acyl chains. Many of the

characteristic properties of amphipaths are the direct consequence of the seg-

regation between polar and nonpolar regions.

In general, fluidity decreases (or viscosity increases) with (a) increasing cho-

lesterol content by preventing the tight packing of the long hydrocarbon tails,

(b) higher chain length, which affects the melting temperature, or (c) multivalent

ion concentration in the medium. Microviscosity appears to decrease with in-

creasing nonsaturation, temperature, and the presence of lipid-soluble agents,

such as organic solvents, detergents, and anaesthetics. Other molecules like

functional proteins, construction proteins, and derivatives like cholesterol deter-

mine membrane characteristics.

The most valuable model system for membrane research is the phospholipid

bilayer. The formation of a synthetic bilayer lipid membrane (BLM) as a model of

biomembranes has contributed greatly to experimental methods used in the

studies of membrane phenomena. This discipline has been extensively charac-

terized over the last four decades. The first report in 1961 proposed the model of

a BML that described mundane ‘soap bubbles’, followed by ‘black holes’ in soap

films, ending with an invisible ‘black’ or BLM constructed by blowing a soap

bubble from the lipids extracted from cow’s brains. The thickness of the recon-

structed structure was 60–90 Å and, similar to a cell membrane, could separate

two aqueous solutions [38].

This multidisciplinary research involves progress in several disciplines: devel-

oping techniques for BLM formation [39,40]; understanding the measured signals

obtained from constructed membranes by physical and mathematical models;

embedding biological compounds such as enzymes, antibodies, receptors, ion-

channels, etc. into the phospholipid bilayers; assembling bilayers to different

substrates; and applying the combined pure research results to developing a

practical device.

Embedding highly selective biomolecules (antibodies, enzymes, nucleic acids,

receptors) or biological systems (organelles, whole cells) in a synthetic bilayer

combines the advantages of membrane technology with analytical detection. Be-

cause bilayer immobilization strategies allow the mimicking of the natural environ-

ment of a biological compound and preserve its biological activity and natural

reactions, the conditions for biological recognition are optimal. If a concentration

proportional signal is generated, then the system has the potential for analytical

determination.
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5.1. Supported lipid bilayers

Assembling a phospholipid bilayer onto a solid substrate is a wide research topic

that has had great use in imitating cell membranes [41–45]. A variety of surfaces

can be equipped with functionalized layers that possess a required specific elec-

trical, optical, acoustical, or chemical property. Consequently, the supported lipid

bilayer attached to an appropriate surface has not only made a progressive con-

tribution to scientific research but also served as an attractive building block for

biotechnology applications [41,46–50].

5.2. Techniques for lipid layer immobilization

An ideal monolayer is depicted as perfectly aligned, closely packed alkane chains

attached to a smooth surface (Fig. 6). Two methods can be used to deposit

molecular layers on solid substrates (e.g., glass or metal): Langmuir–Blodgett

transfer [51] and self-assembly [51–53].

The use of self-assembly of lipid layers in various fields of research is rapidly

growing. In particular, many biomedical fields apply self assemble monolayer

(SAMs) as an interface layer between a solid surface and a solution or vapor. An

essential attitude in this discipline is monolayer assembly and the addition of the

following layers. Monolayers are divided into uniform, mixed, and functionalized

categories. Immobilizing biological components, including (oligo-) nucleotides,

Fig. 6. Schematic drawing of a pure and mixed monolayer. Sulfur (black) is
attached to a gold surface. Functional groups (shaded) are elevated into the
solution or gaseous phase (Copyright: Royal Society of Chemistry; Analyst 122
(1997) 43r–50r. With permission).
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proteins, antibodies receptors, and polymers, within the monolayer allows their

natural-specific activity.

In addition, the preparation and structural characterization of supported mono-

layer assemblies of oriented organic molecules have been of great interest in a

variety of interface studies. Examples involve lubrication [54], electrochemistry

[55,56], electronic and vibration spectroscopy [57–59], photochemical mecha-

nism [58,60], electrical conduction [58,61–63], catalysis [64], and biological

membranes [65–67].

An essential class of self-assembled monolayers is based on the strong ad-

sorption of disulfides (R–S–S–R), sulfides (R–S–R), and thiols (R–SH) on a metal

surface (gold, silver, or mercury). Furthermore, the sulfo monolayers are highly

oriented, and dialkane sulfides form highly ordered monolayers on metal [68].

Sulfur donor atoms coordinate strongly on a gold substrate, and van der Waals

forces between the methylene groups orient and stabilize the monolayer. The

alkane chain length affects the order of the assembled layer; long-chain (number

of methylene groups n410) alkanethiols assemble in a crystalline-like way [69]. A

shorter chain length is followed by less ordered layer structures.

A well-defined orientation of membrane structures is important, particularly in

interaction biosensors. Techniques based on surface plasmon resonance (SPR)

or monomode dielectric waveguides [70], as well as microtiter plate immuno-

assays [71], require more sophisticated approaches.

5.3. Langmuir–Blodgett assembly technique

The Langmuir–Blodgett assembly demonstrated that monolayers of amphiphilic

molecules could be ordered on the surface of water by applying pressure un-

dergoing phase changes from a gaseous state of noninteracting molecules to a

‘solid state’ in which the molecules interact in a rigid film. Langmuir and Blodgett

realized the transfer of such monolayers from the water surface to a solid subst-

rate by slowly passing an appropriately treated substrate through the air/water

interface. Films can be picked up (a) only on passing from air into water and vice

versa (Y-type deposition), (b) only on passing from water to air (Z-type), and (c)

on immersion from air into water only (X-type) [72]. The forming of film charac-

teristics is affected by the following factors: temperature, pH, solution purity, and

stabilized ion concentration. The films are vector ordered so that when trans-

ferred to the substrate, multilayers having the desired electro/optical properties

can be assembled.

5.4. Properties of supported bilayer lipid membranes

The electrical properties of supported BLMs are well defined. An equivalent circuit

consisting of resistors and capacitors is the basis for quantitative measurements
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and presents a physical model for the layer’s electrical response. The exact

electrical circuit depends on the specific conditions, including the layer’s structure

and the potential/current applied.

The general equations are:

The charging current (ic) is determined by the capacitance. Equation (1) de-

scribes the correlation between charging current (ic) and the capacitance.

ic ¼ Cm
dV

dt
¼ CmA ð1Þ

In certain cases, the capacitance current capacitance is constant.

From Ohm’s law, the current ir through the membrane depends on the mem-

brane resistance

ir ¼
V

Rm
ð2Þ

Equation (2) describes the correlation between the resistance current (ir) and

the membrane resistance.

5.5. Supported bilayer lipid membrane biosensors

The formation of BLMs on various substrates with long-term stability opened the

way for basic research and development work in biotechnology [73,74]. Under-

standing the physical properties of supported layers under changing biological

conditions made a great contribution to the biosensors field [75–77]. Biosensors

are molecular sensors that combine a biological recognition mechanism with a

physical transduction technique. Biosensors provide a class of inexpensive,

portable instruments that permit sophisticated analytical measurements to be

undertaken rapidly at decentralized locations [78].

In the late 1990s, a pioneer study described the development of a biosensing

technique, in which the conductance of a population of molecular ion channels is

switched on by the recognition event [79]. This approach mimics biological sen-

sory functions and can be used with most receptor types, including antibodies

and nucleotides. The technique is very flexible and even in its simplest form is

sensitive to Pico molar concentrations of proteins. The sensor is an impedance

element whose dimensions can readily be reduced to become an integral com-

ponent of a microelectronic circuit. The system can be used in a wide range of

applications and in complex media, including blood. Such uses might include cell

typing and the detection of large proteins, viruses, antibodies, DNA, electrolytes,

drugs, pesticides, hormones, and low-molecular-weight compounds.

The active elements of the ion-channel switch (ICS) comprise a gold electrode

tethered to a lipid membrane containing gramicidin ion channels linked to anti-

bodies. The molecular structure of the tethered membrane, based on previous

studies [52,71,80–86], results in the formation of an ionic reservoir between the

Supported Lipid Bilayers for the Detection of Hormone-Receptor Interactions 17



gold electrode and the membrane. The ionic reservoir can be accessed elec-

trically through connection to the gold electrode (Fig. 7).

In the presence of an applied potential, ions flow between the reservoir and the

external solution when the channels are conductive. The ion current is switched

off when mobile channels diffusing within the outer half of the membrane become

cross-linked to the antibodies immobilized at the membrane surface. This action

prevents the protein from forming dimers with channels immobilized within the

inner half of the membrane. The number of dimers is measured from the electrical

conduction of the membrane. The switch has a high gain; a single channel faci-

litates the flux of up to a million ions per second. A quantitative model of the

biosensor has been verified experimentally.

The membrane consists of lipids and channels, some immobilized on the gold

surface and others diffusing laterally within the plane of the membrane. With a

low density of channels and a high density of immobilized antibodies, each

channel can access up to 103 more capture antibodies than if the gating mech-

anism were triggered by a directing binding of analyte to the channels. The speed

and sensitivity of the biosensor response can be adjusted in direct proportion to

the number of binding sites that are accessible to each mobile channel, allowing

for the quantitative detection of analyte from subpicomolar to micromolar con-

centrations in less than 10min (Fig. 8).

The similarity to a natural cell membrane accelerated this research field and has

led to mimicking cell communication and signal transduction pathways in particular.

Fukuda et al. [87] described the dynamic behavior of a transmembrane molecular

switch as an artificial cell-surface receptor. A study that attempted simulation and

simplified the signal transduction system [88–91] involving ligand–receptor inter-

action and the G-protein-linked pathway was published in 2001 [87] (Fig. 9).

Wang et al. [92] described a BLM study for which the main goal was to develop

a simple method for reconstituting membrane receptors in BLMs without prior

purification of the receptor. The receptor indeed retained its ligand activity after

reconstitution in the BLM. Furthermore, the group studied the relation between

receptor–ligand interactions and the electrical properties of the reconstituted

BLMs, such as membrane capacitance (Cm) and membrane resistance (Rm)

(Fig. 10).

Focusing on glycophorin in erythrocytes and asialoglycoprotein in hepatocytes

as examples, the authors found that the resistance of reconstituted BLMs de-

creased when adding blood-type monoclonal antibody and solutions of galactose,

respectively. The decrease was ligand-concentration dependent, but the mem-

brane capacitance was not influenced. This system provides a simple, practical

approach to determining the interactions between a receptor and its ligand.

Wang’s group applied the easily measured membrane electrical properties to

provide a sensitive and rapid tool for monitoring the interactions of membrane

lipids with other species. The similarity to natural biological membranes that

contain proteins enables the lipid–protein–glycan complexes to act as signal
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Fig. 7. Schematic ion-channel switch (ICS) biosensor. (a) Two-site sandwich
assay. Immobilized ion channels (GT), synthetic archaebacterial membrane-
spanning lipids (MSL), and half-membrane-spanning tethered lipids (DLP) are
attached to a gold surface via polar linkers and sulfur–gold bonds. Polar spacer
molecules (MAAD) are directly attached to the gold surface using the same
chemistry. Mobile half-membrane-spanning lipids (DPEPC/GDPE) and mobile
ion channels gramicidin (Ga) complete the membrane. The mobile ion channels
are biotinylated and coupled to biotinylated antibody fragments (Fab9) using
streptavidin (SA) intermediates. Some of the membrane-spanning lipids (MSLa)
possess biotin-tethered Fab9. In the absence of analyte (A), the mobile ion
channels diffuse within the outer monolayer of the tethered membrane, intermit-
tently forming conducting dimers (GD). The addition of the targeted analyte
cross-links the Fabs on the MSLa and Ga and forms complexes that tether the
Ga distant from their immobilized inner-layer partners. This prevents the forma-
tion of channel dimers and lowers the electrical conductivity of the membrane.
(b) Competitive assay. Here a similar membrane is formed except that it contains
hapten-linked gramicidin (Gh). The membrane is rinsed with a streptavidin so-
lution after which an appropriate biotinylated, haptenspecific Fab0 is added,
forming complexes between the MSLa and the Gh. The Gh is thus tethered
distant from its immobilized inner-layer partners, GT, preventing the formation of
dimers and lowering the electrical conductance of the membrane. The sensor is
stored in this state until the addition of analyte competes with the hapten for the
Fab0, liberating the channel and resulting in an increase in the membrane con-
ductance (Copyright: Nature 1997 (387) 580–583 with permission).
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Fig. 8. Left frame: Response of ICS biosensor to TSH. (a) Assembly procedures.
First, a tethered membrane 0.16mm2 in area is formed on a freshly evaporated
gold film. The gold film is 100nm thick and is bonded to a clean glass microscope
slide using a 5-nm layer of chromium. The slide is then immersed in an ethanol
solution of the immobile lipid-layer mixture for 1 h 20 1C. The mixture comprises
59mM DLP, 4.4 MSL-4XB, 4.4mM MSLOH, 7.5nMgAYYSSBn, and 35mM EDS.
The slide is then removed and rinsed thoroughly in ethanol, air-dried, and clamped
to a series of teflon cylinders, each 4mm internal diameter, 5mm long, each
defining a well volume of 200ml above the coated gold surface. A further 5ml of
mobile-layer mixture in ethanol solution is added, which contains 350nMgA-5XB
and a 14mM (30:70) mix of GDPE:DPEPC, after which the slide is rinsed with
500ml of phosphate buffered saline (PBS). This induces the spontaneous forma-
tion of a bilayer membrane. Care is taken not to introduce air bubbles or to take the
newly formed membrane surface through an air–water interface. Having rinsed
thrice with PBS to eliminate any residual excess membrane lipid, 5ml of 1.6mM
streptavidin in PBS is added. Following incubation for 10min, the supernatant is
thoroughly rinsed with PBS and a further 20ml of 0.2mM b-Fab9 is added. This is
then incubated for a further 10min and thoroughly rinsed with PBS to remove
residual material. The sensor is now stored ready to use. (b) Measurement pro-
cedure. The admittance is measured at 10Hz using an excitation amplitude of 50
mV and an offset potential of 2300 at the gold electrode relative to the test solution.
Traces are shown using different specificities of biotinylated Fab9: open squares,
b-antiferritin; filled triangles, -anti-a-TSH; circles, b-anti-b-TSH; and crosses, a
50:50 mix of b-anti-a-TSH and b-anti-b-TSH. 2nM of TSH is added at the arrow.
The mixed population of biotinylated anti-a and biotinylated anti-b Fab9 elicited a
substantial response when the TSH was added. However, the other three bioti-
nylated-Fab9 populations only elicited a small or negligible response when used in
isolation. Right Frame: Response to digoxin. A similar membrane is prepared to
that described in left frame legend. The principal difference is that the concentration
of MSLa is increased tenfold and Ga is replaced by Gh. The total concentration of
MSL is maintained. Following the formation of the membrane, it is incubated with
40nM streptavidin for 10min and rinsed again. The addition of 5ml of 50nM
biotinylatedantidigoxin (first arrow) results in a decrease in the admittance. The
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transduction proteins, in addition to the more common construction of the bimo-

lecular lipid layer. In favor of easy measurement of the electrical properties of

BLMs, the authors determined the receptor–ligand interaction by monitoring the

change in electrical properties of the reconstituted BLM system and further stud-

ied the relation between the receptor–ligand interaction and the change in elec-

trical properties.

In addition, blood-type-B erythrocyte receptors were reconstructed to the BLM

system. The addition of anti-B monoclonal antibody was followed by a decrease

in Rm, whereas no change of Cm was measured. In this case, the BLM ruptured

after period of time.

The results of that study point out that additional amount of antibody positively

related to the magnitude of Rm decrease and negatively related to membrane

stability duration (time from adding antibody to membrane rupture). Following the

addition of bathing solution or anti-A antibody, both Cm and Rm showed no ob-

vious change.

In a hepatocyte receptors reconstituting the BLM system, adding galactose

solution caused an Rm decrease but no Cm change. Similar to erythrocyte re-

ceptors reconstituting the BLM system, the decrease in hepatocyte Rm was pos-

itively related to the amount of galactose (see Table 2). The hepatocyte receptor

reconstituting the BLM system is different from the erythrocyte receptors system

because after adding galactose solution, the hepatocyte receptors reconstituting

BLM did not rupture during the experiment. For plain BLM consisting only of EPC-

Chol, galactose did not affect Cm, Rm, or membrane stability. We should mention,

however, one shortcoming of the conventional BLM system, namely, its stability,

which rarely lasts more than 8 h. This shortcoming has been overcome by form-

ing the BLM on either a metallic substrate or a hydro-gel support with long-term

stability, as reported in Refs. [75,77,93,94]. The reconstituted receptors retain

biological activity. The interactions between receptor and ligand correlate well

with the change in electrical properties, especially the Rm of the membrane.

In this case, the BLM acts as a model system for signal transduction proteins

and can therefore determine the interaction between receptor and ligand. Fur-

thermore, this system has the potential to be widely used in finding drugs that act

on membrane receptors and to research the drug delivery system that targets

membrane receptors.

membrane is then thoroughly rinsed with PBS and stored ready for use. The
addition of 3 (5ml) digoxin (second arrow) causes the admittance to increase (filled
squares). The rate and size of this increase is related to the concentration of
digoxin. The process may be repeated many times following rinsing with PBS
solution. A control is shown in which thyroxine was used in place of digoxin,
eliciting no response (circles) (Copyright: Nature 387 (1997) 580–583 with per-
mission).
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The effect of the amount of antibody on the magnitude of Rm decrease and the

membrane stability duration is summarized in Table 2.

5.6. Hormone– receptor interaction within supported phospholipid
bilayer membranes

Supported membranes on solid surfaces are of practical and scientific interest for

several reasons. Besides the natural environment for the immobilization of pro-

teins under nondenaturing conditions and in well-defined orientations, the sup-

ported BLM allows the preparation of ultrathin layers, characterized by high

electric resistance on the conductors. The incorporation of receptors into these

insulating layers results in a change in electrical and optical parameters, as well

as the interaction between a hormone and the embedded receptor [95]. There-

fore, using such receptors as the recognition element in electrochemical bio-

sensing facilitates the quantification of minute amounts of a hormone or XNH

in real time. Moreover, the supported BLM provides the possibility of studying
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Fig. 9. Schematic representation of dynamic regulation of reversible signaling by
azobenzen-containing artificial cell-surface receptor (Copyrights: Journal of
Molec. Catal.: B: Enzymatic 11 (2201) 971–976 with permission).
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molecular mechanisms of membrane functions, such as ion sensing, material

transport, excitability, gated channels, antigen–antibody binding, signal trans-

duction, energy conversion, and hormone–receptor interactions [39,93,96–103].

The amine hormone dopamine (DA) is an important neurotransmitter and extra-

cellular messenger in biological systems. The determination of DA and related

catecholamine compounds is significant for neurochemistry and brain-science

studies. Since its discovery in the 1950s, DA has been of interest to neuroscientists

and chemists. A loss of DA-containing neurons can result in serious diseases

like Parkinsonism. Because DA and other catecholamines are easily oxidizable
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fitted data (solid line) according to the modified Randle’s equivalent circuit in10
mM K3Fe(CN)6/K4Fe(CN)6 (1:1 mixture); and CVs (insert) of 5 mM K3[Fe(CN)6]
at the bare GCE (a), and DTDB–BLM/GCE (b) at 50 mV/s in 0.1M KCl (Cop-
yrights: Anal. Chim. Acta 507 (2004) 259–265 with permission).

Table 2. Summary of the effect of the amount of antibody on the magnitude of
Rm and the membrane stability duration

Volume of antibody (ml) DRm/Rm,0 t (s) (DRm/Rm,0)/t

50 0.77 626 1.23� 10�3

100 0.93 636 1.46� 10�3

200 0.93 196 4.74� 10�3

Notes: DRm is the decrease in Rm after the addition of antibody, Rm,0 is the membrane
resistance before the addition of antibody, and t is the membrane stability duration after the
addition of antibody.
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compounds, they were once thought to be detectable by electrochemical methods

based on anodic oxidation. Traditional electrochemical measurements are not

specific, however, and could not be used for DA determination because of the

interference from ascorbic acid (AA), which usually exists in real systems in large

amounts. Nafion and correlated cation exchange polymer film coating [104–106]

were considered a robust method to increase the specificity of the measurement

system.

Self-assembled phospholipid and lipid-like s-BLMs have been widely studied as

a nano-thickness film unit to mimic the complicated functions of biomembranes.

The incorporation of DA in an s-BLM of dimyristoylphosphatidylcholine (DMPC)

was reported, describing the mediator effect of DA in the film for AA and NADH

oxidations. The s-BLM was constructed with 5,5-ditetradecyl-2-(2-trimethyl-am-

monioethyl)-1,3-dioxane bromide (DTDB) on a glassy carbon electrode (GCE).

The assembled BLM film forms electron-enriched sandwich centers as a result of

the functional dioxane group. This milieu should be favorable for the electro-

chemical reactions of cationic species like DA and related catecholamines. In that

study, a drastic change in the electrochemical characteristics of the s-BLM was

achieved. The DTDB–BLM/GCE provided a significant accumulation and catalytic

effect for DA determination with a high sensitivity and wide linear response range,

which could be used for DA determination when the AA concentration is high. The

DTDB–BLM/GCE exhibits high electrocatalytic activity toward the oxidation of DA

and AA, and the catalytic potential of AA oxidation is 160 mV more negative than

that of DA. The homogeneous catalytic effect of AA by the oxidized DA was

effectively eliminated at the DTDB–BLM/GCE. A significant adsorption accumu-

lation effect toward cationic species like DA was achieved due to the existence of

the electronegative 1,3-dioxane group in DTDB–BLM, which resulted in a highly

sensitive and selective determination of DA even in the presence of a 1000-fold

higher concentration of AA. The DTDB–BLM/GCE also responded rapidly.

Another type of hormone detection is based on a DTDB self-assembled bilayer

for EP determination in the presence of AA. EP (adrenaline), a hormone secreted

from the adrenal glands, is an important catecholamine neurotransmitter for the

mammalian central nervous system. The electrochemical behavior of EP and its

analogs is interesting for understanding the physiological functions and has been

studied extensively under normal experimental conditions [40,107–112].

This modified electrode (DTDB/GCE) has strong membrane adsorption accu-

mulation and electro-catalytic ability toward EP and AA. The oxidation of EP is

controlled by a double-step adsorption accumulation process of the DTDB–BLM.

The parameters of fitted Langmuir isotherm Gmax, BADS, and DGADS values are

summarized in Table 3.

The differential pulse voltammogram (DPV) peaks for EP and AA oxidations

appeared at 0.220 and 0.085V versus saturated calomel electrode (SCE), re-

spectively, allowing the determination of EP in the presence of a high AA con-

centration (Fig. 11).
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The advantage of DTDB–BLM was demonstrated experimentally in compar-

ison with the other three BLMs and attributed to the dioxane group, as well

as to the suitable length of the carbon chain of DTDB molecule. The current

response of the DTDB/GCE was fast and reproducible, and suitable for electro-

chemical sensing in flow-injection systems, with a linear range of 1� 10�8 to

1�10�4M.

Estrogen, a hormone produced in the ovaries, adrenal glands, and fat tissues,

is essential for the normal development, maturation, and function of the female

reproductive tract. Additional small amounts are secreted by the male testes. Both

endogenous estrogen and environmental xenoestrogens initiate their physiological

actions in target tissue via interactions with a nuclear receptor system that func-

tions as a ligand-inducible transcription factor. Receptor overactivation, followed by

overexpression of the target gene, has been associated with the feminization of

male fish [113], alligators [35], rats, and turtles [114].

Deriving the toxic potential from xenoestrogens structures is difficult because

of the wide variety of such compounds. The structural diversity of the xenoes-

trogens has confounded attempts to measure the estrogenic potential of samples

of estrogenic and xenoestrogenic compounds using conventional chemical ana-

lyses. Most applied techniques are based on a cloned receptor in yeast and a

reporter gene. Such general screening for estrogenic activity was described and

applied in sewage treatment water effluents [115]. The bioassays are performed

under sterile laboratory conditions and quantitatively detect estrogens as well as

xenoestrogens within 4–10 days.

The first study to describe the embedding of a natural isolated steroid hormone

receptor in an assembled phospholipid bilayer was published in 2002 [116]. In

this study, two stages of assembly yielded a hybrid bilayer: (1) spontaneous

self-assembly of decanthiol on gold surface as a hydrophobic monolayer and

(2) adhesion of phospholipid molecules to a hydrophobic monolayer. The modi-

fication of the electrode did not damage the receptor’s ability to react with

physiological concentrations of the hormone, and its selectivity was proved

as well.

Table 3. Calculated parameters for Langmuir model

Epinephrine

concentration Gmax BADS DGADS

Step 1

Less than 1mM 1.0� 10–11mol/cm2 2.04� 106 dm3/mol1 �45.17 kJ/mol1

Step 2

Higher than1 mM 4.92� 10–11mol/cm2 7.35� 104 dm3/mol1 �37.1 kJ/mol1

Notes: BADS reflects the affinity of the adsobate molecules toward adsorption sites, DGADS

stands for Gibbs energy adsorption, and Gmax is the surface coverage.

Supported Lipid Bilayers for the Detection of Hormone-Receptor Interactions 25



5.7. Application of impedance spectroscopy to supported bilayer
lipid membranes

Impedance spectroscopy (IS) has been used to reveal information on structural

parameters of examined layers on modified electrodes. Employing fast imped-

ance techniques based on a short galvanostatic pulse and following the resulting

changes in the potential provided extremely fast electrochemical measurements

(0.2–1 s). This approach allows the resolution of slow and fast charging proc-

esses occurring at the electrode and leads to the resolution of the capacitances

and resistances values of the layers [117]. An electrochemical description of the

interface is achieved by measuring the impedance as a function of frequency and

by representing the data in a complex plane plot (Nuiquist plot) [118]. Impedance

studies of self-assembled lipid monolayers have been described in detail

[53,119,120].

Applying the impedance technique to study events following the binding of

estrogen or xenoestrogen to a native estrogen receptor embedded within a syn-

thetic lipid bilayer membrane, self-assembled onto a gold electrode, yielded a
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Fig. 11. Differential pulse voltammograms (DPVs) for 1.0� 10.5M EP mixed with
different concentration of AA at DTDB/GCE: (a) 0M, (b) 1.0� 10.4M, (c)
2.5� 10.4M, (d) 5� 10.4M, (e) 6.5� 10.4M, and (f) 1.0� 10.3M in 0.1M pH 6.0
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(a) and bare GCE (b). Scan rate: 50 mV/s (Copyrights: Electrochim. Acta 49
(2004) 4351–4357 with permission).

V. Sacks-Granek and J. Rishpon26



rapid, physiological concentration-sensitive detection [116]. Estrogen or xenoes-

trogen binding to the receptor-modified electrode was immediately followed by

conformational changes in the lipid layer, resulting in alterations of its electrical

properties (Fig. 12).

As expected for a thicker layer, the formation of the bilayer increases R

and decreases C as compared with the monolayer. Penetration of the receptor

into the lipid layer further increased the value of R and decreased the value of C

(Fig. 13).

Fast impedance measurements result in a significantly shorter measurement

time and detection under conditions that are comparable to the natural environ-

ment of the hormone and its receptor. The experiments were conducted in

phosphate buffered solutions in the absence of a redox couple. The signals

obtained were fitted to calculate signals that attributed the equivalent circuit ac-

cording to the following equation

EðtÞ ¼ IRs þ Rp1ð1� et�t1Þ þ Rp2ð1� et�t2Þ ð3Þ

where E is the measured potential, I the applied current, and t the characteristic

lifetime.

The effects of estrogen, bisphenol A, and genistein on the electrical properties

of the bilayer-receptor-modified electrode show that the responses to the natural

hormone and the xenoestrogen are similar. In general, the Rs values increased,

the Rp1 values decreased, the lifetime t1 values decreased, and accordingly the

calculated C1 values decreased (Fig. 14).

Z‘,  (MΩ)

0.0 0.2 0.4 0.6 0.8 1.0

-Z
''

 (
O

h
m

)

0e+0

2e+5

4e+5

6e+5

8e+5

1e+6

monolayer, decanthiol

bilayer, phospholipids

receptor addition

hormone addition

Fig. 12. Nyquist plots for biolayer constructions as measured by AC impedance
techniques: monolayer, bilayer, receptor, and 0.5 mg/ml estrogen (Copyrights:
Environ. Sci. Technol. 36 (2002) 1574–1578 with permission).

Supported Lipid Bilayers for the Detection of Hormone-Receptor Interactions 27



These alterations can be attributed to dimerization and conformational changes

of the receptor, which increase its hydrophobic behavior and allow it to enter into the

lipid layer. Atomic force microscopy and quartz crystal microbalance experi-

ments validated the electrochemical findings. The responses to the xenoestrogens
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Fig. 13. Changes in electrode potentials during a galvanostatic pulse as obtained for
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(Copyrights: Environ. Sci. Technol. 36 (2002) 1574–1578 with permission).
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bisphenol A, and genistein correlated with those of traditional biological assays

reported in the literature. We should note that this method does not distinguish

between antagonists and agonists (Table 4).

The feasibility of the IS method to detect other steroid hormones was examined.

An androgen receptor was embedded in the same platform and the effects of

testosterone and xenotestosterone residues were followed (Rishpon, unpublished

data). The sensor response to testosterone as well as to testosterone-like mol-

ecules agreed with literature data. The technique presented here has the potential

to serve as a platform for the study of universal receptor–hormone interactions.

6. CONCLUSIONS

This review describes the advantages of using supported BLMs in the field of

hormone–receptor interactions. The incorporation of receptor-based electrodes

as the recognition element in supported lipid bilayers for electrochemical bio-

sensing allows the rapid quantification of minute amounts of analyte in real time.

The unique s-BLM tool is a robust method for developing such biosensors be-

cause it represents a perfect connection between a physical transducer and a

biological layer. Electrochemical technology provides an analytical, quantitative

tool that can adjust to rapid measurements, with the s-BLM providing a natural

environment for the receptor – the living cell.

Combining the natural receptor environment and the receptor’s specific ability

to detect the analyte with the ability to detect quantitatively small changes fol-

lowing hormone–receptor interactions is useful for preventing the exposure of

populations to endocrine-disrupting chemicals. The information gained from this

system is applicable not only to researching and understanding hormone–recep-

tor interactions but also to monitoring environmental pollution, health risk, drug

delivery, and drug development. The study of hormone–receptor system and the

intracellular signaling pathways thus invoked will advance the fields of medicine,

endocrinology, biochemistry, and pharmacology.

Table 4. Summary of the effects of exposure to different estrogen and xenoes-
trogen concentrations on the electrical properties of the bilayer-receptor modified
electrodes

D%Rs (MO) D%t (s) D%Rs (MO) D%C (mF)

Estrogen 0.015 pg/ml No change No change No change No change

Estrogen 44 pg/ml 74.28 �19.96 �45.74 �28.98

Bisphenol-A 30 ng/ml 24.43 �56.63 �16.4 �47.34

Bisphenol-A 3 mg/ml 33.84 �63.26 �26.54 �48.69

Genistein 1 ng/ml 56.28 �21.71 �30.18 �9.78
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The outcome of the research reported in this chapter will lead to the devel-

opment of economical and easy-to-use sensors aimed at the routine and con-

tinuous monitoring of endocrine disrupters in suspect environmental locations.

Such systems are the key to identifying and defining potent chemicals or pol-

lutants and provide a highly sensitive monitoring method by eliciting an immediate

response to a wide range of known or unknown chemicals. The electrochemical

detection of hormone–receptor interactions is an ideal technology for the rapid in

situ identification and definition of pollutants as XNHs that can serve as an eco-

nomical and easy-to-use sensor in the field.
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Abstract

Biological membranes are highly complex architectures. Their central structure consists of

a lipid bilayer, which fulfills many tasks and, in particular, serves as a barrier between the

inside and outside of the cell. Membrane-related processes have attracted an enormous

interest, but systematic studies of such complex systems are difficult and limited to only a

few examples. Here, we present two different model systems that enable the study of

membrane proteins in a quasi-natural environment. First, the tethered bilayer lipid mem-

brane, where a lipid is anchored to a surface via a hydrophilic spacer and the so-formed

bilayer serves as a matrix for protein incorporation. In the inverse architecture, a protein is

tethered to a surface and then embedded into a lipid bilayer. In both cases, functional

studies of the proteins are possible.

1. INTRODUCTION

Biological membranes are highly complex architectures. Their central structure

consists of a lipid bilayer, which fulfills many tasks and, in particular, serves as a

barrier between the inside and outside of the cell. The bilayer comprises a double

layer of lipids that are held together by a variety of interactions, e.g., hydrophobic

and van der Waals forces. Transport processes across membranes are control-

led by proteins, e.g., ion channels, shuttle proteins or gated pores. A large

number of diseases is related to mal-functions of these membrane proteins.

Therefore, membrane-related processes have attracted an enormous interest,
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but systematic studies of such complex systems are difficult and limited to only a

few examples.

Different model systems have been developed in order to mimic the basic

functions of a cell membrane and thus to provide a basis for the systematic study

of all kinds of different membrane-related processes [1–3]. A suitable model

system should fulfill certain key features in order to display properties as close as

possible to the natural analogue: the membrane should separate an inner-

membrane space from the outer part. This homogeneous barrier also has to

prevent translocation processes from one side to the other. Not only does this

include the transport of small molecules as well as of ions, but also the membrane

has to be insulating. At the same time, the model membrane has to provide some

flexibility and lateral fluidity in order to allow the incorporation and proper function

of membrane proteins.

Four different model membrane architectures are schematically depicted in

Fig. 1. Very simple model systems are vesicles or liposomes. Their internal part is

separated by the membrane bilayer from the outside. The membranes have been

shown to be fluid, and the functional incorporation of membrane proteins is pos-

sible by reconstitution protocols. Protein-loaded vesicles can be obtained from

purified membrane proteins. The number of techniques used to analyze the ves-

icles as a membrane system, however, is limited, as well as their use in bio-

sensing devices.

The BLM (‘‘black’’), on the other hand, is a model system well suitable for the

investigation of transport processes of ions or small molecules through lipid

bilayers [4]. To this end, a rather simple setup has been developed: a lipid bilayer

spans an aperture in a septum that separates two aqueous compartments, each

connected to an electrode. Using this configuration, the electrical characterization

of the membrane is possible and resistances and capacitances similar to values

measured in patch clamp experiments have been obtained. The high electrical

sealing properties of BLMs make it even possible to measure ion translocations

through single ion channels and to record the resulting stochastic current signals.

However, these systems, by their very nature, are rather unstable and difficult to

use in practical applications, Several attempts have been made to increase their

stability including the polymerization of the lipids or the application of stabilizing

layers on one or both sides of the membrane [5].

In order to obtain maximum stability and to provide a suitable platform for

biosensing applications, the concept of solid-supported membranes has been

proposed [2,6]. In this concept, a lipid bilayer is directly placed on top of a solid

support. If this support is an electrode, electrical characterization of the mem-

brane is possible. The drawback of this system is the limited space between the

membrane and the support, which is often not more than a thin layer of water.

This is usually not enough to serve as an ion reservoir needed to allow for ion

transport to occur through the embedded membrane proteins. Additionally, pro-

teins with large extramembrane domains cannot be incorporated without risking
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denaturation. Another inconvenience of this model system is its reduced stability.

A bilayer merely fused to a solid support lacks the robustness needed for prac-

tical applications as biosensors.

2. ASSEMBLING THE TETHERED BILAYER

In order to overcome these limitations and drawbacks, we recently introduced a

novel model membrane platform, the t’BLM.

As depicted in Fig. 2 a t’BLM consists of a lipid bilayer. Its proximal layer is

(partially) covalently attached to a solid support via a hydrophilic spacer.

Various architectures and chemical strategies have been tested in an effort to

develop the best tethering systems. However, the most successful architecture

recently developed is based on a telechelic system, for which the spacer chain

Fig. 1. Schematic assembly of different model membrane systems. Upper left:
vesicles, lower left: bimolecular lipid membrane (BLM), upper right: solid-
supported membrane, lower right: tethered bilayer lipid membrane (t’BLM), cen-
tral part: schematic of a biomembrane with incorporated membrane proteins.
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molecules are functionalized on one end with a reactive group specifically binding

to the substrate, while the other end carries an amphiphile acting as an anchor lipid.

This first layer is built via a self assembly process from a dilute solution of the

tetherlipid. If the solid support is a gold substrate (used, e.g., for electrochemical

measurements and the surface plasmon spectroscopy), the spacer unit can be

bound using thiol chemistry. These bonds provide a stable anchoring of the

proximal membrane layer to the electrode. The distal layer of the membrane can

be completed either by depositing a second (distal) monolayer, which was pre-

organized at the air/water interface via the Langmuir/Blodgett/Kuhn techniques,

or by fusion of lipid vesicles to the hydrophobic self-assembled monolayer. Sev-

eral different systems have been shown to form tBLM architectures, however,

with different property profiles. Certain criteria have been established that meas-

ure the quality of the bilayer. Homogeneity at the micrometer scale can be in-

vestigated using fluorescence microscopy techniques, for which fluorescently

labeled lipids are mixed into the distal leaflet of the bilayer. We believe one

important factor for the incorporation and proper function of membrane proteins is

the fluidity or lateral mobility of membrane constituents (lipids and proteins) within

the bilayer. This can be measured by fluorescence recovery after photobleaching

(FRAP) techniques. It could be shown that a large tether density in the proximal

leaflet can obstruct the free diffusion of integral units [7].

Fig. 2. Schematic assembly of a tBLM in three steps. Firstly, the proximal layer is
(partially) bound to a substrate by a self-assembly procedure. The bilayer is
completed by vesicle fusion. Solubilized proteins are then functionally incorpo-
rated into the bilayer. The last two steps can be combined using proteoliposomes.
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Another main criteria for the quality of a membrane and its suitability for bio-

sensing applications is a high electrical resistance. This factor becomes obvious if

one thinks about measuring general electric currents or, more specifically, eval-

uating the transport of small molecules and ions through the membrane. In order

to ensure that these transport processes are dominated by the functional action

of the incorporated proteins, one needs to prepare membranes that show as little

shunt conductance through uncontrolled defects as possible. The observed cur-

rents should be exclusively due to protein action and not to defects in the bilayer.

A method of choice for these investigations is the electrical impedance spectro-

scopy (EIS). Using the noble metal support as a working electrode, one can

perform three electrode measurements in order to obtain parameters such as the

resistance and capacitance of the membrane. Values obtained from the various

model systems can be compared to those known from patch clamp experiments

on real cells or those known from black lipid membrane experiments. Resistances

larger than approximately 10MO cm2 and capacitances smaller than 1 mF cm2 are

standard for good membranes.

The first tBLMs with high electrical resistances have been presented by Cornell

et al. [8]. The authors presented an architecture in which gramicidin was em-

bedded into a tethered bilayer membrane and served as the detection unit of a

biosensing prototype [9,10]. Terrettaz et al. have presented another electrically

insulating system [11–13] with a synthetic ion channel, which was bound to the

substrate and served as the active unit.

In 2003, we presented a novel type of tethered thiolipids. The first example of

this type is the 2,3-di-O-phytanyl-sn-glycerol-1-tetraethylene glycol-D,L,a-lipoic

acid ester lipid (DPTL) [14]. Its architecture, as shown as the proximal leaflet in

Fig. 3, includes phytanyl chains, which are known to guarantee a low phase

transition temperature. This ensures a fluid like structure of the membrane at

room temperature. Such lipids are known to allow for the formation of dense and

stable membranes [15,16]. The link between the lipid tails and the spacer unit

contains only ether bonds, which are known to be chemically inert. In nature,

these moieties can be found in extremophiles or archaea [17]. The spacer unit

consists of a tetraethylene-glycol unit that (i) provides a hydrophilic ion reservoir

between the substrate and bilayer, (ii) compensates for surface roughness ef-

fects and (iii) separates the bilayer from the substrate. A lipoic acid moiety was

used to link the molecule to a gold substrate. The proximal layer can be assem-

bled by adsorption from an ethanolic solution. The best results have been ob-

tained using template stripped gold [18], which helps minimizing surface

roughness effects. In short, a thin gold film is firstly evaporated onto a clean

silicon substrate used as the template. The gold is then transferred to a glass

slide using optical glue that matches the optical properties of the glass. The

silicon wafer can then be stripped off, resulting in a gold film displaying the

surface roughness of the silicon template, i.e., typically a fraction of a nanometer.
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The self-assembled monolayer can then be completed to a full bilayer by fusion

of small unilamellar vesicles. The complete architecture is schematically shown in

Fig. 3, here, the distal layer is composed of diphytanoylphosphatidylochline

(DPhyPC) lipids.

3. STRUCTURAL CHARACTERIZATION

A useful approach for measuring thin film thicknesses at a metal/air or metal/

liquid interface is based on the surface plasmon resonance (SPR) technique [19].

At a certain angle of incidence, a laser excites an electromagnetic wave bound to
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assembled to an ultrasmooth gold film via self-assembly. The distal layer is then
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DPTL is now available from DIVERCHIM S.A.
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the interface and which decays exponentially into both media. At this resonance

angle, all the energy of the incoming laser beam is coupled into the plasmon

wave. This shows up as a narrow drop in the reflected light. The optical para-

meters (thickness and refractive index) of any adsorbed material at the interface

will modify this minimum angle. As an example, Fig. 4 shows the angular shift of

the resonance after the formation of a bilayer due to vesicle fusion. Its thickness

then can be characterized by knowing the refractive index of the adlayer.

One can also follow the kinetics of such a process when measuring the re-

flected intensity at a fixed angle of observation. However, it is difficult to dis-

criminate between vesicle fusion and vesicle adsorption, two processes that often

interfere with each other and that are yet to be fully understood [20]. The com-

bination of surface plasmon spectroscopy with the quartz crystal microbalance

with dissipation (QCM-D) monitoring offers the possibility to address exactly this

question. QCM-D works in a way that a quartz crystal is electrically driven at its

resonance frequency. If a material adsorbs to the surface, the frequency of this

shear mode is shifted. At the same time, one can measure change of the dis-

sipation of the mode, which originates from the viscoelastic properties of the film.

In the case of vesicle fusion, the QCM-D signal shows a certain shift in frequency

corresponding to the adsorbed mass. If a bilayer membrane (relatively rigid) is

formed, there is only little change in the dissipation. However, if whole intact

vesicles adsorb to the surface, one also measures a strong increase in mass by a

shift in frequency. Moreover, the viscous coupling of the adsorbed vesicles with
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Fig. 4. SPR curves of a DPTL-based tBLM before (solid) and after (dashed)
vesicle fusion. The angular shift in the reflectivity minimum corresponds to the
addition of the distal layer.
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their water load results also in a significant increase of the dissipation. QCM-D

measurements are, hence, very well suited to differentiate between mere vesicles

adsorption and the formation of a bilayer after vesicle fusion [21].

Contrary to that, SPR is sensitive only to the amount of adsorbed (optical)

mass within the evanescent field of the surface plasmon mode, i.e., within about

100–200 nm.

In Fig. 5, a combined SPR/QCM-D experiment is shown. Here, a DPTL mono-

layer was assembled onto a QCM-D sensor quartz disc which had a sinusoidal

surface corrugation that could be used as a grating coupler in SPR. This way, we

could follow the increase in thickness by simultaneously recording the SPR signal

and the parallel shift in QCM-D frequency. A very similar time-dependence was

observed. At the same time, the dissipation remained low indicating the formation

of a defined bilayer membrane by vesicle fusion.

4. FUNCTIONAL CHARACTERIZATION

The main criteria for the quality of a model membrane system are the electrical

properties, especially if one is interested in studying the functional incorporation

of ion transporting peptides and proteins. Electrical impedance measurements
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give access to these characteristic parameters. In a typical three-electrode ex-

periment a sinusoidal voltage of small amplitude is applied at various frequencies

covering more than eight orders of magnitude and the resulting current is meas-

ured. The obtained data is typically displayed in a Bode plot (cf. Fig. 7), where the

logarithm of the absolute value of the impedance and the corresponding phase

angle shift are plotted as a function of frequency. In such a representation, the

phase shift and the slope of the impedance can reveal useful information about

the electric properties of the system. In a typical t’BLM system the solution re-

sistance dominates at high frequencies. The mid-frequency region is governed by

an increasing impedance with a slope of minus one, thus the capacitance dom-

inates. The drop in phase angle and a plateau in impedance at low frequencies

show again an increasing resistive moment. Such plots can be described in good

agreement using model circuits that consist of a series of resistor and capa-

citance elements. One can thus obtain parameters for the bilayer resistance and

capacitance which can be compared to values known from experiments with

black lipid membranes. With the DPTL system we could measure values up to

several MO cm2 at less than 1 mF cm�2. Moreover, the system turned out to be

extremely robust and it could be prepared very reproducible. These tethered

membranes are an ideal platform for the study of ion transport processes me-

diated by embedded membrane peptides and proteins, e.g., valinomycin [22],

gramicidin, mellitin, cytochrome c oxidase [18,22], M2 [23], maxi-K channels [24]

or other peptides [25].

From a chemical point of view, the DPTL molecule consists of the three distinct

parts as mentioned above: the lipid tails, the spacer unit and the anchor group. In

order to modify or improve the system further, one can address each of these parts.

So far, as is the DPTL system, most lipids described in the literature are based

on thiol chemistry and gold or noble metal substrates. In contrast, many appli-

cations and possible microelectronic readout devices are based on silicon-

containing materials.

To meet the corresponding chemical requirements, we could exchange the

lipoic acid moiety of the DPTL molecule by different silane groups, especially by

monochloro-dimethylsilane (DPTDC) and by trichlorsilane (DPTTC). The chemi-

cal formulae are shown in Fig. 6.

The molecules can be self-assembled from a toluene solution. Typically, after

24h a first hydrophobic layer is formed. However, ellipsometric measurements as

Fig. 6. Chemical structure of the silane-based lipids.
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well as the hysteresis in the advancing and receding water contact angles indicate

that this proximal layer does not form a dense film, rather is relatively dilute.

Nevertheless electrical characterization is possible. The first layer is assembled

on a highly doped silicon wafer with a backside aluminum contact. Figure 7 shows

the impedance data of a DPTDC monolayer before and after vesicle fusion. For

the monolayer, the capacitance of the thin natural silicon oxide layer at the surface

dominates the signal, while the formation of the bilayer leads to a shift of the curve

to lower capacitances and a shoulder at low frequencies in the impedance data,

the curves can be fitted using an equivalent circuit with an RC (resistor and

capacitance in parallel) element describing the SiOx layer in series with a second

RC element describing the bilayer properties. Resistances of the bilayer of about

1.5MO cm2 and a capacitance of about 0.9mFcm2 could be found [26].

The functionality of these tBLMs could be shown by the incorporation of two

different ionophores, i.e., the ion shuttle valinomycin and the pore-forming pep-

tide gramicidin. Valinomycin is a small peptide that transports potassium ions

from one side of the bilayer to the other. The functional incorporation of the

peptide into the pre-formed bilayer can be seen by a drop in the bilayer resist-

ance. In Fig. 7, this can be seen as a shift of the transition shoulder toward higher

frequencies [26].

Valinomycin is highly selective to potassium. The probability for sodium trans-

port is, e.g., reduced by a factor of 104. This effect can be used to prove the
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functional incorporation of the peptide. In a potassium-free medium, a bilayer

should show a high electrical resistance, which drops after addition of potassium.

Figure 8 shows exactly this behavior for a bilayer on DPTDC containing a small

amount of valinomycin. The successive increase of the potassium concentration

in a buffer of 100mM ionic strength results in a decrease of the membrane

resistance, which can be obtained by fitting the corresponding impedance data,

while the capacitance remains almost constant. The latter confirms the mem-

branes integrity. The square marks the initial value at 100mM NaCI and the

diamond the result obtained at the end of the experiment after having rinsed

again with 100mM NaCI. The difference may be due to initial small traces of

potassium in the valinomycin.

5. PROTEIN-TETHERED BILAYER LIPID MEMBRANES

Even though the assembly of the tBLM leads to the structural integrity needed for

a bilayer that constitutes a high barrier for the passive permeation of ions, a clear

drawback of this architecture is the lack of control during the incorporation of

functional units, i.e., peptides, ionophores or proteins: the addition of either sol-

ubilized channel proteins or the fusion of proteo-liposomes results in the spon-

taneous incorporation of proteins into the tethered membrane, but does not allow

for the desired control of their density or orientation.

One way to overcome this limitation is to tether the final membrane via the

incorporated protein. In this approach, the proteins are genetically modified by a
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stretch of histidines at either their N- or their C-terminus which allows for their

coupling to a NTA/Ni2+ modified substrate (sensor) surface. This way, the den-

sity of the proteins and, in particular, their orientation can be fully controlled.

Fusion of lipid bilayers ‘‘around’’ these anchored proteins then completes the

desired membrane architecture. This is schematically shown in Fig. 9.

The chemical strategy that we recently introduced is given in Fig. 10. A

succinimide derivative is first assembled on an Au substrate (A) followed by the

covalent coupling of an amino-terminated NTA derivative (B). After incubation

with Cu2+ or Ni2+ ions the proteins can be assembled via their histidine se-

quence (His-tag). The example shown in Fig. 10(C) corresponds to the redox-

active protein Cytochrome c Oxidase, modified at its N-terminus. Thus, the

Cytochrome c binding pocket remains exposed to the distal aqueous phase

[27–29].

All assembly steps could be followed by surface-enhanced infrared absorption

(SEIRA) spectroscopy thus giving full control over the degree of completion of the

individual modification steps. For the coupling of the protein this is given in

Fig. 11(A) that shows the time-evolution of IR bands in the range of the amide I

and amide II vibrations. If plotted as a function of time (Fig. 11(B)) one can see

that the process can be stopped at anytime thus determining the degree of

Fig. 9. Schematic tethering of a protein: the protein is bound to a substrate via a
stretch of histidines. The bilayer is completed by fusion of lipids.
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coverage of the surface by protein and, hence, controlling the protein number

density of the final tethered membrane.

The critical step is the surface reconstitution, i.e., the assembly of a lipid bilayer

architecture ‘‘around’’ the tethered proteins. To this end a surface dialysis cell

Fig. 10. Chemical strategy how to ‘‘tether’’ a protein.
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was designed that allows for the in situ replacement of the solubilizing detergents

used to stabilize the protein during the surface-grafting step by the lipids that

eventually constitute the final bilayer matrix. This step is schematically depicted in

Fig. 12. Again, SPR, QCM and SEIRA spectroscopy could be employed to mon-

itor the successful surface dialysis.

The critical test, however, was again the capacity and resistivity of the obtained

membrane. These parameters obtained by EIS are summarized in Table 1. The

reconstitutioh step works surprisingly well and results in a membrane that is
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sufficiently electrically isolating unless the integral proteins, the cytochrome c

oxidase, are activated by the addition of cytochrome c. This activation step,

however, is fully reversible: rinsing the protein-tethered BLM with cytochrome-c

free buffer restores the isolating membrane. (Alternatively, the addition of cyanide

ions, well known for their interference with the coupled electron/proton translo-

cation of the cytochrome c oxidase, restores the high resistivity of the membrane

in the absence of any other specific ion translocation mechanism.)

6. CONCLUSIONS

After many years of rather moderately successful attempts, the tBLM has finally

matured into a novel model membrane platform that deserves to be called a

‘‘membrane’’: it fulfills not only the structural requirements of being a bimolecular

leaflet that can act as a matrix for the incorporation of peptides, ionophores or

proteins as ion-translocating functional units, foremost it constitutes a barrier for

the passive translocation of ions. Its structural integrity as well as its local fluidity

provide a bilayer with a sufficiently low defect density and, thus, passive leakage

currents that match or are even lower than those of our best model membranes

so far, the BLMs.

While having focused first on the assembly of tBLMs on Au electrodes that also

could be used for the surface-plasmon optical characterization of the individual

preparation steps, we also recently introduced silane-based attachment groups

thus opening the possibility of building tBLM layers on glass or SiO2 substrates,

hence, spanning the range of experimental formats essentially to any substrate

material of interest.

The versatility of the tBLM platform has further been confirmed by the incorpo-

ration and functional characterization of a wide variety of ionophores and channel

proteins: valinomycin, gramicidin, mellitin, M2, H+ATPase, cytochrome c oxidase,

nAChR, Maxi-K channels and others have been shown to ‘‘work’’ in tBLMs.

A particularly promising but also challenging extension of these studies with

many functional units embedded into the tBLMs are efforts to incorporate only

Table 1. Resistance and capacitance values from EIS data for the different
preparation steps of the cytochrome c oxidase tethered architecture

Resistance/kO cm2Capacitance/mFcm�2

DTSP-ANTA-Cu2+-CcO complex 35710 1072

Reconstituted 8007300 671

After activation 100720 671

After washing 7507300 671

After activation in the presence of KCN 7507300 771
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individual single channels and monitor the stochastic current through the mem-

brane reflecting the switching between an isolating off-state and a conducting on-

state of the pore. The high resistivity of the bare lipid bilayer matrix with the

corresponding low current levels in the sub-pA-range are a prerequisite for the

successful recording of single channel conductance increments which typically

amount to some 10–100 pS thus generating current fluctuations in steps of

1–10 pA. By using a patch-clamp amplifier we recently could demonstrate for the

first time channel fluctuations of the M2 peptide incorporated into a tBLM as-

sembled from DPTL [23]. We consider this result to be the final element in a

breakthrough for the tethered bilayers that paves their way as a new model

membrane platform.
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Abstract

A new, optical technique to determine molecular order of lipid bilayers is described. This

technique is based on birefringence (double refraction) of lipid bilayers and applicable

without any kind of labeling. The order including the lipid molecular orientation order and

the acyl chain order is determined from the interference light by vesicles due to the biref-

ringence. Because of high sensitivity of the birefringence to the molecular order, it is

possible to detect a slight change in the order. Effects of hydrophilic, hydrophobic and

amphiphilic additives on bilayer lipid membranes measured by this technique are also

described. The experiments show that the birefringence technique is powerful to inves-

tigate molecular order of lipid membranes with additives.
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1. INTRODUCTION

Much of the knowledge about structural and dynamic properties of bilayer

phospholipids was gained by many techniques as X-ray diffraction, DSC, NMR,

electron microscopy and so on [1]. Recently, interaction between biological mol-

ecules and lipids has been widely noticed because the interaction is a funda-

mental process in living biological membranes [2,3], and so the interaction has

been studied employing a variety of additives. These additives are hydrophilic

ones which predominantly affect the headgroup region; hydrophobic ones, which

interact with the acyl chains; and amphiphilic ones which affect the entire lipid.

Also, a variety of techniques have been newly developed to investigate the

structure and dynamics of lipid-additive systems. In this review, a new, optical

technique to determine molecular order of lipid bilayers is described. This tech-

nique is based on birefringence (double refraction) of lipid bilayers. The order

including the lipid molecular orientation order and the acyl chain order is obtained

from the interference light by vesicles due to the birefringence [4,5]. Because of

the high sensitivity of the birefringence to the molecular order, it is possible to

detect a slight change in the order. In this chapter, I will first describe this

birefringence method and secondly our recent experiments with various a

dditives using this technique. The additives employed in these experiments are

as follows:

(a) Hydrophilic: polysaccharide, polysaccharide/cholesterol conjugate and poly-

ethylene glycol (PEG)

(b) Hydrophobic: cholesterol and organohalogen compounds

(c) Amphiphilic: lysolipids, peptide and a local anesthetic.

2. BIREFRINGENCE TECHNIQUE FOR STUDYING MOLECULAR
ORDER OF LIPID BILAYERS

Phospholipid bilayers show optical birefringence (double refraction) owing to the

liquid-crystal structure of lipid bilayers. Birefringence phenomena of lipid assem-

blies were observed from long ago [6,7]. However, until recently, the birefring-

ence has been underutilized for studying bilayer structure. The birefringence of

pure lipids was measured using lipid lamellar textures [8] and vesicles [9]. The

birefringence depends on the order of molecular orientation as well as the acyl

chain order of lipids. In particular, in the case of multilamellar bilayers, the biref-

ringence strongly depends on the order of the longitudinal orientation of lipids in

the multilamellae.

Interference light due to the birefringence can be easily observed by a polar-

ization microscopy with crossed polarizers. Figure 1 shows micrographs of lipid

vesicles observed with parallel polarization and crossed polarization. When a
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vesicle is illuminated through a polarizer, the incoming polarized light separates

into two beams with different directions of the electric vibration, and the beams

emerge from the vesicle with a different phase. As a result of the phase differ-

ence, interference occurs between the two beams after passing through another

polarizer. The interference light intensity relates both to the birefringence and the

vesicle size. We recently proposed a new technique that utilized the birefrin-

gence. In this technique, the interference light intensity is determined from the

polarized light transmitted through the vesicle suspension, and the molecular

order of lipids is obtained from the interference light intensity. This birefringence

technique is simple to measure and is applicable to lipid membranes without any

kinds of labeling.

A

B

Fig. 1. Optical micrographs of (A) interference light by phosphatidylcholine vesi-
cles observed with crossed polarization and (B) the same place observed with
parallel polarization. Bar represents 100 mm.
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2.1. Theory

2.1.1. Interference light by a hollow sphere

I will describe the theory of the birefringence method as presented in Refs. [4,5].

A crystal plane plate placed between a polarizer and an analyzer is firstly con-

sidered. Intensity of interference light by the plate is given as [10]

i ¼ afcos2w� sin2f sin2ðf� wÞsin2ðd=2Þg ð1Þ

where a is the intensity of the incident light on the plate per unit area, w the angle

between the directions of electric vibrations passed by the polarizer and the anal-

yzer, f the angle between the direction of electric vibration passed by the polarizer

and one of the two mutually orthogonal directions of vibrations in the crystal

and d the phase difference between the two emerging beams with different

vibration directions, the so-called ordinary and extraordinary beams. In the case

that polarizer and analyzer are perpendicular (crossed polarization), the interfer-

ence light intensity is written as

i ¼ a sin22f sin2ðd=2Þ ð2Þ

The phase difference is related with the light path and the refractive indices for the

two emerging beams. When the refractive, n0 and n00 approximate each other, the

phase difference is given as

d ¼ ð2p=lÞðn00 � n0Þr ð3Þ

where l is the wavelength of the incident light and r the mean geometrical path of

two emerging beams. Difference in the refractive indices is written by the biref-

ringence of the uniaxial crystal Dn as

n00 � n0 ¼ Dn sin2y ð4Þ

with

Dn ¼ ne � no ð5Þ

where no and ne are the ordinary and extraordinary refractive indices, respectively,

and y is the angle between the optical axis of the crystal plate and the mean path

of the two beams.

Next, a hollow sphere is considered as a model of lipid vesicles. The hollow

sphere is composed of an uniaxial crystal with the birefringence of Dn, and the

optical axis of the crystal is radially oriented in the shell. It is assumed that the

birefringence is far small compared with the refractive indices of the crystal no and

ne ðDn � no; neÞ, and so n0 An00. The direction of beams propagated in the shell

changes with varying the direction of the optical axes. However this change is

negligible, if n0 An00 is hold. On the assumption, the mean geometrical path of two

beams with different electric vibration is easily written as

r ¼ 2Ro cos b ð6Þ
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in the case of the beams propagated through only the shell (a in Fig. 2), and

r ¼ 2ðRo cos b� Ri cos b0Þ ð7Þ

in the case of the beams propagated from the shell to the inside medium (b in

Fig. 2), where Ro and Ri are the outer and the inner radii of the shell, respectively,

and b the refractive angle between the optical axis and the light path. b0 is the

incident angle at the interface for the case of the propagation (b). In the limiting

case of b0 ¼ p/2, equation (7) reduces to equation (6).

On averaging over the light path for the factor sin2y in equation (4), the differ-

ence in the refractive indices n00�n0 for the case of (b) is given as

n00 � n0 ¼ Dnosin2y4AV

¼
Dn

2
1�

sin2b� sin2b0

2ðb� b0Þ

� �

ð8Þ

The difference n00 � n0 for the case of (a) is obtained by replacing b0 with p/2 in

equation (8). It is noted that the birefringence Dn is approximately equivalent to

that of a plate composed of same uniaxial crystal, when the shell has a large

curvature. If the optical axis of the crystal is not radially oriented, it is not easy to

express the difference n00 � n0. However, when the direction of the optical axis is

radial on average, equation (8) is valid. In this case, Dn is the mean birefringence.

Ro

R i

b 

�

�
�

�

a

’

Fig. 2. Geometrical paths of light propagated through the shell (a) and the shell
and the inside medium. (b) Each path contains both ordinary and extraordinary
beams. From Mishima et al. [9].
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Then the phase difference d for the hollow sphere is given as

d ¼ 2p

l
Dn Ro cosb� Ri cosb

0
� �

1�
sin2b� sin2b0

2 b� b0
� �

 !

ð9Þ

where in the case of propagation (a), b0 ¼ p/2.

Intensity of the interference light by the sphere is given by integration with the

incoming angle a over the illuminated area of the sphere. In the case of crossed

polarizers, the interference light intensity is expressed:

i ¼

Z

a sin22f sin2ðd=2Þ dS ð10Þ

where a dS is the intensity of the incident light flux with the cross-sectional area of

dS. When the incident light flux illuminates an area of the shell surface dS0 with

the incoming angle a, the area dS is written as

dS ¼ dS0 cos a ¼ R2
o df sinð2aÞ da=2 ð11Þ

Thus, the interference light intensity is

i ¼

Z 2p

0

a=2
� �

R2
o sin2f df

Z p=2

0

sin2ðd=2Þsin2a da ð12Þ

Since the total intensity of the illuminated light io is io ¼ paR2
o, the first integral is

equal to io/2. The second integral is divided into two terms for the cases of

propagations (a) and (b) of Fig. 2. Therefore, the interference light intensity per

unit incident light with crossed polarization is expressed as

A ¼
i

io
¼

1

2

Z ao

0

sin2ð
d

2
Þsin2a daþ

Z p=2

ao

sin2ð
d

2
Þsin2a da

 !

ð13Þ

where ao is the incoming angle of the beam propagated on the interface between

the shell and the inside medium of the hollow sphere. The angle is represented by

ao ¼ arcsin(mRi/Ro) in which m is the relative refractive index of the shell to the

medium. In the second term of equation (13), the phase difference is taken as

equation (9) with b0 ¼ p/2. The interference light intensity A was numerically

calculated by the Simpson method. Also, the interference intensity by a single

vesicle was experimentally measured using a polarized microscopy with crossed

polarizers with varying the wave length of the incident light. Comparing these

intensities, the birefringence was estimated to be 0.020 for the gel phase and

0.028 for the ripple phase of dipalmitoylphosphatidylcholine (DPPC) bilayers [9].

These values are in good agreement with the results obtained by the use of lipid

lamellar textures [8].
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2.1.2. Polarized light transmitted through lipid dispersion

Let us consider lipid dispersion containing various vesicles in size. The total

intensity of interference light is a sum of the individual interference light by the

vesicles. Since the interference light depends on both inner and outer radii, the

mean intensity of the interference light oA4 is written as

hAi ¼
X

j

X

k

AðRoj;RikÞfðRoj;RikÞ ð14Þ

where A(Roj,Rik) is the interference light by a vesicle with an inner radius of Rik

and an outer radius of Roj, and f(Roj,Rik) the number fraction of the vesicle. The

total interference light per unit area is given byoA4N‘ for the dispersion with the

number density of N and the light path length of ‘. Also, the total scattered light is

oS4N‘, where oS4 is the mean intensity of scattered light as defined by a

similar way as equation (14).

We consider the polarized light transmitted through the dispersion with a small

path length of d ‘. Deviation of the light intensity with crossed polarization I1 to the

polarized incoming light is written as

dI1
d‘

¼ oA4NI2 �oA4NI1 �oS4NI1 ð15Þ

where I2 is the light intensity with parallel polarization. The first term is an increase

in the interference light crossly polarized to the incoming light, the second term is

a reduction by the interference light polarized in parallel, and the last term is a

reduction by scattering light. Since the light intensity of parallel polarization is far

larger than that of crossed polarization, i.e., I2 � I1, the second term is neglected

in comparison with the first term:

dI1
d‘

¼ oA4NI2 �oS4NI1 ð16Þ

Deviation of the light intensity with parallel polarization is similarly written as

equation (15), but the effect of the scattered light is dominant rather than that of

the interference light. So, the deviation is written as

dI2
d‘

¼ �oS4NI2 ð17Þ

The light intensity transmitted through the light path of l is given by

I2 ¼ Io expð�tlÞ ð18Þ

where Io is the incident light intensity and t ¼ oS4N is the turbidity.

The transmitted-light intensity with crossed polarization is obtained by com-

bining equations (16) and (18) as

I1 ¼ Io fþoA4Nlð Þexpð�tlÞ ð19Þ

where f is a ratio I1/Io in the absence of vesicles, namely, a background of the

optical system. Ratio of the transmitted light intensities I1/I2 is related only to the
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interference light as

I1
I2

¼ fþoA4Nl ð20Þ

The transmitted-light intensity with crossed polarization and the intensity ratio are

schematically represented in Fig. 3(A). The mean interference light intensity

oA4 can be determined from the slope of a linear dependence on the number

density of vesicles and the light path length.

However, when the interference light intensity is far larger than the scattered

light intensity, i.e. oA4I2 � oS4I1, the intensity ratio becomes a nonlinear

dependence. In this case, equation (16) is reduced to

dI1
d‘

¼ oA4NI2 ð21Þ

Combining equations (18) and (21), the transmitted-light intensity with crossed

polarization is given by

I1 ¼ Io fþoA4

oS4
ð1� expð�t‘ÞÞ

� �

ð22Þ

Nl Nl

21 II
01 II

Nl

21 II01 II

Nl

(A)

(B)

�
�

��

Fig. 3. Schematic representation of transmitted-light intensity with crossed po-
larization I1 (left) and ratio of the light intensities with crossed polarization I1 and
with parallel polarization I2 (right) as a function of number density of vesicles N
and light path length ‘. (A) intensity of the interference light is comparable with
that of the scattered light and (B) interference light intensity is far larger than the
scattered light intensity. f is a background of the optical system and Io is the
incident light intensity.
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Ratio of the transmitted-light intensities I1/I2 is

I1
I2
¼ fþoA4

oS4

� �

expð�t‘Þ �
oA4

oS4
ð23Þ

The intensity ratio deviates positively from a linear dependence, as shown in

Fig. 3(B).

Experimentally, it is easy to determine the interference light intensity from the

ratio of transmitted-light intensities with a linear dependence. To obtain a linear

dependence of the intensity ratio I1/I2 on N ‘, vesicles with appropriate size and

incident light with a larger wave length should be employed. It is necessary to test

whether the linear relation holds or not. In addition, use of incident light with a larger

wavelength is helpful to analyze data of the interference light. As seen in equation

(9), the phase difference d is in proportion with the birefringence Dn, and becomes

small with increasing the wavelength. For the small phase difference, the inter-

ference light intensity is approximately proportional to the square of d (equation

(13)). This leads to a linear dependence between the interference light intensity

and the square of the birefringence Dn. In fact, this square relation is obtained for

the small birefringence at a range of large wavelength, as shown in Fig. 4.

2.1.3. Molecular orientation order in lipid bilayers

As mentioned above, the birefringence of lipid bilayers does not relate to only the

acyl chain order but also the molecular orientation order in the bilayers. Let us

0

0.1

0.2

0.3

0.4

0.5

0 0.2 0.4 0.6 0.8 1

∆n2 (×10−3)

A

Fig. 4. Relation between the interference light intensity by single vesicle A and
the square of the birefringence Dn with different wave length l of 400 (K), 500
(J) and 600 nm (m). The intensity values were calculated according to equation
(13) for Ro ¼ 5mm, Ri ¼ 2 mm and the relative refractive index of the vesicle to the
medium, m ¼ 1.4. A linear dependence obtains for the large wavelength, but the
intensity for the small wavelength deviates from the straight line at large biref-
ringence.
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consider the relation between the birefringence and the molecular order.

According to the theory of an uniaxial liquid crystal, the ordinary and extraordi-

nary refractive indices, no and ne are related with the principal polarizabilities ao
and ae as [11]

n2e � 1

n2e þ 2
¼

4p

3

Nae

1þ A1ae
ð24Þ

n2o � 1

n2o þ 2
¼

4p

3

Nao

1þ A2ao
ð25Þ

where N is the number density of molecules, and A1 and A2 are constants by

which the Clausius–Mosotti relation is adapted to the uniaxial crystal. Since the

birefringence of lipid bilayers is small, i.e., ne � no, these adapted factors can be

neglected and ðne þ 1Þ
�

ðn2e þ 2Þ � ðno þ 1Þ
�

ðn2o þ 2Þ. Thus, the birefringence, Dn

is obtained from the following equation:

Dn ¼ ~n� 1�
Dn

3

� �

ae � ao

ao

� �

ð26Þ

with the mean refractive index, ~n

~n ¼
ne þ 2no

3
ð27Þ

Using equation (26), the birefringence was calculated to be 0.079 on the as-

sumption that lipid molecules with fully extended chains are uniformly arrayed [9].

In this assumption, the polarizabilities of the bilayer, ae and ao are equal to po-

larizabilities of the lipid molecule, aJ and a?, i.e., ae ¼ aJ and ao ¼ a?, where the

indices J and ? denote the principal direction of the molecule and a direction

perpendicular to it, respectively. The calculated value is far larger than both

values measured for the gel phase (0.02) and for the ripple phase (0.028) of

DPPC multilamellar bilayers [9]. These smaller values arise from disorders

of chains and molecular orientation in the bilayer. In particular, the birefringence

of the multilamellar bilayers is strongly affected by a disorder in the longitudinal

orientation. The degree of order of the uniaxial liquid crystal is defined by the ratio

of the polarizabilities of the crystal to the molecular polarizabilities as [11]

S ¼
ae � ao

ak � a?
ð28Þ

In the case of lipid bilayers, the term Dn/3 in equation (26) is approximately

neglected in comparison with ~n� 1 since the Dn/3 value is about 2.5% of the
~n� 1 value. In this case, the degree of order S is written as

S ¼
Dn

~n� 1

� �

a?

ak � a?

� �

ð29Þ

where it is assumed that ao � a?. This equation indicates that the order S is

in proportion with the birefringence. Considering the square relation of the
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birefringence Dn with the interference light intensity (ApDn2), the order S is

proportional to the square root of the interference light intensity, i.e., S /
ffiffiffiffi

A
p

.

2.2. Experimental

Intensity of interference light is obtained from measurements of transmitted-light

intensities with parallel and crossed polarization. The measurements were

performed using a spectrophotometer (Japan Spectroscopic Co., CT10) or a

Laser-diode optical system equipped with two polarizers. The arrangement of

measurements is shown in Fig. 5. The polarizers used were Glan–Thompson

prisms with extinction ratio of 5� 10�5 or polarization filters with the ratio of 10�4.

The light source was a halogen lamp of 150 W or He–Ne Laser with 632.8 nm. In

the case of the halogen lamp, the wavelength was selected to be 500 nm. When

the transmitted light with parallel polarization was measured, the incident light

was reduced by the use of an ND filter placed in the path of the incident beam.

The sample cell made of quartz was used in order to reduce the effect on the

optical background at the crossed polarization measurement.

There are two ways of measurements of the transmitted light with crossed, I1
and parallel polarization, I2, since the ratio I1/I2 depends on N‘. One is to measure

with varying the light-path length, ‘ using a sample cell of a syringe type. The

other is to measure with varying the number density of vesicles, N by diluting the

lipid dispersion using a square cell. It is convenient to express the number density

N in terms of more directly measurable parameter. Using the lipid concentration

c, the number density is given by N ¼ c/M, where M is the mean anhydrous mass

of a single vesicle. The mean anhydrous mass is a constant value when no

vesicle disruption occurs at the dilution. Figure 6 shows typical examples of the

intensity ratio I1/I2 measured by these two ways. Both results show the linear

dependence on the lipid concentration and the cell length at low values. The

interference light intensity was determined from the slopes of the lines. To obtain

Light 
Source 

Sample 
Cell 

Detector

Computer 

( Polarizer )( Polarizer )

(ND Filter ) 

Fig. 5. Experimental arrangement for polarized transmitted-light measurements.
ND filter is used to reduce the transmitted-light intensity with parallel polarization.
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a linear dependence of the intensity ratio I1/I2 on N‘, multilamellar vesicles with

appropriate size were prepared. Small unilamellar vesicles (SUV) are not suitable

for measuring the interference light due to the weak intensity. Sometimes, SUV

was removed by filter to avoid vesicle aggregation by addition of additives. The

suitable size is roughly more than l= ~n, where l is the wavelength of the incident

light and ~n the mean refractive index of lipids. Since the interference light strongly

depends on the vesicle size, the vesicle aggregation and disruption were usually

monitored by the turbidity obtained from the transmitted light with parallel polar-

ization. Occasionally, the size distribution of vesicles in the dispersion was

measured by dynamic light scattering.

3. BIREFRINGENCE STUDIES ON THE EFFECT OF ADDITIVES ON
MOLECULAR ORDER

Interaction between lipids and biological substances relates to many kinds of

factors, such as the shape and size of these molecules, location of the sub-

stances in the bilayer, structure and dynamics of the bilayer, and so on. A variety

of additives have been employed in the study of the lipid–substance interaction.

The additives are classified into three types: (i) Hydrophilic additives which locate

the headgroup region or the surface of the bilayer, and predominantly affect the

headgroup region; (ii) Hydrophobic ones which locate the chain region and in-

teract with the chains and (iii) Amphiphilic ones which locate across both the

headgroup and the acyl chain regions, and affect the entire lipid. Location

of these additives is schematically represented in Fig. 7. In this section, I will
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Fig. 6. Examples of intensity ratio of crossed and parallel transmitted light I1 /I2
measured with varying (A) the cell length and (B) lipid concentration. Slopes of
the solid lines give the interference light intensity. (A) DPPC, concentration,
0.17 mM. (B) DMPC, cell length, 10mm.
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describe the effect of these additives on the molecular order of bilayers measured

by the birefringence technique.

3.1. Hydrophilic additives

3.1.1. Polysaccharide and polysaccharide/cholesterol conjugate

Saccharides are bound to the surface of lipid bilayers (Type I) as a result of the

hydrophilic property, and interact with the headgroups and the interfacial water.

Sucrose and disaccharides are known to strongly affect phases and phase tran-

sitions of lipids as phosphatidylethanolamine (PE) [12]. Disaccharides stabilize

the gel phase and destabilize the liquid crystalline phase. They induce the for-

mation of the hexagonal phase HJand cubic phases [13,14]. These behaviors are

owing to their tendency to decrease the surface area of lipids as a result of

preferential exclusion from interfacial water. Disaccharide trehalose is known to

stabilize the bilayer structure by direct interaction with lipids through hydrogen

bonds [15]. Biological cells are coated with polysaccharide moieties from glyco-

proteins and glycolipids. The complex carbohydrates are known to play a sig-

nificant role in cellular protection and intercellular recognition processes. For

example, lipopolysaccharide in Gram-negative bacteria provides strong protec-

tion against membrane lysis induced by antimicrobial peptides as mellitin [16,17].

There have been many attempts to mimic recognition processes in artificial lipid

: Type  I

: Type II

: Type III

Fig. 7. Schematic representation of additives with three types in lipid bilayers:
Type (I) hydrophilic, (II) hydrophobic and (III) amphiphilic additives.
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membranes. In particular, to obtain target ability for specific cells or tissues in

drug delivery systems, modification of liposomes was attempted using complex

carbohydrates bearing hydrophobic anchor groups [18,19].

The birefringence studies using polysaccharide pullulan (mean molecular

weight of 50,000) to modify egg-yolk phosphatidylcholine (egg-PC) liposomes

have shown that the turbidity significantly increases by addition of pullulan at high

concentrations above about 10 in the weight ratio to lipid, indicating an aggre-

gation of the liposomes [5]. The interference light also increased, which com-

pletely correlated with the change in the turbidity. The increase in the interference

light is not attributed to the birefringence of bilayers but the aggregation of lipo-

somes. It was concluded that, although pullulan molecules are bound to the

surface of the bilayers, they are of no effect on the molecular order.

However, pullulan-bearing cholesterol as an anchor showed a different effect

on bilayers compared with pure pullulan. The interference light remarkably de-

creased with increasing the concentration of the pullulan derivative from 0 to

about 0.25 in the weight ratio, whereas the turbidity is maintained at a constant

value. Figure 8 shows the molecular orientation order in the bilayers S, calculated

by the square root relationship with the interference light intensity, S /
ffiffiffiffi

A
p

. The

molecular order decreases by 15% in maximum. This result is contrary to a

dramatic increase by pure cholesterol for DPPC bilayers [4,20,21]. It should be

noted that the cholesterol-bearing pullulan concentration (0.5 weight ratio

(0.8mol%) in maximum) is far less than a concentration at which the cholesterol

effect occurs (above about 5mol%). The decrease by the pullulan derivatives

seems to be due to disordering of the molecular packing induced by thermal

motion of the pullulan moieties through the cholesterol moieties, since the

0.7

0.8

0.9

1

1.1

0 0.2 0.4

Chol-Pull./Lipid Weight Ratio

M
o
le

c
u
la

r 
 O

rd
e
r

Fig. 8. Effect of surface pullulan modification with a hydrophobic anchor of cho-
lesterol on the molecular orientation order of egg-PC bilayers measured by the
birefringence technique. Values of the molecular order are relatively represented
to the order without the pullulan derivative. From Mishima et al. [5].
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pullulan moieties wander in an aqueous phase on the liposome surface. No

change in the molecular order is seen above about 0.3 in the weight ratio, in-

dicating that all surfaces of the liposomes are fully coated by the pullulan

derivatives. The fluorescence microscopic observation has also shown that all the

pullulan derivatives are bound to unilamellar vesicles at a concentration of 0.4

weight ratio [18].

3.1.2. Polyethylene glycol (PEG)

Since PEG is a hydrophilic polymer with a large hydrated volume, it is excluded

from a water layer near the surface of bilayer membranes and thus raises the

water chemical potential at the surface. As a result, PEG causes dehydration of

the membrane surface, forcing close contact between membranes, and also an

imbalance of osmolarity between the membrane surface and the bulk aqueous

phase. Addition of PEG above a certain threshold concentration induces lipo-

some aggregation in order to reduce the volume of the water layer near the

liposome surface [22]. Owing to the aggregating ability, PEG has been used as

fusogen in the production of somatic cell hybrids and in the fusion injection of

macromolecules into cultured cells [23].

The birefringence technique was applied to study the PEG effects on the mo-

lecular order of egg-PC bilayers, paying attention to the behavior of the liposomes

at a low PEG concentration range without liposome aggregation [24]. Measure-

ments of polarized transmitted light were performed with diluting the liposome

suspension with PEG 8000 solution preserving the PEG concentration. The re-

sults have shown that the turbidity is approximately constant at PEG concen-

trations below 2wt.%, indicating no aggregation occurs, however, the

interference light increases abruptly at 1wt.% of PEG by about 50%. By using

the square root relation, the molecular order is estimated to increase by 25%

compared with that in the absence of PEG. Generally, an increase in the

molecular order leads to a decrease in the membrane fluidity. The birefringence

result corresponds to the PEG-induced decrease in membrane fluidity observed

by other methods [25]. PEG causes an imbalance of osmolarity between a

membrane surface and the bulk aqueous phase because of exclusion from a

water layer near the surface. The imbalance of osmolarity exerts an osmotic

stress on liposomes [26]. The osmotic stress causes an elastic strain in the

membrane to produce elastic pressure, and also a significant change in mole-

cular packing in the membrane owing to a decrease in the surface area per lipid

molecule. The increase in the molecular order is resulted from an increase in the

molecular packing induced by the osmotic stress. The birefringence result sug-

gests that liposome aggregation does not drive only from the dehydration in the

water layer but also the tight packing of lipids, since the tight packing causes for

liposome to be mechanically unstable.
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3.2. Hydrophobic additives

3.2.1. Cholesterol

Cholesterol is one of the major lipid components of cellular membranes and plays

an important role in cell function. Many workers have investigated the effects of

cholesterol on physical and chemical properties of the membranes. Despite a

great deal of investigation, cholesterol research is still one of the key investigation

areas [27]. The membrane properties are strongly affected by the cholesterol

content [28]. At high concentration, free cholesterol self-associates and forms

microdomains, called rafts, in the plasma membrane [29–31]. Rafts appear to

organize some signaling activity, concentrating the interacting proteins of various

signal transduction cascades [32]. Understanding the structure and dynamics of

rafts could be a key to many crucial membrane-associated processes in cells

[33]. Lipid bilayer membranes containing high concentration of cholesterol are

more resistant to pore formation, and the pore sizes are smaller than those

composed of phospholipid only. This behavior is connected with the phenomenon

of raft formation [34].

Cholesterol also regulates lipid bilayer dynamics and structure at low concen-

tration. The interaction of cholesterol with phospholipids has been studied using

various techniques. NMR and DSC experiments have showed that a subgel

phase, called b phase appears in binary mixtures of DPPC at cholesterol con-

centrations above 20–25mol%, and the gel and b phases coexists at cholesterol

concentrations from 7.5 to 20mol% [20]. The b phase is characterized by highly

ordered, rigid acyl chains with rapid axially symmetric reorientation. A phase-

separated mixture containing pure DPPC and DPPC-cholesterol domains was

also found at cholesterol concentrations between 0 and 20mol%. In addition, small

amounts of cholesterol (5mol%) induces a conversion from the tilted gel phases of

pure DPPC (the L b0 and P b0 phases) to a new, untilted gel phase (the L b phase)

[21]. X-ray diffraction experiment on dimyristoylphosphatidylcholine (DMPC)/cho-

lesterol mixtures indicated a dramatic increase in the bilayer repeat spacing of the

gel phase above 5mol% of cholesterol [35]. This result provides evidence of a

reduction in the tilt angle of acyl chains by incorporation of cholesterol.

Birefringence experiment also indicated an appearance of the untilted gel

phase in DPPC/cholesterol mixtures above 5mol% of cholesterol [4]. The ex-

periment was performed by diluting the vesicle suspension. The multilamellar

vesicles were prepared with varying the cholesterol concentration, and the size

distribution of each sample was measured by a dynamic light scattering appa-

ratus of Malvern submicron particle analyzer (4700-V4). Determination of the

mean interference lightoA4 is not easy because the number density of vesicles

N differs with samples owing to the different distributions in size, even if the lipid

concentrations are the same. The procedure of data analysis will be described

briefly. Since cross-sectional areas of cholesterol and two fully extended acyl

chains of DPPC are similar, the apparent volumes occupied in the bilayers are
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assumed to be approximately equal to each other. Using the molecular volume v,

number density of the dispersion with molar concentration of M is expressed as

N ¼ vNavoM/oV4, with the Avogadro’s number Navo and the average lipid vol-

ume of one vesicle oV4. Thus, the intensity ratio of transmitted light I1 /I2 of

equation (20) is rewritten as

I1
I2
¼ fþ vNavoM ‘

oA4

oV4
ð30Þ

The slope of the plots of I1/I2 versus M gives vNavoM‘oA4
oV4

. Note that the lipid

volume of a vesicle oV4 and also the interference light oA4 depend on both

the diameter and the wall thickness. The interference light oA4 for each sample

was determined by fitting the slope to the oA4/oV4 values calculated using

the data of the size distribution. The calculation was carried out for various values

of the ratio (Ro–Ri)/Ro, but the calculated results showed similar profiles of the

interference light as a function of cholesterol concentration indicating no signifi-

cant dependence on the ratio. Figure 9 shows the birefringence obtained from the

interference light. The birefringence increases gradually as cholesterol concen-

tration is raised from 6 to 15mol%. The increase is attributed to an increase in

longitudinal order of the molecular orientation in the multilamellae. The longitu-

dinal order is related to the tilted packing of lipid molecules in bilayers. In the gel

phase of pure DPPC, the acyl chains are tilted with a same angle with respect to

the bilayer plane, however, the tilt direction is probably different from the bilayers.

Fig. 9. Relative birefringence in the multilamellar gel phase as a function of cho-
lesterol concentration of DPPC/cholesterol mixtures. The birefringence was de-
termined from the interference light intensity obtained by fitting the slope of I1/I2 to
the oA4/oV4 values calculated using the size distribution data by dynamic
light scattering. The ratio of the vesicle wall thickness to the outer radius is
assumed to be 0.43. From Mishima et al. [4].
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Due to the irregularity in the tilt direction, the longitudinal order of the multil-

amellae is significantly reduced. Thus, the birefringence of multilamellar bilayers

appears to be smaller than that of the unilamellar bilayer because the optical

anisotropy cancels each other. In fact, as mentioned above, the measured biref-

ringence of the multilamellar bilayers of pure DPPC is about a quarter of that of

the single bilayer estimated from the molecular polarizabilities of DPPC [9].

Therefore, the increase in the birefringence is owing to an appearance of the

untilted gel phase by cholesterol.

The birefringence increase occurs above 6mol% of cholesterol which agrees

with the concentration of the phase boundary observed by NMR and DSC

[20,21]. However, the gradual increase in the birefringence indicates that there is

no clear-cut phase separation of the tilted gel phase and the untilted gel phase. It

seems that the tilt of chains remains unchanged in the pure DPPC domain

because chain tilting is favorable to a tight chain packing in the gel phase. The

observed result indicates that the tilted phase of pure DPPC and the untilted

phase of DPPC/cholesterol coexist at cholesterol concentrations above 6mol%,

and that the untilted phase domain spreads as cholesterol concentration is

increased. The binary mixture of 20mol% cholesterol is all in the untilted phase

since the increase in the birefringence is suppressed around the cholesterol

concentration.

3.2.2. Organohalogen compounds

Organohalogen compounds are well known for the in toxic effects on biological

organs and cells [36–40]. The compounds usually do damage to plasma mem-

brane functions. The damage is not induced only by a direct attack on proteins

but also by changes in physical properties of lipid bilayers. Particularly, lipid order

and dynamics in bilayer membranes are important to understand the membrane

damage since protein function is partially modulated by these properties.

Organohalogen compounds as chloroform and carbon tetrachloride are incorpo-

rated into the acyl chain region owing to their hydrophobic property. The biref-

ringence experiment using these compounds was performed by varying the light

path length in the syringe-type sample cell [41]. The results show a significant

decrease in the interference light by addition of these compounds to DMPC

bilayers in the fluid phase, but no rupture of the vesicles is seen at concentrations

within the limit of solubility of these compounds in water, i.e., 0.2 v/v% for

chloroform and 0.05 v/v% for carbon tetrachloride. The decrease in the interfer-

ence light results from disordering of the chains by incorporation of these com-

pounds. Figure 10 shows the molecular order S obtained by the square-root

relationship. The molecular order decreases by about 17% at 0.2 v/v% of chloro-

form (mole ratio to lipid, 142:1), and by 23% at 0.05 v/v% of carbon tetrachloride

(mole ratio, 29:1) indicating a strong effect of carbon tetrachloride on lipid bilayers
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compared with that of chloroform. The reduction in the molecular order was

correlated with an increase in the membrane fluidity observed by excimer

fluorescence of pyrene incorporated to the membrane.

Egg-PC bilayer is primarily lower in the chain packing than DMPC bilayer

because of having unsaturated double bonds and different chains in length.

Generally, in comparison with synthetic lipids composed of saturated chains,

natural lipid bilayers are acceptable for hydrophobic substances without signifi-

cant disturbance, and readjust themselves to a more favorable hydrophobic

match with the substances. In other words, hydrophobic substances can easily

enter hydrophobic region of natural lipid bilayers since they have vacancy. How-

ever, birefringence study showed that behavior of disordering of egg-PC by these

organohalogen compounds was approximately comparable with that of DMPC

[41]. This result indicates that these compounds strongly interact with the lipid

chains, whether or not the bilayer has the vacancy. It is known that organohalo-

gen compounds transiently form pores in membranes [42]. The significant de-

crease in the membrane order seems to be partially attributed to a transient pore

formation. The results by birefringence suggest that damages of biological mem-

branes by organohalogen compounds are not only induced by a direct attack on

proteins but also by a significant membrane perturbation involving pore formation.

3.3. Amphiphilic molecules

3.3.1. Lysolipids

Lysophospholipids are found only in small amounts in biological cell membranes.

Early reports are focused on abnormal accumulations of lysophospholipid, which
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Fig. 10. Effects of chloroform (left) and carbon tetrachloride (right) on molecular
order of DMPC bilayers in the fluid phase (24–25 1C) at low concentrations of
chloroform and carbon tetrachloride without vesicle rupture. From Mishima et al.
[41].
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induces fusion and lysis of cells [43,44]. However, it has been revealed that a

variety of lysophospholipids play a role in a wide range of cellular processes

involving membrane–protein or membrane–membrane interactions [45]. For ex-

ample, lysophosphatidylcholine (LPC) is directly involved in signal transduction

pathway and gating kinetics of membrane channels by altering mechanical prop-

erties of lipid bilayers [46–48]. Also, LPC is involved in lipidic pore formation in

bilayer membranes formation [49]. Lysophosphatidic acid (LPA) plays a central

role in a broad range of physiological processes, including neuronal function,

cancer and mechanotransduction [50,51].

Effects of lysolipids of oleo-LPA and palmitoyl-LPC on molecular order of

DMPC and egg-PC bilayers were examined by the birefringence technique [52]. It

was found that LPA induces a considerable disorder in molecular orientation for

synthetic lipid of DMPC in the fluid phase, whereas a slight order for natural lipid

of egg-PC, e.g., the molecular order decreases by 10% at 15 mM of LPA (0.1mole

ratio) for DMPC and increases by 3.4% at 10 mM (0.09mole ratio) for egg-PC in

comparison without LPA (Fig. 11). Similarly, membrane fluidity measured by

pyrene fluorescence increased for DMPC but decreased for egg-PC by addition

of LPA. These behaviors are resulted from a difference in the chain packing of

lipids. The bilayer of egg-PC is looser in the packing than that of DMPC at the

fluid phase due to the unsaturated double bonds and different chain length of

egg-PC. In fact, the interference light by egg-PC liposomes is far small in com-

parison with the DMPC vesicles in the absence of lysolipids. It seems that LPA is

incorporated into egg-PC bilayers without significant disturbance and readjusts
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Fig. 11. Effects of lysophophatidic acid (left) and lysophophatidylcholine (right)
on molecular order in DMPC (K) and egg-PC (J) bilayers. Values of the mole-
cular order were calculated by the square root relationship from the interference
light intensities of Figs. 2, 4 and 5 of Mishima et al. [52] and relatively represented
to those without lysolipids. Mean7S.E. of four to seven independent experiments
are depicted.
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itself to a more favorable hydrophobic match with the lipids. On the contrary,

DMPC bilayers are significantly disturbed by incorporation of LPA owing to a

higher molecular order. The result of the favorable hydrophobic match with

natural lipid bilayers suggests that LPA can play a role in physiological processes

in biological cells. In comparison with LPA, LPC induces a slight decrease in the

molecular order of DMPC. The decrease at 0.07mole ratio of LPC is only half

compared with that at 0.1mole ratio of LPA. This discrepancy is possibly resulted

from a difference in the binding affinity with the headgroup, and a difference in the

partitioning into the bilayers.

3.3.2. Amphiphilic peptide

Peptide–lipid interactions intensively influence membrane function. Research of

these interactions is one of the key investigation areas in membrane biology.

There has been a great deal of work of these interactions using many kinds of

peptides. For example, antibiotic peptides, as melittin, magainin and alamethicin,

aggregate in the outer leaflet membrane and form a transmembrane pore, re-

sulting in an increase in permeability [53,54]. The action mechanism is studied in

connection with peptide conformation, membrane elasticity and lipid constituent

of membranes by many authors [55–59]. Secretory proteins and integral mem-

brane proteins are effectively transported to cell membranes. Many of these

proteins have the so-called signal sequences at the N terminal [60,61]. The signal

sequences are of an amphiphilic peptide. The signal peptide mediates initiation of

the membrane insertion of the following polypeptide segments, and is cleaved by

the signal peptidase in the membrane. We have a lot of knowledge about the

sequence structure and the steric conformation of these signal peptides [62,63],

but information about the effects on lipid membrane structure and dynamics is not

yet completed.

Effect of a synthetic model peptide on the molecular order of lipid bilayers was

studied using the birefringence technique [64]. The synthetic peptide is modeled

on signal sequences of a protein of E. coli. It is constituted by 20 amino acid

residues and has a hydrophobic region of 7 alanines, 7 leucines and tryptophan

at the end. The hydrophobic region forms an a-helix structure, and the hydro-

phobic length closely matches hydrocarbon thickness of the model membranes

used. The experiment was performed for multilamellar vesicles of synthetic

(DMPC, DPPC) and natural (egg-PC) lipids with varying the sample cell length.

The results are shown in Fig. 12. The molecular order decreases by 5% for

DMPC in the fluid phase and by 10% for DPPC in the gel phase with increasing

the peptide concentration to 17 mM. The difference in the decrease is mainly

owing to a difference in the phase. Since the order of the gel phase is larger than

that of the fluid phase, the peptide induces a relatively larger disturbance on the

gel phase bilayers. The molecular order is constant above 17 mM of the peptide

Birefringence Studies on Effects of Additives 75



for both synthetic lipids, indicating that the membranes are saturated with the

peptide at the concentration (�0.1mole ratio to lipid). NMR study using a similar

peptide showed little effect on chain order of DMPC [65,66], but the peptide

concentration (below 0.03mole ratio) is far lower than that used here. The biref-

ringence results also show that the peptide induces no change in the molecular

order for egg-PC, indicating that the peptide enters the bilayers without significant

disturbance due to the low chain order, and readjusts itself to a more favorable

hydrophobic match with the bilayers. The behavior of egg-PC is suggestive for

signal sequences of biosynthetic proteins to play a role of the transport in bio-

membranes. The signal sequence is probable to mediate the initiation of protein

insertion without a significant disturbance in the membrane.

3.3.3. Local anesthetic

Local anesthetics exert their influence in nerve cell membranes by blocking the

sodium channels [67]. The action mechanism has been studied by many workers,

however, the controversy whether this blocking is the result of a direct anesthe-

tic–protein interaction or a perturbation of the lipid membrane by the anesthetic

remains unresolved. The presence of anesthetics within the membrane induces

changes in the membrane structure and dynamics that would strongly affect the

activity of a membrane protein [68,69]. Local anesthetic molecules have diverse

size, shape and chemical structures. Because of this variety, it seems unlikely

0.6

0.8

1

1.2

0 10 20 30 40

Concentration (�M)

M
o
le

c
u
la

r 
O

rd
e
r

Fig. 12. Effects of an amphiphilic peptide on molecular order in egg-PC (\),
DMPC (&) and DPPC (K) bilayers. Values of the molecular order were calcu-
lated by the square root relationship from the interference light intensities of Fig. 3
of Mishima et al. [64] and relatively represented to those without peptide. The
experiments were done at 24–25 1C, where DPPC was in the gel phase and other
lipids in the fluid phase.
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that a specific binding site with the protein exists. A correlation between the

potency of anesthetics and their lipophilicity, together the variety in their chemical

structures, strongly suggest that anesthetic–lipid interaction may play a signifi-

cant role in the anesthetic action. A wide variety of techniques have been used to

examine the interaction of local anesthetics with model and biological lipid mem-

branes, as X-ray [70–72], spin label ESR [73–75], NMR [76–79], infrared spec-

troscopy [80,81] and fluorescence [82–84]. Most local anesthetics are amphiphilic

molecules with an ionizable amino group and a lipophilic aromatic ring. Under

physiological conditions, the amino-ester and amino-amide anesthetics are

present in both the charged and uncharged forms. Many experiments show that

both charged and uncharged anesthetics bind to the membranes, and that the

former is located in the headgroup region, while the latter more deeply in the acyl-

chain region but near the membrane/water interface. There is some disagreement

in the literature concerning the effect of the uncharged form on the chain region.

Several reports indicate that uncharged anesthetics decrease chain order

[78,85,86] and molecular organization of bilayers [87,88], whereas some others

indicate that they increase order of erythrocyte membranes [89] and the organ-

ization of micelles [90]. The study of molecular dynamics simulation shows that

the uncharged anesthetic increases chain order/packing, like as the effect of

cholesterol on lipid bilayers, whereas charged anesthetic decreases chain order/

packing, which resulted from formation of micelle-like aggregates of charged an-

esthetics at the bilayer surface [91]. The formation of micelle-like aggregates is

thought to be resulted from cooperative binding of anesthetics to the bilayer sur-

face by replacing lipid-bound water [81] and self-condensation of anesthetics [92].

The birefringence experiment employing local anesthetic tetracaine hydrochlo-

ride (Sigma Chemicals) was performed by the addition of the anesthetic to the

suspension of DMPC multilamellar vesicle. As shown in Fig. 13, the interference

light abruptly decreased with increasing tetracaine concentration. The turbidity

also decreased slightly indicating an occurrence of vesicle rupture. It is noted that

the decrease in the interference light is remarkable even at low tetracaine con-

centrations without significant change in the turbidity. This indicates a remarkable

reduction in the molecular order. The interference light decrease at higher tet-

racaine concentrations reflects the molecular order reduction, together with a

reduction in vesicle size. The molecular order reduction by the anesthetic is larger

than that by the synthetic model peptide (Fig. 12). The effect of the anesthetic on

the molecular order is rather comparable with that of the organohalogen com-

pounds, chloroform and carbon tetrachloride (Fig. 10). Generally, membrane

disordering by additives incorporated into the hydrophobic core is caused by

steric effects originating in the mismatch between the additive and lipid shapes. It

seems unlikely that the remarkable disordering observed is induced only by un-

charged tetracaine molecules in the hydrophobic core. There is every probability

that perturbation by charged forms at the membrane surface, as formation of

micelle-like aggregates, affects the molecular order. Interaction between local
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anesthetics and lipids is not yet fully understood up to the present. Further

research focused on the effects of local anesthetics on the membrane/water

interface is important to understand mechanisms of local anesthesia.

4. CONCLUDING REMARKS

Interaction between biological molecules and lipids is one of the fundamental

processes in living biological membranes. With this view, experiments employing

a variety of additives have been extensively performed by many workers. In this

chapter, I described the birefringence method and the examples restricted to our

recent experiments using this technique. The birefringence technique is simple

and powerful to investigate the effects of additives on lipid molecular order in the

bilayers without any kind of labeling. The technique shall be extended to a time-

resolved technique where changes in the molecular order can be observed in real

time.

ACKNOWLEDGMENTS

Many people helped contribute to this work. The author would like to express his

appreciation to K. Satoh, K. Suzuki, T. Ogihara, H. Watanabe, S. Kaneko, M.

Nakajima, Y. Umehara and N. Inoue. The author is also grateful to Y. Anzai for

support in preparing the figures.

0.0

0.2

0.4

0.6

0.8

1.0

1.2

0 0.5 1

TTC concentration (mM)

R
E

L
A

T
IV

E
 V

A
L
U

E

Fig. 13. Interference light intensity (K) measured by birefringence technique and
turbidity (J) of DMPC multilamellar vesicles as a function of concentration of local
anesthetic tetracaine. The values are relatively represented to those in the ab-
sence of tetracaine; Temperature: 21 1C, pH: 7.2.

K. Mishima78



REFERENCES

[1] D.M. Small (Ed.), The physical chemistry of lipids, in: D.J. Hanahan, (Series Ed.),
Handbook of Lipid Research, Vol. 4, Plenum Press, New York, 1986

[2] J.Katsaras, T.Gutberlet (Eds.), Lipid BilayersStructure and Interactions, Springer,
Heidelberg, 1999.

[3] H.T.Tien, A.Ottova (Eds.), Planar Lipid Bilayers (BLMs) and their Applications, Else-
vier Science, Amsterdam, New York, 2003.

[4] K. Mishima, K. Satoh, K. Suzuki, Optical birefringence of multilamellar gel phase of
cholesterole/phosphatidylcholine mixtures, Colloids, Surf. B: Biointerfaces 7 (1996)
83–89.

[5] K. Mishima, K. Satoh, K. Suzuki, Molecular order of lipid membranes modified with
polysaccharide pullulan and a pullulan-derivative bearing a hydrophobic anchor, Col-
loids Surf. B: Biointerfaces 9 (1997) 9–15.

[6] H. Kelker, History of liquid crystals, Mol. Cryst. Liquid Cryst. 21 (1973) 1–48.
[7] T. Gordon, M.D. Stewart, Liquid crystals in biological systems, Mol. Cryst. 1 (1966)

563–580.
[8] L. Powers, P.S. Pershan, Monodomain samples of dipalmitoyl-phosphatidylcholine

with varying concentrations of water and other ingredients, Biophys. J. 20 (1977)
137–152.

[9] K. Mishima, K. Satoh, T. Ogihara, Optical birefringence of phosphatidylcholine lipo-
somes in gel phases, Biochim. Biophys. Acta 898 (1987) 231–238.

[10] M. Born, E. Wolf, Principles of Optics, 2nd edition, Pergamon Press, Oxford, 1964,
pp. 694–701

[11] H. Kelker, R. Hatz, Handbook of Liquid Crystal, Verlag Chemie, Florida, 1980,
pp. 254–262

[12] R. Koynova, M. Caffrey, Phases and phase transitions of the hydrated
phosphatidylethanolamines, Chem. Phys. Lipids 69 (1994) 1–34.

[13] B. Tenchov, M. Rappolt, R. Koynova, G. Rapp, New phases induced by sucrose in
saturated phosphatidylethanolamines: an expanded lamellar gel phase and a cubic
phase, Biochim. Biophys. Acta, 1285 (1996) 109–122.

[14] B. Tenchov, R. Koynova, G. Rapp, Accelerated formation of cubic phases in
phosphatidylethanolamine dispersions, Biophys. J. 75 (1998) 853–866.

[15] C.S. Pereira, R.D. Lins, I. Chandrasekhar, L.C. Freitas, P.H. Hünenberger, Interac-
tion of the disaccharide trehalose with a phospholipid bilayer: a molecular dynamics
study, Biophys. J. 86 (2004) 2273–2285.

[16] D. Allende, T.J. McIntosh, Lipopolysaccharides in bacterial membranes act like cho-
lesterol in eukaryotic plasma membranes in providing protection against melittin-
induced bilayer lysis, Biochemistry 42 (2003) 1101–1108.

[17] J. Tong, T.J. McIntosh, Structure of supported bilayers composed of lipopolysaccha-
rides and bacterial phospholipids: raft formation and implications for bacterial resist-
ance, Biophys. J. 86 (2004) 3759–3771.

[18] J. Sunamoto, T. Sato, M. Hirota, K. Fukushima, K. Hiratani, K. Hara, A newly deve-
loped immunoliposome – an egg phosphatidylcholine liposome coated with pullulan
bearing both a cholesterol moiety and an IgMs fragment, Biochim. Biophys. Acta 898
(1987) 323–330.

[19] J.J. Ramsden, P. Schneider, Membrane insertion and antibody recognition of a
glycosylphosphatidylinositol-anchored protein: an optical study, Biochemistry 32
(1993) 523–529.

[20] M.R. Vist, J.H. Davis, Phase equilibria of cholesterol/dipalmitoylphosphatidylcholine
mixtures: 2H nuclear magnetic resonance and differential scanning calorimetry, Bio-
chemistry 29 (1990) 451–464.

[21] T.P.W. McMullen, R.N. McElhaney, New aspects of the interaction of cholesterol with
dipalmitoylphosphatidylcholine bilayers as revealed by high-sensitivity differential
scanning calorimetry, Biochim. Biophys. Acta 1234 (1995) 90–98.

Birefringence Studies on Effects of Additives 79



[22] B.R. Lentz, Polymer-induced membrane fusion: potential mechanism and relation to
cell fusion events, Chem. Phys. Lipids 73 (1994) 91–106.

[23] K. Kostarelos, D. Emfietzoglou, T.F. Tadros, Light-sensitive fusion between polymer-
coated liposomes following physical anchoring of polymerisable polymers onto lipid
bilayers by self-assembly, Faraday Discuss 128 (2005) 379–388.

[24] K. Mishima, K. Satoh, K. Suzuki, Increase in molecular order of phospholipid mem-
branes due to osmotic stress by polyethyleneglycol, Colloids Surf. B: Biointerfaces 10
(1997) 113–117.

[25] M. Yamazaki, S. Ohnishi, T. Ito, Osmoelastic coupling in biological structures: de-
crease in membrane fluidity and osmophobic association of phospholipid vesicles in
response to osmotic stress, Biochemistry 28 (1989) 3710–3715.

[26] V.S. Malinin, P. Frederik, B.R. Lentz, Osmotic and curvature stress affect PEG-
induced fusion of lipid vesicles but not mixing of their lipids, Biophys. J. 82 (2002)
2090–2100.

[27] D.E. Vance, H. Van den Bosch, Cholesterol in the year 2000, Biochim. Biophys. Acta
1529 (2000) 1–8.

[28] S. Raffy, J. Teissie, Control of lipid membrane stability by cholesterol content,
Biophys. J. 76 (1999) 2072–2080.

[29] J.R. Silvius, Role of cholesterol in lipid raft formation: lessons from lipid model sys-
tems, Biochim. Biophys. Acta 1610 (2003) 174–183.

[30] L. Addadi, M. Geva, H.S. Kruth, Structural information about organized cholesterol
domains from specific antibody recognition, Biochim. Biophys. Acta 1610 (2003)
208–216.

[31] E.K. Fridriksson, P.A. Shipkova, E.D. Sheets, D. Holowka, B. Baird, F.W. McLafferty,
Quantitative analysis of phospholipids in functionally important membrane domains
from RBL-2H3 mast cells using tandem high-resolution mass spectrometry, Bio-
chemistry 38 (1999) 8056–8063.

[32] D.A. Brown, E. London, Functions of lipid rafts in biological membranes, Annu. Rev.
Cell Dev. Biol. 14 (1998) 111–136.

[33] K. Bacia, D. Scherfeld, N. Kahya, P. Schwille, Fluorescence correlation spectroscopy
relates rafts in model and native membranes, Biophys. J. 87 (2004) 1034–1043.

[34] S. Koronkiewicz, S. Kalinowski, Influence of cholesterol on electroporation of bilayer
lipid membranes: chronopotentiometric studies, Biochim. Biophys. Acta 1661 (2004)
196–203.

[35] S.W. Hui, N.-B. He, Molecular organization in cholesterol-lecithin bilayers by X-ray
and electron diffraction measurements, Biochemistry 22 (1983) 1159–1164.

[36] J.L. Larson, D.C. Wolf, S. Mery, K.T. Morgan, B.E. Butterworth, Toxicity and cell
proliferation in the liver, kidneys and nasal passages of female F-344 rats, induced by
chloroform administered by gavage, Food Chem. Toxicol. 33 (1995) 443–456.

[37] D.C. Dorman, K.L. Miller, A. D’Antonio, R.A. James, K.T. Morgan, Chloroform-
induced olfactory mucosal degeneration and osseous ethmoid hyperplasia are not
associated with olfactory deficits in Fischer 344 rats, Toxicology 122 (1997) 39–50.

[38] C. Guastadisegni, L. Guidoni, M. Balduzzi, V. Viti, E. DiConsiglio, L. Vittozzi, Char-
acterization of a phospholipid adduct formed in Sprague Dawley rats by chloroform
metabolism: NMR studies, J. Biochem. Mol. Toxicol. 12 (1998) 93–102.

[39] E. Di Consiglio, G. De Angelis, E. Testai, L. Vittozzi, Correlation of a specific mito-
chondrial phospholipid-phosgene adduct with chloroform acute toxicity, Toxicology
159 (2001) 43–53.

[40] S.J. Hemmings, V.B. Pulga, S.T. Tran, R.R. Uwiera, Differential inhibitory effects of
carbon tetrachloride on the hepatic plasma membrane, mitochondrial and endoplas-
mic reticular calcium transport systems: implications to hepatotoxicity, Cell Biochem.
Funct. 20 (2002) 47–59.

[41] K. Mishima, H. Watanabe, S. Kaneko, T. Ogihara, Membrane disordering induced by
chloroform and carbon tetrachloride, Colloids Surf. B: Biointerfaces 28 (2003)
307–312.

K. Mishima80



[42] M. Engelke, R. Jessel, A. Wiechmann, H.A. Diehl, Effect of inhalation anaesthetics on
the phase behavior, permeability and order of phosphatidylcholine bilayers, Biophys.
Chem. 67 (1997) 127–138.

[43] F.C. Reman, R.A. Demel, J. De Gier, L.L. Van Deenen, H. Eibl, O. Westphal, Studies
on the lysis of red cells and bimolecular lipid leaflets by synthetic lysolecithins, leci-
thins and structural analogs, Chem. Phys. Lipids 3 (1969) 221–233.

[44] A.R. Poole, J.I. Howell, J.A. Lucy, Lysolecithin and cell fusion, Nature 227 (1970)
810–813.

[45] N. Fuller, R.P. Rand, The influence of lysolipids on the spontaneous curvature and
bending elasticity of phospholipid membranes, Biophys. J. 81 (2001) 243–254.

[46] Y. Asaoka, K. Yoshida, Y. Sasaki, Y. Nishizuka, Potential role of phospholipase A2 in
HL-60 cell differentiation to macrophages induced by protein kinase C activation,
Proc. Natl. Acad. Sci. USA 90 (1993) 4917–4921.

[47] Y. Asaoka, K. Yoshida, Y. Sasaki, Y. Nishizuka, M. Murakami, I. Kudo, K. Inoue,
Possible role of mammalian secretory group II phospholipase A2 in T-lymphocyte
activation: implication in propagation of inflammatory reaction, Proc. Natl. Acad. Sci.
USA 90 (1993) 716–719.

[48] J.A. Lundbaek, O.S. Anderson, Lysophospholipids modulate channel function by al-
tering the mechanical properties of lipid bilayers, J. Gen. Physiol. 104 (1994)
645–673.
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Abstract

Lateral segregation of lipid and protein components within biomembranes can lead to the

formation of biologically functional domains. This chapter reviews microdomain formation

in supported model membranes, induced by lipid–lipid interactions. The discussed tech-

niques used for bilayer imaging are atomic force microscopy and fluorescence microscopy.

Furthermore, we describe the promising capabilities and thus far obtained results of mul-

tiplex coherent anti-stokes Raman scattering microscopy with respect to functional imag-

ing of microdomains in lipid model systems.
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1. INTRODUCTION

The way in which biological membranes have been visualized has changed

considerably over the past decades. In the fluid-mosaic model described by

Singer and Nicolson [1] in 1972, the lipids were thought to form a matrix sur-

rounding the integral membrane proteins, and providing them with the appro-

priate environment to be functional. This model however still left some open

questions, like the natural occurrence of a very large variety of lipids, while a few

lipid species, with different headgroups and tails, would be sufficient to provide

the proper lipid-matrix for any membrane protein. Moreover, it was unclear why

certain lipid components, e.g. sphingolipids and cholesterol, have a special affin-

ity for each other or how membranes deal with constituents with different hydro-

phobic thickness. In 1984, Mouritsen and Bloom [2] published their mattress

model, a thermodynamic model which describes peptide–lipid interactions in the

light of hydrophobic mismatch. Membrane constituents with a certain hydropho-

bic thickness would segregate from constituents with a different hydrophobic

thickness. Mismatch is believed to be important for protein insertion, activity,

stability, and protein sorting and aggregation [3,4]. That in live cells hydrophobic

mismatch indeed plays a role in protein sorting, is illustrated by the fact that when

the length of a membrane spanning domain of a Golgi protein is increased, it is

targeted to the thicker plasma membrane [5]. The plasma membrane is known to

be thicker than organelle membranes, due to the fact that it contains (more)

cholesterol, which has a thickening effect on fluid-phase bilayers [6]. Further-

more, it contains saturated sphingolipid species, which have longer hydrophobic

acyl chains than unsaturated lipids. The facts that the plasma membrane and the

trans Golgi network (TGN) are enriched in cholesterol and sphingolipids com-

bined with the fact that these two lipids have a high affinity for each other [7,8]

have led to the postulation of the raft-model [9]. The basis of this idea is the

existence of the so-called liquid-ordered phase [10], induced by the presence of

cholesterol. This would cause liquid–liquid phase-separation in the plasma mem-

brane, leading to the formation of liquid-ordered domains (rafts), enriched in

cholesterol and sphingolipids, surrounded by fluid-phase lipids. These rafts are

thought to correspond to detergent-resistant membranes, which is the fraction of

membranes resistant to detergent extraction at 4 1C [11]. Analysis of such frac-

tions showed that these are indeed enriched in sphingolipids and specific pro-

teins, usually glycosylphosphatidylinositol (GPI)-anchored proteins [12]. The size

of rafts is still heavily debated and the values in the literature vary from a few

annular lipid molecules [13] to 700 nm, depending on the used technique [13–15].

Generally, rafts are proposed to play a role in several vital biological processes

like lipid and protein sorting, vesicular transport, and signal transduction

[9,16–18]. Although nowadays most authors assume that rafts indeed exist, the

evidence for the presence of rafts in biological membranes is still circumstantial

[19]. Nonetheless, for model membranes there is ample proof that domain
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formation takes place [20] and model-rafts have been visualized directly in sev-

eral lipid systems [21–24].

Another open question concerning the lateral organization in membranes in-

volves diffusion coefficients, which for live cells are found to be significantly

different compared to values found for model membranes [25,26]. The diffusion

coefficients of proteins in fluid-phase bilayers are in the order of several mm/s2,

while in live cells values are around 10–100 times lower [25,27,28]. Important

information concerning this anomalism was found with single molecule tracking or

single particle tracking (SPT), which enables one to determine the diffusion of

one (or a few) molecule(s) [27]. Experiments with SPT, with a high spatial and

temporal resolution, show that membrane proteins and lipids undergo ‘‘hop-

diffusion’’, meaning they diffuse in a small zone, after which they ‘‘hop’’ to the

adjacent zone and so on [25,29]. On a large scale, as observed by fluorescence

recovery after photobleaching (FRAP), this averages out to lower diffusion co-

efficients, but within one zone the value of the diffusion coefficient approaches

the diffusion coefficient in model membranes [30]. Apparently, cell membranes

are divided in confined zones, but it is possible for membrane constituents to

cross the barrier between zones, and therefore these zones are also referred to

as transient confinement zones [31]. Kusumi c.s. coined the picket fence model,

which describes how the membrane skeleton network (fences) directly obstructs

the diffusion of proteins with large intracellular domains and indirectly, via skel-

eton-linked proteins (pickets), also confines diffusion of lipids [25,28].

In order to systematically investigate lateral segregation in cell membranes,

model systems have proven to be quite useful. Supported bilayers consisting of

one lipid species can be regarded as simple model membranes. Upon adding

more membrane constituents, a more biologically relevant model system is ob-

tained. Although protein–lipid interactions play an important role in the lateral

organization of membranes, and although domain formation induced by small

peptides has been visualized [32–37], in this chapter we focus on lipid–lipid

interactions only, systematically studied using supported lipid bilayers. Such

model membranes can be imaged with several different microscopic techniques.

This chapter discusses the visualization of domains in supported model mem-

branes, imaged with atomic force microscopy (AFM), fluorescence microscopy

(FM) and gives an outlook on imaging of supported bilayers with coherent anti-

stokes Raman spectroscopy (CARS) microscopy.

AFM provides one with the height profile of a sample, with a lateral resolution of

less than a nanometer and a z-resolution of about 1–2 Å [38]. Since domain

formation in general and raft formation in particular are accompanied by height

differences, AFM is an excellent tool to visualize domains in supported mem-

branes. Due to the high resolution, even domains with the size of only a few

nanometers can be visualized [39–42].

In FM studies, bilayers are used with a small amount of lipids with an attached

fluorescent group. The contrast in the obtained image is based on the preference
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of this fluorescent lipid for different lipid phases. The advantage of this technique

is that one can image both supported and freestanding bilayers. The resolution of

FM is usually a few hundred nanometers, depending on the wavelength of the

emitted light of the used fluorophore. In spite of this limited resolution, FM has

proven to be a very elucidative technique in the studies of domains in model

systems [43–45].

The field of CARS microscopy is relatively new. As with FM, both freestanding

and supported systems can be studied, and the resolution is several hundreds of

nanometers. Since it is an analog of Raman scattering, the contrast is based on

differences in vibrational spectra, which means that the differences in lipid phases

within one sample can be directly visualized [46]. This technique does not require

any probes, does not suffer from photobleaching or phototoxicity, and the net

energy deposition of the CARS process is zero, making it a potentially non-

invasive technique. Since CARS microscopy is based on a non-linear third-order

process, it yields much higher signals compared to Raman microscopy. Recently,

it was shown that the physical phase of single bilayers can be clearly detected

[47] and visualized [48].

We chose to discuss these three imaging techniques because they have been

successfully applied to supported lipid model membranes. These techniques

each provide unique, and together provide complementary information on lateral

organization in model membranes, since their contrast is based on different

sample properties: height, fluorophore partitioning, and vibrational transitions.

2. ATOMIC FORCE MICROSCOPY

With AFM, the sample surface is scanned by a sharp tip (radius 1–10 nm, dep-

ending on the conditions, see [38,49]), which is integrated at the end of a flexible

cantilever. On this cantilever a laser beam is directed, which is deflected in a

detector, consisting of a split diode. As the tip encounters height differences on

the surface and/or experiences different interactions with the surface, it moves up

and down, which in turn causes the cantilever to deflect up and down. This

deflection is monitored, via the laser beam, by the detector (Fig. 1). In this way, a

profile of the scanned surface is obtained with a height resolution of 1–2 Å, and a

lateral resolution of less than 1 nm [38].

In air, most surfaces are covered with a nanoscopic layer of water, and the tip

is pulled toward the surface by the surface tension of this water layer. Due to

these hydration forces, the tip is exerting a relatively large force (10 nN) on the

scanned sample, when operating in air. This large force can easily damage bio-

logical samples, fragile as they are. This problem can be circumvented by scan-

ning in water, where no hydration forces are present, and forces exerted by the

tip are much smaller: several hundreds of picoNewtons [50]. Scanning in water

holds an extra benefit of AFM for biologists, since the natural environment
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of biomolecules is usually an aqueous solution. Another advantage is that buffers

with variable pH or salt concentration, or with biological relevant components like

ATP can be used. Also, the liquid above the sample can be replaced, so that

specific molecules can be added or removed.

The thickness and length of a cantilever determine the spring constant of

that cantilever, and thus the force exerted on the sample during scanning. Chips

are commercially available, with integrated cantilevers, each with their own spring

constant. Since biological samples are fragile, usually the cantilever with the

lowest spring constant (�0.06N/m) is chosen. Chip, cantilever, and tip are made

of Si3N4, which is hydrophilic and negatively charged. With AFM, strictly spoken,

one measures the forces between the tip and the underlying molecules of the

scanned sample. When the tip closely approaches the sample, electron orbitals

of tip atoms and sample atoms repel each other, and it is at this point where tip

and sample are said to be in contact. When scanning an uncharged sample, only

contact forces and van der Waals forces play a role. However, many biological

molecules, like DNA and anionic lipids, are negatively charged. In this case, the

longer ranged electrostatic interactions would cause to repel the, also negatively

charged, tip and give rise to artifacts in the measured heights [50,51]. This can be

overcome, and even be used to obtain a higher resolution, by adjusting the ionic

strength of the buffer solution above the scanned sample [52].

An AFM can operate in different modes. The mode mostly used is contact

mode (CM), in which the tip is in constant contact with the sample during scan-

ning. The advantage of this mode is that in principle, when used on sturdy,

ordered samples, high resolution can be achieved. The disadvantage is that it can

damage the sample, since the tip is ‘‘dragging’’ along the surface, and possibly

removes molecules from the sample. This ability to remove molecules has also

been used to modify lipid layers on purpose [53,54]. In these cases, the applied

force was increased, to let the tip scratch a line or a square in the lipid bilayers.

detector laser

cantilever

tip 

Fig. 1. Principle of AFM. The sample surface, here a supported bilayer, is
scanned with a sharp tip mounted on a flexible cantilever (not on scale). Deflec-
tion of the tip, caused by differences in height or surface properties of the sample,
is followed via a laser-beam by the detector.
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To avoid damaging the sample, tapping mode (TM) was developed [55]. In TM,

the cantilever is oscillating in the z-direction, all the time touching the surface

briefly during scanning. In this way, no lateral force is exerted, so that scanned

samples are less easily damaged. Other commonly used modes are the friction

mode and force volume mapping, also referred to as jumping mode. In friction

mode the torque of the cantilever during scanning is detected, which reflects the

friction encountered by the tip, i.e. differences in lateral surface forces. This mode

yields information on the physical surface properties [56,57]. In force volume

mapping, at each point the tip–sample interactions are measured by taking a

force curve. Images reflect the magnitude of adhesion forces between the tip and

sample. Usually, the tip is modified or coated with, for example, specific anti-

bodies. Objects with similar features can be distinguished based on their (bio)

chemical properties [58].

The resolution of AFM images highly depends on the sample. For instance,

adsorbed proteins, scanned in CM appear hazy, mostly due to damage caused

by the tip, as explained above (TM in this case yields better images). However,

proteins present in a two-dimensional (2-D) crystal scanned in CM can yield

images with subnanometer resolution [59–62]. Membranes when present around

whole cells give low resolution images [63–65], due to the presence of the under-

lying cytoskeleton, cytoplasm, and organelles. The latter three are a soft foun-

dation under the scanned membrane. As a contrast, in some model membranes

deposited directly on a solid support, the lipid head groups could be directly

resolved [66,67]. As in the case of 2-D crystals of proteins, the lipids in these

bilayers were ordered in a lattice. The regularity of samples increases the

obtained resolution and facilitates any off-line processing.

2.1. Bilayer preparation and properties

In order to image biological samples with AFM, they have to be deposited onto a

solid support [68]. For optical microscopy, glass cover slides or quartz slides are

often used as solid support, but for AFM such a substrate should be flat on the

molecular level, otherwise height differences arising from the sample cannot be

distinguished from height differences arising from the substrate. Substrates that

meet this condition are highly orientated pyrolytic graphite (HOPG), which is

hydrophobic, and mica and hydrophilized silicon wafer (silica), which are both

hydrophilic and negatively charged. Supported lipid bilayers are usually deposited

on mica, using the Langmuir–Blodgett (LB) [69] method, by vesicle fusion [70] or

a combination of these methods [71].

With the LB technique, first, a monolayer is deposited on a hydrophilic subst-

rate by pulling the substrate through a monolayer on the air–water interface on

a Langmuir trough. After this, a second monolayer is deposited by lowering

the monolayer-coated substrate again through the monolayer on the air–water
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interface, but now going from the air into the subphase (Fig. 2). Thus, bilayers on

a hydrophilic surface are always exposed to (and imaged in) water. Following the

Langmuir–Schäfer (LS) technique, the second leaflet is deposited by lowering the

monolayer-coated substrate horizontally through the monolayer on the air–water

interface instead of vertically. Stable bilayers are formed when the first mono-

layer consists of a solid-phase lipid, deposited at high surface pressures (around

40N/m) [72].

Figure 3 illustrates the process of vesicle fusion where a small amount of

vesicle suspension is applied to the substrate. The suspension should contain

1st leaflet

aq

air

2ndleaflet

air

aq

Fig. 2. Bilayer deposition with the LB method [69]. The first leaflet (proximal
monolayer) is transferred by pulling a clean hydrophilic substrate through the
air–water interface of an aqueous subphase in a Langmuir trough onto which a
lipid monolayer (Langmuir layer) is spread. The second leaflet (distal monolayer)
is deposited by pushing the substrate coated with the first leaflet, vertically
through the air–water interface, going from air in the aqueous subphase. The
substrate can also be pushed through the interface horizontally, referred to as the
LS method. An asymmetric bilayer can be prepared by using a different lipid-
composition for the second leaflet than for the first leaflet.

incubation

T>Ttr

rinsing

adsorption

Fig. 3. Bilayer deposition with vesicle fusion. A suspension of �1mM unilamellar
vesicles (Ø 25–100 nm) is deposited on a clean hydrophilic substrate. After in-
cubation at a temperature higher than the Tm of the highest melting lipid present
in the system, the vesicles adsorb to the substrate, open to form a lipid-patch and
fuse with other patches until a symmetric, planar-supported bilayer is formed.
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small unilamellar vesicles (SUVs) with a diameter of 20–50 nm, although 200 nm

vesicles have also been used successfully [73]. These vesicles adsorb to the

substrate surface and in an active process, they open and fuse to form a uniform

bilayer on the substrate [73–75]. This process is facilitated when the temperature

is above the phase-transition temperature of the lipids present in the vesicles.

After rinsing excess vesicles, a clean smooth bilayer remains.

2.1.1. Defects and bilayer thickness

Usually in bilayers, defects in the form of holes piercing the entire bilayer are

present [71] (Figs. 4 and 5). This means that supported bilayers rarely cover the

substrate entirely and thus they are ‘‘leaky’’. The width of these defects depends

on the sample preparation, but a few hundred nanometers or smaller is not

uncommon so they are usually not noticed in studies using FM or other optical

imaging techniques. The depth of the defects can be used to confirm that indeed

one or more bilayers are present, since in some cases the presence of multiple

bilayers is required [76]. Measured values of bilayer thicknesses, as determined

with AFM, vary between 4 and 6 nm.The exact depth of the defects gives infor-

mation on the bilayer thickness and thus on the physical state of the bilayer:

bilayers in the fluid phase are generally thinner than bilayers in the solid or in the

liquid-ordered phase. This also implies that fluid–solid phase-separation can be

visualized by AFM, as is illustrated in Fig. 4C. A prerequisite to use defects to

measure bilayer thicknesses is that the defect is wide enough for the tip to un-

ambiguously reach the bottom of the defect (Fig. 4C and D). Another possibility is

to use the AFM tip to ‘‘scratch’’ a defect in the bilayer by scanning a small area

with a high loading force, high speed, and/or prolonged time (few minutes up to

an hour). The values found for bilayer thicknesses using AFM are typically

1–2 nm larger than the values found by other techniques like X-ray scattering or

NMR (see also Table 1). The consensus is that this is due to a water layer that is

present between the support and the bilayer [71].

Although both LB and vesicle fusion yield bilayers with defects, the origin of this

defect formation is entirely different for the two preparation methods. In the case

of LB, the first monolayer, composed of a solid-phase lipid at high surface pres-

sure, generally contains merely a few small pinholes (Fig. 4A) [54]. During dep-

osition of the second monolayer, lipids of the first leaflet are able to leave the

substrate to mix with the monolayer on the trough [77], which gives rise to defects

in the eventually formed bilayer. The amount and size of the defects, i.e. the

amount of uncovered substrate obviously depends on the number of lipids that

move from the first leaflet to the Langmuir layer. This number was found to

inversely depend on the speed of deposition of the second monolayer [77] and on

the surface pressure [54,72,77] and fluidity [54] of the second monolayer. Qual-

itatively, it was observed that the lipids that are not orderly packed in the first

monolayer, e.g. the lipids at the rim of defects or in grain boundaries, have the
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highest probability of leaving the first monolayer [54] and determine the shape of

the defects. For example, a monolayer of 1,2-Dipalmitoyl-sn-Glycero-3-

Phosphocholine (DPPC), at high surface pressure, consists of patches of rigidly

packed, tilted lipids. Disordered lipids reside in the grain boundaries between the

patches. In monolayers, these boundaries are not detectable with AFM (Fig. 4A).

However, after deposition of a second monolayer in the fluid phase, these grain

boundaries are visible as defects in the bilayer (see Fig. 4B). Bilayers with a first

leaflet of 1,2-Dipalmitoyl-sn-Glycero-3-Phosphoethanolamine (DPPE) give rise to

round defects [54,72] (Fig. 4E) because the Phosphatidylethanolamine (PE) head

groups form a network of hydrogen bonds causing a large line tension energy.

Thus, in LB bilayers, the first monolayer seems to determine the shape of the

defects, whereas the second monolayer influences the size of the defects.

In bilayers formed by vesicle fusion, composed of lipids in the fluid phase, there

are usually only a few small defects present, often induced by contaminations on

the substrate. This complete coverage is due to the fluid character of the bilayer,

since any hole in the bilayer would immediately be filled with lipid. During the

process of making bilayers, composed of lipids in the solid phase, typically these

bilayers are heated to well above the phase-transition temperature of the used

lipids (Fig. 3). Above their phase-transition temperatures, bilayers are in the fluid

phase and presumably cover the whole substrate. When these bilayers are sub-

sequently cooled down, the surface area per lipid decreases and thus there are

not enough lipids to cover the substrate. The bilayer ruptures [78], resulting in the

presence of defects. However, when there is a supply of lipid during the cooling

process, i.e. when the shrinking bilayer is covered with vesicle suspension, the

amount of defects is greatly reduced [53].

2.1.2. Bilayer asymmetry and leaflet coupling

With vesicle fusion, symmetric bilayers are formed, which means that both

leaflets have the same lipid composition. With the LB method it is possible to

make asymmetric bilayers by simply depositing a second leaflet with a different

lipid composition than the first leaflet. Since flip-flop in membranes requires pro-

teins and spontaneous flip-flop in lipid bilayers is low [79], it is assumed that this

asymmetry is maintained in time. However, due to the molecular organization of

the lipids facing the defects, which is presumably as depicted in Figs. 1–3

[54,72,73,80], lipid exchange between both leaflets is possible. It was found that

in bilayers with a second leaflet of anionic lipids, around the defects, some of

these negatively charged lipids moved to the first leaflet. Since the support of

these bilayers was also negatively charged, this lead to electrostatic repulsion

between bilayer and substrate, such that the bilayer was locally pushed up

(Fig. 4E and F), a phenomena referred to as bilayer blistering [54]. In the pres-

ence of divalent cations, the negative charges were screened and the bilayer lay

flat on the surface again, a process that was found to be reversible. This
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Fig. 4. AFM imaging of several different lipid layers. In all AFM-images conven-
tionally, the z-scale is represented by a gray-scale in which black reflects the
lowest, and white the highest area. (A) DPPC monolayer, deposited on silicon
wafer with LB at a surface pressure of 35mN/m (condensed phase). A smooth
flat layer is seen, with a few pinholes visible as small black dots, reflecting the
level of the substrate. (B) Asymmetric bilayer on silicon wafer, with a first leaflet of
DPPC, deposited at 35 mN/m (condensed phase) and a second leaflet of DMPG,
deposited at 22 mN/m (fluid phase). The (black) hexagonal pattern of defects
(6 nm deep) reflects the pattern of the grain boundaries in the first leaflet.
(C) Phase-separated bilayer of DPPC and POPC (1:1) deposited with vesicle
fusion on mica. Three height levels can be discerned: light gray areas represent
solid-phase DPPC domains, surrounded by a lower dark phase of fluid POPC
lipids. The black spots reflect defects in the bilayer, marking the level of the
underlying mica. (D) Cross-section of the line drawn in (C), showing that although
in this case the defects were not wide enough to determine the thickness of the
bilayer, the height difference between solid and fluid phase could be determined
to be 1 nm.The lower panel shows a molecular model of a phase-separated
supported bilayer. (E) LB bilayer on silicon wafer, with a first leaflet of DPPE,
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observation is in agreement with the finding that divalent cations favor the vesicle

fusion process of vesicles containing anionic lipids [71,81] when using a neg-

atively charged substrate like mica or silica. Depending on the lipid composition of

both first and second leaflet, bilayer asymmetry was lost within a few days or

even within a few hours [54]. The loss of asymmetry of LB-deposited bilayers is

supported by FM studies [24].

Another distinction that can be made between bilayers made by vesicle fusion

and bilayers made by LB, is that in the latter the leaflets are not coupled (also

referred to as ‘‘not in registration’’). This is nicely illustrated in a study of Hollars

and Dunn [82], which reports images of bilayers composed of two DPPC mono-

layers, both phase-separated in liquid expanded (LE) and liquid condensed (LC)

domains. AFM images clearly show three height levels, consistent with stacks of

LE on LE, LC on LC, and LC on LE (or LE on LC). From different FM studies it

was also concluded that LB deposited bilayers are not in registration [24,83].

In phase-separated bilayers made by vesicle fusion, usually two height levels

are discerned (Fig. 4C) indicating that the phases of the upper leaflet match with

the phases of the lower leaflet and that the leaflets are coupled. Although for

certain systems occasionally an intermediate level is observed [21], in general it

is assumed that in bilayers prepared with the vesicle fusion method, both leaflets

are coupled [40].

2.2. Imaging domains in one-component systems with AFM

In the last decade, much effort has been made to image supported model mem-

branes [41,42]. Single component phospholipid bilayers consisting of

Phosphatidylcholine (PC) [53,84–87], PE [66,67], and of polymerizable PC [88]

were among the first systems to be imaged by AFM. As mentioned above, these

bilayers look flat with some defects, and when the lipids are ordered in a crys-

talline lattice, molecular resolution can be obtained. Upon treatment of such

bilayers, the morphology could be changed dramatically. Fang and Yang [89]

found that prolonged heating of DPPC bilayers resulted in lipid loss, visible as an

deposited at 35mN/m (condensed) and a second leaflet of DPPG, deposited at
26mN/m (condensed phase). The level of the bilayer (gray) appears 6 nm above
the level of the substrate (black). The shape of the defects in this bilayer is round,
stemming from the PE lipids in the first leaflet. Around the defects a light ‘‘halo’’ is
observed, appearing �2nm above the level of the bilayer. These elevations are
caused by negatively charged DPPG lipids, which diffused from the second
leaflet, via the edge of the defects, to the first leaflet. Here, they are repelled by
the negatively charged silica, which pushes the edges of the bilayer up. In the
presence of divalent cations (Ca2+, Mg2+, Ba2+, and Sr2+ tested) the entire
bilayer lies flat on the substrate [54]. (F) Molecular model for this phenomenon.
Scale bars A, B, and E: 2 mm; C: 300 nm.
Panel A, B, E, and F reproduced with permission from Rinia et al. [54].
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increase in amount and size of defects, and the appearance of lower areas in the

bilayer (2 nm lower than the intact bilayer). Such lower areas are generally be-

lieved to consist of interdigitated lipids [84,89,90]. Also, interdigitated domains in

DPPC bilayers induced by alcohols have been imaged [84].

When single-component bilayers undergo a phase transition, solid–fluid phase-

separation occurs and domains are formed. The introduction of the sample heat-

ing stage [91] allowed visualization of this process in supported lipid bilayers with

AFM in a controlled manner. 1,2-Dimyristoyl-sn-glycero-3-Phosphocholine

(DMPC) is a convenient lipid for such studies [92] since it has a phase-transi-

tion temperature around room temperature (24 1C [79]). This phase transition of a

supported DMPC bilayer on mica has been studied recently using AFM [78,93]. In

the first study it was found that, upon undergoing a gel- to fluid-phase transition, a

single supported DMPC bilayer starts melting at the edge of the defects [93].

Since the lipid packing is more disordered here than in the rigidly packed bulk

phase, these lipids are more prone to become fluid. Xie et al. [78] observed

initially the formation of small nucleation sites in the gel phase from which the fluid

phase started to grow, but subsequently melting also started at the defect pe-

riphery. They subscribed the nucleating sites also to the presence of small micro-

scopic defects in the gel phase itself. It was found that the phase transition was

independent of AFM–tip contact or heating rate, but solely determined by the

temperature [93]. Although in one case a slightly lower phase-transition temper-

ature was determined, which was attributed to super cooling [78], in the other

study a transition temperature of 28.5 1C was found [93]. This is higher than the

24 1C generally found on DMPC vesicles and the discrepancy is likely to be

induced by the substrate, which can influence the phase behavior of lipids [94].

In the above-described studies, where a DMPC bilayer was heated from below

its pretransition temperature to well above its main phase-transition temperature,

a ripple phase was not seen [78,93]. This has been observed more often when

heating single supported bilayers composed of lecithins and other ripple phase

forming lipids [89] (unpublished observations) (note that constituents of buffers

like Trishydroxymethylaminomethane (Tris) and phosphate buffered saline

(PBS), are able to induce ripple phases in single supported bilayers [85,87].

However, ripple phases are often observed in second bilayers, present on top of

a bilayer on a solid support [36,76,95,96]. It was postulated that a second bilayer

is less influenced by the support and therefore has a more freestanding character

than a single supported bilayer [76], which is confirmed by neutron-diffraction

studies [97]. This freestanding character allows the bilayer to adopt a rippled

structure and to be studied as such with AFM. The growth and disappearance of

liquid domains in rippled bilayers of DPPC, going from the ripple to the fluid

phase, was investigated thoroughly by Kaasgaard et al. [96]. It was found that the

domain shape was dominated by the anisotropy in the lipid packing of the ripple

phase, leading to straight-edged domains. The phase transition visualized in

these systems occurred at 23.4 1C [98]. This temperature is close to the reported
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value of 24 1C as found by differential scanning calorimetry (DSC), which implies

that a bilayer-supported bilayer indeed has a more freestanding character.

2.3. Imaging domains in binary systems with AFM

One of the first images of fluid–solid phase-separation was taken on DPPC/

POPC (1,2-Dioleoyl-sn-glycero-3-phosphocholine) bilayers, which showed higher

domains, consisting of DPPC in the solid phase surrounded by lower areas, con-

sisting of POPC in the fluid phase [86]. Figure 4C shows an AFM image of such a

bilayer, which we prepared using the vesicle fusion method. Defects were seen

only in the solid-phase domains and since, besides the level of the

mica, only two levels could be discerned, presumably this bilayer is coupled.

The difference between these height levels is 1.1 nm, which is in agreement

with the difference in bilayer thickness of DPPC (4.8 nm, see Table 1) and

POPC (3.7 nm, see Table 1) at room temperature. Later on, more studies on

fluid–solid phase-separation at room temperature followed, including DPPC/

DOPC (1,2-Dioleoyl-sn-Glycero-3-Phosphocholine) [99], DMPC/DSPC [100,101],

Table 1. Acyl chain composition, phase-transition temperatures, and bilayers
thicknesses for several phospholipids and sphingolipids

Lipid
Acyl chain
composition

Tm (1C)a

(main)
Tm (1C)a

(pre)
Bilayer thickness

(nm)
Bilayer thickness
(nm) (with chol)

DLPC C12:0/C12:0 �1.9 3.0 (25 1C)b

DMPC C14:0/C14:0 23.6 13.7 4.2 (20 1C)b

3.6 (37 1C)b

DPPC C16:0/C16:0 41.3 34.4 4.7 (20 1C)b

3.7 (50 1C)c

DSPC C18:0/C18:0 54.5 49.1 4.7 (25 1C)b

4.1 (60 1C)c

DAPC C20:0/C20:0 65.3 63.2
DOPC C18:1/C18:1 �18.3 3.7 (30 1C)b

POPC C16:0/C18:1 �2.5 3.7 (25 1C)d 4.1 (25 1C)d

Egg-SpM C16:0/C13:0 (84%) 38e

Brain-SpM C18:0/C13:0 (46%) 29; 34f

C16:0-SpM C16:0/C13:0 (100%) 41g 5.0 (29 1C)g 4.5 (29 1C)g

4.4 (55 1C)g 4.5 (55 1C)g

C18:0-SpM C18:0/C13:0 (100%) 45.1h 5.2 (29 1C)h 4.7 (29 1C)h

4.3 (58 1C)h 4.6 (55 1C)h

a From Ref. [149] unless stated otherwise.
b From Ref. [79].
c From Ref. [150].
d Calculated thickness following Ref. [4]: for the headgroup regions 1.1 nm was added to

the hydrophobic thickness as determined by Nezil and Bloom [6].
e From Ref. [21].
f Brain-SpM is a mixture and was found to have two phase transitions [108].
g From Ref. [114].
h From Ref. [113].
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DLPC/DPPC [102], 1,2-Dilauroyl-sn-Glycero-3-Phosphocholine/1,2-Distearoyl-sn-

Glycero-3-Phosphocholine (DLPC/DSPC) [26], and lately several sphingomyel-

ins (SpM) mixtures with different fluid-phase lipids have been published, the

latter in the light of raft formation (see below). These images usually show

solid-phase domains, appearing about 1 nm above the level of the surrounding

fluid-phase lipids, consistent with the difference in bilayer thickness of a solid- and

fluid-phase bilayer.

Apart from fluid–solid phase-separation, also solid–solid phase-separation has

been visualized. This can occur in systems of lipids which differ in acyl chain

length by four or more carbon atoms. It was found that in the case of gel–gel

phase-separation in systems composed of DMPC/DSPC [100,101] or DAPC/

DPPC [103], visualization of the phase-separation becomes more difficult, due to

the small difference in height (2–5 Å). However, amplification of the height differ-

ence is possible by the use of biotinylated lipids, which preferentially, depending

on the acyl chain length, participate in one phase. They can subsequently be

visualized easily after addition of streptavidin [103], which binds to biotin and, in

this study, appears 6–7 nm above the bilayer.

2.3.1. Percolation

In all equimolar phase-separated bilayers made by vesicle fusion imaged so far,

the lipids in the solid phase form domains and are surrounded by the fluid phase,

i.e. the fluid phase is the percolating phase [21,99,102,104–106]. In systems in

which gel–gel phase-separation occurred, the lowest melting lipids formed the

percolating phase [103]. A change in percolation point in the fluid–solid coexis-

tence region was visualized directly by heating up a two-component system

DMPC/DSPC in the gel phase [93,100]. It was found that first fluid domains

appeared (presumably DMPC) surrounded by solid-phase lipid (presumably

DSPC). Further heating resulted in the presence of solid domains surrounded by

fluid-phase lipid [100]. Eventually all lipids became fluid and thus mixed.

Most fluid–solid phase-separated bilayers studied with AFM are imaged at

room temperature and consist of lipids with a Tm well above room temperature

and lipids with a Tm well below room temperature. In general during the prep-

aration protocol of the supported bilayer, at some stage the lipids are cooled

down from above the Tm of the highest melting lipid. This means that the high Tm

lipids have solidified, excluding the fluid-phase lipids, which accordingly form the

percolating phase. Upon increasing the concentration of solid-phase lipids, more

lipids will be solidified at room temperature and eventually the solid phase forms

the percolating phase [26]. This is illustrated by the fact that in a POPC/brain-

SpM (1:1) mixture, brain-SpM forms domains [107], while in a POPC/brain-SpM

(1:3) mixture, brain-SpM forms the percolating phase [108].

At which lipid ratio the percolating phase changes, is determined by the amount

of area occupied by the phases and by the shape of the domains. In the case of
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gel-phase irregularly shaped domains, the percolation point should be at an area-

fraction of �0.7 (assuming such domains behave as overlapping disk-shaped

structures [109]). This is confirmed by an elegant combined AFM/FM study con-

necting FRAP measurements (see below) with bilayer morphology. They found

that for a DLPC/DSPC system the percolation point lies at 70% area-coverage of

the gel-phase lipids [26]. For fluid–liquid ordered phase-separation, which leads

to it was determined, using FM images, that the percolation point lies at 50% area

[24], which is supported by AFM results [21].

2.4. Imaging domains in ternary systems with AFM

In 1997, Simons and Ikonen [9] published their proposal that plasma membranes

of mammalian cells contain small domains, enriched in sphingolipids and cho-

lesterol, which are involved in signal transduction. These domains were baptized

‘‘rafts’’ since they are, with associated signaling proteins, floating around in a

sea of fluid-phase lipids. After that many researchers from different fields occu-

pied themselves with finding proof for the existence of rafts in live cells or with

investigating the behavior of model systems, containing sphingolipids and cho-

lesterol. Dietrich et al. were the first to image rafts in model systems, using

fluorescence microscopy [23] and after that came the first AFM images of model-

rafts [21]. In the past four years, many papers concerning raft-formation obtained

by AFM on several lipid systems have been published. In this paragraph, we give

an overview of results concerning ternary mixtures of solid-phase lipids, fluid-

phase lipids, and cholesterol in which rafts are expected to form. It is shown that

with AFM not only can model-rafts be visualized, it also allows investigation of

different raft-related phenomena such as detergent resistance [21], association

with GPI-anchored proteins [105,106] and the effect of cholesterol extraction

using methyl-b-cyclodextrin (MbCD) [107,110].

2.4.1. Visualizing model-rafts

Several AFM studies show the effect of increasing cholesterol concentration on

an equimolar mixture of fluid-phase- and solid-phase lipid. As a fluid-phase lipid,

usually DOPC [21,105,106,110] or POPC [107,108] are used, but also results on

mixtures with DLPC are available [102]. As a solid-phase lipid, SpM are often

used since they are sphingolipids and exhibit a specific affinity for cholesterol

[8,20]. The most commonly used SpM in AFM studies is a natural mixture ex-

tracted from brain tissue (brain-SpM), which consists for nearly 50% of an SpM-

species with C13:0/C18:0 acyl chains. Occasionally, a mixture extracted from

egg yolk (egg-SpM) is used, which consists for over 80% of an SpM-species with

C13:0/C16:0 acyl chains. Upon addition of increasing amounts of cholesterol to

bilayers consisting of SpM and a fluid-phase lipid, the cholesterol will first
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Fig. 5. Model-rafts in bilayers made with vesicle fusion on mica. Bilayers consist
of DOPC and ESpM (A–E), or POPC and E-SpM (F–I) with varying amounts of
cholesterol. (A) DOPC:SpM (1:1) phase-separate in a fluid phase (dark) sur-
rounding small gel phase domains (light). Domains appear 1 nm above the level
of the fluid phase and occupy 20% of the total area. (B) Upon addition of 10mol%
cholesterol, the amount of area occupied by domains increases to 30%, and the
height difference is 0.8 nm.(C) Upon increasing the amount of cholesterol to
25mol%, the domains appear rounder, occupy 40% of the total area and are
0.8 nm above the level of the fluid phase. (D) At 30mol% cholesterol, the higher
phase is now the percolating phase, occupying 60% of the total amount of area,
while the height difference is 0.6 nm.(E) At 50mol% cholesterol, the height
difference between both phases is merely 0.4 nm and the amount of occupied
area is difficult to determine trustworthy. (F) When changing the unsaturated lipid
from DOPC to POPC, the morphology changes markedly. Without cholesterol,
solid–fluid phase-separation can be seen, with the level of the solid domains
0.8 nm above the level of the fluid bilayer and the domains occupy 5% of the total
area. (G) At 10mol% cholesterol, the phases are intertwined, it is not clear which
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associate with SpM and induce the liquid-ordered phase, and only at higher

concentrations, cholesterol will also locate between the fluid-phase lipids [111].

This means that, upon cholesterol addition, first, the solid-phase domains in

these bilayers increase in size and/or amount. Furthermore, these domains

should decrease in thickness, because although cholesterol has a thickening

effect on fluid-phase bilayers of POPC [6], in solid-phase bilayers consisting of

SpM, it decreases the bilayer thickness [112–114]. Since we noted some mis-

understanding in the literature about the latter effect and because AFM primarily

determines height and height differences, we listed some bilayer thicknesses of

several lipids in Table 1.

Figure 5 (left panel) illustrates the above-described effect of increasing cho-

lesterol concentration on an egg-SpM/DOPC bilayer. The amount of area occu-

pied by the ordered phase increases from 20 to 30, 40, and 60% with increase of

cholesterol concentration from 0 to 10, 25, and 30mol%, respectively [21]. The

height difference between SpM and DOPC in the absence of cholesterol is 1 nm,

but at 10 and 25mol% cholesterol, the difference is 0.8 nm and at 30mol% it

is merely 0.6 nm. At 50mol% cholesterol, the difference in height decreases to

0.4 nm, most likely because at this concentration, the entire bilayer, i.e. also

DOPC, contains cholesterol, which presumably is thickening the DOPC-phase.

Note that at 30mol%, the fluid phase is not continuous anymore and that the

system has passed the percolation point. This change in percolating phase is

accompanied by an amount of area, occupied by the liquid-ordered phase exce-

eding 50%. This is in agreement with the analysis that the phase which occu-

pies an amount of area larger than 50% of the total area, forms the percolating

phase [24].

Systems with brain-SpM yield similar results in that, upon increase of the cho-

lesterol concentration, the amount of ordered phase increases while the height

difference between ordered and disordered phase decreases [105,106]. Also, the

size and shape of the cholesterol-containing domains are similar [105,106].

Bilayers of POPC and SPM with increasing amounts of cholesterol show

different morphologies [108]. An example is given in Fig. 5 (right panel), which

shows clear phase-separation in the absence of cholesterol. Upon addition of

cholesterol, the domain shape becomes irregular and both phases become inter-

twined (Fig. 5G and H). The height difference between the SpM-rich phase and

the POPC-rich phase is 0.8 nm at 0% cholesterol, while at 10–25mol% cholesterol

we found it difficult to determine the height difference trustworthy (Fig. 5F and G),

phase is percolating and the amount of occupied area nor the height difference
between the two phases could be determined trustworthy. (H) At 20mol% cho-
lesterol, the bilayer has a grainy appearance and clear phase-separation as with
DOPC (C) instead of POPC, is not observed. (I) At 30mol% cholesterol, the
bilayer appears flat and smooth. Scale bars 1 mm. Panels A and E adopted with
permission from Rinia et al. [21].
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but values of 0.3 nm have been reported elsewhere [108]. At 30mol% cholesterol,

no domains can be distinguished anymore (Fig. 5I and [108]). The reason why in

raft-forming mixtures POPC leads to such different morphologies compared to

DOPC is not clear, but it is interesting to note these differences since usually

research is focused on sphingolipid–cholesterol interactions, while the properties

of the fluid-phase lipids appear to have a marked influence on the size and shape

of the formed domains.

In case of a phase-separated bilayer of DOPC and DPPC, the height difference

between solid-phase and fluid-phase lipids (1.1 nm) seems to increase upon

addition of cholesterol (unpublished observations). This may be because DPPC

looses its tilt in the presence of cholesterol and thus appears higher.

2.4.2. Raft-related phenomena

When live cells are treated with Triton X-100 in the cold (4 1C), there are certain

parts of the plasma membrane that are not dissolved [11]. These parts are ref-

erred to as detergent-resistant membranes (DRMs) and they were found to be

enriched in sphingolipids and GPI-anchored proteins [12]. There is some con-

troversy around DRMs since their composition depends on the used detergent

and it is argued that they are generated by the extraction itself [115]. The method,

however, is still widely used by different research groups. DRMs are thought to

correspond to rafts implying that rafts ought to be detergent resistant. To check

whether this was the case for model-rafts, a supported bilayer with a raft-forming

composition (egg-SpM:DOPC (1:1) with 25mol% cholesterol) was cooled down

to 4 1C and carefully rinsed with cold Triton X-100. This bilayer was imaged

before and after extraction [21] and it showed that indeed the fluid part of the

bilayer had been removed while the model-rafts were still present, as can be seen

in Fig. 6. The domains were collected and analyzed by thin layer chromatography

(TLC) and were found to be enriched in SpM and cholesterol. The domains had

slightly increased in size (Fig. 6B), probably due to the cooling, but furthermore

they had remained unchanged after the Triton extraction [21]. This does not

exclude the possibility that in real cells, phase-separation is induced by the ex-

traction, but it surely means that in supported model systems, rafts or DRMs are

not generated by the extraction, but already exist before the treatment and that

they remain unaltered by the detergent.

As mentioned above, DRMs are found to be enriched in not only sphingolipids

and cholesterol but also in GPI-anchored proteins. Such proteins are linked to one

or more acyl chains, mainly unsaturated ones. Consequently, these proteins can

associate via their acyl chains with lipid bilayers and preferentially with lipids in

ordered phases such as the liquid-ordered phase. The preference of such a GPI-

anchored protein, alkaline phosphatase (AP) for ordered domains has been vis-

ualized using AFM [105,106,116]. It was found that in phase-separated bilayers
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of DOPC and brain-SpM (1:1) in the absence of cholesterol, AP spontaneously

inserted in the bilayer, but mainly at the edges [105] and rarely in the bulk

[105,106] of the SpM domains (Fig. 7B). In the presence of cholesterol, AP again

spontaneously inserted in the bilayer, but now it was found to be homogeneously

distributed all over the raft-phase (Fig. 7D [105]). These results confirm the as-

sumption that GPI-anchored proteins associate with ordered-phase bilayers, pref-

erentially with liquid-ordered phase bilayers.

MbCD can be used to both extract cholesterol from- and to deliver cholesterol

to cell membranes or model membranes [117,118]. This biochemical tool was

used to directly follow the changes in morphology of supported bilayers upon

addition of- or depletion from cholesterol [107,110]. In Fig. 8, this process is

shown in the case of a brain-SpM/DOPC bilayer to which cholesterol-loaded

MbCD is added. In time it can be seen that the brain-SpM domains grow due to

Fig. 6. Detergent resistance of supported model-rafts. (A) Bilayer of DOPC:SpM
(1:1) with 25mol% cholesterol, deposited with vesicle fusion on mica. (B) Same
bilayer after rinsing with 0.1% Triton X-100 at 4 1C. The fluid phase is extracted
and the domains remained. Using TLC, it was found that the fluid phase was
enriched in DOPC and the domains in SpM and cholesterol. (C) Cross-section of
the line drawn in A showing that the height difference between domains and fluid
phase is �0.8 nm. (D) Cross-section of the line drawn in B showing that the lower
area around the domains is �5.8 nm lower, thus it corresponds to the mica
substrate and that indeed all the fluid-phase lipid has disappeared. (E) Molecular
model of the bilayer shown in (A). (F) Molecular model of the bilayer shown in (B).
Scale bars 1 mm. Adopted with permission from Rinia et al. [21].
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cholesterol incorporation, they coalesce and become the percolating phase until

all domains disappear and the bilayer becomes featureless, presumably because

it is saturated with cholesterol. This process is reversible [107,110], in that upon

extracting cholesterol from a saturated bilayer, domains appear, which become

smaller in size. However, when the extraction is completed, the phase-separated

situation in the binary bilayers is not restored: the bilayer become featureless

again [107,110]. It is not exactly clear why this is the case. Possibly, SpM is also

extracted from the bilayer. Giocondi et al. [107] found that in the presence of

MbCD, SpM was indeed extracted from a brain-SpM/DOPC bilayer, leaving holes

in the bilayer. Lawrence and co-workers [110] however found in similar exper-

iments that in the presence of MbCD, brain-SpM/DOPC bilayers stayed intact

and SpM-domains remained unaltered. Futhermore, no formation of defects were

observed upon cholesterol extraction. Thus, a more likely possibility is that, after

cholesterol extraction, the SpM-molecules are still distributed in the fluid phase

and the system needs time to phase-separate [107,110].

Fig. 7. Preference of AP, a GPI-anchored protein, for the liquid-ordered phase.
(A) A phase-separated bilayer of DOPC and brain-SpM (1:1). (B) Upon addition
of AP in the aqueous phase above the bilayer, insertion is observed mainly at the
edges of the gel-phase domains. (C) Phase-separated bilayer of DOPC and
brain-SpM (1:1) with 15mol% cholesterol in which the liquid-ordered phase is
percolating. (D) Same bilayer in the presence of AP showing that the liquid-
ordered phase is packed with inserted protein. In both bilayers, insertion in the
fluid phase is rarely observed. Scale bars 2mm. Adopted with permission from
Milhiet et al. [105].
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The experiments concerning raft-related events illustrate that although sup-

ported bilayers are adsorbed to- and influenced by a substrate, they still undergo

the above-mentioned processes as if they were cell membranes. This renders

them trustworthy as clean model systems useful to quantitatively investigate bio-

logical phenomena related to live cell membranes.

3. FLUORESCENCE MICROSCOPY

With FM, a sample is exposed to the light of a selected wavelength (excitation

light), which is absorbed by fluorochromes present in the sample and the sub-

sequent emitted light is collected. The emitted light is separated from the exci-

tation light using a dichroic mirror. The principle of FM is schematically drawn in

Fig. 9, where in (A) the path of the excitation light is depicted and in (B) the path of

Fig. 8. Addition of cholesterol to a supported bilayer using MbCD. (A) Bilayer of
DOPC and brain-SpM (1:1) showing solid–fluid phase-separation. This bilayer
was deposited on mica with vesicle fusion. Upon addition of cholesterol-loaded
MbCD in the aqueous subphase above the bilayer (bottom of image (B)), cho-
lesterol is inserted in the bilayer. The domains grow and coalesce in time (B–E)
until the bilayer appears flat and no phase-separation is observed (E–F). The
scan-direction is denoted next to each frame together with the elapsed time.
Scale bar 1 mm. Adopted with permission from Lawrence et al. [110].
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the emitted light. The lateral resolution R is determined by the wavelength of

the emitted light and the numerical aperture (NA) of the used objective, via

equation (1):

R ¼ 0:6 � l

NA
ð1Þ

The wavelength of the emitted light of generally used fluorochromes such as

Texas Red, NBD, Fluoresceine, and Rhodamine lies between 500 and 600 nm,

so for a high NA objective, the lateral resolution of FM is roughly 200–250 nm. For

research concerning lateral segregation in membranes this means that domains

larger than 250 nm can in principle be resolved. More advanced optical tech-

niques, like scanning near-field optical microscopy (SNOM) can detect domains

on smaller scales, typically 50–100 nm [82].

The fluorochromes in the sample can be intrinsically present in the sample, in

which case the fluorescence process is referred to as auto-fluorescence, or

added to the sample, in which case the process is referred to as secondary

fluorescence. FM on model membranes always deals with secondary fluores-

cence and the added fluorophores or fluorescent probes are usually lipids onto

which a fluorochrome is attached [22–24,44,83,119]. Apart from fluorescent–lipid

analogs, also hydrophobic organic dyes can be used or fluorescent ligands,

binding to a specific lipid. A well-known example of the latter is the combination of

fluorescently labeled cholera toxin B, which strongly binds to GM1, a glyco-

sphingolipid and thus a raft-marker [120–122].

The properties of the probe, like the position where the fluorescent group is

attached, or the acyl chains and headgroup of the lipid, determine whether the

Excitation Emission    

dichroic mirror

objective

excitation 
filter

λexc λem

A B

Fig. 9. Principle of FM. The sample, here a supported bilayer with fluorophores in
the distal leaflet, is illuminated by the excitation-light coming in via a dichroic
mirror through the objective. Light that is subsequently emitted by the excited
fluorophores goes through the objective, passes the dichroic mirror and can be
recorded by a CCD camera.
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probe preferentially mixes with solid-, fluid-, or liquid–ordered phase lipids. This is

important since the contrast in FM is based on the partitioning of the fluoro-

phore(s). In general, due to the bulky fluorescent group, fluorophores prefer to be

situated in the fluid phase. However, there are exceptions to this rule, for ex-

ample, DPEE with a nitrobenzoxadiazolyl (NBD) group attached to the PE head-

group (NBD-DPPE), which preferentially partitions in ordered phases [23,24].

Thus, it is not always straightforward to predict in which phase a fluorescent

probe will partition or how it will distribute over different phases (see also below).

3.1. Diffusion in bilayers

Apart from imaging, FM can also be used to quantify the diffusion of fluorophores

in a sample by intentionally bleaching a part of the sample with very high light

intensity. Subsequently, fluorescent probes from outside the bleached area will

diffuse into the bleached spot, thus the fluorescence in this spot is partially re-

stored. This is called fluorescence photobleaching recovery (FPR) or FRAP

[123,124]. By following the fluorescence recovery in time, one can determine the

lateral mobility in a membrane. Diffusion coefficients of fluorescently labeled lip-

ids in fluid-phase bilayers, deposited on glass or quartz, as determined with

FRAP, varies between 1 and 5 mm2/s [24,125,126]. This is comparable to values

found on similar systems with other techniques [23,126]. Diffusion coefficients

measured on supported systems are usually lower than the values determined

on freestanding or multilayered systems (�6 mm2/s for fluid-phase bilayers

and 0.4–2.5 mm2/s for liquid–ordered phase bilayers [125,127]). Apparently, the

substrate has a restricting influence on the bilayer. Initially it was found that the

diffusion in both leaflets is essentially the same [125], but it has also been

reported that diffusion in the proximal leaflet (facing the substrate) is twice as low

as in the distal leaflet (facing the aqueous phase) [128]. With FRAP experiments

on both supported model systems and live cell membranes, usually less than

100% fluorescence is recovered, suggesting the presence of an immobile fraction

[27,28,125]. Such a fraction can stem from obstacles present in the bilayer,

photobleaching of the returning fluorophores or from immobilization due to the

cytoskeleton or due to inhomogeneities in the substrate surface [24,26].

3.2. Imaging domains in supported bilayers with FM

There is a substantial amount of published papers dealing with phase-separation

in lipid layers, studied with FM. A large part comprises supported monolayers

[129–134] complemented by studies concerning giant unilamellar vesicles

(GUVs) [22,43–45,135]. In this chapter, we confine ourselves to supported and

unsupported planar bilayers, but the results reviewed in this section will be
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analyzed and discussed using the information from the literature on other lipid

systems.

McKiernan et al. [136] investigated the morphology of mica-supported single

component bilayers made by vesicle fusion, of cationic phospholipids, with either

two saturated C14 acyl chains [1,2-Dimyristoyl-3-trimethylammonium Propane

(DMTAP)] or C16 acyl chains [1,2-Dipalmitoyl-3-trimethylammonium-Propane

(DPTAP)]. These lipids were found to form distinguished domains exhibiting

fractal- and feathery patterns, after they had been cooled from above, to below

their phase-transition temperature. The authors investigated the influence of

various parameters on the domain size and shape, like the effect of the support

or the cooling rate, and their findings should be generally applicable to domain

formation in supported lipid bilayers. The fluorescent probe that was used in this

study, NBD-PC, which contains the fluorochrome in one of the acyl chains, was

excluded from the domains. By using FRAP it was found that the mobility of

the lipids in the probe-containing phase was very low. AFM imaging showed

that this phase had a thickness of 4 nm and that the probe-excluding domains

were 1.4 nm thicker. It was concluded that both phases were ordered and the

difference in thickness stemmed from differences in tilt [136]. Bilayers of DPTAP

on glass gave the same results as for such bilayers on mica, except that the

domains were somewhat larger, which was attributed to a slightly higher surface

charge of glass compared to mica, at the used pH. The amount of probe had

an evident effect on the shape of the domains, showing more fractalic growth at

higher probe concentrations. Decreasing the cooling rate from 2 to 0.2 1C/min

resulted in an increase of the size of the domains. These results indicate

that domain sizes and shapes in supported lipid bilayers are markedly influenced

by the probe, the substrate –properties, and the cooling rate used in the prep-

aration method.

A few years after the raft hypothesis had been formulated, the first studies

concerning the visualization of ‘‘model-rafts’’ in bilayers using fluorescence ap-

peared [23,137]. Dietrich et al. [23] published a thorough study on GUVs and

fluorescently labeled monolayers deposited on either silanized glass or on a

monolayer of egg-PC. Concerning the supported lipid layers they found that in-

deed a mixture of a fluid-phase lipid (POPC) and cholesterol yielded featureless

images, while in a mixed layer of POPC, brain-SpM and cholesterol (2:1:1) do-

mains were formed. These domains excluded the used probe (0.5% Fl-DPPE)

while the raft-marker GM1 preferentially partitioned in them, as was visualized by

the use of fluorescently labeled cholera toxin. Furthermore, they were found to be

detergent resistant and thus it was assumed that such domains are in the liquid-

ordered phase. Also in monolayers of a natural lipid mixture, a lipid extract from

brush border membranes, domains were present. Single particle tracking indi-

cates that the diffusion constant of lipids in the continuous, fluid phase was 2–3

times higher than in the liquid-ordered domains. This is in agreement with values

measured in unsupported systems [127].
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Samsonov et al. [137] investigated black lipid membranes of raft-forming com-

positions using FM. They used a 2:1 mixture of DOPC and DOPE to form the fluid

phase and a 1:1 mixture of cholesterol and egg-SpM to form the liquid-ordered

phase, with a rather high concentration of fluorescent probe: 5mol% Rho-DOPE.

Above 30mol% Chol+SpM, round domains were observed, which excluded the

probe. GM1 with a fluorochrome, BODIPY, attached to its headgroup was found

to preferentially participate in these domains, indicating that these domains were

ordered. The use of this GM1 is particularly elegant since it omits the need for

(fluorescently labeled) cholera toxin B, which, due to its multiple binding sites, by

itself is able to cluster GM1 lipids and to induce phase-separation [138]. Upon

oxidizing the cholesterol in a domain, by locally applying cholesterol oxidase, the

domain disappeared. Additionally, it was shown that domains were more sus-

ceptible to a force along the bilayer, which was applied by stirring the adjacent

solutions. Hence it was concluded that the domains protrude from the bilayer, i.e.

are thicker than the surrounding phase, which is in agreement with AFM meas-

urements. Also, the bilayers were coupled, as was deduced from the absence of

intermediate fluorescence intensities in the images.

When dealing with liquid–liquid phase-separations, as in raft studies, the exact

partitioning of the used probe becomes prominent, since this generates the con-

tract in fluorescence images. The used fluorescent probe has a distinct effect on

the morphology of phase-separated layers [24], which is illustrated in a study of

Crane and Tamm (see Fig. 10). These systems consist of bilayers of a mixture of

a fluid PC and brain-SpM (1:1) with various amounts of cholesterol. They were

deposited with the LS method and the second monolayer contained 0.5–1mol%

probe. Most probes prefer the disordered phase (Rho-DOPE, NBD-DOPE, DiIC12,

DiIC18, TR-DPPE, and FL-DPPE [23,24,83,137], but NBD-DPPE participated in

the ordered phase [23,24]. The most striking effect of the probe is in the presence

of 50mol% cholesterol, where with Rh-DOPE, NBD-DOPE, and DiIC12 domains

are visible, while NBD-DPPE and DiIC18 are evenly distributed over both phases

since bilayers with these probes look uniform. Another notable feature is that in

some cases, not only the domains in the second (stained) leaflet were visible, but

also domains in the first monolayer could be seen, even though this layer was

unstained when deposited. This phenomenon has also been observed in a recent

study on LB deposited bilayers concerning model-rafts [83] and is attributed to

probe-molecules, which moved to the first leaflet [24,83]. As stated above, in LB

and LS deposited bilayers, lipid exchange between the first and second monolayer

can occur during deposition of the second leaflet and afterward via the connec-

tions between both leaflets due to the presence of defects [54,77]. The defects,

which make the exchange possible, are too small to be resolved with FM and

therefore remain unnoticed. In AFM studies, they are found to be always present

and thus, logically, they also exist in similarly deposited bilayers, but imaged with

FM. We want to emphasize that we believe that the exchange is not caused by

spontaneous flip-flop, since this is a slow process (hours to days [79]).
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Generally, in bilayers deposited by vesicle fusion (see above) or in freestanding

bilayers [22,137], the leaflets are coupled. In these systems, the domains start to

form when the lipids are organized as a bilayer. In the case of LB bilayer, domains

are formed in the monolayer on the trough, before they are deposited to form a

bilayer. Such a system would be far away from thermodynamic equilibrium and

there is no reason to assume that two of such separate leaflets would be coupled.

In the next section, the dynamics of supported bilayers is considered.

Fig. 10. Influence of fluorescent probes on the morphology of supported bilayers.
Bilayers consist of brain-PC and brain-SpM (1:1) with increasing amounts of
cholesterol and were deposited with the LS technique on quartz. The second
leaflet was stained with (A) 0.5mol% Rho-DOPE, (B) 1mol% NBD-DOPE,
(C) 1mol% NBD-DPPE, (D) 0.5mol% DiIC12, and (E) 0.5mol% DiIC18. Although
only the second leaflet was stained, in several cases (middle panels in (B) and
(D)) probe also appears in the first monolayer and reveals the domains in that
leaflet. This illustrates that diffusion between both leaflets is possible and that an
asymmetric lipid composition in supported bilayers cannot be maintained for
prolonged times. Also, the domains in both leaflets are not aligned and thus the
monolayers are not coupled. Scale bar 10 mm. Adopted with permission from
Crane and Tamm [24].
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3.2.1. Dynamics in supported bilayers: influence of support

The size of the domains in and within all studies discussed so far varied between

10 nm and 10 mm. What exactly determines the size of domains in these systems

is still not entirely clear, but they are distinctly influenced by the preparation

method. It is clear that bilayers deposited with LB or LS contain large domains

(mm-range), whereas vesicle fusion yields bilayers with domains as small as

10–100 nm. Furthermore, with vesicle fusion, the domains-size is influenced by

the cooling rate during the preparation: quenching yields smaller domains, while

cooling slowly yields larger domains [26,136]. Although supported bilayers are

quite stable in time [26,125], after prolonged time domains indeed change in

size [99] and slowly coalesce (Fig. 11). We assume that freshly prepared sup-

ported bilayers have not reached their equilibrium yet. For bilayers made with LB

or LS this means that the bilayers are asymmetric and not coupled. For bilayers

made with vesicle fusion this means that possibly the domains have not reached

their full-size yet.

In freestanding lipid layers like GUVs or Langmuir layers, with similar lipid

compositions, domains are large and in the case of GUVs, it is observed that

equilibrium is reached very rapidly (seconds to minutes) [22]. Supported systems

equilibrate very slowly (hours or days, Fig. 11). However, lipid diffusion in sup-

ported bilayers is reduced with merely a factor 3 or so, and FRAP experiments

showed that fluorescence was recovered also in isolated domains in the middle of

the bleached spot [23,83]. This indicates that the lipids themselves are mobile

and that lipid exchange between different phases is rather rapid. The domains on

the contrary appear to be immobile entities. It was suggested that domains in

supported bilayers are immobilized by inhomogeneities in the underlying glass,

such as strong contact sites or spikes, acting as pinning centers [23,83,139].

Fig. 11. Immobility of domains in a fluid–liquid ordered phase-separated bilayer.
(A) AFM image of a bilayer consisting of egg-SpM and DOPC (1:1) with 25%
cholesterol, deposited on mica with vesicle fusion. (B) Same bilayer 2.5 h later.
Only a few domains have merged, indicated with arrows in the image, but overall
the morphology has remained the same. Image size 7.5 mm.
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Relaxation of supported systems may be speeded up by heating the bilayer.

This was done by Stottrup et al. [83], with a phase-separated LB/LS-deposited

bilayer, composed of DOPC, brain-SpM, and cholesterol (1:1:1). They found that

upon heating, the domains disappeared and one uniform phase was formed.

After cooling, however no domain formation was observed, but it was found that

‘‘speckles’’ appeared [83] which could correspond to small domains.

Although the morphology of bilayers, deposited with vesicle fusion, indicates

that they are coupled, a recent study reveals that both leaflets have their own

phase-transition temperature. In a phase-separated bilayer of DPPC and a fluid-

phase lipid, DPPC in the distal leaflet was in the fluid phase at about 40 1C, while

the DPPC in the proximal leaflet was still solid and did not melt until around 50 1C

[140]. This indicates that the substrate and the first leaflet are very strongly

coupled. Although it was found that in the presence of salt this coupling is much

weaker, it is still important to realize that the substrate can have a marked in-

fluence on the phase behavior and thus on the morphology of supported bilayers.

4. COHERENT ANTI-STOKES RAMAN SCATTERING (CARS)
MICROSCOPY

Vibrational spectroscopic techniques have the potential to directly address mole-

cular properties of supported bilayers. Vibrational spectroscopy probes the intra-

and intermolecular vibrational structure of molecules and molecular assemblies. It

can provide detailed information on both the chemistry and physics of the sample,

with a remarkable specificity even at room temperature and in samples as

complex as whole cells [141]. Traditionally, spontaneous Raman scattering and

infrared (IR) absorption have been used to determine vibrational spectra. IR ab-

sorption however does not lend itself for high resolution microscopy because of

the long wavelengths involved. Also, water absorption in this wavelength region

can be a serious problem. On the other hand, the generally very weak signal

from spontaneous Raman scattering, due to its extremely small scattering cross-

section, is readily overwhelmed by natural luminescence or requires acquisition

times, which often are prohibitive for high resolution microscopic imaging.

CARS is the non-linear optical analogue of spontaneous Raman scattering.

While amplifying the Raman signal by many orders of magnitude and enhancing

the detectability of the signal against background luminescence, it retains the

unique spectral specificity of Raman scattering. The Raman spectrum can pro-

vide a molecular ‘‘fingerprint’’ even at room temperature and in complex envi-

ronments such as living cells. In addition, it is sensitive to intermolecular

interactions. Recent developments in laser technology have permitted introduc-

tion of this well-known non-linear spectroscopic technique into the field of high

resolution microscopy [142,143]. In addition to the significant Raman signal en-

hancement, there are a number of features that make CARS especially suitable
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to incorporate vibrational spectroscopy into high resolution microscopy. Near-IR

wavelengths can be used that ensure submicron optical resolution and minimal

sample heating and damage. The non-linear dependence of the CARS signal to

input laser intensity provides inherent optical sectioning capability (similar to that

of two-photon absorption fluorescence microscopy). Finally, the signal propa-

gates coherently and is of shorter wavelength than all the input fields making it

readily detectable.

CARS is a third-order non-linear optical process where three laser fields, de-

noted by pump, Stokes, and probe with frequencies opu, os and opr, respectively,

are mixed in the sample to generate an anti-Stokes signal at frequency

oas ¼ opu � os þ opr. The induced third-order polarization, for a unique and lin-

ear polarization direction, can generally be written as

Pð3ÞðoasÞ / N � EpuðopuÞE
�
sðosÞEprðoprÞw

ð3Þ
1111ð�oas;opr;�os;opuÞ ð2Þ

where w
ð3Þ
1111ð�oas;opr;�os;opuÞ is the third-order susceptibility, N the molarity

(number of moles per unit volume), and EiðoiÞ denotes the respective electric

field. In the most common arrangement all laser field are narrow band (�5 cm�1)

and the generated CARS signal consequently represents a single point in the

vibrational spectrum. Additional frequency tuning of one of the lasers is required

to acquire the full CARS spectrum. Alternatively, the Stokes laser can be made

broad band (4100 cm�1), in which case the so-called multiplex CARS spectrum

is generated concurrently over a significant part of the vibrational spectrum [46].

Far away from one-photon resonances, the non-linear susceptibility can in

general be written as a sum of two terms:

w
ð3Þ
1111ðoÞ ¼ wNR þ wRðoÞ ð3Þ

where the non-resonant term (wNR) is independent of frequency and real, while

the resonant term (wRðoasÞ ¼
P

jRj=ðoas � opu � Oj � iGjÞ) is a complex sum over

all involved vibrational resonances with eigenfrequency Oj, oscillator strength Rj,

and linewidth Gj. In practice, pump and probe are usually derived from the same

laser and most CARS microscopy configurations employ point-by-point signal

acquisition using either specimen or laser beam scanning. It follows from equa-

tions (2) and (3) that the CARS signal intensity is propotional to

ICARS / IpuIsIpr � jwNR þ wRj
2 ð4Þ

Thus the signal is a sum of a purely non-resonant contribution, a purely resonant

contribution and a cross-product between the two. The latter is responsible for the

characteristic dispersive lineshape of CARS spectra. Various approaches have

been developed to eliminate the non-resonant contribution from the signal (see

e.g. [144]). Alternatively, the non-resonant background is used in multiplex CARS

experiments to increase the sensitivity in a heterodyne fashion [145].
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4.1. Measurement of acyl chain ordering in supported bilayers

CARS microscopy is a rapidly growing new microscopic technique, which can be

used in biology and biophysics as well as the material sciences. In the following,

the potential of technique in providing detailed molecular information in supported

lipid bilayers is illustrated. For other applications, the reader is referred to a recent

review of the field [144].

Both the CH-stretch and CC-stretch vibrational spectral regions are rich in in-

formation on lipid acyl chain order (in particular, the amount trans-gauche kinks

and long-range intermolecular coupling) [146]. For instance, lipid phase-transition

temperatures can be readily determined by recording Raman spectral parameters

as a function of temperature. Whereas it is extremely difficult to obtain sponta-

neous Raman signals from a single lipid bilayer, vibrational spectra with unprec-

edented signal-to-noise have been recorded using multiplex CARS microscopy

[47].

An example of this is shown in Fig. 12A, which shows CARS spectra of a single

lipid bilayer in the liquid crystalline (lower trace) and gel phase (upper trace),

respectively. From these spectra the lipid chain order, defined as the ratio of the

signal intensity from the anti-symmetric and symmetric methylene stretching

modes, respectively, can be determined to increase from 0.7470.08 in the fluid

phase to 0.9970.09 in the gel phase. For multilamellar systems, a lower lipid

chain order parameter was found: 0.6970.03 and 0.7970.04 for fluid and gel

phase, respectively. This means that the supported bilayers are more ordered,

presumably due to coupling with the substrate. The above demonstrates the

Fig. 12. (A) Multiplex CARS signal from a fluid phase bilayer (DOPC; lower
curve) and a gel phase bilayer (DPPC; upper curve). Even though only one lipid
bilayer is present, the difference in phase can be clearly deduced from the
spectra. (B) Multiplex CARS signal from a lipid bilayer of deuterated DPPC (lower
curve) and of a bilayer of which only the first monolayer consisted of deuterated
DPPC and the second of DPPC, not contributing to the shown signal (upper
curve). The signal of the bilayer (1.6) is exactly twice as high as the signal from
the monolayer (0.8), indicating that at these low lipid concentrations, the strength
of the multiplex CARS signal depends linearly on the lipid concentration. Adopted
with permission from Wurpel et al. [47]
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unique ability of non-linear vibrational spectroscopy to determine the phase of the

lipid bilayer from inherent molecular parameters.

Another important feature of multiplex CARS microscopy is that since all

spectral channels are recorded simultaneously, the resonant contribution can be

determined quantitatively against the non-resonant background. This is demon-

strated in Fig. 12B, where the signal from a lipid bilayer shows a signal strength,

which is exactly twice that of a lipid monolayer. More recently, polarization tech-

niques have been used to determine absolute lipid density and lipid chain ori-

entational disorder in multilamellar vesicles and influence of cholesterol

partitioning [147].

The continuing development of ultrashort laser pulse technology allows the

application of a whole range of non-linear optical spectroscopic techniques to

microscopy of biological or biomimetic systems. The strength of these techniques

is the fact that they can provide direct detailed chemical and physical information

of the sample by using the inherent molecular properties. Thus, they can provide

complementary information to that which can be derived from more traditional

techniques such as AFM and FM. Of particular interest to lipid bilayers is the

recent application of sum-frequency generation (SFG) to biomimetic systems

[148]. This second-order non-linear optical technique is particularly sensitive to

surface and interfaces and thus highly suited to investigate the special properties

of asymmetric bilayers, which are the rule in natural membranes. In addition, it

has similar vibrational specificity as CARS microscopy. As illustrated by the ex-

amples above, the field of non-linear optical microscopy has only just started to

flourish and is expected to come to full fruition over the years to come.

5. CONCLUSION

Supported lipid bilayers are suitable systems to visualize domain formation in

model membranes. Because they are planar, a large area of bilayer is in focus at

once so there is no need for 3-D imaging like with GUVs. They can be routinely

deposited on mica or glass, which are commonly used substrates for AFM

and optical microscopy, respectively. One leaflet is exposed to bulk-water, so

exogenous components (e.g. proteins, detergents, or agents) can easily be

added and interaction with the bilayer can be visualized directly. The phase

transition in supported bilayers is retained and the lateral diffusion in supported

bilayers is merely a few times lower than in freestanding bilayers. The diffusion

coefficients in different phases in supported systems relate in the same way as

diffusion coefficients in unsupported systems.

Despite these arguments in favor of supported systems, there are also several

drawbacks to the use of supported bilayers. Supported bilayers do not form

sealed systems: they contain defects and therefore are leaky. Moreover, the

presence of defects allows lipid exchange between proximal and distal leaflet of
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the bilayer and thus in time, bilayers loose their possible asymmetric composition.

As is the case with freestanding bilayers, bilayers deposited with vesicle fusion

are coupled. However with LB or LS, two independent monolayers are deposited

on each other and these layers are not coupled.

The influence of the support appears to be quite substantial. The acyl chains in

supported bilayers are more ordered than the acyl chains of multilamellar systems

and although phase transitions are retained in supported bilayers, the transition is

considerably broadened. In certain cases each monolayer undergoes its transition

separately, with up to 10 1C difference in phase-transition temperature [140]. Ad-

ditionally, differences in diffusion coefficients have been found for both leaflets

[128]. In spite of the fact that the lateral mobility in supported bilayers is only a few

times lower than in freestanding systems, domains behave as immobile entities on

the support. The size of the domains depends on the deposition technique. In LB

or LS deposited bilayers, the domains are initially formed in a freestanding mono-

layer and these domains are larger than found in bilayers made with vesicle

fusion, although in the latter systems, domain size can be tuned by the cooling

rate in the vesicle fusion protocol [26]. In freestanding systems, domains coalesce

rapidly in time (seconds–minutes) and can quickly become up to micrometers in

size. In supported systems, domains coalesce slowly in time (hours–days), and

therefore essentially remain in the same size. The immobility of domains has been

ascribed to inhomogeneities on the substrate surface, like spikes acting as pinning

centers. However, since domains are equally immobile on an atomically flat sur-

face as mica, other factors have to be involved. Possibly local differences in

surface charge densities play a role, but what exactly causes the paralysis of

domains on the substrate remains to be elucidated.

It is important that researchers realize the described drawbacks of supported

bilayers when working with them. The use of supported membranes remains

advantageous and especially when one takes their shortcomings in account,

supported bilayers are excellent model systems to work with and to use as model

membranes.
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Abstract

This chapter concerns the equilibria of some biomolecules in bilayer lipid membranes. The

presented research of biolipid interaction was concentrated on quantitative description of

experiments that take part within the bilayer as well as on its surface. Assumed models of

interaction between amphiphilic molecules, between transport proteins and monovalent

cations and the equilibria that take place there as well as acid–base equilibria were des-

cribed by mathematical equations for the systems studied. These theoretical models were

verified experimentally using interfacial tension and electrochemical impedance spectros-

copy techniques.

For systems of two kinds of lipids, the possibility of a 1:1 complex formation was

assumed what would explain the deviation from the additivity rule. Calculated values of

parameters (equilibrium constants, molecular areas of complexes, interfacial tensions,

capacitances and resistances of molecules and complexes) were used for calculation

model curves. The comparison of model curves and experimental points verified assumed

models.

The complex formation between the gramicidin molecule and K+ ion was investigated

by the interfacial tension method. Electrochemical impedance spectroscopy was used for

the study of gramicidin D dimerization and transport of monovalent cations across lipid

bilayers by the dimers. Both experimental methods mentioned were used for the research

ability of valinomycin to form a 1:1 potassium-ion complex on the lipid bilayer/electrolyte

solution interface. Very simple methods were proposed to determine the parameters used

to describe the gramicidin dimer and ionophore-K+ complexes. It could be demonstrated

that determined parameters values were of a similar order of magnitude to those obtained

by other measuring techniques.

The effect of pH of electrolyte solution on the bilayer lipid membrane built from different

lipids was also determined. The obtained curves demonstrate the maximal interfacial ten-

sion values at the isoelectric point. A course of these curves was well characterized by the

simplified description based on the Gibbs isotherm, but only in proximity of the isoelectric

point. While, using the exact definition of surface excess within the Gibbs equation (taking

into account volumes of adsorbed ions at the membrane surface) permits us to explain the

run of experimental curves in the whole pH range. Also in this chapter the models derived

to describe adsorption of the H+ and OH� ions at lipid surfaces formed from phospholipids

were proposed, which would reproduce changes in interfacial tension more correctly, par-

ticularly in the ranges distant from the isolelectric point. In models, contribution of the

individual forms of lipid molecule to interfacial tension of the bilayer was assumed to be

additive.

This chapter concentrated especially on phospholipids because they are major fractions

of lipids found in biological membranes: phosphatidylcholine (PC), phosphatidylethanol-

amine (PE) and phosphatidylserine (PS) were chosen. PC was the basic component of the

formed bilayers because it has been widely examined and described in the literature, but

also because it creates permanent monolayers and bilayers, of which one can easily build

in the other components. Cholesterol, gramicidin and valinomycin were also studied since

they play an important biochemical role in cell membranes. Cholesterol is an important

factor in controlling physical properties of biological membranes and their functions.

Gramicidin is a model of more complicated biological ionic channels. For this reason, many

studies have been done using this simple channel-forming polypeptide. It has been re-

ported that valinomycin acts as a selective carrier of K+ ions in a variety of cell membranes

as well as on liposomes and lipid bilayers.

The interactions between membrane lipids are nowadays intensively developed. This

results from the suitability of this research for understandings of phenomena proceeding in
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cellular membranes. However, there is still the lack of the quantitative description of the

systems. It is required for a better understanding of the processes that take place in

biological membranes with the aim of forming the artificial membrane that would very

closely resemble the properties of the natural membrane. Therefore, the knowledge of

molecular structure and organization of phospholipids is necessary. Data presented in this

work, received from mathematical derivation and confirmed experimentally are of great

importance for interpretation of phenomena occurring in lipid monolayers and bilayers.

These results can help in a better understanding of biological membranes and in their

biophysical studies. Simple and very interesting methods proposed in this chapter can be

used with success for the determination of the equilibrium constant value of any 1:1

lipid–other lipid complex and any 1:1 ionophore–monovalent ion complex and for

acid–base equilibria between any phospholipids and ions from electrolyte solution (H+

and OH�).

ABBREVIATIONS

Names of compounds

Ch cholesterol
G gramicidin
GG dimer of gramicidin–gramicidin
GK+ gramicidin-K+ ion complex
PC, L phosphatidylcholine (lecithin)
PC–Ch lecithin–cholestrol complex
PC–PE lecithin–cephalin complex
PE, E phosphatidylethanolamine (cephalin)
PE–Ch cephalin–cholesterol complex
PS phosphatidylserine
V valinomycin
VK+ valinomycin-K+ ion complex

Variables

A surface area of the lipid membrane
aHþ ; aOH� ;aKþ activity of H+, OH� and K+ ions
B partition coefficient
Ci electric capacitance of component ‘‘i’’
csi surface concentration of component ‘‘i’’
cbi volume concentration of component ‘‘i’’
D diffusion coefficient of ion in the aqueous phase
Es surface energy
F Faraday constant
Ki equilibrium constant of adequate process
ka association rate constant
kd dissociation rate constant
mi mass of component ‘‘i’’
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Mi molar mass of component ‘‘i’’
NA Avogadro’s constant
nG the analytical lecithin and gramicidin concentrations ratio in the

membrane
R gas constant
Ri electric resistance of component ‘‘i’’
T environment temperature
V volume of component ‘‘i’’
Z0 real part of electric impedance
Z00(�jX) imaginary part of electric impedance
zi valency of ion ‘‘i’’
xi molar fraction of component ‘‘i’’
gi interfacial tension value of component ‘‘i’’
g0i specific interfacial tension value of component ‘‘i’’
gmax maximal interfacial tension value
Gi surface excess of component ‘‘i’’
d lipid bilayer thickness
y coverage (0oy41)
�mi electrochemical potential of component ‘‘i’’
mi mobility of component ‘‘i’’
s Warburg coefficient
v stoichiometric coefficient
o angular frequency

1. COMPLEXES FORMATION EQUILIBRIA

1.1. Membranes composed of two kinds of lipids

Biological membrane contains a heterogeneous mixture of lipids differing from

each other with respect to their head-group structure, hydrocarbon chain length,

degree of unsaturation of the acyl chain, and mode of attachment of the hydro-

carbon chain. Due to this complexity, it is difficult to ascertain the physical prop-

erties and functional roles of individual lipids and their mode of interaction with

other lipids in natural membranes. Therefore model systems consisting of

phospholipids and sterols have been a valuable tool in obtaining basic informa-

tion on membrane lipid interactions.

Most of the lipid bilayer studies concentrate on the surface potential or surface

pressure measurements, spectroscopy and microscopic visualization of lateral

domains [1]. In spite of a wide variety of experimental methods for the study of

lipid bilayers, some long-lasting problems remain. One of them is the complex

formation between phospholipid and cholesterol and between two kinds of

phospholipids in a bilayer or in a monolayer at the air/water interface [2,3].
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1.1.1. Theoretical considerations

Nevertheless, whether it is a three-dimensional bilayer or a two-dimensional

monolayer, each two-compound system can be described by a set of equations

presented below [4–6]:

g1c
s
1A1 þ g2c

s
2A2 ¼ g

cs1
cs1 þ cs2

¼ x1

x1 þ x2 ¼ 1

ð1Þ

where g (Nm�1) is the interfacial tension of the membrane; g1, g2 (Nm�1) the

interfacial tension of the membrane built of compound 1 and 2, respectively;

A�1
1 ; A�1

2 (molm�2) the maximal surface concentration of compound 1 and 2,

respectively, per unit area of the membrane; cs1; cs2 (molm�2) the surface con-

centration of compound 1 and 2, respectively, per unit area of the membrane and

x1; x2 the molar fraction of compound 1 and 2, respectively, in the solution

forming the membrane.

Elimination of cs1 and cs2 yields the linear equation:

ðg� g1Þx1 ¼
A2

A1
ðg2 � gÞx2 ð2Þ

To the fact that the first stability constant in complexes, as the essential one, is

usually the biggest and should be taken into consideration [7], existence of 1:1

complexes in lipid–lipid or lipid–cholesterol systems was assumed. This as-

sumption was verified experimentally using interfacial tension method (the inter-

face tension values reported below refer to the one side of bilayer membrane

surface area unit).

Then, the set of equations (1) is modified because the interfacial tension is the

sum of the contributions of all compounds:

g1c
s
1A1 þ g2c

s
2A2 þ g3c

s
3A3 ¼ g

K ¼
cs3

cs1 � c
s
2

cs1 þ cs3
cs1 þ cs2 þ 2cs3

¼ x1

x1 þ x2 ¼ 1

ð3Þ

where g3 (Nm�1) is the interfacial tension of the complex; A�1
3 (molm�2) the

maximal surface concentration of the complex per unit area of the membrane; cs3
(molm�2) the surface concentration of the complex per unit area of the mem-

brane and K the stability constant of the complex.
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Elimination of cs1, c
s
2 and cs3 yields the basic equation:

ðg� g1ÞB2x1 þ ðg� g2ÞB1x2
� �

ðg3 � g1ÞB2x1 þ ðg3 � g2ÞB1x2 þ ðg1 � g2Þðx1 � x2Þ
� �

¼ KA�1
3 B1B2 ðg� g1Þðx2 � x1Þ þ ðg3 � gÞB1x2

� �

ðg� g2Þðx1 � x2Þ þ ðg3 � gÞB2x1
� �

ð4Þ

where B1 ¼ A3

A1
and B2 ¼

A3

A2
.

Equation (4) is the equation of a second degree with respect to g, to the

complex composition as well as with respect to the constants: g1, g2, g3, B1, B2.

Opening of the parentheses results in a great complexity of the equation, and is

troublesome when directly applied to the determination of constants. The con-

stants mentioned above can be determined in individual cases using simplified

forms of this equation.

Equation (4) may be simplified taking into account the high stability constant of

the complex. With this assumption, it presents a straight line for small x2 values

(x2ox1):

ðg1 � gÞ
x1 � x2

x2
¼ �B1g3 þ B1g ð5Þ

while for the high x2 values (x24x1) it can represent another straight line:

ðg2 � gÞ
x2 � x1

x1
¼ �B2g3 þ B2g ð6Þ

Equation (4) can be simplified in some other way. In the case where x1 ¼ x2, it

assumes the form:

K A�1
1

� �2

A�1
2

� �2

A�1
3

� ��1

g� g3
� �2

¼ g2A
�1
1 þ g1A

�1
2 � g A�1

1 þ A�1
2

� �h i

g2A
�1
1 þ g1A

�1
2

� �

� g2A
�1
1 þ g1A

�1
2 � g A�1

1 þ A�1
2

� �h i

A�1
1 þ A�1

2

� �

g3 ð7Þ

The parameters describing the complex determined from equations (4) and (7)

could be applied to the calculation of theoretical points using equation presented

below (the agreement between theoretical and experimental values means that

the system is well described by the equations above):

KA�1
1 A�1

2 ð�1 þ �2Þð�3 � �1Þg
2 þ KA�1

1 A�1
2 ðg1�1 � g3�3Þð�1 þ �2Þ

h

�KA�1
1 A�1

2 ðg2�1 þ g3�2Þð�3 � �1Þ þ �4A
�1
3 ð�3 þ �2Þ

i

g

þ KA�1
1 A�1

2 �3g3ðg3�2 þ g1�2Þ � KA�1
1 A�1

2 �1g1ð�1g2 þ �2g3Þ

� �4A
�1
3 ðg2�3 þ g1�2Þ ¼ 0 ð8Þ
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where:

�1 ¼ A�1
3 ðx2 � x1Þ

�2 ¼ A�1
2 x1

�3 ¼ A�1
1 x2

�4 ¼ A�1
3 ðg1 � g2Þðx2 � x1Þ þ ðg1 � g3Þx1A

�1
2 þ ðg2 � g3Þx2A

�1
1

h i

The equations above (1–8) can be derived in an analogous manner, taking into

account the capacity Cm or conductance R�1
m (instead interfacial tension g) [8].

1.1.2. Phosphatidylcholine– cholesterol complex

Researchers from many years have been trying to define physical properties of

mixtures of cholesterol and phospholipids in monolayer and bilayer membranes.

These quasi two-dimensional systems are of intrinsic interest to physical

chemists. They also help understand certain properties of the membranes of

animal cells [9,10]. The interactions between PC (lecithin, L) and cholesterol (Ch)

are manifested in significant deviations from the additivity rule. Non-ideal

behaviour of the PC–Ch system was explained by the condensing effect of

cholesterol (increases surface density of the membrane in presence of sterol) or

by the ordering effect (presence of sterol causes order of the hydrocarbon

chains). Condensing and ordering effects of cholesterol have been observed both

in model and in biological membranes [11–13]. There have also been a number of

proposals for existence of the complexes at different stoichiometries. But there is

no agreement concerning what stoichiometries of the formed complexes have.

The 1:1, 1:2, 2:1, 1:3 and 3:1 complexes are mostly claimed to be in monolayers

or bilayers [14,15]. On the other hand, subsequent investigators have suggested

that specific associates [16], phase separation [17], domains [18] or lattice-based

structures [19] could be formed in the PC–Ch membranes.

In this paragraph, a 1:1 PC–Ch complex has been proposed to exist in bilayer

composed of egg lecithin and cholesterol. It was verified experimentally using the

interfacial tension g and electrochemical impedance spectroscopy techniques

(the interface tension and impedance values reported below refer to the one side

of the bilayer membrane (monolayer) surface area unit).

The dependences of interfacial tension, capacitance Cm and resistance Rm

(reciprocal of conductance R�1
m ) of PC–Ch membrane as a function of molar

fraction of cholesterol x2 were studied in all the concentration range and are

presented in Fig. 1. The resulting dependences deviate from linearity indicating

that some bonds are formed in the membrane. The interfacial tension, capa-

citance and conductance values of pure lecithin membrane are

0:81� 10�3Nm�1, 0:31mFcm�2 and 8:70� 10�6O�1 cm�2, respectively. The

interfacial tension, capacitance and conductance values of the pure cholesterol

Physicochemical Insights into Equilibria 131



membrane are 2:36� 10�3Nm�1, 0.44 mFcm�2 and 9:43� 10�7O�1 cm�2, re-

spectively [6,8]. Figure 1 also represents the theoretical values, marked by the

curves, obtained from equation (8). The values of g3; C3; R�1
3 ; A�1

3 and K

whose determination will be described in further parts of the paragraph were

(a)
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Fig. 1. The interfacial tension g (a), capacitance Cm (b) and conductance R�1
m (c)

of the PC–Ch membrane as a molar fraction of cholesterol x2 (the experimental
values are marked by points and the theoretical ones by curves).
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required for the calculation of these theoretical values. Equation (8) can yield two

solutions, as it is a square equation. The values yielding a better agreement of the

experimental points with equations describing the complex formation between

membrane lipid components were chosen. It can be seen from this figure that the

agreement between experimental and theoretical points is quite good, which

verifies the assumption of the formation of a 1:1 PC–Ch complex in the lipid

membrane. The small variances between points indicate that complexes at

different stoichiometries or associates are possible in the lecithin–cholesterol

bilayer, but one can neglect their influence on the studied system.

The plots of the functions (5) and (6) are presented in Fig. 2 (examples for

interfacial tension measurements). The B1 and B2 values determined from the

line slopes are 1.08 and 7.90, respectively. The intersections of the straight lines

with ordinate yield the �B1g3 and �B2g3 values, which can be used to determine

the interfacial tension of the PC–Ch complex. The mean value g3 obtained from

both points equals 2:17� 10�3Nm�1. The C3 and R�1
3 mean values obtained in

the same way are equal to 0.39 mFcm�2 and 4:30� 10�6O�1 cm�2, respectively.

The interfacial tension and impedance values determined as a function of

composition made it possible to calculate the maximal surface concentrations of

the membranes composed of pure components. At least one of them is neces-

sary for determination of the A�1
3 value. The surface area occupied by a lecithin

molecule equal to 85 Å2 was determined in the work [20]. The surface area

occupied by a cholesterol molecule amounts to 38 Å2 [21].

Knowing the A�1
1 and A�1

2 as well as B1 and B2 the maximal surface concen-

tration of the membrane composed of the lecithin–cholesterol complex could be

determined. The resulting A�1
3 values were equal to 1:19� 10�6molm�2 (from
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Fig. 2. A plots illustrating equations (5) and (6), from which parameters B1, B2, g3
for PC–Ch complex can be determined.
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interfacial tension measurements) and 1:47� 10�6molm�2 (from impedance

spectroscopy measurements).

The only value to be determined was the stability constant of the lecithin–cho-

lesterol complex. It could be determined from equation (7) when x1 ¼ x2 ¼ 0:5;

this parameter is 8:59� 1010m2mol�1 (from interfacial tension) and 1:81�

109m2mol�1 (from electrochemical impedance). These values are relatively high,

giving additional evidence for the prevalence of the 1:1 complex in mixed

phospholipid–cholesterol bilayers. These values also confirm that the assump-

tions used to simplify equation (4) were correct.

1.1.3. Phosphatidylcholine– phosphatidylethanolamine and
phosphatidylethanolamine– cholesterol complexes

Phosphatidylcholine–phosphatidylethanolamine (PC–PE) and phosphatidy-

lethanolamine–cholesterol (PE–Ch) complexes have not been described quan-

titatively (using mathematical equations) in the literature so far. One can assume

that a chemical complex with the stoichiometry of 1:1 is formed as a result of

existence of the equilibrium in the two-compound system [7].

Interfacial tension values of the membranes formed using pure components

were measured directly. The interfacial tension value of pure PE membrane was

1:67� 10�3Nm�1 [22]; the interfacial tension values of pure PC membrane and

pure cholesterol membrane were given in the previous paragraph.

The dependences of the interfacial tension of the lipid membrane as a function

of composition for PC–PE and PE–Ch systems were studied in all the concen-

tration range and are presented in Fig. 3. The experimental values are marked in

Fig. 3 by points and the theoretical ones obtained from equation (8) by lines. It

can be seen from this figure that the theoretical and the experimental interfacial

tension values of PC–PE and PE–Ch membranes agree in the whole ranges,

which verifies the assumption of the formation of a 1:1 PC–PE and a 1:1 PE–Ch

complexes in the lipid membranes [6].

From equations (5) and (6) the interfacial tension g3 for PC–PE and PE–Ch

complexes were calculated. These values are equal to 1:58� 10�3 and

2:30� 10�3Nm�1, respectively. Equations (5) and (6) could also be applied to

calculate the maximal surface concentrations of the PC–PE and PE–Ch com-

plexes per unit area of the membranes (the surface area occupied by PE mol-

ecule was found to be equal to 74.6 Å2 [22]). Then the A�1
3 values permitted on

determining the area occupied by PC–PE and PE–Ch complexes; these were

154 and 127 Å2 values, respectively.

The only parameters remained to be determined are the stability constants of

the PC–PE and PE–Ch complexes. The 2:85� 108 and 4:16� 1010m2mol�1

values were found using equation (7).
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1.1.4. Conclusions

The obtained stability constant of the PC–Ch complex is 8:59� 1010m2mol�1

(from interfacial tension measurements) and 1:81� 109m2mol�1 (from imped-

ance spectroscopy measurements), whereas the stability constants of the other

complexes are: 2:85� 108m2mol�1 in the case of the PC–PE complex and

4:16� 1010m2mol�1 in the case of the PE–Ch complex. High values of

these three stability constants confirm the legitimacy of the foundation to sim-

plifying equation (4). It can be observed that the stability constants of the

(a)

0.0E+00

1.0E-03

2.0E-03

3.0E-03

0 0.2 0.4 0.6 0.8 1

x2 

γ
/N

 m
-1

(b)

0.0E+00

1.0E-03

2.0E-03

3.0E-03

0 0.2 0.4 0.6 0.8 1

x2

γ
/N

 m
-1

Fig. 3. The dependences of the interfacial tensions g of (a) PC–PE membrane as
a molar fraction of PE x2 and (b) PE–Ch membranes as a molar fraction of
cholesterol x2 (the experimental values are marked by points and the theoretical
ones by curves).
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cholesterol-containing complexes are higher. It means that the PE–Ch and

PC–Ch complexes are more stable than the PC–PE complex.

The calculated area occupied by one PC–Ch complex is 127 Å2 (the mean

value taken from interfacial tension and impedance measurements) whereas the

areas occupied by other complexes are: 154 Å2 for PC–PE and 127 Å2 for

PE–Ch. It can be observed that areas of complexes are lower in the cases where

cholesterol is involved. Cholesterol condenses some membrane components

(the so-called condensation effect) making the membrane structures more rigid.

Sterol also improves the packing of membrane lipids as they occupy more places

in the hydrophobic layer of the membrane and few places in the polar groups

range unlike the phospholipid molecules.

Good agreement of the experimental and theoretical points verifies the as-

sumption of formation of a 1:1 complex in the lipid membrane. Small variances

between points indicate that complexes at different stoichiometries or associates

are possible in the PC–Ch membrane. Lack of variances in the PC–PE and

PE–Ch membranes justifies the statement that other complexes or associates do

not appear in these systems.

1.2. Phosphatidylcholine membranes containing transport proteins

In biological membranes, among many different transport phenomena, ion trans-

port is one of the major processes that are vital for all kinds of cell function. This

ion transport is all protein-mediated, and a wide variety of mechanisms have been

elucidated by which solute flux across membranes is achieved. The extensive

studies over the past few decades of the mechanisms of ion transport across

artificial membranes have revealed a great deal both about ionophores them-

selves and about the properties lipid membranes must have for the ionophores to

function efficiently. In the case of a carrier molecule, for example, it is of little

value for it to have high ion selectivity if it does not combine with the membrane

or, if it does combine, if it does not move or bind ions in the membrane. In the

case of pore-forming molecules, binding to different membranes may be very

similar, but the efficiency of the transport process may depend critically on the

state of ionization of the lipid or on the membrane thickness [23,24].

The functional roles played by channels and carriers are quite diverse. The

complex formation equilibria between ionophores and monovalent cations in the

examples of systems: gramicidin-K+ ion and valinomycin-K+ ion and the dime-

rization equlibrium of gramicidin D are considered in points 1.2.1 and 1.2.2. The

presented experimental interfacial tension and impedance values refer to the

bilayer surface area unit. Measurements were carried out with unmodified mem-

branes and with the membranes modified by four or five different ionophores

concentrations and at five different KCl concentrations. Except for the Z values,

all recorded impedance spectra are characterized by common general features
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and the same dynamic behaviour. For this reason, the data for one KCl con-

centration and for one gramicidin D or valinomycin concentration are shown.

1.2.1. Gramicidin D as a model of biomembrane ionic channels

Gramicidin D is a natural mixture of 85% of gramicidin A, 10% of gramicidin C and

5% of gramicidin B. Linear gramicidin A, B and C are able to induce ion transfer

across both natural and artificial lipid membranes. These pentadecapeptides are

built of L- and D-amino acids arranged alternately in a chain, their terminal amino

group is formylated and ethanolamine is substituted to their terminal carboxy

group. Gramicidin A, B and C differ with only one amino acid: the tryptophan

residue appearing at position 11 in gramicidin A is replaced by the L-phenylala-

nine residue in gramicidin B and by the L-tyrosine residue in gramicidin C [25–27].

Due to unusual D-amino acids present in this structure, gramicidin cannot be

used as a model for structures, which may occur in membrane proteins. How-

ever, this peptide does illustrate one way to form a selective intermolecular

channel through the bilayer. Also, gramicidin, because of its availability, has

frequently been used as a ‘‘model membrane protein’’ in studying the perturbing

influence of membrane proteins on lipids [23].

1.2.1.1. Gramicidin-K+ complex analysis by interfacial tension method
The effect of the presence of gramicidin in the phospholipid bilayer on interfacial

tension can be described as similar to that of cholesterol (the interfacial tension of

such membrane should be a sum of the lecithin and gramicidin interfacial ten-

sions values) presented in point 1.1.2, because gramicidin is the compound,

which can be integrally built-in into the membrane [4]. It can be written taking

advantage of the additivity of the individual gramicidin–lipid membrane compo-

nent contributions:

g ¼ gLc
s
LAL þ gGc

s
GAG þ gGKþcs

GKþAGKþ ð9Þ

where gL; gG; gGKþ (Nm�1) are the interfacial tensions of the membrane formed

from lecithin, gramicidin and the GK+ complex, respectively; csL; csG; cs
GKþ

(molm�2) are the surface concentrations of lecithin, gramicidin and the GK+

complex, respectively; AL; AG; AGKþ (m2mol�1) are the surface areas occupied

by lecithin, gramicidin and the GK+ complex, respectively.

Reaction of formation of the gramicidin-K+ complex can be presented as [28]

Gþ Kþ Ð GKþ ð10Þ

and then the stability constant describing this complex has the form:

K ¼
cs
GKþ

csG � aKþ

ð11Þ

here aKþ (molm�3) is K+ ions activity in the solution.
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The analytical lecithin and gramicidin concentrations ratio in the membrane are

denoted by nG. It was assuming that the gramicidin and lecithin ratio in the

membrane is the same as in the forming solution. Thus, nG is described by the

equation:

csL
csG þ cs

GKþ

¼
mLMG

mGML
¼ nG ð12Þ

where mL, mG (g) are the masses of lecithin and gramicidin in the forming so-

lution, respectively;ML,MG (gmol�1) the molar masses of lecithin and gramicidin,

respectively.

Elimination of csL; csG; cs
GKþ yielded the equation:

g ¼ �
ALn

�1
G þ AGKþ

� �

K

ALn
�1
G þ AG

aKþgþ
gLALn

�1
G þ gGKþAGKþ

� �

K

ALn
�1
G þ AG

aKþ þ
gLALn

�1
G þ gGAG

ALn
�1
G þ AG

ð13Þ

Equation (13) expresses the dependence of interfacial tension of the lipid mem-

brane modified with gramicidin D on the K+ ion concentration; this dependence is

presented in Fig. 4 for various gramicidin D concentrations in the membrane.

Equation (13) can be written in the form y ¼ m1x1 þm2x2 þ b. The m1, m2 and

b coefficients were determined using linear regression. Eight constants are

present in the equation whereas only three of them are available. Therefore,

combinations of individual constants only can be calculated instead of the con-

stants themselves.

The m1, m2 and b coefficients were applied to present the agreement of the

equation (13) data (solid lines) with the experimental data (points) in Fig. 4 using
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Fig. 4. The dependence of the interfacial tension g of a lipid membrane formed
from PC modified with gramicidin D on the logarithm of electrolyte solution con-
centration log aKþ for different gramicidin D: PC ratio where (&) 1:40; (D) 1:30;
(J) 1:20 and (B) 1:10; the experimental values are marked by points and the
theoretical ones by curves.
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equation (14) presented below:

g ¼
m2aKþ þ b

1�m1aKþ

ð14Þ

The coefficients values, presented in the Table 1, were used to calculate the

following constants: the surface areas occupied by gramicidin membrane and

GK+ complex, interfacial tensions of the gramicidin membrane and GK+ com-

plex and the stability constant of the gramicidin-K+ complex.

The parameters m1, m2 and b were described by equations (15–17):

m1 ¼ �
ALn

�1
G þ AGKþ

� �

K

ALn
�1
G þ AG

ð15Þ

m2 ¼
gLALn

�1
G þ gGKþAGKþ

� �

K

ALn
�1
G þ AG

ð16Þ

and

b ¼
gLALn

�1
G þ gGAG

ALn
�1
G þ AG

ð17Þ

All magnitudes: gG; gGKþ ; AG; AGKþ and K can be determined from the equa-

tions (15–17) when the lecithin membrane interfacial tension gL
(1:623� 10�3Nm�1) and the area occupied by lecithin membrane AL values

(85 Å2) are known [4,20].

The linear equation was derived by elimination of the constants K and AG from

equations (15) and (16) in order to calculate the constants AGKþ and gGKþ . This

calculation was illustrated in the paper [28]. Values obtained for the interfacial ten-

sion of the gramicidin-K+ ions complex gGKþ and the area occupied by gramicidin-

K+ ions complex AGKþ are equal to 1:89� 10�3Nm�1 and 156 Å2, respectively.

The values AG and gG were then calculated from equation (17) by a similar

method. This calculation was illustrated graphically in the paper [28]. The de-

termined values of the area occupied by gramicidin molecule in membrane and

Table 1. The parameters m1, m2 and b determined from equation (13) used to
calculate the interfacial tension value of membrane built from gramicidin, gG;
gramicidin-K+ ion complex, gGKþ ; area occupied by gramicidin molecule, AG; area
occupied by gramicidin-K+ ion complex, AGKþ and stability constant of gramici-
din-K+ ion complex K

Gramicidin D:PC ratio n�1
G (� 10�2) m1 m2 (�10�5) b

1:10 6.19 �0.03027 6.076 0.001854

1:20 3.10 �0.04382 8.612 0.001813

1:30 2.06 �0.02539 4.89 0.001788

1:40 1.55 �0.01058 1.98 0.001759
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interfacial tension of the gramicidin membrane are equal to 188 Å2 and

1:76� 10�3Nm�1, respectively. No unequivocal determination of the area occu-

pied by gramicidin molecule has been presented in the literature. The proposed

values range from 120 to 150 Å2molecule�1, and even to 250 Å2molecule�1

[29–31].

The last value, i.e. the stability constant of complex K, was determined from the

two separate equations (15) and (16) by substitution of the determined earlier

values of parameters gG; gGKþ ; AG; AGKþ relative to values the m1 or m2. The

obtained K values are identical and are equal to 0.033m3mol�1.

It would be interesting to calculate the surface energy of the membrane formed

from gramicidin or the gramicidin-ion K+ complex. This is the energy needed to

change the surface for 1mol. For these calculations, it is necessary to find the

surface concentration of the membrane built from the pure gramicidin and grami-

cidin-K+ complex. These constants were calculated from the equation:

cs ¼
1

A � NA
ð18Þ

where NA (mol–1) is the Avogadro’s constant.

The obtained csG and cs
GKþ values are equal to 8:82� 10�7 and

1:06� 10�6molm�2, respectively. Knowing the surface concentrations of the

membrane made from the pure gramicidin and pure gramicidin-K+ complex and

its interfacial tensions, the surface energy Es of these compounds can be cal-

culated using equation (19):

Es ¼
g

cs
ð19Þ

where g (Nm�1) is the interfacial tension of the membrane formed from gram-

icidin or the gramicidin-K+ complex and cs (molm�2) the surface concentration of

the gramicidin or the gramicidin-K+ complex.

The obtained value of the surface energy for gramicidin membrane is equal to

1995.7 Jmol�1 and for gramicidin-ion K+ complex membrane is equal to

1782.5 Jmol�1. The result of subtraction of these energies (�213.2 Jmol�1) is

the energy required for entrance of the K+ ions into the pore of the gramicidin

channel.

It is very difficult to interpret these values, because the energy required for

entrance of the K+ ions into the pore of the gramicidin channel has a small value.

It is very hard to compare this value with different values of the energy of the

bonds.

The gramicidin channel has about a 0.4 nm diameter and is full with water. It

permits water and the partly hydrated K+ ions to pass through a membrane. The

determined nominal value of the energy needed for K+ ions to enter the pore of

the gramicidin channel is connected with the pushing out the water from the

gramicidin channel and inserting the ion K+ inside the channel.
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1.2.1.2. Gramicidin dimer analysis by impedance spectroscopy method
The gramicidin D monomers introduced into the bilayer can form formyl-NH to

formyl-NH (N-to-N) dimeric species. The dimers stretch across the bilayer and

they can constitute ionic channels, which are able to transport monovalent cat-

ions. In the N-to-N dimer model the monomers are connected by 12 intermo-

lecular hydrogen bonds and the dimer is stabilized by 6 intermolecular hydrogen

bonds linking the formyl groups and the N-terminal amino acids mutually [32,33].

It is suggested that opening and closing of the channels is connected with the

association of the intermolecular hydrogen bonds. The dimer-building monomers

separate if their bonds are broken hereby destroying the transmembrane chan-

nel. At low concentration, gramicidin in the lipid bilayer can exist both as mon-

omers and as dimers [34]; at relatively high concentrations it appears as dimers

only [33]. The dimerization of gramicidin has been suggested to be responsible

for the ion-conducting transmembrane channels in bilayers [35].

Gramicidin channels are formed by transmembrane dimerization of the mon-

omers originating from different monolayers composing the bilayer. The dime-

rization equilibrium constant of gramicidin KGG can be written in the form [31]:

KGG ¼
csGG

csG
� �2

ð20Þ

where csG (mol cm�2) is the surface concentration of the gramicidin monomers

and csGG (mol cm�2) the surface concentration of the gramicidin dimers.

The sum of the monomer (on both bilayer sides) and of dimer surface con-

centrations is equal to the total gramicidin concentration in the bilayer cT:

cT ¼ csG þ csGG ð21aÞ

The total gramicidin D concentration can also be determined from the equation

(the results are presented in Table 2 with other parameters determined as de-

scribed further on):

cT ¼
ssPCMPC

nMG

ð21bÞ

in which sPC (mol cm�2) is the PC surface concentration in the membrane built of

lipid only and n the gramicidin to PC weight ratio in the forming solution.

Substitution of the gramicidin monomers surface concentration obtained from

the total gramicidin concentration (equation (21a)) in equation (20) followed by

simple transformations yield another relation to determine the equilibrium con-

stant of the gramicidin dimerization:

K
�1=2
GG ¼ cT csGG

� ��1=2
� csGG

� �1=2
ð22Þ

Impedance of lipid bilayers modified with gramicidin D was measured in

a system arranged in series. It is diagrammatically presented on Scheme 1 in

Fig. 5:
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Effect of gramicidin on the PC bilayer impedance can be determined by as-

suming that the double layer capacity at the membrane/solution interface is un-

modified by gramicidin and by distinguishing the impedance of pure PC bilayer

from the impedance related to the presence of gramicidin channels is able to

transport monovalent ions across the membrane (Scheme 2 in Fig. 5).

A comparison of real and imaginary parts of impedances presented by both

schemes in Fig. 5 yields the relationship, which can be used for the determination

of impedance components, related to the presence of gramicidin channels in the

membrane [31]:

RGG ¼
RðR2

PC þ X2
PCÞ � RPCðR

2 þ X2Þ

ðRPC � RÞ2 þ ðXPC � XÞ2
ð23aÞ

XGG ¼
XðR2

PC þ X2
PCÞ � XPCðR

2 þ X2Þ

ðRPC � RÞ2 þ ðXPC � XÞ2
ð23bÞ

Table 2. Total gramicidin concentration in the bilayer cT, coverage Y and sur-
face concentration of gramicidin dimers cGG as function of gramicidin D:PC
weight ratio

Gramicidin D:PC ratio 106 cT (mol cm�2) 105 Y 107 cGG (mol cm�2)

1:1.0 � 104 1.23 6.9770.01 9.3370.02

1:2.5 � 104 0.49 2.3770.01 3.1570.02

1:5.0 �104 0.24 1.0170.01 1.3670.02

1:7.5 � 104 0.16 0.5570.01 0.7370.02

1:1.0 � 105 0.12 0.4070.01 0.5370.02

1.

2.

R -jX

R
PC

-jX
PC

R
GG

-jX
GG

Fig. 5. Equivalent circuits representing electric properties of PC membranes
contained gramicidin D. R is real part of impedance (after substracting electrolyte
solution resistance) and �jX X ¼ 1

oC

� �

is imaginary part of impedance on the
simplified Scheme 1. RPC, �jXPC is impedance of pure PC bilayer, and RGG,
�jXGG is impedance related to the presence of gramicidin channels able to
transport monovalent ions across the membrane on the Scheme 2.
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Very simple impedance diagrams were obtained in the absence of channel-

forming gramicidin D (Fig. 6a); they had the form of impedance semicircles in the

entire analysed frequency range; it was the evidence of the lipid bilayer being a

dielectric layer with leakage. The semicircles were distorted because the lipid

bilayer itself was not a simple and uniform dielectric layer. The impedance spec-

tra of the gramicidin-containing bilayers (Fig. 6b) had the form of a capacitance

semicircle and, in addition, Warburg impedance appeared at frequencies lower

than 2.51Hz, probably due to potassium-ion transport in the area near the mem-

brane surface. Both imaginary and real parts of PC bilayer impedance proved to

be by two orders of magnitude lower when it was modified with gramicidin than

those obtained from pure lipid membranes. Impedance of gramicidin dimers

(Fig. 6c) was calculated, using equations (23a) and (23b), from the impedance

spectra of pure PC membrane (Fig. 6a) and the membrane modified with gram-

icidin (Fig. 6b).

It can be deduced from Fig. 6c that the impedance due to the presence of

gramicidin dimers consists of the Warburg impedance ZW only; the impedance

characteristic for the diffusion at the electrode layer which is presented by the

equation [36]:

ZW ¼ so1=2 � jso1=2 ð24Þ

The Warburg coefficients s modelling ion transport near surface of the lipid

bilayer were determined by plotting the straight lines in the RGG ¼ f(o�1/2) co-

ordinate system; the slope of the line yielded the s value. The Warburg coefficient

values obtained in this way in the logarithmic form are presented in Fig. 7 vs.

potassium-ion concentration logarithm (KCl concentrations in mol cm�3).

The Warburg coefficient can also be calculated from the well-known equa-

tion [37]:

s ¼ RTð2DÞ1=2F2z2cA ð25Þ

here R, T, z and F are denoted as usual, D is diffusion coefficient of the ion in the

aqueous phase, supporting electrolyte concentration is denoted by c and mem-

brane surface area by A.

The above equation describes the diffusion to a flat uniform surface while the

ion transport across the bilayer containing gramicidin D depends on the number

of open gramicidin channels. The surface fraction occupied by active gramicidin

dimers can be denoted as coverage Y (0oYo1). This parameter can be sub-

stituted in equation (25) as the membrane surface area.

Coverage values were determined for gramicidin-containing membranes from

the intersection points with the ordinate in the plots presented in Fig. 7 using the

Warburg coefficient equation in the form (the results are presented in Table 2):

log s ¼ log
RT

ð2DÞ1=2F2z2cY

 !

� log cKþ ð26Þ
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Fig. 6. Dependence of an imaginary part –Z00 on the real part Z0 recorded for
1.0� 10�3 KCl mol cm�3 (a) of pure PC bilayer, (b) of PC bilayer modified with
gramicidin D (total gramicidin concentration ¼ 4.92� 10�7mol cm�2) and (c) of
gramicidin channels (fZ100Hz).
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Coverage can also be presented in the following way:

Y ¼ csGGAGG ð27Þ

where AGG (cm2mol�1) is the area occupied by 1mol of channels.

Substituting the expression of surface concentration of the dimer obtained by

transformation of equation (27) to equation (22) yields a linear dependence (this

dependence is shown in Fig. 8):

Y1=2 ¼ AGGcTY
�1=2 � K

�1=2
GG A

1=2
GG ð28Þ

The slope value of the straight line (equation 28) is equal to the surface area

occupied by 1mol of channels. Substituting this value to equation (27) yields the

surface concentration of the gramicidin dimers (Table 2).

The area occupied by a single gramicidin dimer AG can be readily calculated if

the surface area occupied by 1mol channels is known. The AG value obtained in

this way is 124 Å2molecule�1.

Intersection of the straight line with the ordinate (equation (28)) yields the

equilibrium constant of the gramicidin dimerization equal to 1:06� 107 cm2mol�1.

This KGG value is similar to the values proposed by other authors, ranging from

108 to 1017 cm2mol�1 [38,39].

1.2.2. Valinomycin as a model of selective membranes carrier of K+ ions

Valinomycin is one of a number of cyclic depsipeptides that have been shown to

function by increasing membrane cation permeability. These kinds of ionophores

have been found to increase the electrical conductivity of the lipid barrier in

membranes of bilayers because of their ion-complex ability. As is known

from monolayer and bilayer studies, valinomycin binds K+ ions very strongly in
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Fig. 7. Dependence of Warburg coefficient logarithm logs on potassium-ion
concentration logarithm logcK

+. The following total gramicidin D concentrations
were used: (+) 1.23� 10�6mol cm�2, (&) 4.92� 10�7mol cm�2, (B)
2.41�10�7mol cm�2, (� ) 1.64� 10�7mol cm�2 and (D) 1.23�10�7mol cm�2.
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comparison, for example, to Na+ [25]. The complexed ion is situated inside the

ring-shaped valinomycin molecule. In addition, the valinomycin molecule binds

water molecules of the first hydration layer of the cation and its hydrocar-

bon groups oriented outside the molecule facilitate complex dissolution in the

hydrophobic membrane phase. The valinomycin molecule complex with the

cation is electrically charged; it diffuses across the membrane. The reverse

process occurs at the opposite membrane surface – the ion passes to the aque-

ous phase [40].

1.2.2.1. Interfacial tension analysis
Dependence of K+ ion surface excess should be expressed as a function of the

K+ ion concentration in the solution before the effect of valinomycin on interfacial

tension of a lipid bilayer will be described.

The valinomycin-K+ ion complex is formed in the medium containing the K+

ion [41]:

VW þ Kþ
W Ð VKþ

W ð29Þ

The equilibrium between the valinomycin in electrolyte solution (presented as

VKþ
W) and valinomycin in lipid bilayer membrane (presented as VKþ

b ) is showed

below:

VKþ
W Ð VKþ

b ð30Þ

The relative K+ ion excess in the bilayer to bulk phase can be expressed by the

equation:

GKþ ¼
dAcb

VKþ
b

� dAaKþ

A
ð31Þ
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Fig. 8. The plot illustrating equation (28) used to determine area occupied by
1mol of channels AGG and dimerization equilibrium constant of gramicidin KGG.
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where cb
VKþ

b

(molm�3) is the volume concentration of the K+ ion in the bilayer, d

(m) the lipid bilayer thickness and aKþ (molm�3) the K+ ion activity in the solution.

The above relationship yields:

GKþ ¼ dcb
VKþ

b
� daKþ ð32Þ

The adsorption of K+ ions on the lecithin membrane surface was not taken into

account when the surface access of K+ ions, using the Gibbs equation, was

described.

Stability constant of the valinomycin-K+ ion complex K has the form:

K ¼
cb
VKþ

W

cbVW
aKþ

ð33Þ

where cb
VKþ

W

(molm�3) is the volume concentration of the K+ ion in the solution

and cbVW
(molm�3) the concentration of the valinomycin in the solution.

The partition coefficient takes a form:

B ¼
cb
VKþ

b

cb
VKþ

W

ð34Þ

and then

cbVW
VW þ cb

VKþ
W
VW þ cbVb

Vb þ cb
VKþ

b
Vb ¼ mV ð35Þ

where cbVb
(molm�3) is the concentration of the valinomycin in the membrane, VW

(m3) the volume of the electrolyte solution, Vb (m
3) the volume of the lipid bilayer

and mV (mol) the total quantity of the valinomycin.

Because the volume of the bilayer lipid membrane is small in comparison with

the volume of the aqueous phase, the terms defining the valinomycin quantities in

the lipid bilayer can be neglected.

Therefore the equation (35) may be presented as:

cbVW
VW þ cb

VKþ
W
VW ¼ mV ð36Þ

Then,

cb
VKþ

b

VW

BKaKþ

þ
cb
VKþ

b

VW

B
¼ mV ð37Þ

cb
VKþ

b

is determined from equation (37) and it is substituted in equation (32). The

result is:

GKþ ¼
mV

VWð1þ KaKþÞ
KBdaKþ � aKþd ð38Þ

The Gibbs equation is presented in the form:

dg ¼ �GKþdmKþ ð39Þ
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Substitution of equation (37) in equation (38) yields:

dg ¼ �
mVBKaKþ

VWð1þ KaKþÞ
d� aKþd

� �

RT
daKþ

aKþ

ð40Þ

aKþ integration of the above equation yields the relationship:

g ¼ dRTaKþ �
mV

VW
RTdB lnð1þ KaKþÞ þ const ð41Þ

For aKþ ¼ 0, g ¼ g0 and mV

VW
¼ cbV the equation results to:

g ¼ g0 þ dRTaKþ � dBRTcbV lnð1þ KaKþÞ ð42Þ

where cbV (molm�3) is the volume concentration of the valinomycin.

Dependence of the interfacial tension of valinomycin-modified lipid membrane

in the K+ ion medium on valinomycin concentration in the membrane is given by

equation (42) and is presented in Fig. 9.

The bilayer membranes were created from the drop of forming solution, which

contained valinomycin. When the lipid membranes were formed, the valinomycin

partly passed to the aqueous phase as being soluble in water and in the

phospholipid in accordance with the partition coefficient.

It is indicated by equation (42) that the dependence of interfacial tension on the

valinomycin concentration in the bilayer should be a straight line of a negative

slope. It is also determined from this equation that the slope should increase

with increasing K+ ion concentration in the solution; this can also be seen. The

values of interfacial tension of pure lecithin membranes increase together with the
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Fig. 9. The dependence of the interfacial tension g of lecithin membrane in K+ ion
medium on valinomycin concentration cv for different electrolyte concentration.
(B) 0.0001M KCl, (D) 0.001M KCl, (J) 0.01M KCl, (+) 0.1M KCl, (&) 1M KCl
(the experimental values are marked by points and the theoretical ones by
curves).
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increasing the K+ ions concentration. This growth should be proportional to K+

ions concentration in electrolyte solution in the absence of valinomycin, which

results from equation (42). However, as can be seen in Fig. 9 this proportionality

is not noticed.

In the paper [42] the figure illustrating the coverage of lecithin membrane by H+

and OH� ions as a function of pH electrolyte solution was reported. The surface

of lecithin bilayer was built from �POð�Þ and � N
ðþÞ

ðCH3Þ3 groups. In neutral pH

(about 7, as in the electrolyte solution) the � N
ðþÞ

ðCH3Þ3 groups of the lecithin

membrane were covered by OH� ions and the �POð�Þ groups were not covered.

It is possible that the K+ ions (from electrolyte solution – KCl) are adsorbed on

free �POð�Þ groups, however, in the description of the valinomycin presence on

the interfacial tension of lecithin membrane, the adsorption of K+ ions on lecithin

membrane surface was not take into account.

Probably the lack of proportionality of the interfacial tension for K+ ions con-

centration is the result of increasing the negative surface access of K+ ions during

the growing of the electrolyte solution concentration in the absence of valinomycin.

The equation (42) is of the y ¼ axþ b type. The a and b constants presented in

Table 3 were determined using the linear regression, where

a ¼ RTdB lnð1þ KaKþ Þ ð43Þ

and

b ¼ g0 þ RTd ð44Þ

It is possible to determine the g0 value from equation (44) knowing the thick-

ness of the lipid bilayer formed from stock solution containing lecithin in n-decane.

The calculated value g0 is equal to 1:59� 10�3Nm�1.

The parameters K and B could be determined from equation (43). However this

is very difficult because the value of the stability constant of the valinomycin-K+

ion complex is in the expression lnð1þ KaKþÞ. Both these parameters were cal-

culated using the ‘‘self-agreement’’ method from equation (45):

a ¼ dRTB lnð1þ KaKþ Þ ð45Þ

Table 3. The parameters a and b determined from equation (42) used to cal-
culate the partition coefficient B and stability constant of valinomycin-K+ ion
complex K

CKCl (mol dm�3) aKþ (molm�3) a b

0.0001 0.10 8:320� 10�4 1:604� 10�3

0.001 0.97 9:354� 10�4 1:628� 10�3

0.01 9.02 1:064� 10�3 1:654� 10�3

0.1 77.0 1:241� 10�3 1:686� 10�3

1.0 624.0 1:470� 10�3 1:723� 10�3
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Using the lnð1þ KaKþÞ value, it is possible to use the calculation by the as-

sumption of a certain value for the stability constant K. Then the B value could be

determined by graphic representation of the values of straight-line parameters a

(from the Table 3) as a function lnð1þ KaKþÞ. Applying the obtained value of

parameter B to equation (46) allows one to determine the K value.

ln aKþ ¼ � ln Kþ lnðea=RTB � 1Þ ð46Þ

Equation (46) was received by transformation of equation (43) to the following

expression:

aKþ ¼
1

K
ðe�a=RTB � 1Þ ð47Þ

and then this expression was logarithmic.

The action, described above, of substituting K and B in equations (45) and (46)

were made as long as it is possible to obtain the ascertained values of these

parameters (best fits). The calculated value of the stability constant of the

valinomycin-K+ ion complex K equals 3:52� 105m3mol�1. This value is in good

agreement with the literature values of the stability constant (equal to 0.1 or 1.5 to

5� 103, and even 2� 106 dm3mol�1 [43–46].

The partition coefficient B obtained in this way equals 6.0. This indicates, that

the valinomycin concentration in the lecithin membrane is six times higher than

the concentration of valinomycin in electrolyte solution.

Knowing the partition coefficient and stability constant values, the theoretical

values of the interfacial tension of the lecithin membrane with the presence of

valinomycin were calculated using equation (42). The theoretical values obtained

are presented in Fig. 9 and are marked by lines; points on the same figure show

the experimental values. It can be seen that the agreement between experimen-

tal and theoretical points is very good, which verifies the assumption of the for-

mation of a valinomycin-K+ ion complex in the lipid membrane.

1.2.2.2. Impedance spectroscopy analysis
Membrane component concentrations can be related to its surface area by mul-

tiplying volume concentrations by lipid bilayer thickness. The complex formation

equilibrium constant can then be written in the form:

K ¼
cs
VKþ

csVaKþ

ð48Þ

where cs
VKþ (mol cm�2) is the surface concentration of the complex and csV

(mol cm�2) the surface concentration of valinomycin.

Determination of membrane conductivity in terms of the second Ohm law yields:

R�1
m ¼

A

d
mVKþ

cs
VKþ

d
F ð49Þ

here mVKþ (cm2V�1 s�1) is the mobility of the VK+ complex.
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Surface concentration of the complex can be presented as:

cs
VKþ ¼

KaKþcT

1þ KaKþ

ð50Þ

taking advantage of the following set of equation:

csV þ cs
VKþ ¼ cT

cs
VKþ ¼ KcsVaKþ

ð51Þ

Substituting equation (50) in equation (49) yields the dependence permitting to

determine conductivity as function of total valinomycin and/or electrolyte con-

centration:

R�1
m ¼

A

d2
mVKþF

KaKþcT

1þ KaKþ

ð52Þ

In the absence of the ion carrier, the impedance diagrams exhibited very sim-

ple profiles, showing a capacitive semicircle in the analysed frequency range,

indicating that the lipid bilayer behaves as an isotropic sheet (Fig. 10a). The

frequency response was drastically different when valinomycin was present in the

membrane (Fig. 10b). Then, the impedance spectra contained a capacity semi-

circle and, in addition, a low-frequency semicircle related to the potassium-ion

transport in the area close to the membrane surface (formation of the second

semicircle was observed to start at 0.01M KCl only).

The electric properties of the pure lipid membrane are described by the electric

circuit No. 1, presented in Fig. 11. The possibility of misinterpretation of the

recorded data is reduced by simplicity of the circuit. R0 is the electrolyte solution

resistance; it was assumed to be of ohmic nature and not to perturb the mem-

brane properties. Rm represents the resistance of the membrane and Cm is the

membrane capacitance. Resistance and capacity of the PC membranes change

insignificantly with increasing electrolyte concentration in the studied KCl con-

centration range: resistance decreases and capacity increases. It can be ex-

plained by great membrane elasticity caused by the process of its formation.

Increased elasticity results in reduced ordering of phosphatidyl hydrocarbon

chains and in decreased membrane resistance. In addition, a greater amount of

water can be dispersed in the membrane causing increase in its electric permit-

tivity and, consequently, in capacity.

A simple membrane model taking into account impedance components of the

membrane and the impedance representing the situation at the membrane inter-

face is represented by Scheme 2 of Fig. 11. The membrane impedance is com-

posed of electric capacity of the membrane Cm and of electric resistance of the

VK+ complex transport inside the membrane Rm. Capacity and resistance of the

membrane/electrolyte solution phase transition are denoted by Cpt and Rpt, re-

spectively (pt stands for phase transfer). Such symbols of electric equivalent circuit

characterizing ion transport have been commonly used in the literature [32,47].
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Experimental values of the Rm, Cm, Rpt and Cpt parameters are presented in

Figs. 12–15 as functions of potassium-ion concentration in the solution and of

total valinomycin concentration in the membrane. For the sake of clarity, experi-

mental errors have been omitted in Figs. 12 and 14 (deviations amounted up to

15% of mean resistance values and the divergences of results increased with

increasing amount of the ionophore, which made the membrane instable). The

Cpt and Rpt values of the membranes were not determined for the 0.1 and 1M KCl

solutions because the formation of the second semicircle was observed to start at

0.01M KCl only.

It can be concluded that an increase in potassium-ion concentration at constant

valinomycin concentration provokes a marked decrease in Rm (Fig. 12) and Rpt

(Fig. 14) as well as a marked increase in Cpt (Fig. 15). Dependence of Cm on KCl

concentration was not taken into account in Fig. 14 because no clear variation

was observed in the Cm values with electrolyte concentration (more or less
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Fig. 10. Dependence of an imaginary part -Z00 on the real part Z0 recorded for
0.001M KCl: (a) a bilayer formed by PC only, (b) a PC bilayer modified with
valinomycin (total valinomycin concentration is equal to 5:2� 10�12mol cm�2).
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constant membrane capacity value was also observed by other authors who

studied the effect of valinomycin on potassium-ion transport across lipid bilayers

[48]. Both resistance values were also observed to decrease with increasing

carrier concentration at constant K+ ion concentration (increasing membrane

1.         

2.  
Cm

Rm

O
O

Cpt

Rpt

R0

Cm

Rm

O O

R0

Fig. 11. Equivalent circuits representing the electrical properties of pure PC
membrane (1) and PC membrane containing valinomycin (2). R0, electrolyte resis-
tance; Cm and Rm, capacitance and resistance of the membrane, respectively;
Cpt and Rpt, capacitance and resistance of the membrane/electrolyte solution
phase transition, respectively.
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Fig. 12. The dependence of the resistance of the membrane Rm on potassium-
ion concentration logarithm log cKCl at various total valinomycin concentrations.
The following total valinomycin concentrations were used: (+)
2:08� 10�11mol cm�2, (&) 1.04� 10�11mol cm�2, (B) 6:94� 10�12mol cm�2,
(� ) 5:20� 10�12mol cm�2 and (D) 0mol cm�2.
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conductivity), whereas capacity of transfer and membrane capacitance values

were observed to increase. Increase in the membrane capacity can be explained

by increasing valinomycin amount in the membrane, which results in increasing

electric permittivity of the lipid bilayer.

Slope of the straight line described by equation (52) was determined by linear

regression method. Agreement of equation (52) with the experimental data is

shown in Fig. 16 where the equation (52) results are presented by solid lines and

the experimental results by points. Proportionality of membrane conductance to

total valinomycin concentration is the evidence that the single valinomycin mole-

cule is the smallest transporting unit. Linearity of this dependence in a broad

concentration range is also the evidence that the molecule participates as a

carrier not as a channel [41]. Conductance is proportional to the potassium-ion

concentration logarithm if the K+ concentration is lower than 0.1M (Fig. 14). This
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Fig. 13. The dependence of the capacitance of the membrane Cm on total
valinomycin concentration cT at various electrolyte concentrations.
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Fig. 14. The dependence of the resistance of phase transfer Rpt on total
valinomycin concentration cT at various electrolyte concentrations. (B) 0.01M
KCl, (D) 0.001M KCl and (&) 0.0001M KCl.
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fact, together with the Fig. 16 data, suggests that the 1:1 valinomycin-K+ com-

plex are the carrier of charge in the membrane. Deviations from linearity ob-

served at greater potassium-ion concentrations suggest that the conductance

increase is slower than the increase in potassium-ion concentration. Such sat-

uration is characteristic for a carrier system at high concentration of transported

individuals where a great part of the carrier appears in the form of complex. It is in

agreement with the earlier results obtained for classical bilayer lipid membrane

(BLM) systems [41].
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Fig. 15. The dependence of the capacitance of phase transfer Cpt on total
valinomycin concentration cT at various electrolyte concentrations. (B) 0.01M
KCl, (D) 0.001M KCl and (&) 0.0001M KCl.
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Fig. 16. The variation of the membrane conductance R�1
m as a function of total

valinomycin concentration cT at various electrolyte concentrations. (� ) 1M KCl,
(o) 0.1M KCl, (B) 0.01M KCl, (D) 0.001M KCl and (&) 0.0001M KCl (the
experimental values are marked by points and the theoretical ones by curves).
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The equilibrium constant of complex formation can be calculated from equation

(52). The slope of the straight line (now denoted by p) can be presented in the

following way:

p ¼
A

d2
mVKþF

KaKþ

1þ KaKþ

ð53Þ

The above equation can be presented as linear dependence:

p

aKþ

¼
A

d2
mVKþFK� Kp ð54Þ

This dependence is presented in Fig. 17.

The equilibrium constant of the VK+ complex formation calculated from the

slope of the straight line (equation (54)) amounts to about 0:44� 103 dm3mol�1.

Knowledge of the stability constant of the VK+ complex permitted one to de-

termine theoretical membrane conductance values as a function of potassium-ion

concentration at a given valinomycin concentration and to compare them with the

experimental data (Fig. 18). As it can be seen in Fig. 18, the theoretical and

experimental results agree. Very good agreement of theoretical lines and of ex-

perimental points can be observed in the high valinomycin concentration range in

the bilayer. Small divergences were observed at small ionophore concentrations

in the bilayer. A low VK+ concentration in the bilayer can cause experimental

errors resulting in differences of experimental and theoretical conductance

values.

The reaction of the VK+ complex formation at the membrane surface is char-

acterized by the association rate constant (ka). The stage of complex dissociation

and potassium-ion liberation to the aqueous phase can be described by the

dissociation rate constant (kd). The kd value can be expressed using the equa-

tions determining real and imaginary parts of membrane/electrolyte solution

phase transition impedance (at low frequencies where o is considerably smaller
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Fig. 17. The plot representing equation (54).
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than k) [49]:

Rpt ¼
n2RT

n2F2

1

cs
VKþkd

ð55Þ

1

oCpt
¼

n2RT

n2F2

1

cs
VKþkd

o

kd
ð56Þ

here v is the stoichiometric coefficient of the complex.

It can be deduced from equations (55) and (56) that resistance of transition

is frequency independent for the frequencies tending to zero whereas 1/o �Cpt

increases proportionally to o.

In order to determine the kd value and to propose a correct equivalent circuit to

reproduce electric properties of the PC membrane modified with valinomycin, the

experimental data were substituted both in equations (55) and (56). The results

were found to agree at low frequencies as it has been shown in Fig. 19 for the

imaginary part of the impedance. This fact was decisive in that the phase tran-

sition parameters could be related to the semicircle occurring in the impedance

spectrum at low frequencies.

The kd values determined from equations (55) and (56) are equal to 472 and

1575 s�1, respectively. The dissociation rate constant of the complex being

known, the association rate constant was calculated from the ka ¼ K� kd rela-

tionship. The resulting value was (1.7670.88)� 103 and (6.672.2)�

103M�1 s�1, respectively. Very different association and dissociation rate con-

stant values of the complex could be found in the literature; the same applies to

the complex formation equilibrium constant. The presented kd values range from

2175 s�1 (from the studies of ionophore behaviour in semi-polar solvents sys-

tem) to 2� 104 s�1 (the case phosphatidylinositol membranes) to 2� 105 s�1 (the
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Fig. 18. The variation of membrane conductance R�1
m as a function of potassium-

ion concentration at various valinomycin concentrations. The experimental values
are marked by points and the theoretical ones by solid lines.
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case of monooleic membranes). The ka were found to range from 5� 104 (the

case phosphatidylinositol membranes) to 2� 105M�1 s�1 (the case of monooleic

membranes); even a value larger by four orders of magnitude was given in the

case of valinomycin and potassium-ion association in methanol [44,45–48,50].

The rate constant values can depend on membrane structure and fluidity. Evi-

dence can be found in the literature for a great effect of lipids within the mem-

brane (the hydrocarbon chain length, the number of double bonds, the resulting

functional group charge) upon the ion transport intermediated by valinomycin

[51–53]. The relatively low dissociation constant value obtained by us suggests

that the behaviour of valinomycin at the membrane/electrolyte solution interface

could be similar to that of the ionophore in semi-polar solvents. Similar conclu-

sions have appeared in the works by other authors [54,55].

1.2.3. Conclusions

Separation was proposed for the ion transport effect by gramicidin channels (or

valinomycin molecule) in the equivalent circuit by presenting it as the separate

branch. Correctness of such a separation is supported by analysis of the exper-

iments. The branch corresponding to the effect of gramicidin channels in the

equivalent circuit contains Warburg impedance only, probably due to transport of

the potassium-ion in the area near to the membrane surface. The impedance due to

ion transport in valinomycin-containing membrane is composed of three elements:

the resistance Rm, characterizing the ion flow across the membrane and the para-

meters characterizing the interfacial barrier: capacity Cpt and the resistance Rpt.

It is very interesting to observe the obtained values of the surface energy for

membrane formed from gramicidin and gramicidin-ion K+ complex. These values
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are equal to 1995.7 and 1782.5 Jmol�1, respectively. The result of subtraction of

these energies (�213.2 Jmol�1) are the energy required for entrance of the K+

ions to the pore of the gramicidin channel. In the literature there were a lot of

mathematical simulation data reporting the energy required for entrance of the

K+ ions into the pore of the gramicidin channel using molecular dynamics

simulations (MD simulations). For K+ the values are rmin ¼ 2:350 (A and

e ¼ �0:010 kcalmol�1. The authors [56] compared the potassium parameter to

those from various other studies reported in the literature, for example those used

by Åqvist [57–59] (for K+ rmin ¼ 2:66 (A and e ¼ �0:000328 kcalmol�1). Theo-

retical values determined by many authors of the energy required for entrance of

K+ ions into the pore of the gramicidin channel using a MD simulation method are

of a similar value to the energy needed for K+ ions to enter the pore of the

gramicidin channel calculated by interfacial tension methods, which is equal to

�213.2 Jmol�1 (�0.0509 kcalmol�1).

Simple and very interesting methods proposed above can be used with suc-

cess for determination of characteristic forming complexes equilibria parameters.

The parameters values obtained both from interfacial tension and electrochem-

ical impedance are in agreement with the literature data.

2. ACID–BASE EQUILIBRIA BETWEEN THE LIPID MEMBRANE AND
ELECTROLYTE SOLUTION

A cell membrane is a very complex system; it contains various elements influ-

encing its interfacial tension. Therefore, it is easier to study the effect of various

factors; for example, pH of the electrolyte solution, using artificial membranes.

The dependences of interfacial tension of lipid bilayers on pH of electrolyte so-

lution can be described in terms of acid–base equlibria. Theoretical equations

based on Gibbs isotherm or models make assumptions that additivity of the

different forms of lipids is derived to describe these dependences. The H+ and

OH� ions are adsorbed by the phospholipid surface. The lipid is present in the

membrane only. Therefore, the volume or surface concentration of the lipid is

equal to its amount related to the solution volume or to the membrane surface

area. The interfacial tension values reported in this paragraph refer to both the

sides of bilayer membrane surface area unit.

2.1. Phosphatidylcholine or phosphatidylethanolamine membrane

PC and PE (cephalin) molecules are electrically neutral lipids, because they have

two electric charges, one positive and one negative, on their surface. The lecithin

or cephalin molecule forms ampholyte ions and can participate in equilibrium with

ions H+ as well as with OH�. When hydrogen ions are in excess, equilibria (1)
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and (2) presented in Fig. 20 are shifted to the left, which means that PC or PE

cations LA dominate in the solution. However, in basic solutions, the equilibria (1)

and (2) are moved to the right, so anions LB dominate in the solution.

2.1.1. The simplified description based on Gibbs isotherm

The phospholipid molecule is in acid–base equilibria with the H+ and OH� ions

from electrolyte solution [20]:

AH Ð A� þ Hþ ð57Þ

Bþ þOH� Ð BOH ð58Þ

HOH Ð Hþ þOH� ð59Þ

It results from (58) and (59), that

Bþ þ HOH Ð BOHþ Hþ ð60Þ

The dissociation constants of the lipid membrane are given by the equations:

Ka ¼
csA�aHþ

csAH
ð61Þ

Kb ¼
csBOHaHþ

cs
Bþ

ð62Þ

where Ka and Kb (mol1m�3) are the acid and base equilibrium constants, re-

spectively; csA� , cs
Bþ , csAH, c

s
BOH (molm�2) the surface concentrations of AH, BOH,
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O CH2 CH2
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Fig. 20. The acid–base equilibria for PC and PE molecule, where G is the doubly
acylated glycerol group [60,61]; X ¼ CH3 for PC molecule and X ¼ H for PE
molecule.
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A� and B+ forms at the lipid surface and aHþ ; aOH� (molm�3) the activity of H+

and OH� ions.

The adsorption equilibria are described by the equations:

A� þ Hþ Ð AH ð63Þ

Bþ þOH� Ð BOH ð64Þ

These concentrations and the volume concentrations of hydrogen or hydroxyl

ions according to the relationships determine the acid–base constants:

K1 ¼
csAH

csA�aHþ

ð65Þ

K2 ¼
csBOH

cs
BþaOH�

ð66Þ

The dissociated and non-dissociated form concentrations of the lipid appear in

the same power (one) in the above equations.

In the case where the adsorbed molecules are electrically charged, the molar

free energy of charged components depends on the inner potential of the con-

sidered phase. Therefore, the chemical potentials in Gibbs equation should be

replaced by electrochemical potentials.

Then Gibbs equation assumes the form:

dg ¼ �
X

Gi d �mi ð67Þ

If the H+ and OH� ions are adsorbed, then the above equation takes the form:

dg ¼ �aHþ d �mHþ � aOH� d �mOH� ð68Þ

The dependence of the interfacial tension on the pH of electrolyte solution was

introduced in the papers [20,22], and final equation is presented below:

g ¼ gmax þ 2A�1RT ln

ffiffiffiffiffiffi

Ka

Kb

s

þ 1

 !

� A�1RT ln
Ka

aHþ

þ 1

� �

aHþ

Kb
þ 1

� �
 �

ð69Þ

where gmax (Nm�1) is the maximal interfacial tension value and A�1(mol m�2) the

maximal lipid surface concentration value.

The acid–base equilibrium constants for PC membrane are Ka ¼ 2:63�

10�3molm�3 and Kb ¼ 2:04� 10�6molm�3 and for PE membrane are equal to

Ka ¼ 2:63� 10�2molm�3 and Kb ¼ 9:55� 10�5molm�3.

The dependences on an interfacial tension of a lipid membrane formed from

lecithin (a) and cephalin (b) on the pH of the electrolyte solution are presented in

Fig. 21. The maximal interfacial tension value of the lecithin membrane was found

to be 3:53� 10�3Nm�1 at pH equal to 4.15 [19]. For cephalin membrane the

maximal interfacial tension value is 4:07� 10�3Nm�1 at pH equal to 4.12 [22].

The experimental values in Fig. 21 are marked by points and the theoretical

ones obtained from equation (69) by lines. It can be seen from this figure that the
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theoretical and the experimental interfacial tension values of the lecithin membrane

agree in the pH ranges 2.5–5.8 and they diverge in the 2.0–2.5 and 5.8–12.0 pH

ranges. The equation (69) allows one to determine the maximal interfacial tension

value at pH ¼ 4:15 and the maximal lecithin surface concentration.

The dependence resulting from equation (69) is presented in Fig. 22 in the

coordinate system in which it should be a straight line. This equation was plotted

in the pH range 2.5–5.8 for PC membrane and in pH range 2.8–5.6 for PE

membrane, because the theoretical interfacial tension values of PC and PE

membranes agree then with the experimental ones.

The PC and PE surface concentrations amounting to 1.96�10�6 and

2.23�10�6molm�2 were calculated from the slope of the lines. The line deter-

mines the gmax values equal to 3:53� 10�3Nm�1 for PC membrane and 4:07�

10�3Nm�1 for PE membrane on the abscissa. The maximal interfacial tension

value for lecithin membrane is in a good agreement with the value given in paper

[20,62].

The surface area occupied by a lecithin and cephalin molecule could be de-

termined from the surface concentrations; 85 and 74.6 Å2 [20,22]. The literature

values ranged from 54 to 96 Å2 for lecithin molecule [63,64] and for cephalin

molecule about 4 Å2 less than for analogous PC [65].

2.1.2. The full description based on Gibbs isotherm

It was assumed in the papers [20,22] and in the previous paragraph, that surface

excess of the H+ and OH� ions is equal to their surface concentration. This

assumption is common in describing adsorption phenomena [66,67] but it is cor-

rect in the case only where the adsorption is strong and the concentration of the
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Fig. 21. The dependence of interfacial tension g of a lipid membrane formed from
lecithin of the pH of the electrolyte solution (the experimental values are marked
by points and the theoretical ones by curve).
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adsorbed ion in the solution is low. In the present case, the surface excess

definition resulting from deduction of the Gibbs equation [68] should be strictly

respected.

The equations describing surface excess of the H+ and OH� ions in terms of

the definition resulting from the Gibbs equation can be presented in the form

[22,69]:

GOH� ¼ csBOH � VHþcsAHaOH� � VOH�csBOHaOH� ð70Þ

GHþ ¼ csAH � VHþcsAHaHþ � VOH�csBOHaHþ ð71Þ

where VHþ and VOH� (m3) are the H+ and OH� ions volumes in the adsorption

layer.

The dependence of interfacial tension on the pH of electrolyte solution taking

into account the definition of surface excess was introduced in paper [22,69] and
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Fig. 22. A plot illustrating equation (69) in the pH range 2.5–5.8 for PC membrane
(a) and in the pH range 2.8–5.6 for PE membrane (b).
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is shown below:

g ¼ gmax � A�1RT 1þ
VHþ

KA
� VHþKWKA

� �

ln
1þ KAaHþ

1þ KAa
max
Hþ

� A�1RT 1þ
VOH�

KB
� VOH�KWKB

� �

ln
1þ KBaOH�

1þ KBa
max
OH�

� A�1RTVHþKWKA ln
aHþ

amax
Hþ

� A�1RTVOH�KB ln
aOH�

amax
OH�

þ A�1RTVHþ aHþ � amax
Hþ

� �

þ A�1RTVOH� aOH� � amax
OH�

� �

ð72Þ

here amax
Hþ and amax

OH� (molm�3) are the activities of H+ and OH� ions at the

isoelectric point (at this point the interfacial tension value is maximal),

respectively.

The points in Fig. 23 represent the experimental data concerning the interfacial

tensions of the membrane formed from PC (a) and PE (b) depending on pH of the

electrolyte solution.

Equation (72) is of the y ¼ m1x1 þm2x2 þm3x3 þm4x4 þm5x5 þm6x6 þ b

type. The interfacial tension values were calculated by the substituting calculated

coefficients m1, m2, m3, m4, m5, m6, and b in equation (72); the results are

presented in Fig. 23 as a solid line. As it is seen, the experimental data agree with

the calculation results. Equation (72), educed theoretically, describes the

experimental results in the whole pH range.

The m1, m2, m3, m4, m5, m6, and b coefficients contain the equilibrium

constants and volumes of the adsorbed H+ and OH� ions. Thus, having the

equation coefficients calculated and using the equilibrium constants from papers

[20,42] the volumes of adsorbed the H+ and OH� ions in the PC membrane were

calculated; they are equal to 2026 and 3190 Å3, respectively [69]. The mean

intermolecular distance of the PC molecules on the bilayer surface can be

determined if the area per molecule is known. Assuming this area to be 85 Å2

[20], the mean H+ ion adsorption centres distance amounts to 9.9 Å. The

solvated H+ ion in the bulk solution is spherical but, if adsorbed at an active

centre, it loses a part of its solvation layer as it is shown in the figure in the paper

[69]. Therefore, the volume of the adsorbed solvated ion can be expected to be

smaller than that of the ion in the bulk. The radius of adsorbed the H+ ion was

determined from the experimental volume assuming its hemispherical shape; the

result was 9.89 Å. This value is in agreement with the estimated distance

between PC molecules in the membrane was presented above [70].

The volume and radius of the solvated OH� ion on the lipid membrane surface

can be determined in a similar way from equation (72). However, the OH� ion is

adsorbed by an active centre at the end of the hydrophilic PC chain. The chain

can be bent and the active centre can appear at various distances from the

interface. The chain length amounts to 5.0–7.5 Å [71]. Therefore, the adsorbed

OH� ions can be imagined to be present in two layers: a layer of ions bonded to

A.D. Petelska et al.164



active centres at the ends of straight chains and a layer of molecules situated at

the interface at the ends of bent chains, as it is presented in the paper [69].

Assuming that half of the hydrophilic PC chains are straight and half are bent at

the surface, the surface concentration of straight-chain lecithin is half of the total

PC surface concentration and the distances between straight-chain PC molecules

are about 14 Å [72]. Similar estimates can be made for the chains bent at the

membrane surface. In this case, too, the radius of partly desolvated OH� ion can

be evaluated from its volume determined by equation (72) assuming its hemi-

spherical shape; it amounts to about 20 Å. This value is in only approximate

agreement with the distance of adsorption centres, which is equal to 14 Å (as

already presented above). These values are rough estimates only because of

doubtlessly strong deformation of the OH� ion solvation shell due to dense pack-

ing of the layers. The above discussed radii of hydrated H+ and OH� ions are

longer than the literature values [72,73], which were determined from hydration
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Fig. 23. The dependence of the interfacial tension g of lipid membrane formed
from PC (a) and PE (b) as a function of the pH of the electrolyte solution (full
descriptions based on the Gibbs equation); the experimental values are marked
by points and the theoretical ones by line.
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energies and corresponding to the ions with one hydration shell. Actually, the

number of hydration shells can be greater because of hydrogen bonding between

water molecules. Thus, the radius of an ion adsorbed at the membrane can be

longer than that determined by formation energy of a single solvation layer.

2.1.3. Model based on the additivity of different forms of lipid in
membrane

The phospholipid layer observed from the aqueous solution side has uniformly

distributed �POð�Þ and � N
ðþÞ

X3 groups because it is built of the molecules each

having one �POð�Þ group and one � N
ðþÞ

X3 group, where X ¼ CH3 for PC mol-

ecule; X ¼ H for PE molecule.

Therefore, two descriptions of the lecithin or cephalin surface can be adopted.

In Description I, the membrane surface is continuous with uniformly distributed

functional groups being the active centres of adsorption of the H+ and OH� ions.

In Description II the lipid surface is composed of non-bonded lipid molecules and

of the molecules with bounded H+ and OH� ions.

The model described above is presented in Fig. 24.

2.1.3.1. Description I
Uniformly distributed active centres at which the H+ and OH� ions can be ad-

sorbed are present at the aqueous solution side. They are schematically de-

scribed with the following equations:

�POð�Þ þ HðþÞ

ðA�Þ
Ð �POð�Þ � HðþÞ

ðAHÞ
ð73Þ

� N
ðþÞ

X3 þOHð�Þ

ðBþÞ

Ð � N
ðþÞ

X3 �OHð�Þ

ðBOHÞ
ð74Þ

where X ¼ CH3 for PC molecule and X ¼ H for PE molecule.

Thus, four groups: A�, AH, B+ and BOH are present at the layer surface.

Assuming the contributions of individual forms to the interfacial tension to be

additive, the following equation can be written as:

g ¼ gA� þ gAH þ gBþ þ gBOH ð75Þ

PO(-)

(A-) (B+)

PO(-) PO(-)
(+) (+) (+)
NX3 NX3 NX3

Fig. 24. The model of the bilayer lipid surface, which presents the equilibria
between H+ and OH� ions from solution and the functional groups distributed on
its surface, where X ¼ CH3 for PC molecule and X ¼ H for PE molecule.
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Therefore

g ¼ g0A�

1

1þ KAaHþ

� �

þ g0AH
KAaHþ

1þ KAaHþ

� �

þ g0
Bþ

1

1þ KBaOH�

� �

þ g0BOH

KBaOH�

1þ KBaOH�

� �

ð76Þ

where KA and KB (m3mol�1) are the acids and base association constants,

g0A� ; g0AH; g0
Bþ and g0BOH (Nm�1) the specific interfacial tensions of the mem-

brane component, respectively.

Equation (76) presents the dependences of interfacial tension of the membrane

formed from lecithin or cephalin on the pH of electrolyte solution based on Des-

cription I [22,42].

Interfacial tension of the membrane formed from PC and PE are plotted in

Fig. 25 vs. pH of the electrolyte solution. Points present the experimental values;

the total values calculated from equation (76) are presented by a continuous line.

The interfacial tension values of lecithin or cephalin membrane components are

marked with broken lines. Figure 25 refers to the Description I, where the dis-

tribution of the �POð�Þ and � N
ðþÞ

X3 groups on the aqueous solution side of the

lipid layer has been assumed to be uniform.

As is seen in equation (76), the total interfacial tension value of the lecithin or

cephalin membrane is a sum of the interfacial tension values of its components,

i.e. sum of its A�, AH, B+ and BOH. Specific interfacial tension values of indivi-

dual components of the lecithin and cephalin membranes were determined. The

g0A� ; g0AH; g0
Bþ and g0BOH values were determined by linear regression and are

presented in the paper [42]. When the interfacial tension of the bilayer lipid

membrane formed from only individual forms has negative values, it is possible to

suppose, that the bilayer membrane formed from this forms does not exist.

Coverage of the lipid membrane surface by the H+ and OH� ions vs. pH of

electrolyte solution is presented in paper [42]. The PC membrane surface is not

covered by the H+ and OH� ions in proximity of its isoelectric point, i.e. at pH

equal to about 4.

2.1.3.2. Description II
As a result of adsorption of the H+ and OH� ions on the surface of lecithin or

cephalin, the lipid membrane can exist in four different forms presented in Fig. 26;

XHþ with H+ adsorbed, XOH� with OH� adsorbed, XHOH with both H+ and

OH� ions adsorbed on the surface and a free lipid molecule X with no ions

adsorbed.

The sum of interfacial tension contributions of the forms composing the lecithin

or cephalin surface in the Description II is as follows:

g ¼ gXHOH þ gXHþ þ gXOH� þ gX ð77Þ
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The expressions describing the contributions of the individual forms of the

lecithin and cephalin molecule to the interfacial tensions are in papers [20,22],

these results in describing of the dependence on interfacial tension of the mem-

brane formed from lecithin or cephalin of the pH of electrolyte solution based on

Description II.
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Fig. 25. The participation of the A and B groups, calculated from the Description
I, in dissociated and associated forms in the interfacial tension g of the bilayer
formed from PC (a) and PE (b), as a function of pH of electrolyte solution; the
experimental values are marked by points and the theoretical ones by solid curve.
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Therefore:

g ¼ g0XHOH

KAaHþ

1þ KAaHþ

� �

KBaOH�

1þ KBaOH�

� �

þ g0
XHþ

KAaHþ

1þ KAaHþ

� �

1

1þ KBaOH�

� �

þ g0XOH�

1

1þ KAaHþ

� �

KBaOH�

1þ KBaOH�

� �

þ g0X
1

1þ KAaHþ

� �

1

1þ KBaOH�

� �

ð78Þ

where g0XHOH; g0
XHþ ; g0XOH� and g0X (Nm�1) are the specific interfacial tensions of

the membrane component, respectively; X ¼ L for lecithin membrane and X ¼ E

for cephalin membrane.

Interfacial tension of the membrane formed from PC is also plotted in Fig. 27

vs. pH of electrolyte solution. Points present the experimental values, the total

values calculated from equation (78), which has been derived according to

Description II, are presented by a continuous line and the interfacial tension

values of the PC membrane components are marked with broken lines.

It is seen in equation (78) that the total interfacial tension values of the lecithin

membrane is the sum of its individual components, i.e. XHOH, XH+, XOH� and

X, where X ¼ L for lecithin membrane and X ¼ E for cephalin membrane.

Specific interfacial tension values of individual lecithin membrane components

g0LHOH; g
0
LHþ ; g0LOH� and g0L were determined using linear regression and these

values are presented in paper [42].

Coverage of the lipid membrane surface by the H+ and OH� ions vs. pH of

electrolyte solution is presented in paper [42]. As in Description II, the L form

predominates in the lecithin membrane surface in proximity of its isoelectric point;

the surface is not covered by the H+ and OH� ions there. In both descriptions,

coverage of the lipid membrane surface by the H+ and OH� ions remains

unchanged in the ranges below 1.5 and above 7.0.
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Fig. 26. Four different forms of the PC or PE molecule at the membrane surface.

Physicochemical Insights into Equilibria 169



Interfacial tension of the membrane formed from PE is also plotted in Fig. 28

vs. pH of electrolyte solution. Points present the experimental values. The total

values calculated from equation (78), which have been derived according to

Description II, are presented by a continuous line. The interfacial tension values

of PE membrane components are marked with broken lines.

Considerations of equilibria by considering the H+ and OH� ions in terms of

the Model II presented in Fig. 29 and calculations of contributions of those forms

with respect to interfacial tension of the lipid bilayer resulted in disagreement with

the experimental.

The above presented description in which the contributions of various forms of

the lecithin or cephalin molecule to interfacial tension of the bilayer were assumed

to be additive resulted in markedly better description of the dependence on pH

than the description based on the Gibbs’s isotherm [20,22], particularly at far

distances from the isoelectric point.

2.2. Phosphatidylserine membrane

It has been proved in earlier studies [20,22,42] that interfacial tension of lipid

membranes formed from lecithin or cephalin are affected by pH. Maximal inter-

facial tension of such membranes was attained at a pH equal to 4.15 and 4.20,

respectively. The lecithin and cephalin molecules have two electric charges, one

positive and one negative, on its surface. It is interesting to examine the effect of

pH on interfacial tension of a membrane formed from a polar lipid of different

molecular structure. PS has been chosen; its molecule has two negative groups
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Fig. 27. The participation of the individual form of lecithin molecules, calculated
from the Description II, in the interfacial tension g of the bilayer formed from PC,
as a function of pH of electrolyte solution; the experimental values are marked by
points and the theoretical ones by solid curve.
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and one positive, its net charge being negative. The PS molecule is in equilibria

with the H+ and OH� ions; the equilibria (1)–(3) can be shown in the Fig. 30.

2.2.1. The simplified description based on Gibbs isotherm

The H+ and OH� ions are also adsorbed at the PS surface [42]:

A�
1 þ Hþ Ð A1H ð79Þ

A�
2 þ Hþ Ð A2H ð80Þ

Bþ þOH� Ð BOH ð81Þ

Thus, adsorption equilibria can be written in the form:

KA1
¼

csA1H

csA�
1
aHþ

ð82Þ
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Fig. 28. The dependence of the interfacial tension g of a lipid membrane formed
from PE on the pH of the electrolyte solution calculated from the Description II
(the experimental values are marked by points and the theoretical ones by solid
curve).

PO(-)

(A-B+)

PO(-)
PO(-)

(+) (+) (+)
NX3 NX3

NX3

Fig. 29. The model of the bilayer lipid surface, which presents the equilibria
between H+ and OH� ions from solution and the functional groups distributed on
its surface, where X ¼ CH3 for PC molecule and X ¼ H for PE molecule.
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KA2
¼

csA2H

csA�
2
aHþ

ð83Þ

KB ¼
csBOH

cs
BþaOH�

ð84Þ

where KA1
,KA2

and KB (m3mol�1) are the acids and base association constants,

respectively; csA�
1
, csA�

2
, cs

Bþ , csA1H
, csA2H

and csBOH (molm�2) are the surface con-

centrations of A�
1 ;A

�
2 ;B

þ;A1H;A2H and BOH forms at the lipid surface.

If the H+ and OH� ions are adsorbed at the PS membrane surface then the

Gibbs equation assumes the form:

dg ¼ �csA1H
d �mHþ � csA2H

d �mHþ � csBOH d �mOH� ð85Þ

The case of PS can be treated like that of lecithin or cephalin and the final

equation was introduced below:

g ¼ gmax � A�1RT ln
1þ KA1

aHþ

1þ KA1
aHþmax

� �

� A�1RT ln
1þ KA2

aHþ

1þ KA2
aHþmax

� �

� A�1RT ln
1þ KBaOH�

1þ KBaOH�max

� �

ð86Þ

The association constant values obtained in this way were K1 ¼ 2:29�

103m3mol�1 and K2 ¼ 3:55� 109m3mol�1, respectively. As two association
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Fig. 30. The acid–base equilibria for PS molecule.
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constants only could be determined in this way and three were needed, the

association constant corresponding to the �POð�Þ group, KA1
¼ 3.80�

102m3mol�1 was taken from the work [20]. Thus, the K1 constant determined

by titration was the geometric mean of the KA1
and KA2

constants. On this ground,

the KA2
¼ 1.38� 104m3mol�1 could be determined. The KB constant was deter-

mined titrimetrically and it was found to be 3.55�109m3mol�1.

Effect of the pH on interfacial tension of the lipid bilayer formed from PS has

been studied in the whole pH range. The dependence of interfacial tension of

the membrane formed of PS on the pH of the electrolyte solution is presented in

Fig. 31. The maximal interfacial tension value is 2:94� 10�3Nm�1 at pH equal to

3.80 [42].

The experimental values are marked in Fig. 31 by points and the theoretical

ones obtained from equation (86) by lines. It can be seen from this figure that the

theoretical and the experimental interfacial tension values of the PS membrane

do not agree in the whole pH range.

2.2.2. The full description based on Gibbs isotherm

The exact definition of surface excess from the Gibbs equation lead to a des-

cription of the pH effect of electrolyte solution on interfacial tension of the mem-

brane formed from lecithin or cephalin. Both compounds are similar and the

experimental points are in agreement with theoretical ones obtained from equa-

tion (72) in whole pH range was very good. Therefore, it was necessary to check

whether that description would also be right for more complicated compounds, for

example, PS.
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Fig. 31. The dependence of interfacial tension g of a lipid membrane formed from
PS of the pH of the electrolyte solution (the experimental values presented as
points and the theoretical ones as line).
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Dependences of surface excesses of the H+ and OH� ions in the PS mem-

brane surface are as follows [74]:

GOH� ¼ csBOH � VHþ csA1H
þ csA2H

� �

aOH� � VOH�csBOHaOH� ð87Þ

GHþ ¼ csA1H
þ csA2H

� VHþ csA1H
þ csA2H

� �

aHþ � VOH�csBOHaHþ ð88Þ

and therefore have:

g ¼ gmax � A�1RT 1þ
VHþ

KA1

� VHþKWKA1

� �

ln
1þ KA1

aHþ

1þ KA1
amax
Hþ

� A�1RT 1þ
VHþ

KA2

� VHþKWKA2

� �

ln
1þ KA2

aHþ

1þ KA2
amax
Hþ

� A�1RT 1þ
VOH�

KB
� VOH�KWKB

� �

ln
1þ KBaOH�

1þ KBa
max
OH�

� A�1RTVHþKWKA1
ln

aHþ

amax
Hþ

� A�1RTVHþKWKA2
ln

aHþ

amax
Hþ

� A�1RTVOH�KwKB ln
aOH�

amax
OH�

þ 2A�1RTVHþ aHþ � amax
Hþ

� �

þ A�1RTVOH� aOH� � amax
OH�

� �

ð89Þ

The points in Fig. 32 present the experimental data concerning the interfacial

tension of the membrane formed from PS depending on pH of the electrolyte

solution.

Equation (89) is of type:

y ¼ m1x1 þm2x2 þm3x3 þm4x4 þm5x5 þm6x6 þm7x7 þm8x8 þ b

The interfacial tension values of the membrane formed from PS were

calculated by substituting the calculated coefficients m1, m2, m3, m4, m5, m6,

m7, m8, and b in equation (89), the result is presented in Fig. 32 as a solid line. It

can be observed that the theoretical results agree well with the experimental

data. The deduced theoretical equation (89) describes the experimental results in

the whole pH range.

The m1, m2, m3, m4, m5, m6, m7, m8, and b coefficients contain the equilibrium

constants and volumes of the adsorbed H+ and OH� ions. Thus, the equation

coefficients calculated using the equilibria constants from paper [42] and were

calculated for the volumes of adsorbed H+ and OH� ions as in previous

paragraph. Volumes occupied by the H+ and OH� ions can be deducted from

equation (89); they equal to 18,844 and 28,889 Å3, respectively.

Assuming the most dense packing of the PS molecules in two-dimensional

space, the surface occupied by a molecule corresponds to two equilateral

triangles of a side equal to the intermolecular distance. If the area occupied by a

PS molecule is known then mean intermolecular distance of phosphatidyserine

on the bilayer surface can be estimated. Assuming the area occupied by a PS

A.D. Petelska et al.174



molecule to be 68.5 Å2 [42], the mean distance from an H+ ion to an OH� ion

adsorption centre is about 11 Å.

For this reason, the volume of the adsorbed solvated H+ ion can be assumed

to be smaller than that of the solvated ions in the bulk. The radius of the adsorbed

H+ ion was calculated from its volume assuming its hemispherical shape; the

result was about 10 Å. It is in agreement with the estimated distances of PS

molecules in the membrane calculated above (11 Å).

The volume and radius of the solvated OH� ion at the lipid membrane surface

can be determined in a similar way from equation (89). However, the OH� ion is

adsorbed at an active centre that is present at the end of the hydrophilic PS chain.

The chain can appear in various conformations with the result that the active

centres were in various distances from the interface. The chain length is

5.0–7.5 Å [70]. Thus, the adsorbed OH� ions are present in two layers: a layer of

adsorption centres at the end of straight chains and the other layer with the

centres at the ends that the absorb OH� ion to stay at the interface; the situation

is presented in paper [74]. It was assumed that parts of the PS molecule with

hydrophilic chains and with the absorbed OH� ions are straight and a part is bent

towards the surface. For this reason, the straight-chain PS molecule surface

concentration is half that of total PS concentration and distances between straight

hydrophilic chains are approximately 16 Å. Similar estimates can be carried out

for the chains bent towards the membrane surface.

The radius of the partly desolvated OH� ion could be determined in this case,

too, from its volume calculated using equation (89) assuming its hemispherical

shape; it amounts to about 24 Å. It only approximately agrees with the 16 Å

distance presented above between the adsorption centres.
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Fig. 32. The dependence of interfacial tension g of the lipid membrane formed
from PS of pH of electrolyte solution (full description based on the Gibbs equa-
tion); the experimental values are marked by points and the theoretical ones by
solid curve.
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The above numbers are rough estimates because of doubtlessly strong de-

formation of the OH� ion solvation layer caused by dense packing of two layers.

The radii discussed above of hydrated H+ and OH� ions are greater than those

given in the literature [71–73] that have been determined from hydration energy

and correspond to ions having one hydration layer. Actually, the ions can be

covered by more hydration layers due to hydrogen bonds acting between water

molecules. Thus, the radius of an ion adsorbed by the layer can be greater than

the value determined by formation energy of a single hydration layer.

2.2.3. Models based on the additivity of different form of lipid in
membrane

The �POð�Þ, � N
ðþÞ

H3 and the �COOð�Þ groups are presented at the phospholipid

layer surface at the aqueous solution side; the surface is built of molecules each

of them containing one �POð�Þ, one � N
ðþÞ

H3 and one �COOð�Þ groups. Various

models of membrane surface structure can be adopted to be analysed and de-

scribe the equilibria between the bilayer and the solution ions.

2.2.3.1. Model I
In this model, the surface is continuous with uniformly distributed functional

groups constituting the active centres of H+ and OH� ions adsorption. The

scheme of the membrane surface in this model is presented in the paper [42].

The system is schematically presented by equations (90–92):

�POð�Þ þ HðþÞ

ðA�
1 Þ

Ð �POð�Þ � HðþÞ

ðA1HÞ
ð90Þ

� N
ðþÞ

H3 þOH�

ðBþÞ

Ð � N
ðþÞ

H3 �OHð�Þ

ðBOHÞ
ð91Þ

�COOð�Þ þ HðþÞ

ðA�
2 Þ

Ð �COOð�Þ � HðþÞ

ðA2HÞ
ð92Þ

Thus, six kinds of groups are present on the layer surface: A�
1 ;A1H;B

þ;BOH;A�
2

and A2H. The adsorption equilibria are described by the equations as in the pre-

vious paragraph and are presented in the paper [42]. The following equation can

be written assuming that contributions of the individual forms are additive:

g ¼ gA�
1
þ gA1H

þ gBþ þ gBOH þ gA�
2
þ gA2H

ð93Þ

and therefore:

g ¼ g0A�
1

1�
KA1

aHþ

1þ KA1
aHþ

� �

þ g0A1H

KA1
aHþ

1þ KA1
aHþ

� �

þ g0
Bþ 1�

KBaOH�

1þ KBaOH�

� �

þ g0BOH

KBaOH�

1þ KBaOH�

� �

þ g0A�
2

1�
KA2

aHþ

1þ KA2
aHþ

� �

þ g0A2H

KA2
aHþ

1þ KA2
aHþ

� �

ð94Þ
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Equation (94) presents the dependence of the interfacial tension of the

lipid membrane formed from PS on pH of electrolyte solution based on the

Model I.

The interfacial tension of the membrane formed from PS is plotted in Fig. 33 vs.

pH of the electrolyte solution (the experimental values are marked by points

and the theoretical ones obtained from equation (94) by lines; broken lines

present the interfacial tensions of the individual membrane components, i.e.

A�
1 ;A1H;B

þ;BOH;A�
2 and A2H). Fig. 33 refers to the structural Model I described

earlier of the lipid membrane surface in which the functional groups have been

assumed to be uniformly distributed on its surface on the aqueous solution side.

As it is seen in equation (94), the total interfacial tension value of the PS

membrane is the sum of interfacial tension values of it components presented

above.

Introducing the KA1
;KA2

and KB values obtained previous [42] to equation (94)

yielded specific interfacial tension values of the individual forms of the PS

membrane. The gA�
1
; gA1H

; gBþ ; gBOH; gA2H
and gA�

2
values were obtained using the

linear regression method and presented in the paper [42].
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Fig. 33. The participation of the A1, B and A2 groups, calculated from the Model I,
in dissociated and associated forms in the interfacial tension g of the bilayer
formed from PS, as a function of pH of electrolyte solution (the experimental
values are marked by points and the theoretical ones by line).
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2.2.3.2. Model II
In this model, the acid equilibrium between the �POð�Þ group and the H+ ion and

the species containing the � N
ðþÞ

H3 and the �COOð�Þ group with the H+ and OH�

ion of solution are distinguished. This model is presented in the paper [42].

The adsorption equilibria are described by the equations:

A�
1 þ Hþ Ð A1H ð95Þ

BþA�
2 þOH� Ð BOHA�

2 ð96Þ

BþA�
2 þ Hþ Ð BþA2H ð97Þ

BOHA�
2 þ Hþ Ð BOHA2H ð98Þ

Thus, six groups: A�
1 ;A1H;B

þA�
2 ;BOHA�

2 ;B
þA2H and BOHA2H can be

distinguished at the layer surface. Assuming that contributions of the indivi-

dual forms for the interfacial tension are additive, the following equation can be

written [42]:

g ¼ gA�
1
þ gA1H

þ gBþA�
2
þ gBOHA�

2
þ gBþA2H

þ gBOHA2H
ð99Þ

and therefore [42]:

g ¼ �m1a
2
Hþg�m2aHþg�m3aOH�gþm4a

2
Hþ þm5aHþ þm6aOH� þ b ð100Þ

where

m1 ¼
K1K3

M

m2 ¼
K1 þ K3 þ K1K2K4Kw

M

m3 ¼
K2

M

m4 ¼
K1K3 g0A1H

þ g0
BþA2H

� �

M

m5 ¼
K3g

0
A1H

þ K1K2K4Kwg
0
A1H

þ K1g
0
BþA�

2

þ K1K2K4Kwg
0
BOHA2H

M

m6 ¼
K2g

0
A�
1

M

b ¼
g0A�

1
þ g0A1H

þ g0
BþA�

2
þ g0BOHA�

2
þ g0

BþA2H
þ g0BOHA2H

M

þ
K2K4Kwg

0
A�
1
þ K1K2Kwðg

0
A1H

þ g0BOHA�
2
Þ

M
M ¼ 1þ ðK1 þ K4ÞK2Kw

here g0A�
1
; g0A1H

; g0
BþA�

2
; g0BOHA�

2
; g0

BþA2H
and g0BOHA2H

(Nm�1) are the specific inter-

facial tensions of the membrane components, respectively.
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Equation (100) presents the dependence of the interfacial tension of the lipid

membrane on pH of electrolyte solution based on the Model II.

In Fig. 34, the experimental interfacial tension values are represented as points

and those calculated for Model II from equation (100) as solid lines. Figure 34

refers to the Model II in which the PS surface is built from forms of PS molecules.

However, determination of the interfacial tension of the individual components

was difficult because the association constant values K1, K2, K3 and K4 were

unknown. For this reason, the individual equation coefficients, m1, m2, m3, m4,

m5, m6, m7, m8, and b were obtained using the linear regression method. As it is

seen in Fig. 34, Model II yields a much better agreement of the calculated and

experimental data in all the pH range. It indicates that it is closer to the reality.

Another structural model of PS bilayer surface was considered; it is presented

in the paper [42]. This model was considered to explain acid–base equilibria

between the functional groups of the PS molecule and the H+ and OH� ions in

solution. However, the presentation and the discussion of the equilibria in the

forms envisaged by this model and calculations of their contribution on the

interfacial tension of the lipid bilayer results in disagreement with the experiment.

2.3. Conclusions

The results of pH on interfacial tension of the bilayer lipid membrane formed from

PC, PS and from PE have permitted us to determine the effect of the hydrophilic

head of lipids on interfacial tension values of bilayer lipid membranes. Hydrophilic

heads have been demonstrated to affect the interfacial tension values and,

consequently, cell membrane properties. Unlike other phospholipids, e.g. lecithin
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Fig. 34. The participation of the A1 and BA2 groups, calculated from the Model II,
in dissociated and associated forms in the interfacial tension g of the bilayer
formed from PS, as a function of pH of electrolyte solution; the experimental
values are marked by points and the theoretical ones by line.
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or PS, small hydrophilic head characterizes PE molecule. Regularity has been

found: the larger hydrophilic head of a lipid brings about lower interfacial tension.

Calculated interfacial tension values are g ¼ ð4:06� 0:12Þ � 10�3Nm�1 for

PE, g ¼ ð3:53� 0:12Þ � 10�3Nm�1 for PC (large hydrophilic head), and g ¼

ð2:93� 0:10Þ � 10�3Nm�1 for PS.

In addition, a relationship has been found for the size of the hydrophilic head of

lipid with the isoelectric point pH value. With a larger hydrophilic head, the

isoelectric point appears at lower pH. The isoelectric point of PE was found to be

at pH 4.20, while those of lecithin and phospatidylserine appear at pH 4.15 and

3.80, respectively.

Interestingly, the interfacial tension value of the isoelectric point increases with

decreasing hydrophilic head diameter of lipid. Surface area of the isoelectric

points for PC, PS and PE related to 1mol of the substance are similar and

amount to 1800, 1824 and 1854 Jmol�1, respectively.

3. MATERIALS AND EXPERIMENTAL DETAILS

3.1. Reagents

The following chemicals were used for preparation of the forming solution:

1. Lecithin (3-sn-phosphatydylcholine 99%) from Fluka. It had been obtained

from egg yolk. The composition of fatty acids in the lecithin was 16:0�33%,

18:0�4%, 18:1�30%, 18:2�14% and 20:4�4%. Lecithin was dissolved in

chloroform to prevent oxidizing and the solvent was evaporated in an argon

medium

2. 99% cholesterol of molecular formula C27H45OH made by Sigma

3. PE (99%) from Fluka

4. 3-sn-Phosphatidyl-L-serine from bovine brain (99%) from Fluka

5. Gramicidin D produced by Sigma.

6. Valinomycin (90%) by Sigma.

The stock solutions used to form the artificial membrane contained 20mgcm�3

of lipids in appropriate solvents: decane or decane-butanol (3:1 by volume) for

interfacial tension measurements and hexadecane-butanol (10:1 by volume) for

impedance measurements.

The forming solutions modified with gramicidin were prepared by adding the

peptide in trifluoroethanol to lecithin and the solvent was again removed by argon.

Dried residues were dissolved in decane or a hexadecane-butanol mixture (10:1

by volume). The stock solutions contained 10mg cm�3 of gramicidin D and PC

(weight ratios: 1:1.0�104, 1:2.5�104, 1:5.0�104, 1:7.5� 104 and 1:1.0� 105)

for impedance measurements and 20mgcm�3 of gramicidin D and PC (1:10,

1:20, 1:30 and 1:40 weight ratio) for interfacial tension experiments.
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Valinomycin was added as a solution in chloroform (20mg cm�3) and the sol-

vent was again removed by argon. For impedance measurements dried residues

were dissolved in a hexadecane-butanol mixture (10:1 by volume). The forming

solutions contained PC or a PC–valinomycin mixture (total valinomycin concen-

trations: 2:08� 10�11, 1:04� 10�11, 6:94� 10�12 and 5:20� 10�12mol cm�2).

For the interfacial tension measurements the membrane components were dis-

solved in n-decane and the forming solutions contained pure lecithin and leci-

thin–valinomycin mixtures of 1:10, 1:20, 1:30 and 1:40 weight ratio.

All experiments connected with investigation of the complex forming equilibria

were carried out in the whole composition range of the membrane concentrations.

Potassium chloride solutions were used as electrolyte in those experiments, in

which forming complexes was assumed. The electrolyte solutions were prepared

from mili-Q water and KCl form POCh. 1, 0.1, 0.01, 0.001 and 0.0001M elec-

trolyte solutions were used for experiments. Potassium chloride was calcinated to

remove organic impurities.

The buffers of 2–12 pH ranges prepared according to Britton and Robinson

were used in the interfacial tension measurements of the bilayer lipid membrane

as a function of the pH of the electrolyte solution [20,22]. They were prepared by

adding 0.2M sodium hydroxide to 100 cm3 of solution having the composition:

0.04M acetic acid (80%, POCh), 0.04M phosphoric acid (POCh) and 0.04M

boric acid (POCh). A suitable pH of the buffer was imposed depending on the

amount of added sodium hydroxide (at 291K).

The solvents were of chromatographic standard grade: n-decane was from

Merck, hexadecane was from Fluka and chloroform, butanol and trifluorometh-

anol were from Aldrich. Water purified by Milli-Qll (18.2M, Millipore, USA) was

used to make all solutions in all cleaning procedures.

All experiments were carried out at room temperature (295–297K).

3.2. Interfacial tension measurements

The interfacial tension of a lipid bilayer was determined by measuring the radius

of the curvature of a convex surface formed by pressure difference applied on

both sides. The applied technique is based on the Young’s and Laplace’s equa-

tion [75].

The apparatus and the measurement method were described in the papers

[4,6,20,22,42,69,74]. The measuring vessel consisted of two glass chambers

separated by a mount in which a circular Teflon element was set with a 1.5mm

outer diameter containing an orifice along its axis. An electrolyte solution was

present on both sides of the orifice.

The membranes were formed by the Mueller–Rudin method [76] on the flat end

of the Teflon element. Both chambers of the measuring vessel were filled with the

electrolyte solution. The forming solution was brought with a micropipette to the
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flat wall of the Teflon element. Then, a pressure was applied to the left chamber

using a manometer.

The convexity of the lipid membrane cap was measured with 0.05mm precision

instrument reading. This value together with the Teflon element diameter cor-

responding to the lipid cap diameter yielded the radius of curvature.

3.3. Impedance analysis

Electrochemical impedance measurements were carried out using an alternative

current (AC) impedance system (EG&G, Princeton Applied Research, Model

388) including a personal computer, a two-phase lock-in amplifier (Model 5208)

and a potentiostat/galvanostat (Model 273). The electrochemical cell was con-

nected with a potentiostat via a differential amplifier with high-impedance inputs.

The electrochemical cell in the four-electrode configuration contained two iden-

tical reversible silver–silver chloride electrodes and two identical current platinum

electrodes, and was described exactly in [5,7,31]. The A 4-mV amplitude sine-

wave signal perturbation was applied in the 0.1–10,000Hz frequency range. Data

analysis was performed by means of software using a non-linear least-square fit

(Equivcrt.Pas) elaborated by Boukamp [77].

Bilayer membranes were obtained as bubbles at the teflon cap constituting a

measuring vessel component. The use of hexadecane as the solvent allows

obtaining membranes of thickness and capacity values similar to those of mem-

branes formed of monolayers (n-butanol contained in the forming solution dis-

solved in aqueous solution). The thinning of the BLMs was observed visually.

Capacity of membranes increased with time after bilayers formation until a

steady-state value was reached some 10–20min later. The measurements were

started 20–30min after the membranes turned completely black. The bilayers

area was determined with a microscope with micrometer scale built-in in the lens

and was between 4� 10�2
28� 10�2 cm2 (the values were given for the bilayers

area with a subtracted margin).

3.4. Preparation of liposomes and isoelectric point determination

The bilayer lipid membranes were also used in the form of liposomes. These can

be formed owing to the fact that most phospholipids undergo spontaneous ag-

gregation in water or in aqueous electrolyte solutions if shaken or subjected to

ultrasounds. Bubbles of spherical or cylindrical shape, sized from less than a little

to a fraction of millimetre, are then formed [78,79]. They were formed as follows

[80]: 10mg of lipids were dissolved in 1–2 cm3 of chloroform and the solvent was

evaporated in the atmosphere of argon until 25–50 mm3 of lipid film remained in

the beaker. 15 cm3 of 0.9% NaCl were added and the beaker was placed in a
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water bath (at about 280K). The head of an UD-20 ultrasound generator was

immersed in the solution and the solution was subjected to ultrasounds five times

for 1.5minutes each time. The liposomes of 10–20 nm were obtained [81].

The isoelectric point of a lipid membrane can be determined if the acid–base

equilibrium constants are known. However, it was difficult to determine those

magnitudes because the phospholipid was insoluble in water. For this reason, the

needed values were determined using liposomes. It was accepted in the calcu-

lations that only the lecithin molecules present in the outer layer of liposome took

part in acid–base equilibria. Thus, the phospholipid concentrations used in the

equations were half of that introduced into the solution.

The dissociation constants of the membrane formed from phospholipid were

determined by titration of the previously obtained liposomes with hydrochloric

acid and with sodium hydroxide. A 736GP Titrino apparatus from Metrohm

(Switzerland) was used in the titration.

Having determined the dissociation constants of the membrane, isoelectric

point could be calculated from equations presented in the paper [42].
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Abstract

Most plants, microbes, and animals that can survive complete dehydration (anhydrobiotes)

accumulate high concentrations of sugars in their cells during desiccation. Since cellular

membranes are a primary target of desiccation damage in cells, liposomes have been

widely used as comparatively simple model systems to study the effects of sugars on the

properties of membranes during drying. In addition, there is a pronounced technical in-

terest in the stabilization of liposomes with encapsulated medical drugs in the dry state for

pharmaceutical purposes. Most sugars induce a depression of the membrane phase

transition temperature of the dry lipid and form a glass (vitrify) during drying. In this paper,

we critically review the current state of knowledge about the physical mechanisms that

may lead to membrane stabilization in dry systems, with a special emphasis on possible

interactions between membrane lipids and sugars in the dry state. For this purpose we

compare the effects of soluble disaccharides, oligosaccharides, and polysaccharides, and

also the effects of lipid-bound sugars on the stability and physical behavior of liposomes.

1. THE ROLE OF SUGARS IN THE DESICCATION TOLERANCE OF
CELLS AND ORGANISMS

For most living organisms, water is an essential prerequisit of survival and even a

moderate loss of cellular water can lead to physiological damage and ultimately

death. Several species of microbes, plants, and animals, however, have evolved
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the ability to survive almost complete dehydration, often for prolonged periods of

time. This life without water, or anhydrobiosis, is dependent on a coordinated and

controlled set of biochemical adaptations, that are still far from being fully un-

derstood. Several mechanisms participate in the protection of living cells during

the removal of water (see [1] for a review). These include, but are not limited to,

the maintenance of macromolecules in their biologically functional structures.

This pertaines to nucleic acids, soluble proteins and protein complexes, and

membranes. In yeast, tardigrades, and nematodes, in many algae, and desic-

cation tolerant higher plants (resurrection plants), but also in the pollen and seeds

of many plant species that are not desiccation tolerant in their vegetative state,

the accumulation of the disaccharides sucrose or trehalose is thought to play a

major role in cellular desiccation tolerance (see [2–4] for reviews).

In addition to the accumulation of disaccharides, many other biochemical

adaptations take place in anhydrobiotic cells during the drying process. Many

organisms accumulate not only disaccharides, but also other compatible solutes,

such as some amino acids (e.g. proline), quaternary ammonium compounds (e.g.

betaine), oligosaccharides, sugar alcohols, and several others (see [5,6] for re-

views). However, not all compatible solutes are effective in stabilizing cellular

structures during complete dehydration [7,8]. In addition to the accumulation of

compatible solutes during slow drying, the pattern of gene expression changes

dramatically in desiccation tolerant cells [9]. In addition to many genes that may

be related to biochemical and physiological adaptation to low water content,

many of the expressed genes encode specific dehydration-related proteins, such

as late embryogenesis abundant (LEA) proteins. Their functional role in dehy-

dration tolerance, however, remains to be shown [10].

An important further point is the defense of dry cells against oxidative damage.

Since enzymatic antioxidant systems are probably not functional under conditions

of extreme dehydration, chemical antioxidants, such as flavonoids, will have to

take their place [11,12]. These molecules, however, are amphiphilic in nature and

will partition into the lipid phase of membranes during dehydration [13,14]. This

can, in addition to the antioxidant effects, also have pronounced direct effects

on membrane stability. Whether the effects will be stabilizing or destabilizing,

depends not only on the chemical nature of the amphiphilic molecules, but also

on membrane lipid composition and the additional presence of protective solutes

such as sugars [15–19].

The importance of non-disaccharide-based protective systems in an-

hydrobiosis [20] is highlighted by the recent investigations into the desiccation

tolerance of rotifers, which are highly desiccation tolerant without accumulating

any sugars during drying [21,22]. It is therefore clear that the accumulation of

sugars is not the only possible strategy for a cell to become desiccation tolerant.

It is, nevertheless, the most prevalent adaptation to the loss of water found

in nature. In addition, the biophysical mechanisms underlying the protection of

cellular structures have been most thoroughly investigated with sugars.
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In addition to the biological interest, there is considerable technical interest in

the stabilization of cellular membranes by sugars [4]. In recent years, efforts have

been directed at the preservation of biological cells in the dry state. This involves

e.g. blood components such as platelets [23,24], but also other mammalian cells

[25–27]. In these cases, trehalose has been accumulated in the cells, either by

endocytosis, or by genetically engineering the cells to take up or synthesize

trehalose.

Since cellular membranes are primary targets of desiccation damage, consid-

erable effort has been directed toward understanding the mechanisms of pro-

tection of membranes by sugars during drying (see [1,28] for reviews). Many

of these investigations have used liposomes as comparatively simple model

systems to elucidate the physical details of membrane protection. In addition,

there is considerable interest in the stability of liposomes as vehicles for the

delivery of medical drugs. The present article will therefore review our current

understanding of how sugars stabilize liposomes, and presumably biological

membranes, in the dry state.

2. THE STABILIZATION OF MEMBRANES BY VITRIFICATION OF
SUGARS DURING DRYING

Cytoplasmic vitrification is considered to be an important mechanism in cellular

desiccation tolerance in many species of plants, animals, and microbes [29–31].

Many sugars form glasses (vitrify) during drying at ambient temperatures (see

[32,33] for reviews). Physically, a glass is a metastable solid. It is spatially

homogeneous, but it has no defined long-range structure, such as a crystal lattice

[33]. Due to the high viscosity, all processes that require diffusion are slowed

down to a degree that makes them stop on the scale of human observation

[29]. Therefore, most deteriorative biological, chemical, and physical reactions

should be prevented in the vitreous state. Obviously, the effectiveness of

stabilization of biological structures by glasses depends on the physical stability

of the glass.

The melting temperature of a sugar glass (glass transition temperature; Tg) is a

convenient and often used measure of glass stability, but it may not be the only

important parameter when the stabilizing effects of a carbohydrate glass are

considered [8,34]. The collapse temperature, or critical temperature, (Tc) can be

significantly above Tg and may be more closely related to the stability of biological

structures in the dry state than Tg. Tc, however, is more difficult to measure and

therefore the calorimetrically determined glass transition temperature Tg is more

commonly used to compare the vitrification properties of biological glass formers

such as sugars.

In general, Tg increases with molecular weight of the solute [35]. This is also

true for oligosaccharides such as raffinose family oligosaccharides (RFO) [36],
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fructo-oligosaccharides [37,38], and malto-oligosaccharides [39]. It has also been

shown recently that the addition of small anions such as phosphate [40] or citrate

[41], or the addition of proteins [42,43] can significantly increase the Tg of vitrified

sucrose or glucose. Water, on the other hand, is an effective plasticizer of sugar

glasses, although the degree of plasticization varies between different di-, oligo-,

or polysaccharides [38,39,44]. In general, a sugar with a higher Tg will vitrify at a

higher water content at a given temperature during drying. Therefore, a higher Tg

will be beneficial during drying, because it allows vitrification at an earlier stage of

the drying process, leaving less time for deteriorative processes.

In liposomes, damage during drying and rehydration is commonly determined

as the leakage of a soluble marker such as carboxyfluorescein (CF) from the

interior of the lipid vesicles. One of the mechanisms that can lead to leakage is

the fusion of liposomes under conditions of severe water loss. In most cases, the

fusion of liposomes will be accompanied by the formation of transient pores in the

membranes, which allow soluble molecules to diffuse out of the vesicles [45,46].

Vitrification during drying will fix the position of the liposomes in the glassy matrix,

so that the close approach of vesicles necessary for fusion is prohibited. Raising

the temperature of a vitrified sample above the Tg of the system leads to in-

creased fusion and leakage from liposomes [47]. On the other hand, using sugars

with increasing Tg, such as longer-chain RFO, results in reduced liposome fusion

in the dry state, especially at elevated temperatures [48].

Disaccharides such as sucrose and trehalose are highly effective in preventing

both fusion of and leakage from liposomes in the dry state. The close linear

correlations between leakage and fusion for both sugars (Fig. 1) stress the im-

portance of fusion events for the overall severity of damage indicated by the

amount of CF leakage. It should be noted, however, that fusion decreases much

more strongly with increasing sugar concentration than leakage (Fig. 1), a fact

that has also been observed in previous studies [48–50]. This indicates that in

addition to fusion, another mechanism or mechanisms contribute to overall dam-

age, that require higher concentrations of sugar for protection. One factor that

has been recognized and analyzed in detail is the dehydration-induced increase

in the gel to liquid-crystalline phase transition temperature (Tm) of membrane

lipids. When Tm increases above the ambient temperature, the lipids will undergo

two phase transitions, one from liquid-crystalline to gel phase during drying and

the other from gel to liquid-crystalline phase during rehydration (see [3,20] for

reviews). The effects of H-bonding interactions between different parts of the

membrane lipid molecules and various carbohydrates on lipid phase transitions in

the dry state will be extensively discussed in the remaining parts of this review. It

should, however, be mentioned at this point that an alternative explanation for the

effects of sugars on lipid phase transitions has also been proposed [51,52] that

involves direct effects of vitrification of the sugar matrix on lipid phase behavior.

We will discuss this hypothesis in more detail in Section 6.
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3. INTERACTIONS OF SUGARS AND WATER WITH
PHOSPHOLIPIDS: SIMILARITIES AND DIFFERENCES

Water plays an essential role in the formation of bilayers from lipids, as the

hydrophobic fatty acyl chains are not soluble in water and are therefore driven

into aggregation by entropic forces, leaving the hydrophilic headgroups on the

outside to interact with the aqueous medium. Different parts of the lipid head-

groups interact with water through H-bonding and ensure spacing of the lipid

molecules in the liquid-crystalline state (see [53] for a comprehensive review),

which is the functional state for biological membranes. When membranes are

dehydrated, the water molecules that help to maintain this spacing between the

lipid headgroups are removed, allowing a closer approach of the lipid molecules.

This leads to an increase in van der Waals interactions between the fatty acyl

chains and to an increase in the membrane Tm by as much as 70 1C [1]. This

elevation of Tm in dry membranes is especially important if the membrane lipids

have a sub-ambient Tm under hydrated conditions, as is the case for most bio-

logical membranes. In these circumstances, Tm increases during dehydration,

which causes a phase change from the liquid-crystalline to the gel phase at

constant temperature (lyotropic phase transition). When water is added again
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Fig. 1. Correlation between CF leakage and membrane fusion after air-drying
and rehydration of EPC liposomes in the presence of different concentrations of
sucrose or trehalose. The lines were fitted to the data (mean 7 SD) by linear
regression analysis and the correlation coefficients are indicated. Data redrawn
from Hincha and Hagemann [8].
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during rehydration, Tm shifts back to the hydrated value, and the membrane

undergoes another lyotropic phase transition, resulting in transient leakage

of soluble cell contents through the membrane [54,55]. This leakage is thought to

be due to inhomogeneities in the membrane during the phase transition [56],

because of the coexistance of gel and fluid phase lipids that results in packing

defects and increased permeability [57].

In contrast, when membranes are dried in the presence of sufficiently high

amounts of trehalose or sucrose, leakage of soluble content from liposomes can

be largely prevented [47,48,59]. The water replacement hypothesis suggests that

the sugar molecules prevent the close approach of lipids through H-bonding

interactions between the sugar OH-groups and the lipid headgroups. This would

prevent the dehydration-induced increase in Tm [3] and consequently phase

transitions and solute leakage. Fourier-transform infrared spectroscopy (FTIR)

and nuclear magnetic resonance spectroscopy (NMR) have provided evidence

for such interactions between disaccharides and phospholipid headgroups (see

e.g. [8,60]). However, while such spectroscopic data are qualitatively consistent

with the water replacement hypothesis, there are some quantitative discrepan-

cies that have not been adequately addressed so far.

H-bonding interactions between either water or disaccharides and lipids have

been mostly studied at the level of the P¼O moiety of phosphatidylcholines.

Figure 2 shows typical FTIR spectra in the P¼O asymmetric stretching region of

egg phosphatidylcholine (EPC). It is apparent that both the presence of sucrose

or trehalose, or the addition of water lead to a large downfield shift of the P¼O

peak. This shift has been shown to be due to H-bonding of OH-groups to the

P¼O groups, both in the case of water [61,62] and sugars [1]. But while sucrose

and trehalose are able to depress Tm below the value in the fully hydrated state

[47,51,52,63], these sugars induce a shift in the P¼O peak that is considerably

smaller than that obtained by hydration (Fig. 2; [64]). This indicates that there is

no simple linear correlation between the extent of H-bonding to the P¼O groups

in the lipid and the lipid Tm. In fact, when small amounts of water are present

together with the sugar, there are no additive effects on Tm, but instead the water

replaces the sugar, leading to an increase in Tm compared to the dry state in the

presence of sugar [65]. Recent molecular dynamics (MD) simulations indicate

that sucrose and trehalose H-bond to the lipid P¼O even in the presence of

excess water. Under these circumstances, however, the replacement of water by

sugar OH-groups has no apparent effects on the dynamic properties of the fatty

acyl chains of the simulated PC molecules [66–68].

In addition to the P¼O moiety, the C¼O groups in diacyl lipids are potential

partners for H-bonding interactions with water [69] or sugars. Figure 3 shows

FTIR spectra in the region of the C¼O stretching vibration. It can be seen that the

C¼O peak is shifted downfield and broadened on the downfield side in the pres-

ence of water, compared to the dry membranes (compare also [19,61,62,64,70]).

There is, however, no apparent shift in the C¼O stretching band in the dry
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membranes, when samples in the absence and presence of disaccharides are

compared (Fig. 3; [8]).

It has been shown in previous studies that the C¼O stretching vibration is

composed of more than one peak and that H-bonded and nonbonded C¼O

groups may contribute to these bands [69]. H-bonded C¼O groups are indicated

by lowfield peaks, while nonbonded groups are indicated by upfield peaks. The

shift and the broadening on the lowfield side of the C¼O peak in the hydrated

state (Fig. 3) indicate that the proportion of H-bonded C¼O groups has increased

relative to the proportion of nonbonded groups, compared to the dry state. De-

convolution of these peaks also gives evidence for this shift to lower frequency

vibrations [19,70]. More detailed studies involving careful deconvolution of

the C¼O peak into its components will have to be performed to see whether any

H-bonding of the sugars to C¼O groups takes place or not. Evidence for

H-bonding of disaccharides to the lipid C¼O has been obtained for hydrated

systems both experimentally by FTIR [71], and from MD simulations [68]. It is
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Fig. 2. Interactions of sucrose and trehalose with EPC membranes. Normalized
FTIR spectra in the asymmetric P¼O stretching region are shown for liposomes
in the dry or rehydrated state. Samples were dried at 0% relative humidity for 24 h
at 28 1C. For rehydration, dry samples were incubated in closed containers over
distilled water (100% relative humidity) for 24 h at 28 1C. Samples measured in
the dry state contained either only liposomes (control dry), or liposomes in the
presence of sucrose (sucrose dry) or trehalose (trehalose dry) at a 2:1 mass ratio
(sugar:lipid). The rehydrated sample (control rehydrated) contained only lipo-
somes. Data for dry samples were taken from Hincha and Hagemann [8]. The
absorbance maxima are located at 1232 cm�1 (control hydrated), 1259 cm�1

(control dry), 1240 cm�1 (sucrose dry), 1241 cm�1 (trehalose dry).
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clear from the data shown in Fig. 3, however, that the level of H-bonding to the

C¼O groups achieved by sugars must be significantly lower than the level

achieved by water molecules. As in the case of the P¼O group there is no simple,

quantitative replacement of H-bonded water by sugar OH-groups.

Similar interactions have also been described for choline in lipid headgroups,

and water or sugars [62,70,72,73]. In this case, however, it was originally sug-

gested that no H-bonding would be possible between the choline group and OH-

groups and instead, polar interactions were postulated, without any clear physical

description [72]. Further careful analysis suggests that the interactions of water

and the choline group are indeed H-bonding interactions, where the methyl and

methylene groups of the choline act as donors in CH?OH interactions [64,73].

Since the shifts in the choline asymmetric stretching vibration determined by

FTIR are the same when water is added to dry EPC membranes, or when a

glycolipid is present in addition to EPC in the dry membranes ([70]; see also

Section 4) we suggest that the interactions of water and of sugars with the choline

group are qualitatively and quantitatively the same. Therefore, in this case, the

sugar molecules completely replace the water molecules in the appropriate H-

bonds. This is difficult to investigate with soluble sugars, because the choline

171017201730174017501760

control rehydrated

control dry

sucrose dry

trehalose dry

a
b

so
rb

a
n

ce
 (

a
.u

.)

wavenumber (cm-1)

Fig. 3. Interaction of sucrose and trehalose with EPC membranes. Normalized
FTIR spectra in the C¼O stretching region are shown for liposomes in the dry or
rehydrated state (compare Fig. 2). Samples measured in the dry state contained
either only liposomes (control dry), or liposomes in the presence of sucrose
(sucrose dry) or trehalose (trehalose dry) at a 2:1 mass ratio (sugar:lipid). The
rehydrated sample (control rehydrated) contained only liposomes. Data for dry
samples were taken from Hincha and Hagemann [8].
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asymmetric stretching vibration at about 970 cm�1 [70] strongly overlaps with

vibrations from the sugars. We are currently investigating the possibility of using

other choline vibrations in the FTIR spectrum for this purpose [61].

In conclusion, the water replacement hypothesis provides a qualitative expla-

nation of the effects of disaccharides on the phase behavior of dry membranes.

Quantitatively, H-bonding patterns, and effects of sugars and water on Tm are

not well correlated and studies at different low-sugar concentrations will be

necessary to obtain detailed quantitative information on the influence of water

replacement by sugar OH-groups on lipid phase transitions.

4. EFFECTS OF COVALENTLY BOUND SUGARS ON THE STABILITY
AND PHYSICAL PROPERTIES OF LIPOSOMES DURING DRYING

As discussed above, sugars are able to stabilize liposomes during drying, but

relatively high sugar/lipid weight ratios are needed to achieve a high degree of

protection [47,58,59]. It is possible that the concentration of sugar molecules that

are located close to the membrane surface and therefore easily interact with the

lipid headgroups, could be limiting for the protective activity of soluble sugars. A

high local concentration of sugars specifically at the membrane surface can

be achieved by incorporating either synthetic or natural glycolipids into

phospholipid membranes. The approach of incorporation of synthetic glycolipids

into phospholipid liposomes has been used by several researchers and a

stabilizing effect has been observed during freezing [74,75] or freeze-drying [76].

In all these cases, di- or trisaccharides were used as sugar headgroups, but a

polysaccharide (hyaluronan) linked to the membrane surface through a

phosphatidylethanolamine anchor has also been successfully used to stabilize

liposomes with encapsulated drugs during freeze-drying [77]. Such a stabilizing

effect has not been observed for the natural plant glycolipids digalactosyldiacyl-

glycerol (DGDG) or monogalactosyldiacylglycerol (MGDG) either during freezing

[78,79], or during air-drying [79]. Also, in some cases an increased efficiency has

been observed in the protection of glycolipid-containing liposomes by soluble

sugars during freeze-drying [76], while decreased efficiency has been observed

with different lipids during freezing [75,80]. This suggests that the functional

properties of glycolipids for the stabilization of liposomes during freezing and

drying are quite complex and will need further detailed studies to determine,

whether this approach can make a significant contribution to the preservation

technology of liposomes.

While the functional role of both synthetic and natural glycolipids in membrane

stabilization is still unclear, the physical interactions of membrane-bound sugars

with phospholipids in the dry state are much better characterized. We have

focused our research on the effects of plant chloroplast galactolipids on the

physical behavior of liposomes [19,70]. The galactolipids MGDG and DGDG

Effects of Sugars on the Stability and Structure of Lipid Membranes 197



comprise about 70–80% of the total chloroplast lipids in plants [81]. In addition,

DGDG can make up almost 50% of the lipid in the plasma membrane in severely

phosphate-starved plants [82]. DGDG is a bilayer-forming lipid with a Tm below

–30 1C in both the dry [70] and fully hydrated [70,83] states. It is highly unsatu-

rated, with mainly 18:3 fatty acids [84,85], which may contribute to the low

Tm. MGDG, on the other hand, is a nonbilayer-forming lipid that forms hexagonal

or cubic phases under all investigated conditions of temperature and hydration

(see [86] for a review). In combination with bilayer-forming lipids such as EPC,

however, it can form bilayers with a low permeability for soluble markers [79], but

with a greatly reduced physical stability during hyperosmotic stress, freezing,

or drying [78,79]. It has generally been observed for natural and synthetic lipids

that monoglycolipids tend to adopt nonbilayer phases, depending on the degree

of unsaturation of the fatty acids [87–89], while diglycolipids form stable bilayers

[90–93].

Similar to the situation for soluble sugars (see Section 3), interactions of sugar

moieties of glycolipids with the P¼O group of phospholipids have been most

thoroughly studied. Figures 4 and 5 show that the galactose groups from both

MGDG and DGDG interact with the P¼O in dry mixed EPC/galactolipid lipo-

somes. Similar to the situation for soluble sugars, these membrane-bound sugars

are not able to shift the P¼O peak to the same extent as hydration does (com-

pare panels A and B in Figs. 4 and 5). The shift is more pronounced, however, in

the digalactolipid than in the monogalactolipid, indicating that in DGDG more OH-

groups are available for H-bonding with the phospholipid than in MGDG. This

may be due to the higher number of OH-groups available for H-bonding in DGDG,

but also to the more flexible structure of the disaccharide, as compared to the

monosaccharide. It has been shown that even in fully hydrated membranes, the

DGDG headgroup is oriented almost parallel to the membrane surface, thus

increasing the possibility of interlipid interactions [94]. In the presence of excess

water, there is no difference in the position of the P¼O vibration with or without

MGDG or DGDG. Similar H-bonding interactions between phospholipids and

glycolipids have also been reported for synthetic glycolipids [95,96]. In the case of

both synthetic glycolipids and DGDG, this H-bonding was accompanied by a

decrease in the Tm of the dry membranes [70,95–97]. The effects of MGDG on

membrane phase behavior, especially in the dry state, are more complex, since it

is a nonbilayer-forming lipid [86].

The C¼O band in FTIR spectra in dry EPC was not influenced by the presence

of 50% DGDG or MGDG in the membranes, indicating that the lipid-bound

galactoses are not able to penetrate deeply enough into the membrane to interact

with the C¼O groups, but are rather completely bonded to the P¼O groups ([70]

and unpublished data). With a maltose-containing synthetic lipid, on the other

hand, interactions with the C¼O group of phosphatidylcholine were clearly

detected by Raman spectroscopy [95]. This indicates that penetration depth of a

lipid sugar headgroup into the membrane depends on structural features that may
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be related to the sugar, but also to the hydrophobic lipid part that anchors the

sugar in the membrane. Further studies will be necessary to separate the effects

of sugar and lipid structure on H-bonding interactions and membrane phase

behavior.

In the case of EPC/DGDG and EPC/MGDG mixed membranes, there was

a clear indication in the FTIR spectra of an interaction of the sugar with the

choline part of the headgroup ([70] and unpublished data), indicating H-bonding

interactions between the sugar OH-groups and the choline CH-groups (compare

Section 3).
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Fig. 4. Interactions of membrane-bound galactose with EPC. Normalized FTIR
spectra in the asymmetric P¼O stretching region are shown for liposomes in the
dry (A) or rehydrated (B) state. The membranes were composed of either pure
EPC (solid lines), or 50% EPC and 50% MGDG (dashed lines). The absorbance
maxima are located at 1250 cm�1 (EPC dry), 1232 cm�1 (EPC hydrated),
1242 cm�1 (EPC/MGDG dry), 1232 cm�1 (EPC/MGDG hydrated).
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5. STABILIZATION OF LIPOSOMES BY POLYSACCHARIDES
DURING DRYING

Polysaccharides could be expected to be good protectants for liposomes during

drying, because in the dry state, all polysaccharides that have been investigated

in this regard showed high Tg values (fructans 154 1C [37]; hydroxyethyl starch

(HES) 4100 1C [44,54]; dextran 4100 1C [51]). Therefore, they are expected to

be efficient protectants against liposome fusion in the dry state (compare Section

2). Such protection has actually been shown during air-drying for HES [54,63],

dextran, and fructan [98], and an extracellular polysaccharide (EPS) from the

100% EPC dry

50% DGDG dry

a
b

so
rb

a
n

ce
 (

a
.u

.)

A

120012201240126012801300

wavenumber (cm-1)

B

Fig. 5. Interactions of membrane-bound galactose with EPC. Normalized FTIR
spectra in the asymmetric P¼O stretching region are shown for liposomes in the
dry (A) or rehydrated (B) state (compare Fig. 4). The membranes were composed
of either pure EPC (solid lines), or 50% EPC and 50% DGDG (dashed lines).
Data redrawn from Popova and Hincha [70]. The absorbance maxima are located
at 1250 cm�1 (EPC dry), 1232 cm�1 (EPC hydrated), 1236 cm�1 (EPC/DGDG
dry), 1232 cm�1 (EPC/DGDG hydrated).
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cyanobacterium Nostoc commune [99]. Interestingly, HES did not provide any

protection from fusion to liposomes during freeze-drying [100]. This could be due

to a separation of the samples into HES- and liposome-rich domains, which would

prohibit the vitrified HES from protecting the liposomes against close approach

and the resulting fusion. However, this needs to be experimentally verified.

The polysaccharides did not, or only to a very small degree, protect liposomes

against leakage (see Fig. 6; [98] for dextran, [54,63,100] for HES, and [99] for

EPS), indicating that vitrification is not sufficient to protect liposomes during dry-

ing. The reason for this high degree of leakage could be found in the inability of

HES [54,60,63,100], dextran [101,102], and bacterial EPS [99] to depress Tm in

dry membranes. This has been related to the inability of such polysaccharides to

H-bond to the lipid P¼O groups [54,58,60,63,100]. Interestingly, mixtures of HES

and glucose, and of EPS and sucrose/trehalose have been shown to be very

efficient in preventing both leakage and fusion in dry liposome systems

[54,63,99]. The explanation in these cases is that the polysaccharides as good

glass formers protect the liposomes from fusion, while the mono- or disaccha-

rides efficiently H-bond to the lipid P¼O groups and thereby depress Tm and the

resulting leakage. It should be mentioned at this point that both sucrose and

trehalose are also good glass formers, which can prevent both leakage and
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Fig. 6. CF leakage from EPC liposomes air-dried and rehydrated in the presence
of different concentrations of sucrose, dextran, and Litesse. Litesse is a poly-
dextrose that consists of randomly bonded glucose units with sorbitol as the
chain-terminating units (Litesses UltraTM, Danisco, Copenhagen, Denmark).
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fusion in the absence of polysaccharides (see Sections 2 and 3). However, in the

presence of EPS the disaccharides are more efficient in preventing leakage dur-

ing drying, i.e. less sucrose and trehalose is needed to achieve a given degree of

protection [99]. Glucose, on the other hand, is a poor glass former and therefore

this monosaccharide alone is not able to prevent liposome fusion and the as-

sociated leakage [54,63].

The ineffectiveness of EPS, HES, and dextran to interact with lipid headgroups

in membranes could be due to steric hindrance, because of the large size of

these polysaccharides. If this were the only explanation, all polysaccharides

above a certain size limit should show the same effect. This, however, is clearly

not the case. Figure 6, for example, shows the effect of a commercial poly-

saccharide preparation (Litesses) on CF leakage from liposomes during air-

drying. It is obvious that this polysaccharide, which is a polydextrose that consists

of randomly bonded glucose units with sorbitol as the chain-terminating unit,

protects the liposomes with a higher efficiency than sucrose. Clearly, the mere

size of a molecule resulting in steric hindrance of interactions is at best one of the

factors that determines the effectiveness of a polysaccharide as a protectant

during drying. An analysis of the mechanism by which Litesses protects mem-

branes in the dry state is still outstanding and therefore it is not known yet

whether it depresses Tm and H-bonds to the lipid P¼O groups.

The class of polysaccharides that has been most thoroughly investigated with

regard to their protective effects on liposomes during drying are fructans. These

polyfructoses are biosynthetically derived from sucrose. They can be found in

many species of bacteria, fungi, and plants and are classified on the basis of their

glycosidic linkages. The linear inulins contain only b(2-1) linkages, while the

levans contain mainly b(2-6) linkages. Fructans are accumulated in many plant

species under stress conditions such as cold and drought, and may play an

important role in plant freezing and desiccation tolerance (see [103,104] for re-

views on fructan structure, biosynthesis, and function).

Both a plant inulin (from chicory roots) and a bacterial levan (from Bacillus

subtilis) have been shown to protect liposomes from leakage during freeze-drying

or air-drying [98,100]. The physical mechanisms of protection, however, may be

different for the two structural classes of fructans.

The chicory inulin is a mixture of polysaccharides with a degree of polymer-

ization (DP) between 10 and 30, corresponding to molecular masses between

approximately 1600 and 5000 [100]. During freeze-drying, the presence of the

chicory inulin in phosphatidylcholine liposome preparations reduces the degree of

leakage from the liposomes after rehydration [100]. This protective effect is re-

lated to a depression of Tm in the dry membranes by about 20 1C compared to

liposomes dried without the fructan, as judged from the temperature-dependent

changes in the CH2 symmetric stretching vibration in infrared spectra of the lipid

fatty acyl chains (Fig. 7). By FTIR it could also be shown that the inulin estab-

lishes H-bonds with the lipid P¼O, despite its large size [100]. This indicates that
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steric factors can be overcome even by large molecules to enable the insertion of

at least part of the polysaccharide into the lipid headgroup region. It was shown in

the same study that HES was not able to interact with the P¼O groups in the dry

membrane or depress Tm, under identical experimental conditions. This indicates

that the fructan has specific structural properties that this glucan does not pos-

sess. During slow air-drying, the chicory inulin provides no protection to lipo-

somes [50]. This is presumably due to the fact that the chicory inulin has a low

solubility and therefore precipitates during the slow drying process. It would then

not be available for interactions with the membrane lipids anymore. For freeze-

drying, on the other hand, the samples are rapidly frozen in liquid nitrogen, thus

immobilizing the inulin and keeping it available for H-bonding, when water is

removed during the drying process. Inulins with a lower DP (r10), which are

more soluble, do not precipitate during air-drying and provide protection to lipo-

somes [50,98]. The effects of such oligosaccharides on membrane stability are

discussed in detail in Section 6.

The levan isolated from Bacillus subtilis has a DP of about 125, corresponding

to a molecular mass of approximately 25,000 [105]. Although this fructan has a

much higher DP than the chicory inulin, it also has a much higher solubility. This

is reflected in the fact that it will not precipitate from solution during air-drying and

that it protects liposomes from leakage and fusion during drying and rehydration

[98]. It has been shown by X-ray diffraction measurements that the levan is

located between the liposomes in the dry state, thus enabling both encasement in

a glassy matrix and direct interactions with the membrane lipids [98]. In contrast
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Fig. 7. Lipid melting curves of freeze-dried EPC liposomes as determined by
FTIR spectroscopy. The wavenumber of the symmetric CH2 stretching vibration
is plotted as a function of sample temperature. The lipid gel to liquid-crystalline
phase transition temperature (Tm) is taken as the midpoint of the melting curves.
The samples contained either only EPC (control; Tm ¼ 29 1C), or EPC and chic-
ory inulin at a 1:1 mass ratio (chicory inulin; Tm ¼ 8 1C). Data redrawn from
Hincha et al. [100].
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to HES and dextran, the presence of the levan resulted in a clear depression of

Tm and increased mobility of the fatty acyl chains in the dry membranes, as

determined by FTIR and NMR spectroscopy [102]. However, no evidence for an

interaction of the levan with the lipid P¼O groups was found by FTIR, although

NMR measurements indicated a strong immobilization of the headgroup both at

the P¼O and the choline level in the presence of levan [102]. It was hypothesized

that due to the immobilization of the headgroups in the sugar glass, the spacing of

the headgroups would be kept during drying and therefore phase transitions

would be inhibited. It was suggested from MD simulations [106] and investiga-

tions of the physical properties of the levans [105] that hydrophobic interactions

may contribute significantly to the interaction of the levan with the lipids, rather

than H-bonding interactions. This would constitute a completely different mode of

action of the levan, compared to that proposed for all other sugars that had

previously been investigated.

While hydrophobic interactions may play a role in the interactions of the levan

with membrane lipids, and may also play a role in such interactions in other

sugars (see Section 7 for a more detailed discussion), we believe that H-bonding

interactions also take place between the levan and the lipid P¼O groups and that

these interactions may be important for the function of this polysaccharide as a

membrane protectant in the dry state. Figure 8 shows a comparison of the effects

of HES, levan and sucrose on the asymmetric P¼O stretching vibration in dry

dimyristoylphosphatidylcholine (DMPC) liposomes. Two important observations

can be made in this figure. On the one hand, levan clearly shifts the P¼O peak by

5 cm�1 downfield, compared to the control sample without any sugar. This is

much less than the shift induced by sucrose, but it clearly indicates H-bonding

between levan and the lipid P¼O group. Also, the peak is much broader than the

peak of the pure lipid and, similar to the situation with sucrose, the peak is

broadened on the lowfield side, indicating a more heterogeneous H-bonding

pattern in the presence of both sucrose and levan, compared to the control

situation. These data suggest that levan and sucrose both interact with the lipid

P¼O groups through H-bonding, but to quantitatively different degrees.

This point is stressed by a comparison of the effects of levan with those of

HES. HES is a polysaccharide that shows no interactions with the P¼O groups.

In fact, we found that the P¼O peak vibration increased by 5 cm�1 in the pres-

ence of HES, compared to the control samples containing only lipid. This indi-

cates that the presence of HES reduces the interactions of the P¼O groups with

other groups in the lipid molecules. This can be rationalized as follows. It has

been shown by NMR that the presence of HES in dry lipid samples leads to a

slight immobilization of the lipid headgroups [60]. This could be due to an inter-

action of the HES with the lipid choline groups. Alternatively, the presence of HES

could influence the conformation of the headgroups in other, more unspecific

ways, not involving direct interactions. It has been shown that in the absence

of any solutes, the PC headgroup is oriented almost parallel to the membrane
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surface [107–110]. This leads to H-bonding interactions between the choline and

the P¼O groups of neighboring lipid molecules in the membrane [61,111]. Similar

H-bonding interactions have also been described for choline in lipid headgroups,

and water or sugars [62,70,72,73], as discussed in detail in Section 3. When the

HES interacts with the lipid headgroups, the H-bonding interactions between the

P¼O groups and the choline groups are interrupted, leading to an increase in

the P¼O vibrational frequency, as observed in Fig. 8. Ab-initio calculations [61]

indicate that the frequency of the ‘‘totally free’’ P¼O group would be located at

about 1268 cm�1, in good agreement with our FTIR data of the dry EPC/HES

samples.

If we now compare the effects of HES and levan, which have both been shown

to immobilize the lipid headgroups in the dry state, presumably through an inter-

action with the choline group, it becomes clear that the levan has substantial
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Fig. 8. Interactions of sucrose, HES, and levan with dry DMPC liposomes. Nor-
malized FTIR spectra in the asymmetric P¼O stretching region are shown for
liposomes in the absence of sugars (control), or in the presence of a 2:1
(sugar:lipid) mass ratio of the three carbohydrates. Samples were dried for 24 h at
0% relative humidity at 28 1C. The dry samples were heated under vacuum for 2 h
to 100 1C, i.e. above the Tm of dry DMPC (70 1C; [70]), to facilitate interactions of
the sugars with the membranes. Spectra were recorded after cooling of the
samples, at 50 1C. The absorbance maxima are located at 1261 cm�1 (control),
1266 cm�1 (HES), 1256 cm�1 (levan), and 1247 cm�1 (sucrose). The levan was a
kind gift of Dr. I.J. Vereyken and was purified from Bacillus subtilis as described
[105]. The HES was a kind gift of Dr. A.E. Oliver and was dialyzed extensively
against distilled water to remove impurities before use.
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H-bonding interactions with the P¼O group, shifting the peak frequency downfield

by 10 cm�1, compared to samples in the presence of HES. On the basis of these

data, it can be proposed that the effect of the levan on Tm is due, at least in part,

to H-bonding, and that the ability of the fructan to H-bond to the P¼O group is the

decisive difference to HES, which has no influence on Tm.

6. DIFFERENTIAL STABILIZATION OF LIPOSOMES DURING
DRYING BY DIFFERENT FAMILIES OF OLIGOSACCHARIDES

In many plant species, oligosaccharides such as RFO, or fructans are considered

as protectants for cellular structures during freezing, drought stress, or seed

desiccation [103,112]. In some cases, studies with transgenic plants accumulat-

ing such sugars have provided experimental evidence for their efficacy as stress

protectants [113–115], while others found no effects [116].

To gain further insight into the physical mechanisms and structural determinants

of membrane protection by oligosaccharides, we investigated the effects of dif-

ferent structural families of oligosaccharides on liposomes during drying. One

prominent aspect of these studies is the comparison of oligosaccharides of dif-

ferent DP within the same structural family. Figure 9 shows as an example the

effect of inulins of different chain length on CF leakage from EPC liposomes after

air-drying and rehydration. It can be clearly seen that the ability of the inulins to

protect the liposomes increases with increasing DP and that the higher DP fruc-

tans are better protectants than the DP 2 inulin, i.e. sucrose. In this figure, the

differences between the different DPs are enhanced by plotting molar concentra-

tions of the sugars, instead of mass ratios between sugar and lipid. However, the

same trend is apparent when such leakage data are plotted on a mass basis [50].

This is a surprising result, because it had been suggested in other studies that

oligosaccharides show reduced protection for liposomes during drying, compared

to sucrose, and that strongly reduced protective effects can be expected above

DP 3 [63,117]. Further studies showed that this was specifically true for glucans,

while fructans and RFO showed the opposite behavior (Fig. 10; [48,50]). Also, a

cyclic inulin of DP 6 (cycloinulohexaose) showed good protection of liposomes

during freeze-drying [118], indicating that it may be structural features of the

fructose (fructan), or galactose (RFO) units, as opposed to glucose (glucan)

moieties, that determine the efficacy of oligosaccharides as membrane stabilizers

during drying. We will discuss these structural points further in Section 7.

Here, we will discuss some functional aspects of the observed differences

between the different families of oligosaccharides. Following the structure of the

earlier sections, we can divide this into effects on fusion and effects on Tm. In

general, one would expect better protection against fusion from longer

oligosaccharides, because of the expected increase in Tg (compare Section 2).

This expectation is borne out by the RFO [34,48], and the glucans (Tg values from
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Oliver, A.E. and Hincha, D.K., unpublished, and fusion data in [50]), which show

increases in both Tg and protection against fusion, with increasing DP. Protection

against fusion, however, decreases with DP in the presence of inulins [50], al-

though Tg increases with DP, albeit to a smaller degree than for the glucans

(Oliver, A.E. and Hincha, D.K., unpublished). This emphasizes our point made

earlier, that Tg may not be the most appropriate measure for the effects of carbo-

hydrate glasses on membrane stability in the dry state. More subtle structural

properties of these glasses will have to be considered, to understand the differ-

ential protection against fusion provided by these different oligosaccharides.

The effects of the sugars on Tm follow a different pattern than the effects on

fusion. All oligosaccharides depress Tm, but while the inulins lead to a slight

decrease with DP [50], the RFO lead to a slight increase [48], and the glucans to

a strong increase [50]. The shift in the spectral position of the P¼O vibration in

FTIR spectra, indicating H-bonding between sugar and lipid headgroup (compare

Section 3) shows a slight reduction for RFO and inulins, but a strong reduction for

glucans, in general agreement with the Tm data [48,50]. Vibrations stemming

from other parts of the lipid headgroup (C¼O, choline) have so far not been

investigated for effects of these oligosaccharides.
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Fig. 9. CF leakage from EPC liposomes air-dried and rehydrated in the presence
of different concentrations of fructo-oligosaccharides. The oligosaccharides vary
in the number of fructose units. A DP of 2 corresponds to sucrose and the higher
DPs correspond to sugars with additional fructose units attached by b(2-1)
linkages to the terminal fructose, leaving a glucose at one end of the molecules. It
should be noted that concentration in this figure is given on a molar rather than on
a mass basis.
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There has been some discussion in the literature [51,52,54,58,63,101],

whether the depression of Tm observed in dry membranes in the presence of

sugars is primarily due to H-bonding of the sugars to the lipid headgroups (water

replacement hypothesis), or whether nonspecific osmotic and volumetric effects

are sufficient to explain the depression in Tm. The results discussed above from

our experiments with different oligosaccharides seem to favor the first hypoth-

esis. High DP glucans, for instance, are very good protectants against fusion,

indicating that they form a stable glass around the unilamellar liposomes used in

these studies. This, however, does not lead to a strong depression in Tm, in

agreement with the small effect on the P¼O peak position in FTIR spectra. On

the other hand, inulins show less protection against fusion with increasing DP,

indicating less stable glasses around the liposomes, but increased effects on Tm.

We therefore feel that these results are more consistent with the water replace-

ment hypothesis than with the volumetric arguments of the vitrification hypoth-

esis, although a fully quantitative description of the relationship between Tm and

H-bonding still needs to be developed in the future (compare Section 3).
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Fig. 10. CF leakage from EPC liposomes air-dried and rehydrated in the pres-
ence of 10mg/ml of glucans (malto-oligosaccharides), fructans (inulins), or RFO
(raffinose family oligosaccharides). The sugars were present both inside of the
liposomes and outside. CF leakage is plotted as a function of the degree of
polymerization (DP) of the different oligosaccharides. Within one family the
members of different DP vary in the number of glucose (glucans), fructose (fruc-
tans), or galactose (RFO) units. Data were partly adapted from Hincha et al.
[48,50].
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7. STRUCTURAL CONSIDERATIONS FOR THE STABILIZATION OF
LIPOSOMES DURING DRYING BY OLIGO- AND
POLYSACCHARIDES

An interesting and surprising aspect of our recent work on the effects of

oligosaccharides on liposome stability in the dry state is the strong influence of

the chemical nature of the monosaccharide moieties on protection and interaction

potential, as opposed to pure size (DP) effects (see Section 6 for details). These

data suggest that specific structural features of the different oligosaccharide

families determine their effects. This may also be true for the structurally even

more complex polysaccharides (Section 5). Recent work on oligosaccharides

suggests that such molecules may possess relatively defined and stable struc-

tures in aqueous solution [119]. There are various levels at which the structure of

oligosaccharides could differ and thereby influence the interactions with mem-

brane surfaces. These could include different degrees of structural flexibility

around the glycosidic bonds, chair-boat conformational transitions, and differ-

ences in exposed hydrophobic surface area that might facilitate interactions with

membrane lipids. We should of course emphasize at this point that any data that

have been obtained from oligosaccharides in dilute solution can only give us hints

at what differences may be present during the drying process when a large part of

the water has been removed. It seems quite likely that under such conditions

additional stresses act on the oligosaccharide molecules and may force confor-

mational transitions that are not readily observed in the fully hydrated state.

Evidence for this hypothesis comes from MD simulations that show large differ-

ences in oligosaccharide structure between gas phase and solution, and indicate

a major influence of H-bonding interactions between water and sugars on

oligosaccharide structure [120–122].

The oligosaccharides we have investigated so far have as their basic building

blocks either fructose, which may be linked by b 2-1 (inulin) or by b 2-6 (levan)

glycosidic linkages, glucose with an a 1-4 linkage (malto-oligosaccharides), or

galactose with an a 1-6 linkage (RFO). Therefore, both the structures of the

monosaccharide units and their different linkages may have an influence on the

structure and membrane interaction potential of the different oligosaccharide

families.

For fructans, specific secondary structures have been proposed. For inulin,

both a helical structure [123,124] or a random coil structure [106] were postu-

lated, while for levan also a helical structure has been proposed [106]. In general,

however, it is assumed that oligosaccharides have no defined secondary struc-

ture and rather have random and rapidly changing conformations in aqueous

solution.

While the type of glycosidic linkage will certainly have an effect on the mech-

anical properties of sugars, there are no simple rules to link the two properties.
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1-6 linked oligosaccharides are considered to be structurally, highly flexible

[125]. However, different b 1-4 linked polysaccharides vary in their mechanical

properties and bond flexibility between highly rigid (e.g. chitin, cellulose)

and highly flexible (e.g. xylan, hyaluronan) [121], indicating that depending on

other structural features, the same glycosidic bond can result in opposite me-

chanical properties for different saccharides. An additional degree of flexibility is

inherent in most sugars from the ability for transitions between boat and chair

conformations. These conformational transitions have been investigated using

atomic force microscopy (see [126] for a review) and it has been shown that

different oligosaccharides require different amounts of energy for such transitions

[127–130]. It is unclear, whether such transitions also occur during drying, but the

forces that act on the solute molecules during drying may be big enough to force

such conformational transitions, at least in some oligo- and polysaccharides.

It has been suggested that sugars, although they are usually highly soluble in

water, nevertheless have hydrophobic properties. These are brought about by the

fact that many sugars form planar, rigid rings with a CH-rich hydrophobic plane on

one side and an OH-rich hydrophilic plane on the other side [131]. This hydro-

phobicity has been quantified as the ration of hydrophobic to hydrophilic surface

area, or hydrophobic index (HI) [132]. It has been shown that there is a close

correlation between the HI of a sugar and its effect on lipid Tm in systems of low

water content [133]. This would indicate that hydrophobic interactions play an

important role in determining the effectiveness of at least simple sugars

on membrane behavior at low hydration. Unfortunately, these studies have

so far not been extended to more complex oligo- and polysaccharides. It can,

however, be assumed that for such larger molecules, more complex behavior

would be observed, that would be the result of several different properties and

structural constraints. This will have to be elucidated, if we are to understand the

differences in the protective properties of different saccharides for membranes

during drying.
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[84] D. Klaus, H. Härtel, L.M. Fitzpatrick, J.E. Froehlich, J. Hubert, C. Benning,
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Abstract

With the invention of the atomic force microscope (AFM) it became possible to image lipid

bilayers at a high resolution in natural environment. Therefore, they have to be adsorbed to

a solid support. The structure of solid-supported lipid bilayers can be studied – in some

cases at molecular resolution. Phenomena such as two-dimensional phase separation and

the formation of lipid rafts were imaged in real time. By taking force-versus-distance curves

it is possible to measure local mechanical properties and to determine the interaction

between lipid bilayers and thus study vesicle fusion and related phenomena.
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ABBREVIATIONS OF LIPIDS

DAPC 1,2-Diarachidoyl-sn-glycero-3-phosphocholine
DGDG Digalactosyldiglyceride
DLPC 1-Palmitoyl-2-linoleoyl-sn-glycero 3-phosphocholine
DLPE 1,2-Dilauroyl-sn-glycero-3-phosphoethanolamine
DMPC 1,2-Dimyristoyl-sn-glycero-3-phosphocholine
DMPE 1,2-Dimyristoyl-sn-glycero-3-phosphoethanolamine
DMTAP1,2-Dimyristoyl-3-trimethylammonium-propane
DODABDimethyl-dioctadecylammonium bromide
DOPC 1,2-Dioleoyl-sn-glycero-3-phosphocholine
DOPE 1,2-Dioleoyl-sn-glycero-3-phosphodylethanolamine
DOPS 1,2-Dioleoyl-sn-glycero-3-phospho-L-serine
DOTAP1,2-Dioleoyl-3-trimethylammonium-propane chloride
DPPC 1,2-Dipalmitoyl-sn-glycero-3-phosphocholine
DPPE 1,2-Dipalmitoyl-sn-glycero-3-phosphoethanolamine
DPTAP 1,2-Dipalmitoyl-3-trimethylammonium-propane
DSPC 1,2-Distearoyl-sn-glycero-3-phosphocholine
DSPE 1,2-Distearoyl-sn-glycero-3-phosphoethanolamine
MGDG Monogalactosyldiacylglycerol
PLPC 1-Palmitoyl-2-linoleoyl-sn-glycero-3-phosphocholine
POPC 1-Palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine
POPE 1-Palmitoyl-2-oleoyl-sn-glycero-3-phosphoethanolamine
POPG 1-Palmitoyl-2-oleoyl-sn-glycero-3-(phospho-rac-(1-glycerol))
POPS 1-Palmitoyl-2-oleoyl-sn-glycero-3-phospho-L-serine
SOPG 1Stearoyl-2-oleoyl-sn-glycero-3-(phospho-rac-(1-glycerol))
SpM Sphingomyelin

1. INTRODUCTION

With the invention of the atomic force microscope (AFM) in 1986 by Binnig et al.

[1], it became possible to analyze the structure of lipid bilayers and biological

membranes with a high resolution in aqueous electrolyte [2]. When the AFM was

first applied to image lipid bilayers the aim was to solve the molecular packing

structure. Therefore, lipids below their phase transition temperature were

prepared by Langmuir–Blodgett (LB) transfer and imaged in aqueous medium.

Weisenhorn et al. [3] analyzed bilayers composed of a first monolayer made of

cadmium arachidate plus a second layer of cadmium arachidate or dioctadecyldi-

methylammonium bromide (DODAB). Zasadzinski et al. [4] deposited bilayers of

dimyristoylphosphatidylcholine (DMPE). In both cases, the molecular packing

was revealed. These are the first molecularly resolved images of lipid bilayers in

their natural environment. Imaging in native medium was a significant step for-

ward and complemented ‘‘classical’’ techniques such as electron microscopy,

light microscopy, and X-ray scattering.
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In general, the AFM is a tool to image the topography of surfaces. For imaging,

the sample is scanned underneath a tip, sometimes called ‘‘probe’’, which is

mounted to a cantilever spring. The sample is scanned by a piezoelectric scanner.

While scanning, the force between the tip and the sample is measured by moni-

toring the deflection of the cantilever. To get a topographic image of the sample,

the deflection of the cantilever versus its position on the sample is plotted. Alter-

natively, it is possible to plot the height position of the scanner. In this case, the

height is controlled by a feedback loop, which maintains a constant force between

tip and sample. Image contrast arises because the force between the tip and

sample is a function of both tip–sample separation, and the material properties of

the tip and sample. To date, the AFM was used in most applications to image

surface topography in the contact mode. In this mode image contrast is obtained

from the very short-range repulsion, which occurs when the electron orbitals of tip

and sample overlap (Born repulsion). However, further interactions between tip

and sample can be used to investigate material properties on a nanometer scale.

Soon after the invention of the AFM, it was realized that valuable information

about surfaces can be obtained by taking force-versus-distance measurements

[5,6]. These measurements are usually known as ‘‘force measurements’’. Force

measurements with the AFM were first driven by the need to reduce the total

force between tip and sample in order to be able to image fragile, biological

structures [7,8]. Therefore, it was obligatory to understand the different compo-

nents of the force. Nowadays, most force measurements are done by surface

scientists, electrochemists, or colloidal chemists who are interested in surface

forces per se. Short [9] or comprehensive [10] reviews about surface force

measurements with the AFM have been published.

In this contribution we first describe how an AFM works, which are the main

components, the technical limitations, and we mention important aspects of the

resolution. Then, results obtained with the AFM on solid–supported membranes

are highlighted. We focus on lipid bilayers rather than dealing with biological

membranes containing proteins. Excellent reviews on the imaging of membrane

proteins and structure have appeared [11–13]. Only few, however, focus on lipid

bilayers and highlight the physicochemical aspects [14,15] rather than protein

structure. Sample preparation, a prerequisite for any good AFM experiment, is

described next. To learn more about the properties of lipid bilayers, force expe-

riments have become more and more popular during the last years. They are

described in the last section.

2. THE ATOMIC FORCE MICROSCOPE

2.1. Components and principle

The basic components of an AFM are the tip attached to a cantilever, a piezo-

electric scanner to position and move either the sample or the tip, a system to

Atomic Force Microscopy of Lipid Bilayers 221



detect cantilever deflection, and the electronics with a computer to provide a

feedback loop, for data storage, and for the analysis of results (Fig. 1). We start

our discussion with the tip. The end of the tip is usually in mechanical contact with

the sample. The quality of the tip and the mechanical properties of the cantilever

determine the behavior of an AFM. Tip and cantilever are usually made using

microfabrication techniques from materials such as silicon or silicon nitride. Tip

properties are described below when discussing resolution.

Essential for the information provided by AFM experiments are the mechanical

properties of the cantilever. Cantilevers should have a high resonance frequency.

A high resonance frequency reduces noise and it allows for fast scanning.

For a rectangular cantilever the resonance frequency is given by

v ¼ 0:162 � d=L2 �
ffiffiffiffiffiffiffiffiffi

E=r
p

, where d is the thickness of the cantilever, L is its

length, E is Young’s modulus of the material, and r is the density. High resonance

frequencies are obtained by making cantilevers short. Short cantilever also pro-

vides a high sensitivity at a given deflection. At the same time cantilevers should

be soft and have a low spring constant to allow imaging at low force. The spring

constant of a rectangular cantilever is given by K ¼ Ewd3=ð4L3Þ, where w is the

width of the cantilever. To obtain a low spring constant, the cantilever should be

long. Both requirements – high-resonance frequency and low spring constant –

are achieved by making cantilevers as small as possible.

Fig. 1. Schematic of an atomic force microscope. On the right, scanning electron
micrographs show a cantilever (top) and a tip (bottom) in more detail. The tip,
which in operation points downwards to the sample, is pointing toward the ob-
server (top) and upwards (bottom). The picture was taken from Ref. [16].
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When imaging in liquids – and lipid bilayers can only be imaged in liquids – the

resonance frequency is typically a factor 5–10 lower than in air or vacuum [17].

This is due to the hydrodynamic drag experienced by a moving cantilever [18]. It

is a severe drawback because it limits the scanning velocity and also makes

imaging in tapping mode difficult.

Typical commercial cantilevers are 100–200 mm long, 0.5–2 mm thick and

10–30 mm wide. Usually, they are produced with a rectangular cross-section or

V-shaped to minimize torsion. Resonance frequencies are typically 5–300 kHz in

air. Recently, several research groups made significant progress in designing and

using smaller cantilevers. This not only involves a refined fabrication process for

the cantilevers but also requires a perfect alignment and focusing of the optical

system and a fast electronic and data recording system [19].

A less critical component is the piezoelectric scanner. Piezoelectric scanners

and control electronics of sufficient quality are commercially available. Different

configurations are possible. Usually, the sample is scanned in xy-direction and

also the height of the sample is adjusted by the xyz-scanner. In some instru-

ments, tip and cantilever are scanned and the sample is fixed. This is, for ins-

tance, the case when the sample is mounted on an inverted light microscope.

Also combinations are possible in which the sample is scanned but the height of

the cantilever is controlled.

In order to measure the up and down movements of the tip, a laser beam is

focused on to the back of the cantilever. From there, the laser beam is reflected

toward a position sensitive photodetector. If the cantilever moves, the position of

the reflected beam changes. With the help of the photodetector this change is

converted into an electrical signal. An electronic feedback control keeps the

cantilever deflection constant by adjusting the z-position of the sample. This

height information of the sample is finally plotted versus the xy-position and

a topographic picture of the sample surface is obtained. Since the deflection of

the cantilever and thus the force applied by the tip to the sample remains con-

stant, this mode is referred to as ‘‘constant force mode’’. Alternatively, the feed-

back loop is kept slow so that it only regulates the average height of the sample.

Then small features deflect the cantilever. The deflection is plotted versus

the lateral position on the sample. In this case, the force changes but the height

remains relatively constant. For this reason this mode is called ‘‘constant

height mode’’.

2.2. Resolution

If we think of tip and sample as non-deformable continuous solids with no inter-

action except the hard-core repulsion, it is obvious that the tip geometry deter-

mines the resolution. The main basic parameter to describe tip geometry is the

radius of curvature of the tip. Different methods have been devised to measure

this tip radius. One possibility is to image the end of the tip with a scanning
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electron microscope. Practically, the resolution is limited by charging effects to

typically 5–10 nm.With a transmission electron microscope the shadow of a tip

can be imaged, and the tip radius at least in one direction can be obtained

[20,21]. This method requires the design of suitable cantilever holders. An alter-

native method is to use the tip and image a very sharp structure, where the edges

are even sharper than the tip itself. From these images the tip radius is obtained,

or at least an upper limit of the tip radius. Gratings with sharp protrusions are

commercially available for this purpose.

In reality, the tip is not a perfect continuous solid and there are several aspects

to be considered. First, tip and in particular the sample can and will deform. This

might sound surprising because the force between tip and sample is low; typical

forces range between 0.1 and 1 nN. It is even lower than the force required to

break a single covalent bond of typically 1–10 nN. The pressure underneath the

tip, however, can reach several thousand atmospheres because the contact area

is so small. This can lead to deformation or even destruction of organic and

biological structures.

A second aspect is the roughness of the tip on the atomic scale and the range

of the effective interaction forces. When it comes to resolution on the nanometer

or subnanometer scale, the tip radius is certainly not sufficient to describe its

behavior anymore. Single atoms or groups of atoms might protrude from the

mean structure and make a significant contribution to an image. In other words:

Depending on the length scale of the relevant interaction and the structure in-

vestigated, different radii of curvature are effective. From the image of the mem-

brane protein bacteriorhodopsin, Müller et al. [22] for example deduced an

effective tip radius of few nanometers, which is significantly lower than a tip radius

determined by electron microscopy.

A third aspect, often neglected, is surface layers of adsorbed material. No

surface except a freshly cleaved surface in UHV is clean and even then only for

several minutes. There is always adsorbed material such as water or hydrocar-

bons. The adsorption depends sensitively on the medium. In air, for example,

water tends to adsorb to hydrophilic surfaces. In water, on the other hand, hydro-

carbons are driven toward interfaces. Adsorption is also influenced by the chem-

ical nature of the tip and sample surface and it is by this effect that identical

topographic structures of different chemical composition can lead to different

images. Depending on the force and the strength of adsorption, one might image

the real solid surface, or the adsorbates, most likely something in between. Thus,

to understand an AFM image not only the topography of sample and tip is im-

portant but also the deformability and possible adsorbed materials have to be

considered.

The resolution obtained is often judged by features resolved in an image. Here

we have to distinguish two cases. When crystalline samples are imaged, often

periodicities with a period much smaller than the radius of curvature of the tip are

resolved. Solid crystal surfaces can often be imaged with ‘‘atomic resolution’’,
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which in fact means that periodicities of atomic spacing are reproduced. It is

much more difficult to resolve defects and non-periodic features. Therefore, it is

necessary to specify whether single features or periodicities are meant when

reporting a resolution.

2.3. Imaging modes

In most applications of biological substances in aqueous medium the AFM is

used to image surface topography in the contact mode. In contact mode, the tip of

the AFM is continuously in actual contact with the sample surface. Image contrast

is obtained from the very short-range repulsion, which occurs when the electron

orbitals of tip and sample overlap (Born repulsion). To be able to adjust the force

applied by the tip to the sample cantilevers with relatively low spring constants of

typically 0.01–0.2 N/m are used.

One risk in atomic force microscopy is the destruction of fragile objects. A way

to avoid deformation of fragile objects is to use the so-called tapping mode. In

tapping mode, the cantilever is vibrated at its resonance frequency. In most

applications this vibration is initiated by a piezo, which is included in the cantilever

holder. This is called ‘‘acoustic tapping’’. Alternatively, the cantilever is coated

with a magnetic material and an oscillating magnetic field causes the vibration

[23]. Unfortunately, cantilevers with magnetic coating are difficult to manufacture

and are therefore expensive. At the end of the cantilever, where the tip is, the

vibration amplitude is typically 1–10 nm.When we approach the surface with such

a vibrating cantilever, at some point the amplitude will decrease, simply because

the tip starts to hit the surface. Instead of scanning the surface at constant

deflection or constant height, we scan at constant reduction of the vibration ampli-

tude. As a result, most of the time the tip is not in actual contact with the surface

(Fig. 2). It just taps the surface for a short time at intervals given by the resonance

frequency. Cantilevers for tapping mode have high spring constants of the order

of 10–50 N/m to reach a high resonance frequency.

The tapping mode is often less destructive than the contact mode because the

contact time is very short and shear is prevented. In addition, we can get in-

formation about the local mechanical properties such as the elasticity [24,25].

Fig. 2. Actual movement of the AFM tip with respect to the sample in the stand-
ard contact mode and in the tapping mode. The picture was reproduced from
Ref. [16].
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Disadvantages of the tapping mode are the slightly lower resolution and the fact,

that the resonance peak is broad in liquid media.

3. FORMATION OF SOLID-SUPPORTED LIPID BILAYERS

To prepare lipid bilayers for AFM studies two methods usually are applied: The

LB technique and spontaneous vesicle fusion [26]. In very few cases the Lang-

muir–Schäfer method [27] was used. It is not further described here.

3.1. Langmuir–Blodgett transfer

Lipid monolayers can be transferred layer-by-layer onto solid substrates by the LB

technique (Fig. 3) [28,29]. This is done with a film balance, also called a Langmuir

trough. The modern version of a film balance consists of a temperature-controlled

trough, which contains the aqueous medium, called ‘‘subphase’’. Lipids are not (or

only weakly) soluble in water and go to the surface, where they form a monolayer.

Through a movable barrier the film balance allows to adjust the density of mol-

ecules on the aqueous surface by compression or expansion of the film.

If the barrier could move freely, it would drift in the direction of the liquid with

higher surface tension. In this way the system is able to reduce its entire free

energy. We could imagine that this movement is caused by a so-called film

pressure. The film pressure p is defined as the difference between the surface

tension of the bare aqueous medium g0 and the surface tension of the subphase

Fig. 3. Langmuir–Blodgett transfer of lipid monolayers from water onto a solid
substrate. The picture was reproduced from Ref. [16].
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in the presence of lipids g: p ¼ g0 � g The film pressure is determined by the

Wilhelmy plate method, which usually contains a piece of absorbent paper

hanging into the aqueous subphase. The force acting on this piece of paper

having a width l is 2lg. By measuring this force the surface tension and thus the

film pressure can be determined. If we compress a surfactant film on water we

observe that the surface tension decreases and the surface pressure increases.

To deposit a lipid bilayer onto a hydrophilic substrate such as a silicon wafer or

mica one proceeds as follows (Fig. 3):

– First, the lipid is dissolved in a solvent, which evaporates easily and is not

miscible with water (usually chloroform). After the hydrophilic solid substrate

has been moved into the aqueous subphase, drops of the lipid-containing sol-

vent are set carefully onto the water surface between the movable barriers by a

syringe (‘‘spreading’’). After solvent evaporation the monolayer is compressed

to the desired pressure, typically some 20–40 mN/m.

– The hydrophilic substrate is moved continuously out of the water subphase at

constant film pressure. During the upstroke the monolayer is transferred onto

the wafer with the headgroups oriented toward the solid substrate and the alkyl

chains exposed to the air. This renders the hydrophilic solid surface hydro-

phobic. Thereby, the surface energy of the solid surface decreases from typ-

ically 0.05 to 0.02–0.03 J/m2.

– Then the substrate is moved into the subphase again. Another monolayer is

deposited onto the first monolayer. The alkyl chains are oriented toward the

solid substrate in a ‘‘tail-to-tail’’ configuration. As a result, a lipid bilayer is

formed. This has to be kept in water all the time. Otherwise, it is immediately

destroyed since the hydrophobic effect, which holds the bilayer together, does

not exist in air.

In this way, lipid bilayers can be formed from a large variety of lipids. The

density of molecules in a monolayer can be adjusted by choosing the appropriate

film pressure. A possible drawback is that in some cases it is difficult to produce

homogeneous films covering a large area. This, however, is not a severe limi-

tation in AFM studies because inhomogeneities are usually spaced more than

several micrometers and are easily detected.

3.2. Vesicle fusion

Vesicle fusion provides a technique, which is easy to handle and which leads to

spontaneous formation of a bilayer in the liquid cell of the AFM. Brian and

McConnell [30,31] were the first to use vesicle fusion to form a lipid bilayer on a

solid surface. They observed that vesicles of phosphatidylcholine spontaneously

adsorb, spread, and form a bilayer on glass. Meanwhile, vesicle fusion has been

observed on several solid surfaces such as silicon oxide [32–37], silicon nitride

Atomic Force Microscopy of Lipid Bilayers 227



[37,38], glass [39], alumina [40], titanium oxide [37,41], mica [42,43], platinum

[37], gold [37], and some thiol-coated gold surfaces [43,44,45]. Only lipids in their

fluid state can be used for spontaneous vesicle fusion. For lipids, which are in

their gel phase at room temperature, vesicle fusion is enhanced by heating to

temperatures above the phase transition temperature. Depending on the subst-

rate, the lipid, the pH, and salts present in the solution the lipids are able to diffuse

laterally and a molecular layer of water is entrapped or the lipid molecules are

laterally immobile [46].

Formation of a continuous lipid bilayer on a solid support involves several steps

[47]. Initially, the vesicles diffuse to the solid substrate and adsorb. The adsorp-

tion kinetics has been modelled by Zhdanov et al. [48]. Depending on the subst-

rate, the chemical nature of the lipids, the pH, and salt concentrations vesicles

remain intact and do not spread or form a planar bilayer [49]. In particular, diva-

lent cations influence vesicle adsorption [47,50]. A certain critical coverage of

adsorbed vesicles is required before spreading sets in [37]. Then the vesicles

rupture or may fuse with each other before they can rupture [51,52]. In either

case, lipid bilayer discs are formed. The top bilayer of the ruptured vesicles rolls

or slides over the bottom bilayer [53] and the solid-supported bilayer grows

[54,55]. Eventually the discs coalesce to form a continuous layer.

4. IMAGING LIPID BILAYERS

4.1. Formation of solid-supported bilayers by vesicle fusion and
changes in bilayer shape

AFM studies have significantly contributed to our understanding of the process of

vesicle fusion on solid surfaces [43,56] because it is the only tool to study the

process in situ with a high resolution. In one of the early studies Egawa and

Furusawa [57] observed the first stages of vesicle fusion on mica: The vesicles

adsorb, flatten, and rupture. They observed a difference between

phosphatidylcholine (PC) and phosphatidylethanolamine (PE). With PE vesicles

the second bilayer remained intact and two bilayers are typically formed while for

PC the second bilayer slided over the first to adsorb to empty places on the mica

surface resulting in one homogenous bilayer. The rate of bilayer formation inc-

reased with the salt and the vesicle concentration. The authors relate this to the

different hydration degree of the headgroups. The same process was observed

by Leonenko et al. [43] for dioleoylphosphatidylcholine (DOPC) on mica. The

presence of the polypeptide gramicidin in the vesicle did not change the process.

Jass et al. [53] observed vesicle fusion even in more detail using tapping mode

and proteoliposomes made of a mixture of dipalmitoylphosphatidylcholine

(DPPC), dipalmitoylphosphatidylethanolamine (DPPE), dipalmitoylphosphatidyl-

glycerol (DPPG), cholesterol and an acetylcholine receptor (Fig. 4): After
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adsorption, the vesicles flatten from the outer edges toward the center until the

two bilayers are stacked on top of each other. Then the top bilayer rolls or slides

over the bottom bilayer, the adjacent edges join so that a larger membrane patch

is formed. Calcium increases the rate of the process so that above a calcium

concentration of 4 mM the intermediate stages could not be imaged anymore.

The fusion process of two spherical patches on mica was observed by

Muresan and Lee [58] who imaged egg-PC membrane patches after vesicle

fusion in tapping mode in the presence of 10–30 mM MgCl2. After the patches get

Fig. 4. Sequence of AFM images showing proteoliposome flattening, rupture,
and spreading on a hydrophilic silica surface. Images were taken in Tris-HCl/
NaCl buffer in tapping mode. Images were kindly provided by G. Puu [53].
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into contact they merge and after typically 10min, one rounded, circular patch is

formed. As the driving force they identified the line tension. The line tension is the

energy per unit length for the formation of an edge of a bilayer patch. Assuming

reasonable values for the diffusion of lipid molecules they calculated a line ten-

sion of 10�18 N. This is much higher than theoretically estimated values of the

order of 10�10 N, so that additional factors not yet identified have to be con-

sidered.

Recent studies in the subject involve the use of complementary techniques like

the quartz crystal microbalance (QCM) [59]. With the QCM the adsorbed amount

can be measured with a time resolution in the range of 1 s. Therefore, it provides

additional information complementing the detailed structural information obtained

with the AFM [56,60].

4.2. Phase separations in lipid mixtures

Lipid phase separation phenomena are likely to play an important role in the

lateral organization of biological membranes and as such in the function of

membrane proteins. Phase changes and phase separation have extensively

been studied in monolayers at the air–water interface using optical techniques

such as fluorescence and Brewster angle microscopy. These studies are limited

to structures, which are larger than the wavelength of light. Using the AFM, they

could be extended to smaller sizes, although only on monolayers, which have to

be transferred to a solid support [61,62]. Using the AFM, however, phase sep-

aration could also be studied on whole bilayers and at a small scale.

Hui et al. [63] and Dufrêne et al. [64] analyzed phase separation of bilayers with

the AFM. Their films were prepared by LB transfer of a first monolayer of di-

stearoylphosphatidylethanolamine (DSPE) onto mica followed by a second

monolayer of a mixture of DSPE and dioleoylphosphatidylethanolamine (DOPE).

Although DSPE (18:0) and DOPE (18:1) have the same chain length the un-

saturated carbon bond is enough to induce the formation of different domains.

Domains are recognizable not only on topographic images but also by friction

analysis and the measurement of the adhesion force. DSPE domains of typically

few microns diameter are higher and show a lower friction and adhesion than the

surrounding DOPE matrix.

Tokumasu et al. [65] took advantage of the high resolution of AFMs. They

studied mixed bilayers on mica from dilauroylphosphatidylcholine (DLPC),

DPPC, and cholesterol. They observed DPPC-rich domains of 26–46 nm exten-

sion, which increased in the presence of cholesterol to 33–48 nm.In a further

study, they added fluorescent lipid analogs and correlated topographic AFM im-

ages with optical images obtained with a near-field scanning optical microscope

(NSOM) [66]. In both studies, the lipid bilayers were formed by spontaneous

vesicle fusion. Tokumasu et al. were, however, not the first ones to correlate
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topographic structure with the distribution of fluorescently labelled markers. In a

thorough study, Burns [67] combined AFM and confocal fluorescence microscopy

to study DPPC/DOPC lipid bilayers. DPPC tends to form gel domains while

DOPC-rich phases are disordered.

At molecular resolution Valdre et al. observed a phase separation in mixtures

of PLPC and cardiolipin (tetra-acyl-diphosphatidyl-glycerol) [68]. These lipids are

theoretically predicted to phase separate because of a difference in chain length

(hydrophobic mismatch). The authors were able to observe the packing structure

of the lipids with molecular resolution. Based on these images they could dis-

criminate different phases and, in combination with NMR experiments, confirm

the theoretical prediction.

To make phase separations better detectable Kaasgaard et al. [69] labelled

dipalmitoylphosphatidylethanolamine (DPPE) with biotin. They added 0.7mol%

of labelled lipid to a mixture of DPPC and diarachidoylphosphatidylcholine

(DAPC) and transferred bilayers to mica by LB transfer. DPPC and DAPC phases

separate with the labelled DPPE partitioning into the DPPC phase. After addition

of the protein avidin, which binds specifically to biotin, the DPPC phase could be

clearly identified by an increase in height of 6 nm.

4.3. Temperature-induced phase changes

Phase changes can be induced by cooling a lipid bilayer below its melting tem-

perature. At the melting temperature even in a one-component lipid bilayer two

phases exist. The AFM is in this case a useful tool to show intermediate stages

during phase transitions while the temperature is changing. McKierna et al. [70]

studied for example, the process of nucleation and growth of domains when the

temperature of a dipalmitoyltrimethylammoniumpropane (DPTAP) or a dim-

yristoyltrimethylammonium-propane (DMTAP) bilayer formed by vesicle fusion on

mica was cooled below its melting temperature. Fractal structures were formed in

DPTAB, whereas in DMTAP domains were elongated and triangular. The cooling

rate and salt concentration affected the shape and size of domains. By adding a

fluorescent label, AFM images could be correlated with images obtained by fluo-

rescence microscopy.

Usually the fluid and gel phases differ in their two-dimensional packing density.

Without providing some reservoir in the form of vesicles in the liquid cell when

cooling a bilayer below the phase transition temperature, the density of the mole-

cules increases and defects occur. The resulting evolution of defects and holes

was observed by Xie et al. [71] for dimyristoylphosphatidylcholine (DMPC) on

mica. Tokumasu et al. [72] not only observed phase changes depending on

temperature but also studied the effect of the incubation time. Depending on how

long mica was exposed to a suspension of DMPC, bilayers or multilayers are

formed.
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Phase changes in mixtures are usually accompanied with a change in the

composition of the two phases. These phase changes can take hours to be

completed. One example is mixtures of DMPC and distearoylphosphatidylcholine

(DSPC), which have been extensively studied and the phase diagram is well

known. Giocondi et al. [73] analyzed equimolar mixtures of the two lipids and

could clearly observe the fluid-to-gel transition. The fluid DMPC enriched phase

and the DSPC enriched gel phase could be distinguished because the gel phase

protrudes E1nm from the fluid phase. Such a visible domain growth allowed

them also to determine growth rates of domain sizes and compare them to the-

oretical predictions. In a mixture of DOPC/DPPC (3mol:1mol), they could quan-

titatively follow the growth of gel domains when cooling below the fluid-to-gel

transition temperature [74]. The area of an average gel domain A increased with

time t proportion to A / t2=3 after quenching the temperature well below the phase

transition temperature. It is not proportional to the circumference because the two

monolayers are coupled and are forced to grow simultaneously.

4.4. Ripple phase

Phosphatidylcholines can form ripple phases, denoted Pb0, as an intermediate

phase between the gel phase and the fluid phase [75]. This ability is attributed to

the molecular characteristics of the headgroup region. The ripple phase appears

below the main phase transition temperature and above the so-called pretran-

sition temperature. Outside of the ripple phase the bilayer is planar, whereas

within the ripple phase the membrane adopts a characteristic structure of parallel

lines with a defined periodic spacing of 10–30 nm.To gain insight in the melting of

lipid mixtures the temperature-dependent formation of the ripple phase was in-

vestigated by Kaasgaard, Leidy et al. [76,77] for DPPC and DMPC/DSPC bilay-

ers on mica (Fig. 5).

The bilayers of Kaasgaard, Leidy et al. were formed by vesicle fusion and they

were symmetric. Czajkowsky et al. [78] studied asymmetric bilayers formed by LB

transfer. They found that bilayers with DPPC or DSPC in one and POPG, SOPG,

or POPE in the second leaflet form the ripple phase at room temperature. Thus,

the conditions for ripple phase formation are different than the conditions for

symmetric bilayers, indicating a coupling between the two leaflets.

Molecular interactions between lipid molecules account for their ability to exist

in various phases, that are distinguishable by packing order and fluidity. These

interactions and thus the phases can be influenced by other molecules. Mou et al.

[42] find that a common buffer, tris(hydroxylmethyl)aminomethane (C4H11NO3),

can reversibly induce the formation of a ripple phase in 1,2-dipentadecanoyl-sn-

glycero-3-phosphatidylcholine bilayers. Czajkowsky et al. [78] also found that the

presence of phosphate and sodium in the buffer is required to induce a ripple

phase in their asymmetric bilayers.
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4.5. Lipid rafts

In biological membranes, the lipids are not perfectly and homogeneously mixed

but they are organized. This lateral organization probably results from a prefer-

ential packing of sphingolipids and cholesterol into moving platforms, called rafts,

onto which specific proteins attach within the bilayer. Over the last years, the

research done on lipid rafts and their formation in lipid bilayers increased rapidly

due to their importance for cellular processes inside and outside of the cell [79].

Lipid rafts are domains in membranes that are predominantly enriched in

sphingolipids and in cholesterol, since the latter prefers sphingolipids over

phospholipids. One of the characteristic properties of lipid rafts is that they are

insoluble to non-ionic surfactants, such as Triton X-100.

Rinia et al. [80] imaged solid-supported bilayers from a mixture of

sphingomyelin (SpM)/DOPC/cholesterol. They could clearly observe domain for-

mation of solid SpM cholesterol rich domains and fluid domains of DOPC. The

fluid domains are extractable with Triton X-100 and the solid domains remain as

detergent-resistant patches. When replacing SpM by DPPC the domains become

very small [81]. While with SpM solid domains extend over typically few 100 nm,

in the presence of DPPC domain sizes are in the order of few 10 nm. Rinia et al.

could interpret their results by assuming that cholesterol interacts preferentially

with SpM rather than DPPC.

Since lipid rafts are thought to be part of signalling pathways across mem-

branes the enrichment of certain additional molecules in these domains is

also subjected to investigation. Yuan et al. [82] showed that ganglioside GM1, a

glycolipid marker for rafts, accumulates in the ordered SpM/cholesterol rich

phase. Several membrane-associated proteins are inserted in the bilayer by a

Fig. 5. AFM image showing a ripple phase in a 1:1 DMPC/DSPC bilayer at
24.5 1C. The scale bar is 200 nm long. The image was kindly provided by
K. Jorgensen [76].
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GPI-anchor as is demonstrated by Milhiet et al. [83], who coupled alkaline-

phosphatase to a GPI-anchor and visualized its enrichment at the rim of gel

phase, SpM rich domains, in a DOPC/SpM bilayer. The same phenomenon was

observed in the more ordered SpM/cholesterol domains in a SpM/DOPC/cho-

lesterol bilayer. Bilayers made only by SpM/DOPC or SpM/POPC also form SpM

rich domains. After addition of cyclodextrin loaded with cholesterol the domains

disappeared, because the SpM is extracted by the cholesterol [84]. A second

experiment with the same system using only cyclodextrin led to holes in the

bilayer, which proves that not only cholesterol extracts SpM but cyclodextrin

alone has an effect.

4.6. Phase changes due to alcohols and peptides

Some chemicals and drugs are thought to exert their physiological or pharma-

cological effect by dissolving in the membrane and changing its structure. One

example is the buffer tris(hydroxylmethyl)aminomethane, which reversibly in-

duces the formation of a ripple phase in phospholipid bilayers [42]. Another ex-

ample is the effect of certain alcohols. AFM images of DPPC and DSPC bilayers

showed that ethanol and 2-propanol induce interdigitation of the lipid molecules

leading to thinner domains [85]. This interdigitation can also be induced by a 10%

2-propanol and repeated heating to 601C in DPPC bilayers [86].

More specific is the action of certain peptides. Janshoff et al. [87] studied the

effect of an amphipathic a-helix of the N-terminal domain of the capsid protein

cleavage product of the flock house virus. This peptide induces the formation of

the interdigitated gel phase (LbI) in DPPC bilayers. Rinia et al. [88,89] worked with

DPPC bilayers as well and added WALP peptides and their analogs. These are

peptides with an (alanine-leucine)7,8 stretch in the middle and two short flanking

regions. The resulting domain formation was visible as ordered supramolecular

structures and models for this interaction are presented (Fig. 6). A review of their

work as well as that of others is seen in Ref. [89].

4.7. Manipulation of solid-supported bilayers

For some application it might be desirable to change or even reversibly switch the

properties of lipid bilayers. Two examples illustrate that the AFM can be useful to

characterize such manipulations. Last et al. [90] prepared DSPC membranes on

mica by vesicle fusion. To the DSPC bilayers they add a synthetic lipid (PSIDA),

which can bind copper ions (Cu2+). They observe that PSIDA aggregates re-

versibly when no Cu2+ is present. By adding or withdrawing Cu2+ they could

reversibly induce phase separation.

In order to form stable bilayers Morigaki et al. used a photopolymerizable di-

acetylene phospholipid (1,2-bis(10,12-tricosadiynoyl)-sn-glycero-3-phosphocho-

line) [91]. These lipids were transferred by LB and Schäfer transfer onto mica.
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Then they were polymerized by UV light. Bilayers treated in this way were less

sensitive to rinsing with sodium dodecyl sulfate. By using a mask for the illumi-

nation process the authors could form micropatterns of lipid bilayers on the

surface.

Until now we only reported AFM studies, where the AFM was used to analyze

lipid bilayers. It can also be used for manipulation and for doing lithography.

Creating patterns of microstructured arrays of functional material is of interest

in many areas of current surface science and microsensing techniques. Mueller

et al. [92] created polylysine or protein islands in the lipid bilayer. Therefore, first a

solid-supported lipid bilayer was formed by spontaneous vesicle fusion. The

vesicle suspension was replaced by a solution containing polylysine (or the pro-

tein). Polylysine tends to bind to the solid support. It is, however, prevented from

adsorption by the lipid bilayer. By scanning a certain area several times at high

force in the presence of the polymer in solution, islands of polylysine were cre-

ated within the lipid bilayers (Fig. 7). The experiments suggest that at least part of

the polylysine is anchored to the solid support below the lipid bilayer.

At this point it is appropriate not only to discuss deliberate manipulation of lipid

bilayers but also changes of the bilayers during the imaging process. The ques-

tion ‘‘how does the AFM tip change the structure of a bilayer while imaging?’’ is

certainly important for image interpretation. A distinction between bilayers in the

fluid and the gel phase is necessary. This is for two reasons:

– In the fluid phase the lipid bilayer is a laterally homogeneous structure. The

reason is that the time Dt required to image one pixel is between 0.1 and 10 ms.

If we assume a lateral translational diffusion coefficient of D ¼ 10�11 m2/s for

Fig. 6. DPPC bilayers with 2mol% of a peptide WALP23, which contains trypto-
phanes as flanking residues. The width is 500 nm.The image was kindly provided
by B. de Kruijff [89].
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lipid molecules, in 0.1 ms the mean diffusion distance is
ffiffiffiffiffiffiffiffiffiffiffi

2DDt
p

¼ 45 nm. While

the tip is imaging a single pixel the molecules underneath diffuse in and out at a

high rate. Therefore, there is no hope to image individual lipid molecules in their

fluid phase.

– The fluid phase is self-healing in the sense that even when the tip penetrates

the lipid bilayer, after tip withdrawal the lipid bilayers spontaneously heals again.

In the gel phase it is in principle possible to image the packing structure of the

lipid molecules [3,4] as long as they form two-dimensional crystals. However, one

has to be careful: Beckmann et al. point out, that the tip of the AFM might change

the molecular arrangement of the lipids in the gel phase and create structures,

which have not been there before [93]. Repeated scanning in contact mode led

not only to an ordered pattern (Schallamach waves) of a 1,2-dipentadecanoyl-sn-

glycero-3-phosphocholine bilayer but also reduced the height of previously ob-

served defects.

The stability of lipid bilayers is an important issue in AFM studies. Hui et al. [63]

and later Benz et al. [94] studied the stability of DSPC, DPPE, and di-

linoleoylphosphatidylcholine (DLPE) bilayers formed by LB transfer to mica. The

Fig. 7. Sequence of deliberately created structures by penetration of the lipid
bilayer in force mode. The bilayer is a mixture of DOPS and DOPC formed by
spontaneous vesicle fusion on mica. Image 1 shows a bare bilayer without fea-
tures. By taking force curves at designated points in the presence of polylysine,
patches of �150 nm in diameter and 0.8 nm height could be formed. Deflection
images 2–6 show 1, 3, 4, 5, and 7 deliberately created patches, respectively. The
figure was taken from Ref. [92].
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first ones are solid and for DPPE rows with spacing of 0.49 nm were observed.

DSPC and DPPE were stable when being scanned with the AFM. The stability of

the negatively charged DLPE, however, decreased with decreasing pH. Rädler

et al. [95] highlight that the stability also depends on the scanning speed. At low

tip velocity the tip can penetrate the lipid bilayer even at low force while at high

speed a much higher force is needed for the tip to penetrate the bilayer.

5. FORCE MEASUREMENTS

5.1. Motivation, principle, and technique of force measurements

In the previous chapter we described microscopic applications of the AFM. Im-

ages at high resolution and in aqueous environment help to get information about

phase separation, the influence of certain substances, and structural changes in

lipid bilayers. In this chapter we focus on another application of the AFM: force

measurements. In a force measurement the bilayer is not scanned laterally but it

is moved up and down with respect to the tip, while measuring the cantilever

deflection. The result of such a measurement is a graph, which shows the canti-

lever deflection Dzc versus the height position of the piezo. From this, a force-

versus-distance curve, briefly called ‘‘force curve’’, is calculated by multiplying the

cantilever deflection with its spring constant K to obtain the force, F ¼ K � Dzc, and
subtracting the cantilever deflection from the height position to obtain the distance.

When measuring force curves on lipid bilayer often a jump of the tip is observed

once a certain threshold force has been exceeded (Fig. 8). Such jumps occur not

only on solid-supported lipid bilayers [96–103] but also in other systems such as

surfactant layers on various substrates [104–107]. This jump is interpreted as a

penetration of the AFM tip through the film.

Force curves are highly relevant for several reasons. First, they provide infor-

mation, which helps interpreting images. Therefore, we first need to understand

and interpret force curves correctly. Second, they contain information on bilayer

properties such as electric charge or stability. For example, for a relatively un-

stable bilayer we expect a low breakthrough force while for a stable bilayer we

expect a high breakthrough force. Third, once the technique is developed enough

we might be able to use force experiments to get information about bila-

yer–bilayer or bilayer–protein interaction or even about the influence of proteins

on the interaction between two bilayers [108].

5.2. Understanding tip– sample interactions

In a series of papers Schneider, Dufrêne, Lee et al. [96–98] studied the influence

of the tip chemistry on the tip–lipid bilayer interaction. To make a tip with a defined
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surface chemistry, they evaporated 2–4 nm of chromium plus 15–60 nm of gold

onto commercial silicon nitride tips. Chromium serves as ‘‘glue’’, because gold

evaporated directly on silicates tends to come off when it gets into contact with

water. Afterwards, the tips were immersed in a 0.01 mM ethanolic solution of

mercapto hexadecanol or mercapto hexadecane for several hours. The thiols

spontaneously form a dense, ordered monolayer on gold. With mercapto hexa-

decane a more hydrophilic surface is formed while with mercapto hexadecane a

hydrophobic surface is produced. With these tips they studied different lipid

bilayers formed by LB transfer on mica. The first leaflet was DSPE, which pro-

vides a relatively rigid substrate for the second leaflet of DSPE, mon-

ogalactosyldiglyceride (MGDG), digalactosyldiglyceride (DGDG), or DOPE.

With hydrophilic tips they observe breakthrough forces, which depend on the

lipid. It is zero for DOPE in the second layer and increases from DSPE to MGDG

and to DGDG. With hydrophobic tips the breakthrough force is always zero. Also

pull-off forces are much higher with hydrophobic tips. This is the first clear proof

that the tip chemistry drastically changes force curves.

5.3. Quantitative description of force curves

Dûfrene et al. [98] also started analyzing force curves quantitatively. Before the

jump-in the bilayer is compressed. They fit this part using Hertz model of elastic

compression [109]. Hertz calculated the force F versus indentation d for two

spheres. If we assume that the tip is described by a sphere of radius R (which

corresponds to the tip radius of curvature) and that it is infinitely stiff compared to
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the relatively soft lipid bilayer, the following relation is obtained:

F ¼ 4E

3p
�

ffiffiffiffiffiffiffiffi

Rd3
p

ð1Þ

Here, E is Youngs modulus of the lipid. In Hertz model surface forces and ad-

hesion are neglected. Only the elastic compression is taken into account.

Dufrêne et al. get Youngs moduli of E ¼ 17 and 21� 107 Pa for DSPE and

DGDG, respectively.

Hertz treated the solid surface as one continuous body. In reality, the lipid

bilayer is only a thin layer on top of a relatively incompressible surface. For this

reason the elastic foundation model [110] is more likely to be appropriate. In the

elastic foundation model force and indentation are related by

F ¼ pERd2

h
, ð2Þ

where h is the thickness of the uncompressed lipid bilayer. Though both equa-

tions are different, Youngs moduli obtained from fitting experimental force curves

are not much different.

Intuitively it is obvious that the breakthrough (jump-in) force is a measure for

the stability of the lipid bilayer. Stable solid-supported bilayers should break at a

higher force than unstable layers. One of the authors developed a theory to

describe this layer rupture and to relate microscopic parameters to measurable

quantities [100]. It was assumed that the tip has to overcome an activation energy

before the bilayer ruptures. A universal relation between the force dependence of

the activation energy and the approaching velocity of the tip is derived. One

prediction of the theory is that the breakthrough force should increase with in-

creasing approaching speed. This was indeed observed [101,111]. Two comple-

mentary models for calculating the activation energy are presented: A continuum

nucleation model and a discrete molecular model. Both models predict a narrow

distribution of breakthrough forces in agreement with experimental results.

One promising step forward with respect to a quantitative evaluation of force

curves is the cluster analysis introduced by Janshoff et al. [103]. In a cluster

analysis not only the distribution of one parameter is plotted but it is correlated

with another parameter. For example, rather than just plotting how often a certain

breakthrough force is observed the breakthrough force and the breakthrough

distance are plotted on the two axes and each result is represented by one point

in this plot (Fig. 9). From the density of points the distribution and at the same

time a possible correlation between the two parameters is deducible.

5.4. Surface charges

In aqueous medium most surfaces are charged. Also the tip of an AFM usually

bears a surface charge, which depends on pH. At neutral pH it is negatively
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charged. These surface charges cause the diffuse electric double layer to form.

When the double layers of tip and sample overlap, they experience an electro-

static double-layer force. It can be approximated by [112]

F ¼ 4pstssRlD

��0
� e�D=lD ð3Þ

Here, st and ss are the charge densities of tip and sample surface, e and e0 are

the dielectric permittivity of water and the permittivity of free space, D is the

distance, and lD is the Debye length. For monovalent salt it is lD ¼ 0:3=
ffiffiffi

c
p

nm,

where the salt concentration has to be given in mol/L. Equation (3) is valid for

D � lD.

The double-layer force is proportional to the surface charge density of the

sample. Thus, it can be used to detect and measure local surface charge den-

sities. Local surface charges were first measured on purple membranes [113].

Purple membranes are membrane fragments isolated from the plasma mem-

brane of Halobacterium halobium, which contain the membrane protein ba-

cteriorhodopsin, a light-driven proton pump. The effect of the electrostatic force

on imaging was further analyzed by Müller and Engel [114]. A systematic study

on pure lipid bilayers and images of the electric charge distribution are presented

by Rotsch and Radmacher [115]. They studied patches of DODAB on mica.

DODAB is positively charged, mica is negative. Since the AFM tip is also
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negatively charged and thus repelled by mica, they observed a reversal of the

image contrast at very low loading force. Mica appeared higher than the DODAB

patches because the tip was repelled by the electrostatic double-layer force and

scanned some distance over the actual contact zone.

5.5. Lipid– lipid interaction

The force measurements discussed until now were done in order to better un-

derstand images of solid-supported bilayers and to get more information about

the stability and formation of solid-supported membranes. In addition, the AFM

can be used to study bilayer–bilayer interaction. The interactions between lipid

bilayers have been studied for the last 30 years, with different methods and under

various conditions [116–122]. The motivation comes from two directions, one

biological and one physico-chemical. From the biological point of view, knowl-

edge about the interaction between membranes is essential to understand proc-

esses such as exo- and endocytosis, intracellular trafficking, cell division,

adhesion, fusion, metastasis. From the physico-chemical point of view, lipid

bilayers are one possible stable phase, namely a lamellar phase, adopted by

amphiphilic molecules in aqueous medium. Questions related to the properties of

membranes, the internal organization of a bilayer, the understanding of vesicle

fusion by rupturing the bilayers and, the forces governing this interaction may be

investigated. By clarifying this latter aspect, a quantitative answer to some of the

biological questions may be obtained.

Several forces governing bilayer–bilayer interactions have been identified [121].

The van der Waals force is long-range, attractive, and relatively weak. It is op-

posed by a short-range repulsive force. This repulsive force decays exponentially

with a typical decay length of 0.2–0.5 nm.It is not yet clear which effect dominates

this short range repulsion: the hydration pressure, arising from ordering of water

molecules by the hydrophilic head groups of the lipids, or an entropic ‘‘protrusion’’

effect of molecular groups that are thermally excited to protrude from the fluid-like

lipid bilayers. Charged lipids repel each other by electrostatic double-layer forces.

For bilayers, which are not supported on a solid surface, an undulation or fluc-

tuation pressure, due to thermally driven undulations of the entire bilayer surface

which couple hydrodynamically to other bilayers keep the surface apart.

Several methods have been developed to determine the forces between two

lipid bilayers. In the osmotic stress method [123–125], a suspension of multi-

walled vesicles or oriented multilayers in the lamellar phase is equilibrated in an

aqueous solution containing solute such as dextran or polyvinylpyridine. These

solutes cannot enter the lipid phase and they compete for water with lipid

multilayers, thereby applying an osmotic pressure. The spacing between the

multilayers is measured by X-ray diffraction. In this way one obtains pressure-

versus-spacing curves. One advantage of the osmotic stress method is that un-

dulation forces can be measured because the lipid bilayers are freely suspended.
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An alternative device is the surface forces apparatus (SFA). In the SFA the

force between two lipid bilayers supported on two crossed mica cylinders is

measured directly [94,126]. In a third method the interaction between two large

vesicles formed at the end of micropipettes and imaged by a light microscope is

determined [127]. The method is highly sensitive and small pressures can be

applied and detected. It also allows determining the mechanical properties of

membranes. Since the maximal pressure is given by the Laplace pressure and

the size of the vesicles should be large enough for optical detection the method is

restricted to low repulsive forces.

How can the AFM be used to measure forces between two bilayers? The

answer is relatively simple: We only need to form a lipid bilayer on the tip. Un-

fortunately this is difficult to achieve. Though, many researchers believe that often

a second bilayer has formed on the tip, it seems to be not reproducible and the

force to break through the bilayer on the tip seems to be insignificantly small (e.g.

Ref. [102]). Why are bilayers at the tip surface so unstable? One possible reason

why bilayers adsorb spontaneously to a planar surface, but not to the tip, is the

high curvature. The energy per unit area required to bend a bilayer with zero

spontaneous curvature to a spherical cap is 2k/R2. Here, k is the bending rigidity,

also called bending elastic modulus. For phosphatidylcholine bilayers in the liquid

phase k is typically 10�19 J [128–132]. For the spontaneous adsorption of a

bilayer, the adsorption energy must be higher than the bending energy. With

typical adsorption energies per unit area of WA ¼ 0:2� 2� 10�4 J/m2 [128,133]

the minimal radius of curvature is estimated to be R ¼
ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi

2k=WA

p

¼ 100� 32nm,

respectively. Only for a strong adhesion between the bilayer and the solid surface

we expect that the tip surface be covered. The stronger the adsorption, the smaller

the tip can be. In any case: very sharp tips are not going to be covered by bilayers.

To overcome this problem and to spontaneously adsorb lipid bilayers also on

the AFM tip, Pera et al. [134] first coated tips with gold and a monolayer of

mercapto undecanol. Calculations indicate that long-chain hydroxyl terminated
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alkyl thiols tend to enhance spontaneous vesicle fusion because of an increased

van der Waals attraction as compared to short-chain thiols. When coating AFM

tips in this way indeed two jumps of typically 4 nm were observed (Fig. 10). In this

way, the interaction between DOPC, dioleoylphosphatidylserine (DOPS), and

DOTAP bilayers could be measured.

6. CONCLUSION

Solid-supported bilayers can routinely be imaged with the AFM in aqueous envi-

ronment, in different phases, and at different temperature. Force measurements

provide information about the mechanical stability and the electric charge. One of

the challenges is to get even more detailed information on the lateral organisation

of the lipids, even when they are not separated into large clearly distinct domains.

Therefore, an even better understanding of the tip–sample is required.
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[98] Y.F. Dufrêne, T. Boland, J.W. Schneider, W.R. Barger, G.U. Lee, Characterization
of the physical properties of model biomembranes at the nanometer scale with the
atomic force microscope, Faraday Discuss. 111 (1998) 79–94.

Atomic Force Microscopy of Lipid Bilayers 247



[99] R.P. Richter, A. Brisson, Characterization of lipid bilayers and protein assemblies
supported on rough surfaces by atomic force microscopy, Langmuir 19 (2003)
1632–1640.

[100] H.-J. Butt, V. Franz, Rupture of molecular thin films observed in atomic force mi-
croscopy. I. Theory, Phys. Rev. E 66 (2002) 031601.

[101] S. Loi, G.X. Sun, V. Franz, H.-J. Butt, Rupture of molecular thin films observed in
atomic force microscopy. II. Experiment, Phys. Rev. E 66 (2002) 031602.

[102] L.M. Grant, F. Tiberg, Normal and lateral forces between lipid covered solids in
solution: Correlation with layer packing and structure, Biophys. J. 82 (2002)
1373–1385.
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Abstract

Nanotechnology is the construction and use of functional structures designed from atomic

or molecular scale with at least one characteristic dimension measured in nanometers.

Nanomaterials, such as carbon nanotubes (CNTs) and nanoparticles, exhibit novel and

significantly improved physical, chemical, and biological properties, phenomena, and

processes because of their size. Functionalization of nanomaterials is one of the most

active fields in nanotechnology. In natural systems, such as cells, nano-scale structures

are formed at room temperature using the approach of self-assembly. Alignment of linear

molecules in an ordered array on the surface of CNTs or nanoparticles (self-assembled

monolayer and/or bilayer) can function as a new generation of nanomaterials for chemical

and biological sensors. The developments of self-assembled lipid-CNTs nanocomposites

and/or lipid-nanoparticle hybrids have opened research opportunities in studying hitherto

unapproachable phenomena at interfaces and bifaces. Particular emphasis is directed to

the use of lipid-functionalized CNTs as well as lipid-nanoparticle nanocomposites for sen-

sors and biosensors and for the fabrication of photo switched-functional devices.
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1. SELF-ASSEMBLED LIPID MEMBRANES AT INTERFACES AND
BIFACES

It is well known that the fundamental structural element of all cell membranes is a

5–7 nm thick liquid-crystalline phospholipid bilayer. Thus, the lipid bilayer principle

of biological membranes may be summarily stated that all living organisms are

made of cells, and every cell is enclosed by a plasma membrane, the indispen-

sable component of which is a lipid bilayer. Colloid and interfacial chemistry have

played a pivotal role as evidenced by the work of Hooke, Newton, Gibbs, La-

ngmuir, and others [1]. Several methods of forming bilayer lipid membranes

(BLMs) have been discovered. The development of planar lipid bilayers or con-

ventional black or bilayer lipid membranes (c-BLMs) and later supported BLMs

(s-BLMs, sb-BLMs, and t-BLMs, etc.) have made it possible for the first time to

investigate, directly, electrical properties and transport phenomena across a 5 nm

ultrathin lamina separating two phases [2]. The process of formation of these

BLMs is based on the self-assembly. Nature uses the self-assembly as a strategy

to create complex, functional structures such as viral protein coatings, and DNA,

besides the lipid bilayer of cell membranes. Supported BLMs (s-BLMs), formed

on metallic wires, conducting glasses, and gel substrates, as well as on micro-

chips, possess properties resembling those of biomembranes. These self-

assembled, s-BLMs, have opened research opportunities in studying hitherto

unapproachable phenomena at interfaces and bifaces. Some recent findings

demonstrate potentials for investigating processes at solid–liquid interfaces. As a

result of these studies, biomembranes have now been recognized as the basic

structure of Nature’s sensors and molecular devices. For example, the plasma

membrane of cells provides sites for a host of ligand–receptor contact interac-

tions such as the antigen–antibody binding. To impart relevant functions in BLMs,

a variety of compounds such as ionophores, enzymes, receptors, pigments, and

so on have been embedded. Some of these incorporated compounds cause the

BLMs to exhibit nonlinear phenomena and photoelectric effects. A modified or

reconstituted BLM is viewed as a dynamic system that changes both in time and

in response to environmental stimuli. The self-assembled lipid bilayer, the crucial

component of most, if not all biomembranes, is in a liquid crystalline and dynamic

state. The self-assembly of lipid membranes at the interfaces may provide a

simple yet useful method for the functionalization of nanomaterials.

2. LIPID-CARBON NANOTUBE NANOCOMPOSITES

2.1. Introduction of carbon nanotubes

Carbon nanotubes (CNTs) have captured the imagination of researchers world-

wide since they were first observed by Iijima in 1991 [3], because their small

dimensions, unique structures, strength, and remarkable physical properties
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make CNT a very unique material with a wide range of potential applications. In

the past decade, the significant advances in CNTs have been made in their

unique structures, physical properties, synthesis methods, chemical modification,

and potential applications.

CNTs, consisting of only sp2 hybridized carbon atoms, are cylindrical nano-

structures with a diameter ranging from 1nm to several nanometers and a length

of tens of micrometers. They are made of graphene sheets wrapped into a hollow

cylinder and capped by fullerene-like structures. There are two typical types of

CNTs, singlewalled carbon nanotubes (SWNTs) and multiwalled carbon nano-

tubes (MWNTs). High resolution transmission electron microscope (HRTEM) re-

sults showed that the first observed CNTs by Iijima in 1991 [3], were fullerene-like

tubes consisting of coaxial multiple shells. These tubes were MWNTs. The

interlay spacing is 0.34 nm, which is slightly greater than that of graphite

(0.335 nm) due to a combination of tubule curvature and van der Waals force

interactions between successive grapheme layers.

After two years, it was discovered that the use of transition metals as a catalyst

leads to the formation of CNTs with a single shell or wall only [4]. These nanotubes

were SWNTs. An ideal SWNT can be viewed as an ‘‘extended’’ fullerene, and

consists of a single-layer graphite wrapping into one seamless hollow cylinder.

SWNTs normally have a narrow diameter distribution (with diameter of the order of

1 nm) but tend to assemble in nanotube bundles during the growth process [5].

There are three types of SWNTs: ‘arm-chair’ (n, n) tubes, ‘zig-zag’ (n, 0) tubes,

and chiral (all the other tubes with independent n and m) tubes. Theoretical

calculations indicate that the electronic properties for a single-walled nanotube

will vary as a function of its diameter and helicity [6–8]. A SWNT may behave as a

semiconductor or metal, and a slight change in the chirality can transform a nano-

tube from a metal to a semiconductor. In general, about one-third of SWNTs are

metallic, characterized with wrapping vectors of n�m ¼ 3l ðl ¼ 0; 1;2 . . .Þ. All the

other tubes are semiconductors [9,10]. Carbon–carbon covalent bonds are one of

the strongest in nature, a structure based on a perfect arrangement of these bonds

oriented along the axis of nanotubes would produce an exceedingly strong ma-

terial. Early theoretical work and recent experiments on individual nanotubes have

confirmed that nanotubes are one of the stiffest structures ever made [11–13].

CNTs possess high electrical conductivity, high chemical stability, and ex-

tremely high mechanical strength and modulus. These special properties of both

SWNTs and MWNTs, respectively, have attracted much attention in electroca-

talysis [14–19] and chemical sensors/biosensors [20–26].

2.2. Supramolecular self-assembly of lipid monolayer at carbon
nanotubes

Surfactant adsorption at interfaces has been widely studied because of its

importance in detergents, lubrication, and colloid stabilization [27]. CNTs are
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insoluble in organic solvents and in water, which at present considerably restricts

their area of use. In order to enhance the solubility of CNTs, detergent is mixed

and shaken with nanotubes to form stable suspensions [28]. The chemical

adsorption of sodium dodecyl sulphate (SDS) molecules on the surface of the

nanotubes creates a distribution of negative charges that prevents their aggre-

gation and induces stable suspensions in water. The SDS molecules can be

oriented perpendicularly to the surface of the nanotube, forming a monolayer.

The molecular organizations of surfactant at the solid–liquid interface can be:

(1) the hydrophobic part of the SDS is adsorbed on the graphite by van der Waals

interactions, likely following the carbon network, and (2) the hydrophilic part of the

surfactant is oriented toward the aqueous phase, forming half-cylinders on the

surface of the graphite plane [29]. Because CNTs are rolled-up grapheme sheets,

the SDS molecules may form similar half-cylinders on the surface of the tubes,

either oriented parallel or perpendicularly to the tube axis.

The self-assembly of lipid at metallic–aqueous interfaces has been well

studied. In order to determine whether lipid molecules could adsorb and self-

organize on CNTs, creating stable assemblies, Richard et al. [30] designed and

synthesized new reagents, which form lipidic ‘‘rings’’ made up of supramolecular

half-cylinders. Transmission electron microscopy (TEM) results indicated the

formation of supramolecular assemblies of these molecules on the surface of the

nanotubes. It was found that the reagents formed micellar structures in aqueous

solution and then spontaneously self-organized into half-cylinders on the CNTs.

To explore the possibility of functionalizing the surface of CNTs in a noncovalent

but permanent way with different reagents, the self-assembly of a series of mol-

ecules made of a double lipidic chain was further tested. In contrast to the single-

chain lipids, no organization was detected by TEM when an aqueous solution

(1mg/ml) of the second series of molecules was directly sonicated with 1mg of

MWNTs. To investigate whether micelles are necessary to form these supramo-

lecular assemblies, the MWNTs were sonicated in the presence of mixed mice-

lles. TEM observations showed perfectly organized striations on the CNTs. The

size of the striations, determined by TEM, varied from 55 to 75 Å, in perfect

agreement with the length of the different lipidic chains. These results are also

coherent with a half-cylinder arrangement of the double-chain lipids on the sur-

face of the nanotubes. Hence, the formation of micelles appears to be a key step

for the formation of supramolecular assemblies on the CNT surface. This process

constitutes a simple and versatile protocol for the noncovalent functionalization of

nanotubes.

One of the most exciting applications of CNTs is in the exploration of proteins

and cells in aqueous solution. Few of these applications have yet been realized,

however, because of the incompatibility of the CNT surface, which is hydrophobic

and prone to nonspecific bioadsorption, with biological components such as cells

and proteins. In addition, the aqueous environment required for biological ma-

terials is not suitable for unfunctionalized CNTs [31]. In nature, cells are faced
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with a similar challenge of resisting nonspecific biomolecule interactions while

engaging in specific molecular recognition. These functions can be simultane-

ously fulfilled by mucin glycoproteins, defined by their dense clusters of O-linked

glycans. Zettl and associates [32] described a biomimetic surface modification of

CNTs using glycosylated polymers designed to mimic natural cell-surface muc-

ins. A C18 lipid at one end of a mucin mimic polymer is introduced to enable

surface modification of CNTs. Lipids are known to self-assemble on the surface

of CNTs through hydrophobic interactions in the presence of water [30] and lipid

functionalized glycopolymers have been shown to form ordered arrays on graph-

ite surfaces [33]. The lipid-functionalized mucin mimics is self-assembled on

CNTs in a similar manner as the organization of native mucins in the cell mem-

brane, with the glycosylated polymers projecting into the aqueous medium. CNTs

modified with mucin mimics were soluble in water, resisted nonspecific protein

binding, and bound specifically to biomolecules through receptor–ligand interac-

tions. This strategy for biomimetic surface engineering provides a means to

bridge CNTs and biological systems.

2.3. Self-assembly of lipid bilayer at multiwalled carbon nanotubes

CNTs are of significant interest due to their unique properties and potential

applications [34]. Several successful strategies using covalent or noncovalent

chemistry have been applied to functionalize the sidewall of CNTs. Among these,

noncovalent methods are attractive as they may preserve the inherent properties

of the nanotubes [30,35]. The s-BLM has attracted increasing interest in recent

years due to its vast potential applications as electrochemical biosensors, in

developing molecular devices, and for investigating the photo-induced electron

transfer in the bio-membranes [36,37]. Stable s-BLMs without or with modification

have been formed by self-assembling on the hydrophilic surfaces of several kinds

of materials, including hydrogel and freshly prepared metallic surfaces [38,39].

Recently, the self-assembly of s-BLM on the surface of MWNTs by using Tien’s

method [37,39] was described [40]. The cyclic voltammetric (CV) responses of

BLMs-coated MWNTs in phosphate buffer solution (PBS) were studied. At bare

MWNTs electrode, a large background current i (in the range of 10�5A) was

observed. When MWNTs electrode was coated with BLMs, the background cur-

rent was dramatically reduced to the range of 10�9A, indicating a strong insu-

lation effect of the lipid assembled on the surface of the MWNTs. Since

membrane capacitance (Cm) can be obtained from the background current of the

CV (Cm ¼ i/n), the thickness of lipid membrane Tm on MWNTs can be calculated

from the equation: Tm ¼ 2:2�0A
Cm

(�0, vacuum dielectric permittivity; A, surface area).

The Tm calculated was thus calculated to be about 4.38 nm, which is approx-

imately a double of the molecular size of phosphatidylcholine, consistent with a

bilayer structure of the lipid membrane [37]. The static water contact angles on
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the surface of MWNTs were measured to be 6–71, indicating a hydrophilic prop-

erty of the MWNTs surface. The BLM can thus be formed with the hydrophilic

moiety of one lipid layer absorbed on the surface of MWNTs, and that of another

lipid layer faced to the testing PBS solution. This result is in agreement with that

reported by Kanyó et al. [41] but different from that found by Richard et al. [30].

Kanyó et al. [41] reported that the surface of MWNTs without heat treatment was

hydrophilic. In contrast, Richard et al. [30] reported that a monolayer of synthetic

lipid was self-assembled at the surface of CNTs, in which the van der Waals

interaction between hydrophobic part of lipid and the carbon network was sug-

gested. The different hydrophilicity reported may come from the different fabri-

cation methods of the CNTs. When MWNTs were synthesized from the chemical

source of ethylenediamine, chemical elemental analysis indicated that 1.8–2.8%

nitrogen existed in the MWNTs used in the present study [42]. Functional groups

containing nitrogen on the MWNTs surface may contribute partly to the hydro-

philic property on the MWNTs synthesized and used here. In addition, it is known

that the carbon shell (i.e., each carbon shell of the MWNT) is closed by various

functional groups, most frequently by COOH, –OH, and CO groups. For MWNTs,

the outer shell may often contain discontinuous spots of imperfection. These local

vacancies could be also closed by the functional groups just mentioned above

[41]. Possibilities existed for these functional groups to confer the hydrophilic

surface of the MWNTs.

2.4. Application of lipid-carbon nanotube nanomaterials

Since their inceptions, bilayer lipid membranes (c-BLMs) in 1961, and supported

lipid bilayers (s-BLMs) in 1978, respectively, have been widely used as models

for biomembranes [43,44] and sensing devices in biotechnology [44]. These ex-

perimental lipid bilayers, along with liposomes, have been used in fundamental

and applied studies of lipid assembly on interfaces, membrane structure and

function, ligand–receptor interactions, electrochemical properties, and the devel-

opment of lipid bilayer-based biosensors. Planar BLMs can now be created rou-

tinely with long-term stability on various substrates (microporous filters, metal,

hydrogels, conducting glass, etc.), thereby opening the way for basic research

and development work in the domains such as membrane biophysics [2],

biotechnology [1], catalysis [45], electrochemistry [46], and microelectronics [47].

Sensors represent a most plausible and exciting application area for nanobio-

technology; and nanosensors based on CNTs are expected to emerge in the

marketplace in significant volumes over the next 10 years. Despite the tremen-

dous excitement recently generated by experimental breakthroughs that have led

to realistic possibilities of using CNTs in electrochemical sensors, further exper-

imental and theoretical research is still necessary. The forming of stable lipid-

CNT assemblies offers a simple and efficient method for the development of
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sensors/biosensors. The supramolecular structure of lipid-CNTs may lead to a

number of applications in the field of nanobiotechnology: it could be used for the

development of molecular sensors (biosensors) for detecting the body’s mole-

cules. This structure could also make it possible to create new vectors of hydro-

phobic components, in particular complex drugs. To actualize and optimize the

full commercial potential of CNT-based electrochemical sensors, efforts must

continue to be devoted to integrate the nanotube-arrays with power, miniaturized

and easy-to-use electrochemical instruments for bimolecular sensing, genetic

analysis, and drug discovery or screening.

The photoelectric effects of BLMs and electron mediator modified BLMs have

been extensively studied, on account of their potential applications in under-

standing the mechanism of natural photosynthesis, and in developing artificial

photoelectric devices [2,44,48] and mimicking functionalities of natural photo-

synthetic systems, which are represented by photoactive groups, electron do-

nors, and acceptors [49]. Various attempts have been made to realize an artificial

photosynthesis and solar-energy conversion system under laboratory conditions.

For example, synthetic dyes have been used to dope BLMs and the correspond-

ing photo responses have been investigated [50].

Fullerenes, in particular C60 as a modifier of BLM, have attracted much interest

in the study of photoelectric conversion because of the affinity of these molecules

for electrons and, also, because of their highly hydrophobic properties for doping

BLMs [51–54]. However, past experiments on the photoelectric properties of C60-

doped BLMs were mostly conducted on the conventional planar BLMs [51,55],

the defect of which is the fragility, thus precluding protracted investigations and

practical applications. Gao and associates [56] reported that s-BLMs (with and

without the doping of fullerene C60) self-assembled on indium–tin oxide (ITO)

glass were fabricated and characterized by cyclic voltammetry and electrochem-

ical impedance spectroscopy using a three-electrode system. The photoelectric

conversion experiment indicates that a photoinduced electron could transfer

across BLMs self-assembled on ITO conducting glass and the mediators doping

BLMs could facilitate this transmembrane photoinduced electron transfer. Since

the ITO/s–BLM probes possess biological compatibility, biomaterials could be

further embedded and their photoresponse properties could be investigated. It

seems evident that this novel self-assembled ITO/s–BLM probe will be a prom-

ising tool for the study of the light-induced properties of biomembranes (e.g.,

photodynamic therapy) and the development of biomimetic photoelectric devices.

More recently, Ye and associates [40] described the self-assembly of BLM and

C60-containing BLM at well-aligned MWNTs. The thickness of lipid membrane at

MWNTs is estimated to be 4.38 nm, which is approximately double of the

molecular size of phosphatidylcholine, indicating that BLM at the surface of

nanotubes has a bilayer structure. Lipid membrane self-assembled at the

MWNTs acts as an insulating layer while the incorporated C60 can mediate the

transportation of electrons as well as photocurrent across BLM. The membrane
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resistance of C60-BLM/MWNTs is 369.3O, which is much smaller than that of

BLM/MWNTs (3.238� 106O). Furthermore, C60-BLM/MWNTs possess photo-

electric properties due to the electron mediation of C60 in the lipid membrane. The

photoelectric conversion properties of MWNTs, BLM/MWNTs, and C60-BLM/

MWNTs were thus studied using amperometric technique. In lipid interface, C60

transports about 30–40% of electrons, compared with that of pure MWNTs, from

MWNTs to the redox species in solution. The successful self-assembly of BLM

and incorporation of C60 into the BLM at MWNTs may provide an easy way for

construction of new biosensors and bioelectronic materials using BLM/MWNTs

and/or C60-BLM/MWNTs nanocomposites.

2.5. Conclusion and perspectives

CNTs are among the novel emerging technologies with potential application to

nanosensors, photo-switched devices,and drug and gene delivery. Functional-

ization of their surface can result in highly soluble materials, which can be further

modified with active molecules, making them compatible with biological systems.

Therefore, many applications can be envisaged. With the creation of bifaces and

interfaces at lipid-CNTs nanocomposites, progress in CNT technology may well

lead to better insights into biological and physical chemistry processes. This will

make it possible to find compounds more compatible with CNT technology and

facilitate more effective use in electrochemical applications.

3. NANOSTRUCTURED LIPID-NANOPARTICLE NANOCOMPOSITES

3.1. Lipid-nanoparticle interfaces and bifaces

The s-BLM has attracted considerable interest in recent years due to its many

potential applications as an electrochemical biosensor and in molecular devices

[2,57,58]. BLMs have been used in various experimental paradigms as models of

actual living cell membranes [59–61]. BLMs provide a natural environment for

embedding a host of compounds such as proteins, receptor, membrane/tissue

fragments, and even whole cells under nondenaturing conditions and in a well-

defined orientation. Thus, the embedding of nanoparticles at the interfaces of

BLMs will create new nanomaterials for wide application.

It is noted that BLMs containing semiconductor nanoparticles has been suc-

cessfully prepared [62]. For example, CdS crystallites can be formed in situ in the

pores of a polycarbonate membrane at the interfaces of aqueous solutions. When

the CdS-membrane was irradiated, open-circuit photopotentials up to 500mV

were obtained. A number of substances, such as Cu, CuS, CdS, FeS, and AgBr

having typical metallic or semiconducting features, have been deposited onto the
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surface of BLMs [62,63]. Nanoparticle-doped BLMs show very good stability in

comparison with unmodified BLMs, which usually lacked satisfactory durability.

Metallic or semiconducting layers deposited onto the BLM surface can serve as

electrodes directly contacting the membrane, which eliminate electrolytic contact

with the lipid bilayers and may be useful in the development of biomolecular

electronic devices.

Similar studies in semiconductor-containing BLMs have been reported [63]. To

prepare semiconductor-containing BLMs, H2S and appropriate metal ion precur-

sors were added onto bathing solutions on opposite sides of the BLM. Subse-

quent to the injection of H2S, the first observable change was the appearance of

fairly uniform white dots on the blank film. These dots rapidly moved around and

grew in size, forming islands that then merged with each other and with a second

generation of dots, which ultimately led to a continuous film that continued to

grow in thickness. The semiconductor penetration depth onto the BLM can be

assessed by an equivalent RC circuit. Metallic or semiconducting layers formed

onto the BLMs may have potential utilization in membrane mimetic chemistry.

The deposition of nanoparticles onto the surface of BLMs or inside the BLMs can

drastically alter the mechanical, electrical, and optical properties of the BLM.

Nanoparticles doped through the s-BLMs may perform as an array of nanoelec-

trodes, while s-BLMs retain biocompatible microenvironment.

Supramolecular assemblies of self-organized, functionally cooperating mole-

cules are essential for biological systems, and have broad potential to downscale

and control (bio)chemical and (bio)technological process on the nanometer scale

[64]. This process has been successfully used to produce supramolecular as-

semblies of semiconducting nanocrystals (NCs) with various biomolecular rec-

ognition sites for in vitro and in vivo bioanalytical applications [65,66]. Recently,

Vogel et al. [67] developed a general and versatile procedure to make NCs water-

soluble and simultaneously decorate them with a diverse range of multiple

functionalities. Their approach is based on the self-assembly of single lipid

monolayers on hydrophobic NCs. Based on this approach, the physical (electrical

charges, structures, entropic shielding) and chemical (reactive group, biological

recognition elements) surface properties of the NCs can be tuned by varying the

polar head groups of the lipid. This effect can be simply controlled by the com-

position of the lipids used for self-assembly. More interestingly, the multifunc-

tionalized lipid-coated NCs can bind different proteins per particle specifically and

subsequently position themselves on micropatterned surfaces to form nanome-

ter-sized supramolecular structures of higher complexity. Compared to the ex-

isting polymer-coated NCs, which are commercially available, the lipid-NCs offer

complementary novel applications. Specific interaction between such NCs and

different proteins through multiple high-affinity binding sites enabled site-selective

controlled formation of supramolecular assemblies. The multifunctional NCs

serve as local light sources, which can be positioned with nanometer precision

within supramolecular assemblies and can emit light over distances from 1 to
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more than 10 nm, again controlled with nanometer precision. Such concepts

might be of importance for the development of biotechnology and bioanalytics on

a nanometer and attoliter scale.

3.2. Nanoparticles at lipid membranes

The s-BLMs have been widely used in miniaturized biosensors. The PC simulator

‘BLM’ has been developed based on electrical elements (resistance, capaci-

tance, diode) for simulations of electrical, electromechanical (electrostriction),

and electrochemical (redox reactions) properties of s-BLMs [1]. At the nanolevel,

Ye and associates [68] described the preparation of s-BLM doped with metal

nanoparticles for the design of biosensors. Platinum (Pt) nanoparticles were de-

posited through s-BLM to build a hybrid device of nanoscale electrode array by

potential cycling in 1mMK2PtCl6 solution containing 0.1MKCl. The properties of

Pt nanoparticle-doped s-BLM composite were then characterized by cyclic volt-

ammetry, electrochemical impedance (EIS) and AFM. The results showed that Pt

nanoparticles grew in voids of the s-BLMs, through which the underlying glassy

carbon (GC) electrode was connected, with maximum length extended out of the

lipid membrane around 40nm. Doping of Pt nanoparticles through s-BLM

increased the membrane capacitance and decreased the membrane resistance

of s-BLM. AFM images showed that the topography of lipid-coated GC is rel-

atively smooth with a height variation of about 20 nm. Incorporation of Pt nano-

particles is manifested by the formation of numerous domains with a height

variation of around 40 nm. These images provide a direct verification of Pt nano-

particles deposited through the lipid membranes. It reveals that a portion of the Pt

nanoparticles embedded in the lipid membrane extend from the membrane by as

much as 20 nm.

3.3. Lipid-coated nanoparticles

Many methods have been achieved for the synthesis of lipid-coated nanopar-

ticles. Bhattacharya and Srivastava [69] recently reported the synthesis of novel

gold nanoparticles bearing cationic single-chain, double-chain, and cholesterol

based amphiphilic units. These nanoparticles represent size-stable entities in

which various cationic lipids have been immobilized through their thiol group onto

the gold nanoparticle core. The resulting colloids have been characterized by UV-

vis, H-1 NMR, FT–IR spectroscopy, and TEM. The average size of the resultant

nanoparticles could be controlled by the relative bulkiness of the capping agent.

Thus, the average diameters of the nanoparticles formed from the cationic single-

chain, double-chain, and cholesterol-based thiolate-coated materials were 5.9,

2.9, and 2.04 nm, respectively. Furthermore, the interaction of these cationic gold
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nanoparticles with vesicular membranes generated from dipalmitoyl-

phosphatidylcholine (DPPC) lipid suspensions was examined. Gole et al. [70]

described the formation of gold nanoparticle-lipid composite films by glucose-

induced reduction of chloroaurate ions entrapped in thermally evaporated fatty

amine films. Simple immersion of films of the salt of octadecylamine and

chloroaurate ions (formed by immersion of thermally evaporated fatty amine films

in chloroauric acid solution) in glucose solution leads to the facile in situ reduction

of the metal ions to form gold nanoparticles in the fatty amine matrix. The for-

mation of gold nanoparticles is readily detected by the appearance of a violet

color in the film and thus forms the basis of a possible new, gold nanoparticle-

based colorimetric sensor for glucose. More recently, Terheiden et al. [71]

reported that metallic nanoparticles are deposited on multilayers of an unsatu-

rated phospholipid to form a planar nano-composite material. At temperatures

near or above the main transition of the lipid, the organic layers exhibit a high

degree of mobility and allow for a significant rearrangement of the metallic par-

ticles. Originally after deposition, the inter-particle distances correspond to the

average bilayer thickness of the given phospholipid. After annealing of the com-

posite structure in the presence of moisture, the spacing between the particles is

significantly reduced, associated with an interdigitation of aliphatic chains in the

hydrophobic region.

The comparison of the synthesis of metal nanoparticles at the surfaces of

polymerized and unpolymerized phospholipid vesicles has been undertaken [72].

It was found that the divalent palladium ion bound to the negatively charged

phospholipids in the vesicle membrane initiated electroless metallization of gold

or cobalt on the vesicle surface leading to the formation of metallic nanoparticles.

By using the internal volume of polymerized vesicles as the reaction vials, two

types of unagglomerated nanoparticles, Au (4–10 nm) and Co/Co(OH)(x)

(30–100nm), have been synthesized. Metallization of unpolymerized vesicles

resulted in the formation of size controlled, unagglomerated Au nanoparticles

(20–28 nm). TEM results suggest that composites of lipid and metal were formed.

For both the polymerized and unpolymerized vesicles, HRTEM studies have

demonstrated that particle nucleation and growth occurred at the vesicle mem-

brane surfaces and that particle growth could be initiated by either single or

multiple nucleation sites.

Besides gold nanoparticles, the formation of supported lipid bilayers on silica

nanoparticles (nanoSLBs) has also been achieved [73]. The successive steps of

the adsorption of lipid vesicles on nanoparticles and the formation of nanoSLBs

are revealed in detail by cryotransmission electron microscopy (cryo-EM). The

formation of nanoSLBs was achieved for liposomes with positive, neutral, and low

net negative charge, while liposomes with a high net negative charge adsorbed to

silica nanoparticles but did not rupture. The nanoSLBs were found to follow

faithfully the surface contours of the particles, information yet unavailable for SLB

formation on planar solid substrates.
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3.4. Application of lipid-nanocomposites

The extreme fragility of the conventional BLM (c-BLM) seriously limits its utility as

a practical tool because it cannot be easily produced and will not endure rugged

laboratory handling. This problem of fragility was finally overcome by forming

BLMs on solid supports [2,57,58], which substantially improve the stability. Be-

cause the s-BLMs have been proven to be very useful and easy to work in the

field of membrane research and have solved the shortcomings of the c-BLM,

stable s-BLMs on solid substrates are of practical and scientific interest, espe-

cially the s-BLMs based on GC in electrochemical investigation. Upon further

modification of the BLM by embedding appropriate receptors, their counterparts

in the bathing solution may be selectively detected, thereby affirming the principle

of ligand–receptor interactions [61,62,74–80]. In such a biomimetic approach, a

lipid bilayer is used to construct electrochemical biosensor [75]. The functions of

biomembranes are mediated by specific modifiers, which can improve the

specificity and the selectivity of the biosensors.

A recent study showed that Pt nanoparticles electrochemically deposited

through the lipid films can improve the functions of s-BLMs [68]. Pt nanoparticles

array in s-BLM electrocatalyzed the reduction of oxygen (O2) in PBS. Practical

application of Pt nanoparticle-doped s-BLM for the construction of glucose bio-

sensor was also demonstrated by Ye et al. [68] in terms of its dose-response

curve, stability, and reproducibility. The response time (reaching 90% of the

maximum response) of this kind of biosensor was 17 s, which indicated a fast

diffusional process and a high activity of the GOx in this nanoparticle lipid com-

posite. The immobilization of Pt nanoparticles indicates that the Pt nanoparticles

grow in nanoscale voids in the s-BLMs through which the underlying GC elec-

trode is connected to the circuit. This implicates that the Pt nanoparticles serve as

nanoscale conductors that are electrically connected to the GC substrate and that

it penetrates through the s-BLMs to distances of tens of nanometers beyond the

membrane surface. The advantage and novelty of this device is an electrode

system at the nanoscale that can probe through the membrane to investigate the

molecular interaction and recognition at the external surface of s-BLMs. Thus,

lipid membrane doped with Pt nanoparticles is a novel electrode system at

nanoscale that can penetrate through the insulating membrane to probe molec-

ular recognition and catalytic events at the lipid membrane–solution interface.

The incorporation of Pt particles through the s-BLMs resulted in a unique nano-

electrode array, which not only enhanced the capacitance and decreased the

resistance of s-BLMs, but also increased the sensitivity for s-BLMs in elect-

rocatalyzing the reduction of O2 as well as rendering s-BLMs as glucose sensor

when GOx was incorporated into s-BLMs. In this connection, Wang’s [75] group

reported the electrochemistry of protein by using monolayer-protected nanopar-

ticles . They synthesized a kind of gold nanoparticle protected by a synthetic lipid

(didodecyidimethylammonium bromide, DDAB) with a diameter of around
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6.42 nm. With the help of these gold nanoparticles, hemoglobin can exhibit a

direct electron transfer (DET) reaction. The formal potential locates at �169mV

vs. Ag/AgCl. Spectral data indicated the hemoglobin on the electrode was not

denatured. The lipid-protected gold nanoparticles were very stable (for at least 8

months).

There have been numerous reports within the last decade on self-assembled

molecules and supported membranes and their closely related systems such as

Langmuir–Blodgett films [2,38,59,76,81–83]. The sustained and continued inter-

est is due to the fact that BLMs provide a natural environment for embedding of

proteins, pigments, and other membrane constituents with little denaturation. The

key successful construction of BLM-based sensors is the ability to embed func-

tional molecules into the lipid bilayer environment, which is hydrophobic, liquid-

like, and self-organizing. The essential idea is to use the s-BLM as a backdrop for

the incorporation of materials of interest as well as to use it for signal transduction.

To improve the properties of BLM for practical application, many compounds,

such as semiconducting nanoparticles, polymeric materials, and fullerenes, have

been successfully incorporated into BLM [84]. The recent achievement of the lipid-

nanoparticle nanocomposites showed that: (1) nanoparticles can be successfully

deposited through BLM as a novel nanoelectrode array system; and (2) s-BLM

with doping of nanoparticles retains a biocompatible microenvironment for en-

zymes to maintain its active conformation for catalytic reaction. Many metallic

nanoparticles, such as Cu, Pd, Rh, and Au, may be deposited through s-BLM. In

addition, supported lipid biomembrane at the interface of electrode-aqueous in-

terfaces, can also be employed for embedding a variety of compounds such as

peptides, enzymes, antibodies, receptors, ionphores, and redox species [2,59].

The bifaces and interfaces of the lipid-nanoparticles will open the possibility for the

detection of biological molecules such as antigens, hormones, ions, and electron

donors or acceptors. The nanostructured metallic lipid bilayer composite may

provide a rationale for the construction of ligand-specific biosensors.

3.5. Conclusion and perspectives

Nanoparticles have unique physicochemical and optoelectronic properties, which

is promising to the application in the fast-developing area of nanotechnology

[85,86]. Many chemical protocols have been developed and improved upon to

synthesize nanoparticles [87]. Molecular self-assembly is ubiquitous in nature

and has recently emerged as a new approach in nanotechnology for the syn-

thesis of functional nanoparticles. Molecular self-assembly systems lie at the

interface between molecular biology, chemistry, polymer science, materials

science, and engineering. Molecular self-assembly of lipid-nanoparticle nano-

composites represent a significant advance in the nanomaterials for a wide range

of applications.

Interfaces, Bifaces, and Nanotechnology 263



REFERENCES

[1] H.T. Tien, A.L. Ottova, Planar Lipid Bilayers (BLMs) and their Applications, Elsevier,
Amsterdam, 2003.

[2] H.T. Tien, A.L. Ottova, Membrane Biophysics: As Viewed from Experimental
Bilayer Lipid Membranes (Planar Lipid Bilayers and Spherical Liposomes), Elsevier,
Amsterdam, 2000.

[3] S. Iijima, Helical microtubules of graphitic carbon, Nature 354 (1991) 56–58.
[4] S. Iijima, T. Ichihashi, Single-shell carbon nanotubes of 1-nm diameter, Nature 363

(1993) 603–605.
[5] A. Thess, R. Lee, P. Nikdaev, H. Dai, P. Petit, J. Robert, C. Xu, Y.H. Lee, S.G. Kim,

A.G. Rinzler, D.T. Colbert, G.E. Scuseria, D. Tomanek, J.E. Fischer, R.E. Smalley,
Crystalline ropes of metallic carbon nanotubes, Science 273 (1996) 483–487.

[6] R. Saito, M. Fujita, G. Dresselhaus, M.S. Dresselhaus, Electronic structure of graph-
eme tubules based on C60, Phys. Rev. B 46 (1992) 1804–1811.

[7] R. Saito, M. Fujita, G. Dresselhaus, M.S. Dresselhaus, Electronic structure of chiral
graphite tubules, Appl. Phys. Lett. 60 (1992) 2204–2206.

[8] J.H. Weaver, D.M. Poirier, Solid state properties of fullerenes and fullerene-based
materials, Solid State Phys. – Adv. Res. Appl. 48 (1994) 1–108.

[9] J.W. Mintmire, B.I. Dunlap, C.T. White, Are fullerene tubules metallic, Phys. Rev. Lett.
68 (1992) 631–634.

[10] N. Hamada, S. Sawade, A. Oshiyama, New one-dimensional conductors: graphitic
microtubules, Phys. Rev. Lett. 68 (1992) 1579–1581.

[11] B.I. Yakobson, C.J. Brabec, J. Bernholc, Nanomechanics of carbon tubes: instabilities
beyond linear response, Phys. Rev. Lett. 76 (1996) 2511–2514.

[12] M.M.J. Treacy, T.W. Ebbesen, J.M. Gibson, Exceptionally high Young’s modulus
observed for individual carbon nanotubes, Nature 381 (1996) 678–680.

[13] E.W. Wong, P.E. Sheehan, C.M. Lieber, Nanobeam mechanics: elasticity, strength,
and toughness of nanorods and nanotubes, Science 277 (1997) 1971–1975.

[14] P.J. Britto, K.S.V. Santhanam, P.M. Ajayan, Carbon nanotube electrode for oxidation
of dopamine, Bioelectrochem. Bioenerg. 41 (1996) 121–125.

[15] E. Pennisi, Simple recipe yields Fullerene tubules, Sci. News 142 (1992) 36.
[16] Z.H. Wang, J. Liu, Q.L. Liang, Y.M. Wang, G. Luo, Carbon nanotube-modified elec-

trodes for the simultaneous determination of dopamine and ascorbic acid, Analyst
127 (2002) 653–658.

[17] J.J. Davis, R.J. Coles, H.A.O. Hill, Protein electrochemistry at carbon nanotube
electrodes, J. Electroanal. Chem. 440 (1997) 279–282.

[18] H.X. Luo, Z.J. Shi, N.Q. Li, Z.N. Gu, Q.K. Zhuang, Investigation of the electrochemical
and electrocatalytic behavior of single-wall carbon nanotube film on a glassy carbon
electrode, Anal. Chem. 73 (2001) 915–920.

[19] P.J. Britto, K.S.V. Santhanam, A. Rubio, J.A. Alonso, P.M. Ajayan, Improved charge
transfer at carbon nanotube electrodes, Adv. Mater. 11 (1999) 154–157.

[20] J. Kong, N.R. Franklin, C. Zhou, M.G. Chapline, S. Peng, K. Cho, H. Dai, Nanotube
molecular wires as chemical sensors, Science 287 (2000) 622–625.

[21] P.G. Collins, K. Bradley, M. Ishigami, A. Zettl, Extreme oxygen sensitivity of electronic
properties of carbon nanotubes, Science 287 (2000) 1801–1804.

[22] M. Musameh, J. Wang, A. Merkoci, Y. Lin, Low-potential stable NADH detection at
carbon-nanotube-modified glassy carbon electrodes, Electrochem. Commun. 4
(2002) 743–746.

[23] J. Wang, M. Musameh, Y.H. Lin, Solubilization of carbon nanotubes by Nafion toward
the preparation of amperometric biosensors, J. Am. Chem. Soc. 125 (2003)
2408–2409.

[24] J. Wang, M. Musameh, Carbon nanotube/teflon composite electrochemical sensors
and biosensors, Anal. Chem. 75 (2003) 2075–2079.

J.-S. Ye et al.264



[25] X. Yu, D. Chattopadhyay, I. Galeska, F. Papadimitrakopoulos, J.F. Rusling, Per-
oxidase activity of enzymes bound to the ends of single-wall carbon nanotube forest
electrodes, Electrochem. Commun. 5 (2003) 408–411.

[26] J.J. Gooding, R. Wibowo, J.Q. Liu, W.R. Yang, D. Losic, S. Orbons, F.J. Mearns,
J.G. Shapter, D.B. Hibbert, Protein electrochemistry using aligned carbon nanotube
arrays, J. Am. Chem. Soc. 125 (2003) 9006–9007.

[27] A.C. Zettlemoyer, Hydrophobic surfaces, J. Colloid Interface Sci. 28 (1968) 343–368.
[28] J.M. Bonard, T. Stora, J.P. Salvetat, F. Maier, T. Stockli, C. Duschl, L. Forro, W.A.

deHeer, A. Chatelain, Purification and size-selection of carbon nanotubes, Adv. Ma-
ter. 9 (1997) 827–832.

[29] S. Manne, J.P. Cleveland, H.E. Gaub, G.D. Stucky, P.K. Hansma, Direct visualization
of surfactant hemimicelles by force microscopy of the electrical double layer,
Langmuir 10 (1994) 4409–4413.

[30] C. Richard, F. Balavoibe, P. Schultz, T.W. Ebbesen, C. Mioskowski, Sup-
ramolecular self-assembly of lipid derivatives on carbon nanotubes, Science 300
(2003) 775–778.

[31] Y. Lin, S. Taylor, H.P. Li, K.A.S. Fernando, L.W. Qu, W. Wang, L.R. Gu, B. Zhou,
Y.P. Sun, Advances toward bioapplications of carbon nanotubes, J. Mater. Chem. 14
(2004) 527–541.

[32] X. Chen, G.S. Lee, A. Zettl, C.R. Bertozzi, Biomimetic engineering of carbon nanotubes
by using cell surface mucin mimics, Angew. Chem. Int. Ed. 43 (2004) 6111–6116.

[33] N.B. Holland, Y.X. Qiu, M. Ruegsegger, R.E. Marchant, Biomimetic engineering of
non-adhesive glycocalyx-like surfaces using oligosaccharide surfactant polymers,
Nature 392 (1998) 799–801.

[34] P.M. Ajayan, Nanotubes from carbon, Chem. Rev. 99 (1999) 1787–1799.
[35] X.B. Wang, Y.Q. Liu, W.F. Qiu, D. Zhu, Immobilization of tetra-tert-butylphthalocya-

nines on carbon nanotubes: a first step towards the development of new nanoma-
terials, J. Mater. Chem. 12 (2002) 1636–1639.

[36] C.M. Drain, Self-organization of self-assembled photonic materials into functional de-
vices: photo-switched conductors, Proc. Natl. Acad. Sci. USA 99 (2002) 5178–5182.

[37] H.T. Tien, L.G. Wang, X. Wang, A.L. Ottova, Electronic processes in supported
bilayer lipid membranes (s-BLMs) containing a geodesic form of carbon (fullerene C-
60), Bioelectrochem. Bioenerg. 42 (1997) 161–167.

[38] Y.L. Zhang, H.X. Shen, C.X. Zhang, A.L. Ottova, H.T. Tien, The study on the in-
teraction of DNA with hemin and the detection of DNA using the salt bridge supported
bilayer lipid membrane system, Electrochim. Acta 46 (2001) 1251–1257.

[39] H.T. Tien, Z. Salamon, A.L. Ottova, Lipid bilayer-based sensors and biomolecular
electronics, Crit. Rev. Biomed. Eng. 18 (1991) 323–340.

[40] J.S. Ye, H.F. Cui, W.D. Zhang, A.L. Ottova, H.T. Tien, F.S. Sheu, Self-assembly of
bilayer lipid membrane at multiwalled carbon nanotubes towards the development of
photo-switched functional device, Electrochem. Commun. 7 (2005) 81–86.

[41] T. Kanyó, Z. Kónya, Á. Kukovecz, F. Berger, I. Dékány, I. Kiricsi, Quantitative char-
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Abstract

Polyene macrolide antibiotics (PMAs) comprise over 200 natural compounds produced

usually by Streptomyces spp. Molecules of these antibiotics contain: (i) large lactone ring

with several conjugated double bonds, and (ii) generally one aminosugar moiety and

carboxyl group which are attached to this ring. Subgroup of polyene macrolides, the so-

called aromatic heptaenes, additionally contains side chain with aromatic ring, which is

attached to a lactone moiety. Most of the polyene macrolides exhibit antifungal activity.

Some of them are also active against parasites. Only few of polyene macrolides are

sufficiently non-toxic to be used as antifungal drugs. Among them the most important one

is Amphotericin B (AmB), which is used to treat systemic fungal infections (as Fungizones
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or as liposomal formulations). Nystatin – another known member of the PMA group – also

possesses chemotherapeutic application but only for topical infections. Aromatic polyene

macrolides compared to AmB or nystatin were less studied but still they may be regarded

as the source of new potent antifungal drugs. Due to space limit the content of this chapter

will focus mainly on AmB with some references to nystatin and aromatic PMAs.

Generally accepted mode of action of PMA is interaction of their molecules with cellular

membranes. PMAs cause an impairment of membrane function of sensitive cells, usually

leakage of cellular constituents and eventually cell death. Detergent type of action or

channel formation in cellular membrane is responsible for the disturbance of membrane

barrier function. Studies on molecular action of PMAs (especially for AmB) carried out

within last 45 years resulted in huge collection of data. Nevertheless, the mechanism

responsible for AmB chemotherapeutic selectivity (pathogen cells versus host cells) is still

not well understood. Chemotherapeutic application of AmB is based on higher sensitivity of

ergosterol-containing fungal cells to the antibiotic compared to cholesterol-containing

mammalian cells. Therefore, it is postulated that sterol molecules are necessary for AmB

channel formation and participate in the channel structure. Due to the complex mode of

action of PMAs on membranes of living organisms many simpler models were worked out,

namely, lipid monolayers, bilayers, and liposomes and recently in silico models. In our

review, we focused mainly on studies performed on mentioned models in our laboratories

but we also made a critical evaluation of data published in the literature upto 2003. Par-

ticularly, the following studies are reviewed and critically discussed in the chapter.

Interaction with planar lipid layers. The molecular dimension of AmB corresponds to a

single monolayer of the lipid bilayer membranes and therefore monomolecular layers

formed with lipids and modified with AmB seem to be a model system suitable of studying

interaction of this antibiotic with lipids. Two-component monomolecular layers formed with

AmB and lipids were in several cases deposited to a solid support by means of the

Langmuir–Blodgett technique and analyzed with the application of numerous spec-

troscopic techniques (such as electronic absorption and fluorescence spectroscopy or

FTIR) and scanning force microscopy (SFM). The two aspects of these interactions have

been studied in a monolayer model system, in particular, a molecular organization of AmB

in the lipid environment, including formation of porous structures, and an effect of the drug

on structural properties of a lipid phase. These studies are reviewed and critically dis-

cussed in the chapter.

Interactions with liposomes. Liposomes, artificial lipid vesicles, attracted widespread

interest by the importance of the lipid bilayers as the structural elements of natural mem-

branes. Vesicular model membranes appeared particularly well adapted to study mode of

PMA action. Different types of liposomes (MLVs, LUVs, and SUVs) composed of various

lipids have been used. Studies on PMA membrane interaction comprise the drug con-

formational changes, the perturbation in membrane structure, and changes of membrane

properties as permeability barrier. We reviewed herein: (i) methods to study PMA mem-

brane interactions, (ii) antibiotic affinity to membrane components (phospholipids and dif-

ferent sterols), and (iii) alteration of the overall membrane organization and membrane

permeability characteristics.

Interaction with in silico model membrane. The development of computational chemistry

and molecular modeling methods within the last two decades has enabled to use these

techniques in studies of interactions between AmB and model phospholipid membranes.

These studies include interactions of AmB with the surface of phospholipid bilayer as well

as studies of ionic channels formed by molecules of AmB in the lipid bilayer. In particular,

molecular dynamic (MD) studies were performed to analyze interaction of single AmB

molecule with the surface of lipid membrane and membrane components. MD studies
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were also carried out to analyze molecular properties of ionic channels built from AmB

molecules and sterols (cholesterol or ergosterol). The simulations applying Monte Carlo

methods (MC) and Poisson–Boltzmann electrostatic model were used to study ion pas-

sage through AmB membrane channels as well as to study distribution of molecular elec-

trostatic potential for AmB and their supramolecular complexes in the lipid bilayer.

Molecular modeling studies of AmB membrane channels presented above was reviewed in

the chapter and confronted with available experimental data.

1. INTRODUCTION

Polyene macrolide antibiotics (PMAs) are natural compounds and most of them

are produced by soil bacteria Actinomycetes, mainly belonging to the genus

Streptomyces. The first polyene macrolide, i.e. fungicidin, was discovered by

Hazen and Brown [1] in 1950 and it was later named nystatin. Since then more

than 200 compounds belonging to this group have been found. PMAs produced

by Streptomyces are present in bacterial mycelium and the antibiotics isolation is

carried out by different extraction methods. Due to the fact that closely related

polyene macrolide are present in the same cellular extract, isolation of the single

compound is difficult (see recent review [2]). Problems with isolations, purifica-

tion, and additionally complex structure of all polyene macrolides caused that not

many more than 40 structures of PMAs have been elucidated [3]. The polyene

macrolides, in general, exhibit antifungal and antiprotozoal activity but little or no

antibacterial activity. Due to this fact several of PMAs are used as antifungal

drugs, e.g. AmB, nystatin, pimaricin, and candicidin (Fig. 1). Polyene macrolides,

however, are highly toxic to the host and cause many serious side effects. This

disadvantage as well as poor water solubility limits their application. Neverthe-

less, other much desired chemotherapeutic features such as broad fungal spec-

trum, fungicidal action, or low occurrence of resistant strains among pathogens

make polyene macrolides still valuable group of antifungal drugs. Several re-

views, concerning chemical, physical, and chemotherapeutic properties of PMAs

were published within the last two decades [3–10]. The most known PMA is AmB,

which is still used as a life saving drug (golden standard or rather drug of choice)

to treat systemic fungal infections. It is worth to mention here that AmB is prob-

ably the oldest antibiotic still used in clinical practice. It was discovered in early

1950s [11,12] and introduced as a drug in 1959. Several very interesting reviews

concerning just properties of AmB and its mode of action were published within

recent years [10,13–17].

Cellular mechanism of action of PMAs is very complex and still not known in

details. Generally, it is accepted that PMAs interact with plasma membranes of

sensitive organisms (containing sterols [18]) causing an impairment of barrier

function, leakage of cellular constituents, and ultimately cell death ([19–22] and

reviewed in Refs. [4,6,7,13,15,16,23]). However, data collected from many labo-

ratories suggest that lethality of sensitive cells is not a simple consequence of
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changes in permeability of cell membranes for all polyene macrolides [13,24–29].

Concerning mechanism of action of two important PMAs, AmB and nystatin, it is

known that they formmembrane channels which cause leakage of monovalent ions

(K+, Na+, H+, Cl�) and small organic molecules [19–21,30,31]. Chemotherapeutic

application of AmB is based on higher sensitivity of ergosterol-containing fungal

cells to the antibiotic compared to cholesterol-containing mammalian cells [32–34].

There are only minor differences in the chemical structure between cholesterol and

ergosterol molecules (Fig. 2) and reasons why the ergosterol-containing mem-

branes are more sensitive than the cholesterol-containing membranes are still
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poorly understood. The question still remains whether these differential effects

originate solely from a preferential binding of AmB to ergosterol, or whether they

originate from a different modulation of the membrane properties by ergosterol and

by cholesterol, which then results in differences in susceptibility to AmB. Taking into

account current data three phenomena can be considered as responsible for se-

lective toxicity of AmB: (i) ergosterol and cholesterol membranes in a different way

accommodate the antibiotic molecules, and extant of association of the antibiotic in

the extracellular medium (presumably also the structure of associates) is important

for the penetration of the antibiotic into the membrane [35,36] or (ii) for unknown

reasons, the ability to form channel by antibiotic molecules present in the mem-

brane is greater in ergosterol- as compared to cholesterol-containing membranes

or (iii) structure and stability of channels in ergosterol and cholesterol membranes

are different and therefore, only the channels formed in ergosterol-containing

membranes are active [37]. One may also think that all three or two of the above

mentioned factors work together in a cooperative way and are responsible for the

selective toxicity of AmB and its derivatives.

Due to increasing number of immunocompromised patients and uncontrolled

use of wide spectrum antibacterial antibiotics, fungal infections have become

more frequent. The increase of fungal infections is also caused by uncontrolled

use of wide spectrum antibacterial antibiotic. Therefore, searching for new an-

tifungal drugs [38–41] or development of polyene macrolides (old standards)

toward less-toxic derivatives [42,43] or formulations [44,45] becomes more and

more important. However, rational elaboration of new less-toxic AmB derivatives
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will be possible when mechanism of PMA action is known in details. Application of

modern approaches in the development of novel polyene macrolides is also very

welcome. These new efforts apply recent genetic studies of microorganisms

producing polyene macrolides [46] and, via genetic engineering, open way to

biosynthesis of novel polyene macrolides. Such new PMAs may contain modified

groups, which are currently not accessible for chemical synthesis [9].

Due to the importance of polyene macrolides antibiotics for fungal chemother-

apy as well as their unique mode of action, this critical review is aimed at pre-

senting recent studies on PMA mechanism of action. This mechanism is based

on PMA interaction with biological and model membranes, formation of different

supramolecular structures inside the membranes, and changing properties and

permeability of these membranes. In particular, we will focus on mechanisms,

which concern interaction of PMAs with lipid membranes and their components.

Cellular membranes are complex heterogenic structures and studies of interac-

tion between PMAs and natural membranes are difficult and results are not easy

to interpret at the molecular level. Therefore, molecular aspects of PMA–mem-

brane interactions have been studied on different simpler membrane systems,

which are good models of cellular membranes. These systems include lipid

monomolecular layers, lipid bilayers, lipid vesicles, and ‘‘in silico’’ computer

membrane models. Reviewed studies on PMA–membrane interactions (com-

prising results from our and other laboratories) were aimed at understanding

which molecular factors determine selective toxicity of polyene macrolides toward

fungal cells compared to mammalian cells.

1.1. Structure and physicochemical properties of PMAs

Structure of PMAs is very complex because PMA molecules contain a macrolide

ring, polyene double bonds system, many functional groups, and asymmetric

centers [3]. Due to such complex structure and problems with purification, only

limited number of PMA 3D structures (including configuration and conformation)

were resolved by X-ray [47,48] or NMR methods (e.g. recent works [49–54]).

Structure of PMAs determines their chemotherapeutic action and particularly their

mode of interaction with membranes. Therefore, detailed presentation of PMA

structure is described below and will further help to understand and to discuss the

mode of action of PMAs. Molecules of PMAs contain: (i) 20–40 carbon atom

lactone ring (the so-called macrolide ring) with several (three to eight) conjugated

double bonds and (ii) generally one aminosugar moiety and carboxyl group which

are attached to this ring (Fig. 1). Subgroup of polyene macrolides, the so-called

aromatic heptaenes, additionally contains side chain with aromatic ring, which is

attached to a lactone moiety.

The PMAs are divided, with regard to the size of the macrolide ring (which

determines their mode of action), into two groups: containing small (e.g. filipin or
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pimaricin) or large macrolide ring (e.g. AmB or nystatin). PMAs containing small

macrolide ring usually exhibit detergent type of activity in lipid membranes (e.g.

filipin). On the other hand, PMAs containing large macrolide ring are prone to

form ionic channels in membranes. With regard to the number of conjugated

double bonds in a polyenic chromophore PMAs are classified into trienes, tet-

raenes, pentaenes, hexaenes, heptaenes, and octaenes [3]. Number of conju-

gated carbon–carbon double bonds determines spectral properties of PMAs and

rigidity of the macrolide ring.

In addition to chromophore, the macrolide ring of PMAs contains other func-

tional groups such as hydroxyls, carbonyls, or epoxides. These groups are lo-

cated opposite to chromophore region in the macrolide ring (Fig. 1). This part of

the PMA ring, containing polyol chain, is rather polar and is presumably respon-

sible for PMA–water or PMA–PMA interactions (e.g. self-association or interac-

tion of PMA molecules in the channel structure). Most PMAs also contain

fragment comprising several carbon atoms that forms hemiketal moiety (Fig. 1)

[55]. This region is located close to carboxyl group and presumably influences

both rigidity of the macrolide ring and polarity of this region.

The aminosugar moiety (usually mycosamine and sometimes perosamine) to-

gether with carboxyl group defines a polar fragment (‘‘polar head’’) of the mol-

ecule. The aminosugar is linked via a glycosidic bond to the first carbon atom

after the chromophore region (Fig. 1). One may expect some free rotation of the

aminosugar moiety around glycosidic bond and indeed it is expected that mutual

position of macrolide ring and aminosugar part is important for biological action of

PMAs (some conformational studies were performed only for AmB) [37,56–62].

Several structural requirements for biological activity of PMAs were assigned

[63]. To be active, PMAs need to contain macrolide ring with double bond system.

Heptaenes are the most active against fungi and aromatic polyene macrolides

are more active against fungi than non-aromatic PMAs [64]. The polar head plays

important role in antifungal activity of PMAs. Protonable amino group should be

present in this polar head to preserve the activity [64–67]. On contrary, the car-

boxyl group is not important for activity but substitution of this group improves

selective toxicity of PMAs [67,68].

Those PMA molecules which possess at the same time both free carboxyl and

amino group exhibit amphoteric properties under physiological conditions [69].

Due to chemical properties of carboxyl and amino groups, both of them are the

most typical locations for chemical modifications (different N-substitutions of

amino group and amides or esters of carboxyl group). Numerous of such mod-

ifications, leading to different derivatives, were mainly obtained for AmB

[42,43,70–76] but also for some other PMAs [67,77–79]. Some other regions of

AmB, namely position C-13, C-14, and C-16 (Fig. 1) were also modified [80–82].

Numerous modifications of the above-mentioned groups led to changes in phy-

sicochemical and biological properties of PMAs. These studies created the base

both for better understanding the mode of PMA biological action and for rational
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designing of new less-toxic derivatives of parent compounds (hopefully new

drugs). For instance, different modifications of AmB and biological studies of

these new AmB derivatives revealed that bulky substituents at amino group and

lack of the free carboxyl group may improve selective toxicity of this antibiotic

[42,43,68]. These data apparently also show that known PMAs still can be re-

garded as an unexplored source of new potent antifungal agents exhibiting highly

desired chemotherapeutic features.

Polyene macrolides also exhibit amphiphilic properties that stem from struc-

tural elements of macrolide ring. Traditionally, one may distinguish (i) polar part

containing polar head and polyol chain and (ii) hydrophobic part containing chro-

mophore region. This simple view, however, is more complex. For instance, the

amphiphilic property of AmB was shown at molecular level by distribution of

molecular electrostatic properties for this molecule [83].

Due to amphiphilic and amphoteric properties, PMAs are very poorly soluble

in water but also in pure non-polar solvents. Solubility and the state of PMAs in

aqueous media are well characterized only for AmB and some its derivatives [36].

AmB in polar organic solvents (e.g. methanol, ethanol, DMF, and DMSO) exists

as a monomolecular dispersion and its optical absorption spectra are not con-

centration dependent. On the other hand, in aqueous media the optical absorp-

tion spectrum of AmB is concentration dependent [84,85]. AmB is fully soluble in

water only below concentration 10�7M (monomeric forms). When the concen-

tration increases above 10�7M, AmB undergoes complicated processes of self-

association and formation of dimers, soluble oligomers, and at concentrations

higher than 10�5M, insoluble aggregates are observed. The associated forms of

AmB are characterized by totally new UV–Vis spectra. Several models of ag-

gregation of AmB in aqueous media were proposed: small close packing units

[86], big aggregates having helical structure with a repeat unit containing two

AmB molecules [87–89], tube-like hydrophobic pores formed by several AmB

molecules [90,91], and dimers of different structure [91–93]. Extent of aggrega-

tion of AmB depends on various parameters [66,85,86,90–104], which were

studied extensively in order to improve solubility of this drug. It has been found

that presence of fixed charge in the molecule of the antibiotic improve solubility

[85]. It has also been established that the state of aggregation of AmB determines

ergosterol/cholesterol selectivity in antibiotic sterol suspensions as well as in of

model and cell membranes [35,98,100,105–108].

Due to amphiphilic properties PMA molecules not only form different aggre-

gates in aqueous solution but also tend to form specific monolayers in contact

with polar surfaces. For instance AmB forms monolayers at the air/water interface

[109–112]. This ability of PMA molecules was used to study interaction between

AmB molecules and sterols or lipids in monolayers (Langmuir monolayer tech-

niques and Brewster angle microscopy) [107,113–121].

PMAs due to conjugated double bond system exhibit characteristic spec-

troscopic properties. UV–Vis and circular dichroism (CD) spectroscopy appeared
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to be a powerful monitoring technique to follow the organization of PMAs in

various experimental systems due to the dependency of the shape and position

of absorption maxima on the dipole–dipole interaction between chromophores of

neighbor molecules in the formation of aggregates. The UV–Vis spectra of PMAs

show characteristic shapes with several absorption bands in the region

(350–450 nm) [3]. Molar extinction coefficient, spectrum shape, and position of

bands are dependent on the number of conjugated double bonds system in the

polyenic chromophore and their geometry (all-trans AmB, cis–trans aromatic he-

ptaenes) as well as properties of the environment. Absorption spectrum of the

monomeric form of heptaenes presents a vibronic structure and four bands are

generally observed. Spectra are independent on concentration and absorbency

increase with concentration in accord with Lambert–Beer’s law. In water, PMAs

are poorly soluble and in monomeric form they exist only in very low concen-

trations (AmBo10�7M). At higher concentrations, they undergo self-association,

reflected in drastic changes of their spectroscopic properties. In aqueous media,

spectra are concentration dependent and are well characterized only for AmB

and some its derivatives. Spectrum of the monomeric form of AmB in water is

similar to that in organic solvents, but the new UV–Vis spectrum exhibit a hypso-

chromic as well as a batochromic spectral shift with two new bands [85,90] and

molar extinction coefficient (e) is lower (in methanol and water e are 160,000 and

about 100,000, respectively).

Circular dichroic spectra of polyene macrolides are also concentration de-

pendent [85,86,94,95]. CD spectra of the monomeric form of AmB show weak

positive bands located at the same wave length as in UV–Vis spectra. This CD

spectrum undergoes dramatic changes for aggregated forms of AmB and other

PMAs [6,85]. Self-associated species of PMAs are characterized by very intense

dichroic doublet around 340 nm (De amplitude 1000 cm�1mol�1 in water) and a

signal above 435 nm. Intensity of the doublet reflects extent of association and is

used in the quantitative determinations of the proportion of monomeric and self-

associated forms of the antibiotic [85,86,92,101,106].

Fluorescence spectroscopy was less extensively applied than UV–Vis or CD

methods in studies of PMA molecular properties mainly due to low quantum yield

of fluorescence for polyenes [91,122,123]. The polyenes with shorter polyenic

chromophores (filipin, pimaricin, etruscomycin, and nystatin) are fluorescent.

Lifetime and quantum yield measurements suggested that in solution, the fluo-

rescent properties of nystatin are identical to those of parinaric acid containing

tetraenic fluorophore and similar to those of diphenylhexatriene [124]. Therefore,

fluorescence properties of nystatin have been used to investigate behavior of this

antibiotic in solutions and membrane preparations and comprised intermolecular

interactions, incorporations into bilayers, and effect on bilayer structure. It was

generally regarded that the heptaene antibiotics, aromatic, and non-aromatic do

not exhibit fluorescence. Until recently, the fluorescence of AmB has been

thought to be due to pentaene impurities [125]. However, AmB fluorescence was
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established and both emission and excitation spectra appeared to be especially

useful in analyzing monomer/dimer transitions of AmB molecules in solution and

in lipid membranes [91,126]. The analysis of fluorescence spectra of AmB in

2-propanol–water solvent mixture revealed existence of the two separate exci-

tation bands and the corresponding emission bands shifted approximately by

50 nm [91]. The short wavelength fluorescence excitation spectrum has been

assigned to dimeric forms of AmB, on the basis of the exciton splitting theory and

van’t Hoff dependency [91]. The fact that these two bands can be analyzed in

parallel in the same system, provided a tool for studying dimer formation by AmB

in the lipid membrane environment as a function of the drug concentration and

temperature [91,127].

1.2. Chemotherapeutic value

From the very beginning it was found that PMAs exhibit antifungal activity [1,128].

Fungal cells are highly sensitive to all PMAs, mammalian cells are somewhat

less sensitive, while bacteria and blue-green algae are insensitive [18]. Some

past and recent studies report also other types of biological action of PMAs,

namely: antiparasitic activity [129–133], antiviral (including anti-HIV) activity

[134–137], antiprion activity [138–141], and prevention of fibrillization in amyloid

diseases [142]. It was also found that PMAs exhibit immunostimulatory effects

[13,143–146].

Antifungal activity of PMAs is of primary importance for their practical appli-

cation in chemotherapy. Several of PMAs are used as antifungal drugs: AmB,

nystatin, pimaricin, candicidin, methyl partricin, and trichomycin [9]. AmB is ap-

plied in the treatment of fungal systemic infections and the other above-listed

drugs are used only for topical infections. Usefulness of AmB for antifungal

chemotherapy of various internal mycoses stems from the unique properties of

this drug: (i) a very broad antifungal spectrum, (ii) a very high antifungal activity,

(iii) a fungicidal type of action, and (iv) a reluctance to induce resistance (resistant

fungal strains to AmB appear infrequently) [4,10,14,15,17]. However, the use of

AmB is limited by two factors: high toxicity and poor solubility. AmB can produce a

wide variety of acute and chronic side effects (including anaphylaxis, nausea,

phlebitis, and chills), the most important of which is nephrotoxicity [147–150]. If

this drug were not effective against so many fungal pathogens and exhibit other

useful properties, it would have been abandoned many years ago. But AmB

remains the most effective drug in treating systemic fungal infections (especially

as a life saving drug of the first choice) despite the recent opinions that ‘‘treatment

standards are beginning to grow old’’ [151].

To overcome problems with toxicity of AmB several approaches have

been applied. The most rational approach would be to recognize differ-

ences between mechanisms of antifungal action of PMAs (reviewed in Refs.
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[4,6,7,9,13,15,17,23,33]) and mechanism of their toxicity [29,149,152–158].

Knowing bases of selective toxicity would enable to design less-toxic (more se-

lective against fungal versus mammalian cells) derivatives of parent compounds.

These studies have been performed for a long time and are continued with a

hope that finally new AmB derivatives or other PMAs will be introduced as an

antifungal drug against systemic infections. Such studies, however, take time and

in case of polyene macrolides are extremely difficult.

Other approaches, based rather on experimental trial and fail efforts, were

focused on screening type search for new less-toxic AmB derivatives [72]. This

approach was successful only to some extent. Amphotericin B methyl ester

(AME) [70], a result of such search, appeared to be less toxic and better soluble

in water than AmB itself and therefore, it was admitted to clinical trials. The AME

apparently appeared to be neurotoxic [159,160] and eventually was not further

developed, although some later studies on purified compound did not con-

firm its high neurotoxicity [161]. In order to lower toxicity of AmB, new delivery

systems (i.e. liposomes, lipid formulations [17,45,162–167] and micellar systems

[168–170]) were developed. First trials with liposomal AmB delivery systems

come from early 1980s [171–173]. Within the last 20 years several liposomal and

lipid-complex formulations of AmB were developed and few of them are allowed

to use in clinical practice (i.e. Abelcet, AmBisome, and Amphotec) (reviewed in

Ref. [167]). Many accumulated data show that these new formulations are not

less active than classical AmB formulations (i.e. Fungizone, which is amp-

hotericin B deoxycholate complex) and in some infections are superior to Fun-

gizone due to their lower toxicity. However, the serious limitation of a wide

practical application of new AmB lipid formulations is their cost, which is much

higher than for conventional Fungizone [174].

1.3. Mechanisms of antifungal and toxic action of PMAs

Mechanism of antifungal activity of PMAs is pleiotropic. It is generally assumed

that primary mode of action of PMAs responsible for fungicidal as well as toxic

effect is destruction of cell membrane as a permeability barrier [19,21,30,31,175].

However, increase of membrane permeabilization, especially for ions, not always

is lethal for the cell [24,25,176]. It has been suggested that other mechanism,

such as lipid peroxidation and membrane enzyme inhibition may occur

[13,176–178]. Also endocytosis detected for AmB in case of mammalian cells

may take part in toxic effects of PMAs.

Channel formation by PMA molecules (especially AmB and other heptaenes) is

regarded as the principal factor responsible for membrane permeability, conse-

quently leading to lethal effects. First models of such ionic channels were pro-

posed on the bases of permeability studies on model black lipid membranes

(BLM) and cells [30,179]. It was postulated that the channel is formed by two
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half-pores located one above the other in the bilayer (which was later named

double length channel (DLC)). Each half-pore contains eight molecules of an-

tibiotic and eight molecules of sterol arranged alternately (Fig. 3). Molecules of

the antibiotic are oriented parallel to each other and perpendicular to the plane of

the membrane. The polyhydroxyl parts of AmB molecules form the channel in-

terior (filled with water molecules) and the hydrophobic parts of the antibiotic

molecules interact with the lipids. Further this model was elaborated in exper-

imental studies comprising conditions of its formation, permeability characteris-

tics, and role of antibiotic structure [16,29,180–183] as well as in theoretical

studies on chemical structure and molecular properties of these channels

[37,61,184–191].

Half-pore AmB channel has been named a single length channel (SLC). Two

SLCs arranged in a tail-to-tail configuration may form a DLC. It was postulated

that SLC AmB channels are formed when AmB is administered to only one side of

the lipid bilayer, and DLCs are formed when AmB is added to both sides of the

membrane [35,182]. Both channels can permeate ions, and depending on the

membrane parameters (i.e. lipid composition and membrane thickness), and on

the availability of AmB, both SLC and DLC types of channels can coexist and

function. Since under medical usage conditions AmB is administered only from

the extracellular side of the cell plasma membrane, it is more likely that only SLCs

would be formed in such case. In experiments using artificial BLM, single length

AmB channels have been observed to have selective permeability to monovalent

cations over anions [30,180,182,192]. Moreover, experiments using single length

Fig. 3. Computer model of AmB–sterol channel in the lipid membrane based on
the idea from work of De Kruijff and Demel [179] and subsequently used in the
MD studies of Baginski et al. [61]. AmB molecules are presented as sticks and
cholesterol molecules as a dark space filling models.
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AmB channels formed in small and large unilamellar vesicles showed that the ion

selectivity depends on the AmB concentration [193]. Even though SLC has cation

selectivity, the difference between ion permeabilities is not significant and both

negatively or positively charged monovalent ions are transmitted through both

types of AmB channels at physiological conditions. The reason for poor ion se-

lectivity is probably the large size of the AmB channel; the pore diameter has

been measured to be 7–10 Å, which is larger than the diameter of many protein

channels.

Recently, it has been shown that AmB, at high concentration may also form

channels in sterol-free membranes [194–197]. However, one may expect that

molecular properties (and especially structure) of channels formed in sterol-free

and sterol-containing membranes are different. Therefore, it is very unlikely that

channels formed without sterol would be of chemotherapeutic relevance.

The mechanism of polyene macrolide channel formation in cell membranes is

mostly undiscovered. Two main pathways of channel formation may be postu-

lated: (i) one-step mechanism and (ii) sequential mechanism. In one-step mech-

anism, a critical number of polyene macrolide molecules (studies concerned

AmB) on a membrane surface are necessary to form a pore [198]. AmB mol-

ecules tend to form monolayers at the air/water interface and the same behavior

of polyene molecules is expected at the water/membrane interface (membrane

surfaces). Accumulation of AmB molecules at the membrane surface was re-

cently observed by atomic force microscopy studies [89]. These studies may

support one-step mechanism. On the other hand, hypothesis describing sequen-

tial mechanism is also attractive. Due to amphiphilic properties, AmB single mol-

ecule of this antibiotic is rather not able to enter the membrane [330]. However,

different AmB dimers or higher associates (including postulated helical structures

[88]) may first interact with membrane surface and then penetrate the membrane.

Associated species of AmB, present in water, have to isolate hydrophobic parts of

the molecules from an aqueous environment [86–88,90–92]. Entering the mem-

brane requires structural rearrangement of such AmB complexes and exposition

of hydrophobic fragments of polyene molecules into the membrane environment.

Sequential mechanism suggests that presumably dimers are building blocks of

the channels. Such dimers while entering the membrane may interact with

phospholipids and sterols. Sterols may play a crucial role in orientation and

guiding the polyene macrolide complexes (e.g. dimers) inside the membranes.

Additionally, sterols may stabilize the channels when they are formed. In this

case, sterols can be necessary both for AmB–sterol interaction as well as for

separation of AmB channels from destructive effects of phospholipids

[37,61,199].

Why and how structural differences between cholesterol and ergosterol may

lead to higher AmB–ergosterol than AmB–cholesterol containing membrane af-

finity was only hypothesized [65,200]. It was postulated that the molecular struc-

ture of ergosterol better complements to AmB [201] and that the presence of
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additional carbon–carbon double bonds in the sterol side chain reinforces the

electrostatic interaction between ergosterol and AmB molecules [83,202,203].

One may also postulate that small structural differences lead to small differences

of interactions between AmB and sterol molecules. However, since many AmB

molecules are involved in the formation of a single membrane channel, cumu-

lative effect of such small differences can have a significant influence on the

stability of the channel. The importance of structural features of sterols for AmB

activity is further supported by experiments showing that AmB resistant fungal

strains contain modified sterols, which have structures very similar to that of

ergosterol, in their plasma membrane [204]. These small structural differences

between sterols are suggested as the source of resistance. Also studies with

enantiomeric forms of cholesterol indicated that geometry of AmB–sterol inter-

action is very important for activity/toxicity of this antibiotic [205,206]. One may

also consider that structural differences and various integrities of cholesterol and

ergosterol-containing membranes can be responsible for selective toxicity of

AmB. In this case, sterol–phospholipid interactions may influence permeability of

AmB in a different way in cholesterol- and ergosterol-containing membranes.

1.4. Importance of studies on model membranes

Due to the fact that a cellular target for PMAs is the cell membrane, studies of

interaction between PMAs and membranes (natural and model) as well as with

their components are of primary importance to understand details of chemother-

apeutic action of PMAs and especially selectivity of these antibiotics against

fungal versus mammalian cells.

Biological membranes contain, as their fundamental structural element, the

lipid bilayers, which are the assembly of amphiphatic lipids. Lipid bilayers are

relatively impermeable barriers separating the cells from their environment and

controlling the entry of materials into a cell and the exit of materials from a cell.

Cell membranes are composed of a complex array of glycerophospholipids and

sphingolipids that vary in head group and acyl chain composition. The main

membrane lipid classes are phospholipids (among which the most common are

phosphatidylcholines), sphingolipids, and sterols (cholesterol in mammalian cells,

ergosterol in eukaryotic microorganisms, and stigmasterol and sitosterol in plant

cells). Each biomembrane contains a complex, but characteristic, mixture of dif-

ferent phospholipid species with variations in aliphatic chains and polar head

groups.

According to current domain model of cell membranes, the lipid bilayers are

presented as more mosaic than fluid structures. Classical view of cell membranes

as fluid–mosaic model of Singer and Nicolson [207] was recently extended by the

introduction of lipid rafts. Lipid rafts are conceived as functional lipid microdo-

mains, rich in sphingolipids and cholesterol, responsible for trafficking of lipids,
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and lipid-anchored proteins [208,209]. Sterols are essential constituents of most

eukaryotic cellular membranes and in many other biological membranes they

occur at high concentrations. In living cells, sterols perform two functions: met-

abolic and structural at the membrane level. The sterols, characteristic for phylo-

genetic group, are essential growth factors. This metabolic role requires very

small amount of specific structure sterol. The other, bulk sterol function in the

membrane is to maintain membrane integrity under a variety of physiological

conditions by mediating membrane fluidity via its effect on the properties of the

phospholipid bilayers. This function has less-stringent structural requirements.

The main role of sterols in model membranes is to stabilize the arrangement of

phospholipids in the bilayer. The effects of sterols on phospholipids are very

complex and depend on both: the sterol structure and the fatty acid acyl chain

structure of the phospholipid. There have been very few detailed studies as to the

effects of sterols other than cholesterol on the structure and physical properties of

the phospholipid bilayer [210]. Numerous studies on model membranes showed

that cholesterol molecules intercalated into the phospholipid matrix release the

rotation and translation of the phospholipid molecule in the gel phase while they

restrict this motion in the liquid-crystalline phase. Above 25mol% in both satu-

rated and unsaturated phospholipid membranes, the intermediate fluid phase,

discovered by Chapman some years ago, is formed. The phase combines prop-

erties characteristic of gel and liquid-crystalline bilayers [211]. Three main struc-

tural features of sterols have been linked to its characteristic effects on lipid

bilayer membranes: a planar ring system (Fig. 2), 3b-OH group, and long hy-

drophobic side chain linked to C 17 [212,213] (Fig. 2). However, all sterols that

meet these requirements were less efficient than cholesterol in modulating

phospholipids bilayers properties. In lipid membrane, cholesterol can be incor-

porated up to 50mol%. Such sterol–phospholipid ratio is found in some mam-

malian cells, for example erythrocytes. Ergosterol content in fungal cell

membrane is around 15mol% or lower. In experiments using spin-labeled

probes it has been shown that 15mol% was the effective solubility limit for er-

gosterol in yolk egg phosphatidylcholine (EPC) planar multilayers. In the pres-

ence of dicetylphosphate, uniform incorporation of ergosterol can be increased

up to 30mol% [214]. The latest 2H NMR results obtained for dipalmitoyl-

phosphatydylcholine (DPPC) containing 12.5 or 28mol% cholesterol or ergos-

terol with respect to the phospholipid content indicate that both sterols cause

increase of the acyl chain order of DPPC, this increase being slightly greater with

cholesterol [215]. On the other hand, recent steady-state fluorescence anisotropy

experiments with a fluorescence probe revealed that DPPC membranes (studies

on liposomes) in their liquid-crystalline state are more ordered by ergosterol than

cholesterol molecules [210].

Thus cellular membranes are very complex heterogeneous systems modulated

by many components. Therefore, studies of molecular interaction of AmB or other

polyenes with cell membranes are very difficult and hindered. Results coming
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from experiments with cells treated by AmB are usually susceptible to various

interpretations. Due to this fact other simpler systems such as membrane models

are taken into account. Model membranes such as lipid vesicles, lipid monolayers

and bilayers, as well as in silico computer models are good representatives of

cellular membranes. These systems, usually containing only one or two types of

lipids, are much simpler than regular cellular membranes. These models were

also extensively used in studies of interaction of polyene macrolides with mem-

branes and are the subject of our review.

2. INVESTIGATION OF AmB IN LIPID MONOLAYERS

2.1. AmB in planar lipid bilayers

Black or bimolecular lipid membranes (BLMs) are a powerful model of studying

transport properties of lipid membranes [216]. Originally, the bimolecular lipid

membranes were formed on a small aperture (�1mm), separating two electrolyte

compartments [216]. Such a model has appeared very useful to demonstrate that

AmB, incorporated to lipid membranes, facilitates transport of monovalent cations

across a membrane [217–220] and therefore provide a background to the hy-

potheses on AmB membrane channels.

2.2. Why study AmB in monomolecular layers?

When amphiphilic molecules are deposited at the polar–non-polar interface, they

adopt such an orientation that polar groups of the molecules are anchored in the

polar phase and apolar portions of the molecules are placed in the non-polar

phase. Very similar molecular arrangements can be obtained when amphiphilic

molecules are deposited at the air–water interface. The portions of the molecules

with polar groups will remain in contact with the water phase since the hydro-

phobic portions of the molecules will be located in air. Lipids are a very good

example of such a localization and orientation at the air–water interface. When

molecules at the interface are compressed with a hydrophobic barrier a compact

monomolecular layer of lipids is formed, which is a very good model of a single

leaflet of the lipid bilayer, playing the role of a biomembrane. Monitoring of sur-

face pressure (p), which is a difference between the surface tension of pure water

and the surface tension of water with the surfactant deposited, makes it possible

to perform detailed analysis of molecular arrangements and interactions at the

interface [221–223]. For example, when surface pressure recorded during the

monolayer compression versus mean molecular area is plotted (A, a current

surface occupied by deposited molecules divided by the number of molecules),
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one obtains the so-called isotherm of compression or p–A curve that can be used

to determine the surface occupied by the single molecule at the interface called

specific molecular area. In order to do this, we extrapolate the linear part of the

isotherm of compression corresponding to higher surface pressure values (in the

phase of compression before collapse) to zero surface pressure and the line

points the specific molecular area value in the abscissa axis (see Fig. 4). Com-

pressed monolayers can also be deposited to a solid support at certain, selected

surface pressure, by means of the Langmuir–Blodgett technique and may be

subjected to examination with the application of different spectroscopic tech-

niques such as electronic absorption spectroscopy, fluorescence spectroscopy,

and Fourier transform infrared spectroscopy [221–223]. The length of AmB mol-

ecule corresponds to the thickness of the single lipid monolayer forming the

bilayer membrane. Therefore, it might be expected that the drug, present in the

lipid bilayer membranes, will be distributed among both membrane-forming

monolayers [179]. According to this, it seems that a monomolecular layer model

system provides very good conditions for the study of AmB and AmB interaction

with lipids and sterols. This system has been applied to study molecular organ-

ization of AmB [111,112,224], interaction of AmB with lipids and sterols

[109,112,113,225,226], and sorption and desorption of AmB to/from lipid mono-

layers also containing sterol molecules [107,186,227]. Selected aspects of these

studies will be addressed below.
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Fig. 4. Isotherm of compression of monomolecular layer of AmB formed at the
argon–water interface. The linear fits to the linear portions of the isotherm of
compression extrapolated to zero surface pressure point to the specific molecular
areas. The speed of compression is 4.8 cm2min�1. All experimental details of
monolayer deposition and compression are given elsewhere [112].

M. Baginski et al.286



2.3. Investigation of AmB in monomolecular layers

Figure 4 presents the isotherm of compression of AmB monolayer formed at the

argon–water interface. Three distinct phases of compression of AmB in a mono-

layer can be observed [112]. The surface pressure rises up to 10mNm�1 during

the initial phase of compression, preceding the phase of plateau. This phase of

compression is characterized by a specific molecular area 136 Å2. Comparison of

the molecular dimensions of AmB and the value of this molecular area indicates

that the molecules of the drug are oriented horizontally at the interface under

such conditions. Most probably such an orientation is governed by interactions of

polar groups located along the AmB molecule (in particular, the hydroxyl groups

in the positions 5, 8, 9, and 11) with the subphase. The phase of plateau, in which

the surface pressure is almost constant, can be analyzed in terms of a phase

transition within the monolayer. Most probably, this transformation consists in

reorientation of AmB molecules at the interface [112]. Such an interpretation has

a strong support from the Brewster angle microscopy. The thickness of the AmB

monolayer during the compression increases by a factor 3, which corresponds to

the reorientation of the drug from a horizontal to a vertical position [111]. Indeed,

the final phase of compression (preceding the collapse) is characterized by a

specific molecular area 36 Å2, which corresponds exceptionally well to the mo-

lecular cross-section of AmB based on the crystallographic data (approximately

6� 7 (A [186]). Such a small specific molecular area indicates very compact

packing of the drug in a monolayer, despite amphiphilic nature of AmB molecule

also along the longer molecular side. Most probably this is possible owing to the

formation of molecular assemblies. Indeed, absorption spectrum recorded from

the Langmuir–Blodgett film deposited from AmB monolayer indicates strong ex-

citonic interactions between the drug molecules in monomolecular layers (see

Fig. 5). The fact that such structures are stable even at surface pressures higher

than 30mNm�1 indicates that formation of the same or similar molecular as-

semblies is possible in the environment of natural lipid membranes [227]. The

analysis of the isotherms of very slow compression of two-component system

composed of AmB and DPPC (9:1, mol/mol), in terms of the additivity rule, re-

veals an ordering effect of lipid with respect to the drug in monomolecular mem-

branes, demonstrated as slightly under-additivity [112]. On the other hand, the

over-additivity, being an indication of the destructive effect of AmB with respect to

the lipid phase, has been observed at relatively low concentrations of the drug,

that do not promote formation of aggregated structures of AmB in the lipid phase

[113]. The electronic absorption spectra of AmB in monolayers (Fig. 5) and in-

corporated to lipid bilayers [91,127] are very similar and display similar hypso-

chromic shifts of the main absorption maxima. The absorption maximum of

monomeric AmB that appears at 418 nm and corresponds to the 0–0 vibrational

transition in the main absorption band is shifted toward 350 nm upon formation of

the aggregated molecular structures. The analysis of such a shift in terms of the
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exciton splitting theory [228–230] leads to the distance 7.8 Å between the centers

of the chromophores (polyene chains) of neighboring AmB molecules [112]. This

distance corresponds well to the model of pore-like molecular assemblies of AmB

formed with 6–9molecules [91,112,127]. Deposition of AmB monolayers to mica

support by means of the Langmuir–Blodgett technique enabled analysis of the

topography of AmB films with SFM [112]. It appeared that AmB in the lipid en-

vironment forms cylindrical structures characterized by the internal diameter

671 Å and the external diameter 1773 Å [112]. Figure 6 presents an SFM image

of two-component monolayer of AmB and dipalmitoylphospatydylcholine (DPPC)

(9:1, mol/mol). The formation of the pore-like structures (also visible in Fig. 6)

may be associated with the pharmacological activity of AmB. Formation of such

structures may be expected owing to the fact that formation of hydrophilic pores

in the hydrophobic core of the membrane would minimize energy of the system.

Interestingly, linear dichroism study revealed that binding of AmB to lipid mem-

branes is not limited to molecules oriented vertically, with respect to the plane of

the membrane, able to form pore-like structures [127]. It appeared that certain

fraction of AmB bound to the lipid membranes (ca. 38%) was oriented in the plane

of the lipid layer [127]. This fraction of the drug cannot be involved in the for-

mation of membrane channels but may act in reinforcement of the membrane

structure via creating a network of hydrogen bonds between lipids and AmB. This
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Fig. 5. Electronic absorption spectra of AmB in monomeric form in solution
(2-propanol/water, 2:3 by volume, dashed line) and in aggregated form in
two-component monomolecular layer composed of AmB and lipid dipalmitoyl-
phosphatidylcholone (9:1, mol/mol, solid line) recorded from the Langmuir–Blod-
gett film deposited at 30mNm�1. See Ref. [112] for further experimental details.
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effect influences, most probably, penetration of lipid monolayers by AmB present

in the subphase [109,186,227]. The effect of reinforcement of the membrane

structure by AmB also has strong support from the studies of proton transfer

across model lipid membranes [331]. It appeared that incorporation of AmB at

very low concentration (0.1mol% with respect to lipid), which does not promote

formation of aggregated molecular forms, slows down proton transport across the

membranes. On the other hand, the incorporation of AmB at higher concentra-

tions (3mol%) efficiently facilitates the proton transport, most probably owing to

the formation of membrane channels also observed directly in monomolecular

layers.

3. INTERACTION OF PMAS WITH LIPOSOMES

3.1. Liposomes as a model of biological membranes – general
characteristics

Liposomes, artificial lipid vesicles, are microscopic structures consisting of one or

more concentric lipid bilayers surrounding aqueous compartments. Liposomes

A

B

Fig. 6. SFM images recorded in deflection mode of two-component monomo-
lecular layer composed of AmB and dipalmitoyl-phosphatidylcholine (9:1, mol/
mol) deposited on mica (A) and 3D view of the selected molecular structure
marked in panel A with the white arrow (B). See Ref. [112] for experimental
details. The image comes from the unpublished work by P. Kernen, M. Gagos
and W.I. Gruszecki.
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have been studied extensively because of their usefulness as models for natural

membranes. Phospholipids are a class of lipids most commonly used for lipo-

somes preparations. Upon hydration phospholipids having suitably balanced

sizes of their polar head groups and hydrophobic parts adopt the bilayer organ-

ization and spontaneously form closed, lamellar membrane-like structures. In the

process of formation they trap solutes. Hydrophobic agents can be embedded in

the lipid bilayers and hydrophilic agents can be entrapped in the internal aqueous

space of the liposomes.

Liposomes were first time described in 1965 [231]. Since their discovery, lipo-

some research and application have been evolved synergistically in different

fields, mainly in biophysics, cell biology, and medicine. Within few years lipo-

somes became the favorite systems for studying a variety of membrane phy-

sicochemical properties and membrane functions at the molecular level. In fact,

liposomal studies played an essential part in developing our current understand-

ing of biological membrane structure and function. During the early 1970s there

has been a growing interest in liposomes not only as a model membranes but

also as vector systems introducing various foreign molecules into cells or altering

the tissue distribution of various substances in the whole organisms. Actually

liposomes, besides application as a model of natural membranes in the funda-

mental studies, they are used as drug carriers, as a tool for the controlled DNA

transfer, as well as red blood cells substitutes.

Liposomes are generally classified on the basis of size and number of bilayers.

The main shapes encountered are multilamellar vesicles (MLVs), large unila-

mellar vesicles (LUVs), and small unilamellar vesicles (SUVs). The liposome size

can range from very small (0.025 mm) to large (2.5 mm). Many different methods

have been developed for preparation of liposomes. Bangham et al. [231] first

succeeded in making multilayered liposomes that entrapped aqueous compart-

ments and were osmotically active. The standard method for producing MLVs

involves vacuum drying lipid dissolved in a solvent such as chloroform, to a thin

film onto the bottom of a round-bottom flask. Liposomes are formed by adding the

aqueous solution and shaking or vortexing until dry film is removed from the wall

of the flask. Unilamellar vesicles of uniform size (30 nm), SUVs, were soon pre-

pared by Huang [232] using extensive sonication. LUVs are generally made at

solvent–water interfaces or by detergent removal methods. Of these, the reverse-

phase evaporation method is the most commonly used procedure for the prep-

aration of LUVs [233]. In all procedures of vesicles formation, lipids have to be in

the fluid state.

The use of liposomes depends on their material properties as well as their

chemical composition. The charge, rigidity, size, and surface properties of lipo-

somes can be varied and controlled by incorporating different types of lipids and

by varying the preparation methods. Liposomes made of the same components

but formed by different procedures differ with respect to their properties. In fact,

an almost infinite number of liposome versions exhibiting well-defined behavior in
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a given environment can be produced to satisfy particular needs. In practice,

the most frequent components of liposomal membrane are natural egg

yolk phosphatidylcholine and synthetic ones, DPPC, DMPC, and distearoyl-

phosphatidylcholines (DSPC). Charged liposomes are formed by including

2–10mol% of stearylamine (positively charged) or phosphatidic acid or dicetyl-

phosphate (negatively charged). Often liposomes are made of phospholipid–-

sterol mixtures. The most commonly used cholesterol and a number of related

sterols can be incorporated in the bilayer up to 1:1molar ratio.

Bimolecular layer arrangement is a privilege structure for majority of

phospholipids. The main driving forces in the bimolecular layer formation are

hydrophobic interactions between aliphatic chains of phospholipids. In aqueous

environment, assembling of hydrophobic aliphatic chains of lipids in the apolar

interior of the bilayer release water molecules and leads to great increase of

entropy in the whole system. Besides, bilayer structure is stabilized by various

non-covalent forces comprising of Van der Waals interactions between apolar

parts, electrostatic interactions between charged polar heads of lipids, and hy-

drogen bonds between their polar heads as well as between polar heads of lipids

and water molecules present around. Due to the lack of covalent bonds between

lipid components bilayers are dynamic structures. Lipids have freedom of rotation

and lateral diffusion in the monolayer plane. On the contrary, perpendicular

dislocation of the lipid molecules between monolayers (flip-flop) is energetically

unfavorable.

Structure and physical state of the artificial membranes are dependent on their

composition. Membrane composed of pure phospholipids may exist in a liquid-

crystalline state or more ordered gel state and can undergo a thermal phase

transition from one state to the other. Each phospholipid has characteristic tran-

sition temperature that is determined mainly by length and unsaturation of the

phospholipid acyl chains and content of sterols, which also influence the order of

phospholipid side chains. It has generally been accepted that natural membranes

are in the liquid-crystalline state.

One of the functions of lipid bilayer is to form an appropriate permeability

barrier. The rate of movement of water soluble molecules across lipid mem-

branes depends on the degree of packing and the order of hydrocarbon chains of

phospholipids. Ordered membranes are less permeable. Liposomes consisting

mainly of uninterrupted bilayer exhibit a low permeability for ions but high per-

meability for water and small non-electrolytes, which is in agreement with the

passive diffusion pattern of biological membranes. It is known from many types of

studies that cholesterol effectively reduces membrane permeability and alters

transport rate of cations, anions, and neutral solutes in liposome systems. The

decrease in permeability is generally proportional to the concentration of cho-

lesterol. The intermediate gel phase formed in the presence of cholesterol, at

temperatures above and below phase transition, suggests that cholesterol could

regulate the permeability of model and biological membranes by affecting the
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internal viscosity and molecular motion of the lipids in the membrane. Perme-

ability properties of liposomes have been studied either by monitoring release of

previously trapped substances (radioactive or fluorescent markers, ions) or by

using osmotic properties of liposomes, MLVs and LUVs (but not SUVs), behavior

as ideal osmometers and exhibit linear swelling or shrinking rates when placed in

the hypotonic or hypertonic solutions, respectively.

3.2. Liposomes as a model membrane system in the studies
of PMA mode of action

It is well established that primary site of action of PMAs is lipid bilayer structure of

cell membrane. Studies with liposomes, which are the most adequate model of

natural membranes, provided an opportunity for better understanding of the

mechanisms of PMAs action. Vesicular models allow evaluation of the PMA

influence on overall membrane structure, properties, and permeability charac-

teristic as well as studies of their interactions with particular membrane compo-

nents. The excellent reviews of [6,16,29,234] give extensive coverage of the

literature up to 1998. In this chapter, a short review of the methods used in the

studies on liposomes and some new ideas about the mode of PMAs action

resulting from studies on lipid vesicles will be discussed.

Liposomes of different size and composition have been extensively used in the

studies of various aspects of the PMAs mode of action. First studies were per-

formed on MLVs, later the more frequently used systems were SUVs and LUVs.

SUVs have special properties not necessarily found in cellular membranes. Due

to high vesicles curvature lipid molecules are more tightly packed in the internal

leaflets when compared to the external leaflets of the lipid bilayer. Interfacial

packing defects facilitate PMA incorporation into vesicles in the gel state [6,235].

LUVs, especially those made of natural lipids, seem to be a close model of

biological membranes. MLVs are the most thermodynamically stable form of

vesicles but unilamellar vesicles are advantageous than MLVs because homo-

geneous populations of uniform size and known amount of lipids enable to work

with defined antibiotic/lipid ratio. Optical spectroscopic measurements performed

with SUVs or LUVs are not obscured by the intense light scattering caused by

MLVs. The parameters taken into account in PMA action on vesicular membrane

included fluid or gel state of the membrane, membrane thickness, sterol pres-

ence, concentration and structure, vesicle charge and curvature, as well as sta-

bility of the antibiotic membrane binding. PMAs can readily be incorporated into

a variety of liposomal systems by (i) cosolubilization of the phospholipid or

phospholipid/sterol and antibiotic mixture in organic solvents before vesicles for-

mation and (ii) by addition of the antibiotic solution to a dispersion of the pre-

formed vesicles. In the first method antibiotic has access to both sides of bilayer

and possibility of incorporation into internal and external monolayers. This type of
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vesicles is analogous to ‘‘liposomal AmB formulations’’ lately introduced to clinical

practice. In the second method usually small amounts of concentrated antibiotic

solutions in DMSO or DMF are added to aqueous vesicle suspension. In this

case, antibiotic is in contact only with the external side of the bilayer. Whether

incorporation of PMAs into membranes occurs via fusion of self-associated spe-

cies or whether it involves insertion of monomers is not yet established even for

AmB. Our experimental results, based on permeability properties of studied ves-

icles, suggested that from the aqueous suspension, monomers of AmB are

incorporated only by ergosterol-containing membranes but not by cholesterol-

containing membranes [35]. Cholesterol-containing and probably sterol-free

membranes incorporate antibiotic self-associated species. Madden et al. [236]

examined the spontaneous incorporation of self-associated AmB from aqueous

solution into phospholipid vesicles as a function of the lipid composition of the

vesicles and their physical state. Virtually, no insertion of the antibiotic into EPC

vesicles was observed even when cholesterol was also present in the bilayer. In

contrast, rapid incorporation occurred into vesicles containing an anionic

phospholipid (phosphatidyl-glicerol or phosphatidyl-serine) with the fastest rate

observed for lipids containing the saturated dimyristoyl fatty acid species. Inser-

tion of AmB into vesicles composed of DMPC/DMPG (dimyristoyl-posphatydyl-

glycerol) mixture (7:3mole ratio) was rapid either above, below, or within the

gel- to liquid-crystalline phase transition temperature (23 1C). Authors suggested

that the inability of AmB to incorporate from an aqueous suspension might in-

dicate its inability to penetrate the bilayer in the absence of a solvent vector.

3.3. Interaction of PMAs with liposomes studied by
selected methods

Liposomes have been used as models in the structural as well as functional

studies of the PMAs mode of action. Structural studies comprised two aspects:

(i) effect of the PMAs on overall membrane structure and (ii) the PMAs action at

the molecular level concerning conformational changes of the antibiotic in the

lipid membrane environment, effects of PMAs on lipid membrane components as

well as on the overall membrane properties.

Influence of PMAs on the overall membrane structure has been studies by

various electron microscopy (EM) methods. Initial studies using freeze-etching

EM tried to associate antibiotic structure with an extent of membrane damage

mainly in cells [6]. Later, freeze fracture and negative staining EM were applied in

the structural studies of liposomal and other lipid AmB formulations [237,238].

Analysis of sonicated and unsonicated mixtures of DMPC/DMPG (7:3) containing

various proportion of AmB showed that at low antibiotic concentration (45mol%),

vesicular structures are formed. At AmB/lipid mole ratios of 1:3 to 1:1, unusual

ribbon-like structures appeared. Negative stain EM of these ribbon-like structures

Interaction of Polyene Macrolide Antibiotics with Lipid Model Membranes 293



indicated that the ribbon-like appearance arises as a consequence of the cross-

fracturing of what are aggregated, collapsed single lamellar, presumably inter-

digitated membranes. It was proposed that a ribbon-like structure results from

phase separation of AMB–phospholipid complexes within the phospholipid ma-

trix. Scanning electron microscopy (SEM) and transmission electron microscopy

(TEM) examination showed that the LUVs prepared by reverse phase evapora-

tion method, composed of phospholipids/cholesterol/AmB mixed in various molar

ratios are spherical, unilamellar, or oligolamellar structures [239].

Fluorescence microscopy was used in the investigation of the spatial distribu-

tion of the AmB and nystatin in MLV suspension – composed of dilauroyl-

phosphatidylcholine (DLPC) labeled with rhodamine B. These studies revealed

that MLVs form clusters inside which the antibiotic is strongly concentrated and

lipid superstructures appear to be characterized by special properties [240].

Microscopic observations were similar with AmB and nystatin and did not de-

pendent on the mode of antibiotic incorporation into vesicles (from aqueous

medium or during vesicle preparation).

Examinations of the conformational changes of the PMAs in the lipid vesicle

membranes were based on the optical properties of the polyenic chromophore.

The most commonly used and convenient method has been electronic absorption

(UV–Vis), CD, and fluorescence. The UV–Vis and CD spectra of monomeric as

well as associated forms of AmB are modified in the presence of lipidic vesicles.

The changes in spectra, reflecting antibiotic vesicle interactions are dependent on

the nature of lipids, antibiotic/lipid ratio, presence, structure and concentration of

sterols, as well as experimental conditions. However, when antibiotic is incor-

porated from aqueous medium into preformed vesicle suspension, quantitative

determinations of the binding constant are reliable only for antibiotic in the

monomeric form. Decrease of the maximal band absorption in the presence of

sterol-free and sterol-containing egg yolk, phosphatydylcholine SUV was used for

determination of the association constants of AmB, candicidin, mediocidin, and

water soluble guanidine derivative of AmB, with sterol-free, ergosterol-, and cho-

lesterol-containing vesicles. The dissociation kinetics of the bound antibiotics

were monitored by following the absorbency increase at one of the maxima [241].

The appearance of the antibiotic in the medium indicated reversibility of the

binding and exchange of the antibiotic molecules between vesicles [242].

At higher PMA concentrations, free and bound antibiotic spectra overlap and

their interpretation is difficult. In the studies in which antibiotic is added to pre-

formed vesicle suspension, a quantitative analysis of the data obtained is

hampered by the complex equilibrium that involved antibiotic aggregation in the

aqueous solution [66,85], partition into lipid bilayers, and self-association in the

bilayer. Interaction of AmB with lipid membrane was identified by the appear-

ance of a new band around 415 nm and decrease in intensity or blue shift of

the band around 340 nm characteristic of free self-associated antibiotic [90,234].

In DPPC LUVs containing AmB this new band was located at 415.2, 414.9, and
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416.9 nm in sterol-free, cholesterol- and ergosterol-containing vesicles, respec-

tively [243].

Situation is less complicated when antibiotic is incorporated into membrane

during vesicle formation. Spectroscopic characteristics of AmB in DPPC SUVs

with different relative cholesterol/AmB ratio indicated that in the membrane AmB

changes from an aggregated state into a dissociated state through interaction

with cholesterol. Similar determinations done in the aqueous solutions showed

that cholesterol at low concentrations increase the aggregation of AmB but at

higher concentrations caused dissociation of the aggregates [114].

CD spectroscopy is especially convenient in the comparative studies of the

antibiotic state in various aqueous and non-aqueous environments. CD spectra of

the monomeric form of AmB show weak positive bands located at the same wave

length as in UV–Vis spectra. Self-associated species are characterized by very

intense dichroic doublet around 340 nm (De amplitude 1000 cm�1mol�1 in water)

and a signal above 435 nm. Intensity of the doublet reflects extent of association

and is used in the quantitative determinations of the proportion of monomeric and

self-associated forms of the antibiotic. Upon interaction with lipid membrane,

dichroic doublet usually disappears, whereas other bands may change sign, in-

tensity, and position. Modification of the dichroic spectra is dependent on lipid

composition, sterol presence, its structure and concentration, as well as vesicle

curvature and experimental conditions. For AmB many spectroscopic species

have been recognized. A reduction of the intensity of the dichroic signal due to

the antibiotic binding enabled quantitative determination of free and bound drug.

CD method for quantitative determination of AmB binding to liposomes has been

proposed [244].

Electronic absorption and CD have been the most commonly used methods in

the studies of various aspects of PMA – lipid membrane interactions of several

antibiotics: AmB and its derivatives, aromatic heptaenes, nystatin, filipin, and

etruscomycin. The results are reviewed in Refs. [6,234]. Also in the more recent

studies UV–Vis and CD were used together with other methods in the exam-

inations of interactions of AmB [89], nystatin [240,245], and filipin [234] with lipid

vesicles as well as in the studies of the properties of various new AmB formu-

lations [246].

Quantitative analysis of the spectroscopic data has been done by Fujii et al.

[183] for AmB stably associated with SUVs – composed of DSPC, distearoyl-

phosphatydylglycerol (DSPG), and cholesterol. When AmB is present only in the

membrane, the spectral changes reflect the specific interactions of individual

AmB molecules with each other and with the surrounding lipids. Changes in the

aggregation state of AmB indicated by UV–Vis and CD spectra pointed to the

association/dissociation process occurring within the lipid bilayer. A large ab-

sorbency peak with maximum at 325 nm dominating in the spectrum at antibiotic

lipid ratio 410�2 has been attributed to an aggregated state of AmB. There were

also three minor peaks with absorbency maxima at 365, 388, and 415 nm. As the
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antibiotic/lipid ratio decreased, the 325 nm peak intensity decreased and three

minor peak intensities, characteristic of monomeric AmB increased. Singular

value decomposition analysis of the CD spectra of AmB at different AmB/lipid

ratios suggested that AmB exist primary in only two states in the bilayer: mon-

omeric and aggregated. The transition from monomeric to the aggregated state

begins to occur at 1 AmB per 1000 lipids in the membrane and coincides with the

appearance of channel activity.

Fluorescent properties of filipin and pimaricin have been used to characterize

their interactions with sterols in solution and in some membrane preparation. The

changes in the partial quantum efficiency and corrected fluorescence caused by

addition of sterols were different for both the antibiotics. In the presence of cho-

lesterol decrease of these parameters were observed for filipin and strong in-

crease for pimaricin. A strong enhancement of etruscomycin fluorescence was

observed in the presence of sterol-containing lipid vesicles [247]. In the recent

studies, fluorescence resonance energy transfer (FRET) between a fluorescent

analog of ergosterol, dehydroergosterol (DHE) and filipin as well as steady-state

fluorescence intensity, anisotropy, and absorption were measured in DPPC SUV

(gel phase) [248]. Filipin emits fluorescence in both aqueous and lipid environ-

ment with similar quantum yields. FRET between DHE and filipin was sensitive to

filipin concentration only in bilayer whereas in water it did not occur. The results

point to the formation of both DHE–filipin aggregates and filipin–filipin aggre-

gates. These results point out that apparently contradictory biochemical models

for action of filipin (some based on the presence of sterols, others not) can be

equally valid. In the membrane with low sterol concentration both the models can

coexist. It means that biochemical mode of action of filipin probably involves a

‘‘multiple-path strategy’’ where several different phenomena may occur simulta-

neously, depending on the local filipin and sterol concentrations.

Fluorescence properties of nystatin have been used to investigate the behavior

of this antibiotic in solutions and membrane preparations and comprised inter-

molecular interactions, incorporations into bilayers, and effect on bilayer struc-

ture. The quantum yields, lifetimes, and anisotropies as functions of temperature

and nystatin to phospholipid molar ratios in dispersion of small vesicles com-

posed of DMPC and the antibiotic have been measured [249]. In phospholipid

membrane, the fluorescence lifetime of nystatin increased at least 10-fold in

their gel phase as compared to non-polar solvents (THF, dioxane). Analysis of

the results indicated that nystatin in all concentrations was predominantly in the

bilayer in both the gel- and liquid-crystalline states and its properties in both

the phases were similar. Nystatin complexes were formed with equal ease in both

rigid and fluid membranes. According to the authors, the fluorescence of all pa-

rameters measured (lifetimes, quantum yields, and anisotropies) are character-

istics of the emission from the monomeric species in phospholipid matrix. The

nystatin emission is quenched by the increasing density of nystatin in the mem-

brane; the nystatin aggregates cannot emit fluorescence, while the monomeric
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species in the bilayer can. In the other reports [235,250], nystatin interaction with

phosphatidylcholine liposomes of different size (LUVs and SUVs) was investi-

gated by steady-state and time-resolved fluorescence measurements. The en-

hancement in the fluorescence intensity of antibiotic was applied to study the

membrane-binding of nystatin. The results provided evidence for the formation of

strongly fluorescent antibiotic aggregates in gel-phase membranes and no an-

tibiotic self-association was detected in a liquid-crystalline lipid bilayer within the

antibiotic concentration range studied (0–14 mM). The emission decay kinetics of

the antibiotic interacting with the gel-phase DPPC vesicles was controlled by the

mean number of membrane-bound antibiotic molecules per liposome. The tran-

sition from a monomeric to an oligomeric state of the antibiotic, which is asso-

ciated with a sharp increase (about four-fold) in nystatin, mean-fluorescence

lifetime begins to occur at a critical concentration of 10 antibiotic molecules per

vesicle. This interpretation is in variance with a previous study [249].

Degree of antibiotic penetration into the membrane was determined in depth-

dependent quenching experiments using spin-labeled fatty acid as a probe

(5- and 16-doxyl stearic acid). The results obtained suggested that monomeric

nystatin is anchored at the phospholipid/water interface and that nystatin

oligomerization was accompanied by its insertion into the membrane. The proc-

ess was quantitatively described by a cooperative partition model [235]. A flu-

orescent 7-nitrobenz-2-oxa-1,3-diazol-4-yl derivative of AmB, nystatin, and

pimaricin have been synthesized and characterized. Nystatin and AmB deriva-

tives have been used in photobleaching measurements of diffusion in L-cell

membranes. They were not used on model membranes [251,252].

The membrane fluorescent probes, trimethylammonium-diphenyl hexatriene

(TMA-DPH) [253], and cyanine dyes [254] were applied in the studies of AmB and

some of its derivatives interaction with lipid membranes by energy-transfer method.

The methods of choice to investigate perturbations in the overall membrane

organization upon PMA incorporation are differential scanning calorimetry (DSC)

and nuclear magnetic resonance (NMR). Lipid membranes composed of pure

phospholipids are characterized by a sharp endothermic peak at the transition

temperature (Tm) corresponding to the gel–fluid transition. It reflects temperature-

induced change in the conformation of fatty acyl chains, which form a fully ex-

tended to less ordered in the highly cooperative process. Incorporation of any

component to phospholipid bilayer usually causes broadening and shift of this

peak what is interpreted as a diminution of fatty acyl chain cooperativity and

destabilization of the organization of the aliphatic chains. Thermotropic properties

of AmB, nystatin, and filipin incorporated into liposomes composed of various

phospholipids containing saturated (7:3 DMPC/DMPG mixture, DMPC, DLPC,

DPPC) or unsaturated oleolyl-stearoyl-phosphatydylcholine (OSPC) acyl chains,

and antibiotic free liposomes were examined. In the presence of PMAs, the

average transition temperature of phospholipids was shifted upward indicating a

solidifying effect on the bilayers [237,245,255,256].
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In the first calorimetric determinations on the cholesterol/DPPC/AmB vesicles

(SUVs) [114] it was shown that a lipid bilayer is influenced by complex formation

between AmB and cholesterol. Calorimetric and spectroscopic data indicated that

due to interaction with cholesterol AmB in lipid vesicles changes from an aggre-

gated state into a dissociated one.

Comparative DSC studies were performed on sterol-free, ergosterol-, and

cholesterol-containing DPPC LUVs containing various molar ratios of AmB in the

membrane [243]. Data obtained have shown that in pure phospholipid/AmB

membrane three phases coexist. One corresponds to the phospholipid alone and

two others to the drug interacting with aliphatic chains of lipids. The fact that the

transition temperatures of these additional components are higher than that of the

pure phospholipids suggested that AmB interacts strongly with aliphatic chains of

phospholipids. This is consistent with the idea that AmB may form aggregates or

pores in pure phospholipid membranes. Thermograms of cholesterol-containing

bilayers also reflected coexistence of three phases but important broadening

of these components in this case indicated destabilization of the organization of

the aliphatic chains by AmB. The situation was strikingly different in ergosterol-

containing membranes. A broad transition was independent on AmB concentra-

tion and decomposition of the thermograms revealed only two components.

Coexistence of two interacting units, e.g. AmB+DPPC and (AmB+ergos-

terol)+DPPC, within the membrane was proposed. These units involve the

phospholipid and hence contribute to its structurization. The important differences

between the thermograms obtained with ergosterol-containing bilayers when

compared to cholesterol-containing bilayers provided strong evidences for dif-

ferent mechanism of action of AmB in these two membranes.
2H NMR provides more molecular information on the dynamic state of lipid

molecules when compared to other NMR techniques, and mainly this method

has been applied in the studies of PMAs (AmB, nystatin, and filipin) interaction

with lipid membranes composed of pure phospholipids or phospholipid–sterol

mixtures. The quadrupolar splitting of the 2H NMR spectra of deuterated

phospholipids or sterols was measured and interpreted in terms of order param-

eter of the fatty acyl chain and stability of the antibiotic lipid complexes formed. 2H

NMR was applied in the studies of interaction of filipin [257–259] and nystatin

[245] in sterol-free DLPC MLVs, AmB [199,260] with DMPC and cholesterol or

epicholesterol/DMPC vesicles and lately with pure and ergosterol- or cholesterol-

containing DPPC membranes [215]. In all these determinations, antibiotics were

incorporated into lipid dispersions during their preparation. Filipin had some dis-

ordering effect on DMPC lipid matrix below the Tm of the gel-to-fluid phase tran-

sition and above Tm+11 1C. In the range between these two temperatures, two

lipid regions of very different dynamic properties were observed: one region

which was attributed to a filipin–lipid complex had the properties of gel-like phase;

the other had those of fluid-like phase, but was more ordered than the pure lipid at

corresponding temperatures. In the presence of 30mol% of cholesterol, DMPC
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spectra did not exhibit any indication of a gel-like phase and filipin action was

probably masked by cholesterol [258]. Experiments with vesicles containing

cholesterol and different antibiotic/lipid ratios showed that filipin binds compet-

itively to cholesterol and phospholipid and filipin–phospholipid association can

occur when sterol sites are occupied. These interpretations have been suggested

by parallel CD and ESR measurements [257].

In the multibilayer DMPC membranes, AmB had an overall ordering effect on

lipid fatty acyl chains. At high AmB concentrations (30mol% with respect to lipids)

and at a temperature in which lipids are in fluid state (above 25 1C), DMPC

experienced two different environments which are in slow exchange on the 2H

NMR time scale. In one of these environments, the lipid was immobilized by AmB

in approximately 1:1molar ratio, whereas the lipid unsequestered by the antibiotic

was more ordered than in its pure state. The AmB/lipid system undergoes a

phase transition of 5–10 1C below that of the pure DMPC. Even at high temper-

atures, these aggregates are embedded in a lipid matrix whose properties are

similar to those of the pure lipid system [260]. The addition of AmB to cholesterol/

DMPC (3:7) was perceived differently by the lipid depending upon the depth in the

bilayer. The 2H NMR results using labeled sterols and labeled lipids lead to the

conclusion that the AmB–sterol complex exhibited ordering properties only at

the level of bilayer center.

Lately [215], the effect of AmB has been investigated on pure DPPC and on

cholesterol- and ergosterol-containing DPPC bilayers by 2H NMR powder spec-

tra. The 2H NMR results first confirmed that AmB forms a complex with sterol-free

DPPC bilayers. This interaction causes the ordering of the lipids and the increase

of gel-to-lamellar fluid DPPC phase transition temperature with increasing con-

centration of the antibiotic. The effects of AmB on cholesterol- and ergosterol-

containing DPPC bilayers are remarkably different. On the one hand, the drug

causes an increase of the order of lipid acyl chains in cholesterol-containing

membranes, mostly in high cholesterol content membranes. On the other, the

addition of AmB disorders the DPPC acyl chains when ergosterol is present. This

is thought to be due to the direct complexation of the ergosterol by AmB, causing

the sterol ordering effect to be weaker on the lipids.

DSC and NMR results suggest that the general consequence of PMA asso-

ciation with lipid bilayer is the ordering effect on the lipid chains of phospholipids

in the liquid-crystalline state.

3.4. PMAs – membrane permeability induction

Since their discovery, lipid vesicles have been commonly used in the studies of

PMA influence on the membrane permeability characteristics. Most studies on

the membrane permeability induction concerned ionophoric properties of PMAs.

Among these properties selectivity of the permeability pathway characteristic, as
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a part of antifungal and toxic action of PMAs, was examined. Another perme-

ability property extensively studied on vesicles was dependence of channel for-

mation and function on lipid composition of the membrane (especially concerning

presence of sterol and its structure). This approach has enabled to test ‘‘sterol

hypothesis’’ and to establish some relation between PMAs structure, channel

formation, and functionality in vesicular membranes.

Various florescent probes, entrapped inside vesicles appeared to be con-

venient in the determinations of PMA-induced ion fluxes. Assays exploiting flu-

orescence of the pH-sensitive fluorescent probe, pyranine, encapsulated in

unilamellar vesicles have been used in determination of membrane permeability

to monovalent cations. Pyranine displays linear changes in fluorescence intensity

with changing pH (between pH 6.4 and pH 7.8); decreasing when protonated and

increasing when deprotonated. In solution composed of cation and impermeant

anion, electroneutral exchange with protons is necessary to maintain the PMA-

induced cation flux. When the H+ current is facilitated by a protonophore, the

drug-induced cation flux becomes the rate-limiting step. The exchange is trig-

gered either by a trans-membrane pH gradient or a salt gradient. Many important

properties of PMAs and parameters determining membrane damage have been

discovered using this method.

Using kinetic fluorescence methods it has been found that AmB and nystatin

have different activities on sterol-free SUVs composed of synthetic dioleoyl-

phosphatydylcholine (DOPC) and natural EPC. Significant K+ permeability en-

hancement was observed for AmB (stoichiometry AmB/lipid 41:1000) in EPC

vesicles and much lower in DOPC. On the contrary, in the same experiments

nystatin was not active even at 10 times higher concentration. Experiments on

vesicles composed of other synthetic lipids indicated that AmB activity on sterol-

free SUVs is strongly influenced even by small variations of bilayer thickness

[261]. Osmotic stress greatly increases sensitivity of sterol-free LUVs to AmB

present in the soluble oligomer state; these vesicles were completely insensitive

under isoosmotic conditions. The related antibiotics, AME and nystatin, showed

almost no activity. These differences may be attributable to various abilities of

self-association and different properties of oligomers determined by antibiotic

structure. Membrane defects caused by osmotic pressure were highly selective

for monovalent cations (K+) over anions (Cl�) and were strongly dependent on

bilayer thickness [196]. It was proposed that AmB worked as a ‘‘molecular har-

poon,’’ an expression coined to describe substances, which can selectively target

osmotically stressed, strained, or curved membranes. These results may provide

a rationale for reported anti-HIV activity of AmB and activity against sterol-free

highly curved SUVs. The stress dependence may be responsible for the renal

toxicity of AmB as some parts of the nephron are submitted to strong osmotic

stress. It was suggested that changes in the phospholipid bilayer induced

by osmotic stress may catalyze the formation and assembly of AmB channel
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structure within the vesicle membrane and evidenced that sterols are not

necessary to produce highly cation-selective AmB channels [194].

Temperature effects on permeability induction by AmB in ergosterol- or cho-

lesterol-containing EPC LUVs were used in the studies that supported a model of

AmB action assuming that antibiotic aggregates are the major channel-inducing

species in cholesterol-containing membrane whereas monomers are active only

on ergosterol-containing membranes [105].

Determinations of the ionic selectivity of the pathway formed by PMAs were

based on changes in the membrane potential followed by fluorescence changes

of 3,30-dipropylthiadicarbocyanine DiSC3(5). Membrane diffusion potentials in-

duced by AmB, AME, N-fructosyl AmB, and vacidin A in ergosterol- or choles-

terol-containing EPC LUVs were measured in various media, in order to

determine the relative selectivity of Na+, K+, Cl�, and other ions in these en-

vironments. Cation over anion selectivity varied with the PMA structure. It was

very strong with vacidin (below 5�10�7M), smaller with AmB, and none with

AME and N-fructosyl AmB. The selectivity observed were antibiotic, concentra-

tion, and time dependent, which confirms the existence of different types of

channels [193]. Subtle changes in the intercationic selectivity of the pathway

formed by PMAs were monitored by measuring biionic potentials, using pyranine

probe. In case of AmB, it was found that selectivity was concentration dependent.

Above 5� 10�7M, the sequence determined for sterol-free SUVs and choles-

terol-containing SUVs and LUVs was the following: Na+4K+4Rb+ZCs+4Li+

(sulfate salts) corresponded closely to Eisenman selectivity sequence number

VII. At the antibiotic concentration 5�10�7M and below, the selectivity switched

from Na+4K+ to K+4Na+. In contrast, Li+ was the most permeant ion for AmB

channels in the presence of ergosterol. In fact, the intercationic selectivity of the

permeability pathways formed by AmB was weak when compared to that of

typical protein biological channels.

Measurement of an increase in fluorescence due to the antibiotic-induced ef-

flux of self-quenched encapsulated in side vesicles carboxyfluorescein (CF) or

calcein (CC) was applied in the studies of membrane permeabilization by filipin.

These dyes were released freely through the membranes in their anionic forms

and their efflux was controlled by the release of alkaline counter ion, i.e. Na+. CF

or CC entrapped in EPC SUVs due to the filipin action was released according to

an ‘‘all-or-none’’ mechanism, leaving the depleted vesicles intact. Percentage of

released probes as a function of the filipin/phospholipid ratios was the same

whether or not membranes contained sterol. The permeabilization of vesicles

proceeded concomitantly with filipin–phospholipid binding while filipin binding

leveled off. These observation and binding measured by spectroscopic methods

together with previous structural findings have led to a new interpretation of the

filipin mode of action. Inducement of permeability would result from the high

intrinsic permeability of the interfacial region at the boundaries of the gel-like
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domains corresponding to the filipin–phospholipid aggregates without any mem-

brane-disruptive effect [262].

Calcium permeability induced by AmB in sterol-containing EPC LUVs was stud-

ied by following the modification of the absorbency of encapsulated Arsenazo III.

The results obtained suggested that the channels responsible for the AmB-induced

Ca2+ permeability have different structures in cholesterol- and ergosterol-contain-

ing membranes [263].

Monitoring of the intravesicular pH by 31P NMR spectroscopy (using phosphate

ions as a probe) has proved to be especially useful in the studies of ionophoric

properties of PMAs. Under the conditions of obligatory proton/cation exchange,

the ionophore-induced permeability can be followed by monitoring in time the

position and intensity of intravesicular phosphate signals, which show simulta-

neously both: the total phosphate concentration and pH distribution in the whole

population of vesicles. EPC LUVs are characterized by their relatively high basic

permeability to protons. However, proton movement is observed only when elec-

troneutrality is ensured. In the case of vesicles prepared and suspended in a

medium containing only Na+, phosphate, and sulfate, since none of these anions

can cross the membrane, any proton movement can occur only by electroneutral

H+/Na+ exchange. A trans-membrane proton gradient established in the vesicle

suspension is a driving force for this exchange providing that proton efflux is not a

limiting factor [263].

The activity of an ionophore depends on the intrinsic permeability properties of

the pathway this ionophore provides and on its mode of interaction and incor-

poration in the membrane. The permeabilization of each vesicle by PMAs re-

quires the gathering of a certain number of molecules sufficient to form a channel

inside the vesicle membrane (or at the surface – if one concerns one-step

mechanism of channel formation). Due to the very high ion mobility in the chan-

nel, the ion flux rate did not reflect the channel permeability, but rather the kinetics

of channel formation. The cation release depends then on the comparative rates

of the following processes: (i) the channel formation by accumulating a proper

amount of antibiotic molecules in the membrane (or on the surface) and

(ii) exchange of the drug between vesicles. Two extreme cases can be distin-

guished. If the rate of the channel formation is much higher than the exchange

of the antibiotic between vesicles depletion of the pH gradient occurs by an ‘‘all-

or-none’’ mechanism, and two populations of vesicles coexist. Only part of pop-

ulation of vesicles is permeabilized due to channel formation and has the pH of

the external medium. Remaining vesicles have the initial pH. If the exchange is

fast the depletion occurs by a ‘‘progressive’’ mechanism in which all vesicles are

simultaneously permeabilized and lost only a part of their pH gradient [264].

Natural polyene antibiotics and their N-acetyl and methyl ester derivatives,

which differ mainly in their electric net charge, were compared for their ability to

increase the ionic permeability of LUVs. The zwitterionic compounds (AmB,

vacidin, and negatively charged N,N0-diacetyl vacidin) induced permeability
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according to an all-or-none process on both cholesterol- and ergosterol-contain-

ing membranes. The same mechanism of permeability induction was observed

only in ergosterol-containing membranes for positively charged antibiotics (per-

imicin A, vacidin A methyl ester, AME) [265]. A different type of action is observed

for the latter group of ionophores in cholesterol-containing vesicles. In this case, a

progressive proton flux occurred in which the whole vesicle population was in-

volved. This quantitative difference in the kinetics of ionic fluxes induced by an-

tibiotics without free carboxyl group in cholesterol-containing membranes when

compared to ergosterol-containing membranes was ascribed to differences in

polyene–sterol interactions as well as in the lifetime of the ionic path formed.

Antibiotics and derivatives that have a free ionizable carboxyl group induced

biphasic ‘‘all-or-none permeability’’ typical of channel-forming ionophores, what-

ever the sterol present. In sterol-free membranes, they have no significant ac-

tivity. Antibiotic and derivatives which lack a free ionizable carboxyl group exhibit

this channel-like mode of action only in membranes containing ergosterol or

sterols with an alkyl chain like that of ergosterol. In membrane containing cho-

lesterol or sterols whose alkyl chain was alike, a slow and progressive perme-

ability is observed at high concentrations of the antibiotic. These compounds are

active in sterol-free vesicles as well. The greatest decrease in activity was ob-

served for N-acetyl derivatives. Substitution of the amino groups has no effect on

the mode of action. A model of interaction of the antibiotics with sterol was

presented accounting for the data obtained on vesicles and the observed selec-

tive toxicity of polyene derivatives in biological membranes [65,264,265].

Lately, 31P NMR method was applied in the studies of cholesterol concentration

influence on vesicle sensitivity to AmB. It was demonstrated that cholesterol

markedly inhibited ion permeability induced by AmB present in the membrane (the

antibiotic was incorporated during vesicle formation) [266]. This could be ac-

counted for a membrane-thickening effect of cholesterol since AmB action is

known to be markedly affected by the thickness of membrane. Upon addition of

AmB to preformed LUV suspension, the ion flux gradually increased with increas-

ing molar ratios of cholesterol up to 20mol%. These biphasic effects of cholesterol

could be explained at least in part, by ordering effect of cholesterol [266].

Electron paramagnetic resonance (EPR) technique has been applied in the

studies of AmB-induced permeability of both unilamellar and multilamellar lipo-

somes. The loss of EPR signal of a spin probe TEMPO choline, trapped in the

aqueous compartment of MLVs or SUVs upon addition of ascorbate ions to the

bulk aqueous phase was monitored. The effect of antibiotic was dependent upon

the antibiotic/sterol molar ratio as well as on the state of the membrane [267].

AmB caused large increase in permeability of cholesterol-containing EPC mem-

branes (liquid-crystalline state), whereas the effect was small in the absence of

sterol and did not depend on the vesicle surface charge. When phospholipids in

the gel phase were used, AmB caused large increase in permeability independ-

ently of the presence or absence of sterol. It suggests that mechanism of action
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of AmB is different for membrane in the liquid-crystalline and gel states. The

antibiotic appears to be unable to cross the membrane, acting only on the out-

ermost bilayer of a multilamellar dispersion [267].

The effect of AmB on the proton/hydroxide and potassium-ion permeability of

EPC SUVs has been investigated by using potential dependent paramagnetic

probes [268]. The spin-labeled phosphonium measured trans-membrane poten-

tial resulting from ion current and n-hexylamine nitroxide directly monitored the

trans-membrane pH gradient in vesicle systems. Several intriguing features of

AmB-induced ionic conductance pathways in lipid vesicles were observed. The

striking selectivity for cholesterol over ergosterol was found when H+/OH� cur-

rents were examined. AmB (1–10molecules/vesicle) caused dramatic increase in

the background H+/OH� permeability only in cholesterol-containing vesicles,

whereas in sterol-free vesicles only 4–8-fold increase and even lower in ergos-

terol-containing vesicles was observed. No significant sterol dependence was

found for K+ permeability induction. These findings strongly suggested that the

induction of K+ and H+/OH� currents in vesicles by AmB occurred via two

distinct molecular mechanisms. It was the next evidence undermining the sterol-

dependent pore hypothesis. It was suggested that the H+/OH� current, which is

seen in the presence of cholesterol might partially account for the high toxicity of

AmB to humans. Many side effects accompanied AmB therapy are similar to

those of protonophoric poisons such as dinitrophenol.

It was known from many experiments that the permeability alteration induced

by AmB in many cell and model systems is concentration and time dependent. It

suggested the existence of possible functional intermediates in the spontaneous

insertion process leading to the formation of AmB permeabilizing units. A se-

quential mechanism for the formation of aqueous channels by AmB in liposomes

has been investigated by osmotic stopped-flow method [29,269]. Determination

of AmB-induced permeability to urea and glucose in liposomes indicated that both

the phospholipid composition and the type of sterol are involved in determining

the rate of aqueous pore formation. The formation of aqueous pores by AmB was

always preceded by the formation of transient, non-aqueous pre-pore structure.

The non-aqueous pre-pore structure made the liposomes more permeable to

urea, whereas aqueous pore formation was indicated by glucose permeability.

When liposomes were composed of EPC and cholesterol, the formation of non-

aqueous and aqueous channels by AmB occurred after a lag time of several

minutes. Such a lag time for AmB action was not observed in cholesterol-con-

taining DMPC liposomes. Both non-aqueous and aqueous channels were always

formed at lower concentrations of AmB in liposomes-containing ergosterol when

compared to those with cholesterol. In sterol-free liposomes, non-aqueous chan-

nels were formed in DMPC but not in EPC liposomes at polyene concentration

equal to that found for cholesterol-containing liposomes. No evidence of the for-

mation of aqueous channels by AmB was found in sterol-free DMPC liposomes.

These data were consistent with the concept of a sequential mechanism of the
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membrane permeabilization by AmB. First AmB forms non-aqueous channels

without the participation of sterol molecules, which subsequently interact with the

sterols to form aqueous channels having enlarged diameter. The presence of

either ergosterol or cholesterol is strictly required for the formation of aqueous

channels. It was also demonstrated that two types of channels are equilibrium

structures that differ in cation/anion selectivity [29]. By following the membrane

potential with the fluorescent probe, it was found that at AmB concentrations

lower than 10�7M channels formed are permeable only to monovalent cations

(K+). Beyond this concentration they become permeable to K+ and Cl� what was

consistent with an increase of radius of the structures formed. In sterol-free lipo-

somes, the AmB channels formed were only permeable to cations.

4. INTERACTION OF PMAS WITH IN SILICO MODEL MEMBRANES:
THEORETICAL STUDIES

4.1. Development of in silico models of cell membranes

As it was stated in the Introduction cell membranes are heterogenic and complex

structures, which can be described as fluid mosaic domain systems. Such entities

are difficult to study by experimental methods at the molecular level. Even recent

improved methods such as atomic force microscopy, single particle tracking

methods, or different spectroscopic methods only to some extant enable to

monitor dynamic and static properties of cell membranes at atomic resolution.

Therefore, simpler models of cell membranes, such as vesicles and layers, con-

taining only defined type of lipids have been used in experimental studies of cell

membranes and their components (see previous paragraphs of this chapter). On

the other hand, new methodology was needed to study, at the molecular level,

both pure lipid membranes and different ligands (e.g. drugs or proteins) inter-

acting with such membranes. The development of computational chemistry and

molecular modeling methods within the last two decades have enabled to use

these techniques in studies of such systems (see recent reviews [270–274]). To

study lipid membranes by computational chemistry methods, construction and

development of in silico membrane models were necessary. These models

evolve in time and are more complex now than a decade ago when only ho-

mogenic lipid systems were studied. Due to the fact that lipid bilayers are periodic

lateral systems, simulations of such models are primarily limited by the system

size, accessible time scale, and accuracy of the methodology.

Concerning methodology, in general, four type of methods are widely used to

study lipid membranes namely: molecular dynamics (MD), Monte Carlo methods

(MC), Brownian dynamics (BD), and methods calculating electrostatic properties

of studied systems usually based on treating medium (in this case water or/and

lipids) as continuum (continuum electrostatic methods (CEM)). MD, BD, and MC
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methods are an irreplaceable tool to study structural and dynamic properties

of lipid membranes at atomistic level. These three methods were applied to

study both pure lipid membranes [270–273,275,276] as well as membranes

containing ligands (usually drugs, anesthetics or small molecules, and ions e.g.

[270,277–282]) or proteins (usually channels, e.g. reviews [276,283–290]). CEM

methods, on the other hand, were used to study surface properties of lipid mem-

branes [291–293], interaction of ligands with membranes [294,295], as well as

conducting properties of membrane ion channels [293,296–299].

Size of in silico models of lipid membranes has been expanding along with the

development of the computational technology, especially power of computers

and introduction of parallel calculations. First in silico models of lipid membranes

contained not more than 64 lipids [270]. Currently, simulations typically involve a

few hundred of lipids and are confined to a few nanoseconds in case of MD

simulations [273,300–302]. Usually, lipids are represented explicit (all atom ap-

proach) or as a simpler models (united atoms) [303]. Recently also very simple

representation of lipids, the so-called coarse grain models [304–306], were in-

troduced. In this model, lipids are represented as a polar head and apolar tail.

Such models can be useful to expend time of simulation. There are also other,

even simpler models, where lipid membrane is represented as a slab geometry,

e.g. rectangular box, in which explicit represented ionic channels are inserted.

Such models may be applied in calculations of electrostatic properties of studied

channels. Typical models of lipid membranes used in MD simulations usually

contain only one type of lipid [270,271,273,307]. The most commonly used are

DPPC and DMPC bilayer systems. More elaborated models of lipid membranes

used by MD contain a mixture of lipids [308,309]. One of the most common lipids

present in mammalian cell membranes is cholesterol and therefore, several MD

simulations were performed with model membranes containing except phospho-

lipids also this type of molecule [310–320]. Since ergosterol is regarded as a

molecular target for some polyene macrolides, it is worth to mention that only one

MD simulation of lipid membrane was performed with ergosterol [315].

Development of methodology (concerns mainly MD and BD) and in silicomodels

is made via improvement of force fields, better treatment of long-range electrostatic

interactions, application of proper macroscopic boundary conditions, and improve-

ment of numerical algorithms [270,273,302,321,322]. Using different methods one

may monitor static and dynamic microscopic and macroscopic properties of stud-

ied systems. Usually, the following quantities are calculated: area per one lipid,

ordering parameter of lipid acyl chains, area compressibility of lipids, dipole po-

tential across the membrane and dipole moments, thickness of the membrane

(atom density distribution), and diffusion coefficients of membrane components.

These values together with analysis of dynamic properties and electrostatic inter-

action can gain insight into molecular behavior of lipid membrane components and

ligands (i.e. small molecules, complexes or even proteins, and large supramolec-

ular structures) present inside the membranes or at their surfaces.
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4.2. Interaction of PMAs with in silico lipid membranes

Molecular modeling of PMA interaction with lipid membranes is still very young.

This approach boosted in recent years and stems from previous computational

chemistry and molecular modeling studies of molecular properties of polyene

macrolides and their membrane targets.

Conformational analysis of isolated AmB [56,57,60] and its methyl ester [58]

was performed and revealed that mutual location of lactone ring and aminosugar

moiety (defined by f, c dihedral angles Fig. 1) takes only two positions called

‘‘open’’ and ‘‘closed’’ conformation. In ‘‘closed’’ conformation, amino group of

AmB tends to form intramolecular hydrogen bond, via water molecule, with car-

boxyl group. On the other hand, ‘‘open’’ conformation of both fragments enable

AmB to form intermolecular hydrogen bonds with other partners. This ‘‘open’’

conformation of the polar head of AmB was also found as preferable conforma-

tion in some of AmB amide derivatives, which are more selective than AmB

against fungal versus mammalian cells [62]. Therefore, this property of AmB

polar head is postulated to be important for the interaction of AmB in channels or

other supramolecular structures [37,62]. MD simulations of AmB monomer and

dimer (head-to-tail orientation) also showed that aminosugar moiety may take

both ‘‘open’’ and ‘‘closed’’ conformation [59,102,323].

In addition to structural properties of AmB electrostatic properties of this an-

tibiotic and its derivatives were also studied. Calculation of proton affinity of

amino group in AmB and in some its derivatives revealed the correlation between

basicity of defined amino groups and biological activity of studied compounds

[324]. On the other hand, distribution of molecular electrostatic potential calcu-

lated for AmB, cholesterol, and ergosterol indicated that both sterols exhibit

different electrostatic pattern [83,203]. Different distributions of molecular elec-

trostatic potential together with different structural properties of both sterols [201]

were postulated as a source of different affinity of both sterols toward AmB. More

flat overall shape of the ergosterol molecule than the cholesterol molecule and

more extensive generation of a negative molecular electrostatic potential by er-

gosterol may be responsible for stronger interaction between AmB and ergosterol

when compared to cholesterol. Interaction between sterols or other lipids and

AmB were also studied by computational chemistry methods [323,325,326].

Generally, it was found that cholesterol [325], ergosterol [326], and DPPC [323]

can form binary complexes with AmB molecule which are stabilized by Van der

Waals forces in apolar parts of molecules and by hydrogen bonds in polar parts

of molecules. The hydrogen bonds are formed between hydroxyl group of sterols

and aminosugar moiety of AmB. DPPC molecule also can strongly interact

with AmB molecule via oxygen atoms from phosphate group that can form

hydrogen bonds with one of hydroxyl groups of the AmB aminosugar. The latter

interaction between phospholipid and aminosugar part of AmB can be respon-

sible for trafficking of AmB within the membrane but also for the destruction of the
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AmB channel structure and was also observed in later studies of AmB ionic

channels [61].

AmB membrane ionic channels are regarded as a principal element of the

antifungal action of this drug and therefore, these channels were one of the main

targets of computational chemistry and molecular modeling studies. The initial

attempts using simple models (only AmB and sterol molecules were included)

were quite modest but, on the other hand, were very promising that the

theoretical approach can bring new insight into molecular level of observed phe-

nomena. Conformational analysis of an isolated AmB–cholesterol channels per-

formed by molecular mechanics methods revealed that stoichiometry, topology,

and structure of the channel model proposed by De Kruijff [179] is very reason-

able and stable concerning intermolecular interactions [186–188,190]. Studies of

different models of the channel showed that stoichiometry AmB–sterol (8:8) is

optimal [188] but, on the other hand, it was also found that channels with different

stoichiometry of components may exhibit similar conducting properties of the

pore [186]. In the latter studies, the electrostatic energy profile for a monovalent

ion passing through the channel was also calculated. Presented profiles satis-

factorily explains the permeability characteristics and selectivity properties of

studied channels, i.e. cation selectivity of SLC and anion selectivity of DLC [186].

The initial MD studies of AmB–cholesterol channel also brought information about

permeability properties of studied channel [189]. Studies of Khutorsky [189]

showed that AmB molecules within the channel can interact via different polar

groups and form intermolecular hydrogen bond chains. In these studies, the

microscopic model of AmB channel was used [189] and interaction of sodium and

chloride ions with the groups forming interior of the pore was analyzed. It was

also found that both ions when present together in the pore could interact and

form a pair, which goes together within the channel. Recent thermodynamic free

energy studies of the AmB–cholesterol channel showed that the path along which

the ions prefer to move is off center from the channel’s central axis [191]. For

these studies, the channel formed by the AmB and cholesterol molecules was

immersed into a uniform membrane, which was modeled as a low dielectric slab.

The studies combined the free energy computations using the Poisson equation

with a continuum solvent model. In the same work [191], Monte Carlo molecular

simulations established that sodium and chloride ions can pass even together

through the pore.

The model of the AmB channel (treated explicit), immersed in lipid membrane

(treated implicit as a slab of low dielectric) was also used to calculate distribution

of molecular electrostatic potential for AmB–cholesterol and AmB–ergosterol

channels (A. Tereszczyn M.Sc. thesis – Gdansk University of Technology, Po-

land). The structures of both the channels were taken from MD simulations (see

next paragraph). The distribution of molecular electrostatic potential was calcu-

lated using Poisson–Boltzmann methods (CEM methods). It was found that size

of the pore is important for the potential distribution. Comparing AmB–cholesterol
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and AmB–ergosterol channels the former one generates more negative potential

at the entrance of the pore where polar heads of AmB molecules are present

(Fig. 7). This region of negative potential at the mouth of the channel (extracel-

lular side of membrane) forms a potential well, which can be regarded as a trap

for cations passing through the channel. These calculations agree with the pre-

vious results of the electrostatic studies of AmB–cholesterol channel [186] show-

ing potential barrier for cations going through the pore. More extensive and

deeper potential well observed in the case of AmB–cholesterol channel (Fig. 7)

can also be responsible for lower ion conductance of these channels compared to

AmB–ergosterol channels. Lower ability to conduct ions by AmB–cholesterol than

AmB–ergosterol channels might quantitatively contribute to more selective action

of AmB molecules toward ergosterol-containing membranes.

Only recent studies of AmB ionic channels and interactions between the an-

tibiotic molecules and model phospholipid membranes take into account more

elaborated models in which lipid molecules are treated explicit. These studies

include interactions of AmB with the surface of phospholipid bilayer as well as

studies of ionic channels formed by molecules of AmB in the lipid bilayer. In

particular, MD studies were performed to analyze molecular properties of ionic

channels built from AmB molecules and sterols (cholesterol or ergosterol) [37,61].

Models of these channels are presented in Fig. 8. Both type of channels con-

tained eight AmB, eight sterol molecules, and 34 DMPC lipid molecules (17 in

each layer). Comparative MD studies of both channels brought interesting data

concerning molecular properties of AmB ionic membrane channels. First of all, it

was found that ergosterol and cholesterol molecules interact slightly in a different

way with AmB molecules inside the channel. Ergosterol molecules are more rigid,

less prone to rotate around its long axis, and tightly interact with AmB molecules.

Probably due to this fact, the chain of intermolecular hydrogen bonds between

(a) (b)

Fig. 7. Distribution of molecular electrostatic potential presented on equipotential
surfaces for AmB–cholesterol (a) and AmB–ergosterol (b) channels. Negative
potential of –1 kcalmol�1 is red, positive potential of +1 kcalmol�1 is blue.
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polar groups of neighbor AmB molecules is more stable. This chain of hydrogen

bonds is formed between amino groups and carboxyl groups of neighbor AmB

molecules. The chain can be formed only when AmB molecules take ‘‘open’’

conformation within its ‘‘polar-head.’’ This ‘‘open’’ conformation of AmB was more

frequently encountered in the AmB–ergosterol than AmB–cholesterol channel.

The important feature, which was also observed in MD studies, was the diameter

of the pore. The lumen of AmB–ergosterol channel was bigger than for

AmB–cholesterol channel. The size of the pore determines conductivity of the

channel and, as it was calculated by Bonilla-Marin et al. [186], influences the

height of electrostatic barrier for ions passing through the AmB channel. Too

small diameter of the pore might be responsible for the break of ion passage.

Tight AmB–cholesterol channels agree with the idea that there are open (func-

tional) and closed (non-functional) AmB channels [327].

Studies of interactions between AmB and model phospholipid membranes also

covered the interaction of single AmB molecule with the surface of lipid mem-

brane [330] and interaction of AmB monomer and dimer with phospholipids inside

the membrane [328]. The studies were performed to answer the question if a

single AmB molecule exhibits a propensity to enter the membrane and if AmB

dimers are stable structures inside the membrane. Answers to these questions

may help to understand the mechanism of AmB channel formation. MD simu-

lation lasting for more than 1 ns was performed with AmB–lipid systems. The lipid

membrane contained 100 DMPC molecules in each layer and a proper number of

water molecules to cover the surface of the membrane. The model of lipid mem-

brane used in our studies was based on MD studies of DMPC model membrane

performed by Zubrzycki et al. [329].

MD simulation of interaction between AmB and a surface of the lipid membrane

revealed that AmB molecule takes perpendicular orientation to the surface (at the

(a) (b)

Fig. 8. Snapshots of AmB–cholesterol (a) and AmB–ergosterol (b) membrane
channels from MD studies [37]. AmB molecules are presented as a gray-scale
space filling models. Sterols are represented as dark space filling models. DMPC
molecules are represented as stick models.
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starting point AmB lain horizontally on a surface). The AmB molecule, via car-

boxyl group, strongly interacts with amino group of DMPC molecules. These

interactions are not random and AmB molecule together with one DMPC mol-

ecule tends to diffuse laterally. This means that single AmB molecule very un-

likely is able to enter the membrane. Such an observation agrees both with the

ability of AmB molecules to form monolayers at the phase border (for instance air/

water interface) [109–112] and with the previous observations that AmB mole-

cules can interact with DMPC molecules in a very specific way as it was found in

MD simulations of AmB membrane channels [37,61].

MD simulation of AmB monomer and AmB dimer inside the membrane [328]

revealed that AmB molecules like to interact with polar heads of DMPC mole-

cules. The carboxyl group of AmB interacts with amino group from choline moiety

and the amino group of AmB interacts with phosphate group of DMPC. However,

the antibiotic molecules in the AmB dimer prefer to interaction with each other

than with the DMPC molecules. This interaction enables to cover polar parts of

AmB molecule and drift the dimer up and down in the membrane. Single AmB

molecule, on the other hand, tends to stick to the membrane surface by its polar

head. This observation may suggest that position of single AmB molecule in the

lipid membrane is less favorable than dimer. The latter one is suggested to be a

building bloc (intermediate) of the channel. MD simulations also showed that

AmB molecules order acyl chains of the surrounding DMPC molecules. This

observation may suggest that AmB molecules can form domains, which can be

more ordered. Such behavior of AmB may be regarded as an important step to

channel formation. Further studies concerning derivatives of AmB will also help to

understand how modified polar heads of AmB influence behavior of the antibiotic

molecules in the membrane.

5. CONCLUSIONS

Due to the chemotherapeutic value of PMAs the studies on their mechanism of

action have been continued since this group of compounds was discovered. The

important part of this mechanism comprises interaction of PMAs with cell mem-

branes. Through years, different models of lipid membranes were applied for

studies of PMA mechanism of action. Recently, in silico models for computational

studies and monolayers for SFM were introduced. Evolution of models of lipid

membranes as well as development of methodology enable to get better insight

into molecular level of PMA–membrane interactions.

Data collected from studies on monolayers (including SFM techniques) sug-

gest two type of AmB behavior. AmB molecules oriented perpendicularly to the

plane of lipid layer form hydrophilic pores in the hydrophobic core of the mem-

brane (�6 Å internal diameter; 6–8molecules). AmB molecules oriented in the

plane of the layer influence the membrane structure via creation of a network of

hydrogen bonds between lipids and AmB.
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The studies applying liposomes revealed many interesting features concerning

structural and permeability effects caused by PMAs. It was confirmed that mem-

branes containing ergosterol are more prone to permeability than those contain-

ing cholesterol and that mechanisms of membrane permeabilization by PMAs are

different in ergosterol when compared to cholesterol-containing membranes. Due

to these differences new AmB derivatives with remarkable selective toxicity have

been synthesized. This finding encouraged to continue efforts to obtain new less-

toxic generations of this drug. Important role of antibiotic state in aqueous media

in ergosterol/cholesterol selectivity has also been established. However, the most

important finding coming from recent studies on liposomes was PMA-induced

permeabilization of sterol-free membranes, evidencing the existence of an alter-

native membrane damage mechanism apart from the widely accepted sterol-pore

model. The studies on vesicles brought also a new interpretation of the action of

filipin. Precluding any disruptive effect, inducement of permeability of filipin would

result from the intrinsic permeability of the interfacial region at the boundaries

of the gel-like domains corresponding to the filipin–phospholipid aggregates.

Permeabilizing mechanism of filipin is the same in the absence and presence of

cholesterol.

Studies utilizing in silico models of lipid membranes, first of all, enabled to

determine molecular properties of AmB membrane channels as well as AmB

monomer and dimer embedded in the membrane at atomic level. The analysis of

results coming from these studies revealed differences between AmB–ergosterol

and AmB–cholesterol channels. As it was found that these differences can in-

fluence the conductance and ion passage of such channels, what may contribute

to selectivity of action of AmB and its derivatives against ergosterol- versus

cholesterol-containing cell membranes. Moreover, the studies at molecular level

using molecular modeling methods give a hope that further elements of

AmB–membrane interactions can be analyzed in details by such approach. This

includes studies on the mechanism of AmB (or its derivatives) channel formation,

on the properties of different supramolecular structures formed by the antibiotic

molecules inside membranes (both containing and sterol-free), and interaction of

studied polyene macrolides with the membrane surface.
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Abstract

Different methods for supporting lipid bilayers onto conductive electrodes have proved

useful to model biological membrane processes. The methods arousing greatest interest

involve covalent attachment on gold substrates and noncovalent self-organization on me-

tallic supports and semiconductor electrodes. Impedance spectroscopy (IS) applied to

study these supported lipid bilayers was critically analyzed.

In this chapter, we have described the established ways to apply IS in structural char-

acterization studies of supported lipid bilayers, with a particular focus on the strengths of

the method as well as on its weaknesses. A word of caution was expressed concerning the

use of equivalent circuit modeling under certain experimental conditions.

Full capabilities of IS were demonstrated in relation to ion permeation studies. The use

of identifiability and distinguishability concepts was stressed, since this analysis provides a

way to select experimental methods according to the structural properties of theoretical

models. Accordingly, impedance experiments should be designed so as to allow discrimi-

nation between various postulated mechanisms. An example of a globally identifiable

mechanism was introduced and this mechanism was used to derive rate parameters of

the system from impedance data. Equations for the impedance and for the steady-state

polarization curves can be satisfactorily fitted to the experimental results in order to gen-

erate the set of kinetic parameters that best describe the experiments.
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1. INTRODUCTION

A biological membrane represents the most important electrified interface in living

systems and provides the environmental matrix for proteins and other molecules,

whose functions are of an electrical character. The same is true for experimental

models of biomembranes as simple convenient systems that exhibit membrane

mimetic behavior [1]. This is the reason why, along with spectroscopic methods,

different electrochemical techniques were widely used to study biomembrane

models.

The potential applied across the membrane in electrochemical experiments

gives rise to a detectable charge flow directly related to the rates of various

charge transfer processes. This serves not only to elucidate the nature of these

processes but also to reveal structural features of the membrane.

Among the different electrochemical relaxation techniques, impedance spec-

troscopy (IS) is the most powerful one. The principle of this method is to apply a

small AC potential perturbation to an electrochemical cell, which drives the sys-

tem away from its steady state and then to measure the relation between the AC

current response and the applied AC potential. In this way information can be

gained about processes, such as the charging of the interface and conduction of

electrical carriers (electrons and ions). Moreover, the use of IS allows to uncouple

elementary phenomena that constitute the charge transfer processes [2].

The current availability of powerful commercial instruments, namely frequency

response analyzers, explains its growing acceptance among researchers in the

field of bioelectrochemistry. Present equipments operate under computer control

covering a wide frequency range (o1mHz to 4100 kHz), which is well suited for

bioelectrochemical impedance measurements. However, if a large number of

elementary phenomena are involved in the process under study, data analysis

can become rather difficult [3].

Different strategies were implemented to overcome the drawbacks of conven-

tional black (bilayer) lipid membranes. This research effort resulted in the de-

velopment of supported lipid membranes (s-BLMs) having a number of

advantages: (i) ease and reproducibility of preparation, (ii) long-term stability,

(iii) formation in the absence of solvent and finally (iv) formation on electrically

conductive supports [4–6]. Consequently, s-BLMs as model systems for the

study of biomembranes are conducive to electrochemical experimental analysis,

from which, both structural and dynamical parameters, characterizing the elec-

trical behavior of the membrane structure, can be derived.

This chapter does not intend to represent a comprehensive survey of the avail-

able literature but rather an appropriate selection of important contributions that

illustrate the most frequently reported ways to apply IS in the field of bilayer lipid

membranes (BLMs). Basic ideas and usual assumptions involved in mathematical

derivations of the corresponding impedance expressions will be outlined.
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2. STRUCTURAL CHARACTERIZATION OF SUPPORTED LIPID
MEMBRANES

The realization of biomembrane models of improved quality, like s-BLMs, is one

of the current challenges in fundamental studies of biological membranes and

biosensor technology. Our ability to reach that goal, in turn, is critically dependent

on the successful application of IS and other experimental methods that enable

an accurate characterization of the resulting membrane system.

Electrical impedance measurements disclose information on the dielectric

properties of materials [7]. Thus, capacitance and conductance measurements

are routinely performed in order to reveal basic structural features of s-BLMs

[4,8–11]. Characterization is primarily focused on kinetics of formation, packing

efficiency, degree of coverage of the metal substrate and long-term stability.

2.1. Biomembrane models covalently attached to metallic supports

Self-assembled monolayers (SAMs) of alkanethiols covalently attached to gold

surfaces provide a hydrophobic surface on top of which a phospholipid monolayer

can be deposited via vesicle fusion. The analysis reported by Plant [4] of the

structural features of this bilayer assembly represents a good example of the use

of IS. Impedance measurements were used to monitor bilayer formation in the

presence of vesicles. The process can be considered complete when the elec-

trical parameters reach stable values. Capacitances of alkanethiol monolayers

and phospholipid/alkanethiol bilayers were determined from impedance data re-

corded in the 10Hz–63 kHz frequency range. Experimental data were fitted to a

simple model for an equivalent circuit consisting of a resistor representing the

electrolyte solution, in series with a capacitor, describing the electrode membrane

(Fig. 1a). Within the studied frequency range, the contribution of the membrane

resistance to the total impedance can be neglected (compare circuit in Fig. 1b).

Recorded data exhibit a good fit to the model, at least when plotted in terms of the

variation of the impedance modulus 9Z9 with frequency. A plot of the inverse

capacitance versus alkanethiol chain length (expressed as the number of CH2

units) for alkanethiol monolayers and bilayers formed by vesicle fusion renders

reasonably linear dependencies. Capacitance values for the phospholipid half-

bilayer (Cm-PL) were estimated from capacitances for the alkanethiol monolayer

(Cm-monolayer) and the phospholipid/alkanethiol bilayer (Cm-bilayer) using the fol-

lowing expression:

1

Cm-PL
¼ 1

Cm-bilayer
� 1

Cm-monolayer
ð1Þ

that corresponds to a series combination of the two capacitors in the bilayer

membrane.
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Moreover, it has been proposed that phospholipid monolayers can be modeled

as a large capacitor (the polar headgroup region penetrated by water) in series

with a smaller capacitor (the alkane chains) [12]. Consequently, the hydrocarbon

portion is the only relevant contribution in Cm-PL. Capacitance data were con-

sidered in order to assess the effect of the solvent used to prepare the vesicles.

Half-bilayer capacitance values for bilayers obtained in the absence of solvent

(i.e. from vesicles prepared by the extrusion method) are smaller than those

values resulting from the use of vesicles prepared by injection, while both sets of

capacitance values are larger than values reported for BLMs. On the other hand,

capacitance of the bilayer system is greatly reduced upon fusion of solvent-

containing vesicles, indicating a bilayer with enhanced dielectric character. This

can be understood in terms of a smaller chain tilt, and therefore larger hydro-

carbon thickness compared to bilayers without solvent. Capacitance normalized

by surface area takes the simple form:

Cm ¼ �ok

d
ð2Þ

where eo is the permittivity of free space, k the dielectric constant of the mem-

brane material and d the membrane thickness. Unfortunately, both k and d

change according to changes in membrane composition and neither of these

parameters can be known unambiguously to explain the inconsistency of these

results.

This highlights the fact that film characterization with multiple techniques

is crucial to understanding s-BLMs. For example, ellipsometry and infrared

RΩ

RΩ

RΩ

Cm

Cm

Cm

Cs

Rm

Rm

(a)

(b)

(c)

Fig. 1(a–c). Different equivalent circuit models used to represent sBLMs (see
text for definitions of each element).
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spectroscopy were used in addition to electrochemical measurements to char-

acterize phospholipid/alkanethiol bilayers [13]. A decrease in capacitance values

was observed when changing from SAMs to bilayers. This result is consistent

with the corresponding spectroscopic data and reflects an increase in film thick-

ness. While capacitance determination by IS yielded similar results to those in the

literature, the use of cyclic voltammetry consistently resulted in higher capaci-

tance values.

Alkanethiol/phospholipid-coated gold electrodes were also studied combining

four different techniques, namely, IS, quartz crystal microbalance (QCM), atomic

force microscopy and ellipsometry, so that a consistent picture could emerge

[14]. Impedance measurements were performed to follow dynamic changes ac-

companying the initial deposition of a monolayer of DOPG (dioleoylphosphati-

dylglycerol) on the modified gold surface and the formation, at longer times and in

the presence of electrolyte and buffer, of a further DOPG bilayer on top of the lipid

monolayer. Impedance data were analyzed assuming a simple RC series circuit

(Fig. 1a) to convert changes in the impedance Z measured at a single frequency f

(90Hz) into changes in the apparent resistance and capacitance, according to:

Z ¼ RO �
j

2pfCm
ð3Þ

where RO represents the resistive limit of Z at o-N, j ¼
ffiffiffiffiffiffiffi

�1
p

, and f is the

alternating voltage signal frequency.

Cm values change as a function of time in a fashion consistent with the time-

scales of the biphasic formation process detected in the QCM experiments.

However, the authors conclude that the simple theoretical model assumed to

interpret their impedance data is not entirely suitable for differentiating between

monolayer and multilayer coverage of the electrode, due to the presence of

pinholes and defects in the deposited lipid films.

The low flexibility and fluidity of the chemisorbed alkanethiol monolayer makes

the metal-supported alkanethiol/phospholipid bilayers unsuitable for the incorpo-

ration of integral proteins [1]. In an attempt to overcome this limitation, alternative

methods to support lipid bilayers were devised, that still retain the property of self-

assembly of thiols onto clean gold surfaces.

One such possibility is to initially coat the solid support with a self-assembled

charged monolayer and in a second step a bilayer of a charged lipid, having the

opposite charge, is spontaneously spread onto the first monolayer.

An impedance analysis of this system was reported by. Steinem et al. [9]. The

equivalent circuit in Fig. 1c was used to represent the electrical properties of

the s-BLMs. The circuit contains an additional capacitance Cs in series with the

membrane impedance to account for the presence of the charged monolayer on

gold. Impedance data can be used to observe the fusion process. A tenfold

decrease in capacitance values was measured after deposition of a bilayer on the

charged monolayer. The use of mixed vesicles containing a mixture of a charged
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lipid and a zwitterionic lipid yielded better results concerning the final capaci-

tance, i.e. lower Cm values, in contrast to bilayers composed of the pure ionic

lipid.

IS characterization of bilayers deposited on self-assembled charged mono-

layers was also performed by Stelzle et al. [5]. The authors propose to apply

impedance analysis as a quality control tool for this system. Since defect sites

strongly bind proteins, the preparation of defect-free lipid/protein layers is a pre-

requisite for biosensor design. With this aim, an impedance model based on an

equivalent circuit was introduced and the fractional coverage of substrates was

determined. The degree of coverage of the imperfect layer can be estimated by

assuming the presence of two parallel capacitors. The measured capacitance

Cm, for a covered area fraction y is given by

Cm ¼ yCmo þ ð1� yÞCdl ð4Þ

where Cmo corresponds to that part of the electrode, which is covered by a

perfectly tight layer, and Cdl accounts for the capacitance at the membrane/

electrolyte interface in flawed areas.

The resistance of the perfectly tight areas, being much larger than the resi-

stance of the imperfect areas, cannot be determined. Consequently, the

measured resistance R is determined by defects in the area fraction ð1� yÞ
according to:

R ¼ Ro

ð1� yÞ ð5Þ

The authors showed that a simple model, like that in Fig. 1b, fails to describe

s-BLMs containing numerous defect sites, probably resulting from a rough elec-

trode surface. In order to obtain a better agreement between theory and experi-

ment, additional circuit elements were incorporated in the equivalent circuit to

represent the defects in the bilayer. However, concern can be expressed about

the danger of using multicomponent models to fully describe impedance spectra,

since it becomes increasingly difficult to prove the utility and interpretation of the

various parameters [15].

A second alternative to the metal-supported alkanethiol/phospholipid bilayer is

to replace the alkanethiol monolayer by a thiolipid monolayer and then to deposit

a second phospholipid monolayer on top [10,16]. The thiolipid molecule consists

of a phospholipid with the polar head covalently linked to a hydrophilic spacer

terminated with an anchoring sulfydryl o disulfide group. Thus, the lipid bilayer

results separated from the gold surface by the hydrophilic spacer that provides

the space and water required for the incorporation of integral proteins.

In the work from reference [10], an impedance analysis of these systems was

reported. Experimental impedance spectra were interpreted in terms of the model

in Fig. 1b. Capacitance values for the top monolayer were calculated using an

expression equivalent to that of equation (1), where the two series capacitances
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correspond to the measured capacitance of a thiolipid monolayer and the meas-

ured capacitance of the whole bilayer. The calculated values, in turn, were used

to deliver the thickness d of the lipid hydrocarbon chains in the frame of equation

(2). Comparison of the resulting d values with those expected for a fully stretched

chain indicates the degree of tilt with respect to the normal of the gold support.

Moreover, contrasting capacitance data for the first monolayer with data for the

bilayer, it is possible to envisage the structural mutual interaction, increasing or

decreasing the chain order.

Interrupting the thiolipid chemisorption process after a short time an imperfect

monolayer results. In a second step, the addition of a conventional lipid com-

pletes the imperfect monolayer besides forming a second monolayer on top,

to generate a final bilayer arrangement. Thus, a fraction of the total sample

surface remains free and therefore accessible for possible incorporation of pro-

teins. The degree of coverage was calculated according to equation (4) with

Cdl ¼ 27mFcm�2, i.e. the capacitance of the Helmholtz layer on bare gold and

Cmo are equal to the value calculated for a pure thiolipid monolayer.

Recently, novel synthetic lipids were used to tether a bilayer membrane

(t-BLM) onto gold supports. The lipid molecule provides, additionally, a well-

defined ionic reservoir between the gold electrode and the bilayer membrane

[15]. A hydrophobic portion of the reservoir lipid incorporates into the bilayer and

a hydrophilic portion, of varying lengths, is attached to gold via gold–sulfur in-

teractions. Further, control of the lateral spacing between reservoir lipids can be

obtained through adsorption of small hydrophilic disulfide-containing molecules.

Impedance characterization of the t-BLMs was performed as described above,

making use of equations (2) and (3). IS was also used to correlate membrane

conduction characteristics to the ion reservoir capacity (see also [17]). Charac-

teristic features develop in the experimental spectra upon addition of valinomycin,

i.e. upon changing from a non-conducting to a conducting membrane. An inflex-

ion in log 9Z9 versus log f plot appears between two straight lines of slope equal to

�1. Over the same frequency range a phase (f) minimum can be observed in the

f versus log f plot. The electrical analog model shown in Fig. 1c was selected to

interpret these experiments. Cs represents here the effective Helmholtz capac-

itance due to the ionic double layer next to the gold surface. In the absence

of valinomycin the bilayer resistance Rm is very large, and this results in a de-

pendence of the impedance modulus 9Z9 on f governed solely by Cm (9Z9 ¼ 1/

2pfCm) in the whole studied frequency range. In the presence of valinomycin in

the bilayer and K+ ions in the electrolyte, Rm decreases markedly giving rise

to the distinctive features of the impedance spectra in the intermediate frequency

range. In the low-frequency range, 9Z9 approaches 1/2pfCs according to a slope

of �1 in the second linear portion of the log 9Z9 versus log f plot. The conduct-

ance of the ionophore (1/Rm) can be seen as a transition between the two ca-

pacitances and was calculated as the admittance for which f goes through a

minimum.
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Increasing the reservoir volume, by increasing the reservoir lipid length or its

lateral spacing, results in higher conductances. Moreover, the effect of having a

restrictive reservoir, in terms of its volume, can be evidenced by varying the DC

bias voltage. A gradual depletion of K+ ions in the submembrane space results

after the application of increasingly positive DC potentials, until Rm reaches the

value corresponding to a non-conducting t-BLM. Larger reservoirs are less prone

to restrict conductance at positive potentials.

2.2. Noncovalent self-organized bilayers on metallic supports

A simple different approach to realize a biomembrane model involves the non-

covalent self-organization of a phospholipid monolayer on freshly formed sur-

faces of hydrophilic metals like, for example, Pt and Ag [18,19]. Polar heads of

this first monolayer are spontaneously directed to the hydrophilic metal, while a

second lipid monolayer is deposited on top of it, with the hydrocarbon tails in

contact with those of the inner monolayer and the polar heads turned toward the

aqueous solution. This procedure was followed by F. Bordi et al. [20] to obtain s-

BLMs on the tip of a silver wire electrode. A proper cathodic potential was applied

during membrane formation to avoid oxidation of the substrate and to favor a

higher coverage by the membrane. In order to interpret the experimental data, a

model based on an equivalent circuit was proposed. The equivalent circuit results

from a parallel connection of a resistive element of the uncovered electrode

regions and a sub-circuit that describes the impedance of the membrane-covered

areas. The elements in this sub-circuit are two parallel connections RC, con-

nected in series, and related to the lipid layer and to the ionic layer at the lipid-

electrolyte interface, respectively. The fitting procedure according to this model

also yields the covered area fraction y.

2.3. Supported lipid membranes supported on semiconductor
electrodes

Biomembrane models supported on semiconductor surfaces have a large po-

tential for its application in biosensor devices. The use of IS to study these

systems is focused on finding experimental conditions, that allow to discriminate

between the capacitance of the semiconductor material and the capacitance and

conductivity of the lipid membrane [21–23]. This is a difficult task since the ca-

pacitance of the semiconductor is normally too small. The use of Ti/Ti oxide

electrodes was proposed as an alternative support to silicon/silicon dioxide elec-

trodes [22]. A much higher dielectric constant of the former electrode material

leads to capacitance values that are 15 times larger.

When using Si/SiO2 electrodes, doping level and oxide thickness can be varied

to obtain ideal properties of the bulk silicon material [23]. Moreover, under suffi-

ciently negative bias potentials (for p-type Si), leading to the formation of an

A.E. Vallejo and C.A. Gervasi338



inversion layer, or under sufficiently positive bias potentials for an accumulation

layer to appear, the space-charge capacitance, becomes large in comparison

with the oxide capacitance. This condition renders a final capacitance of the

Si/SiO2 electrode that is markedly increased. The electrical properties of the

semiconductor/lipid bilayer system can be analyzed in terms of an equivalent

circuit containing two parallel connections RC, connected in series, and related to

the semiconductor material and the deposited lipid bilayer.

2.4. Some difficulties with the use of capacitance measurements

It has already been established that simple models like those in Fig. 1(a–c),

although useful to describe the electrical features of s-BLMs, are unable to fully

describe the impedance response. This fact is clearly evident from a poor fit in the

phase spectra of a Bode plot [15,17]. Otherwise, a plot of log|Z| versus log f

results much less sensitive to this effect.

One may be tempted to use multicomponent equivalent circuits in order to

obtain a better agreement between theory and experiment. However, good

agreement between the measured impedance and that calculated from the

modeling circuit does not necessarily mean that the model used is the best

representation, and it is often difficult to find an explanation for the different circuit

components on a phenomenological basis.

A possible reason for the lack of full agreement is that, for example, the mem-

brane capacitance does not, in general, behave as a pure capacitance, but rather

as an impedance displaying a frequency-independent phase angle different from

901. So, a second approach to improve the quality of the fit might be to replace

the ideal capacitance Cm by a constant-phase element (CPE) in the model circuit

[6]. Formally, this means that the classical representation of the impedance for a

defect-free membrane (equation (3)) has to be replaced by an expression of the

form:

Z ¼ RO þ ðjoÞ�dY�1o ð6Þ

where Yo is a constant expressed in O�1 cm�2 sd and d a dimensionless para-

meter. This expression is valid, when only the capacitance value is distributed

along the interface. Accordingly, if the electrode behavior is complicated by the

presence of a distributed capacitance but capacitance values are determined

from the imaginary part of the impedance Im(Z) at a single frequency according to

Cm ¼ �1=o ImðZÞ (see equation (3)), calculations yield Cm values that depend on

the applied frequency, and are therefore of limited significance. Thus, if a dis-

tribution model is adopted, it is more appropriate to calculate Cm from equation

(7) [24]:

Cm ¼ YoR
ð1�dÞ
O

h i1=d
ð7Þ
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It should be emphasized that Cm depends on RO and cannot be simply replaced

by the fit parameter Yo, as is frequently found in the literature. Finally, if the

system is mathematically described in terms of a more complex branched net-

work, Yo is coupled not only to RO but also to other circuit elements.

Another aspect, related to equivalent circuit modeling, deserves detailed con-

sideration.

The whole charge density experienced by the diffuse layer ions in solution (qs)

equals the sum (qm) of the charge density on the metal, the charge density of any

charged groups buried well inside the polar head region and the charge density of

any ionized groups directly exposed to the aqueous phase [1]. In this way, the two

capacitances, Cm and Cs, of the electrode/membrane/electrolyte system are

given by

dqm
dVm

¼ Cm ð8Þ

dqs
dVs

¼ Cs ð9Þ

where dV is the differential voltage change across each double layer.

It has often been proposed in the literature to describe this system in terms of

an equivalent circuit containing two parallel RC connections, connected in series,

as depicted in Fig. 2. Inspection of equations (8) and (9) yields

dVs

dVm
¼ Cm

Cs
ð10Þ

According to the model in Fig. 2, under steady-state conditions, we have

dVs

dVm
¼ IRs

IRm
ð11Þ

where the steady-state current I flowing through each resistor is the same. Thus,

comparing equations (10) and (11), it is possible to show that, for the proposed

model, the following relationship holds

CmRm ¼ CsRs ð12Þ

Cm

Rm

Cs

Rs

Fig. 2. Equivalent circuit used to represent the impedance response of sBLMs in
the presence of a hydrophobic space between the support and the bilayer (see
text for definitions of each element).
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Equation (12) indicates that the model in Fig. 2 is unsuitable to represent the

dynamic features of the two processes involved, i.e. DC current flow and charge

accumulation in the membrane phase and in the aqueous phase, exhibiting dis-

tinctive time constants.

3. ION TRANSPORT THROUGH LIPID BILAYERS

3.1. Ion-carrier-mediated transport

Ion transport is most conveniently measured in terms of electrical properties and

the dependence of these properties on chemical and physical parameters (e.g.

concentration and time) [25]. Consequently, IS is well suited for studying ion

permeation in BLMs.

The hydrophobic barrier imposed by lipid bilayers to ion permeation can be

penetrated in different ways. One such way involves mediation by ion-carriers,

like valinomycin, incorporated in the bilayer. In the previous section, we analyzed

the use of valinomycin in the presence of K+ ions as a test for impedance studies

on t-BLMs. This test is based on a model, in which the transport of K+ ions is

represented by a resistor [15,17]. This description, although useful as a simple

test, represents an oversimplification, from which relevant kinetic information

cannot be obtained [26].

De Levie developed a full mathematical treatment yielding the impedance of

ion transport mediated by ion-carrier complexes through lipid bilayers [25]. A lipid

membrane can be conceived as a thin homogeneous macroscopic phase (con-

tinuum model) or as an interfacial barrier (single-barrier model). Considering its

thickness, a biomembrane model lies in between these two extremes, as a result

both the limiting approaches were analyzed. According to the continuum model,

the Poisson equation is introduced in the continuity equation. Subsequent inte-

gration with respect to distance yields an expression for the total (ionic plus

displacement) current due to diffusion and migration. Boundary conditions must

be considered in addition to these equations describing permeation through the

membrane phase. Boundary conditions reflect interfacial stoichiometries and

aqueous diffusion as the transport-limiting process outside the membrane. The

constant-field approximation was used to derive the admittance. The admittance

equation was written out in a fractional form that facilitates to express it in terms

of an equivalent circuit. Thus, in this treatment, the equivalent circuit is a deri-

vation from the mathematical model. The equivalent circuit is also representative

of the equation derived according to the single-barrier model with the same

boundary conditions, but different definitions result for the circuit components, in

terms of microscopic parameters. For example, the membrane resistance is in-

terpreted in terms of a diffusion coefficient in the continuum approach, but as a

rate constant in the single-barrier formalism. The single-barrier approach is briefly
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described below in relation to a transport mechanism based on the presence of

ion channels in the membrane. Thus, the experimentally measured admittance

can be analyzed according to the dependence of the individual circuit elements

on concentration, temperature, etc. Each element is related to a single physical

phenomenon (dielectric charge displacement, ion transport across the mem-

brane, ion transport across the interface, diffusion through the aqueous phase or

adsorption at each side of the interface). However, prior to deriving specific rate

parameters a choice between the two models must be made.

Impedance data obtained for valinomycin-mediated transport of Na+ and K+

ions through s-BLMs were analyzed in terms of a model [16] that incorporates

some of the theoretical derivations of de Levie’s. Specifically, data evaluation was

performed by using the equivalent circuit depicted in Fig. 1c, assuming that Rm

corresponds to a series connecting two resistive elements, namely, the mem-

brane resistance R and the resistance of ion transport across the membrane/

water interface Rpt. Definitions of R and Rpt in terms of physicochemical param-

eters correspond to de Levie’s mathematical treatment for the continuum ap-

proach, where both parameters are dependent on the reciprocal cation

concentration in solution cþw . The membrane conductance was found to increase

significantly in the presence of K+ ions, while only a slight increase was observed

in the presence of Na+ ions. The expected linear dependence of the conduct-

ance on cþw was confirmed.

3.2. Ion transport through channels incorporated in a lipid bilayer

Participation of channels incorporated in s-BLMs represents another mechanism

for ion permeation. Gramicidin is one of the best characterized and most exten-

sively studied pore-forming molecular structures. In its active form, this antibiotic

builds a dimeric helical structure long enough to span the bilayer. Recently, we

reported impedance measurements applied to study ion transport through grami-

cidin channels [27,28]. A (SAM) of a short-chain mercaptocarboxylic acid can

form on gold electrodes. On top of the charged monolayer fusion of lipid vesicles

prepared from a positively charged lipid-containing gramicidin D, lead to electro-

static fixation of a gramicidin-doped bilayer. The presence of a hydrophilic space

between the gold surface and the bilayer, as indicated by increased conductance

in presence of gramicidin, is related to the numerous defects in a SAM of short

chain length.

In its most general form the mechanism, proposed to describe ion permeation

through gramicidin channels, comprises the following series of steps: (i) transport

of cations through aqueous phase according to planar diffusion, (ii) adsorption onto

the membrane at a surface site determined by an active G-channel and incor-

poration into it at the interface, and finally (iii) permeation through the membrane.

Interfacial transfer kinetics is of first order, while permeation inside the channel

is characterized by a simple activation energy barrier (single-barrier approach).
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The application of an external voltage varies the barrier height but the position of

the potential-energy maximum along the reaction coordinate remains unaltered.

The reaction mechanism can be formally written as:

Mþ�!
 �

k1

k�1

Mþin ð13Þ

Mþin�!
k2

Mþout ð14Þ
where Mþin corresponds to the ion at the side where it partitions into the membrane

and Mþout denotes the ion at the other side, from where it leaves the membrane.

The potential (E) dependence of the rate constants can be expressed by an

exponential law:

ki ¼ koi expðbiEÞ ð15Þ

k�i ¼ ko�i expðb�iEÞ ð16Þ
where bi ¼ �aF=RT and b�i ¼ ð1� aÞF=RT, koi and ko�i are constants independ-

ent of E, a is the transfer coefficient and F the Faraday constant.

The maximum number of sites per unit surface, which can be occupied by the

species M+, is characterized by the coefficient b and the fraction of sites actually

occupied by y (0oyo1). As a consequence, the number of free electroactive

sites is given by bð1� yÞ.
For a symmetrical membrane and identical surrounding aqueous solutions,

analysis is simplest at the open circuit potential, in which case the backward

reaction (anodic) results in the same impedance as that for the forward reaction

and both impedances are connected in series in the global mechanism. In this

way there is no need to consider the anodic reaction separately [25]. The net

faradic current Inet results from the difference between cathodic and anodic partial

currents.

Mathematical modeling of experimental input/output data in the field of elect-

rochemistry is not an easy task, mainly because of the complexity and non-

linearity of the systems involved. Two major difficulties are encountered in

modeling kinetic functions. Firstly, one has to make a proper selection of phy-

sicochemical parameters influencing the kinetics, in order to incorporate them in

the model. Secondly, it is required to choose an appropriate analytical description

for each kinetic process. The procedure leads to a set of nonlinear differential

equations involving a family of parameters [29].

A clear distinction has to be made between basic parameters and those para-

meters that are determinable by an experiment (observational parameters). The

latter may be functions of the basic kinetic parameters. When the observational

parameters are not functions of a particular basic parameter, that parameter can

be changed without affecting the observations. In the experiment this is an in-

sensible parameter. However, if a basic parameter is sensible by the experiment,
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it may be identifiable or nonidentifiable. For instance, multicomponent equivalent

circuits used as a convenient, shorthand notation for experimentally observed

behavior, often derive from the introduction of insensible parameters that cannot

be interpreted in terms of physical phenomena.

Before estimating the unknown parameters by using mathematical methods,

a theoretical identifiability analysis must be performed. Indeed, if the unknown

parameters are not identifiable, the numerical values obtained have no signi-

ficance, since these values are not necessarily unique.

It should be emphasized that the concepts of identifiability and distinguishability

are of great practical relevance, even though they have been only recently in-

troduced in the field of electrochemistry [30–33].

Before proceeding with the analysis of identifiability and distinguishability of the

proposed permeation model, a few notes on basic concepts might be appropriate.

The various types of (a priori) identifiability are defined below:

(a) Local identifiability: If the observation function for an experiment determines a

finite number of values for a parameter, the parameter is locally identifiable.

Additional information may be needed to decide which one of the values is

appropriate for the system. Local identifiability includes cases of symmetry in

models in which two or more parameters play equivalent roles, so their values

can be interchanged.

(b) Global identifiability: If the observation function determines exactly one so-

lution value for a parameter in the entire parameter space, that parameter is

globally identifiable for that experiment.

(c) Model identifiability: If for an experiment, all of the parameters of a model are

globally identifiable, the experiment model is globally identifiable.

Let the process be replaced by a model M*(p*) that describes the experimental

data, where noise-free data are assumed. The expression MnðpnÞ � M^ðp^Þ de-

notes that the model, with structureM*( � ) and parameters p*, has the same input-

output behavior as the model with structure M^( � ) and parameters p^, for any

input and time. Any given model structure M( � ) will then be uniquely identifiable

(or globally identifiable) if for almost any p*, there is a unique solution for p of

MðpÞ � MðpnÞ, which is p ¼ pn. In other words, if M( � ) is not uniquely identifiable,

then there are several parameter vectors that correspond to exactly the same

input-output behavior, and it is impossible to eliminate any of them from the data

alone. Moreover, each parameter vector corresponds to a different evolution of

some state variables that are not measured directly.

Likewise, M*( � ) will be distinguishable from M^( � ), if and only if, for almost any

p^ there is no p*, such that MnðPnÞ � M^ðP^Þ. This indicates that there is no other

parameter vector that gives the same output for a given input. Expressing the

idea in the opposite way, it can be said that M*( � ) is not distinguishable from

M^( � ) if it can reproduce experimental results in a strictly identical manner [34].
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The set of differential equations (state and observation equations) describing

the kinetics of the proposed mechanism for ion permeation through gramicidin-

doped bilayers, is given by the mass and charge balances

b
dy

dt
¼ k1ð1� yÞc� k�1y� k2y � gðE; c; yÞ ð17Þ

I ¼ FA k1 1� yð Þc� k�1yþ k2y½ � � IðE; c; yÞ ð18Þ

Two types of experiments will be considered for the structural identifiability

analysis of the unknown parameters of the system: steady-state studies, where a

constant input E(t) takes various constant values, and IS, with small deviations

around a constant input, where E(t) takes the form of a small amplitude sinusoidal

wave.

3.2.1. Steady-state analysis

When the steady state is reached (dy/dt ¼ 0), the fractional coverage can be

expressed as:

yss ¼
k1c

k1cþ k�1 þ k2
ð19Þ

and the forward faradic current as:

I ss ¼ 2FAe
k1ck2

k1cþ k�1 þ k2
ð20Þ

where Ae represents the electrode area and c the concentration of the diffusing

species. The final fitting procedure to the model equations shows that the con-

centration gradient in solution is null, what indicates that the kinetics of the global

process is solely controlled by the membrane processes. For the present identi-

fiability analysis this condition is considered to be valid. However, in order to keep

the theoretical treatment as general as possible, the condition will be relaxed

upon deriving the transfer function for the electrode impedance.

If a single value of c is used, it is clear that k1c and k2 in equation (20) are

interchangeable, therefore there are two sets of parameters p* and p^ that have

the same input-output behavior and the parameters are only locally identifiable

from this steady-state study. This ambiguity may be removed by carrying out

experiments with different concentrations c.

3.2.2. Impedance spectroscopy analysis

Since steady-state studies, in general, do not lead to global identifiability of the

system, an additional study by IS might be required.
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In order to derive an expression for the reaction impedance, equations (17)

and (18), describing the rate of accumulation of incorporated ions gðE; c; yÞ
and the current IðE; c; yÞ, respectively, should be linearized, according to Taylor

series expansion retaining only terms with first-order derivatives, to give

b
dDy

dt
¼ @g

@E

� �

DEþ @g

@y

� �

Dyþ @g

@c

� �

Dc ð21Þ

DI ¼ @I

@E

� �

DEþ @I

@y

� �

Dyþ @I

@c

� �

Dc ð22Þ

Partial derivatives in equations (21) and (22) correspond to stationary

conditions. Considering the application of a small AC perturbation signal DE ¼
~E expðjotÞ and the resulting sinusoidal responses of DI, concentration Dc and

fraction of occupied sites Dy, equations (21) and (22) can be rewritten as:

bjo
Dy

DE
¼ @g

@E

� �

þ @g

@y

� �

Dy

DE
þ @g

@c

� �

Dc

DI
� 1

Z

� �

ð23Þ

� 1

Z
¼ DI

DE
¼ @I

@E

� �

þ @I

@y

� �

Dy

DE
þ @I

@c

� �

Dc

DI
� 1

Z

� �

ð24Þ

where Z ¼ �DE=DI is the faradic impedance (the negative sign arises from the

assumed convention in which the cathodic current is positive).

Since species M+ diffuses toward the surface, one has:

Dc

DI
¼ �NðoÞ

FAe
ð25Þ

where NðoÞ ¼ þ 1
ffiffiffiffiffiffi

joD
p for semi-infinite linear diffusion [35].

From equations (23) and (24), applying Cramer’s rule Z can be

calculated:

Z ¼

1� @I=@cð�NðoÞ=FAeÞ @I=@y

�@g=@cð�NðoÞ=FAeÞ �bjoþ @g=@y

�

�

�

�

�

�

�

�

�@I=@E @I=@y

�@g=@E �bjoþ @g=@y

�

�

�

�

�

�

�

�

ð26Þ
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where

@I

@c
¼ FAe � k1ð1� yÞ

@I

@y
¼ FAeð�k1c� k�1 þ k2Þ

@g

@c
¼ k1ð1� yÞ

@g

@y
¼ �k1c� k�1 � k2

@I

@E
¼ FAe ð1� yÞck1b1 � k�1b�1yþ k2b2y½ �

@g

@E
¼ k1b1ð1� yÞc� k�1b�1y� k2b2y

After evaluating the derivatives in equation (26) with a ¼ 0:5 and replacing y by

its steady-state value, the final expression for the impedance can be obtained as:

Z ¼

j$þ
Q

b
þ PNj$þ 2PN

k2
b

M j$cPþ 2cP
k2
b

� � ð27Þ

where P ¼ k1 k-1þk2ð Þ
k1cþk�1þk2

, Q ¼ k1cþ k�1 þ k2 and M ¼ F2Ae

RT
.

It can be shown, using the same approach as that used for the steady-state

equation, that the system has a single solution p* ¼ p^ and thus the proposed

model is globally identifiable by IS. However, this approach is rather cumbersome

for equation (27). Moreover, such approach does not confirm that a given mecha-

nism is distinguishable from all other possible mechanisms. In this sense, the use

of the similarity transformation method, allows to check whether a given mech-

anism is globally or locally identifiable, as well as to find all the possible mech-

anisms having the same input/output model representation [36,37].

Using matrix notation mass and charge balances can be expressed as:

dy

dt
¼ AðE; yÞyðtÞ ð28Þ

iðtÞ ¼ CðE; yÞyðtÞ ð29Þ

where

yðtÞ ¼

y0ðtÞ

y1ðtÞ

:

:

ynðtÞ

2

6

6

6

6

6

6

4

3

7

7

7

7

7

7

5

yi for i ¼ 0;1; . . . ;n

represents a generic fractional coverage and y0 ¼ 1� ðy1 þ :::þ ynÞ is the frac-

tional coverage of free sites. AðE; yÞ and CðE; yÞare the squared matrix and row

vector of length (n+1), respectively, i(t) is proportional to the measured current I(t).
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Consequently, according to this notation the equations for the proposed mech-

anism can be written in this form:

y ¼
ð1� y1Þ

y1

" #

A ¼
�k1c ðk�1 þ k2Þ

k1c �ðk�1 þ k2Þ

" #

C ¼ k1c ðk2 � k�1Þ
� �

These expressions can be used, according to the similarity transformation, to

obtain all mechanisms with the same input/output descriptions.

The similarity transformation method considers a compartmental system for

which the coefficient matrix A has been subjected to a similarity transformation to

give a system with a coefficient matrix T�1 AT, where T is any of the nonsingular

squared matrix, whose columns are vectors that belong to the standard ortho-

normal basis of dimension n+1 without repetitions. Recall that under a similarity

transformation, the eigenvalues do not change. Impose on T�1 AT all the struc-

tural constraints on A and require that the response function of the system with

matrix T�1 AT be the same as that of the system with matrix A. If the only T that

satisfies these requirements is the identity matrix I, all parameters are globally

identifiable. If a TaI satisfies the requirements, one can work out which para-

meters are identifiable and which are not [29].

Using the transformation T a new state vector ~y can be obtained in the following

way, ~y ¼ T�1y with y ¼ T~y. Then, the transformed system holds:

d~y

dt
¼ T�1AT~y ¼ ~A~y ð30Þ

i ¼ CT~y ¼ ~C~y ð31Þ

For the system considered n ¼ 1, then, the possible transformations of di-

mension nþ 1 ¼ 2 are:

T1 ¼
1 0

0 1

" #

and T2 ¼
0 1

1 0

" #

Let us apply transformation T2 to the original system (applying transformation

T1 is trivial)

~A2 ¼
�ðk�1 þ k2Þ k1c

ðk�1 þ k2Þ �k1cÞ

" #

~C2 ¼ ðk2 � k�1Þ; k1c
� �

In this way, the two transformed mechanisms are:

(a)
Mþ
�!
 �

k1

k�1

Mþin�!
k2

Mþout

(b)
Mþ
�!
�!

k2

k�1

Mþin�!
k1

Mþout
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Mechanism (b) obtained through transformation T2 is electrochemically inco-

herent. Consequently, it can be concluded that there are neither mechanisms

with the same structure but with different parameters sets nor mechanisms with

different structure. The system is globally identifiable and distinguishable from

any other one.

Following this structural study, which can be considered as the qualitative part

of the experiment, the problem of how to estimate the parameter set must be

addressed [38].

Classical estimators used in electrochemistry proceed by a minimi-

zing least-square criterion, according to local iterative methods, such as the

Levenberg–Marquardt, quasi-Newton or conjugate gradients algorithms. In the

case of non-globally identifiable models, these methods yield several solutions for

the parameters and the results depend heavily on the initial value given to the

parameter vector. Recently, global identification procedures based on interval

analysis have been proposed [37,39] that allow to find one of the possible so-

lutions, by minimization of the cost function. With this particular solution and the

structural analysis, all other possible solutions can be derived. The procedure

results in a reduction of search range and computational time demanded.

Results of parameter estimation, based on the minimization of the impedance

error function, are presented in Figs. 3 and 4 (unpublished results). A single set of

fit parameters were derived, showing a good agreement between the model and

experimental data obtained by both steady-state and impedance measurements.

A procedure different from that above was carried out in our previous work

[27,28]. Thus, analyzing estimations of macroscopic parameters in an equivalent

circuit derived from equation (27), we succeeded in confirming the accepted se-

quence of conductivity for different cations in solution, as well as, ion transport

dependences on Na+ ion concentration and temperature. However, this procedure

is usually unsuitable for estimating microscopic parameters, such as rate constants.

Fig. 3. Experimental (J) and simulated (—) steady-state polarization curve
(j versus E, with j ¼ Inet/Ae) for a phospholipid bilayer with added gramicidin in
0.1M NaCl. Parameters used for the simulated curve: ko1 ¼ 1:2� 10�1-
cm � s�1, ko�1 ¼ 6:5� 105 mol cm�2 s�1, ko2 ¼ 2:0� 106 mol cm�2 s�1 and
b ¼ 8.2� 10�14mol cm�2.
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In summary, we first advocate writing out of the differential equations of the

system in the frame of a proposed model. Next, output equations, according to

this model, should be derived, followed by identifiability and distinguishability

analysis, in order to decide whether or not IS is suitable as an experimental

technique. Finally, fitting of experimental data should be carried out to an im-

pedance function involving microscopic parameters.

4. CONCLUSIONS

In this chapter, we have described the established ways to apply IS in structural

characterization studies of sBLMs, with a particular focus on the strengths of the

method as well as on its weaknesses. A word of caution was expressed concerning

the use of equivalent circuit modeling under certain experimental conditions.

Full capabilities of IS were demonstrated in relation to ion permeation studies.

The use of identifiability and distinguishability concepts was stressed, since this

analysis provides a way to select experimental methods according to the struc-

tural properties of theoretical models. Accordingly, impedance experiments

Fig. 4. Nyquist and Bode plots for a phospholipid bilayer with added gramicidin in
0.1M NaCl. Experimental data (J) and simulated curves (—) according to faradic
impedance from equation (27). Parameters used for the simulated curves as in
Fig. 3.
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should be designed so as to allow discrimination between various postulated

mechanisms. An example of a globally identifiable mechanism was introduced

and this mechanism was used to derive rate parameters of the system from

impedance data.
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