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Preface

Replication, recombination, and repair of DNA are fundamental molecular mech-

anisms for organisms to maintain (and sometimes intentionally alter) genetic

information. Although these processes, individually, have been important subjects

of molecular biology since its emergence, we have recently become aware that they

are actually much more intimately related to one another than we used to realize.

Furthermore, the research fields of DNA replication, recombination, and repair

have been growing even more interdisciplinary, with better understanding of

molecular mechanisms underlying other pivotal processes, such as chromosome

structures and functions, cell cycle and checkpoints, transcriptional and epigenetic

regulation of gene expression, and so on. Most importantly, now we know that

DNA replication, recombination, repair, and related functions form a sophisticated

network in order to maintain, regulate, and even evolve genetic information. Since

quite some time ago, perturbation of normal DNA replication, recombination, or the

repair process has been implicated in carcinogenesis, mainly through inducing

genome instability. However, recent studies have revealed that malfunctioning of

the above network system, as a whole, may be implicated in a much wider variety of

pathological states of higher organisms (e.g., ageing, and neurological and devel-

opmental abnormalities).

This book is intended to comprehensively overview the detailed molecular

mechanisms of and functional crosstalk among DNA replication, recombination,

repair, and related processes, with the special consciousness of their biological as

well as clinical consequences. It comprises 7 parts and 21 chapters, contributed by

more than 50 outstanding scientists from the related research fields. The first

3 parts, each containing 3 chapters, are dedicated to describing basic molecular

mechanisms and regulation of DNA replication, recombination, and repair, respec-

tively. Part IV is concerned with the biological processes involved in generation

and/or prevention of genome instability and mutagenesis, particularly during DNA

replication or after DNA double-strand breaks. In part V, there is discussion of how

characteristic structural elements of eukaryotic chromosomes, centromeres, and

telomeres are organized and contribute to maintenance of genome stability. Part

VI describes the molecular mechanisms underlying checkpoint controls of the cell
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cycle as well as regulation of cellular senescence and apoptosis, all of which play

crucial roles in prevention of carcinogenesis. The final part is concerned with

histone modifications and DNA methylation, which are involved in epigenetic

controls of transcription and other DNA metabolisms and are regulated by DNA

replication and/or repair machineries.

This book is expected to be used by a wide audience: graduate students,

postdoctoral fellows, and senior scientists in broad research fields of basic molec-

ular biology, not only those directly related to DNA replication, recombination, and

repair, but also those from related fields (chromosomes, cell cycles, transcription,

epigenetics, and similar processes). Considering the diversity of physiological

functions as well as diseases related to the genome regulatory networks, individuals

in cancer biology, neurological sciences, developmental biology, immunology,

evolutionary biology, and many other fields may be interested as well. We are

especially thankful to all the authors for their great contributions, devoting their

valuable time to preparation of the manuscripts. We are also indebted to the

editorial staff members of Springer for their kind support in making this book

publishable. We hope that the book will help many researchers to acquire and

understand the current knowledge in these fields, which are expected to grow into

innovative areas in the near future.

Tokyo, Japan Fumio Hanaoka

Kobe, Japan Kaoru Sugasawa

vi Preface



Contents

Part I DNA Replication

1 Molecular Mechanism of DNA Replication . . . . . . . . . . . . . . . . . . . 3

Hiroyuki Araki

2 Characteristics of Metazoan DNA Replication Origins . . . . . . . . . . 23

James R.A. Hutchins, Antoine Aze, Philippe Coulombe,

and Marcel Méchali
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Part I

DNA Replication



Chapter 1

Molecular Mechanism of DNA Replication

Hiroyuki Araki

Abstract Chromosomal DNA must be replicated faithfully and propagated to

daughter cells equally. The mechanism of DNA replication is constrained by the

characteristics of DNA polymerases, which synthesize chromosomal DNA; i.e.,

double-stranded DNA must be unwound to serve as a template and 30-OH (RNA

primer in cellular organisms) must be provided to DNA polymerases. Once these

two conditions are fulfilled, DNA polymerase can start DNA synthesis everywhere.

However, cells regulate this process strictly, mainly at replication origins. DNA

replication initiates from replication origins, to which the initiator protein binds.

DNA helicase is loaded onto origins and unwinds double-stranded DNA for the

syntheses of an RNA primer and subsequent DNA by primase and DNA poly-

merases. As DNA polymerases elongate the DNA chain in the 50 to 30 direction,
both strands are synthesized in opposite directions from the initiation site. The

synthesis of both DNA strands (leading and lagging) continues in a manner that is

coupled with DNA helicase up to its termination. These fundamental mechanisms

and regulation of cellular chromosomal DNA replication are outlined using pro-

karyotic and eukaryotic examples.

Keywords DNA replication • Initiation • Elongation • DNA polymerase • Primase

DNA replication is a fundamental process of organisms. Although the three

domains of life, Bacteria, Archaea, and Eukarya, have diverse replication machin-

eries, the characteristics of these machineries are well conserved in cellular organ-

isms. In contrast, virus and plasmids evolved their system more diversely,

especially regarding the initiation step. In this chapter, an outline of chromosomal

DNA replication in cellular organisms will be provided. For those who would like

to knowmore detailed and comprehensive views, please refer to other reviews, such

as Masai et al. (2010).
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1.1 DNA Polymerases for DNA Replication

DNA polymerases synthesize DNA. The elucidation of the characteristics of DNA

polymerases is helpful for understanding the mechanistic features of DNA

replication.

1.1.1 Replicative DNA Polymerases

There are various types of DNA polymerases in organisms. For example, 15 DNA

polymerases have been found in human cells to date. Among them, three DNA

polymerases, DNA polymerases α, δ, and ε (Polα, Polδ and Polε), participate in

chromosome DNA replication (Johansson and Dixon 2013). In the case of

Escherichia coli, only one species, DNA polymerase III (PolIII), is involved in

DNA replication (McHenry 2011). The number of DNA polymerases that partici-

pate in DNA replication varies in prokaryote (e.g., Bacillus subtilis requires two
DNA polymerases (Dervyn et al. 2001; Sanders et al. 2010)).

Replicative DNA polymerases comprise multiple subunits. The largest subunit is

a catalytic subunit, which synthesizes DNA strands. Accumulated evidence sug-

gests that noncatalytic subunits connect the catalytic subunit to other replication

factors. For example, the second-largest subunit of Polα connects the catalytic

subunit to primase (Johansson and Dixon 2013).

1.1.2 DNA Synthesis by DNA Polymerases

DNA polymerases elongate the DNA strand in the 50 to 30 direction on single-

stranded templates. This implies two conditions. First, double-stranded DNA must

be unwound to expose single-stranded DNA as a template. DNA helicase unwinds

the double-stranded DNA at the forefront of DNA replication (called a replication

fork; see below). Second, DNA polymerases synthesize DNA from opposite direc-

tions at the replication forks. One direction is the same as the direction of fork

movement (leading strand), whereas the other is opposite (lagging strand). There

might be a mechanism that couples the synthesis of the two strands.

Many DNA polymerases have proofreading 30 ! 50 exonuclease activity: if the
DNA polymerase incorporates incorrect nucleotides, it can also digest the DNA

strand containing misincorporated nucleotides. Among the replicative DNA poly-

merases, only Polα lacks this nuclease activity (Johansson and Dixon 2013).

4 H. Araki



1.1.3 Primers Used to Start DNA Synthesis

DNA polymerases cannot start DNA synthesis without a primer; the 30-OH of

ribose or deoxyribose is required. RNA polymerase starts the de novo synthesis

of RNA. For cellular chromosomal DNA replication, primase synthesizes an RNA

primer for subsequent synthesis of DNA by DNA polymerases. In eukaryotes,

heterodimeric primase associates tightly with Polα to synthesize the RNA primer;

subsequently, Polα uses this primer to synthesize short DNA strands (the length of

the primer RNAþDNA is 30–35 nt) (Smith and Whitehouse 2012). In the pro-

karyote, E. coli, DnaG, which is a single peptide primase, synthesizes an RNA

primer that is used subsequently by PolIII for DNA synthesis (McHenry 2011).

RNA primers are removed in several manners. In E. coli cells, DNA polymerase

I (PolI) 50 ! 30 exonuclease and 50 ! 30 exoIX, both of which exhibit similarity to

eukaryotic Flap endonuclease 1 (FEN1; see below), can digest DNA-RNA hybrids

and play a role in removing the RNA primer (Fukushima et al. 2007). RNaseH

digests DNA-RNA hybrids; however, it cannot cleave the rN-p-dN bond. PolI also

fills the gap between DNA strands, and finally, DNA ligase seals the nick. In

eukaryotes, one of two pathways works toward this purpose (Balakrishnan and

Bambara 2013). Polδ peels off the previous primer, and FEN1 cleaves the junction.

If the peeled DNA strand is long, Dna2, which has 50 ! 30 helicase activity as well

as single-stranded endonuclease activity, works together with RPA single-strand-

binding protein and FEN1. The long peeled-off single-stranded DNA binds to RPA

(which is replaced by Dna2) and is first cleaved by Dna2 endonuclease, and the

resultant short single-stranded DNA is cleaved by FEN1. The nick is sealed by

DNA ligase I.

1.1.4 Sliding Clamps for Processive Synthesis of DNA
Polymerases

DNA polymerases use sliding clamps to increase its processivity (number of

nucleotide DNA polymerase added per association/dissociation with the template).

The prokaryotic sliding clamp, the β-clamp (Fig. 1.1), has a homodimeric ring

structure and embraces double-stranded DNA while tethered to PolIII. This

increases the processivity greatly. In eukaryotic cells, the sliding clamp is known

as proliferating cell nuclear antigen (PCNA) (Fig. 1.1). PCNA has a homotrimeric

ring structure and increases the processivity of Polδ and Polε but not Polα (Hedglin

et al. 2013). However, Polε has an intrinsic high processivity caused by its structure,
even in the absence of PCNA (Hogg et al. 2014). The sliding clamp requires a

clamp loader for its loading onto the 30-OH end of the primer DNA. The E. coli
τ3δδ0 complex and the eukaryotic replication factor C (RFC) associate with the

30-OH primer site and load the β-clamp and PCNA, respectively (Hedglin

et al. 2013). According to the structures of ATP- and ADP-bound forms, the

1 Molecular Mechanism of DNA Replication 5



clamp loader opens the ring of the clamp and twists it to embrace the double-

stranded DNA (Kelch et al. 2011). E. coli dnaX encodes γ and τ proteins. For the

production of the τ protein, a programmed frameshift takes place. Various combi-

nations of γ and τ proteins in the complex have been purified, and even γ3δδ0 (γ
complex) exhibits loading activity for the β-clamp (Hedglin et al. 2013; McHenry

2011). The C-terminal τ-specific extension binds to PolIII for the coupling of the

leading and the lagging strands (see below).

RFC is a heteropentamer consisting of Rfc1, Rfc2, Rfc3, Rfc4, and Rfc5.

Although this is the major form, there are three additional forms of RFC (alternative

forms) in which Rfc1 is replaced by one of Rad17 (Rad24 in budding yeast), Ctf18-

Ctf8-Dcc1, and Elg1 (Tsurimoto 2006). Alternative RFCs participate in different

DNAmetabolism mechanisms. RFCRad17 associates with 50-OH and loads the 9-1-1

ring complex that is required for the damage checkpoint activation. RFCCtf18 loads

or unloads PCNA (reverse reactions are always possible) and is required for the

accurate transmission of chromosomes. RFCCtf18 forms a complex with Polε by

binding to the catalytic subunit Pol2 (Murakami et al. 2010). The physiological

meaning of the formation of this complex remains unknown. RFCElg1 seems to play

a role in the unloading of PCNA. A lack of RFCElg1 increases the amount of PCNA

in the chromatin fraction, and addition of partially purified RFCElg1 releases PCNA

from the chromatin fraction (Kubota et al. 2013).

G

G

α δ

G

Polε
45

α

β-clamp

Pol III

PCNA

DnaB

RPA

PolδPolα

Mcm2-7
Ctf4/Pob1/AND1

Cdc45
Eukaryote

Prokaryote

GINS

DnaG Ssb

τ3δδ’

(E. coli)

Fig. 1.1 DNA replication

forks in prokaryotes and

eukaryotes

Main replication

machineries are depicted.

See text for details
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PCNA interacts not only with replicative DNA polymerases but also with

translesion DNA polymerases; this polymerase switch is regulated by the

ubiquitination of PCNA. PCNA also interacts with many proteins that are related

to replication (ligase 1, FEN1, Dna2), repair (Msh2-Msh3-Msh6, XPG, Ung), DNA

methylation enzyme (Dnmt1), and histone chaperone (CAF). These interactions

help the coordination of DNA replication and related reactions (Tsurimoto 2006).

1.2 Unwinding at Replication Forks

At replication forks, DNA helicase moves at the front (Fig. 1.1). Replicative

helicases in cellular organisms comprise hexameric subunits, circle single-stranded

DNA, and thus unwind double-stranded DNA by steric hindrance using energy of

ATP hydrolysis. In E. coli, the replicative helicase, homohexameric DnaB, encir-

cles the lagging-strand template and moves in a 50 ! 30 direction on the template

DNA (LeBowitz and McMacken 1986; Itsathitphaisarn et al. 2012). In contrast,

eukaryotic replicative helicase consists of the heterohexameric subunits, mini-

chromosome maintenance 2–7 (Mcm2-7), circles the leading-strand template, and

moves in a 30 ! 50 direction on the template DNA, in an opposite fashion to the

prokaryotic helicase DnaB (Bell and Botchan 2013). Mcm2-7 has all conserved

Mcm domains spanning AAAþ -type ATP-binding domains. Moreover, auxiliary

factors, GINS and Cdc45, and Mcm2-7 need to form a Cdc45-Mcm-GINS (CMG)

complex for robust helicase activity (Ilves et al. 2010). Helicase activity is also

enhanced by the association with the DNA polymerases, PolIII in E. coli (τ protein
mediates its association; see below) (Kim et al. 1996) and Polε in human cells

(Kang et al. 2012). Polδ does not accelerate the helicase activity of the CMG

complex, as does Polε (Kang et al. 2012), which suggests that DNA polymerase

loaded on the same template as DNA helicase enhances the activity. Moreover, the

CMG complex of budding yeast recruits the leading-strand polymerase, Pol ε,
preferentially (Georgescu et al. 2014).

The single-stranded DNA produced by helicase is covered by a single-stranded

DNA-binding protein (SSB) (Fig. 1.1). Prokaryotic SSB has a homotetrameric

structure and eukaryotic SSB, which is called replication protein (or factor) A

(RPA or RFA), has a heterotrimeric structure. SSB and RPA are removed for the

synthesis of DNA by DNA polymerase.

DNA replication occurs over all chromosomes. There might be obstacles such as

DNA damage and large-protein-associated templates. DNA replication may suffer

from shortage of precursors (dNTP). In these situations, DNA replication forks stall

or are arrested. To be stalled or arrested, forks require three proteins, Mrc1/Claspin,

Tof1/Swi1/Tim, and Csm3/Swi3/Tipin, on Mcm2-7 helicase. Tof1 and Csm3 form

a fork protection complex (FPC) and associate with Mcm2-7. At the replication

fork barrier sites in r-DNA clusters (see Chap. 10), cells require FPC to stall

replication forks (Leman and Noguchi 2012). Based on this observation, it is

suggested that FPC regulates Mcm2-7 helicase activity. Claspin is required for

1 Molecular Mechanism of DNA Replication 7
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efficient replication in Xenopus egg extracts. Mrc1 associates with Mcm2-7 in an

FPC-dependent manner and is required for the full activation of the Rad53 check-

point kinase in budding yeast. Because the checkpoint mediates fork stalling, Mrc1

is also required for fork stalling when the checkpoint is activated (Katou

et al. 2003). Moreover, the absence of these three proteins seems to uncouple

Mcm2-7 helicase and DNA polymerase. Although the mechanism underlying this

phenomenon has not been uncovered, it seems likely that the activity of the

replicative helicase, Mcm2-7, is regulated to adjust to conditions.

1.3 Coupling of the Leading and Lagging Strand Syntheses

DNA polymerases synthesize the leading and lagging strands at the replication

forks. DnaB helicase and the clamp loader, τ3δδ0, couple the synthesis of the

leading and lagging strands (Fig. 1.1). The τ subunit binds to the catalytic subunit

of PolIII so that three DNA polymerases are tethered to a single clamp loader, one

for the leading and two for the lagging strands, to promote the coupling of the

synthesis of both strands and efficient synthesis of the lagging strand (Reyes-

Lamothe et al. 2010; McInerney et al. 2007). The τ subunit also interacts with

DnaB helicase. Therefore, the DNA polymerases that synthesize the leading and

lagging strands are placed in close vicinity, and their syntheses are coupled.

Without PolIII, DnaB helicase activity is reduced, as described above. Moreover,

the single hexameric DnaB helicase has the capacity binding to three DnaG

primases (Corn and Berger 2006), which further helps the coupling of DNA

syntheses.

In eukaryotic cells, Polδ and Polε mainly synthesize the lagging and leading

strands, respectively (Fig. 1.1). During lagging-strand synthesis, Polα is frequently

recruited because it tightly associates with primase (every ca. 165 bases [short

Okazaki fragments in eukaryotes] (Smith and Whitehouse 2012)). In contrast to the

prokaryotic system, the eukaryotic clamp loader, RFC, has not been implicated in

the coupling of leading- and lagging-strand DNA syntheses. Rather, GINS, which is

a component of active replicative helicase, and Ctf4 may work toward the coupling

(Tanaka et al. 2009; Gambus et al. 2009). GINS, which is a heterotetrameric

complex, consists of the Sld5, Psf1, Psf2, and Psf3 subunits (Kubota et al. 2003;

Takayama et al. 2003). The N-terminal portion of the Sld5 subunit binds to Ctf4/

Pob1 (AND1 in mammalian cells) in yeast, which in turn binds to the N-terminal

portion of the catalytic subunit of Polα. A recent study revealed that Ctf4 forms a

homotrimeric complex, each subunit of which has the ability to bind to either GINS

or Polα (Simon et al. 2014). Thus, it is proposed that two Polα molecules are

tethered to the helicase via one GINS molecule. As described for the τ protein in

E. coli cells, this tethering may promote the efficient synthesis of the lagging strand

and the coupling of lagging-strand synthesis with the helicase. Conversely, the Psf1

subunit of GINS binds to Dpb2, which is the second-largest subunit of Polε
(Sengupta et al. 2013). This suggests that leading-strand polymerase Polε is

8 H. Araki



tethered to the helicase via GINS. Therefore, the leading- and lagging-strand poly-

merases seem to be tethered to the GINS component of the active replicative

helicase CMG.

1.4 Establishment of Replication Forks

1.4.1 Loading of DNA Helicases onto Replication Origins

Replication forks form at replication origins, which are specified by the initiator

protein or origin-binding proteins. In E. coli, DnaA binds to a specific DNA

sequence termed DnaA box. DnaA binds to ATP and has ATPase activity, while

the ATP form of DnaA binds to the DnaA box with higher affinity than does the

ADP form. Binding of DnaA to multiple DnaA boxes located at replication origins

melts double-stranded DNA partially with Fis and IHF proteins. The replicative

helicase, DnaB hexamer, is loaded onto this single-stranded DNA, to circle single-

stranded DNA (Costa et al. 2013; Bell and Kaguni 2013) (Fig. 1.2).

Eukaryotic cells have a heterohexameric origin recognition complex (ORC;

Orc1-6) that binds to replication origins (Fig. 1.2). In general, a single ORC binds

to one replication origin, although origins are clustered at a locus and, thus, multiple

ORCs bind to the limited region. Orc1, Orc4, and Orc5 bind to ATP to associate

with origins. The architecture of the ORC is suggested to be similar to that of the

binding of DnaA to multiple DnaA boxes at origins (Clarey et al. 2006; Ozaki

et al. 2012). The budding yeast ORC recognizes a short specific DNA sequence

(ARS conserved sequence, ~10 bp) at replication origins and associates throughout

the cell cycle. In the case of fission yeast, Orc4 has an AT hook and ORC binds to

the AT-rich region, which can be predicted by a computer program. In mammals,

Orc1 is degraded or dissociated from chromatin during the G2 and M phases.

Moreover, ORC does not have binding specificity, so that replication origins are

determined by the chromatin environment rather than by DNA sequence. In con-

trast with DnaA of E. coli, melting of origin DNA by binding with ORC has not

been reported (Costa et al. 2013; Bell and Kaguni 2013).

Replicative DNA helicase is loaded onto the replication origins that are associ-

ated with initiator proteins (e.g., DnaA and ORC) (Fig. 1.2). In E. coli, one
hexameric DnaB helicase forms a complex with six DnaC proteins (the 6 DnaB:3

DnaC form has also been isolated (Makowska-Grzyska and Kaguni 2010)) and is

loaded onto the molten single-stranded DNA by DnaA. DnaC is an ATP-binding

AAAþ protein that opens the ring of hexameric DnaB to encircle the single-

stranded DNA (Arias-Palomo et al. 2013). The loading of DnaB seems to occur

one by one for leading- and lagging-strand templates using the DnaB-DnaA inter-

action (Costa et al. 2013). In some prokaryotes, this step requires additional factors

(Li and Araki 2013), although their function has not been elucidated well.

1 Molecular Mechanism of DNA Replication 9



In eukaryotes, a pair of Mcm2-7 helicase cores (head [N terminus] to head

orientation) is loaded onto replication origins to form the prereplicative complex

(pre-RC: Fig. 1.2). This reaction requires three additional factors, ORC, Cdt1, and

Cdc6. Budding yeast Cdt1 associates with Mcm2-7 and keeps the ring open. Cdc6 is

an ATP-binding AAAþ protein that associates with ORC. The ATP form recruits

the Mcm2-7-Cdt1 complex onto ORC-bound origin DNA (Bell and Kaguni 2013;

Costa et al. 2013). An in vitro reaction for the formation of the pre-RC revealed fast

recruitment of the first Mcm2-7 core and slow recruitment of the second Mcm2-7

core onto origin DNAs (Riera et al. 2014). The first Mcm2-7 forms a transient

intermediate on origins and is sensitive to high salt. If the loaded Mcm2-7 is

crippled, Mcm2-7 is dissociated. Once the second Mcm2-7 is recruited success-

fully, a pair of Mcm2-7 on origins is stabilized. The stably loaded Mcm2-7

encircles the double-stranded DNA and is resistant to high salt. The in vitro reaction

DDK

CDK

Mcm10

pre-LC pre-IC

CMG

CMG

Sld3-Sld7-Cdc45

Cdc6
Cdt1

Mcm2-7 pre-RC 

Pol α

Sld2

Orc

Orc

Orc

Orc

Orc

Orc

Pol ε
GINS

Pol δ
PCNA

RFC

DDK

CDK
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RecQL4

CMG
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Cdc6
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Orc
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GINSCdc45

Treslin/Ticrr
MTBP

Pol α
Pol δ

PCNA
RFC

DnaC

DnaB-DnaC

   DnaG
(Primase)

Pol III

τ3δδ’

β-clamp
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(E. coli)
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(S. cerevisiae)
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Fig. 1.2 The initiation step of chromosomal DNA replication in prokaryote and eukaryotes

Counterparts of E. coli τ3δδ’ in yeast and vertebrates shown in Fig. 1.1 are not depicted. See text

for details
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further showed that the C-terminal portion of Mcm3 is essential for the recruitment

of the Mcm2-7 complex (Frigola et al. 2013) and that the C-terminal portion of

Mcm6 is inhibitory and masked by Cdt1 (Fernández-Cid et al. 2013). To date, the

exact mechanism underlying the formation of a stable loaded complex by two

Mcm2-7 molecules has not been described. Because Orc5 has two Cdt1-binding

sites (Takara and Bell 2011), ORC-(Mcm2-7-Cdt1)2 formation may be the signal

that allows stable pre-RC formation. ORC-Cdc6 is similar to RFC structurally (Sun

et al. 2013).

1.4.2 Activation of DNA Helicase and Formation
of the Replication Forks at Origins

In E. coli cells, dissociation of DnaC from DnaB, which is enhanced by the DnaG

primase (Makowska-Grzyska and Kaguni 2010), allows DnaB helicase activity

(Fig. 1.2). τ-PolIII further enhances this helicase activity. Thus, once DnaB helicase

is activated, replication forks form automatically. Moreover, Helicobacter pylori
does not have the dnaC gene and its dnaB gene complements defective dnaB and

dnaC of E. coli (Soni et al. 2003, 2005), suggesting that DnaB of H. pylori is loaded
without DnaC.

In eukaryotes, Cdc45 and GINS associate tightly with Mcm2-7 to exhibit

helicase activity (Bell and Botchan 2013; Costa et al. 2011; Ilves et al. 2010;

Moyer et al. 2006; Tanaka and Araki 2013) (Fig. 1.2). This phenomenon occurs

at replication origins with the aid of many replication factors and is highly regulated

by the cell cycle. Sld3 functions as the hub for the recruitment of Cdc45 and GINS

to yeast replication origins (Kamimura et al. 2001; Nakajima and Masukata 2002).

Budding yeast Sld3 forms a complex with Sld7 (Tanaka et al. 2011b). The Cdc45-

Sld3 association occurs throughout the cell cycle (Kamimura et al. 2001); however,

it seems to be disrupted by the activation of the cell cycle checkpoints (Kanemaki

and Labib 2006). This complex associates with the pre-RC formed origins in a

DDK-dependent manner (Tanaka et al. 2011a; Yabuuchi et al. 2006; Heller

et al. 2011). DDK is a Dbf4-dependent protein kinase or Cdc7 protein kinase that

is required for DNA replication in eukaryotes. DDK phosphorylates the N-terminal

stretches of Mcm2 and Mcm6 heavily (Sheu and Stillman 2006, 2010), and this

phosphorylation may promote the recruitment of the Sld3-Cdc45 complex. Cyclin-

dependent kinase (CDK), which is essential for the onset of the S phase (initiation

of DNA replication), phosphorylates two replication proteins, Sld2 and Sld3, in

budding yeast to initiate chromosomal DNA replication. Phosphorylated Sld2 and

Sld3 bind to another replication protein Dpb11. Dpb11 has two pairs of tandem

Brca1 C-terminal repeats (BRCT), which is a phosphopeptide-binding domain. The

N-terminal and C-terminal pairs bind to CDK-phosphorylated Sld3 and Sld2,

respectively (Tanaka et al. 2007; Masumoto et al. 2002; Zegerman and Diffley

2007). The CDK-dependent association between Sld2 and Dpb11 lures GINS and
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Polε and forms the pre-loading complex (pre-LC), which includes Sld2, Dpb11,

GINS, and Polε (Muramatsu et al. 2010). Subsequently, the interaction between

Dpb11 and CDK-phosphorylated Sld3 recruits GINS via the pre-LC (Tanaka and

Araki 2010; Araki 2010). In this scenario, two protein kinases, DDK and CDK,

participate in the recruitment of Cdc45 and GINS, and Polε functions as a protein
scaffold at the initiation step, rather than as a DNA polymerase (Muramatsu

et al. 2010; Handa et al. 2012). Sld2, Dpb11, and Sld3 function only at the initiation

step and not at the elongation step. The association of GINS with the spacer region

located between pairs of BRCT domains is important for efficient replication. This

interaction is conserved in vertebrates GINS and TopBP1 (Dpb11 homologue in

vertebrates; see below) (Tanaka et al. 2013). The Mcm10 protein functions in the

late step of initiation, because although Cdc45 and GINS associate with replication

origins and form a tight complex in the absence of Mcm10 origin, DNA is not

unwound (Kanke et al. 2012; van Deursen et al. 2012; Watase et al. 2012; Thu and

Bielinsky 2013). However, the molecular function of Mcm10 remains unknown.

The mechanism underlying the formation of replication forks seems to be

conserved, to some extent, in Metazoa (Fig. 1.2). TopBP1 or its relatives, which

is a probable counterpart of Dpb11 in Metazoa, have multiple BRCT domains

(Makiniemi et al. 2001; Hashimoto and Takisawa 2003). Xenopus and human

TopBP1s have nine BRCT domains (Rappas et al. 2011; Huo et al. 2010), and the

peptide spanning the first four N-terminal BRCTs (BRCT0, BRCT1, BRCT2, and

BRCT3) supports DNA replication in Xenopus egg extracts (Kumagai et al. 2010).

This peptide binds to CDK-phosphorylated Treslin/Ticrr (Kumagai et al. 2011,

2010; Sansam et al. 2010; Boos et al. 2011), which is a counterpart of Sld3. Among

the four BRCTs, BRCT1 and BRCT2 contain the phosphopeptide-binding patches,

and the fourth BRCT (BRCT3) from the N terminus is dispensable for Treslin

binding. Treslin has homology to the Sld3 central region, which binds to Cdc45 and

conserved CDK phosphorylation sites (Sanchez-Pulido et al. 2010). The N-terminal

Treslin binds to MDM2 binding protein (MTBP), which is also required for DNA

replication (Boos et al. 2013). The N-terminal portion of Sld3 also binds to Sld7

(Tanaka et al. 2011b). RecQL4 of Metazoa has similarity with Sld2 in the

N-terminal portion that precedes the helicase domain and is required for DNA

replication (Matsuno et al. 2006; Sangrithi et al. 2005). However, the interaction

between TopBP1 and RecQL4 does not depend on CDK phosphorylation (Matsuno

et al. 2006). Treslin associates with chromatin in a manner that depends on the

pre-RC, but not on TopBP1. TopBP1 chromatin binding depends on the pre-RC but

not on Treslin. Thus, it is suggested that TopBP1 and Treslin form a complex on

chromatin in a CDK-phosphorylation-dependent manner and then stably associate

with chromatin. This is consistent with the fact that CDK facilitates the association

of TopBP1 with chromatin (Hashimoto and Takisawa 2003). In the absence of

recQL4, TopBP1, Cdc45, GINS, and Polε associate with chromatin, whereas Polα
and RPA do not (Sangrithi et al. 2005; Matsuno et al. 2006). These observations

suggest that recQL4 functions at the late initiation stage, before the unwinding of

origin DNA, unlike Sld2. Nematoda do not have recQL4, unlike other Metazoa;

instead, they express SLD-2, which does not possess a helicase domain but exhibits
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homology to Sld2 of budding yeast. SLD-2 binds to Nematoda TopBP1 (Mus101)

in a CDK-phosphorylation-dependent manner, and mutations of the CDK phos-

phorylation sites of SLD-2 confer warm lethality (Gaggioli et al. 2014). Thus,

Nematoda may initiate DNA replication via a mechanism that is similar to that of

yeast. Future studies will reveal the details of the initiation step of DNA replication

in Metazoa.

1.5 Regulation of the Initiation Step of DNA Replication

DNA replication efficiency is mainly regulated by the initiation step of DNA

replication. Once replication starts, the replication is completed unless the replica-

tion forks stall because of DNA damage and shortage of precursors (see below).

In E. coli, the association between DnaA and origin DNA is regulated

(Katayama et al. 2010; Skarstad and Katayama 2013). The protein level of DnaA

increases at the initiation step of DNA replication. Moreover, an increase in the

level of ATP in good nutrient conditions increases the ATP-DnaA form and

enhances the initiation of DNA replication (multiple initiations occur in bacteria).

Conversely, the association between DnaA and origin DNA is inhibited once

replication starts. The system termed regulatory inactivation of DnaA (RIDA)

regulates the DnaA nucleotide form. The Hda protein, which is homologous to

DnaA, binds to ADP and forms a complex with the β-clamp that is loaded on DNA

and is released from DNA polymerase. This complex binds to ATP-DnaA and

promotes the hydrolysis of ATP on DnaA, leading to a decrease in the ATP-DnaA

form. Origin DNA is also protected from the reassociation of DnaA by the SeqA

protein. Origin DNA contains many GATC sequences, which are methylated by

Dam methylase. During DNA replication, hemimethylated DNA spanning the

GATC sequences appears. The SeqA protein binds to hemimethylated GATC

sequences and prevents the immediate association of DnaA.

In eukaryotic cells, the cell cycle regulates the formation of the active helicase,

as described above. The protein levels of several replication proteins fluctuate

during the cell cycle, via transcription and degradation of the proteins. Moreover,

some of the replication proteins are modified for regulation (Siddiqui et al. 2013).

ORC association with origins is regulated in mammals, whereas its association is

observed throughout the cell cycle in budding yeast. The pre-RC forms mainly in

G1 phase (late M phase is also possible in budding yeast), a time at which CDK

activity is low. At the G1/S boundary of yeasts, CDK phosphorylates Sld2 and Sld3

to promote the initiation of DNA replication, as described above. Concomitantly,

CDK phosphorylates ORC, Mcm2-7, Cdt1, and Cdc6, all of which function at the

step of pre-RC formation. CDK-phosphorylated Mcm2-7 and Cdt1 are excluded

from the nucleus, and CDK-phosphorylated Cdc6 is degraded. These proteins are

regulated by different mechanisms in different organisms. In fission yeast, Mcm2-7

stays in the nucleus throughout the cell cycle, and Cdt1 and Cdc6 are degraded. In
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mammals, Cdc6 is excluded from the nucleus and Cdt1 is also degraded. In later

period, geminin binds to residual Cdt1 to inactivate it (Siddiqui et al. 2013).

All origins are not fired in a single cell cycle (some are dormant), although the

pre-RC forms at all origins. The temporal regulation of origin firing occurs at the

step of the CDK-dependent formation of replication forks in budding yeast, because

increased dosages of either combinations of Sld3-Sld7 and Cdc45 (Tanaka

et al. 2011a) or Dpb11, Sld2, Sld3, and Cdc45 (Mantiero et al. 2011) diminish

temporal regulation; all origins fire almost at the same time. In Xenopus egg

extracts, increased CDK activity facilitates origin firing in mammalian nuclei

(Thomson et al. 2010). This is consistent with budding yeast regulation (see

Chap. 2 for details).

1.6 Alternative Pathways for the Formation of Replication

Forks

DNA replication starts at origins. However, cellular organisms have alternative

pathways to start DNA replication outside conventional origins, probably as a

backup system. Two characteristics of DNA polymerases are important; DNA

polymerases need single-stranded DNA as a template and a 30-OH from the primer.

The stable DNA replication or restart mechanism of stalled replication forks in

E. coli has been long known (Kogoma 1997). PriA and PriC work toward this

purpose (Gabbai and Marians 2010). PriA binds to single-stranded DNA and has

helicase activity in the 30 ! 50 direction. It functions to remodel the lagging-strand

template to expose single-stranded DNA to load the helicase for restart of stalled

forks. PriB and DnaT are recruited to PriA bound to single-stranded DNA; in turn,

they recruit the DnaB to the site. Replication forks are then formed. The PriA-PriB-

DnaT system prefers a short DNA gap that occurred at replication forks. In contrast,

PriC recruits DnaB to a long DNA gap. PriC binds to Rep, which possesses helicase

activity in the 30 ! 50 direction and remodels the lagging-strand template, and

recruits DnaB-DnaC. Moreover, when the DNA strand invades double-stranded

DNA and forms a D-loop via the action of recombination proteins, the PriA-PriB-

DnaT system recruits DnaB to form replication forks. Furthermore, in RNaseH-

deficient cells, the conventional origin, oriC, is repressed; therefore, replication

starts from oriK. At this origin, transcription and DNA polymerase I (PolI) are

essential for the initiation of DNA replication. Thus, an R-loop model is proposed:

RNA polymerase transcribes, and the resulting transcript is taken over by PolI,

while PriA-PriB-DnaT recruits DnaB helicase. This initiation requires the recA

recombination protein but not other recombination proteins (Kogoma 1997). The

recA protein may facilitate R-loop formation.

In yeast, break-induced replication (BIR) has been described (Anand

et al. 2013). In this replication, similar to the E. coli system, recombination proteins

transfer single-stranded DNA to parental double-stranded DNA, and the resultant
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D-loop is used for initiation. Pif1 helicase is loaded onto this D-loop, and Polδ
synthesizes DNA using it as a primer, together with RFC and PCNA (Saini

et al. 2013). The BIR reaction is reconstituted from the Rad51 (a counterpart of

recA in eukaryotes), Pif1, Polδ, RFC, and PCNA proteins (Wilson et al. 2013). BIR

is also observed in human cells (Costantino et al. 2014).

In the archaea Haloferax volcanii, prominent replication origins are dispensable

and other origins are not detected in the cells that lack the origins. Moreover, the

cells that lack the origins require RadH, which functions for homologous recombi-

nation (Hawkins et al. 2013). Therefore, recombination-dependent initiation may

take place in this organism.

1.7 Termination of Replication

In eukaryotic cells, DNA replication initiates at many replication origins in both

directions. When the replication forks moving in opposite directions meet, they are

postulated to terminate. However, a topological problem remains. At the front of

replication forks, the replicative helicase unwinds the double-stranded DNA, which

leads to the accumulation of helical stress (positive supercoils and/or precatenanes);

this can be relaxed by topoisomerases. This helical stress is not easily relaxed at the

termination region, and catenated molecules appear. This structure is solved by

topoisomerase II (Baxter and Diffley 2008).

In the case of E. coli, the termination region is predetermined on circular

chromosomal DNA. This is caused by the binding of a termination protein, termed

Tus. The Tus protein binds to multiple sites in the terminal region and blocks one

direction of DNA replication (Neylon et al. 2005). Topoisomerase IV, a type II

topoisomerase, separates the catenane caused by termination, and the site-specific

recombination system, XerCD/dif, partially compensates for this function (Duggin

et al. 2008).

When replication forks reach the end of the linear chromosomes (telomere), the

RNA primer of the lagging strand at the end is removed; however, conventional

DNA polymerases cannot fill out the remaining single-stranded DNA region.

Telomerase is recruited to the end, and a telomere repeat sequence is synthesized

and added to the end of the strand.

1.8 Chromatin in DNA Replication

Chromosomal DNA binds to various proteins, which affects its structure. Although

histones are well-known protein in eukaryotes, various chromosome-associated

proteins contribute to DNA metabolism in prokaryotes. To initiate DNA replica-

tion, origin DNA binds not only to DnaA but also Fis and IHF proteins, which

coordinately facilitate the DnaA-mediated melting of origins (Kaur et al. 2014). HU
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proteins bind to DNA nonspecifically and enhance the melting of replication origins

(Chodavarapu et al. 2008).

Eukaryotes have a nucleosome structure consisting of histone octamers. His-

tones are also modified (e.g., acetylated, methylated, or phosphorylated) and bind to

other chromatin proteins. Most origins do not have nucleosomes in budding yeast.

At the initiation, nucleosome structure affects the binding of ORC. In the case of

yeast, the nucleosome stabilizes the bound ORC (Hizume et al. 2013). In Metazoa,

ORC does not have binding specificity and probably binds to nucleosome-free

regions (MacAlpine and Almouzni 2013).

During the elongation steps, nucleosome formation is very dynamic. To synthe-

size DNA, nucleosomes are first removed. After DNA synthesis, nucleosomes are

reconstituted (MacAlpine and Almouzni 2013). The replisome progression com-

plex that is formed at the replication forks contains FACT complex (Gambus

et al. 2006), which is a histone chaperone that is required for the reassembly of

histones to nucleosome. To disassemble the nucleosomes, Mcm2-7 encounters

these structures and Mcm2 seems to function to manage the nucleosome (Foltman

et al. 2013). Histones are modified at a specific locus, to repress transcription or to

form a tight structure. These modifications are conserved during replication.

Although the manner via which these modifications are inherited after replication

is unknown, many DNA replication proteins are suggested to be involved in this

inheritance.

1.9 Perspectives

The outlines of chromosomal DNA replication have been described at the molec-

ular level. However, the coordinated replication of chromosomal DNA and the

regulation of DNA replication have not been well elucidated. Eukaryotic DNA

replication, especially in multicellular organisms, has not been well described. In

addition, DNA replication with other aspects related to DNA metabolism, such as

recombination, repair, chromatin, and epigenetics, has not been well documented.

Moreover, higher phenomena, such as development and neurogenesis, may be

related to DNA replication. In future studies, although the fundamental aspects of

DNA replication will not change, this process will be described from the perspec-

tive of wider biological phenomena or reactions.
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Chapter 2

Characteristics of Metazoan DNA

Replication Origins

James R.A. Hutchins, Antoine Aze, Philippe Coulombe,

and Marcel Méchali

Abstract DNA replication in metazoan cells initiates at multiple discrete chromo-

somal sites called replication origins. Recent genome-wide studies have mapped

thousands of origins in animal and plant cells, but without yielding a distinct and

universal consensus sequence. However, origin-associated regions with particular

base composition features have been identified, such as the G-rich OGRE motif,

predicted to form G-quadruplexes. Epigenetic marks such as histone modifications

that promote open chromatin also favor origin formation.

Before DNA replication can initiate at origins, they need to be “licensed” by the

binding of the origin recognition complex (ORC) and other proteins to form

pre-replication and pre-initiation complexes. Origin-associated proteins are them-

selves subject to multilayered regulation, notably by posttranslational modification

and proteasomal degradation.

Origins are organized into replicons and replicon clusters, whose firing occurs at

discrete subnuclear bodies known as replication foci. A still poorly characterized

nuclear matrix structure might be involved in the attachment of replication units

and the formation of replication foci. Preferential genomic sequences responsible

for these attachments have been reported, as well as factors playing roles in their

regulation.

There appears to be great flexibility in the choice of origins used in each S-phase,

being affected by factors including cell identity and replication stresses. Origin

selection also changes dramatically during embryogenesis in concert with devel-

opmental signaling pathways. Dysregulation of origin positioning and recognition

are implicated in human disease, as mutations in origin-binding proteins have been

found in developmental disorders, and expansions in repeat-containing genomic

regions promote genome instability.

This chapter summarizes current understanding about replication origins, the

most recent discoveries, and outlines key unanswered questions in this exciting

field.
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2.1 Introduction

Forty-five years ago, François Jacob wrote “A bacterium, an amoeba. . . what

destiny can they dream of other than forming two bacteria, two amoeba?” (Jacob

1970). DNA replication is at the heart of cell division. In each cell, this process

starts from specific sites along the genome called DNA replication origins.

According to the replicon model (Jacob et al. 1963), a DNA replication origin is

a genetically defined sequence with which specific proteins interact. A single

origin, with a specific sequence, is sufficient to replicate the small bacterial genome.

This model has been fully validated in prokaryotes as well as bacteriophages and

plasmids. It has been extended to eukaryotic DNA viruses and also Saccharomyces
cerevisiae, where a 12–17 bp-specific consensus sequence is common to replication

origins. In metazoans, 30,000 to 50,000 origins are used during each cell cycle in

order to replicate all the chromosomes before mitosis. However, the nature of these

DNA replication origins remains poorly defined. Despite recent important progress

in this field of research, what determines a metazoan DNA replication origin and

how they are assembled on chromatin remain obscure in multicellular eukaryotes.

This lack of knowledge has hampered the elucidation of the multiple compo-

nents involved in origin recognition and the structures they form on chromosomes.

These structures should be tightly controlled, as each one of the DNA replication

origins must be activated once and only once during the cell cycle to avoid gene

amplification and genome instability. Defects in the initiation of replication, as with

over-replication, may promote genomic instability leading to chromosomal

rearrangements and tumor development or progression.

In addition, cross talk between proliferation and differentiation regulates embry-

onic development and adult tissue renewal. DNA replication must be tightly

controlled in order to be coordinated with transcription programs that are engaged

during differentiation and to keep the memory of specific chromatin features during

DNA replication.

In this review, we address the genetic and epigenetic signatures of replication

origins and their organization along chromosomes and within the nucleus and

discuss how the replication initiation complex is formed and how replication

origins are regulated during embryonic development.
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2.2 Genetic and Epigenetic Signatures

DNA replication origins are assembled and activated in a two-step process that

takes place during the G1- and S-phases of the cell cycle, respectively. Therefore,

specific signatures may be associated with both steps or with each individual step.

The concept of a replication origin as a genetically distinct sequence with which

specific proteins interact was first proposed for bacteria (Jacob et al. 1963) and was

fully validated in prokaryotes, bacteriophages, plasmids, and, later on, also in

eukaryotic DNA viruses and S. cerevisiae, where DNA replication origins share a

12–17 bp AT-rich specific consensus sequence (see Méchali 2010 for a review). In

multicellular eukaryotes, the initial characterization of only a limited number of

origins did not permit the identification of such a consensus element. In recent

years, genome-wide analyses have allowed the identification of replication origins

on a larger scale, in the mouse (Sequeira-Mendes et al. 2009; Cayrou et al. 2011,

2012), Drosophila melanogaster (Cayrou et al. 2011), human (Cadoret et al. 2008;

Karnani et al. 2010; Mesner et al. 2011; Martin et al. 2011), and Arabidopsis
thaliana genomes (Costas et al. 2011). In all these species, replication origins are

located at precise sites along the genome. A relationship between CpG islands

found at promoters of house-keeping genes and replication origins was identified in

human cells (Delgado et al. 1998; Cadoret et al. 2008). Eukaryotic genomes, as with

prokaryotes, display asymmetries in the prevalence of G/C over T/A bases in the

leading and lagging replication strands. The profile of the calculated base “skew”

along the chromosomes reveals characteristic U- and N-shaped patterns whose

boundaries are associated with the presence of replication origins (Touchon

et al. 2005). A common, unexpectedly G-rich, repeated consensus element named

OGRE (for origin G-rich repeated element) was found in mouse and human origins

(Cayrou et al. 2011, 2012), a result in contrast with the AT-richness of bacterial and

yeast origins. This element that constitutes OGREs includes repeated stretches of

guanosine bases, and it was observed that this pattern matches well with the

requirements for formation of the alternative nucleic acid structures known as

G-quadruplexes (Cayrou et al. 2011, 2012), initiation of DNA synthesis starting

at a short, precise distance downstream of these elements (Cayrou et al. 2012).

Potential G4s were further detected at origins in human (Besnard et al. 2012) and

chicken (Valton et al. 2014), although neither of these two studies showed the

corresponding consensus element.

G-quadruplexes are structures formed between four G-rich single-stranded

stretches of nucleic acid (Lipps and Rhodes 2009). When four guanosine bases

are placed in horizontal juxtaposition (typically derived from a single DNA strand

looping over several times), they can associate with non-Watson-Crick hydrogen

bonding to form a planar structure known as a G-tetrad. Where three or more

G-tetrads stack on top of each other, stabilized by metal cations (in a cellular

context, Na+ or K+), this energetically favorable structure is known as a

G-quadruplex (G4). In vitro biophysical and structural studies have shown that

G4s can form with a variety of G-rich nucleic acids under physiological conditions
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and may exhibit great structural diversity and flexibility in terms of strand topology

(Burge et al. 2006), the size and composition of interstrand loops (Guédin

et al. 2010), and inter-tetrad bulges (Mukundan and Phan 2013). Bioinformatic

analyses revealed that G4 motifs are present with multiple occurrences within the

genomes of all organisms tested. In the human genome, G4 motifs are enriched at

telomeres, which contain multiple repeats of the sequence (TTAGGG)n, in ribo-

somal DNA, at immunoglobulin switch regions, and variable number tandem

repeats (Davis and Maizels 2011). In the context of genes, motifs peak in promoter

regions (Huppert and Balasubramanian 2007), in 50-untranslated regions (UTRs),

and at the 50 ends of introns, the frequency dropping with each successive intron

(Maizels and Gray 2013).

Evidence that G4s can regulate replication origins was described using a

recombination-based approach in chicken DT40 cells, by introducing specific

deletions and mutations in the G4 motif associated with two model origins (Valton

et al. 2014). How could the presence of G4s at particular genomic locations

contribute to the creation of active origins at proximal loci? Forming an active

origin requires the binding of the pre-replication complex (pre-RC), of which the

hexameric origin recognition complex (ORC) is an essential part. Could G4s

provide locations on the genome for the binding and loading of ORC hexamers

which eventually find their way to the “correct” origin sites for pre-RC formation?

Some evidence in support of this notion comes from biochemical studies from

Hoshina et al. that showed binding can occur between reconstituted recombinant

ORC and DNA oligonucleotides containing an “artificial” G-rich repeat such as

(GGGTT)n (Hoshina et al. 2013); however, an interaction between a genome-

derived G-rich sequence and endogenous ORC has yet to be reported. The binding

of ORC to G4s is in agreement with the position of the OGRE/G4 motif upstream of

the initiation site, where the pre-RC complex is likely to form. Recently, analyses of

replication origins in different yeast strains interestingly showed that the

GC-richness in these sites is not a feature restricted to metazoans: this property is

also present in Schizosaccharomyces japonicus (Xu et al. 2012) and the budding

yeast Pichia pastoris (Liachko et al. 2014).

Nevertheless, consensus signatures are not sufficient to explain the localization

of replication origins in the genome. If most origins contain the OGRE/G4 element,

these elements are also at other places on the genome. To explain this result, one

could consider that there are many more origins than those detected by the present

state of the art. Another explanation is that combinations of several genetic and

epigenetic signatures characterize replication origins.

Several epigenetic marks have been described at replication origins in recent

years. A major feature is the association of open chromatin with replication origins.

In S. cerevisiae, despite their sequence specificity, forcing the positioning of a

nucleosome at a DNA replication origin inhibits initiation of replication (Simpson

1990). Chromatin marks favoring open chromatin at replication origins include

histone acetylation (Aggarwal and Calvi 2004; Iizuka et al. 2006; Miotto and Struhl

2010; Costas et al. 2011; Liu et al. 2012; Chen et al. 2013), as well as histone

26 J.R.A. Hutchins et al.



methylation. H4K20 methylation is a prominent feature that has been implicated in

replication origin activity (Tardat et al. 2010; Beck et al. 2012; Valton et al. 2014).

The H4K20me1 mark appears to be more related to the formation of the pre-RC

in G1-phase (Rice et al. 2002). It could play a role in recruiting ORC through the

binding properties of Orc1 and LRWD1, whereas H4K20me3 may play a role in

replication origin selection during S-phase (Beck et al. 2012). Two other methyl-

ation marks associated with origins are H3K79me2, which may be involved in

preventing rereplication at some origins (Fu et al. 2013), and H3K56me1

(Yu et al. 2012).

2.3 Flexibility in Replication Origin Firing

A minority of potential replication origins is activated in a given cell during each

cell cycle. Although already predicted in pioneering studies (Taylor 1977), showing

that replication stress can activate new replication origins, then confirmed in yeast

models (Friedman et al. 1997), this finding regained interest only in very recent

years. Genome-wide analyses performed in Schizosaccharomyces pombe
(Heichinger et al. 2006) and in mouse cells (Cayrou et al. 2011) showed that no

more than one third of replication origins were used during each cell cycle in each

individual cell. However, the subset of origins used is not the same in each cell. The

variation in the choice of origins to be activated in each cell is difficult to determine,

because it is currently technically impossible to perform single-cell genome-wide

mapping of replication origins. If replication origin activation were mainly sto-

chastic, the choice of the sets of origins to be activated would be based only on the

growth conditions and chromosome organization, which also varies from cell to cell

(Nagano et al. 2013). In this case, the main requirement would be to have enough

replication origins to deal with the cell cycle, without preferential choice. The

unused replication origins would serve as spare or dormant origins, to be activated

only in the case of fork progression problems (often called replicative stress) due to

DNA damage or poor growth conditions (Blow et al. 2011; McIntosh and Blow

2012). Therefore, this excess of replication origins would represent an important

genome safeguard mechanism to ensure that the entire genome is duplicated during

each cell cycle.

Alternatively, replication origins might be in excess to allow some flexibility to

the cell for origin usage, according to its gene expression profile. In this model, the

organization of DNA replication origins could be associated with the organization

of chromosomal domains for cell fate and cell identity, a process linked to devel-

opment. DNA replication origins are indeed developmentally regulated in frogs

(Callan 1974; Hyrien et al. 1995), as well as in Drosophila cells (Blumenthal

et al. 1974; Sasaki et al. 1999). Moreover, the pattern of DNA replication origins

can be entirely reprogrammed when differentiated nuclei are exposed to an early

embryonic cell context (Lemaitre et al. 2005). This relationship between DNA

replication and gene expression programs is in line with recent findings pointing to
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correlations between DNA replication timing and chromosome structure, organi-

zation and position in the nucleus, and also chromatin marks. This relationship

might also explain how the memory of ongoing differentiation programs is

maintained during successive cell divisions.

2.4 Spatial Organization of Replication Origins

2.4.1 Replication Foci

An important aspect by which replication origins are organized is their spatial

arrangement in the nucleus. Early observations that replicating DNA is localized

to discrete sites within nuclei, using 3H-thymidine labeling followed by electron

microscopy and autoradiography, were made over 50 years ago (Revel and Hay

1961). Subsequent studies at higher spatial resolution, using labeling based on the

nucleotide analogues bromodeoxyuridine (Nakamura et al. 1986) or biotin-dUTP

(Nakayasu and Berezney 1989), combined with fluorescence microscopy, revealed

that replication takes place at hundreds of subnuclear sites, which became known as

“replication foci,” indicating that this process is subject to tightly controlled

compartmentalization. These foci can also form de novo on purified DNA assem-

bled in pseudonuclei in Xenopus laevis egg extracts (Cox and Laskey 1991).

Studies in which a pulse of label was introduced into synchronized cells at

different times during replication revealed changes in the number, size, and mor-

phology of replication foci during S-phase (Yanishevsky and Prescott 1978;

Nakamura et al. 1986; Nakayasu and Berezney 1989; Schermelleh et al. 2007).

These replicating nuclei display three sequential types of pattern (Nakayasu and

Berezney 1989): Type I (early S-phase) consists of a few hundred small dots

roughly evenly distributed. Type II foci (mid S-phase) are slightly larger and

fewer in number, showing accumulation on the inner nuclear envelope and around

nucleoli. Type III foci (late S-phase) take the form of sparser and larger “patches,”

some of which adopt ring- or horseshoe-like shapes.

So what are these replication foci, and what is their relation to origins? The

nature and composition of foci remains poorly characterized, but indication of the

identities of some components has come from the colocalization of various factors

required for DNA replication, including proliferating cell nuclear antigen (PCNA;

Celis and Celis 1985), replication protein A (RPA; Adachi and Laemmli 1992),

DNA methyltransferase 1 (Dnmt1) (Leonhardt et al. 1992), DNA polymerase α
(Hozak et al. 1993), Cyclin A and Cdk2 (Cardoso et al. 1993; Sobczak-Thepot

et al. 1993), and DNA ligase (Montecucco et al. 1995). In contrast, known origin-

binding proteins such as the pre-RC components Cdt1, Cdc6, and ORC subunits

occasionally show a punctate pattern, but one that does not correspond well to foci

of newly synthesized DNA. For Cdc6, MCM7, Orc1, and Orc2, more distinct

localization to non-chromatin structures was observed when the nucleus was treated

28 J.R.A. Hutchins et al.



with cross-linking agents before extraction (Fujita et al. 2002), but the

colocalization with known replication focus component PCNA is only partial.

Together, this points to the foci observed being sites of active replication rather

than replication origins themselves.

One of the current working models for the functional organization of replication

units is the “flexible replicon model,” which is consistent with data from origin

mapping studies and their spacing from DNA combing analyses (Cayrou

et al. 2011) and observations of subnuclear foci. Here, the word “replicon,”

originally applied to bacteria, has been adapted to fit the context of metazoan

replication origins, their interaction, and regulation. A flexible replication unit

appears as a series of adjacent potential origins of replication (3–4 as a mean), in

proximity along the genome, with only one activated in each cell in a given cell

cycle, resulting in a mean inter-origin spacing of 100–120 kb. In addition, the

activated origin inside this replication unit may vary from cell to cell, even in the

same cell population. This flexibility in origin usage within each replication unit is

an important characteristic of eukaryotic cells. The basis of origin choice within a

given replicon may occur by a stochastic process or may be determined by cell

identity or developmental stage (Cayrou et al. 2011).

A second level of organization is the formation of a group of replication units,

termed a “replicon cluster,” whose active origins are brought together in space to

form a replication focus (or functionally, a “replication factory”). The intervening

DNA in each replicon loops out, forming a shape resembling a rosette (Vogelstein

et al. 1980). The firing of replicons within a cluster occurs coordinately – a

phenomenon that may be due to their induced proximity.

What could hold active replication centers together to make factories? As foci

remain poorly characterized, this question remains open, and there are several

non-mutually exclusive possibilities that may be relevant. One is that replication

forks contain proteins that dimerize, promoting self-assembly between adjacent

replicons. A second idea is that replication forks are embedded in an as-yet-

uncharacterized substance that holds them together. The composition of foci is

not known in detail, as it has not yet been possible to physically isolate them from

chromatin and other insoluble nuclear structures for analysis by, for example,

proteomics. A third idea is that replicons are held together by entrapping the

looping DNA of adjacent replicons. Support for this third idea came from a recent

study indicating that the cohesin complex may play a key role (Guillou et al. 2010).

Cohesin was found to physically interact with the MCM2-7 complex and to show

enrichment at origin sites. Depletion of cohesin subunit Rad21 slowed S-phase

independently of a checkpoint response and led to a reduction in the intensity but

not the number of DNA replication foci and a lengthening of DNA loops. The

cohesin complex forms a tripartite ring capable of topologically entrapping two

DNA strands, the best-known role for which is holding together duplicated sister

chromatids from S-phase until anaphase (Peters et al. 2008; Losada 2014). The use

of a similar topological entrapment to hold together DNA strands from neighboring

replicon loops is an entirely plausible mechanism by which cohesin could mediate

replication focus integrity.
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The advent of super-resolution fluorescence microscopy has opened new win-

dows onto the physical characteristics of subnuclear bodies (Schermelleh

et al. 2008; Cseresnyes et al. 2009). One study that used this approach followed

by 3D image analysis to discern and quantify BrdU-labeled bodies in S-phase in

mouse myoblast cells identified ~4000 spherical S-phase nuclear bodies at any one

time; this was estimated to imply that ~40,000 foci form in total during S-phase

(Baddeley et al. 2010). However, whether these structures correspond to the same

replication factories as those studied over the past two decades or represent newly

discovered subnuclear structures awaits further investigation. It is likely that as

resolving power and imaging technology continue to improve, yet further, smaller

subnuclear bodies may be visualized and counted – it remains to be seen whether

and how this will help us to understand the underlying principles behind the nuclear

organization of replication origins.

Another recently identified regulator of replication loops and foci is the protein

Rap1-interacting-factor-1 (Rif1). In human cells, Rif1 colocalizes with replication

foci in mid S-phase (but not early or late S-phase). Depletion of this protein led to

major changes to the patterns of subnuclear structures, including the loss of mid

S-phase foci, and resulted in increases in the sizes of DNA loops (Yamazaki

et al. 2012). Importantly, Rif1 depletion also advanced the pattern of timing of

origin activation: the replication of origins that usually takes place at in mid/late

S-phase was advanced to early S-phase. Given the conservation of Rif1 and its

functions from yeast to human cells, this protein has been proposed as a global

regulator of replication timing through regulating higher-order chromatin architec-

ture (Yamazaki et al. 2013).

2.4.2 The Nuclear Matrix

A further level of organization of replication origins is its localization to the

subnuclear matrix. Although still poorly defined in terms of composition, numerous

observations in live and fixed cells point toward the existence inside the nucleus of a

dynamic meshwork of fibers associated with and emanating from the nuclear

lamina (Nickerson 2001; Tsutsui et al. 2005; Wilson and Coverley 2013; Razin

et al. 2014). The nuclear matrix is usually defined technically, as the structure that

remains when nuclei have been processed by permeabilization, digestion of unat-

tached DNA with a nuclease, and removal of proteins (mainly histones) and other

factors using a wash solution typically of high ionic strength.

Early studies made key observations that showed the relevance of the nuclear

matrix to DNA replication. Firstly, pulse labeling of cells followed by matrix

extraction, electron microscopy, and autoradiography showed that the majority of

newly replicated DNA was associated with matrix structures (Pardoll et al. 1980).

Secondly, permeabilizing nuclei and then treating them with increasing salt con-

centrations and ethidium bromide leads to the extrusion of DNA in loops of a fixed

size range, a structure known as a “halo.” Pulse-chase labeling showed that DNA
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replication occurs at discrete sites at the base of these loops, with newly replicated

DNA traveling outward toward the periphery (Vogelstein et al. 1980).

2.4.3 SARs, MARs, LADs, and TADs

The identification that some sections of genomic DNA remain attached to the

nuclear matrix after DNase digestion and extraction led to efforts to characterize

these, which are defined by the methods by which they are isolated: scaffold-

associated regions (SARs) are resistant to extraction with lithium

3,5-diiodosalicylate (Mirkovitch et al. 1984), whereas matrix attachment regions

(MARs) are resistant to 2 M NaCl (Cockerill and Garrard 1986). The overarching

term S/MARs is often used to cover both types of DNA segment.

Early sequencing studies of S/MARs identified some characteristics common to

these segments, including AT-richness, the presence of curved or kinked DNA, and

DNase I hypersensitivity sites (Boulikas 1993). Linnemann et al. used both extrac-

tion methods combined with microarray analysis to identify sequences

corresponding to SARs and MARs on human chromosomes 14–18 and their

intervening loop regions (Linnemann et al. 2009). This revealed that half of

SARs and MARs are in common, and their distribution peaks about 500 bp from

neighboring genes. A recent study that used next-generation sequencing to charac-

terize MARs in Drosophila embryos identified a series of simple sequence repeats

associated with these segments (Pathak et al. 2014).

In an alternative approach, Guelen et al. used the DamID technique and micro-

array analysis to perform human genome-wide mapping of lamina-associated

domains (LADs) (Guelen et al. 2008). These regions range from 1 to 10 Mb in

size and are associated with low gene expression, and their borders are demarcated

by the insulator protein CTCF by promoters oriented away from LADs or by CpG

islands.

Clearly what would greatly advance the field would be a high-resolution study

that maps S/MARs and replication origins in one well-characterized cell type, to

identify their sequence features and juxtapositions with each other and with coding

and noncoding genes. Careful correlation could also be made with the epigenetic

marks, such as those mapped by the ENCODE project (ENCODE Consortium

2012).

A link between the organization of chromosomes in distinct large chromatin

domains and replication timing domains (Ryba et al. 2010), recently further

documented as topologically associating domains (TADs, Pope et al. 2014), empha-

sizes the importance of the structural organization of replication units in the

nucleus, possibly linking these structures with the observation of replication foci.
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2.5 Molecular Players and Regulation of Replication

Licensing

2.5.1 Players of the Replication Initiation Complex

Replication origins are established and activated in two distinct steps. During

G1-phase of the cell cycle, origin sequences become loaded with the replicative

helicase, the hexameric MCM2-7 complex, resulting in the formation of the pre-RC

(Remus and Diffley 2009). This process, also known as origin licensing, results in
origin loading of the MCM2-7 double hexamer in an inactive state. In the second

step, replicative helicases become activated resulting in the origin firing. This step,

known as pre-initiation complex (pre-IC) formation, occurs in S-phase and involves

a phosphorylation-dependent association of the helicase with additional subunits.

The licensing and the activation reactions being separated in the cell cycle, this

strongly represses reactivation of origins during S-phase, which would cause

genomic amplification and instability (Vaziri et al. 2003; Neelsen et al. 2013).

Cells have evolved several overlapping mechanisms to ensure that rereplication

processes do not take place (see next section).

Pre-RC formation culminates with the chromatin loading of two copies of the

MCM2-7 complex, in a head-to-head configuration (also referred to as a “double

hexamer”) (Chong et al. 2000; Evrin et al. 2009). This reaction, which occurs from

late mitosis to the end of G1-phase, requires the activity of several essential and

conserved proteins. First, origins are recognized by the six-subunit origin recogni-

tion complex (Orc1-6) (Fig. 2.1) (Bell and Stillman 1992; Diffley and Cocker

1992). The Orc1-5 subunits possess an AAA+ ATPase domain (Speck

et al. 2005); however, Orc1, Orc4, and Orc5 bind ATP (the other subunits have

inactivating mutations), and only Orc1 and Orc4 display an essential ATPase

activity (Klemm et al. 1997; Bowers et al. 2004). The last ORC subunit Orc6 was

shown to be important for pre-RC maintenance in vivo (Semple et al. 2006). To

bind DNA, the ORC complex needs to be ATP bound (Klemm and Bell 2001).

Cdc6, another essential AAA+ ATPase (Zhou et al. 1989; Cocker et al. 1996), is

then recruited to the origin through interaction with the ORC complex (Liang

et al. 1995), mainly through Orc1 (Zhou et al. 1989). The loading of the MCM2-

7 complex onto chromatin, and thus licensing, requires the essential protein Cdt1

(Maiorano et al. 2000; Nishitani et al. 2000). Cdt1 does not possess enzymatic

activity; however, it provides a link between the ORC and MCM2-7 complexes, as

it interacts with both (Ferenbach et al. 2005; Chen and Bell 2011). ATP hydrolysis

catalyzed by ORC and Cdc6 induces the release of Cdt1 and the formation of the

ORC/Cdc6/MCM2-7 complex (OCM). The OCM is then converted to a double

hexamer through the action of Cdc6’s ATPase activity (Randell et al. 2006; Remus

et al. 2009; Evrin et al. 2009, 2013; Coster et al. 2014; Sun et al. 2014). Multiple

rounds of MCM2-7 loading are executed by the ORC complex, which requires the

ATPase activity of the Orc1 and Orc4 subunits (Bowers et al. 2004).
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Fig. 2.1 Establishment of replication origins. Eukaryotic genomes contain multiple specific loci

where DNA replication is initiated, called replication origins. In G1-phase of the cell cycle, origins

are recognized by ORC, in an ATP-dependent manner. Cdc6, Cdt1, and the replicative helicase
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As cells enter S-phase, the cell cycle-regulated kinases DDK (Dbf4-dependent

kinase) and CDKs (cyclin-dependent kinases) become activated and phosphorylate

the MCM2-7 complex. Notably Cdc7, the catalytic subunit of DDK, phosphorylates

MCM2 and MCM4 (Jares and Blow 2000; Tanaka et al. 2007; Heller et al. 2011),

which favors association of the MCM2-7 complex with Cdc45 and the GINS

complex, forming the CMG (Cdc45-MCM2/7-GINS) complex (Ilves et al. 2010).

Also, CDK-phosphorylated Treslin and RecQ4, in addition to TopBP1 and

MCM10, play essential roles in CMG helicase activation (Im et al. 2009; Kumagai

et al. 2010, 2011; Boos et al. 2011; Thu and Bielinsky 2013). Pre-IC formation is a

limiting step in origin activation and is thus very much involved in the timely

activation of origins during the length of S-phase (Tanaka et al. 2011).

2.5.2 Regulation of Origin Licensing

Pre-RC formation must be restricted to a period prior to the initiation of DNA

synthesis. Indeed, relicensing once S-phase begins would lead to origin reactivation

and subsequent genomic amplification, a situation known as rereplication (Fig. 2.2).

Cells that engage in rereplication exhibit DNA damage and genomic instability

(Vaziri et al. 2003; Neelsen et al. 2013) associated with cell cycle arrest, apoptosis,

or senescence (Vaziri et al. 2003; Melixetian et al. 2004; Zhu et al. 2004).

Several partly overlapping mechanisms exist that repress licensing (Fig. 2.2; see

Truong and Wu 2011 for a review). During G1-phase, the ubiquitin ligase

APC/CCdh1 is active and induces the degradation of Geminin (McGarry and

Kirschner 1998), an inhibitory protein of Cdt1 (Wohlschlegel et al. 2000; Tada

et al. 2001), thus allowing licensing to take place. Once S-phase is initiated,

APC/CCdh1 is inactivated, permitting the expression of Geminin, resulting in the

inhibition of Cdt1. The ubiquitin-proteasome pathway has also a more direct role in

regulating licensing. Indeed, the ubiquitin ligases CRL4Cdt2 targeting Cdt1 (Higa

et al. 2003; Hu et al. 2004; Arias and Walter 2006), SCFSkp2 targeting Cdt1

(Li et al. 2003; Nishitani et al. 2006), and Orc1 (Mendez et al. 2002) and APC/CCdh1

targeting Cdc6 and Cdt1 (Petersen et al. 2000; Sugimoto et al. 2008) restrain

licensing by targeting their substrates to the proteasome, depending on the cellular

context. CDK-mediated phosphorylation of pre-RC components also plays an

Fig. 2.1 (continued) MCM2–7 are then recruited onto chromatin. This activates the ATPase

activity of ORC and Cdc6, inducing the release of Cdt1 and yielding the OCM complex

(ORC/Cdc6/MCM2–7). ATP hydrolysis is also important for a second MCM2–7 complex to be

recruited onto DNA, with the help of Cdt1, thus generating the MCM2–7 double hexamer and

forming the pre-RC. Additional rounds of ATP-dependent MCM2–7 loading take place, forming

an extended pre-RC. As cells exit G1- and enter S-phase, CDKs and DDKs become activated and

phosphorylate several key factors, including MCM2 and MCM4, Treslin, and RecQ4, leading to

the their recruitment to pre-RCs, along with MCM10, Cdc45, TopBP1, and the GINS complex,

thus forming the pre-IC
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important role in inhibiting origin licensing once DNA synthesis is initiated. Protein

phosphorylation can affect subcellular localization, as is the case for Orc1 (Saha

et al. 2006), Cdc6 (Petersen et al. 1999), and MCM7 (Nguyen et al. 2000), or

ORIGIN

Cdc6Mcm2‐7 Cdt1

Cdt1 inhibi�on
Cdt1

Geminin

Orc1

P PP P

Cdc6Cdt1 Orc1

X X X

Licensing
(Pre-RC formation)

Pre-IC formation,
Origin firing

Relicensing

Rereplication

Replisome

Inac�va�ng phosphoryla�on

Ubiqui�n‐dependent proteolysis

1

Nested replica�on bubble

Fig. 2.2 Rereplication and its suppression. During G1-phase, origin licensing is active and

pre-RCs are formed at origins. After S-phase is initiated, if the licensing reaction were kept active,

origins would be reactivated, leading to the formation of a nested replication bubble. This process,

known as rereplication, can be a source of genome instability. Cells have evolved several

overlapping mechanisms to ensure that origin licensing and DNA synthesis are temporally

separated. First, the APC/C target Geminin binds and inhibits the licensing activity of Cdt1.

Second, protein phosphorylation is also important for restraining licensing. Indeed, phosphoryla-

tion, mainly mediated by CDK of MCM2–7, Cdt1, Orc1, and Cdc6, leads to their functional

inactivation. Finally, Cdt1, Orc1, and Cdc6 are subject to ubiquitin-dependent proteolysis by the

proteasome

2 Characteristics of Metazoan DNA Replication Origins 35



impairs chromatin association as documented for Cdt1 (Sugimoto et al. 2004;

Chandrasekaran et al. 2011; Miotto and Struhl 2011; Coulombe et al. 2013).

2.5.3 ORC-Associated Proteins and Links with Chromatin

LRWD1 (leucine-rich WD40 domain containing protein 1), also known as ORCA

(ORC-associated protein), was identified as a novel ORC-associated protein

through proteomic approaches (Bartke et al. 2010; Shen et al. 2010; Vermeulen

et al. 2010). LRWD1 binds Orc2 as well as Cdt1 and Geminin (Shen et al. 2012).

The role of LRWD1 seems to be to stabilize the ORC complex on chromatin (Shen

et al. 2012), thus allowing licensing. LRWD1 binds epigenetic repressive marks

(H3K9me3, H3K27me3, and H4K20me3) (Bartke et al. 2010; Vermeulen

et al. 2010; Chan and Zhang 2012) in vitro and is highly enriched in pericentric

heterochromatin in an H3K9me3-dependent manner (Chan and Zhang 2012).

Interestingly, depletion of LRWD1 or Orc2 induces a derepression of the

pericentric region, allowing permissive transcription of major satellite DNA

(Chan and Zhang 2012).

The histone acetyltransferase (HAT) HBO1 (HAT binding to Orc1) was shown

to bind to Orc1 in a two-hybrid screen (Iizuka and Stillman 1999). This HAT can

acetylate histones H3 and H4 in vitro (Iizuka and Stillman 1999) and is responsible

for H3K14 acetylation in vivo (Kueh et al. 2011). HBO1 was later shown to act as a

positive cofactor for Cdt1, thus stimulating licensing (Miotto and Struhl 2008).

HBO1 was also shown to be essential for pre-RC formation and DNA replication in

immunodepletion experiments performed in Xenopus egg extracts (Iizuka

et al. 2006). Interestingly, HBO1 was shown to acetylate several pre-RC proteins,

suggesting a novel mechanism for regulating licensing (Iizuka et al. 2006). Teth-

ering HBO1 to plasmid DNA stimulates episomal replication in vivo (Chen

et al. 2013); however, studies of HBO1 knockout mice did not find a role for this

HAT in DNA replication (Kueh et al. 2011).

HP1 (heterochromatin protein 1) is an important factor binding the repressive

mark H3K9me3 (through its chromodomain) and is involved in constitutive het-

erochromatin maintenance (reviewed in Canzio et al. 2014). HP1 was shown to

physically associate with the Orc1, Orc2, or Orc3 subunits, depending on the

experimental system (Pak et al. 1997; Auth et al. 2006; Prasanth et al. 2010). The

two factors seem to stabilize one another on DNA and play an important role in

maintaining the repressive state of heterochromatin (Pak et al. 1997; Shareef

et al. 2001; Prasanth et al. 2010). Paradoxically, in S. pombe, the HP1 homologue

(Swi6) involved in the repression of the silent mating type directly interacts with the

origin-activating kinase DDK to favor firing of origins early in S-phase (Hayashi

et al. 2009).

TRF2, a member of the Shelterin complex, specifically binds telomeres and is

important for telomere maintenance (reviewed in Diotti and Loayza 2011; Lewis

and Wuttke 2012). TRF2 was shown to associate with Orc1 and be responsible for
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ORC association with telomeres (Deng et al. 2007). Telomeric regions are tran-

scribed, yielding an RNA molecule called TERRA (Azzalin et al. 2007; Luke

et al. 2008). This noncoding RNA associates with the TRF2/ORC complex and

helps recruit it to telomeres (Deng et al. 2009). At the telomere, ORC complexes

play a role in telomere heterochromatin formation and maintenance (Deng

et al. 2007). In addition, the presence of the ORC complex at telomeres favors

the formation of pre-RCs and thus replication of these difficult-to-replicate regions

(Tatsumi et al. 2008). Consistent with its positive role in licensing, TRF2 can also

stimulate the replication of the Epstein-Barr virus DS (dyad symmetry) replication

origin by promoting the loading of ORC onto chromatin (Atanasiu et al. 2006).

2.6 Regulation of Origin Activation During Development

The temporal and spatial patterns of replication origin activation are subjected to

dramatic changes during embryonic development in metazoans. In Drosophila and

Xenopus, early embryonic divisions rely exclusively on maternal stockpile products

in the absence of cell growth and transcription and are characterized by rapid cell

cycles with short S-phases and no gap phases. After a fixed number of cleavages,

embryos undergo a radical change in which the zygotic genome starts being

transcribed (Newport and Kirschner 1982a, b). The period when this transition

occurs differs between organisms and is called the mid-blastula transition (MBT).

This takes place after several cell cycles in amphibians and fishes (Newport and

Kirschner 1982a; Kane and Kimmel 1993), while mammalian embryos require

zygotic transcription already at the two-cell stage (Schultz 2002).

The MBT is characterized by several events contributing to the prolongation of

cell cycle duration: S-phases are lengthened, gap phases are incorporated, and a cell

cycle checkpoint is activated (Newport and Kirschner 1982a; Newport and Dasso

1989; Clute and Masui 1997; Finkielstein et al. 2001; Iwao et al. 2005). This

transition occurs when an increasing nuclear-to-cytoplasmic (N/C) ratio reaches a

critical threshold (Newport and Kirschner 1982a; Edgar and Orr-Weaver 2001;

Maller et al. 2001). Before the MBT, active replication origins are spaced every

10–15 kb in Xenopus and Drosophila, and S-phase lasts less than 15 min. In

contrast, post-MBT divisions are characterized by a restriction in origin usage,

which lengthens the replicon size (Blumenthal et al. 1974; Callan 1974; McKnight

and Miller 1977; Hyrien et al. 1995).

Two main hypotheses have been proposed in order to explain the cell cycle

changes observed during MBT. During early development, several cell divisions

occur in the absence of cell growth, bringing the N/C ratio to that of a typical

somatic cell at MBT. A titration of factors involved in origin activation may occur

during this phase. Modifications of chromatin structure have been also proposed to

explain the transcription onset. We will describe some molecular mechanisms that

contribute to these developmental changes, leading in some particular cases to

severe disorders.
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2.6.1 Firing of Replication Origins During Development

As mentioned previously, licensed origins are activated during S-phase by the CDK

and DDK kinases, which coordinate the recruitment of GINS and Cdc45 to

chromatin-bound MCM2-7 (forming the replicative helicase, i.e., the CMG com-

plex) and promote DNA synthesis (Labib 2010; Riera et al. 2014). This reaction

requires three essential components for replication initiation: TopBP1/Cut5,

Treslin/Ticrr, and RecQ4, the functional vertebrate orthologs of budding yeast

Dbp11, Sld3, and Sld2, respectively (Diffley 2010). Sequential steps involving

those factors and leading to replication firing in metazoans have been the focus of

intense investigations and remain an active field of discovery (see Siddiqui

et al. 2013; Tanaka and Araki 2013 for reviews). CDK-dependent phosphorylation

of Treslin mediates its interaction with TopBP1, leading to Cdc45 loading onto

chromatin (Kumagai et al. 2010, 2011; Boos et al. 2011). In contrast, RecQ4 is

recruited onto TopBP1 in a CDK-independent manner. The protein promotes CMG

assembly as well as recruitment of DNA polymerase α and RPA (Matsuno

et al. 2006; Im et al. 2009).

The main identified target of Cdc7/Dbf4 is the MCM2-7 complex. Phosphory-

lation of the MCM2, MCM4, and MCM6 subunits switches the replicative helicase

to an active state and could also mediate Cdc45 loading (Masai et al. 2000, 2006;

Sheu and Stillman 2010).

This pathway of origin activation has recently been implicated in the regulation

of Xenopus early development. The levels of Cut5, Treslin, RecQ4, as well as DRF1

(the major regulatory subunit of Cdc7 during Xenopus early development) become

rate limiting for replication progressively as the N/C ratio increases (Takahashi and

Walter 2005; Collart et al. 2013). Increasing the amount of these proteins using

mRNA microinjection in embryos shortens the inter-origin distance and induces

additional rapid cell divisions after the MBT.

B55α, a regulatory subunit of protein phosphatase 2A (PP2A), also becomes

limiting for replication origin firing under elevated N/C ratio conditions during

Xenopus development (Murphy and Michael 2013). Interestingly, high PP2A

activity in “post-MBT-like” conditions counteracts the negative regulation of origin

activation and thus maintains a high-fired origin rate similar to a pre-MBT repli-

cation program. The downstream target(s) of PP2A-dependent firing has not been

clearly identified, but ATR would be one good candidate. Taken together, these

results suggest that PP2A-B55α activity is critical for the regulation of origin

activation during embryonic development.

Therefore, the titration of an excess of factors essential for DNA replication may

be an essential regulatory mechanism, explaining how the inter-origin distance and

S-phase is lengthened when an N/C ratio threshold is reached at the MBT (Fig. 2.3).
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2.6.2 Endoreplication and Gene Amplification: Two Modes
of Regulated Over-replication During Development

In some particular cases, cells are programmed to switch from a mitotic cycle to

rereplicative states, producing polyploid cells. Several strategies are employed to

increase ploidy during development in metazoans. The main mechanism in flies and

mammals is endoreplication, which in embryos involves multiple S-phases without

entering into mitosis (Zielke et al. 2013). The same replication factors are generally

engaged in this process. S-phases in endocycling cells from embryos of mice and

other metazoans are driven essentially by oscillations in the activity of CDK2-

Cyclin E (Geng et al. 2003; Parisi et al. 2003; Tetzlaff et al. 2004; Zielke

et al. 2011).

Pre-MBT stages

Post-MBT stages

N/C

N/C

DDK

Drf1

PP2A

ATR

DDK

Chroma�n 
remodelers

TopBP1
Treslin RecQ4

Drf1

Chroma�n 
remodelers

CDK

CDK

Fig. 2.3 Influences on the N/C ratio and chromatin organization during developmental control of

replication origin activation. In the pre-MBT stages, replicative helicase loading and its activation

is facilitated by an abundance of initiation factors and easy access to chromatin. PP2A might

counteract ATR-dependent inhibition of origin firing (red circles). Titration of replication initia-

tion factors contributes to a restriction of origin activation when the N/C ratio (black arrows)
reaches a threshold at the MBT. Several mechanisms in post-MBT stages emerge and become

dominant, lowering the CDK and DDK activities. Furthermore, epigenetic features modify the

activation of the replication program to more restricted sites. Modulation of origin activation

during the developmental program can have deleterious effects in origin-poor regions where

common fragile sites are located
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Although favorable to successive rounds of DNA replication, endocycling cells

must avoid rereplication. When CDK2-Cyclin E activity is low, high APC/C

activity degrades mitotic cyclins as well as Geminin, opening a window of oppor-

tunity for licensing to occur. In contrast, high levels of CDK2-Cyclin E activity

initiate replication and decrease the action of APC/C (Reber et al. 2006; Keck

et al. 2007). APC/C-dependent oscillation of Geminin also appears to be important

for endocycles (Zielke et al. 2008). Finally, CDK2-Cyclin E is regulated by the

CDK inhibitors Dacapo in flies or p57Kip2 in mice (de Nooij et al. 2000; Hattori

et al. 2000; Ullah et al. 2009).

Alternatively, DNA rereplication can be used during development to increase

the copy number at a particular locus. This event, termed gene amplification, is

required to increase the number of gene copies for a tissue-specific function.

Chorion gene amplification during Drosophila oogenesis occurs by repeated acti-

vation of selected origins. Acetylation of nucleosomes seems to be required for the

selection of specific replication origins in amplified gene regions (McConnell

et al. 2012).

2.7 Human Developmental Diseases Associated

with Deregulation of Replication

Defects in resolving DNA replication stress have been described for several human

disorders. Multiple mutations in genes encoding DNA replication regulators have

been identified in various genetic syndromes often characterized by developmental

defects, neurological disorder, and growth retardation, reflecting roles in processes

requiring high rates of cell proliferation.

Mutations in pre-RC components Orc1, Orc4, Orc6, Cdt1, and Cdc6 have been

identified in Meier-Gorlin syndrome patients suffering from severe developmental

malformations (Bicknell et al. 2011a, b; Guernsey et al. 2011). Mutation of MCM4

was also reported in individuals with chromosome instability (Gineau et al. 2012;

Hughes et al. 2012). Mutations of the replication initiation factor RecQ4 are

associated with Rothmund-Thomson syndrome (Larizza et al. 2010). Although all

these disorders show growth defects suggesting problems in replicating DNA

during embryogenesis, the multiple clinical features observed suggest that these

proteins regulate other replication-independent functions during development.

RecQ4, for instance, contains one helicase domain necessary for DNA repair

(Bachrati and Hickson 2008).

Preference in replication origin activation during development and differentia-

tion can cause a serious threat to genome integrity, as described for common fragile

sites (CFSs, reviewed in Debatisse et al. 2012). Pathologies associated with CFSs

mainly involve DNA repeat expansion over a certain threshold, altering nearby

gene expression (Cleary et al. 2002; Voineagu et al. 2009). Fragile X-related

disorders, Huntington’s disease, and myotonic dystrophy are human hereditary
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diseases characterized by such repeat instability. Oogenesis and early embryonic

development seem favorable to repeat expansion in contrast to somatic cells. In

fragile X syndrome (FRS), expansion of the (CGG)n repeat motif located in the

50-UTR of the FRM1 gene has recently been linked to the inactivation of an

upstream replication origin, whereas in normal human embryonic stem cells

(hESCs), this region is replicated by two flanking origins (Gerhardt et al. 2014a).

Interestingly, differentiation of FRS-affected hESCs restores the replication pro-

gram, providing an explanation for the expansions happening mainly during early

embryonic development. Substitution of one thymidine by cytosine in the upstream

replication initiation site has been proposed as the genetic determinant by which

origin activation is silenced (Gerhardt et al. 2014b), but the molecular mechanisms

involved still remain to be elucidated.

Finally, rereplication is a source of DNA damage that promotes genome insta-

bility, a hallmark of cancer (Hook et al. 2007; Blow and Gillespie 2008).

Rereplication activates a DNA damage response, whose consequences mainly

depend on the cellular background (Blow and Dutta 2005). During development,

rereplication blocks cell cycle progression, leading to embryonic lethality (Hara

et al. 2006). While experimental data revealed that chromosome breaks and

rearrangements result from rereplication, a direct relationship with tumorigenesis

and human cancer has not yet been clearly defined.

2.8 Conclusions and Perspectives

With more and more genome-wide analyses reported on the nature of replication

origins, as well as on the organization of the genome in the cell nucleus, the

characteristics of replication origins are progressively becoming unveiled. It now

appears clear that they are not set by unique combinations of signatures, but are

highly flexible, both in their features and also in their usage during the cell cycle.

Activation of metazoan origins shares critical functions with epigenetic controls,

probably to adapt or coordinate the organization of replication domains to cell-fate

specification and patterning during embryonic development. Adaptation of repli-

cation origin activation in response to checkpoint controls and DNA damage,

treated in other chapters of this book, is another demonstration of the necessary

flexibility of origins for the maintenance of genome integrity. Several questions still

remain unanswered. At the structural level, how is DNA organized at a replication

origin? Are structural components specifically involved in replication foci and the

organization of replication origins along the genome? Do some replication proteins

have other functions uncoupled from DNA replication itself? Diseases linked to the

regulation of replication origins are becoming revealed, but the expected link with

some cancers has yet to be clearly established.

Undoubtedly, initiation of DNA replication is awaiting new exciting discoveries,

and its regulation is likely to exhibit new relationships with apparently unrelated
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domains of biology, as it has to be coordinated with the organization of chromo-

somes for most aspects of nuclear metabolism.
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Chapter 3

DNA Replication Timing: Temporal

and Spatial Regulation of Eukaryotic DNA

Replication

Motoshi Hayano, Seiji Matsumoto, and Hisao Masai

Abstract Eukaryotic genomes are replicated from tens of thousands of replication

origins that are scattered along the chromosomes. In yeasts, timing of firing of these

origins is regulated by cis-acting sequences and factors that may interact with them.

Competition for limiting initiation factors also could regulate the order of origin

firing in yeasts. In higher eukaryotes, replication timing may be regulated on a

larger genome scale. These so-called replication domains may be generated by

formation of chromosome domains that are spatial and temporal units of simulta-

neously fired origins present in them. A conserved factor, Rif1, is a key regulator of

replication domains and determines the replication timing for the coming S phase at

the end of M/ early G1 phase. Individual origins within the replication domain may

be stochastically activated, although local transcription activity and histone mod-

ification may affect the firing efficiency. Replication domain is developmentally

regulated and thus is a cell type-specific trait. Physiological significance of repli-

cation timing regulation will be discussed.

Keywords DNA replication timing • Rif1 • S phase • Prereplicative complex •

Chromatin loop • Cdc7 kinase • Chromatin architecture • Transcription • Histone

modification • Chromatin positioning

M. Hayano

Department of Genome Medicine, Tokyo Metropolitan Institute of Medical Science,

Setagaya-ku, Tokyo 156-8506, Japan

Present address:

Department of Genetics, Harvard Medical School, Longwood, MA 02115, USA

S. Matsumoto • H. Masai (*)

Department of Genome Medicine, Tokyo Metropolitan Institute of Medical Science,

Setagaya-ku, Tokyo 156-8506, Japan

e-mail: masai-hs@igakuken.or.jp

© Springer Japan 2016

F. Hanaoka, K. Sugasawa (eds.), DNA Replication, Recombination, and Repair:
Molecular Mechanisms and Pathology, DOI 10.1007/978-4-431-55873-6_3

53

mailto:masai-hs@igakuken.or.jp


3.1 Introduction

Faithful and complete chromosomal DNA replication is essential to conserve

genomic integrity and to prevent abnormal cell growth observed in cancer cells.

DNA replication is initiated from replication origins and mediated by sequential

recruitment of the replication factors such as ORC, Cdc6, Cdt1, and MCM to

establish prereplicative complex (pre-RC), followed by that of other factors includ-

ing Cdc45, GINS, and DNA polymerases (Masai et al. 2010). Two highly con-

served S phase kinases, Cdc7 kinase and cyclin-dependent kinase (CDK),

phosphorylate pre-RC components and others to initiate replication (Remus et al.

2009; Labib 2010). In contrast to prokaryotes in which DNA replication is generally

initiated from a single replication origin, many replication origins are present on the

eukaryotic genomes, and each of them is activated throughout the S phase at

different timing or not activated at all. Although the pre-RC complexes are assem-

bled at potential replication origins at early G1 phase, only a subset of them are

activated at early S phase, and others are fired late or not activated but replicated

passively. In higher eukaryotes, genomes are more clearly divided into “replication

domains” which are replicated at different timing within S phase. The delineation of

genomes into these “domains” is intimately related to the three-dimensional chro-

matin structures within nuclei, and assembly of these domains is under develop-

mental regulation (Rhind and Gilbert 2013).

The choice of replication origins to be fired is flexible and adaptive and may be

stochastic (Bechhoefer and Rhind 2012; Gindin et al. 2014; Renard-Guillet et al.

2014). Cells may unexpectedly encounter replication fork blocks caused by DNA

damage, DNA binding factors blocking the fork progression, unusual secondary

structures of the template DNA, nucleotide depletion, and others. In order to

circumvent the problems caused by stalled forks, cells would use late/dormant

origins to complete the replication of unreplicated segments. Late/dormant origins

are prevented from firing, at least in the presence of replication stress signals, by

checkpoint. Thus, inactivation of checkpoint generally causes activation of late/

dormant origins even when cells are arrested at early S phase. Sequential firing of

early and late/dormant origins is regulated also by transcription, chromatin struc-

tures, and chromatin architecture (Aparicio 2013).

In this short article, we will summarize the most recent information on mecha-

nisms that regulate temporal and spatial program of chromosome replication. We

will then discuss the potential physiological significance of replication timing.
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3.2 Various Aspects on Regulation of Replication Timing

3.2.1 Decision of Replication Timing During Cell Cycle

Pre-RCs are generated on chromosomes at late M/early G1 to designate the

potential replication origins that will be utilized in S phase. G1 phase appears to

be crucial also for establishing replication timing program. Earlier works by Gilbert

indicated that the temporal replication domains may be established at early G1

phase concomitant with nuclear repositioning after the nuclear envelope assembly

in mammalian cell. This was termed replication timing decision point (TDP)

(Dimitrova and Gilbert 1999). Replication timing may be determined in G1 phase

in budding yeast as well. Cis-acting elements such as telomeres can suppress early

activation of nearby origins. Separation of an origin from telomere in vivo by using

site-specific recombination demonstrated that the signal for late activation is

established between mitosis and start of the G1 phase. Once established, the signal

can persist through the next S phase even when the origin is physically separated

from the telomere (Raghuraman et al. 1997).

In Xenopus, mitotic remodeling is crucial for resetting the chromatin structure of

differentiated adult donor cells for embryonic DNA replication. This involves

topoisomerase II-dependent shortening of chromatin loop domains and an increased

recruitment of replication initiation factors onto chromatin, leading to a short inter-

origin spacing characteristic of early developmental stages (Lemaitre et al. 2005).

The velocity of DNA replication fork in S phase also influences the chromatin loop

size in the following S phase, which will be reset at mitosis (Courbet et al. 2008).

Thus, resetting of chromatin structures at M phase would play crucial roles for

setting up a new program for the following S phase. Decision made at the end of M

phase may also be affected by various factors including cellular metabolism,

environmental stress, and previous S phase progression. A factor that may play a

central role in this process will be discussed later.

3.2.2 Limited Replication Factors Regulate Replication
Timing

At the onset of the S phase, Cdc7 and S phase cyclin-dependent kinase (S-CDK)

sequentially function to assemble CMG (Cdc45-Mcm-GINS) helicase at the origins

and establish a replisome complex containing DNA polymerases and other fork

factors (Kamimura et al. 2001; Gambus et al. 2006; Tanaka et al. 2007; Zegerman

and Diffley 2007; Masai and Arai 2002). In yeasts, some of the key replication factors

are limited in numbers and need to be recycled to activate all the origins. Indeed,

overexpression of Sld3-Cdc45-Sld7 and Cdc7-Dbf4 results in activation of late

replication origins in the presence of HU (Tanaka et al. 2011; Mantiero et al. 2011).
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Activation of late origins which are located within rDNA repeats by Sir2 deletion

leads to repression of early-firing origins due to depletion of initiation factors

(Yoshida et al. 2014). In fission yeast, overexpression of Cdc45 or Hsk1-Dfp1 (the

homologue of Cdc7-Dbf4 complex) increased the numbers of early-firing origins

(Wu and Nurse 2009). It is not known whether initiation factors are limiting in

higher eukaryotes.

3.2.3 Replication Timing Coordinates with Gene Expression

Chromatin structure and its subnuclear position affect accessibility of replication

and transcription factors, and thus replication timing and gene expression may be

correlated with each other. Although DNA replication mostly starts at mid-S phase

and there is no strong relationship between transcription and DNA replication in

budding yeast, over 40 % of gene expression is correlated with initiation of DNA

replication at early S phase in Drosophila melanogaster (Raghuraman et al. 1997;

Schubeler et al. 2002). Indeed, a subset of RNA polymerase II binding sites over-

laps with ORC binding sites, and greater amount of RNA polymerase II is observed

at early-firing replication origins compared to late-firing origins, suggesting that

transcription influences replication timing (MacAlpine et al. 2004). Mouse immu-

noglobulin heavy chain locus (IgH) is rearranged by V(D)J recombination in

differentiation from immature B cells. Replication timing is converted from late

to early at the IgH locus during early stage of development in B cells, concomitant

with activation of gene expression, altered chromatin modification and subnuclear

localization (Norio et al. 2005; Oettinger 2004). In Chinese hamster ovary cells,

over 20 potential initiation sites are detected between the dihydrofolate reductase

(DHFR) and 2BE2121 genes. Suppression of DHFR expression by depletion of its

promoter led to decline of the origin activity at early S phase (Saha et al. 2004).

Furthermore, allele-specific gene expression with genomic imprinting also supports

positive relationship between transcription and initiation of DNA replication.

Female cells have two X chromosomes, and one of them is inactivated during

differentiation through deacetylation of histone H4 followed by expression of X

chromosome inactivation gene (Xist). Replication timing is switched from early to

late on the X chromosome that is silenced (Koehane et al. 1996, Note that H4

deacetylation is not necessary for inactivation of the X chromosome). In addition to

the X chromosome, some of disease-related genes are expressed in a paternal- or

maternal-specific manner (mono-allelic expression). The transcription of an

imprinted gene associates with allele-specific replication timing, and its replication

timing is established in the gametes (Simon et al. 1999). An imprinted chromosome

is regulated through allele-specific DNA methylation and histone modification

resulting in expression of only one allele (either paternal or maternal). The gene

of Prader-Willi syndrome (PWS) or of Angelman syndrome (AS) responsible for
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neurodegenerative disorders is located at chromosomes 15q11-13 and is exclu-

sively expressed on the paternal or maternal allele, respectively. The early replica-

tion timing at the PWS region is correlated with its gene expression level in

neuroblast, and suppression of SNRPN gene, a candidate causative gene for

PWS, results in loss of late replication timing in lymphocyte (Gunaratne et al.

1995). Furthermore, allele-specific replication timing was observed in the cells

derived from these patients (Knoll et al. 1994).

3.2.4 Replication Timing and Epigenetic Regulation

Posttranslational modifications of histone dictate chromatin structure and influence

multiple fundamental cellular functions including transcription and DNA replica-

tion (Campos and Reinberg 2009). Histone H3 deacetylase, Rpd3L, suppresses

about 100 replication origins in budding yeast. In Drosophila, the tethering of Rpd3
decreases replication origin activity, whereas an opposite effect was observed with

Chameau, the putative fly orthologue of human HBO1, histone H4 acetylase

(Aggarwal and Calvi 2004; Knott et al. 2009). These results suggest that the

alteration of histone modification can cause a switching of replication timing

from late to early or from early to late. The human β-globin domain replicates

late in non-erythroid cells, whereas it replicates at early S phase in erythroid cells

with concomitant increase of the histone H3 and H4 acetylation level. Tethering of

histone deacetylase to β-globin locus decreases the histone acetylation level over

this region and changes replication timing from early to late in a manner indepen-

dent of β-globin gene transcription (Goren et al. 2008). Genome-wide analyses

show that the histone modification correlates with replication activity in different

cell lines. Acetylation and methylation of histones H3 and H4 appear to affect

replication timing (Workman 2006; Eaton et al. 2011). H4K20me1 and H3K27me3

may be associated with early and mid-S replication, respectively (Picard et al.

2014).

HBO1 is required for efficient MCM recruitment to origins. The H4 acetylation

peaks at G1 phase, consistent with increasing HBO1 activity from M to G1 phase.

HAT activity of HBO1 is required for MCM loading. Geminin inhibits DNA

replication by preventing the interaction of HBO1 with Cdt1, which enhances

HBO1 activity (Iizuka et al. 2006; Miotto and Struhl 2010). Thus, histone acetyla-

tion promotes DNA replication by changing condensed chromatin into open chro-

matin, which may facilitate pre-RC assembly as well as its activation step.

Replication timing of an individual origin can be altered by manipulating the

localization or activity of histone modification factors. On the other hand, replica-

tion timing may affect histone modification. This possibility is also consistent with

the first appearance of changes in replication timing prior to the changes of

3 DNA Replication Timing: Temporal and Spatial Regulation of Eukaryotic DNA. . . 57



transcription or histone modification in X chromosome inactivation (Keohane et al.

1996; Lande-Diner et al. 2009).

3.2.5 Checkpoint Regulation and Replication Timing
Control

It was reported in budding yeast that a mutation in the checkpoint kinase rad53 led

to early firing of late-firing origins in the presence of hydroxyurea (HU) that

prevents replication fork progression due to depletion of nucleotide precursors

(Shirahige et al. 1998; Santocanale and Diffley 1998). HU induces fork stall and

induces replication checkpoint signaling, which inhibits the firing of late origins.

RFC-Ctf18 was reported to be required for suppression of late origin firing in

response to stalled forks (Crabbe et al. 2010). The question here is whether

checkpoint regulators are involved in replication timing regulation in the absence

of replication stress. In a mutant lacking checkpoint effector kinase Cds1, the

replication foci assume a novel distribution that is not present in wild-type cells

even in the absence of DNA damage (Meister et al. 2007). This suggested that the

checkpoint kinase contributes to replication timing regulation during normal cell

growth. In contrast, it was reported that low concentration of HU slows down S

phase without changing the order of origin firing (Alvino et al. 2007). Mrc1 was

reported be required for this “scaling” of the ordered origin firing in the cells with

extended S phase (Koren et al. 2010). Mrc1 is known to have both checkpoint-

dependent and checkpoint-independent functions (Szyjka et al. 2005), and it is not

known which functions are involved in the origin “scaling.” It was suggested that

Mrc1 may suppress firing of weak early-firing origins in a Chk1-independent

manner in unperturbed S phase (Hayano et al. 2011; Matsumoto et al. 2011 and

in preparation; see below). Future investigation will be needed to clarify the issue of

origin firing regulation by checkpoint in the absence of HU.

3.2.6 Replication Timing and Spatial Organization
of Chromatin in Nuclei

Chromosomes are organized and packaged in nuclei with characteristic subnuclear

positions which will have significant impact on transcription, replication, recombi-

nation, and repair. This sort of nuclear chromatin architecture is related to chroma-

tin loop networks that are generated by tethering of distant chromosome loci as well

as by interaction of chromatin with particular nuclear structures (Cremer et al.

2006). In general, inactive and closed chromosomes are located at nuclear periph-

ery, and active and open chromatin is at the interior of nuclei.
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DNA replication is spatially regulated. It has been known that locations of DNA

replication within nuclei change during S phase: many fine foci spreading all over

nuclei in the early S, discrete foci at the nuclear periphery and around nucleoli in

mid-S, and bigger foci that overlap with heterochromatic regions in late S

(Dimitrova and Berezney 2002). In budding yeast, the telomere region is

deacetylated and highly condensed. The late-replicating subtelomeric region pref-

erentially occupies the nuclear periphery segments during G1 phase. Thus, mid-/

late-replication is generally associated with nuclear periphery or other nuclear

structures. However, tethering of an early-firing origin to nuclear periphery does

not alter replication timing, indicating that the nuclear positioning alone is not

enough to dictate replication timing (Heun et al. 2001; Ebrahimi et al. 2010).

Recent analyses revealed genome-wide distribution of replication timing

domains in mammalian cells, reinforcing the idea that replication domains are

closely correlated with chromatin proximity maps generated by high-C analyses.

Thus, spatial organization of chromatin in nuclei is a major determinant for

replication timing in mammalian cells. The next question would be what deter-

mines the domains and how are they generated.

3.3 Mechanistic Insight into Regulation of Replication

Timing

3.3.1 Cis-Acting Sequences That Regulate Replication
Timing

In budding yeast, replication origins were first isolated as ARS (autonomously

replicating sequence) which includes an 11–17-bp consensus sequence (ACS;

ARS consensus) that has been shown to be essential for replication initiation

(Palzkill and Newlon 1988; Marahrens and Stillman 1992; Theis and Newlon

1997; Chuang and Kelly 1999). The origin recognition complex (ORC) has been

identified as a protein complex which binds to ARS through ACS in budding yeast

and was later shown to be conserved in other eukaryotes including human (Bell and

Stillman 1992). ACS itself cannot regulate replication timing, since it is present in

both early-firing and late-firing origins. Early pioneering studies indicated the

presence of another cis-acting sequence distal from a replication origin that may

determine the timing of origin firing. For instance, ARS1, a well-characterized

early-firing origin, fired late in S phase, when it was relocated to the position of

ARS501 which is located in the subtelomere region and replicates late in the S

phase (Ferguson and Fangman 1992). An element near the late-replicating origin on

the chromosome XIV contains a sequence contributing to its late replication. This

element can convert an early-firing origin from other loci to late-firing origin

(Friedman et al. 1996). In fission yeast, late-consensus sequence (LCS) and tandem

telomeric repeat are found to be present close to late replication origins and are
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sufficient for suppression of firing of origins placed nearby (Yompakdee and

Huberman 2004).

In Drosophila, an element named ACE3 is selectively bound by ORC and is

required in cis for activation of DNA replication at Ori-β and at nearby origins

(Austin et al. 1999; Beall et al. 2002; Zhang and Tower 2004). Deletion of a 13.5 kb

segment from the intergenic segment 30 to the Chinese hamster DHFR

(dihydrofolate reductase) gene results in complete loss of early replication at a

distal origin (Kalejta et al. 1998). Mammalian β-globin locus is replicated in late S

phase in non-erythroid cells, but is replicated early in erythroid cells. Replication

timing is developmentally regulated through the locus control region (LCR), a

16 kb segment that is located 6–22 kb upstream of β-globin gene and is important

for DNase-I resistance at the β-globin locus. LCR is sufficient to delay replication

timing and change gene expression but not to trigger chromatin modification

(Forrester et al. 1990; Simon et al. 2001; Feng et al. 2005). The cis-acting sequence
does not act as an origin but is necessary to recruit DNA replication initiation

factors. Cells might mark late replication origins on the chromosome through

histone modification and nucleosome condensation that regulate gene expression

in advance.

3.3.2 Factors Affecting Replication Timing

Recent studies identified potential regulators that may regulate replication timing

by recognizing the cis-regulatory sequences. Telomeres in yeasts are replicated

very late in spite of the presence of a large amount of bound Mcm proteins. A

number of proteins bind to telomere and subtelomere regions to regulate telomere

lengths and its functions. Ku is one of these telomere-binding proteins, and its

inactivation in yeast leads to shortening of telomere as well as activation of pre-RC

located within the 80 kb segment from the telomere end early in S phase (Cosgrove

et al. 2002). pif1mutation could restore both telomere length and its late replication

in the yku70Δ background, suggesting that Ku regulates replication timing through

size of the telomere. Origins on the arm segments were not affected in yku70Δ cells.

A conserved telomere-binding protein Rif1 was shown to regulate DNA repli-

cation timing not only at telomeres but also along the entire chromosomes (Kanoh

and Ishikawa 2001; Hayano et al. 2012). Rif1 was rediscovered as a bypass mutant

that could restore the growth of hsk1Δ cells (see below). Not only the dormant

origins in the subtelomere regions but also late/dormant origins on the chromosome

arms are extensively deregulated in rif1Δ cells in the presence of HU. Rif1 does not

affect the pre-RC formation but inhibits loading of Cdc45 onto pre-RC at late/

dormant origins. LCS-like sequences were found near the Rif1 binding sites. It

would be interesting to examine whether this sequence is involved in chromatin

binding of Rif1 (Yompakdee and Huberman 2004).

Rif1 is conserved in evolution, but its roles in telomere regulation are not

obvious in higher eukaryotes (Silverman et al. 2004). Further studies showed that
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Rif1 protein has a major impact on replication timing domain structures in mam-

malian cells as well. Chromatin binding pattern of Rif1 closely resembles foci

pattern of mid-S replication, localizing at nuclear periphery and around the nucle-

oli. It tightly binds to nuclease-insoluble nuclear structures at the end of M phase

and stays bound all through the interphase. Thus, decision for replication timing

appears to be made at the end of M phase/early G1. Rif1 was shown to affect the

chromatin loop sizes. Thus, it might regulate replication timing through dictating

subnuclear chromatin positioning (Yamazaki et al. 2012). Rif1, in conjunction with

topo II-mediated chromatin resetting at M phase (Lemaitre et al. 2005), may

generate mid-S replication chromatin domains by tethering chromosomes at

nuclear periphery or at nucleoli periphery, which would be refractory to actions

of initiation factors until the mid-S phase.

Another telomere-binding protein, Taz1, binds to selected arm segments by

recognizing a telomere-like sequence, GGTTAC and its tandem repeats, and

suppresses firing of selected late/dormant origins in fission yeast. The effect of

Taz1 on replication timing is dependent on Rif1 protein (Tazumi et al. 2012). It is

interesting to note that telomere-binding factors function on the chromosome arms

to regulate the timing of origin firing.

3.3.3 Novel Mechanisms of Regulation of Replication
Timing

Mrc1, an adaptor protein for replication checkpoint, is essential for replication

checkpoint, and loss of mrc1 results in activation of late/dormant origins. This is

exemplified also by the fact that mrc1Δ can bypass the requirement of hsk1 (cdc7

homologue of fission yeast) (Matsumoto et al. 2011). Checkpoint-deficient mutant

of mrc1 (mrc1–3A) as well as cds1Δ (downstream effector kinase) can activate late

origins in the presence of HU and also can weakly suppress hsk1Δ. The suppression
of hsk1Δ by mrc1-3A is not as efficient as by mrc1Δ, suggesting the presence of the
checkpoint-independent pathway for suppression of hsk1 mutation (Matsumoto

et al. 2011). Indeed, a mutant mrc1 was identified that is checkpoint-proficient

but can rescue hsk1 mutation. In this mutant, enhanced firing at weak early-firing

origins is observed. Mrc1 binds specifically to early-firing origins before the firing

event by Hsk1 kinase, and thus, it was proposed that Mrc1 may mark the early-

firing origins and exerts inhibitory functions on origin firing (Hayano et al. 2011;

Matsumoto et al., in preparation).

Fkh1 (forkhead homologue 1) and Fkh2 regulate expression of the genes related

to cell cycle at G2-M phase (e.g., CLB2) by binding their promoters. Fkh1 and Fkh2

were shown to be required for establishing early replication of clusters of early-

firing origins (Murakami et al. 2010; Knott et al. 2012). They bind to these

replication origins through interacting with ORC. Fkh1/Fkh2 may alter chromatin

configuration of the early-firing origins by tethering these clusters of origins, which
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will increase the local concentration of limiting initiation factors and facilitate the

early firing at these origins.

It was recently reported that budding yeast and fission yeast Rif1 proteins

interact with PP1 phosphatase through its PP1 interacting motifs. The recruitment

of PP1 counteracts the Cdc7-mediated phosphorylation of Mcm on chromatin and

inhibits the firing of nearby origins. It can also explain how loss of Rif1 partially

restores the defect caused by Cdc7 mutation (Hayano et al. 2012; Hiraga et al. 2014;

Dave et al. 2014; Mattarocci et al. 2014; Peace et al. 2014). It would be conceivable

that Rif1-mediated generation of specific chromatin architecture may assist the

positional effect of recruited phosphatase.

3.4 Physiological Functions of Replication Timing

Replication timing may directly or indirectly affect gene expression through its

effect on localization of transcription factors on the chromosome or histone mod-

ification. This suggests a possibility that DNA replication timing may play a role in

regulating differentiation/development as well as the pathogenesis of some dis-

eases. Indeed, it has been reported that replication timing is distinct between

different cell lines and cancer samples from different leukemia patients (Amiel

et al. 1998). The human β-globin domain spans over a 200 kb segment, and its

replication timing changes during development (Aladjem et al. 2002). Alteration of

DNA replication timing is observed prior to drastic transcriptional shift at early-

epiblast stage in mouse ES cells (Kitsberg et al. 1993; Simon et al. 2001; Hiratani

et al. 2010). It was suggested that manipulation of replication timing could be

exploited to inhibit abnormal growth of cancer cells by altering chromatin archi-

tecture or expression profiles (Amiel et al. 2001; Dotan et al. 2008; Korenstein-Ilan

et al. 2002; D’Antoni et al. 2004). Also, DNA replication timing could be a more

sensitive biomarker for cancer and other diseases (Allera-Moreau et al. 2012; Ryba

et al. 2012).

However, fission yeast rif1Δ cells grow almost as normally as the wild-type

cells, and they are resistant to various DNA-damaging agents or replication stress,

including MMS, UV, and HU, in spite of the fact that replication timing regulation

is grossly altered in this mutant (Hayano et al. 2012). Human cells depleted of Rif1

exhibit DNA stress, as exemplified by the phosphorylation of Chk1. Thus, temporal

regulation of early and late origin firing may contribute to the maintenance of

genomic stability. Nevertheless, they can complete S phase with almost normal

duration in the absence of Rif1. These facts indicate that replication timing,

although under regulation through conserved mechanisms, can be perturbed to a

significant extent without losing viability. In contrast to the pre-RC formation that

is regulated very strictly to permit once and only once replication and is absolutely

essential for DNA replication, replication timing regulation is far more relaxed and

adaptive to the intra- and extracellular conditions. It would be lethal for the cells if

DNA synthesis is aborted before completion. Thus, cells are programmed to
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complete S phase, once they have made a commitment to initiate DNA replication.

The presence of the pre-RCs on the genome far excess in number over what is

actually utilized would be manifestation of how eukaryotic cells cope with the

“emergency” that may threaten the completion of S phase (Aguilera and Garcia-

Muse 2013; Santocanale and Diffley 1998; Shechter et al. 2004).

Then, why DNA replication timing program? We think that the replication

timing is installed as a consequence of chromatin regulation that facilitates the

chromosome transactions needed to go through S phase. Transcription usually

facilitates initiation of DNA replication, thus replication and transcription regula-

tion may be locally coupled, which may be achieved by specific chromatin archi-

tecture generated by factors such as Rif1. The chromatin architecture would also

affect potential coregulation of DNA replication and repair/recombination. In fact,

Rif1 facilitates NHEJ (nonhomologous end joining)-mediated DSB repair through

53BP1 (Silverman et al. 2004; Callen et al. 2013; Zimmermann et al. 2013). These

systems are not essential for survival at a cellular level, but obviously play a crucial

role in the development of embryos into organs and tissues, as indicated by the

phenotypes of Rif1 knockout mice. They are deficient in gene rearrangement in B

cells, and display abnormal gene expression in ES cells, and also in developing

fertilized eggs (Yamazaki et al.; Yoshizawa et al., unpublished data). Abnormal

DNA replication program could contribute to tumorigenesis in a long term, since

the presence of replication stress is the first step for cancer cell development

(Bartkova et al. 2005, 2006; Ryba et al. 2012; Allera-Moreau et al. 2012). The

replication timing regulation is known to be related to frequency of mutagenesis.

Late-replicating segments generally have higher mutation frequency (Postnikoff

et al. 2012; Chen et al. 2010; Pink and Hurst 2010). Thus, abrogation of replication

program could potentially lead to increased mutagenesis. These issues need to be

experimentally evaluated in the future.

3.5 Concluding Remarks

Two aspects on regulation of eukaryotic DNA replication should be noted. A very

strict one applies to achieve “once and only once replication,” since re-replication

can immediately cause genomic instability and needs to be strictly avoided. On the

other hand, a relaxed regulation operates during S phase. The temporal and spatial

program of genome replication is under regulation of chromatin context, chromatin

architecture, transcription, availability of factors and materials (nucleotides), cel-

lular environment, and so forth. Once cells commit to DNA replication, there is no

return. They need to complete DNA synthesis; otherwise, they cannot survive.

Thus, abrogation of replication program has minimal effect on progression of S

phase. This is because cells are equipped with excess numbers of replication origins

and only a subset is utilized and others are backups for emergency. Nevertheless,

genomes are replicated under a program predetermined for each cell (Fig. 3.1).
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Replication timing regulation may be a result of chromatin organization which cells

adopt to maximize the efficiency and accuracy of nuclear transactions occurring on

the chromosomes under each physiological and developmental condition. It was

recently reported that Rif1 specifically binds to G-quadruplex structures and neg-

atively regulates DNA replication over a long distance (Kanoh et al. 2015). This

Fig. 3.1 Regulation of DNA replication timing

DNA replication timing is coordinated by various different cellular functions such as transcription,

histone modification, chromatin architecture, and subnuclear positions as well as through compe-

tition for limited factors. (a) The numbers of some essential replication factors (e.g., Cdc7-Dbf4,

Sld3, Cdc45, and Sld7) are less than that of replication origins, and thus the competition for limited

replication factors can be a determining element for replication timing. (b) and (c) Active

transcription and histone modification affect replication timing. (d) Subnuclear positions of origins

in nuclei, which may be specified at TDP (late M/early G1) in each cell cycle, can be a determinant

for the temporal and spatial regulation of replication timing in the next S phase. Rif1 could be a

major mediator of this regulation. (e) Cis-acting elements such as locus control region (LCR), late-

consensus sequence (LCS), or telomere-like sequence may be located near late-firing or dormant

replication origins. In fission yeast, telomere-binding factors (Rif1, Taz1) may recognize these

sequences to regulate firing of some late/dormant origins. In mammals, Rif1 may generate specific

chromatin architecture at particular subnuclear locations through its ability to generate chromatin

loops that may be closely related to replication timing domains. Rif1 may also recruit other factors

(e.g., phosphatase) to counteract the actions of kinases essential for initiation. (f) A transcription

factor (e.g., Fkh1/Fkh2) associates with subsets of early-firing origins and promotes early firing by

inducing their clustering. Black arrows indicate suppressive effect on origin firing, whereas the red
arrow indicates stimulatory effect
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suggests a novel mechanism for generation of chromatin architecture that depends

on unusual DNA structures present in the intergenic segments. Further analyses of

Rif1 and replication timing will yield important insight into general mechanisms of

chromatin regulation.
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Chapter 4

Mechanism of Homologous Recombination

Marek Sebesta and Lumir Krejci

Abstract Homologous recombination (HR) maintains genome stability by

repairing DNA double-strand breaks and gaps and restarting replication forks. It

is an error-free pathway that uses a homologous sequence in the genome to copy the

damaged genetic information. In the present chapter, we will discuss in detail the

mechanism by which HR operates to maintain genome stability as revealed by

studies predominantly performed in Saccharomyces cerevisiae. We will then dis-

cuss the similarities and dissimilarities between yeast and humans while empha-

sizing the importance of HR in suppressing carcinogenesis and as a potential

therapeutic target.
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Homologous recombination (HR) is a major DNA repair pathway that ensures

genome stability. In this chapter, we will discuss in detail the mechanism of HR

as revealed by studies predominantly performed on Saccharomyces cerevisiae. The
reason for this limited focus is mainly due to the large amount of scientific data

available. That abundance also enabled us to build a comprehensive and clear story.

In a separate section, we will then discuss the similarities and dissimilarities

between yeast and humans. Another section will stress the importance of HR in

suppressing carcinogenesis as well as describing HR as a potential therapeutic

target.

4.1 DNA Double-Strand Break Repair

DNA double-strand breaks (DSBs) constitute one of the most toxic forms of DNA

damage. Even a single unrepaired DSB can trigger cell cycle arrest and cell death.

Moreover, inadequate repair of DSBs can lead to deletions or insertions at the site

of the break or even to gross chromosomal rearrangements. Therefore, it is impor-

tant for the cell to repair DSBs efficiently and accurately (Chapman et al. 2012;

Krejci et al. 2012).

Over the course of evolution, several pathways have evolved to cope with DSBs.

The simplest mechanism is nonhomologous end joining (NHEJ), which directly

rejoins two ends of a broken DNA molecule (Fig. 4.1). The core component of

NHEJ is the Ku70–Ku80 complex, which binds the ends of a broken DNAmolecule

with high affinity, protecting them from degradation. It is also responsible for

recruitment of DNA ligase 4 (Dnl4) and its accessory factors Lif1 and Nej1.

Upon recruitment, Dnl4 ligates the ends to restore genome integrity, but this

frequently leads to loss of genetic information at the break. Microhomology-

mediated end joining (MMEJ) is an alternative DSB repair pathway that requires

more extensive microhomology (<10 nt) in comparison to classical NHEJ, where

homology up to 3 nt can be used to anneal the two strands. Although the pathway’s
mechanics are only poorly understood, it can be said generally that MMEJ repair

junctions often exhibit substantial deletions and/or lead to the generation of chro-

mosome translocations (Guirouilh-Barbat et al. 2008; Simsek and Jasin 2010; Deng

et al. 2014). Future studies are required to understand the molecular events initiat-

ing MMEJ, possible subpathways involved, regulation, and biological and clinical

relevance. For a more detailed description, see Chap. 13 of this book as well as

other extensive reviews (Deriano and Roth 2014; Boboila et al. 2012).

Alternatively, homologous recombination (HR) uses an undamaged homologous

sequence to seal the break in an error-free manner (Krejci et al. 2012; Heyer

et al. 2012). HR can proceed via several subpathways, including those of break-

induced replication (BIR), synthesis-dependent strand annealing (SDSA), classical

DSB repair (DSBR), or single-strand annealing (SSA) between flanking homolo-

gous sequences (Fig. 4.1).
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D-loop
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SSA
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gene conversion gene conversion crossoverhalf crossover gene conversion
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dHJ

SDSABIR
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Fig. 4.1 The pathways involved in the repair of DNA double-strand breaks (DSBs). Cells possess

various mechanisms to deal with a DSB. The classic nonhomologous (NHEJ) and

microhomology-mediated (MMEJ) end-joining pathways directly seal a break with no regard

for potential loss of genetic material. Alternatively, cells may use homologous recombination to

repair the DSB, working with a homologous donor sequence. First, a 30 overhang structure is

generated by nucleolytic processing of the DSB to enable formation of a Rad51 nucleoprotein

filament capable of homology search. Once the donor sequence is found, a transient structure,

known as a displacement loop (D-loop; highlighted in orange), is formed. At this step, the pathway

may lead into one of three alternative mechanisms depending upon cell cycle stage, second-end

availability, and cell division type. Break-induced replication (BIR) is used if one of the DSB ends

is missing, leading to assembly of a partial replication fork and resulting in a half crossover.

Alternatively, synthesis-dependent strand annealing (SDSA) is characterized by displacement of

the extended invading strand from a D-loop by helicase. This is followed by annealing with the

second end and a second round of DNA synthesis. The intact chromosome is thereby restored with

no risk of a potentially deleterious crossover product formation. Finally, in the double-strand break

repair (DSBR) pathway, the D-loop structure is stabilized by annealing with the second end of the

broken DNA, leading to formation of a double Holliday junction (dHJ; highlighted in orange),
which can be either nucleolytically resolved to form gene conversion or crossover products or

dissolved generating exclusively gene conversion products. If the DSB has occurred between

direct repeats, then cells can seal the break by the single-strand annealing (SSA) mechanism,

through which extensive nucleolytic processing proceeds until homologous sequences are

exposed. SSA yields loss of genetic information in the interstitial sequences
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4.2 Homologous Recombination

Homologous recombination (HR) maintains genome integrity during both meiosis

and mitosis. In meiosis, HR is essential for proper segregation of chromosomes and

for generating genetic diversity. Meiotic recombination is a programmed event

initiated by DSBs generated by the topoisomerase-like factor Spo11 (Keeney

et al. 1997; Bergerat et al. 1997). Where and how the location of a DSB during

meiosis is selected and marked remains poorly understood and thus it constitutes a

hot topic in the field today. This DSB is then processed by HR, generating a

physical connection between homologous chromosomes required for proper chro-

mosome segregation in meiosis I (de Massy 2013). This linkage (termed a Holliday

junction; see below) is subsequently resolved, leading to formation of both cross-

over and noncrossover products. Meiotic recombination is more specifically

described in Chap. 6.

In mitotically cycling yeast cells, HR is involved in several different processes:

(i) mating-type switching, (ii) repair of exogenously or endogenously formed

DSBs, (iii) restart of stalled and/or collapsed replication forks, and (iv) repair of

ssDNA gaps left behind after replication of a damaged DNA template. Similarly to

meiosis, mating-type switching is a programmed event, initiated by a sequence-

specific endonuclease (HO) and generating a DSB at the MAT locus. Repair of this

DSB by HR results in exchange of the current mating type with its opposite

(reviewed in Haber 2012). As mentioned above, HR is also required for repair of

DSB breaks generated by DNA-damaging agents. During S phase, replication forks

can stall as a result of obstacles present on the template DNA. HR can act directly at

the replication fork by promoting bypass of this obstacle or obstacles or repairing

ssDNA gaps which arise following repriming of DNA synthesis downstream from

the lesion (Branzei 2011).

4.3 Mechanism of Homologous Recombination

The actual mechanism can be divided into three separate steps. In the first step,

termed presynapsis, a set of nucleases resects both sides of a DSB to generate 30

ssDNA overhangs and enable nucleation of Rad51 recombinase nucleoprotein

filaments capable of searching for homology (Krejci et al. 2012; Symington and

Gautier 2012). To locate a substrate that can serve as a template for error-free

copying of the missing information, the Rad51–ssDNA nucleoprotein filament

searches for an undamaged, homologous sequence within the genome in the second

step, synapsis (Barzel and Kupiec 2008; Renkawitz et al. 2014). Once this is found,
a displacement loop (D-loop) structure is formed, with its invaded strand serving as

a primer for DNA synthesis. During the third step, called postsynapsis, the intact

chromosome is restored. This is the most complex step, as the pathway can proceed
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by any of the three mechanistically different subpathways mentioned above: SDSA,

DSBR, and BIR. Below, we will discuss the details of these individual steps.

4.3.1 Presynapsis

This step can be separated into two different stages: resection of the DSB ends to

generate 30 ssDNA overhangs protected by replication protein A (RPA) and then

RPA’s replacement by Rad51 and the formation of its nucleoprotein filament

(Fig. 4.2).

4.3.1.1 End Resection

An essential component of the end resection step is the MRX complex. It is

composed of the Mre11 endo- and exonuclease (Paull and Gellert 1998); Rad50,

a member of the structural maintenance of chromosome (SMC) protein family

(Anderson et al. 2001); and Xrs2, a structure-specific DNA-binding protein that

also mediates DNA damage checkpoint activation via interaction with the signaling

kinase Tel1/ATM (Trujillo 2003; Baroni et al. 2004). These proteins interact to

form a heterohexameric complex which is responsible for sensing the DNA breaks,

checkpoint activation, tethering broken DNA ends, eviction of nucleosomes in the

vicinity of the break, and controlling the end resection (Huertas 2010; Mimitou and

Symington 2009). The integrity of the complex is notably more important for the

end resection than is the nuclease activity on its own, as nuclease-defective mutants

show only modest phenotype differences compared to mutants affecting complex

stability (Usui et al. 1998; Krogh et al. 2005). Indeed, the complex’s nuclease

activity seems not to be essential for resection of “clean” DSBs, such as those

induced by HO, but rather for trimming of ends that are not chemically clean, such

as those generated by ionizing radiation (Llorente and Symington 2004). Corre-

spondingly, it is also essential for removal of Spo11 protein covalently attached to

the DNA ends during meiotic recombination (Keeney et al. 1997; Nairz and Klein

1997), providing initial, limited resection to enable further processing by other

downstream factors (see below). The nuclease activity of the MRX complex

appears to be regulated by Sae2, a protein described as having nuclease activity

(Lengsfeld et al. 2007) and whose nuclease domain has been characterized only

recently (Makharashvili et al. 2014; Wang et al. 2014). Mechanistically, Sae2

stimulates the nuclease activity of Mre11, which is dependent on the phosphoryla-

tion status of Sae2 (Cannavo and Cejka 2014). Similarly to Mre11 nuclease-

deficient mutants, sae2 cells also exhibit milder sensitivity to a broad range of

DNA-damaging agents (Prinz et al. 1997; McKee and Kleckner 1997). The regu-
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lation of end resection contributes to the choice of repair between NHEJ and HR,

which is also determined by cell cycle-dependent expression and phosphorylation

of Sae2 protein (Huertas et al. 2008).

In vivo, resection proceeds at a rate of about 4 kb/h, generating ssDNA over-

hangs with average length of 850 nt during meiosis or 2–4 kb in mitosis (Sugawara

et al. 1995; Chung et al. 2010; Zakharyevich et al. 2010). That is more than MRX–

Sae2 can generate alone. This, together with the mild phenotype sensitivity seen in

Pre - synapsis

Rad51 nucleoprotein filament - structure able to perform homology search

Rad51 nucleation and stabilization Rad51 removal

RPA loading

Srs2
RECQ5, FBH1, PARI

Rad52/Rad59 (Rad55-57, Shu complex)
BRCA2/RAD52 (RAD51 paralogues)

Exo1
EXO1

Sgs1-Top3-Rmi1/Dna2/RPA
BLM-TOPIIIα-RMI1-RMI2/DNA2/RPA

long range resection

RPA

Rad51(RAD51)

Nucleosome

limited end
processing MMEJ

NHEJ

MRX (MRN)
MRX, MRN  bridging, trimming
and opening of ends

Fig. 4.2 Presynaptic step of homologous recombination (HR). Among the first factors arriving at

the DSB site is the Mre11–Rad50–Xrs2 (MRX) complex (MRN complex in higher eukaryotes).

Upon initial trimming of the ends by MRX(N), the ends are further resected by two independent

pathways, one comprising Dna2 (DNA2 in humans) and the Sgs1–Top3–Rmi1 (STR) complex

(BLM–TOP3α–BLAP75(RMI1–RMI2) in humans) and the other involving Exo1 (EXO1). The

end resection yields long stretches of ssDNA, which is covered by RPA. In a later step, recom-

bination mediators, such as Rad52–Rad59 (BRCA2–RAD52), together with Rad51 paralogs

(Rad55–Rad57 and Shu complex; in humans RAD51 paralogs), help recombinase Rad51

(RAD51) form a nucleoprotein filament, which is an active structure able to perform the homology

search. As a quality-control mechanism, the helicase Srs2 is able to dismantle the Rad51, thereby

limiting the extent of HR. Although humans lack a clear Srs2 ortholog, several human factors

(RECQL5, FBH1, PARI) have been shown to dismantle RAD51 filaments
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nuclease-deficient Mre11 mutants, suggests involvement of additional nucleases.

Indeed, two redundant pathways required for long-range resection have been

identified (Fig. 4.2). The first one requires the activity of Exo1 nuclease and the

second involves the action of Dna2 nuclease together with Sgs1–Top3–Rmi1 (STR)

complex (Mimitou and Symington 2008; Zhu et al. 2008).

Exo1, a 50 to 30 exonuclease (Tishkoff et al. 1997), and Mre11 have redundant

roles in end resection, as revealed by the synergistic decrease in end resection in

double-mutant strains. Furthermore, overexpression of Exo1 can partially rescue

the end resection defects of MRX-deficient cells (Tsubouchi and Ogawa 2000; Lee

et al. 2002; Moreau et al. 2001). Exo1 is dispensable for the initial resection. Its

recruitment to DSBs is facilitated by the MRX complex and also requires removal

of Ku (Mimitou and Symington 2010; Shim et al. 2010). Importantly, biochemical

and genetic studies indicate that there is to be a coupling of the initial

MRX-dependent and the downstream Exo1-dependent resection (Zakharyevich

et al. 2010; Nicolette et al. 2010; Cannavo et al. 2013).

The redundant pathway to Exo1 requires the activity of Dna2–STR–RPA pro-

teins. The STR complex plays multiple roles in recombinational repair. In addition

to its role in end resection, it is also involved in later steps of HR (see below).

During end resection, the STR complex unwinds the strands of the DNA for

resection by Dna2. The helicase activity of Dna2 and enzymatic activity of Top3

are dispensable for end resection (Cejka et al. 2010a; Niu et al. 2010). The roles of

Top3–Rmi1 and the MRX complex are to stimulate Sgs1 helicase activity and the

actual end resection, respectively (Cejka et al. 2010a; Niu et al. 2010). Dna2 is an

essential exonuclease with both 50–30 and 30–50 polarity. The dual polarity of Dna2

is regulated by RPA, as its interaction inhibits the 30–50 exonuclease activity,

promoting resection with the required polarity. Therefore, RPA has an active role

in the process that is in addition to its well-established role in binding and

protecting ssDNA exposed by the nucleases (Cejka et al. 2010a; Niu et al. 2010).

Moreover, the RPA–ssDNA complex generated during end resection is sensed by

the damage-signaling proteins ATR–ATRIP, thereby activating the DNA damage

response, which then blocks progression of the cell cycle to allow time for repair

(see more comprehensive reviews for further details; Symington and Gautier 2012;

Huertas 2010; Sartori 2013).

As the triple mre11Δ exo1Δ sgs1Δ mutant is inviable, it seems that the three

aforementioned nuclease-containing complexes comprise the factors required for

the end resection (Mimitou and Symington 2008).

4.3.1.2 Nucleoprotein Filament Formation

The presence of RPA on the 30 ssDNA overhang presents a thermodynamic barrier

for nucleation of the Rad51 recombinase. To overcome this obstacle, several pro-

teins, known as recombination mediators, are required to load Rad51 onto ssDNA

(Sung 2003).
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Rad52 is the most important recombination mediator in yeast, as its deletion

abolishes all HR (including also the Rad51-independent SSA pathway). This

suggests that Rad52 plays an essential role during HR. Rad52 has strand annealing

activity and also promotes the exchange both in vivo and in vitro of RPA for Rad51

on ssDNA (Sung 1997a; Shinohara and Ogawa 1998; Lisby et al. 2004; Sugawara

et al. 2003; New et al. 1998; Mortensen et al. 1996). It binds DNA and Rad51 as

well as RPA bound to ssDNA through separate domains (Seong et al. 2008).

Although the exact molecular mechanism of Rad52’s action remains unknown, it

is clear that these interactions are crucial for its proper mediator function (Seong

et al. 2008; Plate et al. 2008a, b). In vivo, Rad52 forms a complex with its paralog,

Rad59 (Davis and Symington 2001; Davis 2003). This factor does not bind Rad51,

as it lacks a Rad51-interaction domain, but it does interact with DNA (Petukhova

et al. 1999). Rad59 is presumably an auxiliary factor for Rad52 which regulates

localization of Rad52 (Pannuzio et al. 2012) and helps to promote DSB-induced

and spontaneous SSA when the annealing region is shorter (Bai and Symington

1996; Jablonovich et al. 1999; Feng et al. 2007).

The other group of recombination mediator proteins consists of Rad51 paralogs.

In yeast, there are four Rad51 paralogs forming two distinct complexes. The

Rad55–Rad57 complex is required to stimulate Rad51-dependent HR (Gasior

et al. 1998; Sung 1997b). Recently, it has been shown that Rad55–Rad57 associates

with Rad51 filaments to stabilize the nucleoprotein filament against disassembly by

the Srs2 antirecombinase (Liu et al. 2011). The Shu complex contains another set of

more divergent Rad51 paralogs (Shu1 and Psy3 in complex with two auxiliary

components, Shu2 and Csm2) and has been shown to be structurally similar to

Rad51 (Shor et al. 2005; Tao et al. 2012; She et al. 2012). The Shu complex also

helps stabilize the Rad51 filament from disruption by Srs2 antirecombinase (Bern-

stein et al. 2011), although the exact molecular mechanism remains elusive.

Interestingly, the two complexes containing Rad51 paralogs cooperate in promot-

ing HR as Rad55–Rad57 promotes the association of Shu complex with Rad51

(Godin et al. 2013).

It should also be noted that recombination can be harmful. To prevent untimely

or unwanted recombination, the Rad51 filament can be displaced by the action of

Srs2 helicase/translocase (Krejci et al. 2003; Veaute et al. 2003). For more details,

see our more comprehensive review (Marini and Krejci 2010).

4.3.1.3 The Known Unknowns in the Presynaptic Step

The initiation of DSB resection clearly constitutes the initial selection step between

NHEJ and HR pathways (Krejci et al. 2012; McVey and Lee 2008). Remaining

undetermined, however, are how the inhibitory effect of Ku proteins is alleviated,

how the extent of resection is monitored, and how the entire process is regulated.

For instance, only Sae2, Dna2, and RPA have been identified as targets in regula-

tion of repair pathway choice by cyclin-dependent protein kinases (CDKs) (Huertas

et al. 2008; Brush et al. 1996; Chen et al. 2011). There is evidence that the MRX
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complex and Sae2 are involved in removal of Ku proteins, which is a prerequisite

for targeting Exo1 and Dna2 to the DSB and thus regulating initial as well as

extensive resection (Mimitou and Symington 2010; Shim et al. 2010), but the

mechanism is not clear. The chromatin status is also generally simplified and

needs to be addressed in detail. The role of chromatin remodelers in the accessi-

bility of the damaged site for recombination proteins has been shown for RSC1 and

RSC2 complexes (Chai et al. 2005; Shim et al. 2005; Kent et al. 2007), and this

reflects their rapid recruitment to both sides of the DSB with similar kinetics as

those of the MRX complex and both Tel1 and Mec1 kinases (Lisby et al. 2004; Chai

et al. 2005).

It remains an open question if there is a transition between end resection and

Rad51 nucleation and, if so, how it is regulated. It is known that, in the absence of

Rad51, end resection can reach up to 28 kb (Mimitou and Symington 2008; Zhu

et al. 2008). The extensive resection activates checkpoint signaling by generating

RPA-coated ssDNA (Brush et al. 1996; Zou and Elledge 2003). Moreover, Sae2

together with Exo1 and Dna2 is known to be phosphorylated upon induction of

DSBs (Baroni et al. 2004; Chen et al. 2011; Morin et al. 2008). It is tempting,

therefore, to speculate that a negative, checkpoint-dependent feedback loop exists

to regulate the extent of resection.

Another open question regards the mechanism of Rad51’s loading onto the

RPA-coated ssDNA. It is not known how Rad52 achieves the exchange of a protein

with higher affinity for ssDNA (i.e., RPA) for a protein with lower affinity (i.e.,

Rad51). Experiments with purified full-length BRCA2 (the human functional

ortholog of Rad52) suggest that BRCA2 increases the affinity of hRAD51 for

ssDNA (Liu et al. 2010; Jensen et al. 2010; Thorslund et al. 2010). Alternatively,

RPA binding to ssDNA has been shown to undergo microscopic dissociation as a

means of concentration-dependent protein exchange (Gibb et al. 2014). Rad52,

through its direct interaction with ssDNA-bound RPA, could promote such disso-

ciation of any of RPA’s four DNA-binding domains, thereby enabling nucleation of

Rad51 on ssDNA. Furthermore, RPA is phosphorylated and SUMOylated upon

DNA damage (Brush et al. 1996; Dou et al. 2010), and it has been proposed that

these modifications modulate or regulate its activity in vivo (Binz et al. 2004). It is

therefore possible that the molecular mechanism behind the Rad51 nucleation is

based on a transient change in the affinities of Rad51, Rad52, and RPA for ssDNA

binding. Importantly, Rad52 exists in solution as heptameric rings and thus can bind

seven Rad51 protomers, whereas BRCA2 has multiple tandem Rad51-binding BRC

repeats. These proteins may therefore act similarly effectively to increase the

concentration of Rad51 in a highly localized manner and thereby facilitate RPA

displacement.

Another important yet poorly understood question relates to the fate of the DSB

ends. More specifically, do both ends have a similar likelihood of engaging in the

downstream events of the HR pathway? An asymmetry in the ends has been shown

in the context of meiotic recombination, wherein only one end effectively engages

into homology search, as a consequence of Mre11-mediated removal of Spo11 from

the DNA (Neale et al. 2005). Noteworthy recent work has also suggested that the
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two meiotic recombinases (Rad51 and Dmc1) play different roles; while Dmc1 is

the bona fide meiotic recombinase, Rad51 promotes the formation of Dmc1–

ssDNA filaments (Cloud et al. 2012). This observation is corroborated by work

conducted on various model organisms (e.g., Arabidopsis thaliana) as well as by
the fact that Rad51 and Dmc1 are recruited and nucleated on RPA-coated ssDNA

by mechanisms involving different recombination mediators (Sheridan et al. 2008;

Say et al. 2011). In addition, Dmc1 filaments differ from Rad51 filaments in their

resistance to Srs2 antirecombinase (Sasanuma et al. 2013), as well as in the

resistance to Rad54-mediated dissociation from dsDNA (Bugreev et al. 2010). It

would also be of interest to determine whether, similarly to meiotic recombination,

in mitotic recombination the two ends have different fates, even though there

presently is no data available supporting this possibility. In fact, there is data

supporting the fact that both ends stay together in mitotic cells (Lisby et al. 2003;

Lobachev et al. 2004; Kaye et al. 2004), but it remains to be determined how the

different fate in meiosis is achieved.

4.3.2 Synapsis

The synapsis step can also be separated into two stages. In the first stage, the Rad51

nucleoprotein filament searches for a homologous sequence within the genome,

thereby leading to formation of a transient structure known as a D-loop. The

invading strand within the D-loop then serves, in the second stage of synapsis, as

a primer for the replication machinery to copy the missing genetic information

(Fig. 4.3).

4.3.2.1 Homology Search

The homology search performed by the Rad51 filament is still one of the least

understood stages of the entire HR pathway (Renkawitz et al. 2014). The search is

influenced by the stage of the cell cycle, which determines the presence of sister

chromatids, the preferred choice of the template for mitotic cells. By restricting the

sites for homology search through holding the sister chromatids in close proximity

via cohesin complexes (Nasmyth and Haering 2013), the Rad51 filament homology

search is likely facilitated. In the case of allelic recombination, however, when a

homologous sequence exists elsewhere in the genome, the mechanism of homology

search is largely unknown. Analysis of homology search by RecA protein, the

bacterial ortholog of the Rad51 recombinase, indicates that a conformational

proofreading, in which structural deformation is introduced between donor and

target sequences, enhances the detection of homology (Savir and Tlusty 2010).

Recently, the RecA nucleoprotein filament was shown to perform a homology

search by 3D sampling in which part of RecA engages one dsDNA region while

the other part of the filament can sample different regions (Chen et al. 2008; Forget
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and Kowalczykowski 2012). Furthermore, a short-range 1D sliding mechanism

combined with 3D sampling can dramatically accelerate homology search

(Ragunathan et al. 2012). In vivo, it has been shown that the nucleoprotein filament

can sample the entire chromosome upon which the DSB has been formed and that

higher chromatin structures, like chromatin loops, may help with the sampling

(Renkawitz et al. 2013). In reality, it takes 15–20 min for Rad51 to find the

homology after it has been detected at the site of the break at the MAT locus

(Sugawara et al. 2004). The Kupiec group has shown that the DNA in overlapping

territories recombine more efficiently than do sequences at distal regions, thus

Synapsis

Homology search

Ino80, increased chromatin mobility

D-loop formation

Rad54, RAD54-dependent homology search 

Polδ (Polη) 
POLδ  (POLη) 

Mph1, FANCM -
D-loop dissasembly

Rad51 (RAD51)

Histones

Rad54 (RAD54)

Ino80

RTEL

Srs2+
SUMO-PCNA

PARI?

Shorter extension Longer extension

POLκ,  (POLη)

PCNA/RFC

DNA damage checkpoint-mediated phosphorylation

PCNA-dependentpotentially 
PCNA-independent

Polymerase

Fig. 4.3 Synaptic step of HR. In this step, the Rad51 filament first searches for a homologous

sequence within the genome. This is the least understood part of the entire homologous recombi-

nation pathway. The homology search is facilitated by Rad54 (RAD54) DNA translocase as well

as by increased chromatin movement that is promoted by chromatin remodelers, mainly the Ino80

complex. The role that localization of DSB within the cells’ nuclei plays in HR efficiency is only

poorly understood. Nevertheless, once the filament finds a homologous sequence within the

genome, a transient D-loop structure is formed. This step is reversible, as the DNA helicases

Mph1, FANCM, and RTEL1 are able to dismantle the D-loop. Thereby, yet another quality-

control step is created within HR. The 30-OH group of the invading strand then serves as a primer

for the DNA replication machinery to copy the missing information. In budding yeast, this is

achieved exclusively in a PCNA-dependent manner, while in humans translesional DNA poly-

merase Pol η extends the D-loop in a PCNA-independent fashion, albeit generating extension

tracks shorter than those of Pol δ generated in a PCNA-dependent manner
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challenging the view that there is active scanning of the entire nuclear volume and

also emphasizing the requirement for nuclear organization to facilitate recombina-

tion (Agmon et al. 2013). The sampling for the homology can also be aided by

mobility of the DNA of both broken and intact chromosomes at the time of DSB

formation (Miné-Hattab and Rothstein 2012; Dion et al. 2012). Chromosome

dynamics also correlate with relocalization of the DSB to the nuclear periphery,

which might constitute a platform where alternative repair pathways can be used for

DSB repair (Oza et al. 2009). The mobility of DSBs requires activities of chromatin

remodelers, including Ino80 as well as Rad54, and might also be regulated by DNA

damage checkpoint machinery (Miné-Hattab and Rothstein 2012; Dion et al. 2012;

Neumann et al. 2012; Seeber et al. 2013; Dimitrova et al. 2008; Goodarzi

et al. 2011). Inasmuch as donor sequences can possess a regular chromatin struc-

ture, the same remodelers, including Snf5, facilitate accessibility for strand

exchange (Chai et al. 2005; Alexeev et al. 2003; Jaskelioff et al. 2003; Alexiadis

et al. 2004; Tsukuda et al. 2005). More information about the role of chromatin

during DNA repair can be found in Chap. 5. Once the homology is found, the

transient structure known as a D-loop is formed.

4.3.2.2 Recombination-Associated DNA Synthesis

In the next step, the invading strand within the D-loop structure serves as a primer

for the replication machinery to fill in the missing information. Genetic studies of

this step have been complicated, because most of the factors involved are essential

replication proteins. Nevertheless, by using conditional mutants, it has been shown

that the replicative polymerases δ and ε, their processivity factor (PCNA), and

Dpb11 are required for the extension of the D-loop in vivo. Meanwhile, the

replicative helicase complex (Cdc45, MCM, and GINS) is dispensable (Hicks

et al. 2010; Wang et al. 2004; Maloisel et al. 2008; Holmes and Haber 1999;

Germann et al. 2011).

As demonstrated by in vitro experiments, before the replication factors can

extend the D-loop, Rad54 translocase has to free the 30-OH of the invading strand

at the D-loop from Rad51 (Li and Heyer 2009). Next, the replication factory C

(RFC) clamp loader loads PCNA onto the D-loop to allow DNA polymerase δ
processive extension of the D-loop. The extension length observed in vitro, at ca

1000 nt, nicely correlates with the length observed in mammals in vivo (Neuwirth

et al. 2007; Rukść et al. 2008; Li et al. 2009; Sebesta et al. 2011; 2013; Sneeden

et al. 2013). Genetic as well as biochemical data indicate that various translesion

synthesis (TLS) polymerases, including Polη and Polκ, are also involved in HR

(Sebesta et al. 2011; Ogi et al. 2002; Okada et al. 2002; McIlwraith et al. 2005;

Kawamoto et al. 2005).

Recent work has pointed out that various DNA helicases affect recombination-

associated DNA synthesis. Pif1, a 50–30 DNA helicase also involved in Okazaki

fragment maturation and telomere homeostasis (Rossi et al. 2008; Boulé

et al. 2005), has been shown to promote extensive recombination-associated
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synthesis by migrating the D-loop structure, thereby promoting break-induced

replication (BIR; see below) (Wilson et al. 2014). Srs2, by contrast, blocks

D-loop extension by disrupting SUMO/PCNA interaction with Polδ, thereby elim-

inating crossovers in mitotically dividing cells (Burkovics et al. 2013). The chro-

matin state may also influence recombination-associated DNA synthesis, as

mutants deficient in function of the Ino80 complex frequently exhibit discontinuous

DNA synthesis which correlates with a defect in the displacement of nucleosomes

on the donor DNA (Tsukuda et al. 2009).

4.3.2.3 The Known Unknowns of the Synaptic Step

While many of the protein factors involved in this stage have been identified, the

mechanism of homology search remains the least understood phase of the entire HR

pathway. Despite research utilizing sophisticated techniques, it remains unknown

whether the search for a homologous sequence is a stochastic or a deterministic

event. Very little is known, too, about the influence of chromatin architecture and

chromosome dynamics. Since the γH2A signal is spreading as a consequence of a

homology search (Renkawitz et al. 2013), it would be of interest to know how DNA

synthesis is coordinated with chromatin remodeling. Several remodeling complexes

have been implicated in efficient repair of DSBs, but their specific roles and

interdependency remain to be determined.

Also needing to be addressed are questions of whether homology search is linked

or coordinated with end resection as well as whether both ends of the DSB engage

in homology search. Nor is it clear how the cross-talk between recombination and

replication machineries is achieved, how the replication machinery is recruited to

the D-loop, and what regulates the length of the extension. While it is plausible that

one or more recombination factors interact with one or more replication compo-

nents to ensure their recruitment, only rudimentary information is presently avail-

able regarding the cross-talk (Burgess et al. 2013; Zhang et al. 2013). Last but not

least, the coordination with mismatch repair should be taken into account.

Mismatch repair (MMR) proteins seem to play a role in limiting the length of the

heteroduplex formed after strand invasion (Bishop et al. 1987; Alani et al. 1994),

perhaps by blocking the extension after mismatch recognition. Therefore, these

may play a role in preventing toxic heterologous recombination.

4.3.3 Postsynapsis

Once the missing information has been filled in by DNA synthesis, the resulting

joint molecules must be resolved to restore an intact chromosome. While the early

steps of HR were similar, the postsynapsis step differs in respect to the several

alternative HR mechanisms, including: (i) synthesis-dependent strand annealing
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(SDSA), (ii) double-strand break repair (DSBR), and (iii) break-induced replication

(BIR) (Fig. 4.4).

4.3.3.1 Synthesis-Dependent Strand Annealing

Mitotically cycling cells have a bias toward a noncrossover product (Robert

et al. 2006). One way cells achieve this bias is by using the SDSA branch of

HR. During SDSA, the extended D-loop is displaced by one or more helicases.

Afterwards, the displaced ssDNA anneals with the second end of the DSB and a

gene conversion

SDSABIR
half crossover

Partial RF

Post - synapsis

crossover

DSBR

dHJ

Rad52

Single-ended DSB
(e.g. collapsed fork)

D-loop

gene conversion

Mus81/Mms4, Slx1/Slx4, Yen1, Mlh1, Exo1
MUS81/EME1, SLX1/SLX4, GEN1, MLH1, EXO1

Mph1 (Srs2?, Irc20?)
FANCM, RTEL

Sgs1-Top3-Rmi1
BLM-TOPIIIα-RMI1-RMI2

Fig. 4.4 Postsynaptic step of HR. Once the D-loop is extended, the homologous recombination

(HR) pathway can proceed in three different ways. If the DSB is single ended (e.g., resulting from

a replication fork collapse), a partial replication fork is established using break-induced replication

(BIR). This copies the missing information until the end of the chromosome. Alternatively, the

extended D-loop is displaced by a helicase using synthesis-dependent strand annealing (SDSA),

and after a second round of DNA synthesis, exclusively gene conversion products are formed.

Biochemically, Mph1 has been shown to dismantle the extended D-loop, but other helicases such

as Srs2 and Irc20 also promote SDSA through mechanisms yet uncharacterized. It will be of

interest to investigate whether the human functional orthologs of Mph1, FANCM, and RTEL1 also

dismantle the extended D-loop. For double-strand break repair (DSBR), Rad52 (RAD52) first

promotes second-end capture, creating a structure which upon a second round of DNA synthesis

creates a double Holliday junction (dHJ). Several nucleases have been shown to resolve this

structure, including Mus81–Mms4, Slx1–Slx4, Yen1, Mlh1, and Exo1 (and their respective human

orthologs). Their actions result in either the formation of gene conversion or crossover products

(Yen1, GEN1) or preferential formation of crossover products (Mus81–Mms4, Slx1–Slx4, Mlh1,

Exo1). As an alternative to resolution, a dissolution pathway exists in which Sgs1 (BLM)

convergently branch-migrates the dHJ, creating a hemicatenane structure that is dismantled by

topoisomerase Top3 (TOPIIIα) to yield exclusively gene conversion products
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second round of DNA synthesis follows. Upon ligation by Cdc9 DNA ligase (Fabre

and Roman 1979), genome integrity is restored and exclusively gene conversion

products are formed without crossing over (Sung and Klein 2006).

Genetic studies have implicated four DNA helicases in promoting SDSA: Mph1,

Srs2, Sgs1, and Irc20 (Ira et al. 2003; Prakash et al. 2009; Miura et al. 2012). It has

been proposed that Srs2 unwinds the invading strand from the template DNA in an

oligo-based substrate (Dupaigne et al. 2008). Nevertheless, in the context of Rad51-

catalyzed D-loop and following an extension of the invading strand, only Mph1 was

able to efficiently displace the invading as well as extended strand from the D-loop

(Sebesta et al. 2011; Prakash et al. 2009). Thus, Srs2 may promote SDSA by

suppressing the second-end capture or by limiting the extent of recombination-

associated DNA synthesis in a SUMO–PCNA-dependent manner (Burkovics

et al. 2013). Indeed, both helicases as well as PCNA and SUMO interaction motifs

of Srs2 are required for SDSA (Burgess et al. 2009; Kolesar et al. 2012; Burkovics

et al. 2013). A recent genetic analysis that was able more specifically to distinguish

between HJ cleavage, dissolution, and SDSA proposed that Srs2 acts on D-loops

and nicked single or double HJs to generate gene conversion products (Mitchel

et al. 2013). While Sgs1 is clearly involved in the DSBR pathway (see below)

through dissolution of double Holliday junctions (dHJs) (Oh et al. 2007), its role in

SDSA is not clear. Even though Sgs1 or BLM, its human ortholog, is able to unwind

synthetic D-loops (van Brabant et al. 2014), it does not dissociate Rad51-mediated

D-loops in vitro (Sebesta et al. 2011). On the other hand, it has been proposed that

the Sgs1–Top3–Rmi1 (STR) complex dismantles the D-loop by a combination of

strand exchange, reannealing, and decatenation (Cejka et al. 2010b; 2012). This

observation helps explain the genetic requirements of Sgs1 for noncrossover in a

gap-repair assay (Mitchel et al. 2013) as well as early SDSA-like gene conversion

during meiosis (Zakharyevich et al. 2012; De Muyt et al. 2012). Irc20, meanwhile,

is a largely uncharacterized, putative helicase whose exact role in SDSA has yet to

be determined, but it seems to promote this pathway prior to D-loop formation

(Miura et al. 2012).

4.3.3.2 Double-Strand Break Repair

This branch, in contrast to SDSA, is characterized by stabilization of an extended

D-loop by the second end of the broken DNA (Fig. 4.4), an activity that is catalyzed

by Rad52 protein (Shi et al. 2009; Nimonkar et al. 2009). Similarly, Brh2, a Rad52

functional homolog in Ustilago maydis, also promotes DNA synthesis-dependent

second-end capture (Mazloum and Holloman 2009). Following a second round of

DNA synthesis from the other broken end, a double Holliday junction (dHJ) is

formed (Fig. 4.4) (Szostak et al. 1983). From this point, two alternative mecha-

nisms, namely, dissolution or resolution, can take place to process the dHJ and

restore genome integrity.

In mitotic cells, there is strong bias toward generation of noncrossovers. This is

achieved through dissolution that does not involve cleavage of the dHJ and is
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executed by the STR complex (Hickson and Mankouri 2011). Within this complex,

the decatenase activity of Top3 and the helicase activity of Sgs1 are perfectly suited

to dissolving the dHJ via a strand passage mechanism to prevent crossovers

(Wu and Hickson 2003; Cejka et al. 2010b; 2012). Rmi1 is a structure-specific

DNA-binding protein which targets Sgs1–Top3 to appropriate substrates, stabilizes

the STR complex, and stimulates the dissolution (Mullen et al. 2005; Cejka

et al. 2010b).

Even during mitosis, however, some proportion of recombination yields cross-

overs via resolution of the dHJ by one or more structure-specific endonucleases. In

contrast to a single canonical resolvase in bacteria or bacteriophage, in yeast several

complexes have been described as participating in this process. Yen1 cleaves HJs

symmetrically to generate products which can be directly religated (Ip et al. 2008).

Upon activation by phosphorylation, immunoaffinity-purified Mus81–Mms4 has

also been shown to cleave an HJ, albeit with low activity (Matos et al. 2011; Gallo-

Fernández et al. 2012; Szakal and Branzei 2013). Additionally, the Slx1–Slx4

complex also cleaves the HJ asymmetrically in vitro (Fricke and Brill 2003) and

is implicated in resolution of HJs during meiotic HR (Zakharyevich et al. 2012; De

Muyt et al. 2012). Lastly, Exo1 and mismatch repair protein complex Mlh1–Mlh3

are reported to contribute exclusively to resolution of meiotic HJs, although no

details have been reported about the mechanism (Zakharyevich et al. 2012; De

Muyt et al. 2012). Only recently, it has been proposed that the Mlh1–Mlh3 complex

is an endonuclease with preference for HJs in vitro (Ranjha et al. 2014; Rogacheva

et al. 2014). A role for Rad1–Rad10 has been described in generating nicked

substrates which can be further cleaved by the Mus81–Mms4 complex with no

need for Mus81–Mms4 activation (Maz�on et al. 2012; Mu~n�oz-Galván et al. 2012).

Viewing all this together, it seems that several different nucleases alone or in a

coordinated fashion are required for resolution of dHJs to ensure genome integrity.

A symmetrically cleaved dHJ can be directly religated by Cdc9 (Fabre and Roman

1979). An asymmetrically cleaved HJ, meanwhile, requires additional processing

of the ends, probably by the Mus81–Mms4 and Rad1–Rad10 complexes.

4.3.3.3 Break-Induced Replication

BIR is a pathway employed at single-ended DSBs and as such has roles in restarting

stalled or collapsed replication forks and in recombination-dependent telomere

lengthening to maintain the chromosome ends in telomerase-deficient cells

(which undergo the so-called alternative lengthening of telomeres or ALT)

(Malkova and Ira 2013). Strand invasion may proceed either in a Rad51-dependent

or Rad51-independent manner (Malkova et al. 1996; 2005; Davis and Symington

2004; VanHulle et al. 2007), which differs in their requirements for homology

between interacting DNAmolecules. While this step is similar to the first step in the

pathways previously described (e.g., SDSA and DSBR), the initiation of DNA

synthesis takes 3–5 h longer in this pathway than it does for SDSA, probably

offering an opportunity for the cell to explore other means of repair (Malkova
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et al. 2005; Jain et al. 2009; Lydeard et al. 2010). There are also several possible

ways to initiate DNA synthesis. One consists of resolving a D-loop structure and

assembling a partial replication fork with DNA synthesis proceeding along the

entire chromosome (Fig. 4.4). The other options are associated with migration of

the D-loop with coordinated or discoordinated DNA synthesis. While the first

model generates products of semiconservative replication, the others are character-

ized by conservative replication (Cromie and Smith 2007; Llorente et al. 2008;

Donnianni and Symington 2013; Saini et al. 2013).

Efficient BIR requires recombination factors as well as essential replisome

factors and the nonessential subunit of the polymerase δ complex, Pol32 (Lydeard

et al. 2007; 2010). The DNA synthesis is more mutagenic compared to normal

replication and frequently leads to gross chromosomal rearrangements (Lemoine

et al. 2005; Narayanan et al. 2006; Deem et al. 2008; Putnam et al. 2009). In

addition, the structure-specific nucleases Mus81–Mms4, Yen1, and Slx1–Slx4 have

recently been implicated in BIR (Pardo and Aguilera, 2012), probably in the

processing of various intermediates. For more details about the BIR mechanism,

see articles by Malkova and Ira (2013) and Sakofsky et al. (2012).

4.3.3.4 Single-Strand Annealing

SSA is mainly used by cells when extensive resection of DSB reveals regions of

homology in cis (i.e., on the same DNA molecule); examples include repetitive

sequences, and it therefore constitutes a third alternative pathway of homologous

recombination (Fig. 4.1). SSA seals the break using the same DNA molecule upon

which the DSB was formed rather than employing a template molecule in trans.
The end resection is the rate-limiting step, with its estimated speed of 4 kb/h. In

contrast to other HR pathways, SSA is not dependent on Rad51 (Mimitou and

Symington 2008; Zhu et al. 2008). When the ssDNA region reaches the repetitive

sequence on both sides of the DSB, Rad52 or Rad59 anneals complementary

strands. Rad52 is generally required for SSA, even though, in the case of long

repetitive sequences, SSA becomes Rad52 independent. The mismatches within

annealing sequences greatly influence the efficiency of SSA. In contrast to normal

mismatch repair (MMR), DNA helicases have been also shown to play an important

role in the rejection of annealed strands by unwinding mismatched sequences for

the next annealing step (Sugawara et al. 2004; Goldfarb and Alani 2005). The

annealing results in the generation of 30 tails. These intermediates are cleavable by

Rad1–Rad10 and in the cases of small homologies also by Msh2–Msh3. Recruit-

ment and the activity of these nucleases is regulated by Saw1 and scaffold protein

Slx4 (Li et al. 2008, 2013a; Toh et al. 2010). After cleavage, subsequent DNA

synthesis and ligation restores genome integrity, although the event is frequently

associated with large chromosomal deletions (Krogh and Symington 2004). The

dynamics of repetitive sequences are described in Chap. 10.
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4.3.3.5 The Known Unknowns of the Postsynaptic Step of HR

While the alternative branches of HR are relatively well described, it is not clear

how cells choose among them. The choice between SDSA and DSBR may be

regulated by the presence and/or posttranslational modification of helicases

involved in promoting SDSA or preventing second-end capture. Mph1 is

downregulated during the meiotic program (Chu et al. 1998; Roberts et al. 2000),

which corresponds with the notion that meiosis shows a bias toward crossover

products. Also, phosphorylation of Srs2 has been shown to promote SDSA

(Saponaro et al. 2010). Alternatively, cells may influence the choice of the down-

stream pathway by regulating the extent of recombination-associated DNA synthe-

sis. There is a correlation between the length of gene conversion tracks and the

likelihood of a crossover product (Inbar et al. 2000). Additionally, SUMOylation of

PCNA has been shown to regulate the extent of recombination-associated DNA

synthesis (Burkovics et al. 2013). As for BIR, there is a delay in assembly of the

replication fork and it is not known what delays the start of the DNA synthesis. It is

also possible that BIR may be the last resort for the cell to restore genome integrity

when the second end is lost.

How strand invasion in the Rad51-independent mechanism is achieved remains

to be characterized. Rad52 possesses annealing activity, however, and has been

shown to promote strand exchange (Mortensen et al. 1996; Bi et al. 2004), even

though there is a lack of supporting biological data for this activity. Similarly, other

factors required for BIR also have been reported to mediate strand invasion,

including Rad5 and its human HLTF homolog (Burkovics et al. 2014), which,

together with local unwinding by the MRX complex, facilitate invasion (Cannon

et al. 2013). We also need to determine the particular mechanism for DNA

synthesis during BIR as well as the role of structure-specific nucleases. Similarly,

posttranslational modification will play an important role in regulation as both

ubiquitin and SUMO pathways are required for BIR (Lydeard et al. 2010).

Also not known is how a dHJ is formed following the second round of DNA

synthesis during DSBR. Current models imply that limited branch migration

coupled to ligation of the nicked substrates takes place. However, experimental

evidence for these processes is lacking.

Another long-standing question concerns the roles of individual nucleases and

their regulation in processing various intermediates. Recent observations suggest

coordinated action of various structure-specific nucleases (Castor et al. 2013; Naim

et al. 2013; Wyatt et al. 2013; Ying et al. 2013). As mentioned above, the effect of

chromatin status and its role in the accessibility of DNA and recruitment or

signaling for repair remain elusive. Similarly, our understanding of remodeling

complexes in the restoration of nucleosome occupancy after completion of DNA

repair is also very limited.
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4.4 Regulation of Homologous Recombination

Homologous recombination is a double-edged sword. It maintains genome integrity

in relation to a wide variety of DNA damage types, yet, on the other hand, it may

lead to gross chromosomal rearrangements (Putnam et al. 2009; Hoang et al. 2010),

loss of genetic information, and ultimately cell death. Therefore, it is extremely

important for cells to tightly regulate the use of HR (Krejci et al. 2012; Heyer

et al. 2012). Many aspects of regulation will be included in several chapters of

this book.

HR is regulated in a variety of conceptually different ways. Among these, DNA

damage checkpoints play an essential role. According to a given type of DNA

damage, these checkpoints delay cell cycle progression to allow time for efficient

repair before commitment to another cell cycle phase (see also Chap. 16). Proper

choice of repair pathway is also achieved by cell cycle-dependent regulation of HR

factors’ expression in order to assure their use until chromosomes are duplicated to

provide a donor sequence (in late S and G2/M phases of the cell cycle) (Mathiasen

and Lisby 2014). Within HR, there is a subset of stages (reviewed in the previous

section) that serve as regulatory points. These include end resection, Rad51 fila-

ment and D-loop formation, DNA synthesis, and processing of recombination

intermediates. In response to DNA damage, the proteins responsible for HR also

undergo various posttranslational modifications, including phosphorylation,

SUMOylation, and ubiquitylation, which alter their localization and/or biochemical

properties and/or create novel interaction surfaces (Krejci et al. 2012; Branzei

2011; Ulrich 2011). HR is also influenced by the chromatin status and localization

of the damaged DNA to discrete subnuclear compartments (Taddei and Gasser

2012).

4.5 Similarities and Dissimilarities of the HR Mechanism

Between Yeast and Humans

In this section, we will briefly compare the mechanism of HR in yeast and humans.

Studies performed both in vitro and in vivo have shown that the basic mechanism

and key biochemical activities are well conserved from yeast to humans. These

include: (i) the end resection machinery (the initial trimming as well as the two long

patch resection pathways) (Cejka et al. 2010a; Niu et al. 2010; Nimonkar

et al. 2011), (ii) the RAD51 recombinase belonging to the RecA family (Baumann

et al. 1996), (iii) the machinery copying the lost genetic information from the

undamaged template (Sebesta et al. 2011; 2013; Sneeden et al. 2013), and

(iv) mechanisms responsible for resolution or dissolution of dHJs arising during

HR (Ip et al. 2008; Svendsen and Harper 2010; Klein and Symington 2009).

Importantly, not only the biochemical activities but also the responsible factors

4 Mechanism of Homologous Recombination 91

http://dx.doi.org/10.1007/978-4-431-55873-6_16


are highly conserved between yeast and humans, pointing to the importance of HR

in maintaining genome stability.

There are nevertheless also important differences between yeast and humans,

including the use of the HR pathway itself as well as mechanistic dissimilarities. In

the case of yeast, the majority of DSBs are repaired by HR rather than by NHEJ,

which is the predominant DSB repair pathway in higher eukaryotes. This striking

difference in the use of HR may stem from the complexity of the human genome.

While 73 % of the yeast genome is composed of coding regions, only 3 % of the

human genome comprises protein-coding regions (Alexander et al. 2010). More-

over, most of the human genome is composed of highly repetitive DNA sequences,

which, in the context of HR-mediated repair, may lead to gross chromosomal

rearrangements (GCR), including DNA translocations. Despite its being error

prone, the use of NHEJ still ensures maintaining integrity of the genome and

prevents GCR. Moreover, HR in higher eukaryotes acts in concert with the Fanconi

anemia pathway (see Chap. 8) to repair interstrand cross-links, one of the most

dangerous insults to DNA stability. Such link has been studied only to a very

limited degree in yeast (Cassier et al. 1980; Henriques and Moustacchi 1981).

As far as mechanistic aspects of HR are concerned, many of the differences

involve activities of the Rad51 protein as well as steps of RAD51 filament forma-

tion. Unlike yeast’s Rad51, binding of the human homolog to DNA is dependent on

the presence of its nucleotide cofactor (Zaitseva et al. 1999). Human RAD51 is also

less efficient in in vitro reactions compared with yeast Rad51 (Baumann

et al. 1996). This difference may be explained by different kinetics of ATP

hydrolysis (Bugreev and Mazin 2004) associated with corresponding structural

changes (Ristic 2005). Importantly, while the depletion of yeast Rad51 has no

significant effect on cell survival, depletion of mouse RAD51 results in early

embryonic lethality (Lim and Hasty 1996; Tsuzuki et al. 1996), thus indicating its

importance in maintaining genome integrity and cell proliferation during develop-

ment in higher eukaryotes. These biochemical, structural, and biological differ-

ences point to a requirement for a different set of accessory factors for RAD51. As a

consequence, RAD51 accessory factors (PALB2, RAD51AP1, BRCA2) help to

stabilize the RAD51 filament by decreasing the ATPase activity of RAD51 (Jensen

et al. 2010; Liu et al. 2010; Thorslund et al. 2010; Dunlop et al. 2012; Dray

et al. 2010). Similarly, although the exact mechanism of their action remains to

be investigated, the RAD51 paralogs (RAD51B, RAD51C, RAD51D, XRCC2,

XRCC3) are known to promote HR by stabilizing the RAD51 filament (Sigurdsson

et al. 2001; Räschle et al. 2008). BRCA2, the main recombination mediator in

higher eukaryotes, shares no sequence homology with yeast Rad52. The limited

mechanistic data available suggest that both BRCA2 and Rad52 similarly promote

Rad51 filament formation, thus implying conservation of the mechanism of fila-

ment formation. Accordingly, the human sequence ortholog of Rad52, RAD52

protein, might have taken over the role of Rad59 in yeast by promoting the SSA

pathway (Reddy et al. 1997). This view is supported by the synthetic lethality

observed in cells co-depleted for RAD52 and BRCA2 or Rad51 paralogs (Feng

et al. 2011; Lok et al. 2013). The differences in metabolism of RAD51 filaments
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may also be reflected in the absence of a clear ortholog of Srs2 (i.e., of a factor

dismantling RAD51 filaments from ssDNA) (Krejci et al. 2003; Veaute et al. 2003)

in higher eukaryotes. Despite the fact that in vitro several human RecQ orthologs

(e.g., BLM, RECQL5) have been shown to dismantle RAD51 filaments

(Hu et al. 2007; Bugreev et al. 2007), in vivo evidence suggests it is more plausible

that PARI, FHB1, and RTEL1 are the bona fide Srs2 functional orthologs (Chiolo

et al. 2007; Barber et al. 2008; Moldovan et al. 2012; Vannier et al. 2013). It is

noteworthy that, mechanistically, RTEL1 resembles yeast Mph1 but not Srs2, as it

dismantles D-loop intermediate and not RAD51 filaments (Prakash et al. 2009;

Barber et al. 2008; Vannier et al. 2012). Thus, it will be interesting to determine

whether RTEL1, like Mph1 (Sebesta et al. 2011), also dismantles the extended

D-loop to promote the SDSA branch of HR.

Differences also exist in HR’s downstream steps. In vitro studies of the DNA

synthesis step indicate that, while all the tested yeast polymerases require PCNA

loading for their activity (Li et al. 2009; Sebesta et al. 2011; Li et al. 2013b), human

Pol η can extend the DNA independent of PCNA (Sebesta et al. 2013; McIlwraith

et al. 2005; Kawamoto et al. 2005). PCNA-independent Pol η tracks are neverthe-

less shorter, thus raising the possibility that hPCNA might regulate the length of the

extension tracks (Sebesta et al. 2013). Another difference lies in the mechanism of

HJ resolution. The yeast Slx4 is not a docking platform for the different nucleases,

as shown in the case of higher eukaryotes, where SLX4 associates with SLX1,

ERCC1–XPF, and MUS81–EME1 (Rouse 2009). Recent work suggests that

SLX1–SLX4 and MUS81–EME1 cooperate in HJ resolution through a mechanism

by which the SLX1–SLX4 complex generates the initial nick creating a more

suitable substrate for MUS81–EME1 (Wyatt et al. 2013; Castor et al. 2013). This

observation awaits confirmation in yeast. Similar coordination was also reported for

human MUS81 and XPF complexes to process late replication intermediates (Naim

et al., 2013; Ying et al., 2013), thus indicating a high level of complexity to ensure

resolution of all possible intermediates.

4.6 Role of HR in Carcinogenesis

Despite some idiosyncrasies between yeast and humans, the factors and mechanism

of HR are well conserved, suggesting that HR plays an important role in

maintaining genome stability throughout evolution with an impact on carcinogen-

esis. Several observations supports this view: (i) many HR factors are tumor

suppressors, (ii) upregulation or improper use of HR often results in increases in

GCR, and (iii) absence of the key factors involved in HR is often embryonic lethal.

These seemingly contradictory observations are not mutually exclusive and will be

described in more detail below.

HR restores genome integrity in an error-free manner and therefore mutations in

key HR factors lead to increased genomic instability directly or through the use of

less accurate or atypical pathways. The accumulation of mutations might decrease
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cellular fitness but at the same time provide cells with greater variability. Indeed,

mutations in HR factors are associated with hereditary, cancer-prone syndromes as

well as with sporadic cancers. Among these are factors involved in DNA damage

checkpoint response, end resection, RAD51 filament formation, and resolution of

recombination intermediates. It is also possible that the association of mutations

with various diseases would be much greater were it not for HR, as original mutator

phenotypes could be lost under selection pressure in order to stabilize the cell. Such

a scenario has been described for BRCA1 and BRCA2 (Yang et al. 2011).

As discussed earlier, however, recombination needs to be kept under very tight

control, especially in organisms with complex genome architectures. This is due to

the high content of repetitive sequences in which repair of DSBs by HR can lead to

GCR. While major effort in the field is focused on identifying HR-defective genes

and their contribution to carcinogenesis, less attention is given to their possible

upregulation (Klein 2007; Schild and Wiese 2010). The reason for HR upregulation

could be a consequence of genomic instability, as has been shown for various

cancer-derived cell lines (Reliene et al. 2007; Mitra et al. 2009), or compensation

for defects upstream in the HR pathway (Martin et al. 2007). Furthermore, analysis

of HR-related genes has revealed evolutionarily conserved, complex regulatory

elements in their promoter regions (Henning and Stürzbecher 2003), thus

supporting tight control of expression and representing potential regulatory regions

during carcinogenesis. One example of this mechanism is the constitutive activa-

tion of several fusion tyrosine kinases (Bcr–Abl, Tel–Abl, Tel–Jak2, etc.) associ-

ated with carcinogenesis and which upregulate the expression of RAD51, thus

contributing to observed resistance to chemotherapy (Slupianek et al. 2002). This

points to the importance of proper regulation of HR such that the pathway protects

the organism from accumulating mutations but is kept at bay so as not to cause

deleterious DNA translocations.

Historically, HR was studied in the context of induced DNA damage (e.g.,

ionizing radiation induced, methyl methanesulfonate induced). Despite the impor-

tance of this approach in elucidating the mechanism of HR, a paradigm change has

occurred in the field in recent years. More sensitive techniques have enabled the

study of replication under unperturbed conditions, indicating that the DNA repli-

cation itself results in activation of DNA checkpoint due to the presence of hard-to-

replicate sequences (e.g., putative G-quadruplexes, repetitive sequences, telo-

meres). These sequences cause replisomes to pause, and prolonged pausing on

such sequences may eventually lead to collapse of the replication forks and

subsequent DSB formation. It is the formation of these DSBs that may lead to

promotion of carcinogenesis if left unrepaired or repaired inaccurately. Accord-

ingly, inability to promote genome stability during S phase may be the cause for the

embryonic lethality of most HR factors in higher eukaryotes. These topics have

been discussed in recent reviews (Carr and Lambert 2013; Aguilera and Garcı́a-

Muse 2014).
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4.6.1 Homologous Recombination Pathway as Target
for Cancer Therapy

As stated above, the HR pathways play a crucial role in suppressing tumor pro-

gression, as mutation in key HR factors (e.g., BLM, the human ortholog of Sgs1,

and BRCA2, the human functional ortholog of Rad52) renders cells cancer prone.

Importantly, it has been described that, in the process of carcinogenesis, several HR

proteins are inactivated selectively in tumor cells (Schild and Wiese 2010). Con-

sequently, these cells could be sensitized to such DNA-damaging agents as anti-

metabolites, platinum-based drugs, alkylating agents, anthracyclines, and

topoisomerase inhibitors that represent classic chemotherapeutic DNA-damaging

agents.

This observation in combination with a classic genetic approach to studying the

relationships between genes – synthetic lethality/sickness (SL/SSC) – led to the

development of yet another, more specific strategy in cancer treatment. The

SL/SSC phenotype requires two mutations that individually are compatible with

cell viability but when combined lead to synergistic slow growth or cell death. For

cancer treatment, if either of the two SL/SSC partners is cancer-cell specific, then

inactivation of the second gene, such as by drug-mediated inhibition, could provide

highly effective and selective killing of cancer cells without toxic effect on normal

cells. This approach, first discovered by Dobzhansky (1946) and later applied to

cancer therapeutics by Hartman et al. (2001), was pioneered in the context of HR by

Ashworth, Jackson, and Helleday (Farmer et al. 2005; Bryant et al. 2005). These

studies explored chemical inhibition of a base excision repair factor poly

(ADP-ribose) polymerase (PARP) in the context of breast cancer, in which patients

lack the recombination mediator BRCA2. Moreover, a recent whole-genome syn-

thetic lethality screen conducted in yeast underlines its potential. This study

described 4975 unique synthetic lethal interactions of 75 genome maintenance

genes with 875 additional genes, offering a plethora of possible combinations that

can, upon initial verification, be used in cancer treatment similarly to the one

already employed (Pan et al. 2006; Reinhardt et al. 2009).

On the other hand, functional HR is required also for cancer cells’ survival and
therefore their resistance to treatment. This represents one of the greatest challenges

for the near future and detailed, molecular characterization of the resistance is

needed. There exist several examples of reversion by initially HR-defective cells,

including restored BRCA2 function after PARP inhibition or reversal of BRCA1

and BRCA2 after cisplatin treatment (Ikeda et al. 2003; Sakai et al. 2008; Swisher

et al. 2008). Such reversion is reminiscent of BCR–ABL mutations that prevent

imatinib binding as a cause of acquired resistance (Gorre et al. 2001). Similarly,

epigenetic effects have been suggested to be involved in resistance, as

hypermethylation of FANCF promoter was shown to sensitize cells to cisplatin

(Taniguchi et al. 2003). Alternatively, compensatory mutations in alternative repair

pathways can result in development of the resistance. This exploits the potential of

pharmacological disruption of functional HR or other repair pathways to increase
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the efficacy of conventional therapy as well as sensitization of resistant cancers.

Indeed, several inhibitors affecting various factors within HR, including tyrosine

kinases, MRE11, RAD51, BLM, and FEN1, have been recently identified and are in

varying stages of characterization (Dupre et al. 2008; Budke et al. 2012;

Chernikova et al. 2012; Nguyen et al. 2013; van Pel et al. 2013).

Ultimately, the development of personalized cancer medicine can enable med-

ical practice to efficiently combine the improving mechanistic understanding of

cancer progression and its pathogenesis, the development of targeted drugs strati-

fied by genetic characteristics, and individualized drug administration.
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Boulé J-B, Vega LR, Zakian VA (2005) The yeast Pif1p helicase removes telomerase from

telomeric DNA. Nature 438(7064):57–61

Branzei D (2011) Ubiquitin family modifications and template switching. FEBS Lett 585

(18):2810–2817, Federation of European Biochemical Societies

Brush G, Morrow D, Hieter P, Kelly T (1996) The ATM homologue MEC1 is required for

phosphorylation of replication protein A in yeast. Proc Natl Acad Sci U S A 93

(26):15075–15080

Bryant HE, Schultz N, Thomas HD, Parker KM, Flower D, Lopez E et al (2005) Specific killing of

BRCA2-deficient tumours with inhibitors of poly(ADP-ribose) polymerase. Nature 434

(7035):913–917

Budke B, Logan HL, Kalin JH, Zelivianskaia AS, Cameron McGuire W, Miller LL et al (2012)

RI-1: a chemical inhibitor of RAD51 that disrupts homologous recombination in human cells.

Nucleic Acids Res 40(15):7347–7357

Bugreev DV, Mazin AV (2004) Ca2+ activates human homologous recombination protein Rad51

by modulating its ATPase activity. Proc Natl Acad Sci U S A 101(27):9988–9993

Bugreev DV, Yu X, Egelman EH, Mazin AV (2007) Novel pro- and anti-recombination activities

of the Bloom’s syndrome helicase. Genes Dev 21(23):3085–3094

Bugreev DV, Pezza RJ, Mazina OM, Voloshin ON, Camerini-Otero RD, Mazin AV (2010) The

resistance of DMC1 D-loops to dissociation may account for the DMC1 requirement in

meiosis. Nat Struct Mol Biol 18(1):56–60

Burgess RC, Lisby M, Altmannova V, Krejci L, Sung P, Rothstein R (2009) Localization of

recombination proteins and Srs2 reveals anti-recombinase function in vivo. J Cell Biol 185

(6):969–981

Burgess RC, Sebesta M, Sisakova A, Marini VP, Lisby M, Damborsky J et al (2013) The PCNA

interaction protein box sequence in Rad54 is an integral part of its ATPase domain and is

required for efficient DNA repair and recombination. PLoS One 8(12):e82630, Lustig AJ,

editor

Burkovics P, Sebesta M, Sisakova A, Plault N, Szukacsov V, Robert T et al (2013) Srs2 mediates

PCNA-SUMO-dependent inhibition of DNA repair synthesis. EMBO J 32(5):742–755, Nature

Publishing Group

Burkovics P, Sebesta M, Balogh D, Haracska L, Krejci L (2014) Strand invasion by HLTF as a

mechanism for template switch in fork rescue. Nucleic Acids Res 42(3):1711–1720

Cannavo E, Cejka P (2014) Sae2 promotes dsDNA endonuclease activity within Mre11–Rad50–

Xrs2 to resect DNA breaks. Nature 514(7520):122–125, Nature Publishing Group

4 Mechanism of Homologous Recombination 97



Cannavo E, Cejka P, Kowalczykowski SC (2013) Relationship of DNA degradation by Saccha-
romyces cerevisiae exonuclease 1 and its stimulation by RPA and Mre11-Rad50-Xrs2 to DNA

end resection. Proc Natl Acad Sci U S A 110(18):E1661–1668

Cannon B, Kuhnlein J, Yang S-H, Cheng A, Schindler D, Stark JM et al (2013) Visualization of

local DNA unwinding by Mre11/Rad50/Nbs1 using single-molecule FRET. Proc Natl Acad

Sci U S A 110(47):18868–18873

Carr AM, Lambert S (2013) Replication stress-induced genome instability: the dark side of

replication maintenance by homologous recombination. J Mol Biol 425(23):4733–4744

Cassier C, Chanet R, Henriques JAP, Moustacchi E (1980) The effects of three PSO genes on

induced mutagenesis. A novel class of mutationally defective yeast. Genetics 96(4):841–857
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Chapter 5

Regulation of Recombination by Chromatin

Takatomi Yamada and Kunihiro Ohta

Abstract Eukaryotic DNA is bound by various proteins such as histones, and is

packaged into a highly condensed structure termed chromatin, which poses pro-

found influences on DNA and its metabolism. Due to its compactness, chromatin

generally represses all DNA-templated reactions by preventing DNA-processing

proteins from accessing to and/or functioning at their target sites. On the contrary,

there are many cases in which condensed chromatin rather facilitates genomic

events through forming specific three-dimensional structures, promoting

DNA-protein interactions, or bringing separately located loci together. Therefore,

chromatin is a central regulator of DNA-dependent processes, and deciphering its

roles is of paramount importance to understand their in vivo mechanisms. Obvi-

ously, recombination is under a great impact of chromatin, and much effort has

been made to reveal how it is regulated by chromatin. In this chapter, we focus on

three instances, homologous recombination, V(D)J recombination in vertebrates,

and mating-type switching in fission yeast, to discuss a wide variety of roles of

chromatin in regulating these events.
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5.1 Introduction

5.1.1 Recombination

Recombination creates a novel DNA sequence in the genome by breaking and then

religating an original DNA molecule. There are several types of recombination, and

some of them have been extensively investigated so far. Perhaps one of the most

studied ones is homologous recombination, which, as described in other chapters,

occurs between two DNA duplexes sharing sequence homology. Site-specific

recombination, also a well-known recombination, relies on specific pairs of

sequences instead of sequence homology. Another type of recombination called

transposition is the process by which genetic elements move to different locations

of the genome.

All of these recombination events play critical roles in various biological events.

For instance, homologous recombination repairs DNA double-strand breaks

(DSBs), and generates genetic variety, particularly during meiosis. V(D)J recom-

bination in vertebrate immune cells, a kind of site-specific recombination, diver-

sifies the antigen receptor repertories. In many of these cases, recombination-

mediated genome alteration can be beneficial in coping with environmental

changes. Therefore, revealing the mechanisms of recombination is central to

understand not only how cells manipulate their own genetic information, but also

how they adapt to environment.

Importantly, recombination occurs in chromatin structure, which has profound

effects on DNA-related processes. Recent progress in chromosome-analyzing tech-

niques has propelled the research on structure and function of chromatin, casting

light on in vivo mechanisms of various recombinations. This chapter overviews our

current knowledge on how recombination is influenced by chromatin, with a main

focus being placed on homologous recombination and site-specific recombination.

5.1.2 Chromatin Structure

Eukaryotic chromosome DNA is associated with numerous proteins including

histones to form chromatin. The fundamental unit of chromatin is the nucleosome,

in which about 147 bp long DNA wraps around histone octamers (two copies each

of histones H2A, H2B, H3, and H4). Millions of nucleosomes are arrayed along

chromosomal DNA through its entire length, and such “a chain of nucleosomes” is

further folded into a higher-order chromosome structure. In the end, immense

chromosomal DNA forms a compact and complexed architecture to be contained

in a small nucleus.

Chromatin also plays functional roles in the regulation of virtually all

DNA-templated events (Bell et al. 2011). For example, chromatin generally inhibits

them by posing steric hindrance on DNA-processing enzymes. This notion is well
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demonstrated by the fact that transcription start sites, where a huge transcriptional

machinery assembles, coincide with nucleosome-free regions in many model

organisms investigated. On the contrary, condensed chromatin positively stimulates

DNA metabolism through organizing specific chromosome structure or through

bringing distantly located cis-elements in proximity. Such long-range interaction

has been reported to be involved in transcription, recombination (see below), and

repair. These two instances are only the tip of the iceberg; in fact, chromatin

influences chromosome dynamics in a range of ways. In other words,

DNA-dependent reactions are regulated by chromatin at multiple layers. Hence,

dissecting each layer of chromatin regulation is a critical issue to understand the

mechanisms of those processes.

5.1.3 Local Chromatin Structure, Its Modifications,
and DNA-Templated Processes

The most basic layer of chromatin-mediated control of genomic events involves

nucleosomes. The chemical and physical properties of nucleosomes are highly

dynamic, and such flexibility enables two contradicting tasks, packaging and

handling of chromosomal DNA. To date, several systems have been shown to

regulate nucleosome dynamics, and two of them, chromatin remodeling and histone

modifications, are described in this section.

5.1.3.1 Chromatin Remodeling

One of the major systems is ATP-dependent chromatin remodeling (Clapier and

Cairns 2009). This system slides or evicts nucleosomes and/or exchanges histones,

by utilizing the energy of ATP-hydrolysis, to modulate the interaction between

histones and DNA. Chromatin remodeling either facilitates DNA transactions by

alleviating chromatin compaction or represses them by assembling regularly spaced

nucleosome arrays. It is catalyzed by chromatin remodeling factors (chromatin

remodelers), which are in many cases a complex of an ATPase and associated

subunits, and are conserved in many species. Currently, chromatin remodeling

factors can be classified into four families: SWI/SNF (switching defective/sucrose

nonfermenting), ISWI (imitation switch), CHD (chromodomain, helicase, DNA

binding), and INO80.

The SWI/SNF family complexes slide and eject nucleosomes. Many species

possess two related multi-subunits complexes of this family (e.g., SWI/SNF and

RSC in Saccharomyces cerevisiae), in addition to the single-component remodeler

Fun30. The ISWI family remodelers, composed of relatively fewer (2–4) subunits,

slide nucleosomes along DNA to establish an evenly spaced nucleosome chain. The

CHD remodelers slide or eject nucleosomes either as a monomer or a multi-subunit
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complex. Finally, the INO80 family remodeling factors, many of which are com-

posed of more than 10 subunits, have been also shown to slide and evict nucleo-

somes. Interestingly, certain complexes belonging to this class have histone

exchanging activities: the SWR1 complex replaces canonical H2A–H2B dimers

with an H2A variant containing H2A.Z–H2B dimers, and the INO80 complex

catalyzes the opposite reaction.

The physiological roles of chromatin remodeling factors have been studied

mainly in terms of transcriptional regulation, explained as follows. SWI/SNF

complexes disrupt nucleosome positionings primarily to help transcription factors

bind to promoters and activate gene expression. Conversely, ISWI factors often

assemble phased nucleosomes over transcriptional promoters, leading to transcrip-

tion repression. It should be noted, however, that how chromatin remodelers

influence transcription is entirely context dependent. For example, SWI/SNF can

hinder transcription by creating open chromatin regions which are bound by

repressors, and the ISWI family complex NURF activates transcription. These

findings indicate that chromatin remodelers diversely regulate transcription and,

by extension, recombination as well.

5.1.3.2 Histone Modifications

A second mechanism for modulating nucleosome dynamics is post-translational

modifications of histones, which include acetylation of lysines, methylation of

lysines and arginines, and phosphorylation of serines and threonines (Zentner and

Henikoff 2013). Many of them are known to be associated with one or several

biological functions.

The acetylation of histones and its possible involvement in transcriptional

regulation were first reported in the 1960s (Phillips 1963). Since then, the relation

between histone acetylation and chromosome activity has been appreciated;

hyperacetylation and hypoacetylation occur in active and inactive chromatin

regions, respectively. But it is not until recently that the significance of the relation

was disclosed by molecular analyses on transcription. We now know that lysine-

acetylated histones are enriched around transcriptional promoters and have several

models to explain how acetylated histones facilitate transcription. A plausible

model is that acetylation may attenuate DNA-histone interaction by neutralizing

the positive charge of the amino group in lysines. Another compatible and recently

believed one is that acetylated lysines serve as a binding site for proteins carrying

bromodomains, which are often found in components of chromatin remodeling

complexes (Musselman et al. 2012). In the latter scenario, acetylated histones

anchor bromodomain-containing remodelers to decondense surrounding chromatin.

Methylation of lysines is found in three different states (i.e., mono, di, and tri)

and on a number of residues. The situation is much more intricate than the case of

acetylation; different degrees and residues are related to different, even completely

opposite, biological consequences. Summarized here are two examples of them.

Trimethylation of histone H3 lysine 4 (H3K4me3) is a hallmark of active chromatin

114 T. Yamada and K. Ohta



domains, similar to acetylated histones. This modification regulates chromosome

dynamics through its binding partners containing domains like double

chromodomains, PHD (plant homeodomain) fingers, and double tudor domains

(Musselman et al. 2012). These proteins binding to H3K4me3 trigger downstream

events, reminiscent of the interplay between acetylated histones and

bromodomains. In contrast to H3K4me3, trimethylation of histone H3 lysine

9 (H3K9me3) is a major mark for inactive chromatin. For instance, constitutive

heterochromatin regions such as centromeres are extensively modified by

H3K9me3, which in turn is bound by the conserved HP1 family proteins. These

regions are usually associated with repressed transcription and recombination but

are bound by many proteins to play crucial roles.

We have only mentioned a few cases in this section, but many modifications are

known, and the list of histone modifications is still growing.

5.1.4 Higher-Order Chromatin Structure
and DNA-Templated Processes

As explained earlier, other than the nucleosome level, chromosomes and their

behaviors are regulated also at the three-dimensional conformation level. Studying

higher-order chromatin structure has been limited due to a dearth of appropriate

experimental systems, but recent technological development is gradually throwing

light on functional roles of chromosome architecture in DNA-templated processes

(Misteli 2007). Among various examples, two cases relevant to this chapter are

described in this section.

A first example is DNA loops, which have been mainly discussed from a

viewpoint of, again, transcription. It is well known that transcriptional activation

is accomplished by the cooperation of multiple cis-elements like promoters and

enhancers and that these elements, despite the spatial distance, interact with each

other. Likewise, promoter and terminator regions of the same gene are often located

in close proximity for fine-tuning of transcriptional activity (Hampsey et al. 2011).

In these cases, different chromosomal sites are brought together by the looped

structure, which are dependent on a number of factors including DNA itself,

DNA-binding proteins, and modified histones. Importantly, defective loop forma-

tion causes aberrant transcription, supporting the functional importance of the 3D

structure.

A second example is related to spatial regulation of genomic events (Gibcus and

Dekker 2013). It is proposed that each chromosome occupies a discrete region

called a chromosome territory, and the nucleus can be divided into several com-

partments. Also, transcriptionally active and inactive chromatin domains generally

reside in the nuclear interior and periphery, respectively. Consistent with this

notion, heterochromatin regions are usually located around nuclear envelopes in

many organisms. These observations indicate the compartmentalization of the
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nucleus participates in chromosome metabolism. An important, intriguing, and

inevitable question is that how subnuclear domains are related to the genome

functions, in particular DNA-dependent processes. More simply, does the former

govern the latter or the latter dictate the former? This question is currently under

investigation, but both seem to be true; in the case of transcription, while increased

transcription activity may facilitate formation of active domains as exemplified by

nucleolus, genomic events are affected to be silent near constitutive heterochroma-

tin. Although much is still unknown about the structure and function of chromatin

domains, it is likely that they may provide important layers for DNA metabolism.

So far, several features of chromatin have been summarized. Below, taking such

features into account, mechanisms of three types of recombination are discussed.

5.2 Homologous Recombination

5.2.1 Overview of Homologous Recombination

Homologous recombination occurs between two similar or identical DNA mole-

cules and exchanges their nucleotide sequences. As mentioned in the introduction,

it is a versatile event that plays essential roles both in maintaining genome stability

and in diversifying genome contents. On the one hand, homologous recombination

repairs undesired DNA damage, such as DSBs, interstrand cross-links, and single-

stranded DNA gaps. On the other hand, in meiotic cells, the recombination is

indispensable for faithful chromosome segregation and creating genetically vari-

able gametes. Accordingly, homologous recombination contributes to the health of

cells and evolution of species, as long as it properly functions. But if it does not,

cells face severe risks of broken chromosomes or inadequately rearranged genome.

To avoid these catastrophic consequences, a strict regulation system functions, and

chromatin structure constitutes a part of the system.

The detailed mechanism of homologous recombination is described in other

chapters of this book, and just the outline is presented here. This recombination is

initiated from DSBs and ensuing resection of their ends, yielding 30-ssDNA over-

hangs. The formed ssDNA is coated by the ssDNA-binding protein RPA, which is

subsequently replaced by Rad51 (during meiosis, the Rad51 paralog Dmc1 is also

involved). The Rad51-ssDNA nucleoprotein filament searches and invades homol-

ogous double-stranded DNA to form a molecule, called a D (displacement)-loop.

D-loops are disassembled or are converted to stable intermediates like a Holliday

junction and then processed through several pathways before recombinant DNA

molecules are produced.
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5.2.2 Homologous Recombination in Chromatin Structure

How such reactions occur in chromatin environment has been intensively studied

for the past decades, and the efforts have been fruitful particularly on several steps.

This section features three of those steps. We start with describing initiation of

meiotic recombination, then illustrate DSB end processing, and finally comment on

homology search and strand invasion.

5.2.2.1 Initiation of Meiotic Homologous Recombination

A most understood reaction is the initiation of meiotic recombination. Striking

traits of this process are that cells introduce DSBs on their own genome and that it

occurs preferentially at discrete sites called hotspots. Importantly, DSB formation is

accomplished by concerted actions of several protein complexes, each containing

multiple subunits, meaning that this process is greatly influenced by local chromatin

structure at hotspots. Its mechanism has been examined in a wide variety of model

organisms, particularly in yeasts and mice, to reveal that numerous factors, includ-

ing chromatin remodelers, histone modifications, and nucleosomes, are involved

(Borde and de Massy 2013; de Massy 2013; Yamada and Ohta 2013).

In budding yeast, the vast majority of hotspots are marked with H3K4me3,

which is catalyzed by the histone methyltransferase Set1 (Borde et al. 2009) and

is bound by the PHD finger domain protein Spp1. Spp1 also interacts with Mer2, a

protein indispensable for DSB formation and thus is believed to mediate commu-

nication among DSB-introducing proteins and hotspots (Acquaviva et al. 2013;

Sommermeyer et al. 2013). Most mice hotspots are also associated with high level

of H3K4me3, and this modification is introduced by the H3K4 methylase Prdm9

(Smagulova et al. 2011; Brick et al. 2012). Although the exact roles of this

modification are yet to be known, a very recent report proposed that Prdm9 binding

renders adjacent chromatin open (Baker et al. 2014). Conversely, in fission yeast

hotspots, H3K4 is not trimethylated, but instead H3K9 is heavily acetylated.

Elimination of H3K9 acetylation mildly but significantly reduces the level of the

DSB protein Rec12 (the fission yeast homologue of Spo11) and DSB formation at

hotspots, suggesting that acetylated H3K9 promotes and/or stabilizes Rec12-

hotspot interaction (Yamada et al. 2013).

These studies may accentuate the differences among model organisms, rather

than similarities, of chromatin factors regulating meiotic DSB formation, and it

may be fair to assume that roles of chromatin in this process may be diverse

depending on species. But, since all creatures undergoing meiotic DSB formation

must overcome inhibitory effects of chromatin at hotspots, future studies may

reveal similar mechanisms and players working beyond species. We emphasize

that there are other important issues regarding meiotic recombination in chromatin

context, and for details, readers are encouraged to refer to many reviews published

recently (Borde and de Massy 2013; de Massy 2013; Yamada and Ohta 2013).
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5.2.2.2 Resection of DSB Ends

Another step well investigated from chromatin standpoint is the processing of DSB

ends. It is the first event following DSB formation, in which DSB ends are degraded

from 50 to 30, resulting in the formation of 30-ssDNA overhangs. This process is

common to all homologous recombination and has been investigated in various

model systems, but perhaps most extensively studied in budding yeast. This uni-

cellular organism, equipped with a tractable DSB-inducing system based on the

site-specific HO endonuclease, has been genetically and biochemically analyzed,

leading to a solid model that multiple nuclease activities are responsible for DSB

end resection. This model predicts that resection proceeds in two steps, the first step

to remove short nucleotides from the DSB sites and the ensuing second step to

create an extensive ssDNA region. The first “limited” resection is dependent on the

Mre11-Rad50-Xrs2 (MRX) complex as well as Sae2, both of which possess

nuclease activity. The second step is catalyzed by two redundant pathways, one

involving the exonuclease Exo1, and the other the helicase-topoisomerase complex

Sgs1-Top3-Rmi1 with the endonuclease Dna2. Although this model waits for

generalization in other species, factors mentioned here are conserved in most

eukaryotes as well, implying that a similar, if not the same, mechanism of DSB

end processing may universally operate.

A current main idea on the resection of chromatinized DNA is that various

chromatin-modifying factors are brought to DSB ends and cooperate to create

favorable environment for DSB sensing proteins and/or resection proteins to func-

tion. Much contributed to this notion is again budding yeast. Important findings

obtained from this organism are outlined as follows. Multiple chromatin remodelers

act at DSB sites, but interestingly, their roles seem to be distinct from each other.

RSC is recruited to DSB sites immediately after DSB infliction, suggesting its roles

in early stages of DSB repair (Chai et al. 2005). Consistently, it was reported that

RSC enhances Mre11 binding to DSB sites and formation of 30-ssDNA overhang

(Shim et al. 2007). INO80 also promotes 50–30 DNA degradation by evicting or

sliding nucleosomes in the vicinity of break sites (van Attikum et al. 2004). More

recently, Fun30 has been shown to promote both Exo1- and Sgs1-dependent

resection pathways and to play more dominant roles in resection than RSC and

INO80 do (Costelloe et al. 2012; Chen et al. 2012). It is also noteworthy that Swr1,

histone H2A.Z, and H2A.Z-containing nucleosomes all facilitate the Exo1-

dependent, but not the Sgs1-dependent, resection pathway, indicating a pathway-

specific stimulation by H2A.Z deposited chromatin (Adkins et al. 2013). Along

with chromatin remodelers, histone modifications are thought to be involved in

resection as well. Probably the most known example is the serine 129 phosphory-

lation of histone H2A (in mammals, serine 139 of the histone H2A variant H2A.X),

which is called γH2A.X. γH2A.X is proposed to participate in resection by

recruiting INO80 and SWR1 (van Attikum et al. 2004; van Attikum et al. 2007).

These observations collectively suggest that, in budding yeast, various chromatin

modifiers diversely modify DSB ends to allow effective 50–30 resection.
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Related observations have been reported in other model systems. For instance,

the mammalian INO80 and SMARCAD1 (the human counterpart of Fun30) play

similar roles to their yeast counterparts (Gospodinov et al. 2011; Costelloe

et al. 2012), hinting that a similar scenario might be drawn in many species.

Nevertheless, there is a caveat to how each remodeler is brought to and acts on

damaged chromatin, since there are some discrepancies among studies (e.g.,

Bennett et al. 2013). Further studies on many different kinds of organisms are

necessary to deeply understand the exact mechanism of DSB end processing in

chromatin context.

5.2.2.3 Homology Search and Strand Invasion

After 50–30 resection, the ssDNA-Rad51 nucleoprotein filament performs homology

search and DNA strand invasion to form recombination intermediates. These steps

are also an intriguing point to examine roles of chromatin, as the acceptor chromo-

some is expected to be intact and maintain rigid chromatin structure. In this regard,

the conserved recombination protein Rad54 and chromatin remodelers attract our

attention.

While Rad54 is a core protein of the homologous recombination pathway

working with others like Rad51, its amino acid sequence suggests that it is a

member of the SWI/SNF chromatin remodeling family (Ceballos and Heyer

2011). Biochemical experiments using purified components support the latter

point by showing that Rad54 promotes Rad51-dependent strand invasion on

chromatin-structured DNA. This result, however, should be carefully interpreted,

since chromatin remodeling activity of Rad54 is relatively weaker than other

canonical remodelers. Moreover, when the acceptor chromatin is further packaged

by adding a silencing protein, Rad54 does not efficiently catalyze Rad51-dependent

homologous pairing anymore (Sinha et al. 2009). Therefore, whether Rad54 alters

chromatin structure by itself is at this stage still elusive. A plausible model would be

that Rad54 does so with a help of other factors, as the inhibition of Rad54 by highly

packaged chromatin is alleviated by a SWI/SNF chromatin remodeling complex

(Sinha et al. 2009).

Chromatin remodelers may have more diverse roles. A budding yeast study

implicates SWI/SNF in stages around D-loop formation (Chai et al. 2005). Intrigu-

ingly, this study also showed that RSC, which is recruited to DSB sites very early,

functions at a final step of recombination. Although how these remodeling com-

plexes alter chromatin in these processes is currently unknown, they are likely to

remove nucleosomes from recombination acceptor loci and/or recombination inter-

mediates. It is also conceivable that other chromatin modifiers contribute to later

steps of homologous recombination. Processes later than homology search are less

studied in terms of chromatin-mediated regulation but are absolutely important for

thorough understanding of homologous recombination. Future studies will hope-

fully illuminate these stages.
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5.3 V(D)J Recombination in Chromatin Structure

Site-directed recombination occurs between two specific DNA sequences, which do

not necessarily share sequence homology. While many types of this recombination

have been observed in various organisms, we focus, in this chapter, on two types of

site-directed recombination to discuss how they are regulated by chromatin struc-

ture. The first one is V(D)J recombination.

5.3.1 Overview of V(D)J Recombination in Vertebrates

Adaptive immunity, a part of the immune system, responses and inactivates a great

variety of infectious materials by antigen receptors, namely, immunoglobulins (Igs)

produced by B cells and T cell receptors (TCRs) by T cells. Igs and TCRs are

structurally and functionally similar to each other: they are both composed of

multiple polypeptides, such as heavy and light chains of Igs, and α and β chains

of TCRs; they both recognize and bind specific antigens by forming specific

structures. Since Igs and TCRs counteract incredibly a wide array of antigens, B

and T cells must generate a myriad of antigen receptors, indicating that lympho-

cytes express an infinite number of receptors from a finite number of genes. This

seemingly impossible task is accomplished by extensive rearrangement and diver-

sification of antigen receptor loci, through a type of the site-specific recombination

called V(D)J (variable-diversity-joining) recombination. It is of note that V(D)J is

the most observed system for generating antigen receptor diversity, although some

species such as chicken employ homologous recombination for the same purpose

(Seo et al. 2005).

Antigen receptor loci are constituted by discrete clusters of V, D, and J gene

segments, which are assembled by V(D)J recombination during lymphocyte devel-

opment (Fig. 5.1a). In V(D)J recombination, DNA is specifically cleaved at recom-

bination signal sequences (RSSs), adjacent to each V, D, and J segment, by the

complex of two proteins RAG1–RAG2 (recombination-activating gene). Broken

ends are subsequently repaired by cooperation of RAG1–RAG2 and other factors

including those related to the nonhomologous end joining pathway (Fig. 5.1b).

5.3.2 Regulation of V(D)J Recombination by Chromatin
Structure

V(D)J recombination is similar to homologous recombination in that it handles

DSBs, a potentially fatal DNA insult. To avert unnecessary and uncontrolled DSB

formation, this recombination is under a strict surveillance system, which does not

rely on a single mechanism but on multiple mutually backing up ones. A most
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straightforward way is that the RAG proteins are expressed only in lymphocytes

undergoing the recombination. More importantly and relevant to this chapter,

chromatin is an essential part for the regulation of V(D)J recombination.

Earliest clues to understand the chromatin-V(D)J recombination connection date

back to 1985, when unrearranged V segments of Ighwere found to be transcribed in
a developmentally controlled and tissue-specific manner (germline transcription,

see below; Yancopoulos and Alt 1985). That finding led the authors to propose a

foresighted model that chromatin accessibility influences V(D)J recombination,

which has been supported by a number of succeeding studies. This idea, now

commonly accepted as “the accessibility model,” is a central concept to account

for the mechanism of V(D)J recombination in chromatin (Fig. 5.1c).

Like all other events, V(D)J recombination in chromatin environment is usually

repressed in many ways. Some studies, such as those showing that RSSs incorpo-

rated into nucleosomes are less bound and cleaved by the RAG proteins, demon-

strate that nucleosomes impede an initiation step of the reaction (Golding et al.

1999; Kwon et al. 1998). Whether RSS sequences have an intrinsic propensity to be

incorporated into nucleosomes is controversial, but it is possible in vivo that various

Fig. 5.1 V(D)J recombination. (a) A schematic draw of the mice Igh locus. V, D, and J segments

are shown as filled boxes. RSSs are shown as blank or filled triangles, and the constant regions,

which are not subject to V(D)J recombination, are indicated by blank boxes. The upper and lower
diagrams indicate unrearranged and rearranged locus, respectively. The diagrams are not drawn to

scale. (b) A model of V(D)J recombination. The RAG1–RAG2 complex is depicted by the oval.

The recombination products, rearranged locus, and the recombination by-product termed the

signal joint are shown in the bottom. (c) A model of chromatin-mediated control of V(D)J

recombination. Repressive chromatin around RSS is converted to open chromatin through con-

certed actions of histone modifications, germline transcription, and chromatin remodelers. Note

that H3K4me3 is bound by RAG2

5 Regulation of Recombination by Chromatin 121



factors may bury RAG1-RAG2 cutting sites inside nucleosomes. Other studies

link repressive histone marks to inhibition of the recombination. Methylation of

H3K9, a hallmark of silenced chromatin, represses V(D)J recombination on

engineered substrates (Osipovich et al. 2004). Consistently, in non-B lineage

mice cells, the V segments of the Igh locus are marked with H3K9me (Johnson

et al. 2004). Still, many other factors are known to have negative effects on V(D)J

recombination, where each of them would be important to prevent inadequate

execution of the recombination. In the words of the “accessibility model,” chroma-

tin structure at antigen receptor loci is not accessible, when V(D)J recombination is

not necessary.

The problem is, then, how it becomes accessible, when necessary; how is

repressive chromatin converted to permissive chromatin upon recombination induc-

tion? So far, several interesting factors have been reported to contribute to this

transition (Fig. 5.1c). Among them, the first change seems to be local changes in

histone modification patterns, loss of H3K9me, and increase of H3K4me (Johnson

et al. 2004; Chakraborty et al. 2009). These changes may, though its mechanism is

still unknown, trigger transcription from promoters at unrearranged V, D, and J

segments. This event, termed germline transcription, was initially observed at the

VH segment of the Igh locus as mentioned above but has been subsequently found at

all antigen receptor loci, demonstrating that it is a common process (Abarrategui

and Krangel 2009). Importantly, germline transcription is tightly associated with

recombination activation; elimination of the enhancers or promoters inhibits

recombination as well as transcription, and forced termination of the transcription

also reduces recombination (Abarrategui and Krangel 2009). What is important

with this transcription is not the transcripts, but the transcription process itself, since

the transcripts do not appear to produce functional proteins. Rather, germline

transcription is expected to increase not only RNA polymerase II levels, but also

acetylated histones as well as H3K4-methylated histones at antigen receptor loci

(Schatz and Ji 2011). It is thus likely that the transcription establishes and maintains

“active” state of RSS-surrounding chromatin to facilitate V(D)J recombination.

How does open chromatin, induced by germline transcription, facilitate recom-

bination? As explained in the section 5.1.3.2, modified histones may recruit chro-

matin remodeling complexes to further relax local chromatin structure. This

postulation is supported by in vitro studies showing that SWI/SNF and ISWI

remodelers stimulate V(D)J cleavage by the RAG proteins (Patenge et al. 2004;

Kwon et al. 2000). But probably the most interesting trait is the methylation of

H3K4, as this modification is specifically bound by the PHD finger domain of the

RAG2 protein (Matthews et al. 2007; Liu et al. 2008). Remarkably, V(D)J recom-

bination is impaired by RAG2 mutations that compromise H3K4me3 binding or by

reduced H3K4me3 levels. Moreover, in β-thymocytes, more than 99 % of

H3K4me3 peaks are associated with RAG2, and vice versa (Ji et al. 2010). These

observations strongly suggest that H3K4me3 at antigen receptor loci which are

introduced by germline transcription recruits the RAG2 protein to induce V(D)J

cleavage.
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As summarized here, V(D)J recombination is elaborately and exquisitely con-

trolled by a number of chromatin-related factors, with histones being a central

player. A similar case can be considered in chicken, that exploits homologous

recombination instead of V(D)J recombination to generate antibody diversity,

since histone acetylation facilitates immunoglobulin gene conversion (Seo

et al. 2005).

5.3.3 Higher-Order Chromatin Structure of V(D)J
Recombination

Higher-order chromatin structure is also a part of multilayered regulation systems

to prevent illegitimate initiation of V(D)J recombination. In this section, described

are two examples, subnuclear localization and chromosome architecture of the

antigen receptor loci.

A cytological study revealed that Igh and Igκ (encoding the κ chain of the Ig light
chain) loci are close to nuclear periphery in non-B lineage cells, but are centrally

located in pro-B cells, that are about to undergo the recombination (Kosak

et al. 2002). Given that chromatin near the nuclear envelope is generally inert, it

is probable that V(D)J recombination is regulated by the location of the Ig loci

inside the nucleus; the usual positioning around the nuclear periphery represses the

recombination, but such repression is nullified by Ig loci moving inward, leading to

activation of V(D)J recombination. Another interesting recombination-associated

feature is the extensive reconfiguration of the antigen receptor loci (Fuxa

et al. 2004; Roldan et al. 2005). For example, the loci undergo contraction con-

comitantly with recombination activation. This conformational change reflects

folding chromosomes into a rosette-like structure containing multiple chromatin

loops, which requires many proteins including various transcription factors, the

polycomb-group histone methyltransferase Ezh2 and the insulator protein CTCF

(Shih and Krangel 2013). Notably, mutations of these factors compromise not only

contraction but also recombination, pointing to the functional significance of the

conformational transition (Fuxa et al. 2004). Considering that V(D)J recombination

is a process, in which several segments dispersed over a few mega-bp region are

brought next to each other, the contraction plays a critical role in placing all

necessary loci in a neighboring region for successful recombination completion.
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5.4 Mating-Type Switching in Yeast

5.4.1 Overview of Mating-Type Switching in Fission Yeast

Another example of site-directed recombination is mating-type switching of the

budding yeast Saccharomyces cerevisiae and the fission yeast Schizosac-
charomyces pombe. These yeasts both alternate their mating types by copying

DNA sequence from one of the two inactive donor loci and pasting it to the active

mating-type locus but employ different proteins and mechanisms from each other.

Here, we focus on the event in fission yeast, which is particularly interesting in

terms of higher-order chromatin structure.

Fission yeast has two mating-types, P (plus) and M (minus), depending on the

information expressed from the mating-type (mat) region (Klar 2007; Arcangioli

and Thode 2004). The mat region encompasses a 30 kb domain on the fission yeast

chromosome II and contains three loci, mat1, mat2, and mat3 (Fig. 5.2). Among

these, the mat1 locus harbors two genes specific to either of the mating-type, which

are transcribed to determine the mating-type of a haploid cell. In contrast, mat2 and
mat3, although carrying the same DNA sequence with mat1 in P and M cells,

respectively, are silent. Being an excellent model for studying directed recombina-

tion, much effort has been made to identify factors regulating mating-type

switching. Earlier genetic studies isolated 10 swi and one rad mutants as switching

defective mutants (Klar 2007; Arcangioli and Thode 2004). What has become clear

from analyses of these mutants is that mating-type switching is linked to other

genomic events; some of the responsible gene products such as Swi5 and Rad22 are

also involved in general recombination, while some others such as Swi1, Swi3, and

Swi7 are implicated in DNA replication. The switching event is initiated by the

introduction of a strand-specific imprint near the mat1 locus, which occurs during

DNA replication. This imprint is, in the following rounds of DNA replication,

converted to a recombinogenic structure (most likely DSB), and it is subsequently

repaired by gene conversion, copying the sequence of either mat2 or mat3 and

pasting it to mat1, resulting in a switched mat1 locus.

Fig. 5.2 The mating-type region and mating-type switching in fission yeast. Schematic draw of

the fission yeast mating-type region. Typical factors involved in mating-type switching and

heterochromatin formation are also shown. The heterochromatin region is indicated by the largest
box
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5.4.2 Heterochromatin Regulates Mating-Type Switching

It was previously shown that meiotic recombination between mat2 and mat3 is

dramatically repressed, suggesting that a region harboring these two loci is a

recombination cold spot. In addition, it was also demonstrated that transcription

surrounding the mat2/3 interval is silenced. These observations strongly argued that
a large domain containing mat2 and mat3 loci is heterochromatin (Grewal 2000).

This idea has been substantiated by recent molecular analyses showing that the

region forms a constitutive heterochromatin structure, where histones are

hypoacetylated, H3K9 is methylated, and heterochromatin protein homologues

are enriched (Noma et al. 2001). Therefore, the switching donor loci, mat2 and

mat3, are embedded in heterochromatin. This fact is counterintuitive, given that

heterochromatin is inhibitory to DNA-related events. But in fact, as explained in the

following paragraph, it is heterochromatin structure that facilitates switching.

The tight connection between mating-type switching and the mat locus hetero-
chromatin is well illustrated by the findings that several epigenetic factors, such as

Swi6 (a fission yeast homologue of Heterochromatin Protein 1), Clr4 (the fission

yeast homologue of H3K9 methyltransferase Suvar3–9), Sir2 (a histone

deacetylase), are required for both processes (Grewal 2000; Klar 2007). Of these

proteins, the key factor is Swi6. This protein, as the name suggests, was initially

isolated as a switching regulator through forward genetic screening but, later,

turned out to be an integral player of heterochromatin formation, binding to di- or

trimethylated H3K9. Importantly, Swi6 can physically interact with the recombi-

nation proteins Swi5 and Rhp51, through another switching factor Swi2 (Akamatsu

et al. 2003; Jia et al. 2004). It is also of note that lack of Swi6 severely delocalizes

Swi2 and Swi5 from the mat heterochromatin, indicating that Swi6 promotes

binding of Swi2 and Swi5 to the mat locus (Jia et al. 2004). In addition, mutants

such as clr4Δ and sir2Δ, whose Swi6 level at the mat2/3 interval is decreased,

exhibit similar phenotypes to swi6mutants. These findings collectively suggest that

Swi6-containing heterochromatin facilitates switching by recruiting necessary fac-

tors like Swi2 and Swi5. Accordingly, heterochromatin is not by any means a static

inert structure but rather attracts various factors to fulfill recombination functions.

A peculiar point of mating-type switching is the directionality of switching;

about 80 % of switchable cells convert their mating-type to the opposite one

(Miyata and Miyata 1981). Several models have been proposed to account for

this phenomenon (Jia et al. 2004; Jakociunas et al. 2013), and in any case, it is

highly likely that the mat1 locus interacts with mat2 and mat3 in a highly regulated
manner, despite the length of 11 kb and 26 kb, respectively. Such long-range

communication may be established through heterochromatin itself and/or

heterochromatin-mediated higher-order chromatin structure, as suggested by pre-

vious studies demonstrating that Swi6 controls switching directionality. Future

studies will surely unravel the roles of heterochromatin in mating-type switching

in detail. Furthermore, they might be also useful to solve more complexed questions
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in other organisms because fission yeast has a similar heterochromatin structure and

components to higher eukaryotes.

5.5 Concluding Remarks

This chapter has explained three cases of recombination and their regulation by

chromatin structure. Although the research in this field has been making progress at

an incredible speed, still many critical points are left nebulous. For example, how

chromatin impacts late stages of homologous recombination such as formation and

resolution of joint molecules is largely unaddressed. Another instance is the site

specificity of V(D)J cleavage; it is known that the human genome contains a

countless number of RSS sequences and RAG2-bound H3K4me3 sites, and then,

how do cells complete V(D)J recombination only on the right occasion? We have to

tackle many unanswered questions by dissecting each step of recombination. At the

same time, focusing only on recombination would not be enough because recom-

bination is affected by other DNA-templated events. Readers of this chapter may

think of germline transcription and V(D)J recombination, known are many cases,

where a genomic event promotes or represses recombination. This is not surprising

at all, considering all events occur on the same stage “chromatin,” and studying

recombination through other reactions is also necessary.

Recombination is a unique genomic event in that it processes DNA in many

ways (e.g., cleavage, degradation, synthesis, and ligation), making it an attracting

research subject. Also, like we have reiterated many times in this chapter, recom-

bination is a potentially dangerous event, since it manipulates broken DNA. Indeed,

malfunctioning of this “double-edged sword” causes a constellation of diseases.

Hence, our efforts to reveal in vivo recombination mechanism are valuable in

various aspects, and progress of the research is being longed for by many people.
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Chapter 6

Homologous Recombination During Meiosis

Drew Thacker and Scott Keeney

Abstract In most sexually reproducing organisms, homologous recombination is a

hallmark of meiotic cellular division. Central to this process is the formation and

repair of developmentally programmed DNA double-strand breaks (DSBs). Cyto-

toxic lesions such as DSBs are hazardous, potentially mutagenic events that can

compromise cellular function. However, during meiosis DSBs are required to

establish physical connections between homologous maternal and paternal chro-

mosomes. These connections are essential for the reduction and accurate transfer of

genetic information from progenitor cell to each gamete. In the absence of recom-

bination, homologous chromosomes are prone to missegregation at the first meiotic

division resulting in the production of aneuploid gametes, which is the leading

cause of miscarriages in humans and the cause of genetic disorders such as Down’s,
Turner’s, and Klinefelter’s syndromes. Here, we review major steps along the

recombination pathway, highlighting the mechanisms that regulate DSB formation

and repair and the specialized chromosomal structures that are important for this

process. For simplicity, we focus primarily on meiotic recombination in the bud-

ding yeast, Saccharomyces cerevisiae, which has proven to be a rich source of

information regarding the mechanisms and regulation of this process.
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6.1 Meiotic Prophase I

Relative to mitosis, meiosis displays a protracted prophase I that can be subdivided

into five cytologically distinct stages:

1. Leptonema: chromosomes begin condensation and axial elements begin to form

along sister chromatids.

2. Zygonema: homologous chromosomes begin to pair and synapse along their

axes via a proteinaceous structure called the synaptonemal complex.

3. Pachynema: homologous chromosomes are aligned and synapsed along their

entire axis length.

4. Diplonema: synapsis dissolution occurs resulting in reduced axial associations.

Homologous chromosomes remain linked via chiasmata.

5. Diakinesis: much of the synaptonemal complex is lost and chromosomes

undergo further condensation.

6.2 Initiation of Meiotic Recombination

Recombination plays a critical role during meiosis (Page and Hawley 2003;

Petronczki et al. 2003). It not only promotes the reassortment of genetically

inherited information from the parental lineages but also helps establish the phys-

ical linkages between homologs (chiasmata) necessary for their reductional segre-

gation at MI. During leptonema, recombination is initiated by DSB formation,

catalyzed by the topoisomerase-like protein, Spo11 (Keeney et al. 1997)

(Fig. 6.1). Two molecules of Spo11 work together to cleave the DNA via a

transesterification reaction. Each Spo11 molecule forms a covalent adduct with

the 50 end of the cleaved strand. For the DNA to be repaired, these cleavage

complexes must be removed. The Mre11 nuclease in collaboration with Rad50,

Xrs2, and Sae2 initiates Spo11 removal by introducing a nick on the protein-

associated DNA strand up to 300 nucleotides from the DSB end (Neale

et al. 2005; Garcia et al. 2011). The 30–50 exonucleolytic activity of Mre11

subsequently processes the nicked strand (Garcia et al. 2011). Exo1 is also loaded

onto the nicked strand and initiates resection in the 50–30 direction (Zakharyevich

et al. 2010; Garcia et al. 2011). This exonucleolytic processing generates long 30

single-strand tails that are initially bound by replication protein A (RPA) and

subsequently by the RecA orthologs, Rad51 and Dmc1, which collaborate to repair

breaks using a double-strand DNA template (Sung 1994; Hong et al. 2001).
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Fig. 6.1 Overview of meiotic recombination pathways. Dark blue and light blue lines indicate

DNA duplexes from homologous non-sister chromatids. The two other DNA duplexes that would

be present at the time of recombination are not shown, for simplicity. Recombination initiates with

a DSB made by Spo11 via a covalent protein-DNA intermediate. Endonuclease activity dependent

on Mre11 and Sae2 then releases Spo11 covalently bound to a short oligonucleotide, and the DSB

ends are then further resected by exonucleases. The resulting 30 single-stranded tails are bound by

strand exchange proteins (not shown) which carry out a search for a homologous DNA duplex. In

meiosis, this is most often from the homologous chromosome instead of the sister of the broken

chromatid. Two major pathways are thought to account for most interhomolog DSB repair events.

A subset of DSBs follow the “canonical DSB repair pathway” (modified from the original model

of Szostak et al. (1983)), involving strand invasion, DNA synthesis, capture of the second DSB

end, and ligation to generate a double Holliday junction (dHJ) intermediate. This branched DNA

structure can be resolved by nuclease cleavage to give either a crossover or noncrossover outcome,

but in S. cerevisiae most dHJ resolution events are in a crossover orientation. Most other DSBs

follow an alternative pathway known as synthesis-dependent strand annealing (SDSA), in which

the invading strand primes DNA synthesis but is then displaced by a helicase before second-end

capture
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6.3 Regulation of DSB Formation

In budding yeast, approximately 160 DSBs are generated per meiosis (Pan

et al. 2011). This number varies between species, for example as few as 15–30

DSBs in Caenorhabditis elegans and >200 in mice, humans, and maize (Martinez-

Perez and Colaiacovo 2009; Rosu et al. 2011). Each organism requires a minimum

number of breaks per chromosome to ensure formation of at least one chiasma and

accurate segregation of homologs at MI (Tesse et al. 2003; Henderson and Keeney

2004; Kauppi et al. 2013). However, generating too many breaks has the potential

to overwhelm the repair process and cause mutation or meiotic arrest (Hochwagen

and Amon 2006; Sasaki et al. 2010). Moreover, in wild-type cells DSB formation

occurs in a strict temporal order: after premeiotic S phase and the establishment of

sister chromatid cohesion but prior to chromosome segregation at MI (Simchen

et al. 1976; Padmore et al. 1991; Borde et al. 2000; Cervantes et al. 2000;

Mahadevaiah et al. 2001; Colaiacovo et al. 2003; Jang et al. 2003; Murakami

et al. 2003). These restrictions make sense, considering both the essential role of

DSBs and their potentially deleterious effects (Murakami and Keeney 2008). It is

not surprising then that meiotic cells possess regulatory mechanisms to ensure

breaks occur at the right time, in the right numbers, and in the right place.

One manifestation of DSB control is the apparent coupling of DSB formation

with replication timing (Borde et al. 2000; Murakami et al. 2003). This temporal

relationship is necessary to allow for the establishment of sister chromatid cohesion

distal to sites of crossing-over (discussed in detail below), a process important for

chromosome segregation during MI, and to minimize DNA breaks that would

prevent replication fork passage. However, despite a temporal relationship between

these two processes, replication is not a strict prerequisite for DSBs per se

(Murakami and Nurse 2001; Hochwagen et al. 2005; Blitzblau et al. 2012; Blitzblau

and Hochwagen 2013). Studies in budding yeast have shown that the cyclin-

dependent kinase Cdc28 (CDK) and Dbf4-dependent kinase Cdc7 (DDK) are

required to initiate DSB formation via phosphorylation of Mer2, a key component

of the DSB machinery (Henderson et al. 2006; Sasanuma et al. 2008; Wan

et al. 2008). Chromatin-associated, phosphorylated Mer2 likely serves as a loading

platform for other Spo11 accessory factors required for DSB formation (Henderson

et al. 2006; Murakami and Keeney 2008; Sasanuma et al. 2008; Panizza et al. 2011).

However, regulation of Mer2 is not the only mechanism for controlling the initia-

tion of meiotic recombination. Transcriptional regulation, posttranslational modi-

fication, and DNA loading of other Spo11 accessory factors likely contribute to the

proper timing of DSB formation (Kee et al. 2004; Sasanuma et al. 2008; Blitzblau

and Hochwagen 2013).

In yeast and mice, only a small fraction of the total pool of Spo11 engages in

DSB formation, suggesting that this process is constrained (Neale et al. 2005;

Lange et al. 2011). Mounting evidence has revealed a complex network of feedback

circuits governing Spo11 activity. In mice, yeast, and flies, the DNA damage

response kinase ATM/Tel1 restricts Spo11 activity during early stages of prophase
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via a negative feedback regulatory loop (Joyce et al. 2011; Lange et al. 2011; Zhang

et al. 2011; Carballo et al. 2013). It is also known or hypothesized that mice, yeast,

flies, and worms rely on feedback inhibition of Spo11 via homolog engagement

(i.e., pairing and/or synapsis) to limit the number of DSBs (Bhagat et al. 2004;

MacQueen et al. 2005; Martinez-Perez and Villeneuve 2005; Henzel et al. 2011;

Kauppi et al. 2013; Thacker et al. 2014). The implication of this type of feedback

mechanism is that DSBs will be distributed in a nonrandom manner, forming where

they are needed and being prevented in regions where they are not. Lastly, yeast

lacking Ndt80, a transcription factor required for exit from pachynema, accumulate

more DSBs and recombination products than wild-type strains (Xu et al. 1995;

Allers and Lichten 2001). These findings and other more recent studies indicate that

pachytene exit ends a period permissive for DSB formation (Allers and Lichten

2001; Keeney 2001; Carballo et al. 2013; Gray et al. 2013; Rockmill et al. 2013;

Thacker et al. 2014).

Double-strand break regulation also occurs locally, at the site of DSB formation.

Breaks form preferentially in discrete genomic zones called “hot spots,” and

numerous factors govern the frequency of break formation at any given locus

(Baudat et al. 2010; Myers et al. 2010; Parvanov et al. 2010; Pan et al. 2011).

Moreover, DSBs do not form independently of one another. When a break is

formed, an inhibitory signal(s) is spread along a chromosome (a pair of sister

chromatids) in cis and between homologs in trans, preventing the formation of

other breaks nearby (Wu and Lichten 1995; Xu and Kleckner 1995; Fan et al. 1997;

Zhang et al. 2011). There are two important outcomes of this spreading inhibition:

1) breaks occur with relatively even spacing, and 2) total break numbers exhibit less

variability from cell to cell than would be predicted by random positioning (referred

to as DSB homeostasis). It has been proposed that ATM/Tel1 contributes to this

local inhibition (Lange et al. 2011; Zhang et al. 2011).

6.4 Intersister vs. Interhomolog Repair

During mitosis, DSBs are preferentially repaired by homologous recombination

(HR) between sister chromatids (Kadyk and Hartwell 1992; Johnson and Jasin

2001; Bzymek et al. 2010). Even when the homolog is present in a diploid cell,

the sister chromatid is still favored, thus minimizing genome rearrangements and

loss of heterozygosity. In this context, the use of the sister chromatid is likely

favored because of its relative proximity following DNA replication and the

establishment of sister chromatid cohesion (Sjogren and Strom 2010). In contrast,

during meiosis the majority of programmed DSBs are repaired by HR between

homologous chromosomes, often referred to as interhomolog repair bias (Haber

et al. 1984; Jackson and Fink 1985; Schwacha and Kleckner 1994, 1997). Recent

studies have estimated that approximately 10–33 % of programmed DSBs formed

during meiosis are repaired using the sister chromatid as a template, with the

remaining breaks repaired using the homolog (Goldfarb and Lichten 2010). Such
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a bias is essential to establish physical connections between homologs prior to the

first meiotic division.

During meiosis, sister chromatids are physically linked by cohesin complexes

containing the meiosis-specific subunit Rec8, yet despite the close apposition of

sister chromatids recombination with the homolog is favored (Klein et al. 1999).

Recent studies suggest that Rec8 establishes intersister bias similar to mitotic

cohesin, but the meiosis-specific chromosome axis components, Red1, Hop1, and

the Rad53-like kinase Mek1, counteract this effect (Kim et al. 2010). Red1 localizes

to chromatin prior to DSB formation (Carballo et al. 2008; Kim et al. 2010). During

zygonema, Red1 is required to stabilize the recruitment of Hop1 to chromosome

axes (Smith and Roeder 1997; Carballo et al. 2008). In response to meiotic DSB

formation, the DNA damage response checkpoint kinases Mec1 (homolog of

mammalian ATR) and Tel1 (ATM) phosphorylate the C-terminal domain of

Hop1 (Carballo et al. 2008). Phosphorylated Hop1 subsequently promotes dimer-

ization and autoactivation of Mek1, which is required for interhomolog bias (Kim

et al. 2010).

Rad51 and Dmc1 also play important yet distinct roles in repair template choice.

Unlike Rad51, which is expressed during both vegetative growth and sporulation,

Dmc1 is specifically expressed during meiosis (Bishop et al. 1992; Schwacha and

Kleckner 1997). In dmc1mutant cells, Rad51 function cannot substitute for the loss

of Dmc1-mediated interhomolog repair, resulting in the accumulation of resected

DSBs and a strong Mec1-dependent prophase I arrest (Bishop et al. 1992; Xu

et al. 1997; Usui et al. 2001). However, Rad51 is not dispensable for interhomolog

repair. In rad51 mutants, interhomolog repair intermediates exhibit an eightfold

reduction suggesting that Rad51 is required for the implementation of interhomolog

bias (Schwacha and Kleckner 1997). It should also be noted that Dmc1-dependent

interhomolog activity is not essential for interchromosomal recombination

(Sheridan and Bishop 2006). Overexpression of Rad51 in a dmc1 mutant can

promote extensive interhomolog repair, allowing for bypass of the strong dmc1
arrest (Tsubouchi and Roeder 2003). A similar bypass effect is observed when

HED1, a meiosis-specific suppressor of Rad51 activity, is mutated in combination

with dmc1 (Tsubouchi and Roeder 2006). Although these results revealed that both
Rad51 and Dmc1 are capable of carrying out the strand exchange reaction during

meiosis, how these proteins contribute to the reaction during wild-type meiosis

remained poorly understood. Recent examination of rad51-II3A, a separation-of-

function allele that retains filament forming but not joint molecule (JM) activity,

has revealed that Rad51 acts with Mei5-Sae3 as a Dmc1 accessory factor and that

the JM activity of Rad51 is dispensable for meiotic recombination (Cloud

et al. 2012). Furthermore, Dmc1 is able to exert its dominance in the strand

exchange reaction by repressing Rad51 strand exchange activity independent of

Hed1 but dependent on the Mek1 kinase (Lao et al. 2013).
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6.5 Crossover Control

Interhomolog recombination results in either a crossover – reciprocal exchange of

flanking DNA sequences with or without an associated gene conversion event – or a

noncrossover, a tract of DNA subject to gene conversion that is not associated with

a reciprocal exchange. However, it is the crossovers that are of particular impor-

tance as they are essential to the establishment of chiasmata. To ensure tethering of

homologous chromosomes during MI, most eukaryotes possess a sophisticated

mechanism to control meiotic recombination outcomes. Central to this “crossover

control” mechanism is a decision to direct a DSB to either a crossover or noncross-

over fate (Bishop and Zickler 2004) (Fig. 6.1). In budding yeast, ~1 in 2 DSBs are

repaired as crossovers, and the remainder is repaired as either interhomolog non-

crossovers or intersister recombinants (Chen et al. 2008; Mancera et al. 2008). In

mouse spermatocytes, the fraction of initiation events (DSBs) that become cross-

overs is even lower (one in ten) (Moens et al. 2002; Cole et al. 2012).

On average ~5–6 crossovers form per chromosome in budding yeast, 1–2 per

chromosome in mouse spermatocytes, and one per chromosome in the roundworm,

Caenorhabditis elegans (Moens et al. 2002; Hillers and Villeneuve 2003; Mancera

et al. 2008). Despite an overall low crossover frequency, especially in the mouse

and worm, chromosomes with no crossovers are extremely rare (Jones 1984;

Villeneuve 1994; Anderson et al. 1999). This tendency toward guaranteed cross-

over formation is often referred to as the obligate crossover (Jones 1984).

In addition to a one crossover per chromosome mandate, when two or more

crossovers occur on the same chromosome, they are subject to genetic interference

(henceforth referred to as crossover interference) (Muller 1916; Hillers 2004;

Kleckner et al. 2004). Interference describes the observation that crossovers are

spaced further apart than would be expected if these events occurred independently

of one another (Carlton et al. 2006). In other words, a crossover in one region

reduces the likelihood of another crossover forming nearby. Similar to the logic

discussed above for DSB formation, it has been proposed that crossover designation

initiates a spreading zone of inhibition that disfavors further crossover formation in

the adjacent region (Kleckner et al. 2004; Zhang et al. 2011). The “stress relief”

model for crossover interference postulates that mechanical stress is the driving

force behind crossover designation. Once crossover designation occurs, local relief

of mechanical stress is propagated along the chromosome, inhibiting the formation

of another crossover nearby (Borner et al. 2004; Kleckner et al. 2004). The distance

over which this inhibition spreads varies from organism to organism, from tens of

kb in S. cerevisiae to tens of Mb in mammals (Broman and Weber 2000; Malkova

et al. 2004). However, the result is the same: multiple crossovers on the same

chromosome tend to be evenly spaced (Kleckner et al. 2004; Zhang et al. 2014).

The implication of this counterbalance between pro-crossover (the obligate

crossover) and anti-crossover (crossover interference) mechanisms is that meiotic

recombination is governed by an extremely robust crossover control system (Yokoo

et al. 2012). Even when DSB levels are reduced in spo11 hypomorphic mutants,
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crossovers form at near wild-type levels at the expense of noncrossovers, a phe-

nomenon referred to as crossover homeostasis (Martini et al. 2006). In wild-type

yeast and mice, crossover homeostasis maintains crossover numbers despite cell-to-

cell variation in the number of DSBs formed (Chen et al. 2008; Roig and Keeney

2008; Cole et al. 2012). The robustness of crossover control is even more striking in

C. elegans, where a single break per chromosome is largely sufficient to ensure

formation of the obligate crossover (Rosu et al. 2011). Furthermore, worms have

the capacity to limit the number of crossovers to one or a few per chromosome

when ionizing radiation (IR)-induced DSBs are in excess (Yokoo et al. 2012;

Libuda et al. 2013).

Since the first observation of crossover control nearly a century ago (Muller

1916), many genes that either promote or antagonize crossover formation have been

identified. However, we still know little about the underlying mechanism(s) that

regulates the distribution of crossovers across the genome. Interestingly, despite the

apparent conservation of a spatial patterning control mechanism, the temporal

regulation of crossover designation seems to differ between yeast and multicellular

eukaryotes. In budding yeast, crossover designation likely occurs prior to or

concomitant with the onset of homolog synapsis (Hunter and Kleckner 2001;

Borner et al. 2004). However, in worms and mice there appears to be a more

progressive implementation mechanism that governs crossover formation during

synapsis and possibly even after synapsis is complete (de Boer et al. 2006; Cole

et al. 2012; Yokoo et al. 2012; Libuda et al. 2013). Future studies are required to

identify the specific temporal cues that trigger crossover designation. Identifying

genes that coordinate chromosome structure with crossover designation will also be

important (Kleckner et al. 2004; Mets and Meyer 2009).

6.6 Crossover/Noncrossover Differentiation

Once a break is formed and the ends are resected, Rad51 and Dmc1 mediate

invasion of the homologous DNA duplex resulting in the formation of a relatively

unstable displacement loop, commonly referred to as the nascent D-loop. Available

evidence suggests it is at this point (the leptonema to zygonema transition) that

crossover/noncrossover differentiation occurs in budding yeast (Zickler and

Kleckner 1999; Hunter and Kleckner 2001; Bishop and Zickler 2004; Borner

et al. 2004). Subsequent to this “licensing” step, the majority of crossovers are

formed via the canonical DSB repair pathway, which features two prominent

metastable joint molecules: the single-end invasion (SEI) and the double Holliday

junction (dHJ) (Fig. 6.1). Double Holliday junctions are generated via capture of

the second DSB end, DNA synthesis, and ligation. In principle, resolution of a dHJ

can produce either a crossover or noncrossover outcome. However, in vivo analysis

has shown that dHJs are predominantly resolved as crossovers (Allers and Lichten

2001). Conversely, the majority of noncrossovers are formed via synthesis-

dependent strand annealing (SDSA), in which the invading strand is displaced
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after DNA synthesis and reannealed to the other end of the break (Paques and Haber

1999; McMahill et al. 2007) (Fig. 6.1).

A key regulator of the crossover/noncrossover decision is the RecQ helicase,

Sgs1 (BLM in mammalian cells) (De Muyt et al. 2012; Zakharyevich et al. 2012).

In vitro, Sgs1/BLM can migrate Holliday junctions and unwind D-loops (van

Brabant et al. 2000; Cejka and Kowalczykowski 2010). Moreover, in concert

with Top3 and Rmi1, Sgs1 can mediate the dissolution of dHJs (Wu and Hickson

2003; Plank et al. 2006; Wu et al. 2006; Cejka et al. 2010). During meiosis, Sgs1

promotes a noncrossover fate by disrupting nascent D-loops and suppressing

multichromatid JMs (Oh et al. 2007; De Muyt et al. 2012). Paradoxically, Sgs1

also exhibits pro-crossover activity by promoting the association of a subset of

recombination intermediates with ZMM proteins (see Sect. 6.8 for details),

resulting in stabilization of strand exchange intermediates (Zakharyevich

et al. 2012).

Metastable JMs connected by Holliday junctions cannot be unwound by

helicases alone but instead require the action of nucleases for resolution. In budding

yeast meiosis, MutLγ (Mlh1-Mlh3) in collaboration with Exo1 is thought to

function as the major dHJ resolvase, accounting for approximately 80 % of all

crossovers formed, a process that is independent of Exo1 exonuclease activity

(Zakharyevich et al. 2010; Zakharyevich et al. 2012). Other known resolvases

such as Mus81-Mms4, Slx1-Slx4, and Yen1 account for less than 20 % of cross-

overs generated (De Muyt et al. 2012; Zakharyevich et al. 2012). The resolution of

dHJs into crossovers is also dependent on the activation of the Polo-like kinase,

Cdc5, but the mechanism remains unclear (Sourirajan and Lichten 2008).

6.7 The Synaptonemal Complex

In most sexually reproducing organisms, one of the most prominent cytological

features of meiotic prophase is the synaptonemal complex (SC), a proteinaceous

structure that connects the axes of homologous chromosomes. The SC is a tripartite

structure consisting of two axial elements (of which Hop1 and Red1 are structural

components) and a central region (including Zip1) that bridges the gap between the

two axes (Hollingsworth et al. 1990; Sym et al. 1993; Smith and Roeder 1997). In

budding yeast, SC formation usually initiates at subsets of recombination sites

(Henderson and Keeney 2004, 2005), although initiation at other sites, such as

homologously coupled centromeres, may also occur (Tsubouchi and Roeder 2005).

Following break formation, homologous chromosomes interact at discrete sites

called axial associations (Sym et al. 1993). The synapsis initiation complex (SIC),

which includes Zip1, Zip2, Zip3, Zip4, and Spo16, localizes to these sites and is

required for polymerization of Zip1 along the lengths of chromosomes (Chua and

Roeder 1998; Agarwal and Roeder 2000; Tsubouchi et al. 2006; Shinohara

et al. 2008). Several lines of evidence suggest that SICs are positioned specifically

at sites designated for crossover formation (Borner et al. 2004; Henderson and
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Keeney 2005). Like crossovers, SICs exhibit a nonrandom distribution along

chromosomes (interference) and a nonlinear relationship to DSB frequency

(homeostasis) (Fung et al. 2004; Henderson and Keeney 2004).

6.8 The ZMMs

The transition of DSBs into mature crossovers occurs in temporal coordination with

the basic cytological stages of meiotic prophase, which are defined by the extent of

chromosome synapsis (Hunter and Kleckner 2001). In budding yeast, recombina-

tion and synapsis are coordinated by a group of proteins called the ZMMs (a partial

acronym for Zip1-4, Msh4/5, Mer3, Spo16, Pph3). Members of the ZMM group

represent a diverse collection of proteins with distinct biochemical properties

(Borner et al. 2004; Lynn et al. 2007).

Zip1 is a coiled coil protein that constitutes the transverse filaments in the central

region of the SC (Sym et al. 1993; Dong and Roeder 2000). Zip2 is related to

WD-repeat proteins and Zip4 is a tetratricopeptide repeat (TPR) protein (Perry

et al. 2005). Zip3 is a SUMO E3 ligase (Cheng et al. 2006). Msh4 and Msh5 are

homologs of MutS, a bacterial protein involved in DNA mismatch repair (Eisen

1998). They function as a heterodimer during meiosis, and the human orthologs

bind Holliday junctions in vitro (Snowden et al. 2004). Despite strong homology to

the MutS family of proteins, the Msh4-Msh5 heterodimer is not involved in

mismatch repair (MMR) (Hollingsworth et al. 1995; Novak et al. 2001). Mer3 is

a DNA helicase that stimulates heteroduplex extension in the 30–50 direction

(Nakagawa and Ogawa 1999; Mazina et al. 2004). The Mer3 protein can use double

Holliday junctions as a substrate and unwind various double-strand DNA substrates

in an ATP-dependent manner (Nakagawa and Ogawa 1999; Nakagawa et al. 2001).

Pph3, a putative ZMM family member, is the catalytic subunit of protein phospha-

tase 4 (PP4), which removes Mec1-dependent phosphorylation signals (Keogh

et al. 2006; Falk et al. 2010). The molecular function of Spo16 is not yet known.

Functional equivalents of Zip1 have been identified in plants, worms, flies, and

mice, suggesting evolutionary conservation of this protein’s function (Colaiacovo

et al. 2003; Page and Hawley 2004; de Vries et al. 2005; Higgins et al. 2005; de

Boer and Heyting 2006). Msh4-Msh5 and Mer3 functions are widely, but not

universally, conserved (de Vries et al. 1999; Zalevsky et al. 1999; Kelly

et al. 2000; Kneitz et al. 2000; Higgins et al. 2004; Snowden et al. 2004; Chen

et al. 2005; Mercier et al. 2005; Tanaka et al. 2006; Wang et al. 2009). Orthologs of

Pph3 have been identified in numerous organisms, but there is currently no evi-

dence for conservation of its function during meiosis (Brewis et al. 1993; Helps

et al. 1998; Keogh et al. 2006). Few Zip2, Zip3, Zip4, and Spo16 orthologs have

been identified: to date, Zip3 orthologs have been identified in mammals and

C. elegans, and a Zip4 ortholog has been identified in mammals (Jantsch

et al. 2004; Adelman and Petrini 2008; Kong et al. 2008; Yang et al. 2008; Reynolds

et al. 2013).
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The acronym ZMM was coined to simplify the discussion of yeast strains

lacking these genes (Borner et al. 2004), which share a number of mutant pheno-

types despite diverse biochemical activities of the native proteins. Perhaps the best

documented phenotype shared by zmm mutants is a defect in synaptonemal com-

plex assembly (Novak et al. 2001; Borner et al. 2004; Shinohara et al. 2008; Falk

et al. 2010). However, the ZMM proteins play fundamentally different roles in SC

morphogenesis. Zip1, as a core structural component of the SC, organizes chromo-

some axes into closely juxtaposed linear arrays (Sym et al. 1993). In the absence of

Zip1, homologs fail to undergo close synapsis and maintain only a few close

connections at sites of axial association (Sym and Roeder 1994). Deleting other

ZMMs leads to severe synaptic defects characterized by reduced or eliminated Zip1

localization to chromosome axes and the accumulation of SC components in

off-chromosome structures called polycomplexes.

Immunostaining analyses suggest that the ZMM proteins function in a hierar-

chical manner to mediate extensive Zip1 localization to chromosome axes. Zip3

appears to act upstream of all other ZMMs, initially recruiting Zip1 into discrete

immunostaining foci (Agarwal and Roeder 2000; Shinohara et al. 2008). The Zip1-

Zip3 complex subsequently facilitates the assembly of two additional ZMM

subcomplexes on the chromosome axis: Zip2-Zip4-Spo16 and Msh4-Msh5

(-Mer3) (Shinohara et al. 2008). The exact molecular function of these ZMM

subcomplexes in synapsis is largely unknown although it has been suggested that

Zip2-Zip4-Spo16 is required for synaptonemal complex elongation (Tsubouchi and

Roeder 2005; Shinohara et al. 2008; Tsubouchi et al. 2008; Macqueen and Roeder

2009). It remains to be determined if Pph3 fits into one of these subcomplexes or

functions independently.

In the absence of ZMM proteins, DSBs, SEIs, and dHJs persist and homologous

chromosomes fail to synapse (Sym et al. 1993; Chua and Roeder 1998; Agarwal

and Roeder 2000; Borner et al. 2004; Tsubouchi et al. 2006; Oh et al. 2007;

Shinohara et al. 2008). As a consequence, these mutants exhibit elevated levels of

checkpoint activation (see Sect. 6.9), resulting in varying degrees of meiotic

progression defects (Sym et al. 1993; Chua and Roeder 1998; Nakagawa and

Ogawa 1999; Agarwal and Roeder 2000; Borner et al. 2004; Shinohara

et al. 2008; Falk et al. 2010).

Despite the similarities between the zmm mutants, their phenotypic severity

differs substantially. Moreover, the phenotype of a given mutation can differ

depending on the strain background and culture conditions (Borner et al. 2004;

Tsubouchi et al. 2006; Chen et al. 2008; Shinohara et al. 2008; Chan et al. 2009;

Falk et al. 2010). For example, each mutant shows strikingly different phenotypes

at 23 �C and 33 �C. At high temperature, crossing-over is severely compromised,

noncrossovers are unaffected, SC formation is aberrant, and meiotic progression is

blocked (Borner et al. 2004; Falk et al. 2010). At low temperature, crossing-over is

still severely compromised, but noncrossover numbers are elevated relative to wild

type (Borner et al. 2004; Falk et al. 2010). Moreover, despite aberrant synapsis,

meiotic progression is much more efficient at 23 �C than at 33 �C (Borner

et al. 2004; Falk et al. 2010).
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6.9 Meiotic Checkpoints

Programmed DSB formation is essential, but these breaks can potentially compro-

mise cellular fitness and viability if not properly repaired. To prevent deleterious

outcomes, meiotic cells possess surveillance mechanisms or checkpoints that

ensure the various steps of meiotic recombination are properly executed prior to

chromosome segregation.

In budding yeast, the detection of Spo11-induced DSBs is dependent on two

widely conserved kinases, Tel1 (ortholog of mammalian ATM) and Mec1 (ortholog

of mammalian ATR), as well as Rad17, Rad24, and the MRX (Mre11/Rad50/Xrs2)

complex (Hochwagen and Amon 2006). Activation of Tel1 and Mec1 leads to a

delay in meiotic progression via inhibition of the Ndt80 transcription factor, which

provides extra time for DSB repair (Lydall et al. 1996; Tung et al. 2000; Okaz

et al. 2012; Gray et al. 2013). As indicated above, Tel1 and Mec1 mediate the

autoactivation of Mek1 via phosphorylation of Hop1. Subsequently, activated

Mek1 plays dual roles by establishing interhomolog bias and transducing the

recombination checkpoint signal (Wu et al. 2010).

PCH2, which encodes ATPase of the AAAþ family, was initially identified in

yeast as a putative checkpoint factor due to suppression of a zip1 arrest in a pch2
mutant (San-Segundo and Roeder 1999). This and other observations led to the

hypothesis that Pch2 helps monitor chromosome synapsis during meiotic prophase

(Bhalla and Dernburg 2005; Wu and Burgess 2006). However, the original screen

was complicated by the zip1 DSB repair defect, which causes activation of the

recombination checkpoint. The DSB dependence for SC assembly in yeast has

made it difficult to conclude that PCH2 is a bona fide “synapsis checkpoint” factor.
Further complicating these analyses, a recent study has revealed a role for Pch2 in

the recombination checkpoint (Ho and Burgess 2011). Together with Tel1 and

Xrs2, Pch2 is required for the phosphorylation of Hop1 in response to the presence

of unprocessed DSBs (Ho and Burgess 2011).

The complexities do not end there, however. Studies in yeast, flies, and mice

have revealed that Pch2 is not just a checkpoint factor but that it is also required for

chromosome axis organization and DSB repair template choice (Li and Schimenti

2007; Borner et al. 2008; Joyce and McKim 2009; Roig et al. 2010; Ho and Burgess

2011; Zanders et al. 2011). Interestingly, PCH2 is widely conserved in organisms

that construct a synaptonemal complex and exhibit crossover interference but is

absent from organisms such as Schizosaccharomyces pombe that do not exhibit

these features (Wu and Burgess 2006). This observation suggested that Pch2 might

also function in crossover control. In fact, recent analysis in budding yeast has

demonstrated that the crossovers formed in pch2 mutants show reduced interfer-

ence (Joshi et al. 2009; Zanders and Alani 2009). Moreover, it has been suggested

that Pch2 is also required for crossover homeostasis (Joshi et al. 2009; Zanders and

Alani 2009).
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6.10 Conclusions

The unique chromosome segregation patterns of meiosis force germline cells to

play a dangerous game: potentially lethal DNA lesions are introduced in a

programmed manner and then repaired by recombination to allow homologous

chromosomes to pair, exchange genetic information, become transiently tethered to

one another, and segregate. In many organisms, including yeast and mammals, the

number of meiotic DSBs generated in every meiotic cell would be sufficient to

essentially guarantee death if the same number were generated by ionizing radiation

in a mitotically dividing cell, yet nearly every meiotic cell not only survives this

genomic insult but actually requires it. This unique risk vs. reward balance places a

premium on the ability of cells to regulate DSB formation and repair. The studies

reviewed here provide a comprehensive look at these processes, but much remains

to be learned, particularly at the biochemical level. Studies in S. cerevisiae have

paved the way and will continue to provide new insight and molecular frameworks

for exploring related processes in more complex eukaryotes.
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Chapter 7

DNA Damage Recognition and Repair

in Mammalian Global Genome Nucleotide

Excision Repair

Wataru Sakai and Kaoru Sugasawa

Abstract The intrinsic instability of genomic DNA renders it susceptible to dam-

age by spontaneously produced by-products such as reactive oxygen species and

aldehyde metabolites or environmental genotoxins such as radiation and chemicals.

Unrepaired DNA damage interferes with essential DNA transactions, such as

replication and transcription, and eventually gives rise to the alteration of genetic

information. Because genomic instability can cause cell death or carcinogenesis,

DNA damage must be recognized and repaired as quickly as possible. Several

mechanisms of DNA repair that function according to the type of damage underlie a

highly sensitive system capable of detecting a few sites of damage among the large

amount of normal DNA in the genome. Nucleotide excision repair (NER) is a major

DNA repair pathway that can eliminate a wide spectrum of damage. In mammals,

NER is executed by two subpathways: global genome repair (GGR) and

transcription-coupled repair. Both subpathways share common core NER factors

but possess unique systems for recognizing DNA damage. Transcription-coupled

repair is initiated by the stalling of RNA polymerase II and is responsible for the

accelerated repair of DNA damage in the transcribed strand of active genes. By

contrast, GGR is initiated by xeroderma pigmentosum group C (XPC) and/or the

UV-damaged DNA-binding protein (UV-DDB) complex, followed by the sequen-

tial actions of other NER-associated factors. This chapter reviews the molecular

mechanisms underlying the recognition and repair of DNA damage by

mammalian GGR.
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7.1 DNA Damage Recognition

An overview of the DNA damage recognition process of global genome repair

(GGR) is shown in Fig. 7.1. One of the most remarkable characteristics of GGR is

its ability to recognize and repair an extraordinary diversity of DNA damage.

Substrates for GGR include UV-induced cyclobutane pyrimidine dimers (CPDs)

and (6–4) photoproducts (6-4PPs) (Hwang et al. 1999; Reardon et al. 1993;

Sugasawa et al. 1998), chemical base adducts formed by genotoxic compounds

such as benzo[a]pyrene and acetylaminofluorene (Gunz et al. 1996), intrastrand

cross-links (ICL) formed by chemotherapeutic drugs such as cisplatin

DDB2

XPC

DDB2

CPD, 6-4PP

XPC

DDB2

Proteolysis

U
U

U
U

U

U
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U
U
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XPC
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Fig. 7.1 DNA damage recognition

Upon UV irradiation, UV-DDB binds to DNA damage sites, particularly CPDs and 6-4PPs. The

binding of UV-DDB to these lesions stimulates the activity of the CUL4-ROC1 E3 ubiquitin ligase

complex (Fischer et al. 2011). Chromatin-bound UV-DDB then recruits XPC via a protein-protein

interaction, and both XPC and DDB2 are ubiquitylated at the damaged site. Poly-ubiquitylated

UV-DDB disrupts its damaged DNA-binding activity, whereas modified XPC remains bound to

the DNA (Sugasawa et al. 2005), resulting in XPC-mediated displacement of UV-DDB from the

DNA damage site. Ubiquitylated DDB2 is degraded by the proteasome, and ubiquitylated XPC

reverts to its unmodified form through de-ubiquitylation
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(Hey et al. 2002; Trego and Turchi 2006), and artificial cholesterol adducts

(Kusumoto et al. 2001; Matsunaga et al. 1995). Although these lesions are all

repaired by GGR, they do not share any common chemical structures.

Extensive structural and biochemical analyses using various DNA substrates

have revealed the mechanisms by which damage recognition is achieved in GGR.

Initial damage recognition requires XPC (Sugasawa et al. 1998), which recognizes

thermodynamically destabilized base pairs in duplex DNA (Sugasawa et al. 2001).

XPC preferentially identifies secondary structures containing a junction between

double-stranded DNA and a single-stranded 30 overhang (Sugasawa et al. 2001,

2002). Furthermore, the presence of undamaged bases located opposite the site of

DNA damage is required for damage recognition by XPC (Buterin et al. 2005), and

XPC can bind to small bubble structures with or without damaged bases (Sugasawa

et al. 2001). These characteristics suggest that the mechanism of molecular readout

for damage recognition is structure specific rather than damage specific, enabling

XPC to sense a wide variety of DNA structural abnormalities that are associated

with the destabilization of Watson-Crick base pairs.

The X-ray crystal structure of Rad4, the yeast XPC ortholog, revealed that it

interacts mainly with undamaged double-stranded DNA located downstream (30) of
the damaged site and inserts a β-hairpin through the DNA duplex, causing the two

normal bases located opposite the damaged site to flip out of the double helix (Min

and Pavletich 2007). The domains of XPC that contact damaged DNA are evolu-

tionarily conserved, suggesting that it binds to DNA in a similar fashion to Rad4. A

functional analysis demonstrated the importance of these domains for damage

recognition (Camenisch et al. 2009). Upon UV irradiation, XPC accumulates

rapidly at the sites of DNA damage (Hoogstraten et al. 2008) and is ubiquitylated

in a UV-DDB complex-dependent manner (see further details below) (Sugasawa

et al. 2005). The physiological role of the ubiquitylation of XPC is not fully

understood; however, this modification is reversible and does not appear to direct

proteolysis (Sugasawa et al. 2005). For damage recognition, XPC functions as a

stable heterotrimeric complex with RAD23 (Masutani et al. 1994) and centrin

2 (CETN2) (Araki et al. 2001). Mammalian cells express two yeast Rad23

orthologs named RAD23A and RAD23B, which are functionally equivalent in

NER. However, the expression level of RAD23B is approximately ten times higher

than that of RAD23A, indicating that it is a more critical partner of XPC (Okuda

et al. 2004; Sugasawa et al. 1997). RAD23B is required for the stabilization and

accumulation of XPC at DNA damage sites (Bergink et al. 2012; Ng et al. 2003;

Okuda et al. 2004); however, it reportedly dissociates from XPC after the recogni-

tion of DNA damage and does not participate in the downstream NER pathway

(Bergink et al. 2012). RAD23B also shuttles ubiquitylated proteins to the

proteasome for degradation (Elsasser et al. 2004) and interacts directly with 26S

proteasome non-ATPase regulatory subunit 4 (Hiyama et al. 1999). The precise

roles of RAD23 in NER are not fully understood, although it does appear to inhibit

the proteasomal degradation of XPC (Ng et al. 2003). CETN2, another partner of

XPC, is a small calcium-binding protein belonging to the calmodulin superfamily

(Araki et al. 2001). Although the XPC-RAD23B heterodimer is sufficient for NER
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in a cell-free system (Aboussekhra et al. 1995; Mu et al. 1995), CETN2 contributes

to the formation of a stable XPC complex and stimulates NER in vivo (Araki

et al. 2001; Nishi et al. 2005). A structure-function analysis revealed that the

C-terminal half of CETN2 may be sufficient for both its localization to the centro-

some and the damage recognition function of XPC. On the other hand, the

N-terminal domain of CETN2 appears to augment the interaction between XPC

and XPA, another key factor involved in NER (Nishi et al. 2013).

Although the XPC complex is principally responsible for the versatility of GGR,

CPDs, the most frequent type of UV-induced DNA damage, are not well recognized

by the complex (Sugasawa et al. 2001), because they do not destabilize DNA

duplexes dramatically (McAteer et al. 1998). This problem is solved, at least in

part, by the UV-DDB complex, which preferentially recognizes UV-induced DNA

damage (Tang et al. 2000). The UV-DDB complex is a heterodimer comprising

DDB1 and DDB2 (Dualan et al. 1995; Keeney et al. 1993; Takao et al. 1993) that

has high binding affinities for 6-4PPs and CPDs (Fujiwara et al. 1999; Payne and

Chu 1994; Reardon et al. 1993; Sugasawa et al. 2005; Treiber et al. 1992;

Wittschieben et al. 2005). In particular, DDB2 is required for CPD repair and

promotes the accumulation of XPC at CPD sites in vivo (Fitch et al. 2003;

Wakasugi et al. 2002; Wang et al. 2004). By contrast, XPC alone is sufficient for

the recognition of 6-4PPs, although UV-DDB is also implicated in the repair of

these lesions, especially when cells are exposed to relatively low doses of

UV. Structural analyses revealed that DDB2 has a hydrophobic damage-binding

pocket capable of accommodating CPDs and 6-4PPs (Fischer et al. 2011; Scrima

et al. 2008). This direct binding mode of UV-DDB is highly compatible with the

indirect damage recognition mode of XPC. Although biochemical and molecular

studies have unraveled the mechanism of damage recognition by UV-DDB and

XPC, the role of UV-DDB in NER is somewhat controversial. The UV-DDB

complex is not required for NER in a cell-free system (Reardon and Sancar 2003;

Sugasawa et al. 2005) and actually has an inhibitory effect on the repair of 6-4PPs in

these systems (Sugasawa et al. 2005; Wakasugi et al. 2001). However, under some

conditions, UV-DDB stimulates the excision of CPDs in vitro (Wakasugi

et al. 2001, 2002). UV-DDB is a component of the E3 ubiquitin ligase complex

that includes cullin 4 (CUL4) and a regulator of cullins, ROC1 (Groisman

et al. 2003) and ubiquitylated histones, XPC, and DDB2 upon UV irradiation

(Kapetanaki et al. 2006; Sugasawa et al. 2005; Wang et al. 2006). Biochemical

studies indicated that UV-DDB-CUL4-ROC1-mediated histone ubiquitylation

destabilizes chromatin and is important for the recruitment of XPC to

UV-induced DNA damage sites and subsequent NER (Wang et al. 2006). There-

fore, UV-DDBmay stimulate NER in the context of chromatin, but not naked DNA

(see further details below). Poly-ubiquitylation of DDB2 suppresses its ability to

recognize UV-induced DNA damage and promotes degradation of the protein in a

proteasome-dependent manner (Sugasawa et al. 2005).
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Based on the properties of the two DNA damage recognition factors described

above, a model of ubiquitylation-mediated damage transfer from UV-DDB to XPC

can be defined (Fig. 7.1). However, the precise biological roles of auto-

ubiquitylation and degradation of DDB2, as well as those of the reversible

ubiquitylation of XPC, require further clarification. Recently, it has been reported

that the ubiquitin-selective VCP/p97 segregase removes ubiquitylated DDB2 and

XPC from chromatin, which contributes to the maintenance of genome stability

(Puumalainen et al. 2014), implying the importance of its regulation to cell fate.

7.2 DNA Opening and Damage Verification

An overview of the DNA opening and damage verification process of GGR is

shown in Fig. 7.2. Although the XPC complex requires help from UV-DDB to

detect CPDs, it is mainly responsible for the detection of most types of DNA

damage and initiation of the subsequent excision step in GGR. As mentioned

above, the XPC complex does not detect DNA damage directly; hence, XPC

alone is unable to know whether damage indeed exists at the recognition step.

Consequently, damage verification is required to prevent inappropriate excision of

undamaged strands.

After initial damage recognition by XPC, the general transcription factor IIH

(TFIIH) complex is recruited to the DNA strand through direct interaction with the

XPC complex (Araújo et al. 2001; Uchida et al. 2002; Yokoi et al. 2000). TFIIH

comprises ten subunits, including the XPB and XPD helicases, and is an essential

factor for both basal transcription and NER. Although both XPB and XPD have

DNA-dependent ATPase and helicase activities, their contributions to NER are

distinct (Coin et al. 2007). Whereas the ATPase activity of XPB is essential for

NER, its helicase activity is dispensable. A structural study showed that XPB has

two characteristic motifs, namely, RED and ThM, which are located within the

helicase motifs (Fan et al. 2006) and are required for anchoring of TFIIH to DNA

damage sites (Coin et al. 2007). Using ATP hydrolysis as a source of energy, XPB

undergoes a significant conformational change that wedges open the double-

stranded DNA at the site of damage and stabilizes TFIIH binding. This anchoring

appears to be important for the initiation of DNA opening by XPD (Oksenych

et al. 2009). In contrast to that of XPB, the helicase activity of XPD is not essential

for the accumulation of TFIIH at damaged DNA sites, but it is indispensable for the

dual incisions of NER (Coin et al. 2007, 1998; Oksenych et al. 2009). Translocation

of an archaeal XPD ortholog along single-stranded DNA (ssDNA) is blocked by the

presence of damage on the strand in vitro (Mathieu et al. 2010), suggesting that

XPD may play a role in damage verification for NER. Structural studies of archaeal

XPD orthologs indicated that several domains of these proteins form a donut-like

structure with a central hole capable of accommodating ssDNA (Fan et al. 2008;
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Liu et al. 2008; Wolski et al. 2008). Indeed, mutations located close to this tunnel

structure cause defective excision repair (Mathieu et al. 2013). These findings

suggest that the helicase activity of XPD verifies the presence of DNA damage

when it encounters a blockage during translocation along the strand. The results of a

biochemical study support this model of two-step recognition of DNA damage

(Fig. 7.2) (Sugasawa et al. 2009).

Fig. 7.2 DNA opening and

damage verification

To induce successful NER

incision, XPC interacts with

the undamaged site located

on the opposing strand to

the damaged site. The

binding of XPC to this

region promotes the loading

of TFIIH (XPB) to the

damaged site and

subsequent translocation of

the XPD helicase along the

DNA strand in the 50 to 30

direction. The blockage of

XPD translocation verifies

the presence of damage,

leading to the assembly of

the pre-incision complex.

The ATPase activity of

XPB may be required for

initial opening of the DNA

duplex, which may enable

XPD to bind the DNA

strand and begin

translocation. XPA may

play roles in stimulating the

helicase activity of XPD

and/or verifying the

presence of damage
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The helicase activity of XPD is positively regulated by the NER-associated

factor XPA, which binds preferentially to sites located upstream (50) of damaged

DNA (Krasikova et al. 2010; Robins et al. 1991). XPA recruited by XPC-TFIIH

maintains the complex conformation, ready for the sequential arrival of replication

protein A (RPA), XPG, and ERCC1-XPF, which are involved in dual incision and

repair synthesis (see further details below) (Riedl et al. 2003). XPA also induces

dissociation of the cdk-activating kinase subcomplex from TFIIH (Coin et al. 2008)

and promotes the subsequent translocation of the XPC-TFIIH-XPA complex along

the DNA strand (50 to 30) for damage verification. Although enzymatic activity of

XPA has not been detected to date, this protein interacts with multiple NER and

DNA repair proteins, including TFIIH, XPC, CETN2, RPA, DDB2, ERCC1, and

proliferating cell nuclear antigen (PCNA) (Gilljam et al. 2012; Li et al. 1994,

1995a; Nishi et al. 2013; Park et al. 1995; Wakasugi et al. 2009; You et al. 2003),

suggesting that it is required for stabilization of the NER complex. Moreover, NMR

studies revealed that the DNA-binding surface of XPA contains a basic cleft

(Buchko et al. 2001; Ikegami et al. 1998); this region plays an important role in

binding to kinked DNA structures, which share the architectural features of DNA

opened by TFIIH (Camenisch et al. 2006, 2007), suggesting that XPA contributes to

maintaining the stability of NER intermediates.

7.3 Dual Incision and Repair Synthesis

An overview of the dual incision and repair synthesis process of GGR is shown in

Fig. 7.3. Although RPA and XPG interact strongly with XPA and TFIIH, respec-

tively (Araújo et al. 2001; Ito et al. 2007; Matsuda et al. 1995; Saijo et al. 1996),

these factors appear to be involved in NER after the damage verification step (Riedl

et al. 2003; Sugasawa et al. 2009). RPA comprises three subunits (RPA70, RPA32,

and RPA14), at least two of which (RPA32 and RPA70) interact with XPA

(He et al. 1995); these interactions are essential for optimal dual incision (Saijo

et al. 2011). RPA binds preferentially to the undamaged strand of damaged DNA

duplexes with defined polarity (Krasikova et al. 2010), and, as mentioned above,

this process helps to coordinate the activities of the two structure-specific endonu-

cleases XPG and ERCC1-XPF (de Laat et al. 1998; Matsunaga et al. 1996).

Recruitment of XPG to damaged sites depends on TFIIH (Zotter et al. 2006) and

contributes to the stabilization of this complex (Ito et al. 2007). Upon the arrival of

XPG, the XPC complex is eliminated from the damaged site, resulting in the

formation of the TFIIH-XPA-RPA-XPG pre-incision complex (Riedl et al. 2003;

Wakasugi and Sancar 1998). Although the mechanism underlying its release is

unclear, the XPC complex appears to be recycled for the next round of damage

recognition.
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The second NER endonuclease complex comprises XPF and ERCC1 (Sijbers

et al. 1996), and the nuclease activity of this heterodimer originates from XPF

(Enzlin and Schärer 2002). ERCC1-XPF is recruited to the pre-incision complex

through an interaction with XPA (Orelli et al. 2010; Tsodikov et al. 2007), and this

interaction is essential for functional NER (Li et al. 1995b). Once the complete

incision complex is positioned correctly at the damaged site, dual incision is

initiated. Although the results of in vitro analyses of the order of incisions are

somewhat controversial, it is generally thought that the incision 50 to the lesion by

ERCC1-XPF precedes the 30 incision by XPG. This assumption is supported by the

fact that partial DNA repair synthesis occurs in cells expressing catalytically

inactive XPG, but not those expressing catalytically inactive XPF, suggesting that

the 50 incision by ERCC1-XPF is necessary and sufficient for the initiation of DNA

XPG

XPD

XPB XPG

RPA

XPF
ERCC1

CHTF18
Polε

CHTF18

1st cut 2nd cut

Polε

PCNA

RFC1
Polδ

ubiquitylated PCNA

RFC1
Polδ

XRCC1 Polκ
Lig3Lig1

TFIIH

RPA RPA

XPG

U

U

XPA

Fig. 7.3 Dual incision and repair synthesis

The recruitment of XPG to the damaged site depends on TFIIH and contributes to the stabilization

of this complex. XPA may play a role in recruiting and arranging other NER-associated factors

into the proper configuration of the pre-incision complex. Upon the arrival of XPG, the XPC

complex is excluded from the damaged site, resulting in formation of the complete incision

complex. The 50 incision by ERCC1-XPF precedes the 30 incision by XPG. (Left) Following
dual incisions, Pol ε is recruited by CTF18-RFC to fill the resulting DNA strand gap, and then

DNA ligase I is recruited to seal the nick. (Right) Because of barriers such as chromatin structure,

repair synthesis results in delayed 30 incision. The 50 incision is followed by the recruitment of Pol

δ by RFC and Pol κ. After the completion of repair synthesis by Pol κ, XRCC1 recruits DNA ligase

IIIα to seal the nick
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repair synthesis, while the 30 incision by XPG is required for the completion of

repair synthesis but not its initiation (Staresincic et al. 2009; Tapias et al. 2004).

Furthermore, 50 incision by ERCC1-XPF generates a free 30-OH end for DNA

polymerases to elongate (Sijbers et al. 1996), whereas the preceding 30 incision by

XPG would generate a 30 flap structure, which is not a suitable substrate for repair

synthesis. Instead, this incision produces a 50-phosphate group that can be handled

by DNA ligase to complete the entire repair process.

In vitro and in vivo studies have shown that dual incision products are approx-

imately 30 nucleotides in length (Cleaver et al. 1991; Huang and Sancar 1994;

Huang et al. 1992; Svoboda et al. 1993). The NER-generated gaps in ssDNA are

thought to act as signals for the damage checkpoint response, and these signals

are likely amplified by RPA-coated ssDNA and the 50-30 exonuclease activity of

EXO1. Indeed, EXO1 accumulates at UV-induced damaged DNA sites in a

NER-dependent manner (Sertic et al. 2011). In yeast, Exo1-mediated processing

of NER intermediates competes with repair synthesis and eventually generates long

ssDNA gaps, which trigger the DNA damage checkpoint response (Giannattasio

et al. 2010). In humans, long ssDNA gaps that are enlarged by EXO1 are necessary

and sufficient to activate checkpoint signaling through ataxia telangiectasia mutated

and Rad3-related kinase (Lindsey-Boltz et al. 2014); moreover, XPA is regulated

and phosphorylated by this kinase in response to UV damage (Shell et al. 2009; Wu

et al. 2006, 2007). UV damage activates the phosphorylation of histone H2AX,

checkpoint kinase 1, and p53, which are early double-strand break response

markers (Marini et al. 2006; Marti et al. 2006). In addition, other double-strand

break repair-mediated factors, such as RNF8, mediator of DNA damage checkpoint

protein 1, 53BP1, and BRCA1, are colocalized at sites of UV damage in a

NER-dependent manner (Marteijn et al. 2009). These findings suggest that a

damage signaling pathway similar to that of double-strand break repair is involved

in NER. After the dual incision step, TFIIH and the damage-containing oligonu-

cleotide are released from the damaged site (Kemp et al. 2012), and repair synthesis

and ligation are performed. In vitro, DNA replication factors, including DNA

polymerase δ and/or ε ðPol δ=εÞ, PCNA, replication factor C (RFC), RPA, and

DNA ligase I, are sufficient for the repair synthesis step of NER (Araújo

et al. 2000; Shivji et al. 1995); however, the final step is more complicated in vivo.

DNA polymerase κ, a member of the error-prone Y-family of DNA polymerases,

may be involved in NER (Ogi and Lehmann 2006). Moreover, X-ray repair cross-

complementing protein 1 (XRCC1) and DNA ligase IIIα, which are key components

of both base excision repair and single-strand break repair, are required for the

ligation step of NER (Moser et al. 2007). In line with these results, the unexpected

complexity of the post-incision steps of NER has been revealed. There may in fact be

two modes of repair synthesis: the first employs Pol κ along with ubiquitylated

PCNA, XRCC1, Pol δ, and the canonical RFC complex, and the second employs

Pol ε with unmodified PCNA and the alternative clamp loader CTF18 complex (Ogi

et al. 2010). Notably, there seems to be differential requirement of DNA ligases and
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polymerases for NER-mediated repair synthesis depending on the cell-cycle stage;

DNA ligase IIIα is the major NER-related enzyme in both dividing and nondividing

cells, whereas DNA ligase I is used in dividing cells only (Moser et al. 2007)

(Fig. 7.3).

7.4 Chromatin Remodeling in NER

Like all DNA transactions, DNA damage recognition and repair are also affected by

the context of chromatin. During NER, the nucleosomal structure is transiently

disrupted to allow NER-associated factors such as DDB2 and XPC to access the

damaged sites and initiate repair reactions. In vitro studies revealed that DNA

damage buried within the nucleosome core is difficult to repair by NER (Hara

et al. 2000), and chromatin remodeling factors augment the efficiency of repair

(Hara and Sancar 2002; Ura et al. 2001). A number of previous reports have

suggested that, as part of the E3 ubiquitin ligase complex, UV-DDB has a key

role in chromatin remodeling during NER. Upon UV irradiation, UV-DDB local-

izes to damaged chromatin and facilitates the disruption of nucleosomes via

ubiquitylation of histones H2A, H3, and H4 (Kapetanaki et al. 2006; Wang

et al. 2006). Moreover, DDB2 promotes extensive chromatin unfolding at the site

of UV damage in a manner that is dependent on ATP and PARP1 (Luijsterburg

et al. 2012; Pines et al. 2012; Robu et al. 2013). Localization of XPC, but not

DDB2, to UV-induced CPDs is regulated by the activity of PARP1, suggesting that

chromatin remodeling has important roles in NER-mediated damage recognition.

Following the completion of NER, the repaired and naked DNA requires

reassembly into chromatin. Chromatin assembly factor-1 (CAF-1), a histone chap-

erone, is involved in the de novo incorporation of histones at repaired DNA sites

after NER (Polo et al. 2006). After UV irradiation, CAF-1 colocalizes with

NER-associated factors and PCNA at the damaged site, and its recruitment requires

proficient NER activity (Green and Almouzni 2003). Notably, the recruitment of

PCNA and CAF-1 depends on the presence of XPG, but not its 30 incision activity

(Staresincic et al. 2009), indicating that DNA repair synthesis in the NER process is

related to chromatin reassembly.

7.5 Xeroderma Pigmentosum and Related Diseases

Xeroderma pigmentosum (XP) is an autosomal recessive genetic disorder that is

characterized by dry skin, abnormal pigmentation, hyper-photosensitivity, and an

elevated risk of skin cancer. However, these symptoms are heterogeneous in both

occurrence and severity among different patients. XP occurs worldwide in all ethnic

groups without gender preference and is categorized into eight complementation

groups named XPA to XPG and XP variant. With the exception of XP variant
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patients, who have a deficiency of Pol η, another Y-family translesion DNA

polymerase, all of the other XP patients are deficient in NER. Approximately

20–30 % of XP patients display progressive and irreversible neurological degener-

ation with loss of neurons (Kraemer et al. 2007). The mechanism of onset of this

neural defect is currently unknown, although it is probably a result of the accumu-

lation of DNA damage in response to endogenous oxidative stress, irrespective of

UV-induced damage. Recently, a novel insight was provided by a study showing

that XPA deficiency leads to abnormal mitophagy, suggesting a functional connec-

tion between XPA and mitochondrial maintenance (Fang et al. 2014). Similarly,

mitochondrial health is thought to be related to multiple other degenerative and

acute diseases (Green et al. 2011). XPA deficiency also causes severe progressive

neurological degeneration by an unknown mechanism. Although defective repair of

endogenously produced DNA damage (such as oxidative base lesions) has been

suggested, additional roles of XPA outside of the NER process could be involved in

maintaining neural health.

In addition to XP, several other disorders are associated with NER defects,

including Cockayne syndrome, trichothiodystrophy, and UV-sensitive syndrome.

Most patients with these disorders have photosensitivity without skin cancer pre-

disposition. Two independent groups reported that patients diagnosed with Fanconi

anemia (FA) or FA-like disease have specific mutations in the XPF or ERCC1 gene
that cause a defect in DNA ICL repair without severely compromising NER

(Bogliolo et al. 2013; Kashiyama et al. 2013). Moreover, the FA-related protein

FANCP (also known as SLX4) regulates the activity of ERCC1-XPF to unhook ICL

damage in cooperation with FANCD2 (Hodskinson et al. 2014; Klein Douwel

et al. 2014). In an in vitro study, with the exception of XPC and XPE cells, other

NER-deficient cells were hypersensitive to cisplatin (Furuta et al. 2002), suggesting

a close connection between ICL repair and NER.

7.6 Concluding Remarks

Approximately half a century has passed since XP was identified as a DNA repair-

deficient disease (Cleaver 1968). The fundamental factors involved in NER have

been identified (Table 7.1), and excellent in vitro and in vivo assays have been

developed, allowing researchers to make great progress in this field. However, we

have just begun to understand the complicated mechanisms of NER, including the

damage signaling pathway mediated by NER and the effect of chromatin structure

before and after NER. Furthermore, the mechanism of the onset of neurological

degeneration in XP patients is still unknown. Additional research is required to gain

a complete understanding of the mechanisms by which DNA damage is recognized

and repaired.
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Table 7.1 Global genome NER-associated factors involved in dual incision

NER

factor Gene Enzymatic activity Function

UV-DDB DDB1 Part of E3 ubiquitin

ligase

UV-damage recognition, ubiquitylation

DDB2

XPC XPC GGR-specific damage recognition

RAD23A/B

CETN2

TFIIH ERCC3/
XPB

DNA helicase 30–50 DNA opening, damage verification

ERCC2/
XPD

DNA helicase 50–30

GTF2H1

GTF2H2

GTF2H3

GTF2H4

GTF2H5/
TTDA

CDK7 Protein kinase Cdk-activating kinase subcomplex,

phosphorylationCCNH/
Cyclin-H

MNAT1/
MAT1

XPA XPA DNA damage binding

RPA RPA1/
RPA70

ssDNA binding

RPA2/
RPA32

RPA3/
RPA14

XPG ERCC5/
XPG

Structure-specific

endonuclease

30 incision of damage

ERCC1-

XPF

ERCC1 50 incision of damage

ERCC4/
XPF

Structure-specific

endonuclease
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Chapter 8

The Fanconi Anemia Pathway

and Interstrand Cross-Link Repair

Masamichi Ishiai, Junya Tomida, Akiko Itaya, James Hejna,

and Minoru Takata

Abstract Fanconi anemia (FA) is a hereditary disorder characterized by bone

marrow failure and genome instability that is ascribed to defective DNA interstrand

cross-link (ICL) repair. In this chapter we summarize our current understanding of

the function of the FA genes, the mechanism for FA pathway activation, and the

processes of ICL repair in the cell. In addition, we will highlight recent evidence

that implicates endogenous aldehydes in creating genomic damage in FA cells,

culminating in the FA phenotypes.
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8.1 Introduction

Fanconi anemia (FA) is a hereditary disorder clinically characterized by develop-

mental malformations, progressive bone marrow failure (BMF), and increased

incidence of leukemia and solid tumors (Kitao and Takata 2011; Kim and D’Andrea
2012; Kottemann and Smogorzewska 2013). Although the congenital

malformations are not universal, the presence of radial ray abnormalities and

malformations, which sometimes extend to involve multiple deep organs such as

kidneys or the heart, can lead to an early diagnosis (Auerbach 2009; Kitao and

Takata 2011; Kim and D’Andrea 2012; Kottemann and Smogorzewska 2013).

During postnatal development, hypoplastic anemia due to BMF gradually develops

and reaches levels of diagnostic criteria at the median age of seven (Butturini

et al. 1994). The cumulative risk of developing leukemia or solid tumors is

extremely high in this condition (Rosenberg et al. 2003). The hematological

abnormalities can be cured by bone marrow transplantation with current state-of-

the-art technology (Yabe et al. 2006; Wagner et al. 2007), indicating that BMF in

FA is caused by impaired function of hematopoietic stem cells (HSCs).

FA was first described in 1927 by the famous Swiss pediatrician, Guido Fanconi,

in brothers presenting malformations and macrocytic anemia (Lobitz and Velleuer

2006). In 1964, Traute Schroeder et al. first reported spontaneous chromosomal

instability in cells derived from FA patients (Schroeder et al. 1964). Then Masao

Sasaki and colleagues discovered that those cells displayed much higher levels of

chromosomal aberrations upon exposure to the chemotherapeutic antibiotic mito-

mycin C (MMC) (Sasaki and Tonomura 1973), which induces DNA interstrand

cross-links (ICLs) (Deans and West 2011). Concordantly, FA cells are also highly

sensitive to killing by DNA cross-linking agents, including MMC and cisplatin.

This finding was of enormous impact. First, it has provided a specific (and relatively

convenient) clinical test and criteria for FA diagnosis. This is still useful in the

clinic even now. Second, it was used for classifying patients into subgroups based

on complementation analysis in cell fusion experiments. This line of investigation

was highly fruitful, eventually leading to the identification of a number of FA genes

(e.g., see Joenje et al. 1995). Third, and perhaps most importantly, this discovery

prompted Sasaki to propose that FA is a DNA repair disorder that is specifically

defective in ICL repair (Sasaki and Tonomura 1973; Sasaki 1975).

In this decade, an impressive amount of work has been done regarding FA and

ICL repair, and the field is still rapidly expanding. In this article, we summarize our

current understanding of the functions of the FA genes. Specifically, we will outline

the functions of the FA proteins and describe how we understand the mechanism for

FA pathway activation and the processes of ICL repair in the cell. In addition, we

will highlight recent evidence that implicates endogenous aldehydes in creating

genomic damage in cells, culminating in the spectrum of FA phenotypes.
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8.2 FA Genes and the FA Pathway

8.2.1 Sixteen FA Genes Are Classified into Four Groups

Since the first molecular cloning of the FA gene (i.e., FANCC) (Strathdee

et al. 1992), there have been altogether 16 FA genes identified to date (Kim and

D’Andrea 2012; Kottemann and Smogorzewska 2013) (Table 8.1). The gene most

commonly mutated in FA is FANCA, followed by FANCC (owing to a founder

mutation (IVS4 + 4A-to-T) in families of Ashkenazi Jewish descent) (Whitney

et al. 1993) and the other less common FA genes in the European population

(summarized in (Neveling et al. 2009)). FA genes have been named as FANC
plus an alphabetical character more or less following the order of discovery (e.g.,

FANCA, FANCB, etc.). The term FANCH was withdrawn since it turned out to be

the same as FANCA, and FANCK was skipped to avoid confusion with FANCA
when pronounced. In addition, there are several FA-related genes for which no

disease-causing mutation has been identified in FA patients (Table 8.1, see below).

Since FA patients basically display similar clinical phenotypes (Auerbach 2009),

it was expected that all of these genes function in a common biochemical pathway

(i.e., FA pathway) (Kitao and Takata 2011; Kim and D’Andrea 2012; Kottemann

and Smogorzewska 2013). This has been nicely established by the discovery that

FANCD2 protein is monoubiquitinated by the FA core complex consisting of other

FA and FA-related proteins (Garcia-Higuera et al. 2001).

In this chapter, we have classified the FA genes into four groups: (1) the FA core

complex members, (2) FANCD2 and FANCI, (3) four genes involved in hereditary

breast and ovarian cancer (HBOC) (i.e., FANCD1/BRCA2, FANCN/PALB2,

FANCO/RAD51C, and FANCJ/Brip1), and (4) FANCP/Slx4 and FANCQ/XPF.

This aids in conceptualizing the functional components of the FA pathway, with the

caveat that it is probably an oversimplification.

8.2.2 Group 1: The FA Core Complex and Associated FAAP
Proteins

Eight of the FA proteins (FANCA, B, C, E, F, G, L, and M) interact with each other

constitutively, forming the FA core complex (Kim and D’Andrea 2012; Kottemann

and Smogorzewska 2013) (Fig. 8.1). The FA core complex also contains other

non-FA proteins such as FA-associated proteins (FAAPs) (FAAP100, FAAP24,

FAAP20) and a heterodimeric complex consisting of MHF1 and MHF2 proteins

(Singh et al. 2010; Yan et al. 2010) (Fig. 8.1). There are partnerships between the

core complex members, resulting in the subcomplexes (Medhurst et al. 2006)

(i) FANCA-G-FAAP20, (ii) FANCE-F-C, (iii) FANCL-B-FAAP100, and

(iv) FANCM-FAAP24-MHF1-MHF2 (Fig. 8.1). The core complex members

often support their stability and nuclear localization with each other (e.g., see
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Pace et al. 2002). How exactly each of these subcomplexes function in the FA

pathway is still not clear. An open question is whether the subcomplexes reflect

temporal stages in the dynamic assembly/disassembly/regulation of the core

Table 8.1 FA and FA-related proteins

P phosphorylation, TPR tetratricopeptide repeat,Ubmonoubiquitination,DUB deubiquitinase, CC
coiled coil;�, no alternative name. Shaded proteins are FA related but not FA protein, since no FA

patients lacking the protein have been identified
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complex or whether they actually carry out different steps in the repair process

itself. The fact that the absence of any one of the core members abrogates FANCD2

monoubiquitination may favor the first hypothesis, but there is growing evidence

that the subcomplexes may have independent roles outside of the FA core complex,

which we describe later in this chapter.

Most of the group 1 FA proteins lack functional motifs that immediately suggest

their functions, although there are a few exceptions. For example, FANCL protein

harbors a RING finger domain (Meetei et al. 2003a). The FA core complex

functions as a multi-subunit E3 ubiquitin ligase to monoubiquitinate the group

2 proteins FANCD2 and FANCI (which together form the “ID complex”)

(Garcia-Higuera et al. 2001; Kim and D’Andrea 2012; Kottemann and

Smogorzewska 2013) using FANCL as the catalytic subunit (Fig. 8.1). As

explained below, this event is critical for the FA pathway function.

Another example is FANCM, a human ortholog of Archaea protein Hef (Komori

et al. 2002), which has a DEAH helicase domain at the N-terminus and an inactive

ERCC1 nuclease domain in the C-terminal region (Meetei et al. 2005) (Fig. 8.2a).

This is the only core complex component that has a conserved lower eukaryote

homolog (i.e., Mph1 in yeast S. cerevisiae or Fml1 in S. pombe) (Ciccia et al. 2008),
suggesting that the other FA proteins have been acquired during evolution to

modulate or expand the original function mediated by the FANCM prototype in

genome stability.

It is interesting to note that the patient described as mutated in the FANCM gene

(Meetei et al. 2005) actually carried additional biallelic FANCA mutations (Singh

et al. 2009), and to the best of our knowledge, no FA patient solely ascribed to

FANCM deficiency has been reported in the literature. Whether we should call this

Fig. 8.1 The ubiquitin system in the FA pathway. The ID complex is monoubiquitinated by the

FA core complex, while it is deubiquitinated by the USP1-UAF1 complex. The partnerships in

formation of the subcomplex are indicated by the color in the core complex components. Each FA

protein and FAAPs are indicated by letters and numbers, respectively. Ub, ubiquitin. 1 or 2, MHF1

or MHF2
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gene FANCM rather than human Hef still remains debatable, although the

corresponding knockout mice displayed phenotypes similar to FA (Bakker

et al. 2009). One could also argue that since the FANCM patient was essentially

a double mutant for FANCM and FANCA, the two genes are genetically epistatic,

placing FANCM in the FA pathway.

FANCM protein is important in the activation of the FA pathway (i.e.,

monoubiquitination of the ID complex), but it plays a stimulatory rather than

essential role by maintaining the integrity of the FA core complex (Mosedale

Fig. 8.2 Schematic representation of the protein complexes involved in the FA pathway. (a) The

FANCM complex. FANCM carries a DEAE helicase domain at its N-terminus and a C-terminal

ERCC nuclease domain which is nonfunctional, due to inactivating changes at the catalytic core

(Meetei et al. 2005). FANCM interacts with FAAP24 at the C-terminal region (Ciccia et al. 2007),

with the MHF1/MHF2 histone-fold heterodimer at the region spanning amino acids 661–800 (Yan

et al. 2010), with FANCF in the MM1 region (amino acids 826–967), and with BTR complex in

the MM2 region (amino acids 1219–1251) (Deans and West 2009). (b) Interactions between

BRCA2/FANCD1, PALB2/FANCN, BRCA1, and BRIP1/FANCJ proteins. PALB2 interacts with

the N-terminal portion of BRCA2 and the coiled-coil region (CC) of BRCA1. BRIP1 interacts with

the BRCT domain of BRCA1 in a manner dependent on its phosphorylation on Ser99

(Yu et al. 2003). BRCA2 regulates Rad51 recombinase through its interaction at the BRC repeats

(Venkitaraman 2002) and the C-terminal Rad51-binding domain (Esashi et al. 2005). (c) SLX4

acts as a platform for a group of structure-specific nucleases (Kim et al. 2013b; Kottemann and

Smogorzewska 2013). In addition, SLX4 interacts with ubiquitin via two N-terminal copies of a

UBZ4 domain (Yamamoto et al. 2011; Garner and Smogorzewska 2011)
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et al. 2005; Bakker et al. 2009), which is independent of the ATPase activity (Xue

et al. 2008; Singh et al. 2009). In addition, FANCM has an ATPase-dependent role

during ICL repair (Xue et al. 2008; Singh et al. 2009). It has also been implicated in

other functions including activation of checkpoint signaling through ATR kinase

(Collis et al. 2008; Schwab et al. 2010; Huang et al. 2010; Wang et al. 2013), the

remodeling and stabilization of stalled replication forks (Gari et al. 2008; Blackford

et al. 2012), and the replication traverse of the ICL lesions (Huang et al. 2013).

Another FA-related protein carrying a functional motif has recently been identi-

fied as FAAP20, which interacts with the core complex (Kim et al. 2012; Ali

et al. 2012; Leung et al. 2012; Yan et al. 2012). It is an integral component of the

core complex and has a ubiquitin-binding UBZ domain that may function in the

accumulation of the core complex at the site of damage by binding with K63

ubiquitin chains catalyzed by RNF8-UBC13 (Yan et al. 2012) and/or in recruitment

of Rev1 polymerase (Kim et al. 2012). It is still designated “FAAP” since no

patients deficient in this protein have been reported.

The monoubiquitination of FANCD2 and FANCI also requires the specific E2

enzyme UBE2T (Machida et al. 2006). Ubiquitin on the ID complex is removed by

the deubiquitinase complex USP1-UAF1 (Nijman et al. 2005; Cohn et al. 2007),

resulting in deactivation of the FA pathway (Fig. 8.1), which is important for

normal ICL tolerance (Kim et al. 2009). This reaction is targeted by an interaction

between a SUMO-binding motif in UAF1 and a SUMO-like domain interacting

motif (SIM) on FANCI protein (Yang et al. 2011). USP1 also deubiquitinates

monoubiquitinated PCNA (Huang et al. 2006).

8.2.3 Group 2: FANCD2 and FANCI

The discovery of FANCD2 was a major breakthrough in the FA field (Timmers

et al. 2001), since it soon became clear that FANCD2 protein is monoubiquitinated

(on Lysine 561 in human protein) upon DNA damage in a manner dependent on the

members of the FA core complex (Garcia-Higuera et al. 2001), including the E3

ligase subunit FANCL (Meetei et al. 2003a), mostly during S phase (Taniguchi

et al. 2002). Later, the FANCI gene was identified by genome-wide siRNA screen-

ing (Smogorzewska et al. 2007), or positional cloning (Dorsman et al. 2007), or

clever guesswork (Sims et al. 2007). FANCI is a paralog of FANCD2 and is

similarly monoubiquitinated on a specific lysine residue (K523 in the human

protein). As noted above, it forms a dimeric complex with FANCD2 (the ID

complex) (Fig. 8.1).

The monoubiquitination of the ID complex is a critical regulatory step in the

activation of the FA pathway (Fig. 8.1). It promotes focus formation and chromatin

binding of the complex at the DNA damage sites and hence DNA repair activities

(Garcia-Higuera et al. 2001; Matsushita et al. 2005). The accumulation of the

monoubiquitinated ID complex at the damaged chromatin is probably mediated

by binding to aberrant DNA structures at a stalled replication fork, since FANCD2
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and FANCI proteins can bind to DNA including branched DNA structures (Park

2005; Roques et al. 2009; Longerich et al. 2009; Yuan et al. 2009; Sato et al. 2012b)

(Joo et al. 2011; Kim and D’Andrea 2012; Kottemann and Smogorzewska 2013).

FANCD2 reportedly has a plethora of associated proteins other than FANCI,

including NBS1 (Nakanishi et al. 2002), BRCA1 (Garcia-Higuera et al. 2001),

BRCA2 (Hussain et al. 2004), MDC1 (Stewart et al. 2003), FAN1 (Kratz

et al. 2010; MacKay et al. 2010; Smogorzewska et al. 2010; Liu et al. 2010),

SLX4 (Yamamoto et al. 2011), BLM (Pichierri et al. 2004; Hirano et al. 2005),

FANCL (Seki et al. 2007), FANCE (Pace et al. 2002), Menin (Jin et al. 2003),

Tip60 (Hejna et al. 2008), DNA2 (Karanja et al. 2012), histone H3/H4 (Sato

et al. 2012a), and MCM2-7 proteins (Lossaint et al. 2013). These findings suggest

that FANCD2 acts in complicated DNA damage signaling networks. For example,

FANCD2 interacts with FANCD1, FANCG, and Xrcc3 in a distinct complex (the

D1-D2-G-X3 complex), and this complex promotes HR repair (Wilson et al. 2008).

However, the mechanism by which FANCD2 regulates DNA repair is still poorly

understood.

8.2.4 Group 3: Four FA Genes Related to Hereditary Breast
and Ovarian Cancer (HBOC)

Mammalian cells repair ICLs preferentially in late S phase (Akkari et al. 2001), and

current models for ICL repair invoke a DSB intermediate that is generated in the

course of the elaborate repair process (Dronkert and Kanaar 2001). Mammalian

cells utilize two main mechanisms to repair DSBs: homologous recombination

(HR) and nonhomologous end joining (NHEJ) (Thompson 2012; Chapman

et al. 2012), with HR being the predominant pathway during late S/G2 (Takata

et al. 1998). Thus, by inference, the intermediate steps of ICL repair involve HR,

and this has been largely substantiated. It has been established that, in repairing

chromosomal DSBs through HR, as shown using Maria Jasin’s assay system, FA

cells are clearly HR deficient in chicken DT40 cells (Yamamoto et al. 2003, 2004)

or mildly deficient in human cells (Nakanishi et al. 2005), respectively. Further-

more, analysis using double-knockout DT40 cells shows epistasis between FANCC

and Rad51 paralogs (Niedzwiedz et al. 2004; Hirano et al. 2005) or BRCA2 genes

(Kitao et al. 2006). These genes are important mediators of Rad51 function

(Thompson 2012).

Consistent with the results indicating an important link between HR and FA,

some FA patients have biallelic mutations in the bona fide HR genes that are known

to cause hereditary breast and ovarian cancer (HBOC) (Walsh and King 2007).

Monoallelic or biallelic mutations in these genes lead to HBOC or FA, respectively.

The first example of a group 3 gene was BRCA2, which was discovered to be

defective in FANCD1 patients (Howlett et al. 2002). BRCA2 regulates recombi-

national repair by binding the essential HR protein Rad51 to a series of interspersed
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BRC repeat sequences in the middle of BRCA2 and also to the C-terminal region

(Esashi et al. 2005) (Fig. 8.2b). BRCA2-associated protein PALB2 (partner and

localizer of BRCA2) (Xia et al. 2006) was also found to be defective in FANCN

patients (Reid et al. 2007) and in a subset of HBOC patients (Rahman et al. 2007).

PALB2/FANCN was later found to interact with another HBOC protein, BRCA1

(Zhang et al. 2009; Sy et al. 2009). The BRCA2-PALB2-BRCA1 complex

(Fig. 8.2b) facilitates the replacement of the trimeric RPA complex with Rad51

(Kruisselbrink et al. 2008) on single-stranded DNA generated by DSB end re-

section, leading to nucleoprotein filament formation that mediates the early steps in

homologous recombination (homology search and strand invasion) (Huertas 2010;

Symington and Gautier 2011; Thompson 2012; Chapman et al. 2012).

Interestingly, Brip1/FANCJ helicase (Bridge et al. 2005; Levitus et al. 2005) and

a Rad51 paralog, Rad51C/FANCO (Vaz et al. 2010), belong to this group of

FA/HBOC genes. It is noteworthy that BRCA2, PALB2, and RAD51C are the

only FA proteins that are essential to promote cytologically visible Rad51 foci upon

DNA damage (Godthelp et al. 2006), whereas Rad51 foci can form in the absence

of FANCJ (Litman et al. 2005). The precise roles of FANCJ in ICL repair remain to

be elucidated, although it has a documented 50–30 helicase activity, and it plays an

important role in resolving replication fork barriers such as G-quadruplex structures

(Youds et al. 2008; Kruisselbrink et al. 2008; Kitao et al. 2011). It also has a coterie

of important interacting factors including BRCA1 (Cantor et al. 2001), TopBP1

(Gong et al. 2010), BLM helicase (Gong et al. 2010; Suhasini and Brosh 2012)

(Suhasini et al. 2011), MRE11 (Suhasini et al. 2013), and MLH1 (Peng et al. 2007).

It is worth noting that cells with mutations in the HBOC group of FA genes

display normal levels of the monoubiquitinated ID complex. This indicates that

these genes may work downstream of, or in parallel to, the ID complex.

Despite the mechanistic relationships between FA genes and HBOC, mutations

in members of the FA core complex as well as the ID complex have generally not

been identified in HBOC patients, with all extensive studies. A large survey of FA

families uncovered no elevated overall risk of cancer in heterozygous carriers, with

the exception of a slight, significantly elevated risk of breast cancer in carrier

grandmothers, especially those in complementation group C (Berwick

et al. 2007). Recent efforts using next-generation sequencing led to identification

of FANCC and BLM mutations in non-BRCA1 or BRCA2 cases (Thompson

et al. 2012), and analysis of FANCA in French-Canadian and Finnish breast cancer

families has revealed plausible missense mutations and an upstream deletion,

respectively (Solyom et al. 2011; Litim et al. 2013).

Disruption of the FA/BRCA pathway has been associated with some sporadic

cancers. For example, silencing of the FANCF promoter was observed in sporadic

ovarian cancer (Taniguchi et al. 2003). Furthermore, a recent large-scale genome

sequencing effort has established frequent loss of the FA/BRCA genes in sporadic

ovarian cancer (Cancer Genome Atlas Research Network 2011). Cells from these

cancers were sensitive to the DNA interstrand cross-linking agent cisplatin,

suggesting that ICL agents might be effective in combined chemotherapy for

cancers with a disrupted FA pathway. By the other token, secondary mutations in

8 The Fanconi Anemia Pathway and Interstrand Cross-Link Repair 183



the BRCA1 or BRCA2 genes enabling (near) full-length re-expression of the

respective proteins have been detected in clinical samples from BRCA1/2-deficient

tumors that became resistant to chemotherapy (Edwards et al. 2008; Sakai

et al. 2008; Swisher et al. 2008). Following from these observations, attempts are

underway to investigate whether disabling the FA pathway in tumors would

sensitize the cancer cells to ICL agents (Hegi et al. 2009; Yu et al. 2013).

It is still worthwhile looking for mutations in BRCA1 or other Rad51 paralog

genes in unclassified FA patients. Recently, homozygous truncating mutations in

XRCC2 (one of the Rad51 paralogs) were identified in a single FA patient

(Shamseldin et al. 2012), although the report lacks rigorous testing of their patho-

genic significance. The other members of the Rad51 paralog family (Takata

et al. 2001; Masson et al. 2001) may well turn out to be additional FA genes.

Furthermore, a patient carrying compound heterozygous mutations in BRCA1 was

reported. She had developmental abnormalities reminiscent of FA (i.e., short stature

and microcephaly) and early-onset ovarian cancer. Although a chromosome break-

age test was not carried out and no hematological abnormalities were documented,

this report is consistent with the possibility that BRCA1 deficiency may cause a

phenotype similar to FA in some respects (Domchek et al. 2013).

8.2.5 Group 4: FANCP and FANCQ

The discovery of a new FA gene has frequently yielded important insights regard-

ing mechanisms of ICL repair as well as FA pathogenesis. The recent addition of

two novel FA proteins, FANCP and FANCQ, was no exception. Two groups

reported mutations in the SLX4 gene in a few unclassified FA patients, and the

gene is now termed SLX4/FANCP (Stoepker et al. 2011; Kim et al. 2011). SLX4/

FANCP is a scaffold DNA repair protein that can interact with several structure-

selective endonucleases including XPF/ERCC1 complex, Mus81/Eme1 complex,

and SLX1 (Fig. 8.2c). Interestingly, SLX4 has two copies of the UBZ4 ubiquitin-

binding domain, which may recognize and bind to monoubiquitinated FANCD2

(Fig. 8.3), and is thereby delivered to DNA damage sites where it forms foci

(Yamamoto et al. 2011). Thus, SLX4/FANCP is likely to be the effecter molecule

directly downstream of the ID complex. Furthermore, using SLX4-deficient cell
lines and deletion mutants, it was shown that the SLX4 interaction with XPF, but

not with MUS81 or SLX1, is required for suppressing ICL sensitivity (Crossan

et al. 2011; Kim et al. 2013b). It also raised the possibility that XPF has a role in the

FA pathway, as previous studies have suggested (Prasher et al. 2005; Bhagwat

et al. 2009).

This expectation was fulfilled when specific missense mutations in the XPF gene

were identified in FA patients (now classified as FA complementation group Q)

with no mutations in any of the other known FANC genes (Kashiyama et al. 2013;

Bogliolo et al. 2013). Although XPF is a well-characterized nucleotide excision

repair (NER) factor commonly associated with the genetic disease xeroderma
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pigmentosum (XP) (Hanawalt and Spivak 2008), other mutations in the same gene

are responsible for XFE progeroid syndrome (Niedernhofer et al. 2006), Cockayne

syndrome (Kashiyama et al. 2013), and finally, FA (Kashiyama et al. 2013;

Bogliolo et al. 2013), depending on the effects of the respective missense mutation

on XPF function (NER versus ICL repair). For example, cells from FANCQ

patients carrying a missense mutation p.Arg689Ser or p.Leu230Pro in XPF (the

other allele is truncated in these patients) displayed profound sensitivity to MMC

but not to UV exposure (Bogliolo et al. 2013). Consistent with the cellular data, the

XPF/FANCQ patients do not have an overt photosensitivity characteristic of

XP. The mutant XPF proteins are defective in endonucleolytic incision of a stem-

loop DNA substrate in vitro (Bogliolo et al. 2013), raising the possibility that XPF

along with its partner ERCC1 is responsible for the unhooking step during ICL

repair (see below). As with the group 3 genes, extracts from FANCQ mutant cells

show normal monoubiquitination of FANCD2, presumably placing the unhooking

step downstream of FANCD2 activation (Bogliolo et al. 2013).

Since the group 3 genes all cause HBOC, there is renewed interest to see whether

the group 4 gene (FANCP and FANCQ) mutations can cause HBOC. However,

there has already been extensive literature that tested the association of FANCP

mutations with HBOC, and the results have largely been negative (e.g., see

Fernández-Rodrı́guez et al. 2012).

8.3 DNA Damage and Stalled Replication Forks Activate

the FA Pathway

8.3.1 The FA Core Complex Is Loaded onto Chromatin
When the Replication Fork Stalls

Upon collision of a replication fork with an ICL, the FA core complex and the RPA

complex are loaded onto chromatin and single-stranded (ss) DNA at the site of the

Fig. 8.3 Monoubiquitinated FANCD2 recruits endonucleases, the SLX4 complex or FAN1,

through binding with their UBZ4 domains
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lesion via the activity of the FANCM/FAAP24 helicase/translocase subcomplex

(Kim et al. 2008; Huang et al. 2010) (Fig. 8.4a). Possibly related to this, FANCM/

FAAP24 loads CtIP onto chromatin associated with ICL-damaged DNA (Duquette

et al. 2012), leading to the generation of ssDNA. A recent genetic study in human

HCT116 cells provided evidence that FANCM and FAAP24 function coopera-

tively, but they also have unique roles in checkpoint signaling and DNA repair

(Wang et al. 2013). FANCM also associates with a heterodimer consisting of MHF1

and MHF2, both of which are histone-fold-containing proteins. The FANCM-MHF

complex is required for FANCD2 monoubiquitination as well as chromatin local-

ization of the core complex (Singh et al. 2010; Yan et al. 2010) (Fig. 8.4a).

8.3.2 Monoubiquitination of FANCD2 Is Critical for DNA
Repair

It has been shown that an FANCD2 K561R mutant cannot complement FANCD2-
deficient human cells (Garcia-Higuera et al. 2001). To address the functional

significance of the monoubiquitination, we tested whether mutant

non-ubiquitinated chicken FANCD2 fused with a single ubiquitin moiety (D2KR-

Ub) could reverse the cisplatin sensitivity of fancd2-deficient chicken DT40 cells

(Matsushita et al. 2005). The hypersensitivity was restored to near-normal levels,

and the D2KR-Ub fusion protein was detected in the chromatin fraction, indicating

that the ubiquitination is necessary and sufficient for chromatin loading of

FANCD2. This finding may seem at odds with the report that USP1 deficiency

causes ICL sensitivity, with constitutive FANCD2 monoubiquitination (Nijman

et al. 2005; Kim et al. 2009); however, the levels of cisplatin sensitivity are

comparable between fancd2 DT40 cells expressing D2KR-Ub and DT40 cells

with a USP1 knockout (our unpublished data).

Importantly, in the absence of the core complex components, such as FANCC,

the same fusion protein failed to bind with chromatin and was not able to comple-

ment the cisplatin sensitivity, indicating that the core complex is required for

chromatin loading of the monoubiquitinated FANCD2 (Matsushita et al. 2005).

There is an interesting interrelationship between FANCD2 and FANCI

monoubiquitination. The presence of FANCD2 is required for FANCI monoubiquiti-

nation, and the reverse is also true, indicating that the monoubiquitination occurs in

the ID complex. Interestingly, in DT40 fancd2 cells expressing the D2KR mutant,

FANCI was not monoubiquitinated. However, FANCD2 was efficiently

monoubiquitinated in cells expressing a FANCI KR mutant, indicating that

FANCD2 is monoubiquitinated first, and then FANCI is modified (Fig. 8.4b). In

line with this finding, it was shown that FANCD2 monoubiquitination precedes

FANCI monoubiquitination in DNA-stimulated Xenopus egg extracts (Sareen

et al. 2012). Furthermore, DNA repair function is largely dependent onmonoubiquiti-

nation of FANCD2 but not of FANCI (Ishiai et al. 2008).
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Fig. 8.4 Activation of the FA pathway upon fork stalling due to ICL. (a) A stalled replication fork

accompanies a region with exposed ssDNA, leading to recruitment of the RPA complex and the

FA core complex, which is facilitated by FANCM-MHF1/2-FAAP24 complex (see text). The core

complex may also stabilize localization of the ATR-ATRIP kinase (Tomida et al. 2013) (indicated

by a blue arrow). (b) FANCD2 monoubiquitination is triggered by phosphorylation of FANCI (see
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8.3.3 FANCI Phosphorylation Triggers FANCD2
Monoubiquitination

Human FANCI protein has a cluster of S/TQ motifs near its monoubiquitination

site. They are likely targets for phosphorylation by the DNA damage-activated

PI3K-family kinases (e.g., ATR or ATM) and are conserved in chicken FANCI

protein (Ishiai et al. 2008). Indeed, some of them were shown to be phosphorylated

upon DNA damage (Smogorzewska et al. 2007). We have tested whether this S/TQ

cluster region is functionally important for FANCD2 monoubiquitination using

various mutant FANCI proteins carrying combined substitutions of the S/TQ sites

with alanine or aspartic acid (a phosphomimetic mutation). Our data demonstrate

that the monoubiquitination of the ID complex is triggered by phosphorylation on

these S/TQ cluster sites (Fig. 8.4b), and the phosphorylation is sensitive to caffeine

(Ishiai et al. 2008), a global inhibitor for the PI3K family kinases (Sarkaria

et al. 1998). Since ATR-ATRIP kinase is known to respond to stalled replication

forks, it is the prime candidate that mediates the phosphorylation of the S/TQ sites

in FANCI and will be discussed in more detail below.

8.3.4 Which Kinase Is Responsible for FANCI
Phosphorylation?

It has been reported that ATR kinase facilitates FANCD2 monoubiquitination, as

shown by ATR depletion using siRNA or in cells from a patient with ATR-Seckel

syndrome (Andreassen et al. 2004). Since ATR is an essential gene for cell viability

(Brown and Baltimore 2000), siRNA depletion is expected to be incomplete, and

the ATR mutation in Seckel cells is hypomorphic (O’Driscoll et al. 2003). Thus, to
investigate ATR function in cells, we generated a DT40 conditional knockout of

ATRIP, a crucial cofactor for ATR kinase, using inducible Cre recombinase and

floxing ATRIP exons by knock-in gene targeting (Shigechi et al. 2012). We found

that FANCD2 monoubiquitination is largely abrogated by the deletion of ATRIP.
We also found that ATRIP is required for FANCI phosphorylation in vivo, and an

immunoprecipitated ATR complex can phosphorylate recombinant FANCI in vitro;

moreover, this reaction is facilitated by the presence of FANCD2 (Shigechi

et al. 2012). Therefore, we concluded that ATR kinase is responsible for the FA

pathway activation by triggering FANCI phosphorylation (Fig. 8.4b). It is notable

Fig. 8.4 (continued) text for explanation). Simultaneously, Chk1 is activated by ATR through the

Rad17-9-1-1-TopBP1 pathway, leading to cell cycle arrest. (c) Reduced ATR-ATRIP localization

is sufficient for induction of Chk1 activation in the absence of the FA core complex (Tomida

et al. 2013). (d) In the absence of the Rad17-Rad9-TopBP1 pathway that is required for Chk1

activation, the FA pathway still can be activated
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that a small amount of monoubiquitinated FANCD2 is still detectable in

MMC-stimulated ATRIP-deficient cells, but Chk1 phosphorylation (a well

established downstream target of ATR kinase) was completely abolished. There-

fore, we could not exclude the possibility that an unknown kinase may play a small

role in the activation of the FA pathway. A logical candidate might be ATM, which

can phosphorylate several S/TQ sites in FANCD2 in vitro (Ho et al. 2006). FANCI

and FANCD2 may be phosphorylated by ATR or such a related kinase depending

on the nature of the DNA damage and the stage of the cell cycle, e.g., replication

fork stalling (the main activating signal) vs. ionizing radiation.

Focusing on ATR, we considered how ATR-ATRIP kinase is activated to trigger

the FA pathway activation, which is an interesting and important issue. The

prevailing view has been mostly developed by using Chk1 phosphorylation as a

model substrate for ATR: several factors are required for full activation of the

ATR-ATRIP kinase such as the clamp loader Rad17-RFC complex, the checkpoint

clamp Rad9-Rad1-Hus1 (9-1-1) heterotrimeric complex, and TopBP1 protein

(Burrows and Elledge 2008; Cimprich and Cortez 2008; Flynn and Zou 2011).

RPA-coated single-stranded DNA, which is exposed upon replication fork stalling,

recruits ATR kinase through the interaction between RPA and ATRIP (Fig. 8.4a).

Independently, the Rad17-RFC complex loads the PCNA-like 9-1-1 complex onto

chromatin (Burrows and Elledge 2008; Cimprich and Cortez 2008; Flynn and Zou

2011) (Fig. 8.4b). The phosphorylated C-terminus of Rad9 in turn binds TopBP1,

juxtaposing the ATR-activating domain of TopBP1 with ATR-ATRIP kinase

(Delacroix et al. 2007). However, we found that Rad17, Rad9, and TopBP1 are

dispensable for FANCD2 monoubiquitination (Tomida et al. 2013) (Fig. 8.4b and

d). Furthermore, an ATRIP mutation that eliminates TopBP1 binding can also

abrogate Chk1 activation without a significant attenuation of FANCD2

monoubiquitination (Shigechi et al. 2012). In addition, FANCI phosphorylation

also requires the FA core complex as well as FANCD2 protein, suggesting that

ATR-mediated phosphorylation occurs in the context of the ID complex (similarly

to ubiquitination), and the core complex may provide a linkage between ATR and

the ID complex (Tomida et al. 2013) (Fig. 8.4b). These data reveal distinct

requirements of factors for ATR activation in triggering the FANCD2 monoubiqui-

tination or Chk1 phosphorylation (Fig. 8.4c and d).

8.3.5 ATRIP Localization Is Affected in Cells Deficient
in the FA Core Complex

The above data indicate that the FA pathway contribution to DNA repair function is

largely controlled by the checkpoint kinase ATR. However, we unexpectedly found

that members of the FA core complex – but not FANCD2 – are required for focus

formation and localization of ATRIP in chromatin (Fig. 8.4a). Using DT40 mutant

cell lines, we confirmed that FANCC and FANCM genes are necessary for ATRIP
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focus formation, whereas the ATPase activities of FANCM, E2 enzyme UBE2T or

deubiquitinase USP1, are not required (Tomida et al. 2013). ATRIP can bind to

FANCL, and the core complex is required for efficient pulldown of ATRIP from

cell lysates using magnetic beads coated with RPA-bound ssDNA. These data may

suggest that the FA core complex members stabilize ATR-ATRIP binding with

RPA in chromatin (Fig. 8.4a). We cannot observe a clear reduction in

MMC-induced Chk1 phosphorylation in the absence of the core complex, indi-

cating that the decreased amount of ATR-ATRIP in chromatin is nonetheless suffi-

cient for activating checkpoint function (Fig. 8.4c). It is interesting to note that

G2/M checkpoint signaling upon re-replication induced by Geminin depletion

requires FANCA but not FANCD2 protein (Zhu and Dutta 2006).

8.3.6 Effects of Phosphorylation and DNA Binding on the ID
Complex In Vitro

The monoubiquitination reaction of FANCD2 and FANCI has been reconstituted

using purified recombinant E1, E2 (UBE2T), and E3 (FANCL) proteins in vitro

(Alpi et al. 2008). Although FANCD2 monoubiquitination can be stimulated by the

addition of FANCI (Alpi et al. 2008), this reaction is very inefficient. Interestingly,

the efficiency of the reaction can be drastically improved by the inclusion of various

forms of DNA (single stranded, double stranded, or branched) (Sato et al. 2012b).

Though the phosphomimetic mutant FANCI can trigger spontaneous FANCD2

monoubiquitination in vivo, it cannot stimulate FANCD2 monoubiquitination any

better than wild-type FANCI in vitro (Sato et al. 2012b).

A recent crystallographic study of the mouse ID complex suggests that the

monoubiquitination sites of FANCD2 and FANCI are buried in the binding inter-

face of the two proteins, sterically hindering access for the ubiquitination reaction

(Joo et al. 2011). It seems plausible that DNA binding may induce a conformational

change that exposes the respective target lysine residues. They also suggest that

FANCI phosphorylation may promote a D2-I interaction that thereby prevents

access of the USP1 deubiquitinase to the ubiquitinated lysines, resulting in the

apparent induction of the monoubiquitination. This interpretation might be consis-

tent with the results of the in vivo study described above, although we could not

detect any changes in coimmunoprecipitation efficiency between FANCI (wild-

type versus phosphomimetic mutant) and FANCD2 (Ishiai et al. 2008). On the other

hand, the Sobeck group reported that FANCD2 and FANCI dissociate upon

FANCD2 monoubiquitination in Xenopus egg extracts. Moreover, the dissociation

is dependent on FANCI phosphorylation but not on FANCD2 monoubiquitination

(Sareen et al. 2012). In this scenario, FANCI may prevent FANCD2 monoubiquiti-

nation, and the dissociated FANCD2 is amenable for monoubiquitination. More

experiments will be needed to clarify how these two apparently different stories can

be reconciled.
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8.4 The Multiple Steps in DNA Cross-Link Repair

8.4.1 Double Fork Convergence Model

Recent experiments using Xenopus egg extracts provided a persuasive model of

what is happening upon the encounter of a replication fork with a single ICL

(Räschle et al. 2008; Knipscheer et al. 2009; Long et al. 2011). Johannes Walter’s
group examined how a plasmid carrying an ICL is replicated in an in vitro reaction.

They could precisely monitor the progression, stalling, and resumption of the

replication fork on a chromatinized plasmid template. They proposed that two

progressing replication forks converge and collide with an ICL from opposite

directions (Fig. 8.5, step1). Then the stalled fork DNA is incised at both sides of

the ICL, probably by structure-specific nucleases (the so-called unhooking event)

(Fig. 8.5, step2), liberating one sister chromatid with a DSB in place of the ICL, and

a “dangling” small oligonucleotide fragment still cross-linked to the parental strand

on the other sister chromatid (Fig. 8.5, step3). This process, perhaps also involving

exonucleolytic processing of the cross-linked fragment, facilitates DNA synthesis

past the unhooked lCL lesion (translesion synthesis (TLS)) by bypass polymerases

(e.g., REV1 and REV3) (Fig. 8.5, step3). The DSB is channeled into the HR repair

pathway that includes the group 3 proteins (Räschle et al. 2008; Knipscheer

et al. 2009; Long et al. 2011). In other words, lesion bypass of the unhooked ICL

generates an intact template for HR repair of the DSB and for the final removal of

the dangling remnant adduct by NER (Fig. 8.5, step4).

Then what is the role of the FA pathway in these steps in ICL repair? The

kinetics of the monoubiquitination of the ID complex is consistent with a response

to the fork collision. Depletion of FANCD2 resulted in defects in both unhooking

and TLS events (Knipscheer et al. 2009), strongly indicating that the primary role of

FANCD2 is to facilitate unhooking, probably by the recruitment of the incision

nucleases, since the TLS could follow as an indirect consequence of the unhooking.

8.4.2 The ID Complex as a Scaffold to Recruit
Structure-Specific Endonucleases

Emerging evidence has indicated that the monoubiquitinated, chromatin-bound ID

complex acts as a scaffold to recruit proteins that contain a ubiquitin-binding

domain (UBD) such as FAN1 nuclease or SLX4 (Kratz et al. 2010; MacKay

et al. 2010; Smogorzewska et al. 2010; Liu et al. 2010; Yamamoto et al. 2011)

(Fig. 3). As discussed above, SLX4 regulates structure-specific nucleases including

XPF/ERCC1, SLX1, and the MUS81/EME1 complex (Fekairi et al. 2009; Munoz

et al. 2009). SLX4 and FAN1 appear to be recruited and form foci by binding to

monoubiquitinated FANCD2 via their UBDs. Among the nucleases implicated in

the unhooking process, XPF/ERCC1 seems to be the most important for ICL
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resistance, while MUS81/EME1 and SLX1 play less prominent roles (Crossan

et al. 2011; Kim et al. 2013b) as discussed above. It has recently been shown that

SLX4-SLX1-MUS81-EME1 can form a holoenzyme complex (the SLX-MUS

complex) that acts as a Holliday junction (HJ) resolvase (Garner et al. 2013; Castor

et al. 2013; Wyatt et al. 2013).

The role of FAN1 in mediating unhooking driven by the ID complex is also

plausible, given its in vitro nuclease activities and the ICL sensitivity of cells

depleted of FAN1 (Kratz et al. 2010; MacKay et al. 2010; Smogorzewska

et al. 2010; Liu et al. 2010). However, recent evidence indicates that FAN1 is not

an FA gene, and its defects cause a hereditary kidney disorder in humans (Zhou

et al. 2012). Interestingly, neither an FAN1 knockout nor an SLX4 UBZ4 deletion

knockout shows epistasis with the FA pathway (Yoshikiyo et al. 2010; Yamamoto

et al. 2011), suggesting that FAN1 and SLX4 can function in ICL repair in the

absence of the FA pathway-dependent foci formation. This is consistent with the

notion that there may be partially overlapping ICL repair pathways. Keeping the

example of XPF in mind, there may yet be specific undiscovered point mutations in

FAN1 that confer an FA-like phenotype.

Fig. 8.5 A schematic representation of the ICL repair pathway according to the double fork

convergence model. Progression of the repair process is simplified to four distinct steps. For

detailed explanation, see text

192 M. Ishiai et al.



8.4.3 Regulation of Sister Chromatid Exchanges (SCEs) by
the FA Pathway

ICLs (i.e., treatment with MMC) are potent inducers of SCEs in human cells. The

BLM-TopoIIIα-RMI1-RMI2 (BTR) complex suppresses SCE levels by Holliday

junction dissolution during HR (leading to noncrossover events) (Wu and Hickson

2003). Therefore, the extremely high SCE frequency is a hallmark feature of Bloom

syndrome (BS) cells (deficient in BLM helicase). Recent studies established that the

two HJ resolvases, the SLX-MUS complex and Gen1, act in parallel on HJs that

have escaped dissolution by the BLM complex (Garner et al. 2013; Castor

et al. 2013; Wyatt et al. 2013). They maintain chromosome segregation and cell

viability by HJ cleavage in the absence of BLM, resulting in the high levels of SCE

and genome instability that cause a wide range of cancers in Blm patients (Garner

et al. 2013; Castor et al. 2013; Wyatt et al. 2013).

We and other researchers have reported a curious observation that many FA

mutant cells derived from the chicken DT40 cell line exhibit a modest increase in

spontaneous SCE levels (Niedzwiedz et al. 2004; Yamamoto et al. 2004; Hirano

et al. 2005; Levitus et al. 2005). This finding was initially criticized as being

irrelevant to human FA, since human FA cells generally do not have an increase

in SCEs (e.g., see Chaganti et al. 1974). Later it became apparent that cells lacking

FANCM in human and mouse cells do display a mildly increased frequency in

SCEs (Bakker et al. 2009; Wang et al. 2013). On the other hand, SCE induction by

MMC treatment is less efficient in fancd2mutant DT40 cells compared to wild-type

cells (Yamamoto et al. 2004).

Given the recent progress in our mechanistic understanding of SCE and HJ

resolution, the changes in SCE levels in DT40 FA mutant cells might be better

explained as follows. First, BLM associates with the FA core complex (Meetei

et al. 2003b) through FANCM (Deans andWest 2009). Indeed, FANCM suppresses

SCE levels in a manner dependent on the FANCM interactions with BLM complex

and the FA core complex (Deans and West 2009; Hoadley et al. 2012), and mildly

elevated SCE levels in DT40 fancc mutant cells are epistatic to BLM (Hirano

et al. 2005; Rosado et al. 2009). Second, in addition to SLX4 (Yamamoto

et al. 2011), FANCD2 physically interacts with BLM and is involved in BLM

regulation (Pichierri et al. 2004; Hirano et al. 2005; Chaudhury et al. 2013). Thus

fancd2-deficient cells cannot efficiently mobilize both the BTR complex and the

SLX-MUS resolvase complex following MMC damage (Yamamoto et al. 2011).

We propose that, compared to wild-type cells, defects in the SLX-MUS complex

mobilization following MMC might be more evident in fancd2 cells, leading to

reduced SCE levels. Since Gen1 might be also relevant to SCE levels, it might be

interesting to test whether the FA pathway can regulate GEN1 or not.
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8.4.4 The ID Complex as a Histone Chaperone

Hitoshi Kurumizaka’s group has recently identified histone H3/H4 as an FANCD2-
interactor and found that FANCD2 has a histone chaperone activity, which is

stimulated by the presence of FANCI protein (Sato et al. 2012a). FANCD2 deple-

tion resulted in a lower exchange rate of H3 only after MMC stimulation as shown

by FRAP analysis in human cells. FANCD2 associates with histones at its

C-terminal domain, and chicken FANCD2 carrying mutations in this region, or a

more N-terminal mutation (R305W), which is equivalent to a mutation (R302W) in

an FA patient, can disrupt the histone interaction as well as the chaperone activity.

Furthermore, these FANCD2 mutations could not fully restore cisplatin sensitivity

in fancd2 knockout DT40 cells (Sato et al. 2012a). How the histone chaperone

activity affects the process of ICL repair remains unknown. For example, it would

be interesting to test whether the chaperone activity is required for SLX4 or FAN1

recruitment or not.

8.4.5 Repair Pathway Choice During Cross-Link Repair

DSBs are generated upon unhooking during ICL repair, and the FA pathway has

been implicated in the repair pathway choice for the DSB. If inappropriate NHEJ

occurs instead of HR, toxic repair intermediates may accumulate (Adamo

et al. 2010; Pace et al. 2010; Chapman et al. 2012; Kottemann and Smogorzewska

2013), leading to cell death or senescence. Several lines of evidence indicate that

inhibition of NHEJ in FA cells using genetic ablation of critical NHEJ genes, such

as Ku, reverses the ICL sensitivity (Adamo et al. 2010; Pace et al. 2010) (reviewed

in (Kottemann and Smogorzewska 2013)). These results suggest a possible role of

the FA pathway in the choice between HR and NHEJ by enhancing the former or

inhibiting the latter; however, neither a 53BP1 or DNA-PK knockout in an

FANCD2-deficient background provides any protection (Houghtaling et al. 2005;

Bunting et al. 2012).

The first step in initiating DSB repair via the HR pathway is the end resection of

a DSB by nucleolytic degradation of the 50 strand, which is the key determinant for

the pathway choice between HR and NHEJ (Huertas 2010; Symington and Gautier

2011; Chapman et al. 2012). Thus, the FA pathway might have a role in end

resection during ICL repair. In line with this hypothesis, FANCD2 can interact

with DNA2 nuclease or BLM (Pichierri et al. 2004; Hirano et al. 2005; Chaudhury

et al. 2013), which are both known to be involved in end resection (Karanja

et al. 2012). It is an interesting possibility that the reported exonuclease activity

of FANCD2 (Pace et al. 2010) contributes to the end resection.
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8.4.6 Helicases Involved in ICL Repair

It has been shown that a number of helicases in addition to Brip1/FANCJ or BLM

are involved in ICL repair. Mcm8 and Mcm9 proteins are structurally related to

replication Mcm helicases (six of them form the Mcm2-7 complex); thus, they were

supposed to function in replication (Maiorano et al. 2005). Surprisingly, it has been

recently shown that they form a hexameric helicase complex, which is required for

HR repair and cisplatin tolerance. They accumulate in DNA damage-induced

subnuclear foci in a manner dependent on the BRCA2-Rad51 pathway and

FANCD2 (Nishimura et al. 2012). However, whether Mcm8/9 is epistatic to the

FA pathway is currently unknown.

HelQ helicase is a mammalian counterpart of the Mus301 gene that was impli-

cated in Drosophila ICL repair (Takata et al. 2013; Adelman et al. 2013; Luebben

et al. 2013). Recently its function in ICL repair has been documented by genetic

analysis in human cells (Takata et al. 2013) and mice (Adelman et al. 2013;

Luebben et al. 2013). HelQ-deficient mice display ICL sensitivity, an elevated

incidence of tumors, and subfertility, resembling FA. However, the phenotypes in

HelQ/FA double mutants are additive, indicating that they function independently

of each other. Interestingly, HelQ protein is found in the ATR-ATRIP complex as

well as in the Rad51 paralog BCDX2 complex (Masson et al. 2001; Takata

et al. 2013; Adelman et al. 2013). Thus, HelQ deficiency affects HR repair coupled

with stalled replication forks and genome stability.

8.5 Exploring the Connection Between Endogenous

Aldehydes and FA

8.5.1 What Is the Endogenous DNA Damage that Causes
the FA Phenotype?

How the BMF develops in FA individuals has been a lingering question in the field

(Garaycoechea and Patel 2013). Given the ample evidence that the FA pathway

regulates ICL repair, and some knockout mice lacking DNA repair pathways

develop BMF (reviewed in Garaycoechea and Patel 2013), it has been postulated

that accumulated DNA damage may deplete the functional reserve of HSCs. In line

with this hypothesis, in cells from both FA patients and FA model mice, p53 and its

transcriptional target CDK inhibitor p21 are constitutively activated, resulting in

impairment of HSCs. Furthermore, p53 knockdown can rescue the HSC defects in

fancd2 knockout mice (Ceccaldi et al. 2012), albeit at the expense of accelerated

tumorigenesis.

However, it remains unclear what type of endogenous DNA damage is repaired

through the FA pathway and is the cause of the phenotypes in FA patients. It has

been reported that FA cells are hypersensitive to higher oxygen tension (Joenje
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et al. 1981), and administration of an antioxidant drug Tempol to fancd2 knockout

mice can significantly delay the onset of epithelial cancer development (Zhang

et al. 2008). It has also been suggested that endogenous aldehydes, such as a lipid

peroxidation product malondialdehyde or acetaldehyde, can form DNA adducts

including ICLs or DNA-protein cross-links (Obe et al. 1979; Yonei and Furui

1981). More recently DT40 FA cells were shown to be hypersensitive to formal-

dehyde at levels comparable to the concentration in normal serum, unlike cell lines

deficient in other DNA repair pathways (Ridpath et al. 2007). Furthermore, double-

knockout DT40 cells deficient in both the FA pathway and the formaldehyde-

catalyzing enzyme ADH5 show lethality (Rosado et al. 2011), suggesting that an

increased level of endogenous formaldehyde damage requires the FA pathway for

efficient repair.

8.5.2 Insights from Knockout Mice Lacking FANCD2
and ALDH2

Recent literature from KJ Patel’s group described striking observations that double-
knockout mice deficient in Fancd2 and Aldh2, but neither of the single mutant mice,

exhibit an accelerated development of leukemia and bone marrow failure

(Langevin et al. 2011; Garaycoechea et al. 2012). The main function of ALDH2

enzyme is the catalysis of acetaldehyde, which is produced endogenously through

normal metabolism or is exogenously derived from food or drinks containing

ethanol. ALDH2 also catalyzes formaldehyde and other related aldehydes (Crabb

et al. 1989; Wang et al. 2002). Interestingly, the HSC fraction in bone marrows of

the double-knockout mice contains cells strongly positive for γ-H2AX, indicating
an accumulation of DSBs. Using the classic colony-forming assay, they measured

cellular sensitivity against exogenous acetaldehyde and found that HSCs are

protected by the presence of ALDH2, which is dispensable in more mature hema-

topoietic cells. As measured by the Aldefluor assay, most of the ALDH activity

(Ginestier et al. 2007) in HSCs is abolished by the Aldh2 gene knockout, suggesting

that ALDH2 specifically protects HSCs from DNA damage due to endogenous

aldehydes (Garaycoechea et al. 2012). However, it should be noted that FA

model mice generally do not recapitulate the human FA phenotype, including

overt BMF (Parmar et al. 2009; Bakker et al. 2013). Thus, it is important to examine

whether the conclusion drawn from the mouse study extends to human patients.
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8.5.3 ALDH2 Genotype Affects the FA Phenotype
in Humans

In collaboration with Drs. Miharu Yabe (Tokai University School of Medicine) and

Keitaro Matsuo (Kyushu University Faculty of Medical Sciences), we set out to

exploit the well-known fact that ALDH2 deficiency resulting from a Glu504Lys

substitution (A allele) is highly prevalent in the East Asian population. The A allele

acts as a dominant negative, since the variant form can suppress the activity of the

Glu504 form (G allele) in GA heterozygotes by hetero-tetramer formation (Crabb

et al. 1989; Li et al. 2006). Therefore, we expected some Japanese FA patients to be

functionally deficient in ALDH2.
We carried out ALDH2 genotyping in a set of 64 Japanese FA patients (Hira

et al. 2013). Clinical records and samples have been collected in a single institute

(Tokai University Hospital); therefore, we think they are highly accurate and

reliable. The distribution of the normal (G allele) and the variant allele (A allele)

across 64 patients appeared not significantly different from the reported allele

frequencies in the general Japanese population. Strikingly, we found that the

ALDH2 variant strongly accelerated progression of bone marrow failure. The

only three homozygous AA cases were all gravely ill with BMF accompanied by

myelodysplasia (MDS) development soon after birth. However, no statistically

significant difference was detected between GG and GA cases in terms of

MDS/leukemia development. Of interest, the body weight at birth and the number

of physical abnormalities were not significantly affected.

Collectively, these data have a number of implications. First, they are basically

consistent with the conclusion obtained with the model mice. ALDH2 and the FA

pathway cooperate in preventing accumulation of DNA damage created by endo-

genous aldehydes (Fig. 8.6). It seems well established by now that endogenous

aldehydes are an important source of genotoxicity in human HSCs, and the FA

pathway and ALDH2 counteract them. The first line of defense is aldehyde removal

by ALDH2. If the FA pathway is compromised, the levels of endogenously induced

DNA damage should be higher, and HSCs likely accumulate aldehyde-induced

DNA damage, resulting in BMF. Second, it is noteworthy that the strong impact of

the ALDH2 variant is largely restricted to the hematopoietic system and in some

organs in human FA patients (Hira et al. 2013). This suggests that tissues other than

those organs might be protected from endogenous aldehydes by enzymes other than

ALDH2. Alternatively, the FA phenotypes not protected by ALDH2 may be caused

by other endogenous DNA damage not created by aldehydes (e.g., reactive oxygen

species). Third, our data also predict that Japanese FA patients in general develop

BMF at an earlier age compared to patients of other ethnic origins, such as

European ancestry. To rigorously prove this, an FA patient registry similar to the

International Fanconi Anemia Registry (IFAR) or the European Fanconi Anemia

Registry should be established in Japan and other East Asian countries. Finally, an

ALDH2 agonist (Perez-Miller et al. 2010) can be a novel therapeutic approach to

BMF in FA. It has been shown that human embryonic stem cells depleted of FA
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proteins by short hairpin RNAs differentiate poorly into hematopoietic stem and

progenitor cells in vitro (Tulpule et al. 2010). It would be interesting to test the

contribution of the ALDH2 genotype as well as the ALDH2 agonist in this hemato-

poietic differentiation system in vitro.

8.6 Conclusions and Final Remarks

In this chapter, we highlighted recent progress in this field that has led to the notion

that the FA pathway coordinates multiple steps during ICL repair. In FA patients,

the damage to the bone marrow is created mostly through endogenous aldehydes

that might be worth considering as a therapeutic target. However, a number of

important questions remain. In response to the other replication problems such as

incomplete replication in common fragile sites or entangled sister chromatids due to

unresolved HJs, the FA pathway might play an additional role (Chan et al. 2009;

Naim and Rosselli 2009; Naim et al. 2013; Ying et al. 2013). In addition to a direct

role in DNA repair, FANCD2 may contribute to transcriptional regulation related to

NFκB (Matsushita et al. 2011) or transcriptional activation of tumor suppressor

TAp63 (Park et al. 2013). It remains unknown how the ID complex regulates the

core HR machineries such as Rad51 or BRCA2/FANCD1. Recently it has been

shown that FANCD2 and BRCA2 protect the nascent replicated DNA from degrad-

ation by Mre11 upon fork stalling in a common pathway (Schlacher et al. 2012).

Although it has been suggested that FANCD2 and BRCA2 can interact, the actual

Fig. 8.6 ALDH2 and the

FA pathway cooperate in

preventing accumulation of

DNA damage inflicted by

endogenous aldehydes. See

text for detail
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molecular mechanism has not been defined. The open question of what additional

functions FA proteins might have outside of ICL repair will no doubt yield more

surprises as we begin to consider the constellation of stochastic developmental

defects in FA. We note that FA proteins have been reported in the cytoplasm

(Hoatlin et al. 1998; Thomashevski et al. 2004), associated with mitochondria

(Mukhopadhyay et al. 2006), and the centrosome (Kim et al. 2013a). Given the

accelerated speed of progress in this field, we can safely expect that many, if not all,

of these questions will be solved in the not-so-distant future.
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Räschle M, Knipsheer P, Enoiu M et al (2008) Mechanism of replication-coupled DNA interstrand

crosslink repair. Cell 134:969–980. doi:10.1016/j.cell.2008.08.030

Reid S, Schindler D, Hanenberg H et al (2007) Biallelic mutations in PALB2 cause

Fanconi anemia subtype FA-N and predispose to childhood cancer. Nat Genet 39:162–164.

doi:10.1038/ng1947

Rickman KA, Lach FP, Abhyankar A, Donovan FX, Sanborn EM, Kennedy JA, Sougnez C,

Gabriel SB, Elemento O, Chandrasekharappa SC et al (2015) Deficiency of UBE2T, the E2

ubiquitin ligase necessary for FANCD2 and FANCI ubiquitination, causes FA-T subtype of

Fanconi anemia. Cell Rep 12:35–41

Ridpath JR, Nakamura A, Tano K et al (2007) Cells deficient in the FANC/BRCA pathway are

hypersensitive to plasma levels of formaldehyde. Cancer Res 67:11117–11122. doi:10.1158/

0008-5472.CAN-07-3028

Roques C, Coulombe Y, Delannoy M et al (2009) MRE11-RAD50-NBS1 is a critical regulator of

FANCD2 stability and function during DNA double-strand break repair. EMBO J 28:

2400–2413. doi:10.1038/emboj.2009.193

Rosado IV, Niedzwiedz W, Alpi AF, Patel KJ (2009) The Walker B motif in avian FANCM is

required to limit sister chromatid exchanges but is dispensable for DNA crosslink repair.

Nucleic Acids Res 37:4360–4370. doi:10.1093/nar/gkp365

Rosado IV, Langevin F, Crossan GP et al (2011) Formaldehyde catabolism is essential in cells

deficient for the Fanconi anemia DNA-repair pathway. Nat Struct Mol Biol 18:1432–1434.

doi:10.1038/nsmb.2173

Rosenberg PS, Greene MH, Alter BP (2003) Cancer incidence in persons with Fanconi anemia.

Blood 101:822–826. doi:10.1182/blood-2002-05-1498

Sakai W, Swisher EM, Karlan BY et al (2008) Secondary mutations as a mechanism of cisplatin

resistance in BRCA2-mutated cancers. Nature 451:1116–1120. doi:10.1038/nature06633

Sareen A, Chaudhury I, Adams N, Sobeck A (2012) Fanconi anemia proteins FANCD2 and

FANCI exhibit different DNA damage responses during S-phase. Nucleic Acids Res

40:8425–8439. doi:10.1093/nar/gks638

Sarkaria JN, Tibbetts RS, Busby EC et al (1998) Inhibition of phosphoinositide 3-kinase related

kinases by the radiosensitizing agent wortmannin. Cancer Res 58:4375–4382

Sasaki MS (1975) Is Fanconi’s anaemia defective in a process essential to the repair of DNA cross

links? Nature 257:501–503

Sasaki MS, Tonomura A (1973) A high susceptibility of Fanconi’s anemia to chromosome break-

age by DNA cross-linking agents. Cancer Res 33:1829–1836

Sato K, Ishiai M, Toda K et al (2012a) Histone chaperone activity of Fanconi anemia proteins,

FANCD2 and FANCI, is required for DNA crosslink repair. EMBO J 31:3524–3536.

doi:10.1038/emboj.2012.197

206 M. Ishiai et al.

http://dx.doi.org/10.1038/emboj.2012.197
http://dx.doi.org/10.1093/nar/gks638
http://dx.doi.org/10.1038/nature06633
http://dx.doi.org/10.1182/blood-2002-05-1498
http://dx.doi.org/10.1038/nsmb.2173
http://dx.doi.org/10.1093/nar/gkp365
http://dx.doi.org/10.1038/emboj.2009.193
http://dx.doi.org/10.1158/0008-5472.CAN-07-3028
http://dx.doi.org/10.1158/0008-5472.CAN-07-3028
http://dx.doi.org/10.1038/ng1947
http://dx.doi.org/10.1016/j.cell.2008.08.030
http://dx.doi.org/10.1038/ng1959
http://dx.doi.org/10.1038/sj.emboj.7600542
http://dx.doi.org/10.1038/sj.emboj.7600277
http://dx.doi.org/10.1038/sj.emboj.7600277
http://dx.doi.org/10.1038/nsmb.1737
http://dx.doi.org/10.1038/sj.emboj.7601754
http://dx.doi.org/10.1016/j.mrfmmm.2009.03.015
http://dx.doi.org/10.1016/j.molcel.2013.05.017


Sato K, Toda K, Ishiai M et al (2012b) DNA robustly stimulates FANCD2 monoubiquitylation in

the complex with FANCI. Nucleic Acids Res 40:4553–4561. doi:10.1093/nar/gks053

Sawyer SL, Tian L, Kahkonen M, Schwartzentruber J, Kircher M, Majewski J, Dyment DA, Innes

AM, Boycott KM, Moreau LA et al (2014) Biallelic mutations in BRCA1 cause a new Fanconi

anemia subtype. Cancer Discov 5:135–142

Schlacher K, Wu H, Jasin M (2012) A distinct replication fork protection pathway connects

Fanconi anemia tumor suppressors to RAD51-BRCA1/2. Cancer Cell 22:106–116.

doi:10.1016/j.ccr.2012.05.015
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Chapter 9

The Crossroads of Ubiquitination and DNA

Repair: A Structural Perspective

Gondichatnahalli M. Lingaraju, Kerstin B€ohm, Julius Rabl,

Simone Cavadini, Eric S. Fischer, Susanne A. Kassube,

and Nicolas H. Thomä

Abstract The timely repair of DNA damage is crucial to the maintenance of

genome integrity. The DNA damage response relies on the cross talk between a

large number of protein complexes and is subject to regulation by posttranslational

modifications. Ubiquitination has emerged as an integral part of several DNA repair

and damage-signaling responses. This posttranslational modification not only tar-

gets proteins for degradation by the proteasome but also has important regulatory

roles. Here, we review our current understanding of selected DNA repair pathways

influenced by ubiquitination, with a special focus on protein structure and

architecture.

Keywords Ubiquitination • DNA damage response • UV damage • Cullin-RING

ligases • COP9 signalosome • Nucleotide excision repair • Fanconi anemia •

BRCA1

9.1 Introduction

An estimated >105 structurally diverse DNA lesions arise in a given cell per day

(De Bont and van Larebeke 2004; Hoeijmakers 2009). These types of DNA

damages can trigger the DNA damage response (DDR), which halts cell cycle

progression and initiates a dedicated DNA repair and signaling cascade (Lindahl
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and Wood 1999; Harper and Elledge 2007). The cross talk between the multitude

of repair and signaling proteins is mediated by a number of posttranslational

modifications (Dery and Masson 2007) including ubiquitination (Hershko and

Ciechanover 1998), which serves as a key regulator in DNA repair pathways.

During the ubiquitination reaction, the 76-residue (8.5 kDa) ubiquitin protein is

covalently attached to its target through an isopeptide bond between the ubiquitin

C-terminal residue (Gly76) and the ɛ-amino group of the acceptor lysine (Kerscher

et al. 2006). Ubiquitination requires the sequential action of the E1 (ubiquitin-

activating), E2 (ubiquitin-conjugating), and E3 (ubiquitin ligase) enzymes

(Scheffner et al. 1995). E1 activates ubiquitin in an ATP-dependent process

resulting in a thioester bond with the active site cysteine. Ubiquitin is then trans-

ferred to E2 by transthioesterification. The E3 ubiquitin ligase juxtaposes the

ubiquitin-conjugated E2 enzyme to the target and catalyzes ubiquitin transfer.

The underlying specificity of this process originates largely from the E3 ligase.

Accordingly, only two E1s and ~38 E2s are encoded by the human genome, but

more than 600 E3s have been identified (Kerscher et al. 2006; Jin et al. 2007;

Sarikas et al. 2011). Ubiquitin contains seven lysine residues that function as

potential acceptors. Ubiquitin can form mono-adducts and poly-ubiquitin chains.

While mono-ubiquitination is typically regulatory in nature, Lys-48 and Lys-11

linkages frequently target proteins for degradation by the proteasome (Kulathu and

Komander 2012; Komander and Rape 2012), and poly-ubiquitin linkages on Lys-63

as well as Lys-6, Lys-11, Lys-27, Lys-29, and Lys-33, as well as linear ubiquitin

chains, have been implicated in the non-proteolytic regulation of diverse pathways

(Kulathu and Komander 2012).

Ubiquitin modifications are recognized by downstream pathways that frequently

comprise different classes of ubiquitin-binding domains (UBD) (Hofmann 2009;

Husnjak and Dikic 2012). These include the ubiquitin-associated (UBA) domain,

ubiquitin-interacting motifs (UIM), and ubiquitin-binding zinc finger (UBZ)

domains. Ubiquitination is reversed through the action of deubiquitinating enzymes

(DUBs) (Reyes-Turcu et al. 2009) that hydrolyze the isopeptide bond between

ubiquitin and the target lysine. Ubiquitination and deubiquitination are tightly

coupled, and both will be discussed in the context of DNA repair and the DNA

damage response.

9.2 CRL4 E3 Ligases in Nucleotide Excision Repair

The nucleotide excision repair (NER) pathway repairs bulky DNA adducts and UV-

induced lesions, such as cyclobutane pyrimidine dimers (CPDs) and (6-4) pyrim-

idine-pyrimidone photoproducts (6-4PP) (Friedberg et al. 2006; Gillet and Scharer

2006). In the global genome repair (GGR) branch, XPC-RAD23B (Sugasawa et al.

1998) and DDB1–DDB2 (UV-DDB; UV-DNA damage binding) (Fitch et al. 2003;

Moser et al. 2005; Sugasawa et al. 2005) complexes actively survey the genome in

search of DNA lesions. In transcription-coupled repair (TCR) (Svejstrup 2002),
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DNA lesions in the actively transcribed strand stall the progression of RNA

polymerase II and initiate a repair response that involves the Cockayne syndrome

A (CSA) and the Cockayne syndrome B (CSB) chromatin remodeler (Henning

et al. 1995; Groisman et al. 2003). The detailed molecular mechanism underlying

TCR remains elusive. Following lesion detection, both TCR and GGR converge

into a common pathway involving TFIIH-mediated duplex unwinding at the site of

damage, followed by 50 and 30 incisions by the XPF-ERCC1 and XPG endonucle-

ases, respectively (Aboussekhra et al. 1995). The nuclease activity results in the

removal of a 24 to 32 base pair oligonucleotide, followed by gap resynthesis and

nick ligation (Aboussekhra et al. 1995; Gillet and Scharer 2006). Mutations in the

different NER components give rise to a number of rare autosomal recessive

syndromes, including Xeroderma pigmentosum (XP), Cockayne syndrome (CS),

UV-sensitive syndrome (UVSS), and trichothiodystrophy (TTD) (Cleaver

et al. 2009). The involvement of ubiquitination in both NER branches, GGR and

TCR (Hannah and Zhou 2009), first emerged when DDB2 and CSA were purified as

components of cullin 4 RING (really interesting new gene) E3 ubiquitin ligases

(CRL4) including the DDB1, CUL4A, RBX1 subunits, and the subunits of COP9

signalosome (CSN) (Chen et al. 2001; Nag et al. 2001; Groisman et al. 2003).

CRL4 ligases are modular in nature (Jackson and Xiong 2009; Zimmerman et al.

2010; Fischer et al. 2011). DDB2 and CSA function as repair-specific substrate

receptors to the CUL4 ubiquitin ligase family (Fig. 9.1a, b) (Scrima et al. 2008;

Fischer et al. 2011). Across CRL4s, DDB1 is the adaptor protein that connects a

substrate receptor (e.g., DDB2 or CSA) to the N-terminal part of CUL4. In turn,

CUL4 binds the RING protein RBX1 at its C-terminus (Fischer et al. 2011)

(Fig. 9.1a, b). Besides DDB2 and CSA, DDB1 binds a wide variety of other

substrate receptors, collectively called DCAFs (DDB1- and CUL4-associated fac-

tors) (Angers et al. 2006; He et al. 2006; Higa et al. 2006; Jin et al. 2006; Lee and

Zhou 2007). Most DCAFs function outside DNA repair and many have unknown

functions (Lee and Zhou 2007). RBX1 recruits the ubiquitin-charged E2 and

mediates ubiquitin transfer to the substrate, which is bound by the substrate

receptor. The activity of CRLs is stimulated by the small ubiquitin-like modifier

NEDD8, which is covalently attached to a conserved lysine residue within the

cullin arm (Furukawa et al. 2000; Podust et al. 2000; Read et al. 2000; Wu et al.

2000; Morimoto et al. 2000). CSN removes NEDD8 through its isopeptidase

activity and maintains CRLs in an inactive form (Lyapina et al. 2001;

Schwechheimer et al. 2001; Cope et al. 2002; Bennett et al. 2010; Fischer et al.

2011).

In vivo, UV-DDB operates in the context of the CUL4A-RBX1-DDB1-DDB2

(CRL4ADDB2) ubiquitin ligase complex, which is activated following DNA damage

binding (Fig. 9.1 c) (Shiyanov et al. 1999; Groisman et al. 2003). In GGR, XPC-

RAD23 recognizes bulky DNA lesions (Min and Pavletich 2007; Sugasawa and

Hanaoka 2007). XPC-RAD23, on the other hand, is relatively inefficient at recog-

nizing CPDs, which only cause subtle thermodynamic distortions (Batty et al. 2000;

Sugasawa et al. 2001; Yasuda et al. 2005). In GGR, these UV lesions are first

recognized by the UV-DDB complex (Fig. 9.1a) (Takao et al. 1993; Dualan et al.
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1995; Scrima et al. 2008; Fischer et al. 2011). The ~127 kDa DDB1 adaptor

comprises three WD40 domains (BPA, BPB, and BPC) (Fig. 9.1b) (Angers et al.

2006; Li et al. 2006; Scrima et al. 2008). DDB2 associates with DDB1 by inserting

its N-terminal helix-loop-helix motif into the cavity formed by the DDB1-BPA and

DDB1-BPC domains (Scrima et al. 2008; Fischer et al. 2011). The crystal structures

of DDB1–DDB2 bound to 6-4PP, tetrahydrofuran (THF), and CPD lesion-

Fig. 9.1 Role of CRL4 ligases in nucleotide excision repair. (a) Architecture of the CRL4ADDB2

E3 ligase complex bound to a THF (tetrahydrofuran) lesion-containing DNA duplex (PDB ID:

4A0K) (Fischer et al. 2011). The undamaged and THF-containing DNA strands are colored black
and orange, respectively. The CUL4A ligase arm is highlighted with a grey gradient from

N-terminus (light grey) to C-terminus (dark grey). (b) Model of the CRL4ACSA E3 ligase complex

obtained from the superposition of DDB1–BPA (red) and DDB1–BPC (orange) domains using the

crystal structures of DDB1-CSA (PDB ID: 4A11) and CRL4ADDB2 complexes (PDB ID: 4A0K)

(Fischer et al. 2011). (c–f) Schematic representation of the early steps of UV-damage recognition

in global genome nucleotide excision repair. The UV damage is represented as a blob (red) on the
nucleosome DNA and ubiquitin (U) as a sphere (red)
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containing DNA show the DDB2 WD40 propeller to be exclusively engaged with

DNA (Fig. 9.1a). DDB1 is not involved in DNA damage binding. Analogously, all

XPE-related mutations localize to DDB2 and not to DDB1. DDB2 contains a

conserved tripeptide Phe-Gln-His (FQH) hairpin motif (Scrima et al. 2008; Fischer

et al. 2011) that interrogates the minor groove by inserting a beta hairpin. The FQH

finger flips the lesion out of the DNA helix, stabilizing it in a hydrophobic pocket on

the surface of DDB2. The DDB2 DNA-binding interface was found to be compat-

ible with lesions embedded in nucleosomes (Fischer et al. 2011; Lan et al. 2012)

allowing damage detection in chromatinized DNA. DDB2 facilitates the down-

stream NER response, likely in an ubiquitination-dependent manner, by assisting

XPC in engaging these types of damages and, thus, promoting the recruitment of

XPC to photodimers (CPD and 6-4PP) (Fig. 9.1c–f). DDB1–DDB2 is also found in

a complex with a second CUL4 paralogue, CUL4B, giving rise to the CRL4BDDB2

ubiquitin ligase complex (Guerrero-Santoro et al. 2008; Jackson and Xiong 2009).

The differential roles of CRL4ADDB2 and CRL4BDDB2 in NER are unclear at

present. As CUL4B is found mutated in subtypes of mental retardation, with no

such mutations described for CUL4A, it is likely that the two CUL4 isoforms have

different biological functions. The active CRL4ADDB2 ligase (Fig. 9.1d) is thought

to ubiquitinate DDB2 (autoubiquitination), XPC (Groisman et al. 2003; Sugasawa

et al. 2005; El-Mahdy et al. 2006; Fischer et al. 2011), and core histones H2A, H3,

and H4 at the site of damage (Fig. 9.1e) (Kapetanaki et al. 2006; Wang et al. 2006;

Guerrero-Santoro et al. 2008; Lan et al. 2012). The ubiquitination of H2A, H3, and

H4 is proposed to destabilize the nucleosome, which facilitates assembly of the

NER complex (Fig. 9.1f) (Wang et al. 2006; Lan et al. 2012). While ubiquitination

by CRL4DDB2 is required for efficient NER, the exact process influenced by

ubiquitination remains unknown.

The crystal structures of the CRL4ADDB2 and CRL4BDDB2 complexes bound to

a THF damage-containing DNA duplex show a U-shaped assembly with two

extended arms of equal length (Fig. 9.1a) (Fischer et al. 2011). The thicker arm is

composed of DDB1–DDB2 while the thinner arm comprises CUL4A/B-RBX1. The

CUL4A/B N-terminus, with the help of the DDB1-BPB domain, forms the con-

nection between the two. DDB1–DDB2 and CUL4A/B-RBX1 are angled at ~50�,
positioning RBX1 and the DNA duplex at a ~50 Å distance. This arrangement

implies that DNA damage binding and ligase activity are spatially separated and

that additional factors are required for DNA damage-dependent activation of the

ligase.

Comparison of the CRL4A/BDDB2 structures reveals a significant conforma-

tional flexibility of the DDB1-BPB domain. As the BPB domain is the sole anchor

point for the CUL4A/B ligase, this directly translates into mobility of the CUL4

ligase arm (Fig. 9.1e) (Fischer et al. 2011). The CUL4 ligase can rotate up to 150�

around an axis defined by the damage and DDB1 (BPB propeller), establishing a

ubiquitination zone of 60–80 Å around the lesion. Upon attachment of NEDD8 to

CUL4 and consequent release of RBX1, this zone is estimated to further expand to

30–110 Å (Fischer et al. 2011).
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Following UV irradiation in vivo, DDB2 within the CRL4ADDB2 assembly

undergoes autoubiquitination, ultimately leading to proteasomal degradation

(Groisman et al. 2003; Sugasawa et al. 2005). The majority of mapped

ubiquitination sites on DDB2 are located in the unstructured DDB2 N-terminus,

at the edge of the ubiquitination hot zone generated by rotation of the active

CRL4DDB2 ligase (Fig. 9.1e) (Fischer et al. 2011). Recent studies have shown that

this unstructured N-terminus forms a three-helix motif in the presence of damaged

DNA (Yeh et al. 2012) and appears to interact with damaged DNA of another

UV-DDB complex, resulting in an apparent dimerization (Yeh et al. 2012; Ghodke

et al. 2014). As the probability of two UV lesions being juxtaposed in the genome is

negligible (maximum of ~40,000 lesions in 3�109 bp), it remains unclear whether

weak dimerization has a biological function. The DDB2 N-terminus is also subject

to modification by poly(ADP-ribosyl)ation through PARP1, which could princi-

pally suppress cross talk with DDB2 ubiquitination (Pines et al. 2012). DDB2

stability is also influenced through the direct action of the USP24 deubiquitinating

enzyme (Zhang et al. 2012a). Ubiquitinated DDB2 and XPC at the UV lesion are

substrates for the p97 segregase and are eventually degraded in a proteasome-

dependent manner (Puumalainen et al. 2014). These findings indicate a complex

network of ubiquitin-related activities that govern CRL4DDB2 action at the damage

sites.

While CRL4DDB2 is essential for GGR, CRL4CSA (Fig. 9.1b) is involved in TCR

of lesions located on the actively transcribed strand. Unlike DDB2, which directly

binds the DNA lesion, CSA (and likely other DCAFs) was shown to recognize

protein substrates (Jackson and Xiong 2009). CSA and CSB are crucial factors for

TCR and subsequent transcription restart. Mutations in CSA and CSB cause

Cockayne syndrome, a rare autosomal recessive disease characterized by premature

aging, growth failure, mental retardation, and photosensitivity (Cleaver et al. 2009).

Upon UV irradiation, CSA is relocated to the nuclear matrix in a CSB-dependent

manner (Kamiuchi et al. 2002). CSA, as part of the CRL4 ubiquitin ligase complex,

CRL4CSA, co-localizes with the hyperphosphorylated form of RNA polymerase II

(RNAPII). The SWI/SNF ATPase CSB is also found in complex with RNAPII (van

Gool et al. 1997), where it is thought to drive chromatin remodeling at the site of

damage (Citterio et al. 2000). The CSB C-terminus contains a ubiquitin-associated

(UBA) domain (Anindya et al. 2010). Although this UBA domain is not required

for TCR repairosome assembly, it was shown to be essential for efficient TCR.

Despite limited sequence identity, the overall CSA WD40 propeller structure

bears striking similarity to that of DDB2 (Fig. 9.1b) (Fischer et al. 2011). CSA also

associates with DDB1 through an N-terminal HLH motif that inserts into the cleft

formed between the DDB1-BPA and DDB1-BPC WD40 propellers. This architec-

ture similarly supports the mobility of the CUL4 arm and is expected to facilitate

the ubiquitination of substrates in the vicinity of the complex. It was shown that

CSB is ubiquitinated by CRL4ACSA in vitro (Groisman et al. 2006). Mutations

in CSA likely interfere either with DDB1 association (Fischer et al. 2011) or, if

located on the narrow side of the WD40 propeller, with substrate binding. CSA

mutations associated with UV sensitivity syndrome (UVSS), which is characterized
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by a less severe phenotype than Cockayne syndrome, are assumed to affect pro-

peller integrity only mildly, establishing a putative structure-function relationship.

Recent studies identified KIAA1530 (also known as UVSSA) as an additional gene

mutated in the UVSS syndrome (Nakazawa et al. 2012; Schwertman et al. 2012;

Zhang et al. 2012b). KIAA1530 or UVSSA (UV-stimulated scaffold protein A)

interacts with CSA, TFIIH, and USP7 and its presence facilitates repair (Fei and

Chen 2012). The CSA mutation W361C, responsible for UVSS, was shown to

abolish the CSA-UVSSA interaction, affecting its recruitment to the site of DNA

damage (Fei and Chen 2012). The UVSSA-associated USP7 deubiquitinase is also

proposed to stabilize CSB at the site of UV damage (Fei and Chen 2012;

Schwertman et al. 2012). Further work is needed to identify CSA targets and to

distinguish ubiquitin-dependent versus nonenzymatic/structural roles of the

CRL4CSA ligase in TCR.

9.3 The COP9 Signalosome in DNA Repair

CSN is an eight subunit (CSN1–CSN8), ~350-kDa protein complex conserved in all

eukaryotes (Wei et al. 2008). CSN plays a central role in the regulation of the CRL4

family as well as other cullin-RING E3 ligases (Groisman et al. 2003; Hotton and

Callis 2008). The deneddylation reaction is catalyzed by its metalloprotease CSN5

subunit, which is only active when embedded in the CSN holoenzyme (Cope

et al. 2002; Sharon et al. 2009; Echalier et al. 2013; Lingaraju et al. 2014). CSN

shares significant sequence and structural homology with the components of the

19S proteasome lid. The CSN holoenzyme comprises a horseshoe-shaped PCI ring

formed by the interaction of the winged-helix subdomains within its six PCI sub-

units (CSN1–4, CSN7, and CSN8) and a helical bundle that originates from the

C-terminal helices of all CSN subunits (Lingaraju et al. 2014). The catalytic CSN5

subunit is autoinhibited in the holoenzyme through a loop that replaces the catalytic

water and forms a fourth coordination site of the Zn2+ ion.

Further structural and biochemical studies on the CSN-CRL1SKP2 complex (SCF

or SKP1-CUL1-RBX1-SKP2) found CSN subunits, CSN2 and CSN4 to play

important roles in CRL recognition and CSN5 activation (Enchev et al. 2012;

Lingaraju et al. 2014). The sensing of CSN-CRL binding is transmitted from

CSN4, via CSN6 to CSN5, where it relieves autoinhibition and activates the

deneddylase activity (Lingaraju et al. 2014). Accordingly, csn2� gene-deleted

strains of S. pombe give rise to UV and ionizing radiation sensitivity with a slow

DNA replication phenotype, implicating CSN as a co-regulator of the DNA damage

response (Mundt et al. 1999, 2002). Intriguingly, deneddylation-defective csn5 and
csn4 deletion mutants did not display this pronounced phenotype (Mundt

et al. 2002), suggesting that the CSN function extends beyond catalytic cullin

deneddylation. CSN was found to inhibit the autoubiquitination of the CRL4

substrate receptors in a manner that does not depend on the catalytic activity of

CSN5 (Fischer et al. 2011). The binding of a substrate such as a damage-containing
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DNA (for CRL4DDB2) or CSB (for CRL4CSA) was sufficient to relieve the CSN

inhibition (Fig. 9.1c, d) (Fischer et al. 2011). CSN appears to differentially regulate

CRL4 ligases in response to UV damage (Groisman et al. 2003). In the absence of

UV damage, CSN is associated with the unneddylated CRL4DDB2 and CRL4CSA

complexes. Upon UV damage, CRL4DDB2 associates with the damaged DNA,

inducing CSN dissociation and activation (Fig. 9.1c, d). At later time points, CSN

deneddylates and reassociates with the CRL4DDB2 complex (Groisman et al. 2003).

A similar mechanism has been proposed for CSA, where the nature of the stimulus

that induces the release of CSN is less clear (Groisman et al. 2003).

9.4 Fanconi Anemia Pathway

Ubiquitination also plays a pivotal role in the repair of DNA interstrand cross-links

(ICL) by the Fanconi anemia (FA) pathway. In contrast to NER where

ubiquitination serves as a signal for proteasome-mediated degradation, the FA

pathway relies on mono-ubiquitination events to orchestrate the repair of ICL

lesions. Fanconi anemia is a rare autosomal, X-linked genetic disorder character-

ized by bone marrow failure, congenital developmental defects, acute myelogenous

leukemia, and cancer predisposition (Kim and D’Andrea 2012; Kee and D’Andrea
2012). FA is genetically heterogeneous, caused by mutations in any of the 15 FA

complementation genes identified so far. Impairment of the FA pathway leads to

spontaneous chromosomal aberrations, chromosome breakage, and radial chromo-

some formation (Auerbach et al. 1985), as well as high sensitivity toward

DNA interstrand cross-linking agents (Auerbach and Wolman 1976, 1978).

The FA pathway (Deans and West 2011) resolves ICL lesions encountered by

the DNA replication machinery during S phase (Raschle et al. 2008). The pathway

can be divided into three steps: recruitment of the multi-subunit E3 ubiquitin ligase

core complex to the ICL site, mono-ubiquitination of the FANCI/FANCD2 com-

plex by the core complex, and recruitment of downstream DNA repair factors

through FANCI/FANCD2. The FA pathway is orchestrated through the interplay

of eight FA proteins (FANCA/B/C/E/F/G/L and M) (Gurtan and D’Andrea 2006;

Kim and D’Andrea 2012), in addition to the FA-associated proteins FAAP100,

FAAP24, FAAP20, HES1, and MHF1–MHF2 (MHF1/2) (Ciccia et al. 2007;

Tremblay et al. 2008; Singh et al. 2010; Yan et al. 2010; Kim et al. 2012; Leung

et al. 2012).

Activation of the FA pathway and association of the FA core complex with the

ICL depend on FANCM, a DNA translocase that stabilizes the stalled replication

fork. FANCM-FAAP24 complex together with MHF1/2 is recruited to damaged

sites (Ciccia et al. 2007; Kim et al. 2008; Singh et al. 2010). FANCM contains an

N-terminal DEAH helicase domain, a putative nuclease domain, and a C-terminal

helix-hairpin-helix motif. Although both FANCM and FAAP24 contain XPF fam-

ily nuclease folds, their pseudo-nuclease domains are catalytically inactive

(Coulthard et al. 2013; Yang et al. 2013). ICL binding of the FANCM-FAAP24-
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MHF1/2 complex nucleates assembly of a multi-subunit FA core complex that

functions as an E3 ubiquitin ligase to mono-ubiquitinate FANCI/FANCD2.

Although the architecture of the FA core complex remains elusive, a better under-

standing of its subunits and the functions of its subcomplexes is emerging.

The FANCL ubiquitin ligase is the key catalytic subunit of the FA core complex

(Meetei et al. 2003; Cole et al. 2010; Huang et al. 2014; Rajendra et al. 2014). Upon

association with the E2 enzyme Ube2T, FANCL mono-ubiquitinates the FANCI/

FANCD2 complex (Alpi et al. 2008; Hodson et al. 2014). Although isolated

FANCL is able to ubiquitinate both FANCI and FANCD2 (Alpi et al. 2008;

Longerich et al. 2009), recent work suggests that both activity and specificity of

FANCL increase significantly in the presence of the FA core complex (Rajendra

et al. 2014). The crystal structure of Drosophila melanogaster FANCL (Fig. 9.2a)

revealed an N-terminal E2-like fold (ELF), a double RWD (DRWD) domain, and a

C-terminal RING domain (Cole et al. 2010). This architecture is probably con-

served across species, as evidenced by the crystal structure of the human FANCL

central domain, which adopts a DRWD fold (Hodson et al. 2011), and the structure

of the human RING domain in complex with Ube2T (Hodson et al. 2014). Substrate

binding, i.e., binding to the FANCI/FANCD2 complex, is mediated through hydro-

phobic patches on the C-terminal lobe of the DRWD domain, while specific binding

to Ube2T is ensured via electrostatic and hydrophobic interactions through its

RING domain. The human and Drosophila FANCL RING domains contain two

zinc atoms coordinated by a (Cys)4-His-(Cys)3 arrangement, in contrast to the

canonical (Cys)3-His-(Cys)4 arrangement observed in other RING domains. The

mechanism and cellular cues activating FANCL in vivo are at present unclear.

Fig. 9.2 Fanconi anemia pathway. (a) Model of the FANCL-Ube2T E3–E2 enzyme complex. The

model was obtained by superposition of the FANCL RING domains of full-length Drosophila
melanogaster FANCL (green, PDB ID: 3K1L) (Cole et al. 2010) and human FANCL RING

domain (magenta) in complex with Ube2T E2 enzyme (cyan, PDB ID: 4CCG) (Hodson

et al. 2014). (b) Cartoon with surface representation of the mouse FANCI-FANCD2 heterodimer

complex (PDB ID: 3S4W) (Joo et al. 2011). The side chains of FANCI and FANCD2 lysine

residues that undergo mono-ubiquitination are shown in magenta. The solvent-accessible tunnels
located near the lysine side chains are highlighted using dotted red lines
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Ubiquitination of the FANCI/FANCD2 complex plays a central role in the FA

pathway. Mono-ubiquitinated FANCI/FANCD2 complex acts as a platform that

recruits nucleases and downstream FA proteins (FANCD1/J/N/O and P) for ICL

repair. The crystal structure of mouse FANCI/FANCD2 (Joo et al. 2011) revealed

that both proteins form α-helical solenoid structures that fold into a saxophone-like
shape (Fig. 9.2b). Heterodimerization of FANCI and FANCD2 buries a large

solvent-accessible surface area (~7100 Å2). The resulting FANCI/FANCD2 com-

plex contains a positively charged interior that can bind single-stranded DNA (Joo

et al. 2011). FANCI and FANCD2 share significant homology around the mono-

ubiquitination site. The mono-ubiquitination sites of FANCD2 (mouse Lys559,

human Lys561) and FANCI (mouse Lys522, human Lys523) and other phosphor-

ylation sites are located at the FANCI/FANCD2 interface but remain solvent

accessible upon complex formation due to tunnels on both sides (Fig. 9.2b).

These tunnels are wide enough to accommodate the 4–5 residue C-terminal region

of ubiquitin, but too narrow for the Ube2T E2 enzyme, or the deubiquitinase USP1

(ubiquitin-specific peptidase 1)-UAF1 (USP1 associated factor 1) to bind.

Ubiquitination of the FANCI/FANCD2 complex thus probably occurs prior to

dimerization.

While the role of mono-ubiquitinated FANCI remains elusive, it is clear that

mono-ubiquitinated FANCD2 recruits structure-specific nucleases FANCP/SLX4

and FAN1 (FA-associated nuclease 1) through a unique ubiquitin-binding domain,

UBZ4 (ubiquitin-binding zinc finger 4) (Kratz et al. 2010; Liu et al. 2010; MacKay

et al. 2010; Smogorzewska et al. 2010). FANCP/SLX4 in association with SLX1

cleaves 50/30 flaps and replication forks (Fricke and Brill 2003; Coulon et al. 2004).
It also associates with MUS81-EME1 and XPF-ERCC1 structure-specific endonu-

cleases (Andersen et al. 2009; Fekairi et al. 2009; Munoz et al. 2009; Svendsen

et al. 2009), thereby promoting the nucleolytic incision that unhooks the ICL lesion

(Hodskinson et al. 2014; Klein Douwel et al. 2014; Zhang and Walter 2014). The

cross-linked nucleotide pair in the complementary strand is bypassed by TLS

polymerases such as REV1 (a deoxycytidyl transferase) and Pol ζ (REV3 and

REV7 heterodimer) (Niedzwiedz et al. 2004; Mirchandani et al. 2008). TLS poly-

merases are recruited to the lesion following mono-ubiquitination of PCNA by the

RAD6–RAD18 E2–E3 ubiquitin ligase complex (Hoege et al. 2002). RAD18 was

shown to promote FANCD2 ubiquitination upon treatment with cross-linking

agents (Palle and Vaziri 2011; Williams et al. 2011). The FA core complex also

recruits REV1 to the lesion via its interaction with the FAAP20 UBZ4 domain (Kim

et al. 2012). The nucleolytic unhooking of the lesion results in a DNA double-strand

break. FA proteins promote RAD51-dependent strand invasion and resolve the

recombinant intermediates by homologous recombination, using the TLS strand

as a template. FANCM further interacts with the RMI1–RMI2 complex through its

MM2 motif (residues 1218–1251) and recruits the BLM-RMI1-TopoIIIα
dissolvasome (Deans and West 2009; Hoadley et al. 2012). The NER pathway

then removes the cross-linked adduct, followed by gap filling. Finally, the USP1–
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UAF1 deubiquitinase complex removes the mono-ubiquitin from the ID complex

and thereby completes the repair (Nijman et al. 2005; Cohn et al. 2007).

9.5 BRCA1 A Complex

As evident in the final steps of FA complex-mediated DNA repair, ubiquitin

signaling in the wake of DNA repair is characterized not only by the addition of

ubiquitin marks but also by highly specific deubiquitination events that delimit the

signal. In DNA double-strand break (DSB) repair, one of the best characterized

deubiquitinases also contains a ubiquitin ligase. The BRCA1 A complex combines

an E3 RING ligase that catalyzes the ubiquitination of lysine residues 127 and

129 of histone H2A (Kalb et al. 2014) and a robust deubiquitination activity

provided by the BRCC36 deubiquitinase. BRCC36 is specific for K63-linked

poly-ubiquitin chains (Patterson-Fortin et al. 2010). In addition, BRCA1 A contains

sensor domains for ubiquitination and SUMOylation, which allow it to recognize

K63-linked ubiquitin chains and localize to the ubiquitination microenvironment of

DSB repair foci (Sato et al. 2009; Sims and Cohen 2009).

Besides the BRCA1/BARD1 dimer, the assembled BRCA1 A complex contains

five additional proteins (Fig. 9.3a): ABRAXAS, BRCC36, BRE, MERIT40, and

RAP80 (Fig. 9.3b) (Wang and Elledge 2007; Guzzo et al. 2012). Structurally,

ABRAXAS serves as the organizational hub, interacting with most of the subunits;

BARD1 is anchored to ABRAXAS through BRCA1 (Fig. 9.3b). Both ABRAXAS

and BRCC36 contain an Mpr1/Pad1 N-terminal (MPN) protease domain (Sato

et al. 2008). Analogous to the CSN complex (Cope et al. 2002; Wei et al. 2008),

only BRCC36 is presumed to be a catalytically active deubiquitinase (Shao

et al. 2009a; Pick et al. 2012; Pathare et al. 2014) and has been shown to be specific

for K63-linked ubiquitin chains (Cooper et al. 2009). ABRAXAS is a nonenzymatic

Fig. 9.3 BRCA1 A core complex. (a) Domain organization of BRCA1 A core complex proteins

and RAP80. The scale at the top represents protein length in terms of number of amino acids. (b)

Schematic representation of the interactions between different domains of BRCA1 A complex

subunits and their interaction partners
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MPN subunit that likely modulates BRCC36 activity by stabilizing the overall

complex (Shao et al. 2009a; Patterson-Fortin et al. 2010; Worden et al. 2014).

BRE contains two UEV domains (Fig. 9.3a) typically found in E2 ubiquitin-

conjugating enzymes, but these lack a functional active center (Hu et al. 2011a).

MERIT40 contains an unstructured N-terminal tail with two tankyrase-binding sites

(TNKS-bd), followed by a von Willebrand factor A (VWA) domain (Guettler

et al. 2011; Hu et al. 2011a; Vikrant et al. 2013b) (Fig. 9.3a). ABRAXAS,

BRCC36, BRE, and MERIT40 together form a stable core complex (Shao

et al. 2009b; Patterson-Fortin et al. 2010) that binds BRCA1–BARD1 and

RAP80. The interaction between BRCA1–BARD1 and ABRAXAS depends on

DNA damage-mediated S406 phosphorylation of the ABRAXAS C-terminal tail,

which is then recognized by the BRCA1 BRCT domain (Fig. 9.3b) (Wang

et al. 2007). The bipartite nuclear localization signal near the C-terminus of

ABRAXAS targets the entire complex to the nucleus, where it is diffusely distrib-

uted (Solyom et al. 2012). During the DNA damage response, it is rapidly recruited

to the sites of DNA double-strand breaks, forming up to 100-nm-diameter foci that

contain hundreds of BRCA1 A complexes (Wang et al. 2007; Mok and Henderson

2012). Recruitment of BRCA1 A to foci depends entirely on the integrity of the

N-terminal SUMO and ubiquitin-interacting (SIM-UIM-UIM) domain of RAP80.

The RAP80 UIM specifically recognizes K63-linked ubiquitin chains on H2AX that

are deposited by RNF168 (Sato et al. 2009; Sims and Cohen 2009; Mattiroli

et al. 2012) (Fig. 9.3b). However, the affinity of RAP80 for mixed SUMO-ubiquitin

chains deposited by RNF4 (Guzzo et al. 2012) is higher than for either SUMO or

ubiquitin alone. In vivo, both RNF4 and RNF168 are essential for the recruitment of

the BRCA1 A complex to foci (Mattiroli et al. 2012; Guzzo and Matunis 2013).

If recruitment to foci of the otherwise catalytically intact BRCA1 A complex is

disrupted either by experimental knockout of the entire RAP80 protein in mice

(Wu et al. 2012; Yin et al. 2012) or by a subtle mutation in the UIM motif found in

BRCA1/BRCA2 mutation-negative breast cancer patients (Nikkila et al. 2009;

Solyom et al. 2012; Vikrant et al. 2013a; Anamika et al. 2014), clear defects in

DNA repair result. Engineered mouse cells carrying a mutant ABRAXAS that

cannot bind to BRCA1 show defects in DNA repair despite the presence of wild-

type BRCA1 (Castillo et al. 2014). Thus, delivery of BRCA1 to foci, but not

necessarily its ubiquitin ligase function (Reid et al. 2008), appears to be an essential

function of BRCA1 A in DNA repair.

BRCC36 specifically deubiquitinates histone H2A/H2AX by removing

K63-linked chains deposited by RNF168 and RNF8 (Shao et al. 2009a; Feng

et al. 2010; Mattiroli et al. 2012). In vivo, knockdown of BRCC36 leads to higher

baseline levels of K63 ubiquitination marks on H2A (Feng et al. 2010). Interference

with K63 deubiquitination by experimental knockdown of RAP80 or BRCC36

results in erratic, hyperactive homologous recombination and ensuing genomic

instability (Coleman and Greenberg 2011; Dever et al. 2011; Hu et al. 2011b;

Dever et al. 2012). Current models pose a bipartite role for BRCC36: in the absence

of DSBs, BRCC36 DUB activity would keep histone ubiquitination levels low and

prevent inadvertent activation of the DSB repair mechanism (Feng et al. 2010). In
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the event of DSBs, recruitment of BRCC36 to sites of damage attenuates homol-

ogous recombination activity and terminates the damage signal to allow the cell to

resume normal activity once the damage has been repaired (Shao et al. 2009a).

At present, unambiguous assignment of BRCC36 function is challenging as

BRCC36 is also a subunit of the cytoplasmic BRISC complex involved in inter-

feron signaling and inflammasome regulation (Py et al. 2013; Zheng et al. 2013).

Thus, any loss-of-function study targeting BRCC36 will simultaneously affect two

functionally unrelated complexes and make it difficult to deconvolute individual

contributions. BRCC36 is clearly essential for human physiology, as patients with a

chromosomal deletion encompassing BRCC36 suffer from severe angiopathy and

show signs of an impaired DNA damage response (Miskinyte et al. 2011), yet they

apparently do not suffer from an increased cancer rate (Liede 2004; Miskinyte

et al. 2011; Leongamornlert et al. 2012). While this demonstrates the requirement

for targeted deubiquitination, future studies are needed to dissect the detailed

molecular contribution of the BRCA1 A and BRISC complexes to DNA repair

and beyond.

9.6 Concluding Remarks

Ubiquitin ligases and deubiquitinases are critical components of a wide range of

DNA repair pathways. The precise molecular mechanisms underpinning their

biological functions are just beginning to emerge and range from fine-tuning of

repair to serving as significant on/off switches. Quantitative approaches informed

by structural studies will make a significant contribution to the dissection of these

pathways and illuminate ubiquitin’s diverse molecular roles.
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Chapter 10

Genome Instability of Repetitive Sequence:

Lesson from the Ribosomal RNA Gene

Repeat

Takehiko Kobayashi

Abstract Chromosomal DNA is not equally stable all over the genome. Some

regions, especially those characterized by repetitive sequences, are known to be

“fragile sites” where DNA damage occurs more frequently than in other regions. In

such regions, DNA replication is inhibited and DNA double-strand breaks are

induced. Repetitive sequences easily form DNA secondary structures, and during

repair of double-strand breaks, a broken end may recombine with a repeat at the

non-original site which results in translocation. The well-studied ribosomal RNA

gene repeat (called rDNA) is the largest repetitive region in the eukaryotic genome.

In the case of budding yeast, the rDNA occupies ~10 % of the genome. Because of

the size and unstable features of rDNA, its stability dominates that of the overall

genome and affects cellular functions, such as senescence. In this review, I will

introduce the unique mechanisms by which the rDNA repetitive region and its

physiological functions are maintained.

Keywords Repetitive sequence • Genome instability • Recombination • DNA

replication • Ribosomal RNA gene • Fragile site • Satellite DNA

10.1 Repetitive Sequences Induce Gross Genome

Rearrangements

As a material, DNA molecules are relatively stable and suitable for storage of the

genetic information that is subject to change during evolution. For example, even

from fossilized organisms that lived tens of thousands of years ago, we can isolate

DNA and determine a part of the sequence to ascertain their evolutionary origins.

On the other hand, because of its filamentous structure, DNA is easily entangled and

torn by physical forces. In addition, double-stranded DNA induces secondary

structures that interfere with DNA replication, recombination, and other physio-

logical processes that involve DNA. This so-called DNA stress does not occur
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evenly on the genome. The sequence of the DNA and other physical conditions

affect the amount of stress that is endured. One of the typical sites, or “hot spots,”

where this stress occurs is a repetitive sequence, of which there are many kinds in

the eukaryotic genome (Table 10.1). Microsatellite DNA consists of the smallest

repetitive sequence with a repeating unit of two to three bases, like a trinucleotide.

The trinucleotide repeat is known to be not only a recombinogenic region to induce

rearrangement by inhibition of replication (Samadashwily et al. 1997) but also to

mediate genetic diseases in humans (McMurray 2010). The trinucleotide can

expand and when this occurs in a gene, the function of the protein may change

and when the expansion occurs near a gene, its expression can be affected.

Moreover, with increasing length of repetitive sequences, there is a higher chance

that abnormal secondary DNA structures are formed. A long inverted repeat can

lead to a palindromic structure, while a tandem repeat may give rise to looped-out

Table 10.1 Major repetitive sequences in eukaryotic cells

Repetitive

sequence Length of repeat Note

Satellite (micro) 2 ~ 4 base pairs Cause of trinucleotide disorder (fragile X syndrome,

Huntington’s disease, etc.)

Satellite (mini) 5 ~ 100 base pairs Telomere repeat (2–7 bp)

Satellite 2 ~ 200 base pairs Centromere repeat

Retrotransposon 80 bp ~ 6 kb SINE (Alu), LINE (L1)

rDNA 9~ 45 kb Ribosome RNA gene repeat

A B
Inverted repeat Tandem repeat

Replication fork inhibition

Fig. 10.1 Repetitive sequences induce unusual DNA structures in the genome. (a) Inverted repeat

sequences lead to a palindrome (cruciform) structure. (b) Incorrect annealing of DNA strands in

tandem repeats causes the looping-out of single-stranded sequences. A single-strand loop may

anneal to another loop which creates a more complicated structure. These structures inhibit DNA

replication and induce recombinational repair that may cause genome instability
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DNA strands when neighboring homologous repeat sequences abnormally anneal

to each other (Fig. 10.1). These structures prevent replication and induce

rearrangement of the genome. Transposable elements also create repetitive regions,

especially in higher eukaryotic cells. Due to the activity of retrotransposons, a large

part of the genome in a cell can be occupied by these elements. Their transposition

may destroy a gene by insertion or change the expression level of neighboring

genes by causing an alteration of chromatin structure (Hartwell et al. 2011). In

addition, recombination between these widely spread repetitive sequences induces

gross genome rearrangements.

In spite of the negative aspect of repetitive sequences, some of them have

important physiological functions. Centromeres, the attachment site for microtu-

bules that controls segregation of chromosomes during mitosis, contain many

repetitive sequences. For example, a kind of satellite DNA, alphoid DNA

(173 bp), is a major component of human centromeres (Jabs and Persico 1987).

Moreover, telomeres, which are structures at the end of a chromosome, are made up

of 5–7 bp repetitive sequences, the so-called telomere repeats (Blackburn and Gall

1978). Telomeres prevent the fusion of chromosomes and protect against degrada-

tion by exonucleases (Zakian 1989). The reason why these repetitive functional

elements do not become fragile sites in the chromosome is that they are embedded

in heterochromatin which seems to prevent the occurrence of unusual DNA struc-

tures and thereby recombination by an as yet unknown mechanism (Peng and

Karpen 2008).

10.2 The rDNA Forms the Largest Tandem Repeat

in Eukaryotic Cells

Among the repetitive sequences, the largest repeating unit is that of the ribosomal

RNA gene (rDNA) (Table 10.1). The rDNA codes for the ribosomal RNAs

(rRNAs) that are a critical component of ribosomes. Ribosomes form the most

abundant protein complexes in a cell, and for their synthesis, many copies of rRNA

genes are required. In eukaryotic cells, there are more than 100 copies per haploid

genome (Table 10.2). The major difference between rDNA and other repetitive

sequences such as in centromeres and telomeres is that the rDNA is a gene that is

essential for viability. Therefore, to maintain repeat stability, packaging the repeats

within a heterochromatin structure is not applicable to rDNA as such an organiza-

tion would be incompatible with transcription. As illustrated in Fig. 10.2, the

structural organization of rDNA is highly conserved from a unicellular organism

such as yeast to a multicellular organism such as human. In yeast, the repeating unit

is 9.1 kb in which there are two rDNA genes, one for the 5S rRNA and the other for

the 35S precursor rRNA that is processed into three mature rRNA molecules, 18S,

5.8S, and 25S rRNA. A ribosome is composed from these three rRNAs, together

with 5S rRNA and 79 different ribosomal proteins. In a cell, about half of all protein
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and about 60 % of the total RNA are packed in ribosomes (Warner 1999). In

contrast to the synthesis of ribosomal proteins, which involves a translational step

that increases the amount of product by reuse of the mRNA, sufficient rRNA

synthesis relies on the presence of many rDNA copies. In the case of budding

yeast, the rDNA forms a huge cluster on chromosome XII, and this region is

integrated in the nucleolus where rRNA transcription occurs and the ribosomes

are assembled. In fast-growing yeast cells, ~2,000 ribosomes are produced per

minute (Warner 1999). The transcription of rRNA is so heavy that it can be

visualized: a transcription unit of 35S rDNA is occupied by ~50 molecules of

RNA polymerase I that specifically transcribes this rDNA and creates the famous

“Christmas tree” structure in which the stem of the tree is formed by the rDNA and

the branches are nascent rRNA (French et al. 2003).

The length of the repeating unit of human rDNA that codes for the 47S precursor

of 18S, 5.8S, and 28S rRNA is ~43 kb (Fig. 10.2). Clusters of 47S rDNA are located

on chromosomes 13, 14, 15, 21, and 22 (Sakai et al. 1995; Gonzalez and Sylvester

1995). The major difference with the rDNA organization in yeast is that in human

Table 10.2 The number of

rDNA copies in several

organisms

Organism Copy number

Saccharomyces cerevisiae (budding yeast) 150

Mus musculus (mouse) 200

Drosophila melanogaster (fly) 240

Xenopus laevis (frog) 600

Homo sapiens (human) 350

Arabidopsis thaliana (plant) 570

Pisum sativum (pea) 3,900

Zea mays (maize) 12,000

For a review, see Long and Dawid (1980)
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Fig. 10.2 Structure of the ribosomal RNA gene repeat (rDNA). (a) Budding yeast rDNA, which is

located on chromosome XII. E-pro is a noncoding bidirectional promoter. (b) Human rDNA. NP is

a noncoding unidirectional promoter. Red arrows show ribosomal RNA genes and the direction of

transcription. Ori is an origin of replication. RFB is a replication fork barrier site
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cells the 5S rDNA builds a separate cluster on chromosome 1, independent from the

47S rDNA.

10.3 The rDNA is Unstable

In addition to its repetitive structure, the heavy transcription of rDNA increases its

instability. As shown in Fig. 10.3a (lower panel), the process of rDNA transcription

produces torsional stress which induces a DNA secondary structure that inhibits

DNA replication (Christman et al. 1988). When transcription is highly activated

and many RNA polymerase I molecules are traveling on the 35S rDNA, this stress

becomes huge. Near the 30 end, positive torsional stress accumulates, and near the 50

region, negative torsional stress builds up. To remove the stress, topoisomerase

(Top1) cuts a single strand of (or “nicks” of the) DNA at the 30 end of 35S rDNA

(Fig. 10.3a), which releases the torsion (Vogelauer and Camilloni 1999; Krawczyk

et al. 2014). In fact, in a topoisomerase-defective mutant, structural abnormalities in

rDNA, such as a single-strand bubble, can be identified using a microscope (French

et al. 2011).

Repetitive genes run another risk when the DNA gets damaged. For example, in

the case of a DNA double-strand break that is repaired by homologous recombina-

tion, the broken site may use another repeat as the template. If crossing-over-type

homologous recombination occurs within the chromosome, some copies of rDNA

are popped out between the recombination partners, and the number of repeats is

Wild type

nascent rRNA

RNA pol I
35S rDNA

topo

Top I

A

6 rDNA repeats are lost 

Recombination repair

Damaged copy

B

SB

3’

5’

3’ 5’

Fig. 10.3 Topoisomerase reduces torsional stress. (a) In rDNA, negative (�) torsional stress

accumulates in the promoter region and positive (+) torsional stress develops in the terminator

region during transcription by RNA polymerase I. Topoisomerases removes the torsion by

digestion and ligation of DNA. In topoisomerase-defective mutants, the accumulated torsional

stress reduces rDNA transcription and induces unusual structures (single-strand bubble: SB) that

increases repeat instability. (b) Loss of rDNA copies by crossing-over type homologous

recombination
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reduced (Fig. 10.3b). Most of the DNA damage, however, is induced during the

S/G2 phase of the cell cycle, so that a sister chromatid is used as a template for

repair and such a popping-out and loss of copies do not occur so often. Instead, an

unequal exchange between sister chromatids may change the number of repeats as

described below (Fig. 10.4).

5Sori E-pro
DSB

Sir2cohesin

Fob1

additional copy

1 2

1

1

1

1

1

1

1

1

1

2

2

2

2

2

2

2

2

3

3

3

3

3

3

3

Fob1

1 2 3

ori

RFBRFBRFB 35S 35S 35S

No amplification amplification

E-pro

2

2

A B RFB

Fob1
Fob1

Fig. 10.4 Recovery of rDNA copy number by gene amplification. Accidental reduction of the

number of rDNA copies is compensated for by gene amplification. Fob1 arrests the replication fork

and induces recombinational DNA repair. When the repair occurs via unequal sister-chromatid

recombination (b), some copies are re-replicated and the copy number increases. This type of

recombination depends on E-pro transcription and coinciding dissociation of cohesin. Equal sister-

chromatid recombination (a) does not change the copy number and is stimulated by the binding of

cohesin
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10.4 Recovery of the rDNA Copy Number by Gene

Amplification

The rDNA is quite unstable and can lose copies by chance. But cells have to keep

enough copies to meet the huge demand for rRNA to synthesize ribosomes. In fact,

each organism maintains a particular number of rDNA copies (Table 10.2) which

suggests that cells have a way to recover the lost copies. For budding yeast and fly,

such a recovery has been observed (Kobayashi et al. 1998; Ritossa 1968), and the

mechanism by which this occurs, called gene amplification, has been well studied in

yeast. A unique sequence element is present at the end of the 35S rDNA which

inhibits progression of the replication fork in the direction opposite to 35S rRNA

transcription. This replication fork barrier or RFB (Fig. 10.2a) occupies about

100 bp and is bound by Fob1, a protein required for fork blocking. Stalling of the

replication fork induces a double-strand break (DSB) which triggers recombination

that can lead to gene amplification as shown in Fig. 10.4. During S-phase of the cell

cycle, replication is initiated from about 20 % of the origins (ori) that are present in

the rDNA (Fangman and Brewer. 1991). The rightward replication fork in the figure

is inhibited at the RFB site by Fob1, and at the arrested fork, a double-strand break

in the leading strand (Burkhalter and Sogo 2004) is repaired by homologous

recombination between sister chromatids. The manner of this repair depends on

whether transcription from the nearby noncoding, bidirectional promoter E-pro is

either repressed or activated. When a normal number of rDNA copies (100–200) is

present, Sir2, a histone deacetylase, represses E-pro, and because of the absence of

transcription, cohesin can associate with the rDNA (Fig. 10.4a). As a result, the

double-strand break is repaired by equal sister-chromatid recombination and the

copy number does not change. In contrast, when the rDNA copy number is below

its normal value, Sir2 expression is reduced and transcription from E-pro can be

initiated. The association of cohesin with the DNA is disrupted by this transcription,

and the broken leading strand can pair with other repeating units, leading to unequal

sister-chromatid recombination. As shown in Fig. 10.4b, an additional copy is

formed by subsequent replication and the copy number is increased. When the

copy number reaches the wild-type level of about 150, Sir2 expression is increased,

E-pro is repressed, and amplification is stopped. Thus, rDNA copy number can be

restored by unequal sister-chromatid recombination regulated by E-pro transcrip-

tion (Kobayashi and Ganley, 2005).

10.5 The Physiological Effect of rDNA Instability

As described above, repetitive sequences, like the rDNA with its ever-changing

copy number due to ongoing recombination (Kobayashi 2006), are a source of

genome instability which may affect cellular functions. In fact, Sir2 is known to be

an aging gene whose deletion shortens the lifespan, whereas an additional copy
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extends it (Kaeberlein et al. 1999). Interestingly, deletion of Fob1 shows the

opposite phenotype, that is, extends the lifespan (Defossez et al. 1999; Takeuchi

et al. 2003). These findings suggest that unstable rDNA (in the sir2mutant) shortens

lifespan and stable rDNA (due to Sir2 overproduction or fob1 deletion) extends

it. However, this speculation is based on mutant phenotypes. Therefore, the possi-

bility that Fob1 and Sir2 have other unknown functions that affect lifespan cannot be

ruled out. To test the relationship between rDNA stability and lifespan, we directly

manipulated rDNA stability without interfering with the proteins Fob1 or Sir2.

For this purpose, we replaced the E-pro with the Gal 1/10 promoter (Gal-pro),

which is an inducible bidirectional promoter. However, because of the ~150 rDNA

repeats, the usual gene replacement method could not be applied. Therefore, we

first established a “two-copy” strain in which only two rDNA copies were present

on the chromosome. Of course, as two copies are not sufficient for viability, helper

plasmids with an rDNA unit were introduced and supplied rRNA extrachro-

mosomally. In this two-copy strain, the E-pro was replaced with the Gal-pro, and

the copy number was increased by gene amplification while the helper plasmid was

removed, resulting in a strain in which all rDNA copies contained a Gal-pro

(Kobayashi and Ganley 2005). In this strain, transcription from the Gal-pro was

induced by growing the cells on galactose as a carbon source, while glucose in the

medium repressed this. In line with rDNA stability being normally affected by

transcription from a promoter at the site of the E-pro, the stability of the rDNA in

this strain depended on the growth medium. In glucose medium the rDNA was quite

stable, also in a Sir2-defective background, and in galactose medium it was

unstable. Finally, we tested their lifespans. In the strains with stable rDNA

(grown on glucose), the lifespan was extended, and in the strain with unstable

rDNA (grown on galactose), it was shortened. Therefore, we concluded that rDNA

stability is surely correlated with lifespan (Saka et al. 2013).

10.6 The rDNA Theory for Aging

Why does rDNA stability affect lifespan? It is known that genome instability

shortens the lifespan in human, mouse, and yeast. Humans can suffer from partic-

ular genetic diseases that cause premature aging. In these patients, DNA repair

genes are mutated (Ellis et al. 1995; Yu et al. 1996), like the RecQ family genes in

the case of Werner, Bloom, and Rothmund-Thomson syndromes. The E. coli RecQ
protein has a helicase activity which is required for the DNA repair reaction

(Bernstein et al. 2010). Cells from patients with a premature-aging disease are

known to divide less often than normal. Most of the patients with Werner syndrome

die before they reach the age of 50. In in vitro analysis, cells from these patients

divide less than half the number of times than control cells (Faragher et al. 1993). In

mouse and yeast, knockout of repair-related genes shortened their lifespan

(Donehower et al. 1992; Park et al. 1999). In general, genome instability reduces

both the individual lifespan and the number of cell divisions.
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The rDNA occupies a large part of the genome. In yeast, it is ~10 % of the total

genome. Moreover, the rDNA region is quite unstable, especially in comparison to

other regions in the genome. Therefore, the stability of the total genome is deter-

mined by that of the rDNA, which affects cellular functions such as senescence. I

named this rDNA instability-driven cellular senescence the “rDNA theory for

aging” (Kobayashi 2008). In this theory, rDNA functions as an inducer of senes-

cence and determines lifespan because it is less stable than any other region.

10.7 The Physiological Meaning of rDNA-Driven

Senescence

Cellular senescence is thought to be an important physiological function to elim-

inate old cells in which harmful mutations accumulate (Kobayashi 2011a, b).

During each cell division, some mutations occur and these accumulate in subse-

quent rounds. After many cell divisions, such mutations may hit critical genes such

as a tumor suppressor gene and reduce its expression. In this case, the cell may

become cancerous and the cancer may kill the individual. Therefore, senescence

prevents such a cell from becoming a killer.

In addition to rDNA, other repetitive sequences may have a similar function in

controlling cellular senescence (Fig. 10.5). In yeast, the rDNA is the major repet-

itive sequence. In contrast, in animal and plant cells, although the rDNA is the most

abundant gene, it takes up a much smaller percentage of the total genome. For

example, only ~0.1 % of the human genome is rDNA, about 100 times less than for

yeast. Instead, there are many kinds of satellite DNA and retrotransposons in animal

and plant cells. Therefore, in these cells, not only rDNA but also other repetitive

rDNA, satellite DNA, retrotransposon etc
1. Repetitive sequence instability

2. Aging signal production 

3. Aging pathway is activated 

4. Cellular senescence is induced

5. Repression of caner 

From repetitive sequences

Fig. 10.5 Instability of repetitive sequences triggers cellular senescence to reduce the risk of

cancer. 1. Repetitive sequences are fragile in the genome and become unstable faster than

non-repetitive regions during successive cell divisions. 2. An (unknown) aging signal that is

produced in the repair process is spread from the repetitive region. 3. This signal brings the cell

into the aging process. 4, 5. Aged cells, which are expected to have many mutations, are killed by

cellular senescence. As a result, the risk of cancer is reduced. Note: This pathway does not depend

on telomere shortening

10 Genome Instability of Repetitive Sequence: Lesson from the Ribosomal RNA. . . 243



sequences may be important for the regulation of senescence. As such repetitive

DNAs are fragile in nature, they are more sensitive to DNA damage and could

produce an “aging signal” that induces senescence. From this point of view,

repetitive sequences are functioning as a suppressor to avoid cancer by induction

of senescence (Fig. 10.5). Although after disruption of FOB1in yeast the rDNA is

very stable and the lifespan is extended, the number of abnormal cells is markedly

increased (McMurray and Gottschling 2003). These cells may correspond to cancer

cells in mammals.

Telomeres are also known to be important for the induction of senescence

(Harley et al. 1990). This occurs in differentiated mammalian cells in which

telomerase is not expressed. In these cells, telomeres get shorter after successive

cell divisions, and when their length falls below a particular threshold, senescence

occurs. Therefore, with the shortening of telomeres, the number of cell divisions is

counted down until senescence is induced. In contrast, in telomerase-expressing

cells, such as mammalian stem- and germ line cells, and in unicellular organisms

like yeast, senescence happens in response to DNA damage before telomere

shortening can become critical, i.e., according to the model of rDNA-driven

senescence (Kobayashi 2011b).

10.8 How is the Repetitive rDNA Sequence Maintained?

A longer lifespan does not always make organisms happy, but proper maintenance

of repetitive sequence is, of course, necessary for genome integrity that affects

cellular functions. Again, in yeast, maintenance of repetitive rDNA has been well

studied because its instability, as shown by a change in copy number, can easily be

monitored. As the repeat occupies ~60 % of chromosome XII (Fig. 10.2a), a copy

number change will affect the length of chromosome XII as detected in pulsed-field

gel electrophoresis (Kobayashi et al. 2004). So far, some factors that affect rDNA

stability have been reported, such as condensin. Condensin is a protein complex that

compacts the chromosome in the G2/M phase of the cell cycle (Hirano 2000). In

yeast, the condensin complex is localized in the nucleolus, and condensation is

prominent in the rDNA, suggesting that it is critical for the maintenance of

repetitive sequence (Freeman et al. 2000). In a condensin mutant, the rDNA is

quite unstable and the loss of rDNA copies is dramatically increased (Bahalla

et al. 2002). In addition, the chromosome does not segregate properly and chromo-

some loss occurs frequently (Sullivan et al. 2004). Recently, we found that

condensin not only works on the compaction of chromosome XII but is also

required for the repair of DNA damage (Ide et al. 2010). Condensin connects sister

chromatids after DNA replication and supports their recombinational repair. A

defective connection leads to incomplete repair and interferes with chromosome

segregation. Such incomplete repair causes loss of rDNA repeats and results in a

large reduction in copy number.
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10.9 The rDNA-4800 Screening Project

As rDNA instability is easy to monitor in yeast by a change in the length of

chromosome XII, we have set up a screen for yeast mutants in which the rDNA is

unstable. In budding yeast of its ~6,000 genes, ~4,800 genes are not essential for

viability. Therefore, we are searching for genes that affect rDNA stability in a

library of 4,800 yeast deletion mutants (Saka et al. in preparation). Though this

“rDNA-4800 screening project” is not completed yet, many mutants with unstable

rDNA have been isolated. The first results we have published were obtained with

nine mutants in which the rDNA copy number is abnormally increased (Ide

et al. 2013). We analyzed one of these mutants, rtt109, that shows the most

remarkable hyper-amplification phenotype. RTT109 encodes a histone deacetylase

that works as a chaperone for nucleosomes in newly replicated DNA regions

(Driscoll et al. 2007; Tsubota et al. 2007; Han et al. 2007) and contributes to the

upkeep of genome stability (Driscoll et al. 2007). We found that in rtt109, a rolling
circle type of replication occurs that causes the abnormal amplification of rDNA

copies. In the wild type, this kind of replication is inhibited. So far, we don’t know
the molecular mechanism of how the cell prevents such an amplification. In cancer

cells, copy number variation has been observed for several genes, while some of

these genes are thought to be related to a cause of cancer (Santarius et al. 2010).

Moreover, unusual histone modification occurs in many cancer cells (Sawan and

Herceg 2010). Therefore, it is important to reveal the mechanism of how histone

modifications induce gene amplification that could cause cancer.

10.10 Conclusion

Repetitive sequences occupy ~40 % of the human genome. Maintaining their

stability is critical for a stable genome. I introduced rDNA as the most well-

analyzed repetitive region which is so unstable that it affects another cellular

function, senescence. Such rDNA-driven senescence may, however, contribute to

suppress the appearance of abnormal cells. I speculate that other repetitive

sequences could play a similar role, although to prove this will not be easy. We

do not have enough knowledge of how repetitive sequences other than rDNA are

maintained. Still, important information for how to address this issue could come

from our current study of yeast rDNA stability.
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Chapter 11

Translesion DNA Synthesis and Damage

Tolerance Pathways

Yuji Masuda, Fumio Hanaoka, and Chikahide Masutani

Abstract One of the critical cellular effects of DNA damage is the impediment of

the activity of high-fidelity DNA polymerases for replication. Although DNA repair

mechanisms physically remove DNA damage before the initiation of DNA repli-

cation, remaining damage DNA can still persist in S phase and inhibit replicative

DNA polymerases. To deal with this, cells have developed mechanisms to copy

chromosomes with unrepaired DNA damage, known as DNA damage tolerance

(DDT) mechanisms. As a consequence of DDT, cells can complete chromosomal

duplication even in the presence of low levels of DNA damage. DDT mechanisms

have been classified into two pathways: translesion DNA synthesis (TLS) and

homology-directed repair. In TLS, specialized TLS DNA polymerases utilize

damaged DNA as the template and extend the 30 end of the stalled primer beyond

the damage. In homology-directed repair, the stalled primer anneals with the newly

synthesized daughter strand and transiently utilizes the undamaged complementary

sequence as a template for DNA synthesis. In this article, we summarize and discuss

the molecular mechanisms of the DDT pathways of well-analyzed organisms:

Escherichia coli, the budding yeast Saccharomyces cerevisiae, and mammalians.
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11.1 Introduction

One of the critical cellular effects of DNA damage is the impediment of replicative

DNA polymerases. For that reason, DNA damage presents a major challenge during

chromosomal replication. In addition to DNA repair mechanisms, which physically

remove DNA damage before the initiation of DNA replication, cells have also

developed mechanisms to copy chromosomes containing unrepaired DNA damage,

known as DNA damage tolerance (DDT) mechanisms. In UV-irradiated cells, for

example, small newly synthesized DNA fragments accumulate transiently and are

then converted into large DNA fragments. The assumed gap-filling process in the

newly synthesized DNA is referred as post-replication repair (PRR). Most of the

genes responsible for DDT and PRR are overlapping. As a consequence of DDT,

cells can complete chromosomal duplication even in the presence of low levels of

DNA damage. DDT mechanisms have been classified into two genetically distinct

pathways, namely, translesion DNA synthesis (TLS) and homology-directed repair

(Fig. 11.1). In TLS, specialized TLS DNA polymerases utilize damaged DNA as

the template and extend the 30 end of the stalled primer beyond the DNA damage.

Generally, TLS polymerases are recognized as error-prone, since the fidelity of

DNA synthesis by TLS polymerases is relatively lower than that of replicative

DNA polymerases, such as pol δ and pol ε. The efficiency and fidelity of DNA

synthesis for both damaged and undamaged templates are different among TLS

polymerases. Since organisms possess many different TLS polymerases, regulation

of each polymerase for TLS of a defined lesion should be directly affected to the

outcomes. In homology-directed repair, the stalled primer anneals to the newly

synthesized daughter strand and transiently utilizes the undamaged complementary

sequence for DNA synthesis. In eukaryotes, genetic analysis of yeast Saccharomy-
ces cerevisiae (S. cerevisiae) allowed homology-directed repair to be further

divided into two sub-pathways: RAD6-dependent and RAD52-dependent pathways.
It is believed that the DNA synthesis associated with homology-directed repair is

carried out by pol δ, a replicative DNA polymerase; thus the process is essentially

error-free. Therefore, regulation of the selection between TLS and homology-

directed repair should affect to the frequency of induced mutations. Analysis of

the biochemical properties of each polymerase and regulatory mechanism of the

DDT pathways is crucial for predicting outcomes when living cells are exposed to

DNA-damaging agents. In this article, we focus on DDT pathways in Escherichia
coli (E. coli), the budding yeast S. cerevisiae, and mammalians, since the molecular

functions of the factors involved in DDT have been extensively analyzed in a

variety of in vivo and in vitro systems in these organisms.
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11.2 Historical Background for TLS Pathway

Genetic studies in E. coli provided the first evidence of a connection between

damage-induced mutagenesis and TLS. Damage-induced mutagenesis is not a

passive process, i.e., specific cellular functions are required for it to occur. The

umuC and umuD genes were identified as factors required for damage-induced

mutagenesis, because mutants defective in umuC or umuD gene failed to undergo

damage-induced mutagenesis (Kato and Shinoura 1977; Kato et al. 1982;

Shinagawa et al. 1983; Elledge and Walker 1983). At the time, genetic and

biochemical analysis suggested that UmuC and UmuD were cofactors that allowed

the replicative DNA polymerase, pol III, to mediate TLS (reviewed in Echols and

Goodman 1990). Additionally, DinB, an UmuC homologue required for untargeted

mutagenesis, was also believed to be one such cofactor (Brotcorne-Lannoye and

Maenhaut-Michel 1986; Kim et al. 1997). This model remained the paradigm for

the mechanism of TLS until the discovery of specialized DNA polymerases,

including (UmuD0)2–UmuC (later named pol V; UmuD0 is a posttranslationally

cleaved form of the umuD gene product) and DinB (now named pol IV) that

accomplish TLS.

The concept that TLS is mediated by specialized DNA polymerases, rather than

as an additional function of replicative polymerases, arose from the results of yeast

Stalled DNA synthesis

TLS stimulated by

Stalled DNA synthesis

RAD5/HLTF dependent

homology-directed repair

RAD6-RAD18 and RAD5/HLTF

DSB repair-like

?

homology-directed repair

DSB repair-like
homology-directed repair

dependent poly-ubiquitination of PCNA
?

mono-ubiquitination of PCNA

poly-ubiquitination of PCNA

A

B

RAD6-RAD18 dependent 

mono-ubiquitinated PCNA

stimulated by poly-ubiquitinated PCNA

mono-ubiquitination of PCNA
RAD6-RAD18 dependent 

TLS stimulated by
mono-ubiquitinated PCNA

homology-directed repair
stimulated by poly-ubiquitinated PCNA

Fig. 11.1 DNA damage tolerance pathways and their regulation. In eukaryotes, three distinct

pathways have been recognized. RAD6–RAD18-dependent mono-ubiquitination of proliferating

cell nuclear antigen (PCNA) stimulates translesion DNA synthesis (TLS). RAD6–RAD18 and

RAD5 (yeast)/helicase-like transcription factor (HLTF)- or SNF2 histone linker PHD RING

helicase (SHPRH) (human)-dependent poly-ubiquitination of PCNA stimulates homology-

directed repair. Another homology-directed repair pathway appears to be a double-strand break

repair-like process that has been demonstrated to be regulated by RAD52 in yeast S. cerevisiae.
Two models for the regulation of RAD6–RAD18 and RAD5/HLTF-dependent homology-directed

repair have been proposed. (a) The RAD6–RAD18- and RAD5/HLTF-dependent homology-

directed repair pathway is a downstream event of RAD6–RAD18-dependent TLS. (b) The

RAD6–RAD18- and RAD5/HLTF-dependent homology-directed repair pathway and RAD6–

RAD18-dependent TLS pathway are regulated in parallel
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genetics and biochemical studies. In the budding yeast S. cerevisiae, mutants of

REV1, REV3, or REV7 showed a defect in induced mutagenesis (Lemontt 1971;

Lawrence and Christensen 1976; Lawrence et al. 1985a). Subsequently, nucleotide

sequence analysis revealed that REV3 encoded a nonessential DNA polymerase

belonging to the B-family (Morrison et al. 1989). Biochemical analysis demon-

strated that Rev3 formed a stable complex with Rev7 and that this complex indeed

possessed DNA polymerase activity (Nelson et al. 1996b). The sixth DNA poly-

merase identified in yeast was named DNA polymerase ζ (Nelson et al. 1996b).

Importantly, pol ζ also exhibited a modest ability to mediate DNA replication past a

cis-syn cyclobutane pyrimidine dimer (CPD), demonstrating for the first time a new

class of DNA polymerase specialized for TLS (Nelson et al. 1996b). At the same

time, the nucleotide sequence of REV1 was determined and showed significant

similarity with UmuC (Larimer et al. 1989). It was postulated that Rev1 might be a

cofactor for some DNA polymerases, and its capacity to act as a cofactor for pol ζ
was tested (Nelson et al. 1996a). Unexpectedly, rather than acting as a cofactor,

Rev1 itself exhibited enzymatic activity that efficiently inserted a dCMP template

opposite an apurinic/apyrimidinic (AP) site; in other words, it exhibited TLS

activity (Nelson et al. 1996a). This was the first report of TLS activity by an

UmuC/Rev1 family protein. However, the mechanistic paradigm of this process

did not shift until several years later, when many groups independently demon-

strated that UmuC/Rev1 family proteins encode novel DNA polymerases: Rad30

(pol η) in yeast (Johnson et al. 1999b), DinB (pol IV) (Wagner et al. 1999) and

(UmuD0)2–UmuC (pol V) in E. coli (Tang et al. 1998, 1999; Reuven et al. 1999),

and pol η in humans (Masutani et al. 1999a, b; Johnson et al. 1999a). In particular,

the discovery of human pol η strongly impacted studies in this field because it was

also identified as the gene product responsible for xeroderma pigmentosum variant

(XP-V). XP-V is a human hereditary disorder characterized by enhanced cancer

predisposition following sunlight exposure. XP-V cells are hypermutable in

response to UV light and defective in PRR, but the gene responsible for XP-V

had not been determined. Subsequently, numerous polymerases in this family were

further discovered in different organisms based on the similarity of protein

sequences and are now formally referred to as the “Y-family” of DNA polymerases,

which are distributed among the three kingdoms of life (Ohmori et al. 2001).

11.3 Y-Family of DNA Polymerases

Y-family DNA polymerases do not have proofreading exonuclease activity and

catalyze relatively distributive DNA synthesis even in the presence of a sliding

clamp. Phylogenetic analysis classified the Y-family of DNA polymerases into five

subbranches, as follows: (1) the UmuC family, which is found exclusively in

prokaryotes; (2) the DinB/pol κ family, which is widely present in bacteria,

eukaryotes, and archaea, although it is absent in S. cerevisiae and Drosophila
melanogaster; (3 and 4) the Rev1 and RAD30A/pol η families, which are only
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found in eukaryotes; and (5) the RAD30B/pol ι family, which is found exclusively

in higher eukaryotes (Ohmori et al. 2001).

11.3.1 Pol IV in E. coli

The dinB (dinP) gene encoding pol IV was first isolated as a DNA damage-

inducible gene (Kenyon and Walker 1980) and later identified as a gene required

for untargeted mutagenesis (Brotcorne-Lannoye and Maenhaut-Michel 1986).

Untargeted mutation is observed in the lambda phage when the phages are infected

into UV-irradiated E. coli cells. Since UV irradiation induces the SOS response in

host cells, this effect could be attributed to the induction of dinB gene expression

(Brotcorne-Lannoye and Maenhaut-Michel 1986). Indeed, over-expression of DinB

protein alone induces mutations, even in the absence of UV irradiation (Kim

et al. 1997; Kuban et al. 2005).

Pol IV characteristically generates -1 frameshifts (Kim et al. 1997; Wagner

et al. 1999; Wagner and Nohmi 2000; Kobayashi et al. 2002). The error frequency

of misincorporation is 10�3 to 10�5 (Tang et al. 2000; Kobayashi et al. 2002).

Importantly, pol IV tends to extend mispaired intermediates, showing an efficiency

of ~10�4 (Kobayashi et al. 2002). Pol IV has low capacity for bypass synthesis of

(6-4) pyrimidine–pyrimidone photoproducts [(6-4)PP], CPD, N2-acetylamino-

fluorene-guanine (AAF-G), and AP sites (Tang et al. 2000; Napolitano

et al. 2000; Suzuki et al. 2001). However, pol IV shows high preference for N2-G

adducts, such as benzo[a]pyrene 7,8-diol 9,10-epoxide-N2-guanine (BPDE-G)

(Napolitano et al. 2000; Shen et al. 2002), and N2-furfuryl-G (Jarosz et al. 2006)

lesions in error-free replication, showing higher efficiency than for undamaged G

with an error frequency of 10�2 to 10�4. dinB mutants exhibit hypersensitivity to

agents producing N2-G adducts, demonstrating the importance of pol IV for

bypassing N2-G adducts (Jarosz et al. 2006).

11.3.2 Pol V in E. coli

A genetic screen for mutants that were non-mutable by UV irradiation identified the

genes umuC and umuD, which comprise an operon that is induced by the SOS

response (Kato and Shinoura 1977; Shinagawa et al. 1983; Elledge and Walker

1983). By contrast to dinB, induction of the operon itself does not induce mutations

(Ennis et al. 1985). The umuD gene product is inactive, but interaction with the

RecA nucleoprotein filament converts it to the active form, UmuD0, by the induc-

tion of an autoproteolytic activity that removes the N-terminal segment (Shinagawa

et al. 1988; Nohmi et al. 1988; Burckhardt et al. 1988). The pol V enzyme consists

of UmuC (the catalytic subunit) and two UmuD0 proteins. However, the trimer itself

is not active. Genetic and biochemical data indicate that pol V is activated by
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RecA* (the active form of RecA induced by binding to ssDNA) (Sweasy

et al. 1990; Rajagopalan et al. 1992; Tang et al. 1998, 1999; Reuven et al. 1998,

1999), and a direct interaction between pol V and RecA was demonstrated by

isolation of a pol V–RecA–ATPγS complex as an active form (Jiang et al. 2009).

Pol V is involved in both error-free and error-prone bypass of (6-4)PP, AAF-G,

and BPDE-G lesions (Tang et al. 2000; Napolitano et al. 2000). Activated pol V

bypasses T-T (6-4)PP, T-T CPD, and AP sites with an efficiency equivalent to that

of undamaged templates and predominantly inserts 50-GA-30 (or 50-AA-30 to a

lesser extent), 50-AA-30 and A opposite template respective lesions (Tang

et al. 2000). The error frequency for undamaged DNA and DNA with CPD is

10�3 to 10�5 and 10�2, respectively (Maor-Shoshani et al. 2000; Tang et al. 2000).

These results are in good agreement with in vivo data reporting the mutation spectra

for (6-4)PP and CPD (Tang et al. 2000; Napolitano et al. 2000).

11.3.3 Pol η

The RAD30 gene in yeast was identified as a gene encoding an UmuC/DinB/Rev1

homologue (McDonald et al. 1997; Roush et al. 1998). Transcription of RAD30 is

increased up to 3- to 4-fold by UV irradiation (McDonald et al. 1997; Roush

et al. 1998). Mutants of RAD30 display moderate UV sensitivity and enhanced

mutability following treatment with the alkylating agent methylmethanesulfonate

(MMS) (McDonald et al. 1997; Roush et al. 1998). Soon after its discovery, TLS

activity of the RAD30 gene product for CPD lesions was detected, and it was

designated pol η (Johnson et al. 1999b). At the same time, human pol η was

independently discovered by purification of a protein from HeLa cell nuclear

extracts whose activity restored TLS for CPD lesions in XP-V cell nuclear extracts

(Masutani et al. 1999a, b) and was identified based on its homology to yeast RAD30
(Johnson et al. 1999a; Fig. 11.2a). The gene encoding human pol η was initially

called XPV or RAD30/RAD30A but is now designated POLH. In those and addi-

tional reports, mutations in the POLH gene in XP-V cells were confirmed (Masutani

et al. 1999b; Johnson et al. 1999a; Yuasa et al. 2000; Broughton et al. 2002), and

complementation of UV sensitivity in XP-V cells with the POLH gene has been

demonstrated (Yamada et al. 2000). In contrast to yeast RAD30, however, human

POLH is not inducible by UV irradiation (Yamada et al. 2000; Akagi et al. 2009).

The biochemical properties of human and yeast pol η are quite similar. Kinetic

analyses indicated that pol η misincorporates nucleotides with a frequency of 10�2

to 10�3 (Washington et al. 1999; Matsuda et al. 2000, 2001; Johnson et al. 2000c).

In particular, pol η frequently misincorporates dGMP opposite template T. Despite

the low fidelity, over-expression of pol η in yeast and humans rarely induces

mutations, indicating that tight control mechanisms are in place to prevent

untargeted mutagenesis (Pavlov et al. 2001; King et al. 2005). It has been hypoth-

esized that due to the low processivity of pol η, mismatches generated by pol η
could be removed by other exonuclease activities, such as the proofreading activity
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of replicative polymerases (Pavlov et al. 2001; Bebenek et al. 2001a). Other

regulatory mechanisms are discussed in Sect. 11.6.2.

Pol η efficiently and accurately inserts two As opposite template T-T CPD

lesions at levels similar to that of undamaged TT (Johnson et al. 1999b, 2000c;

Masutani et al. 1999b, 2000; Washington et al. 2000). TLS of CPD is reduced in

rad30 yeast strains, XP-V cells, and pol η-depleted cells (Gibbs et al. 2005; Hendel
et al. 2008; Yoon et al. 2009, 2012a). Importantly, human pol η has a higher affinity
for a template with a CPD lesion than a non-damaged TT template, and the binding

is more stabilized after the dAMP is incorporated opposite the 30-T of the CPD,

which allows it to incorporate a nucleotide opposite the 50-T of the CPD. Pol η then
preferentially incorporates more than two additional nucleotides before dissociating

from the DNA to make the TLS patch resistant to the exonuclease activity of pol δ
(Kusumoto et al. 2004; McCulloch et al. 2004b; Biertümpfel et al. 2010). Such

properties are also observed in yeast pol η (McCulloch et al. 2004a). In contrast to

CPD, pol η rarely bypasses (6-4)PP lesions. Although pol η is able to predominantly

insert G, albeit inefficiently, opposite the 30-T of the lesion, it rarely extends beyond

the 50-T of the lesion (Masutani et al. 2000; Johnson et al. 2001). However,

mutagenic TLS of (6-4)PP by pol η is observed in yeast and human cells, implying

that other polymerases accomplish this extension (Bresson and Fuchs 2002; Gibbs

et al. 2005; Yoon et al. 2010b).

For human and yeast pol η, 7,8-dihydro-8-oxo-guanine (8-oxoG) lesions are

replicated efficiently: yeast pol η bypasses the lesions in error-free replication, but

human pol η appears to be relatively error-prone (Haracska et al. 2000; Zhang

et al. 2000a; McCulloch et al. 2009) and modulates 8-oxoG-induced mutations

in vivo (Avkin and Livneh 2002). AP sites, BPDE-G, AAF-G, and thymine glycol
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Fig. 11.2 Structure of human Y-family DNA polymerases. (a) Schematic structure of human

Y-family DNA polymerases. CD, catalytic domain (conserved in the Y-family); PIP, PCNA-

interacting protein box; RIR, REV1-interacting region; UBZ, ubiquitin-binding zinc finger; UBM,

ubiquitin-binding motif; BRCT, BRCA1 C-terminus domain; CTD, C-terminal domain. (b)

Alignment of RIRs (Ohmori et al. 2009). (c) Alignment of PIP boxes (Ohmori et al. 2009)
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lesions are also relatively inefficient and error-prone for pol η, but its capacity to

bypass these lesions is observed in some cases in vivo (Zhang et al. 2000a, 2002a;

Masutani et al. 2000; Haracska et al. 2001e; Chiapperino et al. 2002; Kusumoto

et al. 2002; Yasui et al. 2004; Zhao et al. 2004, 2006; Gibbs et al. 2005). Human pol

η is also able to bypass cis-diamminedichloro-platinum (cisplatin)-adducted GG

(cisplatin-GG) with insertion of two Cs (Masutani et al. 2000; Vaisman et al. 2000;

Alt et al. 2007; Shachar et al. 2009; Zhao et al. 2012). Generally, it appears that

Watson–Crick hydrogen bonding of base pairs is required for these pol η lesion

bypass reactions (Washington et al. 2000).

XP-V cells display mild UV sensitivity, hypermutability, and defects in PRR,

and these phenotypes are enhanced by caffeine (Lehmann et al. 1975; Arlett

et al. 1975; Maher et al. 1976a, b). The increased incidence of UV-induced

mutations in XP-V cells is attributed to the reduced fidelity of bypass synthesis of

UV-induced lesions (Wang et al. 1991). Additionally, pol η is required for cellular

tolerance to cisplatin (Bassett et al. 2004; Albertella et al. 2005). Polh knockout

mice are viable and fertile and exhibit a high incidence of UV-induced epithelial

skin tumors (Lin et al. 2006a; Ohkumo et al. 2006). In addition, mouse embryonic

fibroblasts (MEFs) established from Polh knockout mice display UV sensitivity and

hypermutability (Ito et al. 2012).

11.3.4 Pol ι

The gene encoding pol ιwas identified as a paralog of pol η (McDonald et al. 1999).

The gene was initially named RAD30B but is now known as POLI. Human and

mouse pol ι were reported to be 715 and 717 residues in length, respectively, and

the human recombinant protein has been extensively analyzed; however, it seems

more likely that the human and mouse pol ι proteins are 740 and 737 residues in

length, respectively, with an extension of the N-termini (Ohmori et al. 2009)

(Fig. 11.2a). Regulation of POLI expression by hypoxia-inducible factor-1 has

been reported (Ito et al. 2006).

Pol ι is a highly error-prone enzyme (Tissier et al. 2000b; Johnson et al. 2000b;

Zhang et al. 2000c). The fidelity and efficiency of pol ι are largely different among

template nucleotides. The most accurate and efficient nucleotide incorporation is

opposite template A, with a misinsertion frequency of 10�3 to 10�5. Interestingly,

the incoming dTTP pushes the template from the anti to the syn conformation

because of a narrow active site, resulting in the formation of Hoogsteen hydrogen

bonds (Johnson et al. 2005, 2006; Nair et al. 2004, 2006). Template T is the most

inefficient and inaccurate for nucleotide incorporation. The narrow active site

prevents Watson–Crick bond formation with the incoming dATP and rather prefers

the wobble base G with 3–10 times better than A (Tissier et al. 2000b; Johnson

et al. 2000b; Zhang et al. 2000c; Kirouac and Ling 2009; Choi et al. 2009).

Pol ι rarely replicates through CPD lesions (Johnson et al. 2000b; Yamamoto

et al. 2008). However, pol ι can preferentially incorporate A opposite the 30-T of
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(6-4)PP lesions (Tissier et al. 2000a; Johnson et al. 2000b; Zhang et al. 2001;

Yamamoto et al. 2008), although the efficiency is approximately 10-fold less than

that of incorporation of G by pol η (Johnson et al. 2001). Pol ι has a weak potential

to replicate through 8-oxoG lesions, with predominant insertion of C via Hoogsteen

bonding (Zhang et al. 2001; Vaisman andWoodgate 2001; Kirouac and Ling 2011).

In contrast to the effects of UV-induced damage, pol ι efficiently and accurately

replicates small N2-guanine adducts that inhibit Watson–Crick hydrogen bonding

by forming Hoogsteen hydrogen bonds (Choi and Guengerich 2006; Washington

et al. 2004b; Pence et al. 2009). Although pol η can replicate such lesions more

efficiently than pol ι (Choi and Guengerich 2006), N20N2-guanine adducts, which

have no hydrogen atom for Watson–Crick hydrogen bonding, decrease the effi-

ciency of TLS by pol η to a level comparable to that of pol ι (Choi and Guengerich

2005, 2006). Thus, pol ι is able to efficiently bypass relatively small N20N2-guanine

adducts (Choi and Guengerich 2006; Choi et al. 2006).

Since the Poli gene is naturally deficient in the 129-derived mouse strains

(McDonald et al. 2003), the allele has been commonly utilized for analysis of the

Poli gene. A genetic linkage between chemically induced lung tumor formation and

Poli deficiency has been suggested (Wang et al. 2004; Lee and Matsushita 2005).

Evidence has accumulated suggesting that pol ι functions in the TLS bypass of

UV-induced lesions in vivo. Several reports suggest that hypermutation in XP-V

cells is attributed to inaccurate TLS by pol ι (Wang et al. 2007; Gueranger

et al. 2008; Dumstorf et al. 2006; Ziv et al. 2009; Yoon et al. 2010b). However,

analysis of Poli-deficient mice yielded an interesting observation. Poli deficiency,
but not Polh deficiency, induced the formation of UV-induced mesenchymal

tumors in both Polh-deficient and proficient backgrounds (Ohkumo et al. 2006).

In addition, increased UV-induced mutagenesis in Polh-deficient MEFs was also

observed. Nonetheless, it was not reduced in Polh/Poli double-deficient MEFs, but

reduces in Polh, Poli, and Polk triple-deficient MEFs (Ito et al. 2012).

11.3.5 Pol κ

The genes encoding pol κ were identified as orthologs of the E. coli DinB protein

(Ogi et al. 1999; Gerlach et al. 1999; Ohashi et al. 2000b; Johnson et al. 2000a)

(Fig. 11.2a). The gene was initially namedDINB1 but is now known as POLK. Note
that the enzyme was also named pol θ initially (Johnson et al. 2000a), but pol θ now
designates another polymerase described in the first report (Sharief et al. 1999). UV

irradiation and 3-methylcholanthrene (3MC) treatment induces mouse Polk expres-
sion (Velasco-Miguel et al. 2003; Ogi et al. 2001). The latter is regulated by the aryl

hydrocarbon receptor (Ogi et al. 2001). Interestingly, ectopic over-expression of the

genes encoding pol κ induces chromosomal instability in human cells (Bavoux

et al. 2005) and untargeted mutations in mouse cells, 30 % of which are frameshift

mutations (Ogi et al. 1999).
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Pol κ misincorporates nucleotides with a frequency of 10�2 to 10�4 (Zhang

et al. 2000d; Johnson et al. 2000a) and extends mispaired primer termini with a

frequency of 10�1 to 10�2 (Washington et al. 2002). Pol κ also produces deletion

and insertion mutations at high rates (Ohashi et al. 2000a; Wolfle et al. 2003). In

contrast to pol η and pol ι, pol κ has moderate processivity of 25 or more nucleotides

(Ohashi et al. 2000a). The crystal structure of pol κ revealed a unique domain,

N-clasp, at the N terminus (Fig. 11.2a), which encircles the DNA and increases

binding affinity, implying its contribution to the above-mentioned properties of pol

κ (Lone et al. 2007).

Pol κ is unable to bypass CPD, (6-4)PP and cisplatin-GG lesions (Johnson

et al. 2000a; Ohashi et al. 2000b; Zhang et al. 2000b; Washington et al. 2002;

Gerlach et al. 2001), plus AP sites, but predominantly inserts A (Johnson

et al. 2000a; Zhang et al. 2000b; Ohashi et al. 2000b). When the next template

base of the AP site is T, pol κ can bypass the lesion via a one-nucleotide deletion

(Zhang et al. 2000b; Ohashi et al. 2000b).

Pol κ can replicate AAF-G and 8-oxoG lesions in error-prone replication with

predominant insertions of T and A, respectively (Ohashi et al. 2000b; Zhang

et al. 2000b; Suzuki et al. 2001). Conversely, pol κ can accurately replicate thymine

glycols and bulky N2-guanine legions, such as BPDE-G, N2-[3-methoxyestra-1,3,5

(10)-trien-6-yl]-20-guanine (N2-3MeE-G, an estrogen-derived adduct), bulky N2-

alkyl-G adducts, and N2-furfuryl-G (Zhang et al. 2000b, 2002b; Suzuki et al. 2002,

2004; Fischhaber et al. 2002; Rechkoblit et al. 2002; Choi et al. 2006; Jarosz

et al. 2006). Notably, pol κ activity is moderately inhibited by N20N2-guanine

adducts to levels equivalent to that of pol ι (Choi and Guengerich 2006; Choi

et al. 2006). Thus, pol κ is the most efficient and accurate enzyme for the bypass of

bulky N2-guanine adducts (Choi and Guengerich 2006; Choi et al. 2006).

Pol κ exhibits a preference for extension from nucleotides inserted opposite a

lesion by another polymerase (Washington et al. 2002). Therefore, pol κ efficiently
replicates many lesions by cooperating with another polymerase, even though

inaccurate nucleotides are incorporated opposite the lesions (Washington

et al. 2002). For example, pol κ elongates from G opposite 30T of CPD, A opposite

8-oxoG, T opposite O6-methylguanine (O6-meG), and G and T opposite BPDE-G

(Washington et al. 2002; Haracska et al. 2002a; Zhang et al. 2002a). When pol κ
exhibits this type of activity, it is called an “extender,” meaning that it functions

specifically at the elongation step (Washington et al. 2002).

Polk-knockout mice are viable and fertile (Ogi et al. 2002; Schenten et al. 2002).

In these mice, elevated spontaneous mutations in germline and somatic cells, and

dietary cholesterol-induced mutations in somatic cells have been reported

(Velasco-Miguel et al. 2003; Stancel et al. 2009; Singer et al. 2013). Polk-knockout
mouse embryonic stem (ES) cells and MEFs exhibit significant and moderate

sensitivity to BPDE and UV, respectively, but normal sensitivity to ionizing

radiation (IR) (Schenten et al. 2002; Ogi et al. 2002; Bi et al. 2005; Stancel

et al. 2009). Importantly, Polk-knockout ES cells show increased numbers of

BPDE-induced mutations with a characteristic spectrum different from that of

wild-type (WT) cells, and a role for pol κ in error-free bypass of BPDE-G lesions
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has been demonstrated (Ogi et al. 2002; Avkin et al. 2004). UV sensitivity of pol

κ-depleted human cells and Polk-deficient MEFs appears to be additive with pol

η-depletion and Polh-deficiency, respectively, implying distinct roles for the two

polymerases for the bypass of UV-induced lesions. In the pol κ pathway, pol ζ and
probably REV1 appear to act together to bypass not only UV-induced lesions but

also BPDE-G and thymine glycol lesions (Ito et al. 2012; Yoon et al. 2009, 2010a,

2012a; Ziv et al. 2009; Shachar et al. 2009).

11.3.6 REV1

As mentioned above, REV1 was originally identified from the rev1-1 yeast mutant,

which is defective in UV-induced mutagenesis (Lemontt 1971). The rev1-1 mutant

also exhibited reduced mutagenesis following IR and 4-nitroquinoline-1-oxide

(4-NQO) treatment, but not after treatment with ethyl methanesulfonate (EMS) or

nitrous acid (HNO2) (Lemontt 1972; Prakash 1976; McKee and Lawrence 1979;

Wiltrout and Walker 2011a). Yeast REV1 expression is regulated during the cell

cycle, and a sharp accumulation of the protein is observed in G2/M (Waters and

Walker 2006; Wiltrout and Walker 2011b). The mammalian genes encoding REV1

were identified as orthologs of yeast Rev1 (Lin et al. 1999; Gibbs et al. 2000;

Masuda et al. 2002) (Fig. 11.2a). Downregulation of REV1 in human cells enhances

sensitivity to cisplatin and IR and reduces mutations induced by UV and cisplatin

(Gibbs et al. 2000; Okuda et al. 2005; Lin et al. 2006b; Sharma et al. 2012). In

contrast to yeast, cellular protein levels of human REV1 are unaffected by UV

irradiation or cell-cycle progression (Akagi et al. 2009).

Unlike other members of the Y-family, REV1 exclusively utilizes dCTP; there-

fore, it is considered to have deoxycytidyl transferase activity (Nelson et al. 1996a).

The enzymatic properties of human, mouse, and yeast Rev1 are essentially identi-

cal. REV1 preferentially inserts C efficiently opposite template G and inefficiently

opposite templates A, T, and C (Nelson et al. 1996a; Masuda and Kamiya 2002;

Masuda et al. 2002; Zhang et al. 2002c; Haracska et al. 2002b). The crystal structure

of the ternary complex of REV1–DNA–dCTP revealed an unexpected feature of the

enzyme. Surprisingly, the incoming dCTP does not make a pairing with template

G. Instead, the template G is evicted from the DNA helix and stabilized by

interaction with the amino acid residues of REV1 and incoming dCTP pairs with

an arginine reside (Nair et al. 2005, 2008, 2011; Swan et al. 2009; Piao et al. 2010).

REV1 can efficiently insert C opposite template AP site, U, O6-meG, and N2-

adducted guanines, but inefficiently opposite 8-oxoG (Nelson et al. 1996a; Lin

et al. 1999; Masuda et al. 2001, 2002; Masuda and Kamiya 2002; Zhang

et al. 2002c; Washington et al. 2004a; Nair et al. 2008, 2011; Piao et al. 2010).

REV1-dependent insertion of C opposite the AP site has been demonstrated in vivo

(Gibbs and Lawrence 1995; Zhao et al. 2004; Otsuka et al. 2005; Auerbach

et al. 2005; Pagès et al. 2008b), and it has also been shown that the catalytic activity

of REV1 is required for 4-NQO tolerance in yeast (Wiltrout and Walker 2011a).
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Although the REV1 gene plays a role in TLS of (6-4)PP in vivo, REV1 is unable

to insert any nucleotides opposite template (6-4)PP and CPD lesions (Nelson

et al. 2000; Zhang et al. 2002c). The amino acid substitution G193R in the rev1-1
allele was mapped to the BRCT (BRCA1 C-terminus) domain (Fig. 11.2a) and the

Rev1-1 protein possesses intact deoxycytidyl transferase activity (Nelson

et al. 2000). The phenotype of rev1-1 is reproduced by deletion of the BRCT

domain (Otsuka et al. 2005). Furthermore, a mutant gene encoding a catalytically

inactive Rev1 protein is intact for TLS of (6-4)PP but defective for insertion of C

opposite AP sites in vivo (Otsuka et al. 2005). Thus, the BRCT domain appears to

be required for bypassing (6-4)PP lesions, indicating a non-catalytic role for Rev1.

Although many of the molecular functions of the BRCT domain of Rev1 have been

reported, its non-catalytic TLS functions remain obscure (D’Souza and Walker

2006; Guo et al. 2006b; Masuda and Kamiya 2006; de Groote et al. 2011). These

properties appear to be conserved in mammals, based on results obtained from

analysis of Rev1 knockout mice and mice genetically engineered to express BRCT

domain-truncated or catalytically dead Rev1 (Jansen et al. 2005, 2006; Masuda

et al. 2009). Hence, hypermutation in XP-V cells might be dependent on REV1
function. Rev1-knockout mice were generated from a 129/OLA-derived ES cell

line, and although subsequent backcrosses to 129/OLA produced mice with reduced

body size, no Rev1-knockout mice were obtained beyond the F2 backcross into

C57BL/6 mice, indicating strain dependence of the phenotype. Interestingly,

despite a defect in UV-induced mutagenesis in Rev1-deficient cells, UV-induced
skin carcinogenesis is accelerated in Rev1-knockout mice, and this is associated

with the induction of inflammatory hyperplasia of the mutant skin (Tsaalbi-Shtylik

et al. 2009).

REV1 possesses another non-catalytic function in the C-terminal region

(Fig. 11.2a). Mammalian REV1 interacts with pol η, pol ι, pol κ, REV7, and the

REV3–REV7 complex (Murakumo et al. 2001; Guo et al. 2003; Masuda et al. 2003;

Ohashi et al. 2004, 2009; Tissier et al. 2004; Hara et al. 2010; Kikuchi et al. 2012),

and yeast Rev1 associates with pol η, Rev3 and Rev7, the Rev3-Rev7 complex (pol

ζ), and Pol32 (see also Sect. 11.4.2) (Guo et al. 2004; Acharya et al. 2005, 2006,

2007b, 2009; D’Souza and Walker 2006; D’Souza et al. 2008). These interactions

are mutually exclusive (Guo et al. 2003; Ohashi et al. 2004; Acharya et al. 2006,

2007b). Two REV1-interacting regions (RIRs) have been defined in human pol η,
and one RIR has been found in pol ι and pol κ (Ohashi et al. 2009; Ohmori

et al. 2009) (Fig. 11.2a and b). In yeast, stimulation of catalytic activity via those

interactions, with the exception of the Rev1-Rev7 and Rev1-Pol32 interactions, has

been observed (Guo et al. 2004; Acharya et al. 2005, 2006, 2007b, 2009). Consis-

tently, deletion of the interaction domain of REV1 induces phenotypes identical to

the Δrev1 phenotype with respect to UV sensitivity and UV-induced mutagenesis

(Acharya et al. 2006). Conversely, in mammalians, no influence on catalytic

activity via those interactions has been observed (Guo et al. 2003; Masuda

et al. 2003; Ohashi et al. 2004). However, it has been shown that the REV1–pol η
interaction is essential for pol η-dependent accumulation of endogenous REV1 at

sites of UV-damage and that this interaction modulates the TLS functions of pol η
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and/or REV1 in vivo (Akagi et al. 2009), although exogenously expressed REV1 is

able to form foci in a pol η-independent manner (Tissier et al. 2004). Furthermore,

the REV1–pol κ interaction appears to be essential for the TLS functions of pol κ
and/or REV1 in MEFs (Ohashi et al. 2009), and, interestingly, the REV1–pol η
interaction appears to be essential for the TLS functions of pol κ (Ito et al. 2012).

These observations imply a hierarchy for the recruitment of Y-family polymerases

for TLS reactions in mammals.

11.4 B-Family of DNA Polymerases

Well-known B-family DNA polymerases such as pol α, pol δ, and pol ε are

replicative DNA polymerases in eukaryotes. However, some B-family polymerases

function as TLS polymerases, demonstrating the functional diversity of the

B-family. This is in contrast to the Y-family of polymerases, in which each member

is exclusively categorized as a TLS polymerase.

11.4.1 Pol II in E. coli

The polB gene encoding Pol II was first identified as dinA, a damage-inducible gene

(Kenyon and Walker 1980; Iwasaki et al. 1990; Bonner et al. 1990). Over-

expression of Pol II induces untargeted mutations (Al Mamun 2007). The polB
gene is absolutely required for sequence-specific AAF-induced -2 frameshift muta-

genesis at NalI sites (Napolitano et al. 2000) and for mutagenic bypass of

intrastrand DNA cross-links (Kanuri et al. 2005).

In contrast to other TLS polymerases, Pol II has a proofreading 30-50 exonuclease
activity, which contributes to the high fidelity of the polymerase (Cai et al. 1995).

However, Pol II is able to efficiently replicate AAF-G located in a specific site of an

NalI sequence with -1 and -2 frameshift events (Becherel and Fuchs 2001). Pol II is

prone to making -2 and -1 deletions during TLS of AP sites (Wang and Yang 2009).

Crystal structures of the ternary complex of Pol II–DNA–dNTP and kinetic analysis

revealed that Pol II contains small cavities to accommodate looped-out template

nucleotides 1 or 2 bases upstream of the active site. The 30 end of the primer makes

a pairing with the downstream base of the template at the polymerase active site

instead of transferring the primer end to the exonuclease active site, as occurs with

replicative polymerases (Wang and Yang 2009).
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11.4.2 Pol ζ in Eukaryotes

In yeast, pol ζ contains Rev3 and Rev7 (Nelson et al. 1996b). Later, additional

subunits, Pol31 and Pol32, which interact at the C-terminus of Rev3, were reported

in yeast (Johnson et al. 2012; Makarova et al. 2012). The four-subunit complex has

been designated pol ζ-d (Johnson et al. 2012) or pol ζ4 (Makarova et al. 2012).

Interestingly, these subunits were originally identified as non-catalytic subunits of

pol δ and are shared by the two polymerases. As mentioned above, REV3 and REV7
were identified in yeast mutants defective in UV-induced mutagenesis (Lemontt

1971; Lawrence et al. 1985a). REV3 was also identified as PSO1 or RAD8 in

mutants sensitive to psoralen photoaddition and UV radiation, respectively

(Cassierchauvat and Moustacchi 1988; Lawrence 2007). Pol32 is required for

UV-induced mutagenesis (Gerik et al. 1998; Huang et al. 2000) and has been also

identified as REV4 (Lawrence et al. 1985b; Gibbs et al. 2005). Expression of REV3
and the protein levels of pol ζ4 remain nearly constant both throughout the cell cycle

and after treatments with DNA-damaging agents (Singhal et al. 1992; Makarova

et al. 2012). Mammalian REV3 (the approved name is REV3L for REV3-like

polymerase ζ catalytic subunit) and REV7 (the approved name is MAD2L2 for

MAD2 mitotic arrest deficient-like 2) were identified based on homology and from

the results of a yeast two-hybrid screening, respectively (Van Sloun et al. 1999;

Gibbs et al. 1998; Murakumo et al. 2000). Expression of human REV3 is damage-

inducible (Krieg et al. 2006; Yu et al. 2004). Although human pol ζ or pol ζ4 has not
yet been successfully purified, many studies support its existence (Murakumo

et al. 2000; Hanafusa et al. 2010; Hara et al. 2010; Kikuchi et al. 2012; Baranovskiy

et al. 2012).

The yeast rev3 mutant displays reduced frequency of mutagenesis in response to

IR, MMS, and 4-NQO treatments, but not EMS or HNO2 treatment (Lemontt 1972;

Prakash 1976; McKee and Lawrence 1979). The rev7 mutant shows similar phe-

notypes of reduced mutagenesis induced by treatment with MMS and N-methyl-

N0-nitro-N-nitrosoguanidine (MNNG), but not EMS (Lemontt 1972; Prakash 1976;

McKee and Lawrence 1979; Lawrence et al. 1985c).

Pol ζ is a relatively non-processive enzyme and is deficient in proofreading

exonuclease activity even when the conserved exonuclease domain is present

(Morrison et al. 1989; Nelson et al. 1996b). Pol ζ is relatively accurate in compar-

ison to Y-family polymerases with a misincorporation frequency of 10�3–10�5

(Johnson et al. 2000b; Zhong et al. 2006). The catalytic activity of the Rev3 subunit

is strongly stimulated by Rev7, and assembly of Pol31–Pol32 further stimulates and

greatly stabilizes the complex (Nelson et al. 1996b; Johnson et al. 2012; Makarova

et al. 2012).

Although pol ζ is potentially able to mediate TLS of CPD lesions and contributes

to detectable amounts of TLS in vivo (Gibbs et al. 2005), in general, TLS reactions

by pol ζ are inefficient, as has been demonstrated for CPD, (6-4)PP, AAF-G, and

AP sites (Nelson et al. 1996a, b; Johnson et al. 2000b; Haracska et al. 2001d; Guo

et al. 2001). Conversely, pol ζ has the ability to preferentially extend primer termini
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away from DNA lesions and mismatches as an “extender” (Johnson et al. 2000b,

2001; Haracska et al. 2001d; Guo et al. 2001). Pol ζ extends from A, G, T, or C

placed opposite the 30-T of CPD or (6-4)PP lesions with similar efficiency as those

opposite undamaged T (Johnson et al. 2000b). Pol ζ also efficiently extends from A,

C, or T when placed opposite AP sites and from A or C when placed opposite

AAF-G (Nelson et al. 1996a; Haracska et al. 2001d; Guo et al. 2001). Its biochem-

ical property as an “extender” has been also reported for 8-oxoG, O6-meG, and

thymine glycol lesions (Haracska et al. 2003b; Johnson et al. 2003). Interaction

with Rev1 stimulates the activity of pol ζ, not only for extension from mismatches,

CPD, (6-4)PP, AAF-G, and AP sites but also for insertion opposite template AAF-G

lesions (Guo et al. 2004; Acharya et al. 2006). These properties are consistent with

its requirement for mutagenic bypass of (6-4)PP, AAF-G, and AP sites in vivo,

together with the non-catalytic function of Rev1 (Guo et al. 2004; Zhao et al. 2004;

Gibbs et al. 2005; Pagès et al. 2008b) (see also Sect. 11.3.6).

Downregulation of REV3 in human cells exhibits normal sensitivity to UV,

BPDE, and cisplatin, but reduces mutations induced by them (Li et al. 2002; Diaz

et al. 2003; Wu et al. 2004; Gibbs et al. 1998). REV3 knockout human cells show

enhanced UV sensitivity and reduced UV mutagenesis (Gueranger et al. 2008). In

TLS of those lesions, pol κ appears to participate together with pol ζ (Yoon

et al. 2009, 2012a; Ziv et al. 2009; Shachar et al. 2009). Depletion of REV7 in

human cells enhances sensitivity to cisplatin and UV and results in a reduced

frequency of induced mutations (Cheung et al. 2006; McNally et al. 2008). Rev3
knockout mice have been independently generated by many groups and demon-

strated to be embryonic lethal (Esposito et al. 2000; Bemark et al. 2000;

Wittschieben et al. 2000; Van Sloun et al. 2002; O-Wang et al. 2002). MEFs

established from Rev3-knockout mice with a p53-deficient background exhibit

sensitivity to UV, MMS, mitomycin C (MMC), and IR (Wittschieben et al. 2006;

Jansen et al. 2009b). Analysis of conditional Rev3 knockout mice demonstrated that

Rev3 deficiency enhances spontaneous tumorigenesis (Wittschieben et al. 2010).

Rev7 knockout mice exhibit growth retardation and partial embryonic lethality, and

mice that survive to adulthood are infertile due to progressive loss of primordial

germ cells in the embryo (Pirouz et al. 2013; Watanabe et al. 2013).

11.5 A-Family of DNA Polymerases, pol θ and pol n

Pol θ and pol n are paralogs encoded by POLQ and POLN, respectively, and are

exclusively detected in the genomes of multicellular eukaryotes (Sharief

et al. 1999; Seki et al. 2003; Marini et al. 2003). Pol θ has an additional helicase

domain at the N-terminal end, although no helicase activity has been detected (Seki

et al. 2003). Pol θ and pol n are moderately processive, exhibit low fidelity, and are

deficient in proofreading exonuclease activity because the conserved exonuclease

domain is mutated (Seki et al. 2003, 2004; Marini et al. 2003; Takata et al. 2006;

Arana et al. 2008).
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Pol θ, but not pol n, is able to replicate AP sites by the insertion of A (Seki

et al. 2004; Takata et al. 2006). Pol θ and pol n are able to replicate DNA with

thymine glycol lesions, but are unable to incorporate any base opposite template

CPD and (6-4)PP lesions. However, pol θ is able to extend A opposite 30-T of T-T

(6-4)PP lesions (Seki and Wood 2008). Interestingly, pol n can mediate error-free

replication of templates with psoralen DNA interstrand cross-link lesions, although

it does this with low efficiency (Zietlow et al. 2009).

A mutant mouse of Polq, Polqchaos1 (chromosome aberration occurring sponta-

neously 1 for chaos1), was isolated by the screening of a library based on a

phenotype that displayed elevated levels of spontaneous and radiation-induced

micronuclei in peripheral blood cells (Shima et al. 2003). Polq knockout mice are

viable and fertile, and the Chaos phenotype was reproduced in Polq knockout mice

(Shima et al. 2004). Polq knockout and Polqchaos1 cells display high sensitivity to

IR, bleomycin, and etoposide, but only slight or normal sensitivity to MMC,

cisplatin, and UV-induced lesions (Shima et al. 2004; Goff et al. 2009; Li

et al. 2011). Conversely, Pol n-depleted cells display sensitivity to MMC and

reduced frequency of homologous recombination (Zietlow et al. 2009; Moldovan

et al. 2010).

11.6 Regulation of DDT Pathways

11.6.1 Regulation of TLS in E. coli

As mentioned in Sect. 11.3.2, RecA plays three distinct roles in TLS in E. coli. All
three TLS polymerases in E. coli are regulated by the SOS regulon, the first

identified function of RecA (Kenyon and Walker 1980; Kato and Shinoura 1977;

Shinagawa et al. 1983; Elledge and Walker 1983). Pol II and pol IV are mainly

regulated at the protein level, because overproduction of pol II or pol IV induces

untargeted mutations (Al Mamun 2007; Brotcorne-Lannoye and Maenhaut-Michel

1986; Kim et al. 1997; Kuban et al. 2005). These polymerases appear to have

intrinsic properties that allow them to access ongoing replication forks (Fujii and

Fuchs 2004, 2007; Furukohri et al. 2008; Indiani et al. 2009; Uchida et al. 2008).

Conversely, over-expression of umuC and umuD alone is not effective in producing

mutagenesis (Ennis et al. 1985). The gene products of umuD must be cleaved via

interaction with RecA*, the second identified function of RecA (Shinagawa

et al. 1988; Nohmi et al. 1988; Burckhardt et al. 1988). In addition, the catalytic

activity of pol V must be stimulated by direct interaction with RecA*, the third

identified function of RecA (Sweasy et al. 1990; Rajagopalan et al. 1992; Tang

et al. 1998, 1999; Reuven et al. 1998, 1999; Jiang et al. 2009).

In in vitro reconstitution systems with TLS polymerases and the replicative pol

III holoenzyme, competitive association of these polymerases with the ongoing

primer end has been demonstrated (Fujii and Fuchs 2004, 2007; Furukohri
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et al. 2008; Indiani et al. 2009). The proofreading exonuclease activity of pol III

plays an important role in successful TLS (Fujii and Fuchs 2004, 2007). Because a

short (less than five nucleotides) TLS patch tends to be degraded by the exonuclease

activity of Pol III after it is released from one of the TLS polymerases, when a TLS

polymerase generates a long-enough TLS patch that is resistant to the exonuclease

of Pol III, the TLS reaction is successful (Fujii and Fuchs 2004, 2007; Gon

et al. 2011). The balance between polymerase and exonuclease activities is directly

affected by the concentration of dNTP, with low concentrations of dNTP appearing

to prevent TLS events (Gon et al. 2011).

All TLS polymerases have motifs that interact with a sliding clamp, β subunit,

and gain processivity via these interactions (Bonner et al. 1992; Tang et al. 2000;

Wagner et al. 2000; Dalrymple et al. 2001). These interactions are essential for

successful TLS, probably by producing TLS patches of significant length (Lenne-

Samuel et al. 2002; Becherel et al. 2002; Fujii and Fuchs 2009). Additionally,

RecFOR has been reported to be involved in RecA binding to SSB-coated templates

(Fujii et al. 2006). In line with this observation, it has been shown that recFOR
genes are essential for UV-induced mutagenesis (Fujii et al. 2006).

11.6.2 Regulation of DDT Pathways in Eukaryotes

11.6.2.1 Regulation by Posttranslational Modifications of Proliferating

Cell Nuclear Antigen (PCNA)

Many eukaryotic genes responsible for DDT pathway activity were identified from

genetic and biochemical studies in S. cerevisiae. In addition to genes encoding

DNA polymerases such as REV1, REV3 (PSO1/RAD8), POL32 (REV4), and REV7,
another set of genes including RAD5 (REV2/SNM2), POL30 (REV6), RAD6 (UBC2/
PSO8), RAD18, MMS2, and UBC13 was also determined to be involved in DDT

pathways (Lemontt 1971; Lawrence et al. 1974, 1985b; Siede and Brendel 1982;

Jentsch et al. 1987; Torres-Ramos et al. 1996; Broomfield et al. 1998; Hofmann and

Pickart 1999; Rolla et al. 2002; Zhang et al. 2006). POL30 encodes the eukaryotic

sliding clamp, PCNA. Rad6 was recognized as a ubiquitin-conjugating enzyme

(E2) (Jentsch et al. 1987) that forms a stable complex with Rad18 (Bailly

et al. 1994). Nucleotide sequencing revealed Mms2 to be a ubiquitin-conjugating

enzyme variant (UEV) that lacks the E2 active-site residue (Broomfield et al. 1998).

Ubc13, in a complex with Mms2, was identified as an enzyme that generates

K63-linked ubiquitin chains (Hofmann and Pickart 1999). Rad5 (a member of the

SNF2 family) and Rad18 were determined to be ubiquitin ligases (E3s) when the

RING domain was identified as a conserved motif in a large number of E3s (Lorick

et al. 1999). However, some of the most important findings emerged during a study

designed to identify substrates for small ubiquitin-related modifiers (SUMO) in

yeast. In this study, PCNA was identified as a substrate for SUMO-modification
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and, at the same time, recognized as a substrate for ubiquitination (Hoege

et al. 2002).

In yeast, PCNA is specifically modified at the highly conserved Lys164 residue

by mono-ubiquitin, poly-ubiquitin chains or SUMO. Lys127, a yeast-specific site, is

exclusively modified by SUMO to a lesser extent. SUMOylated PCNA accumulates

during S phase or following treatment with a lethal dose of MMS (Hoege

et al. 2002). Ubiquitination is induced not only by treatment with DNA-damaging

agents but also by drugs that induce stalled DNA replication, such as hydroxyurea

(Hoege et al. 2002; Pfander et al. 2005; Papouli et al. 2005); however, it is

independent of checkpoint activation (Davies et al. 2008; Hishida et al. 2009;

Ulrich 2009). Genetic analysis in yeast demonstrated that both mono- and poly-

ubiquitination is lost in rad6 or rad18 mutants, while only poly-ubiquitination is

lost in mms2, ubc13, or rad5 mutants, and SUMOylation depends on UBC9 and

SIZ1 expression. A UBI4 mutant, ubiK63R, which encodes a mutant ubiquitin in

which Lys63 was replaced with Arg, is defective in poly- but not mono-

ubiquitination (Hoege et al. 2002). Taken together with the results of another

extensive genetic analysis, a model of the main regulatory pathways was developed

and is now widely accepted. In this model, RAD6 and RAD18 play central roles in

DDT (Fig. 11.1). REV1, REV3, REV7, and RAD30 belong to a DDT sub-pathway

known as the TLS branch, which is stimulated by mono-ubiquitination of PCNA.

RAD5, MMS2, and UBC13 belong in another DTT pathway, homology-directed

repair, whose activity is promoted by poly-ubiquitinated PCNA (Broomfield

et al. 2001) (Fig. 11.1). Meanwhile, SUMOylated PCNA recruits Srs2 helicase,

an anti-recombinase, which disrupts Rad51-ssDNA filament formation and inhibits

homologous recombination (Veaute et al. 2003; Krejci et al. 2003; Pfander

et al. 2005; Papouli et al. 2005; Hishida et al. 2006).

Corresponding mammalian genes were identified as orthologs. In humans,

mono-ubiquitinated PCNA is easily detectable, but poly-ubiquitinated and

SUMOylated PCNAs are found in very minor populations. Ubiquitination is

induced by DNA-damaging agents, especially those that inhibit DNA replication

(Hoege et al. 2002; Watanabe et al. 2004; Kannouche et al. 2004; Shiomi

et al. 2007a; Niimi et al. 2008) in a checkpoint-independent manner (Yang

et al. 2008; Niimi et al. 2008). The enzymes necessary for this ubiquitination are

essentially conserved in mammals. Mice and humans possess two Rad6 orthologs,

RAD6A (HR6A) and RAD6B (HR6B) (the approved names are UBE2A and

UBE2B, respectively) (Koken et al. 1991). Knockout mice of Rad6b exhibit male

infertility, but MEFs established from the Rad6b-/- mice exhibit normal sensitivity

to UV treatment (Roest et al. 1996). Knockout mice of Rad18 are viable and fertile,
and Rad18-knockout ES cells exhibit high sensitivity to UV, MMS, MMC, and

cisplatin, but normal sensitivity to IR (Tateishi et al. 2003). Over-expression of

RAD18 RING mutants or antisense RAD18 RNA sensitized a human fibroblast cell

line to UV, MMS, and MMC (Tateishi et al. 2000), and a RAD18-knockout cell line
generated from human HCT116 cell showed sensitivity to MMS, cisplatin, IR,

VP-16, and camptothecin treatment and slight sensitivity to UV (Shiomi

et al. 2007a). TLS of CPD, (6-4)PP, and BPDE-G lesions is significantly reduced
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in RAD18-depleted and Rad18-knockout MEFs (Hashimoto et al. 2012; Yoon

et al. 2012b), and ubiquitination of PCNA is lost in these RAD18/Rad18-deficient
cells (Watanabe et al. 2004; Shiomi et al. 2007a). HLTF (helicase-like transcription

factor) has been determined to be a mammalian ortholog of Rad5, and another gene

encoding a structurally related protein, SHPRH (SNF2 histone linker PHD RING

helicase), has also been identified (Motegi et al. 2006, 2008; Unk et al. 2006, 2008).

Depletion of SHPRH sensitizes HCT116 cells to MMS treatment, induces chromo-

somal instability, and reduces levels of poly-ubiquitinated PCNA (Motegi

et al. 2006). Motegi and colleagues reported that HLTF was unable to complement

UV sensitivity of the Δrad5 yeast strain (Motegi et al. 2008). Unk and colleagues

reported that it was able to complement that of the Δrad5 Δrad30 double mutant

(Unk et al. 2008). Depletion of HLTF also sensitizes human cells to MMS and UV

and reduces levels of poly-ubiquitinated PCNA (Motegi et al. 2008; Unk

et al. 2008). Knockout mice of Hltf or Shprh and double-knockout mice are both

viable and fertile. MEFs established from Hltf-knockout mice show chromosomal

instability, while in MEFs established from Shprh and Hltf double-knockout mice,

poly-ubiquitinated PCNA is significantly reduced, but not abolished, and primary-

activated B cells isolated from the double-knockout mice show normal UV and

MMS sensitivities, implying the possible presence of additional E3 ligases (Krijger

et al. 2011b). In contrast to these observations, another role for HLTF in the mono-

ubiquitination of PCNA after UV irradiation has been reported (Lin et al. 2011).

Human MMS2 (the approved name is UBE2V2) is able to complement the UV and

MMS sensitivities of an mms2 yeast strain (Xiao et al. 1998). Depletion of human

UBC13 (the approved name is UBE2N) reduces the levels of poly-ubiquitinated

PCNA (Chiu et al. 2006; Brun et al. 2008), but depletion of MMS2 does not,

implying a functional redundancy for MMS2 (Brun et al. 2008). Mice expressing

the mutant PCNA, PCNAK164R, instead of WT PCNA, are sterile (Langerak

et al. 2007; Roa et al. 2008), and MEFs generated from PcnaK164R/K164R knockin

mice exhibit defects in TLS and sensitivity to UV irradiation (Hendel et al. 2011).

Overall, the main pathways of DDT appear to be conserved in mammalians (Chiu

et al. 2006) (Fig. 11.1).

In yeast and humans, ubiquitination of PCNA is stimulated by stalled DNA

replication, as mentioned above. In line with these observations, it has been

reported that the RAD6–RAD18 complex is recruited by its interaction with

replication protein A (RPA) bound to ssDNA exposed by fork stalling (Davies

et al. 2008; Niimi et al. 2008). Interestingly, cellular levels of damage-induced

mono-ubiquitination are also regulated by chromatin remodelers (Niimi

et al. 2012). In human cells, ubiquitination is further regulated by other factors. A

moderate contribution by the Claspin-CHK1 complex has been reported in humans,

in which CHK1 stabilizes Claspin and stimulates the binding of RAD18 to chro-

matin in a kinase activity-independent manner (Yang et al. 2008), but such func-

tions are not observed in their yeast counterparts (Ulrich 2009). BRCA1 promotes

the ubiquitination of PCNA by regulating the recruitment of RPA, RAD18, and

HLTF to chromatin specifically in response to the formation of cross-links in DNA

(Tian et al. 2013). NBS1 (Nijmegen breakage syndrome 1, nibrin) appears to be
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essential for this ubiquitination, the function of which has been proposed to be the

recruitment of RAD18 to chromatin though direct interaction (Yanagihara

et al. 2011). Pol η enhances the ubiquitination of PCNA through its interactions

with RAD18 and PCNA (Durando et al. 2013). In addition to RAD18, E3s, RNF8,

and CRL4cdt2 have been reported to participate in the ubiquitination of PCNA

(Zhang et al. 2008; Terai et al. 2010).

Cellular levels of mono-ubiquitinated PCNA are downregulated by a ubiquitin-

specific peptidase complex containing USP1 (ubiquitin-specific peptidase 1) and

UAF1 (USP1-associated factor 1; the approved name is WDR48, WD repeat

domain 48) (Huang et al. 2006; Cohn et al. 2007; Niimi et al. 2008; Hibbert and

Sixma 2012). In this process, ELG1 specifically directs the USP1-UAF1 complex

for deubiquitination through physical interactions with PCNA and UAF1 (Lee

et al. 2010). Interestingly, depletion of these factors leads to the accumulation of

mono-ubiquitinated PCNA even without exposure to DNA-damaging agents

(Huang et al. 2006; Lee et al. 2010). USP1-depleted cells display normal UV

sensitivity but increased UV-induced mutagenesis (Huang et al. 2006; Terai

et al. 2010). MEFs generated from Usp1-knockout mice also display normal UV

sensitivity but enhancement of both error-free and mutagenic TLS (Kim et al. 2009;

Hendel et al. 2011).

In humans, SUMOylation of PCNA has been reported, and the two major

SUMOylation sites were determined to be Lys164 as the main site and Lys254 as

the second site (Moldovan et al. 2012; Gali et al. 2012). In line with this report,

PARI (PCNA-associated recombination inhibitor), a functional counterpart of yeast

Srs2, has also been identified (Moldovan et al. 2012).

11.6.2.2 Biochemical Analysis of the PCNA Ubiquitination

The reactions that mediate mono-ubiquitination of PCNA were reconstituted with

purified proteins in vitro and are essentially identical in yeast and humans. The

yeast Rad6-Rad18 complex has been reported to exist as a heterodimer (Bailly

et al. 1997), but the human complex exists as a heterotrimer, RAD6–(RAD18)2
(Huang et al. 2011; Masuda et al. 2012b). The RAD6–RAD18 complex mono-

ubiquitinates PCNA specifically at Lys164 in vitro (Watanabe et al. 2004; Garg and

Burgers 2005; Haracska et al. 2006; Masuda et al. 2010). While PCNA itself is a

poor substrate for the RAD6–RAD18 complex, loading of PCNA onto DNA by

replication factor C (RFC) increases the likelihood of its ubiquitination (Garg and

Burgers 2005; Haracska et al. 2006; Masuda et al. 2010). In human proteins, it has

been further verified that interaction of PCNA on DNA with RFC and pol δ further

enhances ubiquitination (Masuda et al. 2010). In contrast, RNF8 and CRL4cdt2

efficiently mono-ubiquitinate PCNA in solution, independent of RFC and DNA

binding (Zhang et al. 2008; Terai et al. 2010).

Lys63-linked poly-ubiquitination of PCNA was also reconstituted in vitro when

Rad5 for yeast and HLTF or SHPRH for humans was introduced together with

MMS2-UBC13 dimer into mono-ubiquitination reactions containing the RAD6–
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RAD18 complex together with RFC and DNA (Unk et al. 2006, 2008; Parker and

Ulrich 2009; Masuda et al. 2012a). Consistent with in vivo observations, poly-

ubiquitination of PCNA is dependent on RAD6–RAD18 as well as Rad5/HLTF and

MMS2-UBC13 (Unk et al. 2006, 2008; Parker and Ulrich 2009; Masuda

et al. 2012a). However, two very different mechanisms have been proposed to

mediate poly-ubiquitination (Parker and Ulrich 2009; Masuda et al. 2012a). Parker

and colleagues reconstituted the poly-ubiquitination reactions with yeast proteins,

except for ubiquitin (bovine) and E1 (humans), and reported that mono-

ubiquitination is a prerequisite for poly-ubiquitination, because Rad5 transfers

ubiquitin molecules individually from Ubc13 exclusively to the ubiquitinated

PCNA. This implies that poly-ubiquitination is a downstream event of mono-

ubiquitination, i.e., the TLS pathway is stimulated before homology-directed repair

is activated (Parker and Ulrich 2009) (Fig. 11.1a). However, Masuda and col-

leagues found that this biochemical reaction is inefficient and that en bloc transfer

reactions of an ubiquitin chain to unmodified PCNA are the predominant mecha-

nism of poly-ubiquitination (Masuda et al. 2012a) (Fig. 11.3). It was shown that

HLTF, which is a novel E3 ligase whose activity is strongly stimulated in the

presence of DNA, generates a thiol-linked ubiquitin chain on UBC13 by the seesaw

mechanism (Hochstrasser 2006) and transfers the chain to the ubiquitin moiety of

RAD6 ~ ubiquitin complexed with RAD18 (Fig. 11.3). Subsequently, the thiol-

linked ubiquitin chain on RAD6 is transferred to unmodified PCNA by the catalytic

activity of RAD18 (Masuda et al. 2012a) (Fig. 11.3). Hence, mono-ubiquitinated

PCNA is not an intermediate for poly-ubiquitination. This mechanism implies that

mono-ubiquitination and poly-ubiquitination, i.e., TLS and homology-directed

repair, are essentially independent of each other (Masuda et al. 2012a) (Fig. 11.1b).

~

~ ~ ~ ~

~ ~ ~ ~

HLTF

UBC13

Ub

HLTF

Ub

HLTF

HLTF PCNA

HLTF

HLTF

HLTF

RAD18
RAD6

RAD18

~

PCNA

RAD18

Ub acceptors

poly-ubiquitination mono-ubiquitination

Ub donors

HLTF-catalyzed reactions RAD18-catalyzed reactions 

Fig. 11.3 A model of the molecular mechanisms of ubiquitination of proliferating cell nuclear

antigen (PCNA). In helicase-like transcription factor (HLTF)-catalyzed reactions, the ubiquitin

moiety of ubiquitin-charged E2 (RAD6 as well as UBC13) is exclusive ubiquitin acceptors. The

K63 residue of the acceptor ubiquitin attacks the carbonyl of the thiol linkage of the donor

ubiquitin. The chain length of the donor ubiquitin does not influence the reaction. The mechanism

was originally proposed as a “seesaw model” by Hochstrasser (2006). Subsequently, RAD18

transfers the chain charged on RAD6 to an unmodified PCNA. Therefore, poly-ubiquitination of

PCNA is a coupled reaction by the two ubiquitin ligases. Conversely, mono-ubiquitination of

PCNA is an HLTF-independent reaction, in which RAD18 does not couple with HLTF
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11.6.2.3 Interactions Between TLS Polymerases and the Sliding Clamp

Many reports have suggested that TLS polymerases are stimulated by PCNA and

that this is enhanced by mono-ubiquitinated PCNA. PCNA-interacting protein

(PIP) boxes are assigned to the Y-family of polymerases, except for REV1, and

ubiquitin-binding domains, UBZs (ubiquitin-binding zing fingers), or UBMs

(ubiquitin-binding motifs) are found in all of them. Conversely, pol ζ does not

have such motifs. However, PCNA-binding activity appears to be conferred by an

additional subunit, Pol32, in pol ζ4, which has a PIP box, and, similarly, ubiquitin-

binding activity might be provided by interaction with Rev1. Although controver-

sial results with regard to enhanced stimulation by mono-ubiquitinated PCNA have

been reported by the Prakash group (Haracska et al. 2006; Acharya et al. 2007a,

2008, 2010), the concept that mono-ubiquitinated PCNA enhances TLS activity by

interacting with the ubiquitin-binding domains of TLS polymerases has been

generally accepted.

One and two PIP boxes have been identified in yeast and mammalian pol η,
respectively, and one UBZ in both (Haracska et al. 2001c; Bienko et al. 2005;

Hishiki et al. 2009) (Fig. 11.2a and c). In yeast, PIP and UBZ physically interact

with PCNA and ubiquitinated PCNA, respectively, and each is essential for pol η
function in vivo (Haracska et al. 2001c; Parker et al. 2007; van der Kemp

et al. 2009; Woodruff et al. 2010). In vitro analysis demonstrated stimulation of

DNA synthesis by mono-ubiquitinated PCNA (Garg and Burgers 2005). In humans,

PCNA and mono-ubiquitinated PCNA physically and functionally interact with pol

η and stimulate DNA synthesis in PIP- and UBZ-dependent manners in vitro

(Haracska et al. 2001a; Bienko et al. 2005; Plosky et al. 2006; Bomar et al. 2007;

Masuda et al. 2010). The two PIP boxes contribute independently to the stimulation

of DNA synthesis (Acharya et al. 2008). In contrast to yeast, mutants of PIP and

UBZ are partially defective and the double mutant is additively defective in the

ability to complement UV sensitivity in XP-V cells, implying that PIP and UBZ

function independently (Bienko et al. 2005, 2010; Despras et al. 2012). In a

complementary experiment, MEFs generated from PcnaK164R/K164R knockin mice

displayed modest sensitivity to UV, and depletion of pol η or additional knockout of
Polh enhanced this sensitivity (Hendel et al. 2011; Krijger et al. 2011a).

In mammalian pol ι, one PIP box and two UBMs have been identified (Haracska

et al. 2001b, 2005; Vidal et al. 2004; Bienko et al. 2005; Hishiki et al. 2009)

(Fig. 11.2a and c). PCNA and mono-ubiquitinated PCNA interact physically and

functionally (regarding foci formation) with pol ι, and PIP-dependent stimulation of

DNA synthesis has been reported in vitro (Haracska et al. 2001b, 2005; Vidal

et al. 2004; Bienko et al. 2005; Plosky et al. 2006; Burschowsky et al. 2011; Cui

et al. 2010).

In mammalian pol κ, two PIP boxes and two UBMs have been reported (Bienko

et al. 2005; Haracska et al. 2002c; Hishiki et al. 2009; Ohmori et al. 2009)

(Fig. 11.2a and c). PCNA and mono-ubiquitinated PCNA interact physically and

functionally with pol κ (Bi et al. 2006; Guo et al. 2008; Jones et al. 2012).
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Interestingly, it was reported that the genomic instability induced by USP1-

depletion is attributed to the UBZ-dependent function of pol κ (Jones et al. 2012).

PCNA-dependent stimulation of DNA synthesis was reported in vitro; however, its

dependence on PIP boxes has not been directly examined (Haracska et al. 2002c).

Two UBZs have been identified in yeast and mammalian REV1 (Bienko

et al. 2005) (Fig. 11.2a). Interestingly, in yeast, only one of the UBMs is able to

physically and functionally interact with mono-ubiquitinated PCNA, and its func-

tion is independent of that of the BRCT domain in vivo and in vitro (Garg and

Burgers 2005; Guo et al. 2006a; Wood et al. 2007; Bomar et al. 2010). In mammals,

however, the two UBMs appear to physically interact with mono-ubiquitinated

PCNA and are required for foci formation (Guo et al. 2006a). Reports regarding the

interaction of REV1 with PCNA are contradictory. Prakash’s group has reported no
stimulation of yeast Rev1 by PCNA or mono-ubiquitinated PCNA (Haracska

et al. 2006), while Burgers’ group has reported that PCNA stimulates yeast Rev1

and the Rev1-1 mutant, but not a C-terminal-truncated Rev1, and that mono-

ubiquitinated PCNA stimulates Rev1 in a UBM-dependent manner (Garg and

Burgers 2005; Wood et al. 2007). Friedberg’s group reported that mouse Rev1

physically interacts with PCNA via the BRCT domain in the N-terminal region,

since a mutant corresponding to yeast Rev1-1 and the BRCT-truncated mutant

exhibited reduced binding affinity for PCNA (Guo et al. 2006b). Such interaction

was also observed in an NMR study of yeast Rev1–BRCT and PCNA (Pustovalova

et al. 2013).

Yeast pol ζ is not stimulated by PCNA; however, the four-subunit form, pol ζ4, is
stimulated by PCNA (Haracska et al. 2006; Makarova et al. 2012). Although yeast

pol ζ is not stimulated by mono-ubiquitinated PCNA (Garg and Burgers 2005),

mono-ubiquitination of PCNA appears to activate pol ζ-mediated TLS in vivo

(Stelter and Ulrich 2003; Hendel et al. 2011; Yoon et al. 2012b). Since the UBM

in Rev1 is required for UV mutagenesis, mono-ubiquitinated PCNA-dependent

activation of pol ζ can likely be attributed to its interaction with Rev1 (Guo

et al. 2006a; Wood et al. 2007; Bomar et al. 2010).

Finally, it should be noted that the polymerase activity of the pol δ holoenzyme

is not modulated by mono-ubiquitinated PCNA, as demonstrated by in vitro reac-

tions with yeast and human polymerases (Garg and Burgers 2005; Masuda

et al. 2010; Zhang et al. 2012).

11.6.2.4 In Vitro Analysis of DNA Polymerase Switching

DNA replication coupled with polymerase switching between pol δ and pol η has

been described in human cell extracts (Masutani et al. 1999a, b). A plasmid carrying

the SV40 replication origin containing a CPD is efficiently replicated in HeLa

nuclear extracts, but not in extracts from XP-V cells. As mentioned above (Sect.

11.3.3), human pol η was shown to restore the defect in XP-V extracts (Masutani

et al. 1999a, b). Importantly, the C-terminal region, including the UBZ domain, was

proteolytically cleaved in isolated pol η (Masutani et al. 1999a, b). This finding
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implies that the interaction between pol η and mono-ubiquitinated PCNA is dis-

pensable in in vitro reactions and has been confirmed by others (Nikolaishvili-

Feinberg et al. 2008; Schmutz et al. 2010). Furthermore, the polymerase-exchange

reactions appear to be DNA damage independent (Bebenek et al. 2001a).

These reactions were also analyzed using purified yeast and human proteins

(Masuda et al. 2010; Zhuang et al. 2008). In the human system, pol δ is quite

dynamic and does not stably associate with the 30-OH of the primer during

elongation, even in the presence of RFC and PCNA (Tsurimoto and Stillman

1989; Podust et al. 1995, 2002; Masuda et al. 2010). In line with this, the exchange

between pol δ and pol η is constitutively competitive, DNA damage independent,

and PCNA-ubiquitination independent, consistent with observations in cell-free

systems (Masutani et al. 1999a, b; Nikolaishvili-Feinberg et al. 2008; Schmutz

et al. 2010; Bebenek et al. 2001a; Masuda et al. 2010). However, ubiquitination was

observed to play a role when the concentration of the template was extremely low,

with levels equivalent to 40 molecules per nucleus. It is likely that the increased

affinity resulting from the interaction between pol η and mono-ubiquitinated PCNA

could be required for the efficient TLS of a small number of stalled primers in cells

(Masuda et al. 2010). The reactions were also examined with yeast proteins, except

for the addition of E. coli SSB instead of yeast RPA (Zhuang et al. 2008). In

contrast to the human system, yeast pol δ stably associates with the 30-OH terminus

during replication in the absence of DNA lesions and appears to dissociate at the

damage site and initiate the exchange reaction. This dissociation is stimulated by

mono-ubiquitinated PCNA. Importantly, pol η stably associates with the 30-OH
terminus once the mono-ubiquitinated PCNA binds, though the mechanism by

which pol η dissociates from mono-ubiquitinated PCNA remains unknown (Zhuang

et al. 2008).

11.6.2.5 Homology-Directed Repair Pathways

Another DDT pathway dependent on poly-ubiquitination of PCNA that is essen-

tially error-free and involves pol δ, but not pol ε, has been reported in yeast (Torres-
Ramos et al. 1997). It has been proposed that the RAD5 and RAD18-dependent
error-free pathway mediates homology-directed repair, but that the molecular

mechanism is distinct from classical homologous recombination mediated by

RAD52 (Zhang and Lawrence 2005; Gangavarapu et al. 2007). Approximately

half of all homology-directed repair is RAD18-dependent, and a majority of the

rest is RAD52-dependent. This RAD52-dependent pathway might be related to

double-strand break repair. RAD5 and RAD18-dependent homology-directed repair

does not appear to be related to the repair of double-strand breaks. A plausible

model called the template strand switching model has been proposed, in which

regression of the replication fork leads to annealing of the displaced nascent

strands, generating a “chicken-foot” structure (Zhang and Lawrence 2005)

(Fig. 11.4a). After DNA synthesis on the “chicken foot” is complete, the structure

resolves into a normal replication fork to resume DNA synthesis (Zhang and
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Lawrence 2005). In line with this model, replication fork regression activity has

been reported in HLTF/Rad5 and another member of the SNF2 family,

SMARCAL1 (SWI/SNF-related, matrix-associated, actin-dependent regulator of

chromatin, subfamily A-like1) (Blastyák et al. 2007, 2010; Bétous et al. 2013).

However, the idea of fork regression conflicts with the current concept of fork

architecture in eukaryotes. It is widely believed that fork architecture, including the

replicative MCM helicase together with GINS and Cdc45 (CMG complex), is

stable throughout fork progression. Nonetheless, disassembly of the CMG complex

to expose the naked fork structure is an essential prerequisite for the association of

HLTF with fork regression (Fig. 11.4a). Moreover, after the “chicken-foot” struc-

ture is resolved, de novo assembly of the CMG complex is needed to resume the

fork progression; however, these mechanisms have not yet been elucidated

(Fig. 11.4a). Interestingly, additional activities of HLTF in DNA strand invasion

and the formation of a D-loop structure have been reported (Burkovics et al. 2013)

(Fig. 11.4b). These reactions are possible without disassembly of the CMG com-

plex (Fig. 11.4b). Another report from yeast genetics presented a complicated

picture of the mechanism of homology-directed repair that occurs behind the fork

involving RAD51 together with SUMOylation and ubiquitination of PCNA

(Branzei et al. 2008) (Fig. 11.4b).

In humans, ZRANB3 (zinc finger, RAN-binding domain containing 3), a mem-

ber of the SNF2 family, was reported to be a factor that interacts with poly-

ubiquitinated PCNA via two PCNA-binding motifs, a PIP and an APIM (AlkB

homologue 2 PCNA-interaction motif), and an NPL4 zinc finger (NZF) for

CMG complex

DNA synthesis

Uncoupling of leading and 
 lagging strand replication

Disassembly of CMG
complex and folk regression

Resolution of 
the chicken foot structure

CMG complex

DNA synthesis

Uncoupling of leading and 
 lagging strand replication

D-loop formation
by strand invasion

Resolution of the D-loop 

A B

Fig. 11.4 Two different models of RAD18-dependent homology-directed repair. (a) The stalled

primer is annealed to a newly synthesized daughter strand via fork regression and a “chicken-foot”

intermediate. (b) The stalled primer is annealed with a newly synthesized daughter strand via

strand invasion and D-loop formation
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ubiquitin binding. ZRANB3 appears to connect PCNA poly-ubiquitination with the

subsequent repair events (Weston et al. 2012; Ciccia et al. 2012; Yuan et al. 2012).

11.7 Additional Regulatory Factors

In yeast, an increase in dNTP pools makes cells more tolerant and more mutagenic

in response to DNA damage (Chabes et al. 2003). Mutation of RNR4 (PSO3), which
encodes one of the four subunits of a ribonucleotide reductase, reduces damage-

induced mutations but sensitizes the cells to DNA-damaging agents (Strauss

et al. 2007; Lis et al. 2008). Interestingly, deletion of RNR4 (Δrnr4) decreases
EMS-induced mutations. Since Δrev3 or Δrev7 strains display normal levels of

EMS-induced mutations, EMS-induced and pol ζ-independent mutagenesis should

be modulated by dNTP levels (Prakash 1976; Lawrence et al. 1985c; Lis

et al. 2008).

An additional role for yeast Rad5 has been proposed. Rad5 physically interacts

with Rev1 and stimulates pol ζ-dependent TLS. Interestingly, neither the ubiquitin
ligase and ATPase activity (for the helicase) of Rad5 nor the catalytic activity of

Rev1 is required for this function (Pagès et al. 2008a; Kuang et al. 2013).

In humans, many regulatory factors for pol η have been reported. Human

RAD6–RAD18 forms a complex with pol η and recruits to damage sites (Watanabe

et al. 2004; Yuasa et al. 2006). A cellular fraction of human pol η is mono-

ubiquitinated by Pirh2 ubiquitin ligase, and DNA damage downregulates the

fraction of ubiquitinated pol η. Ubiquitin attaches at one of the lysine residues

located in the nuclear localization signal (NLS) adjacent to a PIP box. Mono-

ubiquitination has been proposed to negatively regulate pol η by the intramolecular

interaction between the ubiquitin moiety and the UBZ, which prevents its interac-

tion with PCNA and mono-ubiquitinated PCNA (Bienko et al. 2010; Jung

et al. 2011). On the other hand, ubiquitination of pol η is a prerequisite for physical

interaction with pol ι via the UBMs in pol ι (McIntyre et al. 2013). Likewise, pol ι is
also mono-ubiquitinated and thus is able to interact with pol η via the UBZ domain

of pol η. Such interactions are required for foci formation of pol ι (McIntyre

et al. 2013). The molecular chaperone HSP90 positively regulates both pol η and

REV1 by promoting stable and/or functional folding that facilitates their interaction

with mono-ubiquitinated PCNA (Sekimoto et al. 2010; Pozo et al. 2011). Spartan

(SprT-like domain at the N terminus) (C1orf124/DVC1) is a SprT (putative

metalloprotease domain)-, PIP-, and UBZ-containing protein that functions in

many different aspects of regulating TLS (Davis et al. 2012; Ghosal et al. 2012;

Machida et al. 2012; Mosbech et al. 2012; Juhasz et al. 2012; Centore et al. 2012;

Kim et al. 2013).
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11.8 Role of TLS Polymerases in Somatic Hypermutation

(SHM)

In XP-V patients and Polh knockout mice, the types of base changes are different

from those of WT, in which mutations at A and T are decreased and those at G and

C are increased (Zeng et al. 2001; Pavlov et al. 2002; Yavuz et al. 2002). The

phenotype is similar to that of mice expressing PCNAK164R instead of WT and that

of Polh knockout and PCNAK164R knockin double mutants (Langerak et al. 2007;

Roa et al. 2008; Krijger et al. 2011a). Consistently, the error signature of pol η
resembles the mutational spectra of SHM with regard to the hotspot mutation sites

AA or AT (Rogozin et al. 2001; Pavlov et al. 2002). Importantly, the interaction and

stimulation of pol η with MSH2–MSH6 imply a loading mechanism to a U:G

mismatch generated in the immunoglobulin gene for subsequent error-prone

DNA synthesis (Wilson et al. 2005; Li et al. 2013).

The contributions of REV1 and pol ζ to SHM have also been demonstrated using

genetically engineered mice (Schenten et al. 2009; Saribasak et al. 2012; Daly

et al. 2012). Pol ζ appears to preferentially generate complex mutations (more than

one mutation within a short patch) (Saribasak et al. 2012; Daly et al. 2012).

Deficiency of REV1 produced a significant reduction in C to G transversions,

suggesting that catalytic dCMP transferase activity is required for the C to G

transversions (Jansen et al. 2006; Masuda et al. 2009; Kano et al. 2012; Krijger

et al. 2013).

In contrast to above-mentioned polymerases, alteration of the mutational spectra

of SHM is not observed in Poli, Polk, or double-knockout mice (Schenten

et al. 2002; McDonald et al. 2003; Shimizu et al. 2003, 2005; Martomo

et al. 2006). Further, the phenotype of Polh knockout mice is not affected by

additional mutation of Poli (Delbos et al. 2005).
The potential participation of pol θ in SHM has been reported, although the

extent to which it contributes is controversial. Overall, pol θ does not appear to play
a major role in SHM (Zan et al. 2005; Masuda et al. 2005, 2007; Martomo

et al. 2008).

11.9 Functions of TLS Polymerases Beyond TLS

Many reports have suggested the involvement of REV1, REV3, and REV7 in

homologous recombination. Downregulation of the expression of these genes pro-

duces hypersensitivity to IR, reduces the frequency of spontaneous and damage-

induced homologous recombination, and diminishes damage-induced sister chro-

matid exchange (Wu et al. 2004; Okuda et al. 2005; Cheung et al. 2006; Sharma

et al. 2012).

Since XP-V cells are not abnormally sensitive to IR and proficient in sister

chromatid exchange (Arlett et al. 2008; Cleaver et al. 1999), it was believed that pol
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η did not participate in double-strand break repair. However, in vitro, pol η and pol

κ extend an invading strand of a D-loop recombination intermediate as a primer

(McIlwraith et al. 2005; Sneeden et al. 2013; Sebesta et al. 2013). Moreover, it was

reported that the frequency of homologous recombination is increased when pol η
or pol κ is overproduced in human cells and reduced when both are depleted

together (Sebesta et al. 2013).

Kannouche’s group reported that deficiency of pol η in human cells displays

H2O2 sensitivity and this was attributed to a defect in MSH2–MSH6-dependent

excision repair of oxidative damage. Pol η appears to participate in the repair

synthesis in a PCNA-ubiquitination-dependent manner (Zlatanou et al. 2011).

Kannouche’s group also reported that downregulation of pol ι sensitizes human

cells to oxidative stress, and this property was attributed to a deficiency in the base

excision repair of oxidative DNA damage (Petta et al. 2008). In line with this report,

50-deoxyribose phosphate lyase activity for processing intermediates of the base

excision repair pathway was identified in pol ι (Bebenek et al. 2001b; Prasad

et al. 2003). However, such activity has not been detected elsewhere (Haracska

et al. 2003a).

In mammals, deficiency of pol κ results in modest UV sensitivity (Schenten

et al. 2002; Ogi et al. 2002). Lehmann’s group reported that this was attributed to a

substantial reduction in nucleotide excision repair because pol κ is required for the

PCNA–ubiquitination-dependent step of nucleotide excision repair (Ogi and Leh-

mann 2006; Ogi et al. 2010).

Depletion or knockout of RAD18 confers radiosensitivity to human cells. Many

reports have suggested that RAD18 functions in many different aspects of the repair

of double-strand breaks (Shiomi et al. 2007a; Watanabe et al. 2009; Huang

et al. 2009; Inagaki et al. 2009, 2011).

Human pol η was also identified as a polymerase that is specifically stimulated

by CTF18-RFC and required for sister chromatid cohesion (Merkle et al. 2003;

Bermudez et al. 2003; Shiomi et al. 2007b). A functional association with this

process is suggested by findings that the eso1+ fission yeast Schizosaccharomyces
pombe encodes a protein comprised of two domains: an ortholog of pol η and an

ortholog of an acetyltransferase such as Eco1/Ctf7 for establishment of sister

chromatid cohesion during S phase (Tanaka et al. 2000; Madril et al. 2001). In

S. cerevisiae, it was shown that pol η is indeed required for damage-induced

genome-wide cohesion, but not DSB-proximal cohesion, and its inactivation

increases chromosomal mis-segregation (Enervald et al. 2013).

Human pol η and κ are required for genomic stability at naturally occurring

structured DNA regions, such as fragile sites, G4 quartets, and tandem repeats,

where replication forks tend to become stalled. In vitro, pol η and κ are able to

replicate template DNA more efficiently than pol δ (Bétous et al. 2009; Rey

et al. 2009; Hile et al. 2012; Bergoglio et al. 2013).
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11.10 Remaining Questions and Perspective

Extensive analysis in the past decade has revealed the diverse functions of TLS

polymerases. However, the precise molecular mechanisms of homology-directed

repair pathways remain to be elucidated. More importantly, the mechanism that

mediates selection of the two pathways is still obscure, i.e., how TLS (potentially

error-prone but achieved by relatively simple biochemical reactions) and

homology-directed repair (essentially accurate but coupled with complex biochem-

ical reactions) are activated in the right place and at the right time in cells at

different stages of the cell cycle, and with different levels of DNA damage,

leading/lagging strands and/or coupling or uncoupling of replication folks; how-

ever, many studies addressing this question are currently underway (Waters and

Walker 2006; Lopes et al. 2006; Pagès et al. 2008b; Hishida et al. 2009; Covo

et al. 2009; Yoon et al. 2009, 2012a; Jansen et al. 2009a, b; Daigaku et al. 2010;

Karras and Jentsch 2010; Temviriyanukul et al. 2012; Diamant et al. 2012; Huang

et al. 2013). Even though DNA synthesis itself is accurate in homology-directed

repair, it holds the potential for genetic rearrangements via a large number of repeat

sequences in higher eukaryotes. As mentioned above (Sect. 11.6.2.2), if poly-

ubiquitination is not a subsequent reaction of mono-ubiquitination, the two path-

ways would be regulated independently and more tightly (Masuda et al. 2012a).

Tight regulation of the DDT pathways could restrict the onset of homology-directed

repair to the right place and time in cells to reduce harmful genetic rearrangements.

Similarly, it is unknown how the proper timing and activation of RAD18-dependent

and classical homologous recombination pathways are achieved. These regulatory

mechanisms are crucial for maintaining genomic stability and minimizing the risk

of mutagenesis and chromosomal rearrangements.
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Chapter 12

Mismatch Repair

Richard Fishel and Jong-Bong Lee

Abstract The concept of mismatch repair (MMR) was formulated independently

in 1964 to explain the removal of brominated nucleotides from DNA as well as gene

conversion during genetic recombination. In the intervening 40 years, the field has

developed incrementally, punctuated by a number of transformative genetic and

biochemical studies. Two core MMR genes, MutS and MutL, have been conserved

throughout life on earth. Defects in human MutS homologues (MSH) and MutL

homologues (MLH/PMS) cause the common cancer predisposition Lynch syndrom

or hereditary nonpolyposis colorectal cancer (LS/HNPCC). Work on the mecha-

nism of MMR has been significantly aided by completely defined biochemical

systems in vitro as well as several crystal snapshots that depict critical intermedi-

ates. It has been mired by unseemly biochemical conditions and misinterpretation.

The contemporary use of real-time single molecule imaging has the potential to

finally and fully resolve the mechanics of MMR. This review describes genetic,

biochemical, and biophysical studies that contributed to the development of models

for MMR.
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12.1 Introduction

Mismatch repair (MMR) was introduced near simultaneously in 1964 by Evelyn

Witkin to account for the processing of brominated nucleotides in bacteria and by

Robin Holliday to explain gene conversion following genetic recombination in

yeast (Holliday 1964; Witkin 1964). Gene conversion, which is the loss/gain of

genetic information that is usually conserved and exchanged reciprocally during

genetic recombination, was proposed to arise by MMR of hybrid duplex DNA

sequences containing mismatched nucleotides formed between heteroallelic par-

ents. Nearly 10 years later, Tiraby and Fox discovered a genetic basis for MMR

when the hexA mutation of Pseudomonas aeruginosa was found to be defective in

gene conversion (Tiraby and Fox 1973). The PaHexA gene is a homologue of the

Escherichia coli “Siegel Mutator” (EcMutS) originally described by Eli Siegel in

1967 (Siegel and Bryson 1967). The discovery of the MutS gene added to a growing

number of genes, with historical roots in a 1954 genetic description of the “Treffers

Mutator” (EcMutT) (Treffers et al. 1954). Mutation of these Mut genes substan-

tially elevated spontaneous mutation rates in bacteria (Mutator). Today, most of

these Mut genes are known to play a role in the processing of replication misincor-

poration errors, chemical or physical damage to DNA nucleotides, and DNA

double-stranded breaks (DSBs; for review see Miller 1998).

Genetic analysis established that MMR was an excision repair reaction that

degrades the error-containing strand, which is then followed by resynthesis of the

degraded DNA strand (Wagner and Meselson 1976; Wildenberg and Meselson

1975). In the early 1980s, a series of clever studies from a number of laboratories

showed that a subset of the E. coli mutator genes, EcMutS, EcMutL, EcMutH, and

EcUvrD(MutU), operated in the MMR of replication misincorporation errors

(Radman et al. 1980). Moreover, transient under-methylation (hemimethylation)

of newly replicatedDNA adeninemethylation (Dam) sites was used to discriminate

the wild type from the error-containing DNA strand (Marinus 1976). The reaction

was bidirectional in that the hemimethylated Dam site (GATC/CTAmeG) that

directed excision-resynthesis could be located either 30 or 50 of the mismatch

(Längle-Rouault et al. 1986). This observation suggested the existence of

MMR-associated 30 ! 50 and 50 ! 30 exonucleases responsible for specific strand

degradation. Four redundant nucleases were later found to be responsible for the

MMR strand excision process in E. coli (the 30 ! 50 ssDNA exonucleases EcExoI

and EcExoX, the 50 ! 30 exonuclease EcRecJ, and the bidirectional ssDNA exo-

nuclease EcExoVII) (Viswanathan and Lovett 1998). Unfortunately, the

Dam-directed MMR strand discrimination mechanism only appears operative in a

subset of γ-proteobacteria (e.g., E. coli). In virtually all other organisms including

eubacteria, archaea, and eukaryotes, the mechanism that determines appropriate

strand discrimination during MMR remains enigmatic.

Thirty years of steady progress in the study of MMR gained transient notoriety in

1993 with the discovery of an association between a human MutS homologue

(HsMSH2) with the common cancer predisposition, Lynch syndrome or hereditary
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nonpolyposis colorectal cancer (LS/HNPCC; Fishel et al. 1993). The verification of

this association (Leach et al. 1993) and the rapid successive finding of other MMR

genes linked with LS/HNPCC and sporadic colorectal cancers solidified a role for

MMR in tumorigenesis (Bronner et al. 1994; Nicolaides et al. 1994; Papadopoulos

et al. 1994, 1995).

Connecting human MMR with tumorigenesis provided significant support for

the Mutator Hypothesis in cancer (for review, see Loeb 2001). While the number of

“causative” mutations in a single human solid tumor is still under some debate, it is

likely to be between 8 and 15 genes (Balaban et al. 1986; Berger et al. 2011; Ding

et al. 2008; Loeb 1991; Parsons et al. 2008; Pleasance et al. 2010; Sjoblom

et al. 2006; Wood et al. 2007). These alterations may control apoptosis, the cell

cycle, damage checkpoints, mobility, and angiogenesis genes among other critical

cellular functions in the development of a tumor (Hanahan and Weinberg 2000,

2011). Normal spontaneous mutation rates have been calculated to account for

perhaps three of these numerous tumor gene mutations (Loeb 1991). The Mutator

Hypothesis posits that an abnormally elevated cellular spontaneous mutation rate,

such as that being demonstrated with altered mutator genes, may be ultimately

responsible for the accumulation of multiple tumor gene mutations (Loeb 1991). A

side effect of elevated mutation rates in cancer development would be the existence

of hundreds of “passenger” gene mutations and chromosomal rearrangement that

may alter cellular metabolism, structure, and therapeutic susceptibility but not

participate in driving tumorigenesis. Results of tumor sequencing studies signifi-

cantly support this prediction (Balaban et al. 1986; Berger et al. 2011; Ding

et al. 2008; Pleasance et al. 2010; Sjoblom et al. 2006; Wood et al. 2007), although

one could argue that the enormous costs of these unimaginative genome sequencing

projects have dramatically reduced the overall funding of the basic science studies

which underpinned the original foresight. While a mutator phenotype appears to

encourage tumorigenesis in most if not all solid tumors that clearly display 100s of

mutations per cancer, there is some debate as to whether a similar mechanism

contributes to the development of hematopoietic tumors.

12.2 Conservation of Mismatch Repair Genes

The repair of misincorporation errors generated by replicative polymerases appears

to be the primary responsibility of MMR. Polymerases with proofreading activity

display a misincorporation error rate of about 1 per million nucleotides copied in

virtually all organisms (for review, see Friedberg et al. 1995). While the

Dam-directed MMR process has only been identified in a subset of

γ-proteobacteria, the core MutS homologues (MSH) and MutL homologues

(MLH/PMS) have been largely conserved throughout biology and have been

found in virtually every organism examined to date (Table 12.1; Eisen 1998).

Organisms such as H. pylori where MMR genes are lacking appear to have shed

large genomic regions during their niche evolution. This has resulted in
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significantly elevated basil mutation rates and in some cases may contribute to

antibiotic resistance (Eisen et al. 1997; Rossolillo and Albertini 2001).

Detailed biochemical studies of the MMR proteins are described in Sect. 12.4.

Both the bacterial MutS and MutL function as homodimeric proteins. The advent of

eukaryotes resulted in the evolution of multiple MSH and MLH/PMS proteins that

function as heterodimers. The establishment of multiple eukaryotic heterodimers

appears to have solidified a separation of function within the dimer (Lamers

et al. 2003) as well as extended the range of mismatch/lesion recognition (Acharya

Table 12.1 Homologous mismatch repair componentsa

γ-Proteobacteria Eubacteria S. cerevisiae Human Function

MutS MutS ScMSH1

ScMsh2-

ScMsh6

ScMsh2-

ScMsh3

–

HsMSH2-

HsMSH6

HsMSH2-

HsMSH3

Mitochondrial MMR

Major nuclear MMR

Minor nuclear MMR

MutS2 ScMsh4-

ScMsh5

HsMSH4-

HsMSH6

Meiosis I chromosome pairing

MutL MutL ScMlh1-

ScPms1

ScMlh1-

ScMlh2

ScMlh1-

ScMlh3

HsMLH1-

HsPMS2

HsMLH1-

HsPMS1

HsMLH1-

HsMLH3

Major nuclear MMR

Unknown
Meiosis I chromosome

segregation

MutH –b – – Strand-specific scission

Dam – – – DNA adenine methylase

UvrD – – – 30 ! 50 helicase
ExoI

ExoX

ExoVIII

?c –

–

–

–

30 ! 50 ssDNA exonuclease

Bidirectional ssDNA
exonuclease

RecJ ? – – 50 ! 30 ssDNA exonuclease

– ? ScExoI HsEXOI 50 ! 30 ssDNA scission-

directed exonuclease
d

SSB SSB ScRpa HsRPA Single-stranded binding

protein

β-Clamp

γ-Complex

β-Clamp

γ-Complex

ScPcna

ScRfc

HsPCNA

HsRFC

Replicative processivity fac-

tor

Clamp loader

PolI PolI Polδ/Polε POLδ/
POLε

Replicative DNA polymerase

Lig Lig LigaseI LIGASEI DNA ligase

aBold homologous mismatch repair components with known role in the major nuclear MMR

pathway
b– Indicates unlikely to be present
c? indicates unknown components which may or may not be present
dEXOI displays 50–30 exonuclease activity on dsDNA containing a strand scission as well as linear

DNA. It is distinctive from bacterial ExoI, ExoVII, ExoX, and RecJ that only display ssDNA

exonuclease activity
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et al. 1996; Wilson et al. 1999). For example, at least three eukaryotic MSH

heterodimers have been identified that recognize distinct but overlapping

mismatched nucleotides and/or DNA structures (Fishel and Wilson 1997). The

human HsMSH2-HsMSH6 (S. cerevisiae ScMsh2-ScMsh6) heterodimer princi-

pally recognizes base-base mismatches and some single nucleotide insertion/dele-

tion mismatches (Table 12.1; Marsischky and Kolodner 1999; Mazurek et al. 2009).

The HsMSH2-HsMSH3 (ScMsh2-ScMsh3) heterodimer recognizes a few single

base pair mismatches in addition to large insertion/deletion loop-type (IDL)

mismatched nucleotides (Table 12.1; Harrington and Kolodner 2007; Wilson

et al. 1999), while the HsMSH4-HsMSH5 uniquely recognizes Holliday junctions

and progenitor Holliday junction structures (Table 12.1; Snowden et al. 2004). In

addition, HsMLH1(ScMlh1) appears to form three heterodimers with HsPMS2

(ScPms1), HsPMS1(ScMlh2), and HsMLH3(ScMlh3) (Table 12.1; Wang

et al. 1999). Whether these three MLH/PMS heterodimers function in separate

pathways or independently within a single pathway with or without specific MSH

heterodimers is largely unknown. Finally, only the 50 ! 30 exonuclease HsEXOI

(ScExoI) has been associated with eukaryotic MMR (Genschel et al. 2002;

Schmutte et al. 1998; Tishkoff et al. 1991; Wei et al. 2003). Yet, the excision-

resynthesis reaction in eukaryotes remains bidirectional similar to E. coli, and
EXOI is required for both the 50 and 30 excision reactions in vitro (Bowen

et al. 2013; Constantin et al. 2005; Zhang et al. 2005). The problem is that the

yeast exoI mutations display a significantly reduced mutation activity compared to

msh2 or mlh1 (Amin et al. 2001). These observations are consistent with the notion

that eukaryotes employ ExoI-dependent 50-directed excision-resynthesis and ExoI-
independent 30-directed excision-resynthesis (Bowen et al. 2013; Goellner

et al. 2014).

While MMR is likely to be the primary function of the majority of MSH and

MLH/PMS proteins, evolution has produced homologous siblings that do not

appear to perform any function in MMR. Within a subset of bacteria and archaea,

a second MSH, termed MutS2, was identified (Eisen 1998). Sequence comparisons

suggest that MutS2 is most closely related to the eukaryotic MSH4 and MSH5

proteins. Genetic studies have demonstrated that MutS2 and MSH4/MSH5 do not

play a substantive role in MMR (Ross-Macdonald and Roeder 1994; Hollingsworth

et al. 1995; Pinto et al. 2005).

Mutation of the H. pylori MutS2 has been shown to increase both homologous

and homeologous recombination (see Sect. 12.3) suggesting a role in the suppres-

sion of recombination (Pinto et al. 2005). In contrast, mutation of MSH4 or MSH5

in yeast, worms, and mice results in severe defects in meiotic recombination

(crossing-over) that ultimately results in the loss of viable gametes (de Vries

et al. 1999; Edelmann et al. 1999; Hollingsworth et al. 1995; Kneitz et al. 2000;

Ross-Macdonald and Roeder 1994; Zalevsky et al. 1999). Meiotic recombination

and crossing-over are essential processes required for homologous chromosome

pairing and accurate chromosome segregation during meiosis I (Roeder 1997).

Biochemical studies suggest that the HsMSH4-HsMSH5 heterodimer stabilizes

intermediates in the formation of a double Holliday junction; the canonical
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recombination intermediate is required for homologous chromosome pairing prior

to meiosis I (Snowden et al. 2004). The extensive homology between MutS2 and

MSH4/MSH5 would advocate similar function(s). The apparently opposing effects

on recombination by some sibling homologous proteins will require reconciliation

in future studies.

In addition, there is compelling evidence to suggest that some components of the

core MMR complexes function in DNA damage signaling (Fishel 1999, 2001).

These include induction of apoptosis with overexpression of MMR components

(Zhang et al. 1999), separation of DNA damage signaling functions from MMR

(Lin et al. 2004), and interaction of MMR components with DNA damage signaling

components (Gong et al. 1999; Yoshioka et al. 2006). These results support the

conclusion that the appearance of MSH and MLH/PMS heterodimeric complexes

has enhanced the range and efficiency of function(s) during MMR as well as other

cellular functions that include DNA damage signaling and meiosis.

The discovery that the HsMSH2-HsMSH6 heterodimer was central to human

MMR led to its nomenclature as MutSα (Drummond et al. 1995). This was soon

followed by MutSβ for the HsMSH2-HsMSH3 complex and MutLα for the

HsMLH1-HsPMS2 complex (Li and Modrich 1995; Palombo et al. 1996). While

this quaint contraction clearly saves letter space, it does not appear to be completely

descriptive or accurate. This is particularly true for the HsMSH2-HsMSH3

heterodimer, which appears to play a minor role in eukaryotic MMR (Hinz and

Meuth 1999) and clearly recognizes a different spectrum of mismatched DNA

substrates than bacterial MutS (Parker and Marinus 1992; Wilson et al. 1999). To

further complicate matters, the HsMSH4-HsMSH5 heterodimer and MutS2 siblings

do not play any role in MMR and are incapable of recognizing mismatch nucleo-

tides (Pinto et al. 2005; Snowden et al. 2004). These observations would suggest

that the addition of a Greek nomenclature to MMR proteins is at best confusing.

12.3 The Genetics of Mismatch Repair

Mutations and Mutators Mutation of the MMR genes EcMutS, EcMutL, EcMutH,

and EcUvrD results in a 100–1000-fold elevation of the spontaneous mutation rate

defining these genes as mutators (Cox 1976). Mutation of the core eukaryotic MSH

and MLH/PMS genes involved in MMR consistently elevates spontaneous muta-

tion rates ~100-fold (Kramer et al. 1989a; Prolla et al. 1994; Reenan and Kolodner

1992a; Andrew et al. 1997). Most measures of spontaneous mutation require a DNA

nucleotide alteration somewhere within a single gene that results in an observable

phenotype. If one alters this measure to require an expansion (insertion) and/or

contraction (deletion) of a short polynucleotide run (microsatellite sequences), the

resulting spontaneous mutation rate increases dramatically (microsatellite instabil-

ity or MSI; Strand et al. 1993; Sia et al. 1997; Amin et al. 2001). This and other

observations have provided support for the polymerase strand slippage model as a

mechanism for the generation of these insertions and deletions as originally
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suggested by Streisinger (Streisinger and Owen 1985). A logarithmic increase in

mutation rate with increasing mononucleotide microsatellite repeat length has been

detailed in yeast, which was found to increase 250-fold in wild-type yeast and

nearly 100,000-fold in MMR-deficient yeast as the length of the mononucleotide

repeat was increased from 4 to 13 nucleotides (Tran et al. 1997). These results

underline the extreme risk of mutation when microsatellite sequences are present,

particularly when the microsatellite is present in the coding sequence of a gene

(Markowitz et al. 1995), and support the concept of mutation “hot spots.” While the

nature of most single nucleotide substitution hot spots remains enigmatic, in E. coli
many of these occur at or near Dam methylation sites suggesting some physical

basis for the process (Rewinski and Marinus 1987). Nearest neighbor nucleotides

have also been shown to influence the recognition and repair of a mismatch

consistent with the hypothesis that there is a sequence context effect associated

with spontaneous mutations (Jones et al. 1987; Mazurek et al. 2009).

When the spontaneous mutations of an unselected gene were examined in

MMR-deficient E. coli, approximately 75 % were found to be nucleotide sub-

stitutions and 25 % were nucleotide insertions or deletions (Schaaper and Dunn

1987; Rewinski and Marinus 1987; Wu and Marinus 1994; Wu et al. 1990;

Schaaper and Dunn 1991). The mutation spectrum included all types of transition

and transversion nucleotide substitutions, although the vast majority were

AT!GC or GC!AT transitions (~95 %). A nearly identical mutation spectrum

was found in MMR-deficient S. cerevisiae (Huang et al. 2003; Marsischky

et al. 1996; Ni et al. 1999; Sia et al. 1997) and mouse (Andrew et al. 1997). The

consistency of this observation across species likely reflects the elevated tendency

of the major replicative DNA polymerases to continue unedited DNA synthesis

after a G:T or A:G misincorporation error (Kunkel 2004). As would be predicted,

these misincorporation errors are the best-recognized substrate for MMR and the

major mutation in the absence of MMR (Mazurek et al. 2009).

Recombination and Gene Conversion Classical genetic mapping is based on the

relative frequency of reciprocal crossovers between homologous chromosomes

(Sturtevant 1913). In general, the farther apart two genetic markers exist, the

more the reciprocal crossovers (termed Morgans). The analysis of recombination

between three or more genetic markers suggested a process of interference, in

which the frequency of double crossovers was dramatically reduced compared to

that expected by the genetic distance (termed crossover interference; Haldane 1919;

Muller 1916; Sturtevant 1915). As an aside, mutation of msh4 or msh5 in yeast

appears to eliminate crossover interference although the mechanism remains poorly

understood (Hollingsworth et al. 1995; Ross-Macdonald and Roeder 1994; Stahl

1979). Interestingly, as genetic markers were moved very close to one another, a

reversal of this crossover interference occurred and instead an enormous elevation

of expected recombinants was detected (high negative interference; for review see

Stahl 1979). An elevated frequency of nonreciprocal recombination events was also

observed with close markers and termed gene conversion (for review see Petes

et al. 1991). The consensus intermediate in homologous recombination contains
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single DNA strands that have been exchanged between participating parental DNAs

(termed heteroduplex DNA; Holliday 1964). This heteroduplex DNA, duplex DNA

derived by annealing single strands from two different parents, may contain

mismatched nucleotides if the parental sequences are not identical. MMR within

the heteroduplex DNA could be formulated to account for both the high negative

interference and gene conversion (Stahl 1979).

A prediction of MMR during homologous recombination was that in its absence

the DNA would remain mismatched and the phenotypes associated with these

mismatched sequences would segregate independently during the subsequent

DNA replication and growth of the recombinant cell. Postmeiotic segregants

(PMS) were easily observed in yeast and the gene mutations that increased PMS

were largely found to be associated with MMR (Kramer et al. 1989b; Williamson

et al. 1985).

Homeologous Recombination S. typhimurium and E. coli are approximately 85 %

identical at the DNA sequence level. The arrangement of genes on their respective

chromosomes is similar and they form similar F-pilus sexual exchange structures

capable of transferring DNA between cells for bacterial recombination (Clark and

Adelberg 1962; Curtiss 1969). However, recombination between chromosomes of

these species is very rare unless the recipient bacteria are deficient for MMR

(Rayssiguier et al. 1989). A similar suppression of homologous recombination

between divergent DNA sequences (termed homeologous recombination) by

MMR gene mutations has also been detailed in yeast (Datta et al. 1996, 1997;

Harris et al. 1993). Early, biochemical studies suggested that MMR proteins

suppressed the ability of the prototypical recombinase RecA to perform strand

transfer (Worth et al. 1994). Recent observations demonstrate that the HsMSH2-

HsMSH6 may recognize mismatch nucleotides within a D-loop even in the pres-

ence of the human RecA recombinase homologue HsRAD51 and/or the human

single-stranded binding protein HsRPA (Honda et al. 2014). Biochemical studies

have suggested that the recognition of mismatched nucleotides and/or secondary

structures in the displaced strand of a D-loop by the bacterial EcMutS and EcMutL

may block EcRecA-mediated branch migration and then recruit EcUvrD helicase to

unidirectionally resolve the strand transfer intermediate (Tham et al. 2013). How-

ever, there are a number of biochemical deficiencies in these studies, including the

use of unseemingly ionic conditions that have been shown to dramatically alter the

function(s) of MMR proteins (see Sect. 12.4). Thus, the mechanism of

homeologous recombination suppression by MMR remains a significant mystery.

Adaptive Mutation It is well known that proliferating cells accumulate random

mutations that are generated by oxidative, chemical, or physical damage to nucle-

otides and DNA as well as polymerase misincorporation errors that escape repair

(Friedberg et al. 2006). However, quiescent cells under nonlethal selective pressure

also accumulate mutations (termed adaptive mutation; Cairns et al. 1988). Adaptive

mutation in E. coli requires EcLexA and EcRecA to induce an SOS response that

results in the induction of numerous genes which ultimately enhance mutagenesis
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(Friedberg et al. 2006). One of the induced genes is the EcPolIV mutagenic bypass

polymerase that appears to be the major player in the adaptive mutation process

(Tompkins et al. 2003). The mechanism of adaptive mutation appears to involve the

repair of spontaneous DSBs that occur randomly in quiescent cells. DSB repair

requires the EcRecA recombinase that catalyzes homologous pairing and strand

exchange between homologous sequences (Cox 2007). The invading 30 end of the

homologous strand appears to serve as a template for EcPolIV DNA synthesis,

which is then inherently mutagenic. Interestingly, only a small fraction of a

bacterial cell population (~0.06 %) undergoes transient adaptive hypermutation

(Rosche and Foster 1999; Torkelson et al. 1997). Importantly, the efficient accu-

mulation of adaptive mutations includes the downregulation and/or saturation of

EcMutS and EcMutL (Harris et al. 1997; Smania et al. 2004), a process that also

remains poorly understood.

12.4 Mismatch Repair In Vitro

Methyl-directed E. coli MMR in vitro was first described in 1983 (Lu et al. 1983).

Similar mismatch-dependent excision repair reactions were shown in yeast, Dro-
sophila, and human cell-free extracts in succeeding years (Glazer et al. 1987;

Holmes et al. 1990; Muster-Nassal and Kolodner 1986). Most assays for MMR

take advantage of overlapping restriction enzyme sites that when annealed from

separate DNAs contain at least one mismatched nucleotide (Fig. 12.1a). The

mismatch renders both sites resistant to restriction. Excision repair of the mismatch

restores one of the overlapping restriction sites, which in turn informs both the

excised and template strands during MMR.

Consistent with genetic studies, MMR is a bidirectional excision reaction

in vitro that starts at a single-strand scission, which may be either 50 or 30 of the
mismatch. The excision tract uniquely extends from the strand scission to just past

the mismatch (Fig. 12.1b). These fundamental observations underpin two biophys-

ical questions: (1) how is mismatch recognition communicated to a distant strand

scission that may be several thousand base pairs away, and (2) how is the excision

reaction terminated? Moreover, the fidelity of the MMR excision tract is entirely

linked to the DNA strand containing the strand scission. In E. coli EcMutH

recognizes a hemimethylated GATC Dam site and introduces a strand scission

between the G and unmethylated A (Welsh et al. 1987). It has been suggested that

the repair-associated strand scission introduced by ribonuclease H (Rnh) adjacent to

randomly incorporated ribonucleotides provides the strand scission for MMR in

eukaryotes (Ghodgaonkar et al. 2013; Lujan et al. 2013). This hypothesis appears

unlikely since (1) the frequency of ribonucleotide incorporation into DNA is

relatively rare (~1/6000 nucleotides; Nick McElhinny et al. 2010) and (2) the

mutator activity of a ScRnhΔ mutation is ~100-fold less than ScMsh2Δ or

ScPms11Δ mutation (Allen-Soltero et al. 2014). For comparison, EcMutH and

EcMutS mutations display near identical 1000-fold elevation of mutation rates
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(Cox 1976). Thus, how and where the strand scission that directs MMR arises in

eubacteria, archaea, and eukaryotes that do not contain a MutH remains enigmatic.

An attractive hypothesis suggests that remnant leading and lagging strand scissions

left in the DNA following direct replication-coupled MMR. This idea is consistent

with the historical observation of persistent 30 and 50 strand scissions associated

with Okazaki fragments on the lagging strand (Okazaki et al. 1968), as well as the

requirement of replication processivity clamp PCNA in eukaryotic 30 excision prior
to DNA resynthesis (Umar et al. 1996).

Fig. 12.1 Mismatch repair substrate and excision reaction. (a) Illustration of a consensus

mismatch repair DNA substrate for biochemical analysis in vitro. The annealing of a single-

stranded DNA with a duplex linear DNA containing a single nucleotide alteration will generate a

defined mismatch. Confining the mismatched nucleotides to overlapping restriction sites makes

the annealed DNA resistant to both restriction enzymes. Resynthesis of the DNA following

mismatch excision creates a restriction-sensitive site that indicates which strand was repaired. A

specific strand scission may be introduced on either side of the mismatch by controlling the initial

restriction of the duplex DNA donor prior to annealing. (b) Bidirectional excision of mismatched

nucleotides by MMR results in an excision tract that starts at a defined strand scission and

continues to just past the mismatch. The strand scission may occur hundreds to thousands of

nucleotides away from the mismatch. See text for details
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The complete E. coli MMR reaction was reconstituted from purified proteins in

1989 (Lahue et al. 1989) followed thereafter by the human (Constantin et al. 2005;

Zhang et al. 2005) and S. cerevisiae reactions (Bowen et al. 2013). The E. coli
MMR reaction requires EcMutS, EcMutL, EcMutH, and EcUvrD, one of the four

exonucleases (30 ! 50 exonucleases EcExoI and EcExoX, the 50 ! 30 exonuclease
EcRecJ, or the bidirectional nuclease EcExoVII), the single-stranded binding

protein SSB, the replicative EcPolI complex (including the Ecβ-clamp replicative

processivity clamp and the Ecδδ(γτ)3 clamp loader complex), and DNA ligase

(Lahue et al. 1989; Viswanathan and Lovett 1998). The human and yeast MMR

reactions require HsMSH2-HsMSH6/ScMsh2-ScMsh6 (or HsMSH2-HsMSH3/

ScMsh2-ScMsh3 depending on the mismatch; see Sect. 12.2), HsMLH1-

HsPMS2/ScMlh1-ScPMS1 (for the 30 “ExoI-independent” reaction), the 50 exonu-
clease HsEXOI/ScExoI (for the 50 HsMLH1-HsPMS2/ScMlh1-ScPms1-indepen-

dent “ExoI-dependent” reaction), the single-stranded binding heterotrimer HsRPA/

ScRPA, the replicative Polδ complex (including the HsPCNA/ScPcna replicative

processivity clamp and the HsRFC/ScRfc clamp loader complex), and DNA ligase I

(Bowen et al. 2013; Constantin et al. 2005; Zhang et al. 2005). It should be noted

that “ExoI independent” does not mean the absence of ExoI protein in the reaction.
Rather, it means that at least tenfold less ExoI is required for efficient 30-directed
strand excision (Bowen et al. 2013). It is likely that this altered biochemical

requirement is revealing a mechanistic difference in the role of exonuclease in

the 30 MMR excision step. Regardless, the similarity in the reaction components

from bacteria to human suggests that the fundamental mechanics of MMR are likely

to be functionally comparable.

Early reconstitution studies were performed under low ionic condition

(�50 mM). The effect of ionic strength in the complete MMR reaction appears to

have only been examined for the human system (Blackwell et al. 1998), although

anecdotal evidence suggests that MMR reactions from all organisms have similar

ionic requirements in vitro. These results suggest that peak MMR reaction activity

in vitro occurs at an ionic strength of 130–150 mM. Of course these peak ionic

conditions might be expected since physiological ionic strength is similar. These

observations become important when considering biochemical observations that

were performed under significantly different ionic environments.

The fundamentally unique process of MMR is mismatch-dependent DNA strand

excision (Fig. 12.1b). Once the excision gap is formed, it appears that normal

replicative polymerases are responsible for DNA resynthesis in all organisms

examined. Following subsections will focus on MSH and MLH/PMS functions

since these are the common core components of all MMR strand-specific excision

reactions. Interactions of these core components with helicases, exonucleases, and

replication processivity factors (β-clamp/PCNA) will be introduced to ultimately

provide a complete MMR excision picture.

MutS Homologue Functions EcMutS was the first core MMR protein purified and

was shown to recognize mismatched nucleotides (Su and Modrich 1986). Structural

analysis has detailed an asymmetric homodimer that binds and bends the
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mismatched DNA, forming an incipient clamp where one subunit interrogates one

side of the mismatched nucleotides via 30 intercalation of a conserved Phe residue

(Fig. 12.2; Lamers et al. 2000; Obmolova et al. 2000). Eukaryote MSH proteins

form heterodimers where asymmetric functions have been operatively separated

into distinct genes (Acharya et al. 1996; Bocker et al. 1999; Drummond et al. 1995).

Stable interaction domains for the eukaryotic MSH heterodimers were originally

mapped to the C terminus as well as an internal domain (Bocker et al. 1999;

Guerrette et al. 1998). These peptide-domain interactions were largely confirmed

by structural analysis as the hinge-like and DNA clasp regions of the incipient MSH

clamp, respectively (Warren et al. 2007).

A defining feature of MSH proteins is a highly conserved Walker-type ATPase

domain sequence (Walker et al. 1982) that was used to identify and isolate yeast and

human homologues (Fishel et al. 1993; Reenan and Kolodner 1992b). Mutation of a

conserved lysine to an alanine within the Walker A (P-loop) motif effectively

eliminates ATP binding and hydrolysis and rendered the S. typhimurium StMutS

MMR deficient (Haber and Walker 1991). In addition, several missense mutations

within the MSH ATPase domain or domains that undergo ATP-dependent confor-

mational transitions display a dominant negative phenotype (Das Gupta and

Kolodner 2000; Hargreaves et al. 2010; Hess et al. 2002; Wu and Marinus 1994).

These results suggested that the mechanics of ATP binding and hydrolysis by MSH

proteins are essential for MMR.

Following a burst of ATP hydrolysis in solution (Antony and Hingorani 2003), at

least one subunit of the MSH dimer/heterodimer appears to retain the ADP product

(Heinen et al. 2011; Lamers et al. 2003; Mazur et al. 2006). The HsMSH2-HsMSH6

heterodimer was the first used to demonstrate a mismatch-dependent ATPase that

was controlled by mismatch-provoked ADP!ATP exchange (Gradia et al. 1997).

Fig. 12.2 Structural comparison of bacterial MutS and human HsMSH2-HsMSH6. (Left) The
structure of EcMutS (left, PDB 1W7A) and (right) the structure of HsMSH2-HsMSH6 (right, PDB
2OU8B) bound to a G/T mismatch. Frontal and side views are shown with 90� rotation marked.

Four nm size mark is shown between structures
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The exchange bound ADP for ATP displayed many characteristics that appeared

similar to GDP!GTP nucleotide exchange by small G proteins. These similarities

appeared to infer that MSH proteins functioned as a mismatch-dependent molecular

switch (Fishel 1998). Also reminiscent of small G proteins, ATP binding by

HsMSH2-HsMSH6 induced a conformational transition that resulted in the forma-

tion of a sliding clamp capable of hydrolysis-independent diffusion along the length

of the duplex DNA (Fishel 1998; Gradia et al. 1999). Similar observations were

subsequently reported with HsMSH2-HsMSH3, HsMSH4-HsMSH5, S. cerevisiae
ScMsh2-ScMsh6, and EcMutS (Acharya et al. 2003; Mendillo et al. 2005; Snowden

et al. 2004; Wilson et al. 1999). Importantly, mismatch-provoked ATP processing

and not mispair binding activity correlated with MMR efficiency (Kirkpatrick and

Petes 1997; Wilson et al. 1999; Mazurek et al. 2009).

The mechanical role of the MSH ATPase in MMR has been open to some

conjecture (see Sect. 12.6; Kolodner et al. 2007). At least three models for

connecting mismatch recognition to a distant strand scission during MMR have

been developed: (1) hydrolysis-dependent translocation (Modrich 1989), (2) static

transactivation (Junop et al. 2001), and (3) molecular switch/sliding clamp (Fishel

1998). Much of the confusion can be easily traced to the ionic conditions used

during biochemical studies. For example, the binding discrimination between

duplex and mismatch DNA is significantly enhanced at low ionic strength

(<50 mM; Gradia et al. 2000). Yet there is no difference between duplex

DNA-stimulated and mismatch-stimulated ATPase activity and ADP!ATP

exchange below 50 mM ionic strength (Fig. 12.3; Acharya et al. 2003; Blackwell

et al. 1998; Gradia et al. 2000). The disconnect between mismatch binding activity

and mismatch-stimulated ATPase at low ionic strength even though mutations of

the MSH ATPase eliminate MMR in vivo appear to underpin many of the exper-

imental issues associated with MMR mechanistic studies. Remarkably,
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Fig. 12.3 The effect of ionic strength on the E. coli MutS and human HsMSH2-HsMSH6

mismatch-dependent ATPase. (a) The effect of ionic strength on EcMutS ATPase activity

(Adapted from Acharya et al. (2003)). (b) The effect of ionic strength on HsMSH2-HsMSH6

ATPase activity (Adapted from Gradia et al. (2000)). Note the salt concentrations where

mismatch-dependent ATPase activity occurs are in the physiological ionic strength range of

120–160 mM
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experiments performed at nonphysiological ionic strength and their uncertain

interpretation continues to encumber studies of MMR (Drotschmann et al. 2002;

Gupta et al. 2012; Hall et al. 2001; Sass et al. 2010; Tessmer et al. 2008; Tham

et al. 2013).

An additional apparent red herring in MMR surrounded the observation that

EcMutS may form a tetramer in vitro via a C-terminal helix-turn-helix domain

(Bjornson et al. 2003; Mendillo et al. 2007). The concept of EcMutS

tetramerization was used to buttress the hydrolysis-dependent translocation and

static transactivation MMR models (see Sect. 12.6; Allen et al. 1997; Junop

et al. 2001; Modrich 1989, 1997). However, small angle X-ray scattering revealed

two critical amino acids that when mutated blocked tetramerization yet had no

effect on MMR (Mendillo et al. 2007). These studies unmistakably established that

tetramerization of EcMutS was dispensable for MMR. Moreover, tetramerization

has not been detected with any other MSH proteins making this phenomenon

superfluous in most organisms. Interestingly, the peptide region(s) surrounding

the putative tetramerization domain appeared to be required for MMR (Calmann

et al. 2005; Mendillo et al. 2007 #10549). Embedded in the C-terminal region of

EcMutS is a consensus binding sequence for the Ecβ-clamp replicative processivity

factor (Lopez de Saro et al. 2006). It is likely that most if not all of the EcMutS C-

terminal-linked MMR phenotypes may be linked to disruptions of this Ecβ-clamp

interaction, which appears to couple the MMR machinery to replication (Lopez de

Saro et al. 2006; Mendillo et al. 2007). A similar interaction domain with the

eukaryote replicative processivity factor ScPCNA is located on the ScMsh6 N

terminus and appears conserved in higher eukaryotes (Flores-Rozas et al. 2000).

These observations are consistent with additional role(s) for this replicative

processivity clamp in MMR including coupling the MMR machinery to replication

(Lopez de Saro et al. 2006; Shell et al. 2007), enhancing mispair recognition (Lau

and Kolodner 2003), and enhancing an Exo1-independent strand excision reaction

(Goellner et al. 2014).

A number of single molecule imaging systems have been used to examine the

detailed kinetic and mechanical activities of MMR proteins (Lee et al. 2014).

“DNA curtains” and F€orster resonance energy transfer (FRET) have been utilized

to examine the MSH mismatch search mechanism (Gorman et al. 2007; Jeong

et al. 2011). These studies suggested that the ScMsh2-ScMsh6 and the Thermus
aquaticus TaMutS proteins searched for a mismatch by one-dimensional facilitated

rotational diffusion while the protein was in continuous contact with the DNA

(Gorman et al. 2007; Jeong et al. 2011). However, Gorman et al. also observed

some long-lived ScMsh2-ScMsh6 proteins bound to their duplex DNA curtains in

50 mM salt (Gorman et al. 2007). In contrast, Jeong et al. observed no long-lived

TaMutS binding at physiological ionic strength on duplex or mismatched DNA

(Jeong et al. 2011). They then detailed the kinetic interactions in the switch from an

incipient TaMutS searching clamp on duplex DNA (~1 s), to a mismatch bound

incipient clamp (~3 s), to an incredibly stable ATP-bound TaMutS sliding clamp

(~10 min; Jeong et al. 2011). Moreover, in a second study, this group employed a

novel single molecule polarization analysis to clearly observe one-dimensional

318 R. Fishel and J.-B. Lee



facilitated rotational diffusion by mismatch-searching TaMutS while the protein

was in continuous contact with the DNA backbone (Cho et al. 2012). Remarkably,

the extremely stable ATP-bound TaMutS sliding clamp freely diffused without

following the DNA helix in discontinuous contact with the DNA (Cho et al. 2012).

These and later observations by Gorman et al. with ScMsh2-ScMsh6 strongly

supported the molecular switch/sliding clamp functions of MSH proteins (Gorman

et al. 2012).

MutS and HsMSH2-HsMSH6/ScMsh2-ScMsh6 recognize the eight single

nucleotide mismatches as well as a few single nucleotide insertion/deletion mis-

matches. Such wide-ranging lesion recognition properties are unusual for DNA

repair proteins. Structural analysis showed that when MSH proteins are stably

bound as an incipient clamp at the mismatch, the DNA was bent 45–60� with a

conserved Phe residue interrogating the minor grove and stacked 30 with one of the

mismatched nucleotides (Fig. 12.2; Lamers et al. 2000; Natrajan et al. 2003;

Obmolova et al. 2000; Warren et al. 2007). Based on these snapshot observations,

it was suggested that differences in nucleotide stacking surrounding the mismatch

would account for mispair recognition (Yang 2006). Atomic force microscopy

(AFM) and single molecule FRET analysis was used to argue that MSH induced
the bend in the DNA during mismatch binding (Sass et al. 2010; Tessmer

et al. 2008). It was even suggested that MSH proteins would flip out the mismatched

nucleotide from the double helix much like glycosylases (Kunkel and Erie 2005),

although no evidence of such a process for MSH proteins has ever been observed

experimentally. A comprehensive examination of the nearest neighbor effects on

mispair recognition and ATPase activation, combined with NMR analysis of good

(30-purines) versus poor (30-pyrimidies) nearest neighbor MSH activation

sequences, strongly suggested that MSH proteins recognized the intrinsic flexibility

of the DNA around the mismatch and not the mismatch itself (Mazurek et al. 2009).

Combined with the single molecule data, these observations are consistent with a

recognition model where MSH proteins efficiently search for mismatched nucleo-

tides by rotational diffusion while in continuous contact with the relatively smooth

DNA backbone. When the MSH protein encounters backbone flexibility irregular-

ities, it stalls, and if it is a bona fide mismatch, it likely captures a bent DNA

configuration that is in rapid Brownian conformational equilibrium (Isaacs and

Spielmann 2004). The ordering of MSH domains and/or the interrogation of the

mismatch by the conserved Phe residue has been proposed to provoke ADP!ATP

nucleotide exchange that ultimately results in an activated MSH sliding clamp

(Heinen et al. 2011). This nearest neighbor analysis also eliminated stacking

alterations as a contributor to mismatch recognition since it would have anticipated

exactly the opposite nearest neighbor MSH activation sequences.

One prediction of the molecular switch model is that once an MSH sliding clamp

dissociates from the mismatch, a second and then multiple MSH sliding clamps

may be loaded onto the DNA (Fishel 1998). Biochemical analysis appeared to

strongly indicate the formation of multiple ATP-bound sliding clamps on DNA

(Acharya et al. 2003; Gradia et al. 1999). However, it was not until 2012 that

multiple ATP-bound sliding clamps and their diffusion characteristics were directly
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observed by single molecule analysis (Fig. 12.4; Cho et al. 2012; Jeong et al. 2011).

Taken as a whole, these biochemical observations strongly suggest that MSH

proteins function as a mismatch-activated molecular switch that ultimately results

in the loading of multiple extremely stable ATP-bound sliding clamps on the DNA

surrounding the mismatch (Fishel et al. 2000). The ATP-bound MSH sliding

clamps may then diffuse bidirectionally for great distances along naked DNA

(Cho et al. 2012; Gorman et al. 2012). Such facilitated diffusion appears to solve

the communication mechanics between mismatch recognition and a distant strand

scission, but does not fully detail the mechanism of MMR excision initiation.

MutL Homologue Functions The EcMutL homodimer was first purified in 1989

(Grilley et al. 1989) followed by the human HsMLH1-HsPMS2 heterodimer in

1995 (Li and Modrich 1995). The N-terminal region of MLH/PMS proteins con-

tains a GHL ATPase domain (Dutta and Inouye 2000), while the C-terminal region

contains the domain that is responsible for stable dimer/heterodimer interaction

(Charbonneau et al. 2009; Guerrette et al. 1999; Pang et al. 1997). The N- and

C-terminal regions of EcMutL and ScMlh1-ScPms1 have been crystallized and the

structures solved (Fig. 12.5; Ban et al. 1999; Ban and Yang 1998; Guarne

et al. 2004; Gueneau et al. 2013). ATP binding by MLH/PMS appears to induce

Fig. 12.4 Single molecule imaging of multiple ATP-bound TaMutS sliding clamps on DNA

containing a single mismatch. Single molecules of TaMutS were visualized in a 15 kB DNA

containing a single mismatch using total internal reflection fluorescence (TIRF) microscopy

(Adapted from Cho et al. (2012)). The DNA was attached at both ends via a biotin-neutravidin

linkage on a passivated surface. (a) Visual examples of single and multiple TaMutS molecules on a

single mismatch containing DNA. (b) The effect of TaMutS concentration on the numbers of

molecules on a single mismatch containing DNA. Note that at near cellular concentrations of

TaMutS (200 nM), the distribution of multiple sliding clamps increases. (c) Tracking examples of

ATP-bound TaMutS that allow the calculation of the diffusion coefficient on the mismatched DNA
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N-terminal dimerization. However, unlike MSH proteins, the MLH/PMS proteins

appear to release the products of ATP hydrolysis rather rapidly (Ban et al. 1999).

The linker region between the N and C terminus of MLH/PMS proteins appears

to be largely disordered and refractory to crystallization and structural analysis. In

addition to N-terminal dimerization, ATP binding by ScMlh1-ScPms1 appears to

induce structural compaction (Sacho et al. 2008). The EcMutL protein was shown

to physically interact with EcMutH and EcUvrD using yeast two-hybrid analysis

and protein affinity chromatography (Hall et al. 1998; Hall and Matson 1999).

While ATP binding/hydrolysis by EcMutL was not required to form a complex with

EcMutH and EcUvrD (Spampinato and Modrich 2000), ATP binding (but not

hydrolysis) was required for EcMutL to stimulate MutH incision on the

unmethylated strand of a hemimethylated GATC site (Acharya et al. 2003;

Spampinato and Modrich 2000) and to activate the EcUvrD helicase activity

(Robertson et al. 2006).

An ATP-dependent ssDNA binding activity at very low ionic strength (~25 mM)

has been documented with both prokaryotic and eukaryotic MLH/PMS proteins

(Drotschmann et al. 2002; Park et al. 2010). However, single molecule FRET and

DNA flow-stretching analysis clearly demonstrated that at physiological ionic

Fig. 12.5 Structural comparison of bacterial MutL and HsMLH1/ScPms1. (Left) The structure of
the N-terminal (N-TD, top; PDB 1B63) and C-terminal (C-TD, bottom; PDB 1X9Z) domains of

E. coli EcMutL. The unstructured connector regions are marked with dotted arrows. (Right) The
structure of the N-terminal HsMLH1 domain (HsMLH1 N-TD, top; PDB 4P7A) with N-terminal

domain of ScPms1 (ScPms1 N-TD, top; PDB 3H4L) and C-terminal domains of ScMLH1-

ScPMS1 (ScMlh1 C-TD and ScPms1 C-TD, bottom; PDB 4E4W). Heterologous eukaryotic

N-terminal structures were used in this illustration since no homologous eukaryotic structures

currently exist. Four nm size mark is shown between structures
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strength, there was virtually no EcMutL ssDNA binding activity (Park et al. 2010).

These observations appear to suggest an alternative function(s) for these cryptic

MLH/PMS ssDNA-binding processes. Regardless, it is clear that ATP binding by

MLH/PMS proteins activates interactions with other MMR components.

The association of ScMlh1-ScPms1 with duplex DNA was visualized on single

molecules using a modified DNA curtain methodology where nanofabricated

anchors 15 nm above a passivated surface were used to anchor two ends of a single

λ-DNA (Gorman et al. 2010). This dual-anchor system allowed the observation of

protein diffusion along the DNA in the absence of hydrodynamic force: a poten-

tially confounding issue in the original DNA curtain system (Gorman et al. 2007).

The diffusion properties appeared consistent with a ringlike architecture that

formed independent of adenosine nucleotide binding. In support of a ring structure,
TEV protease cleavage of a site introduced into the disordered linker region

significantly disrupted the ability of ScMlh1-ScPms1 to associate with the duplex

DNA. Remarkably, individual ScMlh1-ScPms1 molecules appeared to bypass one

another as well as nucleosomes present on the λ-DNA (Gorman et al. 2010). These

observations suggested very large hopping and/or stepping processes associated

with the inter-site transfer of MLH/PMS while traveling along the DNA.

EcMutL increases the size of the EcMutS footprint on mismatched DNA in the

presence of ATP (Grilley et al. 1989), an observation that is consistent with later

studies which demonstrated the formation of a specific complex between

ATP-bound EcMutS sliding clamps and EcMutL (Acharya et al. 2003). Complex

formation between ATP-bound EcMutS sliding clamps with EcMutL does not

require ATP binding by EcMutL (Acharya et al. 2003). Interestingly, the inter-

site transfer mechanics of ScMlh1-ScPms1 along DNA was suppressed when it

associated with ATP-bound ScMsh2-ScMsh6 (Gorman et al. 2012). In these initial

studies, the diffusion characteristics of the complex appeared largely similar to

ScMsh2-ScMsh6 alone (Gorman et al. 2012). These observations are consistent

with the hypothesis that ATP-bound MSH sliding clamps provide a stable platform

and/or delivery system to the site of excision initiation for MLH/PMS functions.

Peptide cross-linking analysis has suggested that when in a complex the

N-terminal ATP-binding domain(s) of EcMutL may be localized near the

N-terminal mismatch interrogation domain(s) of EcMutS, the latter of which is

almost certainly flipped out from the DNA during sliding clamp formation (Winkler

et al. 2011). In addition, single molecule analysis appears to imply an orientation

dependence of EcMutS loading at a mismatch that affects the ability of the EcMutS-

EcMutL complex to activate EcMutH (Cristovao et al. 2012). Because both the

MSH and MLH/PMS proteins form freely diffusing clamp/ring structures on DNA

that may be capable of multiple orientations, these observations will require

additional scrutiny. Taken together, most studies are consistent with the idea that

ATP binding by MLH/PMS enhances the functional activation of the MSH-MLH/

PMS complex with downstream MMR excision components. For this reason, the

MLH/PMS proteins have been considered “matchmakers” in the MMR process.

A major difference between MLH/PMS proteins outside γ-proteobacteria
(E. coli) is the presence of an intrinsic endonuclease activity (Kadyrov
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et al. 2006, 2007; Pillon et al. 2010). The endonuclease domain is located within

HsPMS2(ScPms1) and HsMLH3/ScMlh3 and not within the common

heterodimeric partner HsMLH1/ScMlh1 (Kadyrov et al. 2006). Increasing evidence

suggests that peptide regions near the C-terminal dimerization domain largely

control the endonuclease activity of MLH/PMS proteins (Guarne et al. 2004;

Gueneau et al. 2013). In support of this idea, dominant mutations of ScPms1 that

induce a strong mutator phenotype in an exoI-deficient background effectively

eliminate the MLH/PMS endonuclease activity and are localized to a zinc binding

feature in the C terminus that is shared with ScMlh1 (Smith et al. 2013). As might

be expected, the MLH/PMS endonuclease is significantly stimulated by PCNA and

appears more efficient in the presence of manganese and zinc divalent cations

(Kadyrov et al. 2006, 2007; Pillon et al. 2010). Importantly, the Thermus
thermophilus homologues were used to demonstrate that the TtMutL endonuclease

is activated only upon its association with ATP-bound TtMutS sliding clamps

(Shimada et al. 2013).

The differing protein requirements for eukaryotic MMRwhen the strand scission

is 50 of the mismatch compared to 30 of the mismatch appear to suggest somewhat

differing mechanics. The 50-directed reaction appears to minimally require

HsMSH2-HsMSH6/ScMsh2-ScMsh6, HsEXOI/ScExoI, and HsRPA/ScRpa and is

consistent with a direct interaction between the MSH and EXOI that activates

exonuclease activity (Orans et al. 2011; Schmutte et al. 1998, 2001). In contrast,

the 30-directed reaction requires HsMSH2-HsMSH6/ScMsh2-ScMsh6, HsMLH1-

HsPMS2/ScMlh1-ScPms1, HsPCNA/ScPcna, and the HsPCNAScPcna clamp

loader HsRFC/ScRfc as well as a significantly reduced HsEXOI/ScExoI concen-

tration (Goellner et al. 2014). Understanding the differing mechanics of the exonu-

clease (HsEXOI/ScExoI)- and endonuclease (HsMLH1-HsPMS2/ScMlh1-

ScPms1)-dependent reactions in the strand excision process will be an important

avenue of future inquiry.

12.5 Mismatch Repair and Chromatin

Continuous chromatin remodeling is associated with replication and the movement

of the replication fork (Groth et al. 2007). Nucleosomes are disassembled in front of

a replication fork and the first fully formed nucleosome may be found ~250 bp

behind a replication fork (Jackson 1988; Sogo et al. 1986). These observations

suggest that mismatches that escape editing within the replication fork at the very

least will be embedded in partially reassembled nucleosomes. The HsMSH2-

HsMSH6 heterodimer appears capable of recognizing a mismatch both within

and adjacent to a nucleosome (Javaid et al. 2009; Li et al. 2009). However, the

MMR reaction was significantly attenuated when a nucleosome was located

between the mismatch and the strand scission (Li et al. 2009).

Remarkably, HsMSH2-HsMSH6 was shown to disassemble nucleosomes

(Javaid et al. 2009). Nucleosome disassembly required ATP binding but not
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hydrolysis and occurred substantially more efficiently when the histones within the

nucleosome contain posttranslational modifications that are found associated with

replication and/or transcription and which additionally increased octamer mobility

(Javaid et al. 2009; Manohar et al. 2009; North et al. 2011, 2012). The mechanism

of HsMSH2-HsMSH6 catalyzed nucleosome disassembly appears to have all of the

hallmarks of a theoretical one-dimensional Tonks gas that takes advantage of the

long-lived stability of ATP-bound MSH and the ability to load multiple ATP-bound

sliding clamps (Forties et al. 2011). The crux of this hypothesis is that the DNA

surrounding a histone octamer within a nucleosome is in a continuous local bound-

unbound Brownian equilibrium, with longer tracts of entry-exit DNA spontane-

ously dissociating from the histone core (Widom 1998). Freely diffusing

ATP-bound MSH sliding clamps may occupy the transiently “breathing” unbound

nucleosome DNA effectively enhancing the unbound state. With multiple

ATP-bound MSH sliding clamps, the occupation of unbound nucleosome DNA

may continue until the histone octamer is released. As expected with this model,

nucleosome entry-exit and dyad histone modifications that enhance “breathing”

(nucleosome mobility) enhance MSH-catalyzed disassembly.

Why then do nucleosomes attenuate MMR in vitro? The most likely explanation

is that the histones used to assemble an MMR substrate do not contain appropriate

posttranslational modifications that would be expected to enhance nucleosome

mobility. In fact, only unmodified histones or native histones with unknown

modifications isolated from tumor cells have been examined for their effect on

MMR in vitro (Li et al. 2009). The idea that ATP-bound MSH sliding clamps may

function as a one-dimensional Tonks gas capable of clearing DNA by blocking

protein-DNA reassociation(s) would appear to be an interesting method for pro-

moting long-range communication and repair process on the DNA such as MMR. If

correct, one might also predict that other stable DNA clamps such as β-clamp/

PCNA and the Rad9-Hus1-Rad1 may engender similar properties.

A recent study has suggested that trimethylation of histone H3Lys36

(H3K36me3) may target HsMSH2-HsMSH6 to chromatin in anticipation of

MMR (Li et al. 2013). The evidence for this assertion is that HsMSH2-HsMSH6

and HsMSH6 containing a wild-type N-terminal PWWP sequence appear to bind

peptides containing H3K36me3, overexpressed (EGFP)HsMSH2-HsMSH6 forms

nuclear foci only when the HsMSH6 contains a wild-type PWWP sequence, and

knockdown of the histone methyltransferase SETD2 reduces H3K36me3 (EGFP)

HsMSH2-HsMSH6 nuclear foci and appears to induce a relatively modest mutator

phenotype (Li et al. 2013). While there were interesting correlations, there was no

direct demonstration that mutation of the HsMSH6 PWWP sequence decreased

MMR or increased mutation rates. Moreover, H3K36me3 is a well-known marker

of gene transcription (Sims and Reinberg 2009), and while early origins may

contain this histone mark, there is scant evidence that it is associated with mid or

late replicating DNA (Lubelsky et al. 2014). Finally, the PWWP sequence is not

conserved and is not present in the yeast proteins making a simple genetic test of

ScSetD2 functions difficult. In contrast, β-clamp and PCNA interacting domains

located in both MSH and MLH/PMS proteins are conserved and have been shown
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to target MMR proteins to the replication fork in both prokaryotes and eukaryotes

(Chen et al. 1999; Shell et al. 2007; Hombauer et al. 2011; Goellner et al. 2014;

Umar et al. 1996). Whether the H3K36me3 modification or the SETD2

methyltransferase performs a redundant function with PCNA that is unique to

higher eukaryotes or they are involved in targeting higher eukaryotic MSH for

some other cellular function(s) such as damage signaling remain to be elucidated.

12.6 A Mechanism for Mismatch Repair

Any hypothetical mechanism for MMR must account for the communication

between the mismatch and a distant strand scission, the nature and length of the

excision tract, as well as the historical genetic requirements (Table 12.1). The

experimental observations regarding these processes have been discussed in previ-

ous sections and will not be referenced here. The molecular switch/sliding clamp

model continues to fulfill all of the requirements for a viable model. Two competing

models, hydrolysis-dependent translocation and static transactivation, have been

largely eliminated by experiment. For example, the static transactivation model

suggests that a complex is formed at the mismatch that can then contact a distant

strand scission by three-dimensional looping of the intervening superfluous DNA.

However, placing a block on the DNA between the mismatch and the distant strand

scission dramatically inhibits MMR (Pluciennik and Modrich 2007), suggesting

that the intervening DNA is necessary for MMR. Moreover, compared to proteins

with known ATP-dependent DNA translocation activity (helicases, chromatin

remodelers, etc.), the hydrolysis-dependent translocation of an MMR complex

several thousand nucleotides to a strand scission would seem to require significantly

more ATPase activity by at least a factor of 10.

While the details of several steps in the complete MMR mechanism remain

hypothetical, the molecular switch/sliding clamp model posits that MSH proteins

recognize a mismatch and load multiple ATP-bound sliding clamps onto the DNA

that are capable of bidirectional diffusion (Fig. 12.6a). This MMR “initiation” step

appears common to all organisms. The mismatch search prior to ATP binding by

MSH proteins is likely aided by the replicative processivity clamp β-clamp/PCNA.

The ubiquity of β-clamp/PCNA complexes loaded onto the DNA at and surround-

ing a replication fork is unknown. If multiple replicative processivity clamps are

loaded around the replication fork, then one could imagine a mechanism where

β-clamp/PCNA might increase the dwell time of the facilitated diffusion MSH

search process. Following the search and the formation of multiple ATP-bound

MSH clamps, the MMR mechanism appears to diverge considerably when com-

paring γ-proteobacteria with eubacteria, archaea, and eukaryotes. Moreover,

because the component requirements of 30- and 50-directed excision reaction differ,

the mechanics of these two processes must also diverge within eubacteria, archaea,

and eukaryotes.
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Fig. 12.6 The molecular switch/sliding clamp model for MMR. See Sect. 12.6 for description
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The γ-proteobacteria (E. coli) MutL forms a stable complex with ATP-bound

MutS shortly after the sliding clamps are formed (Fig. 12.6b). Bidirectional diffus-

ing MutS-MutL complexes likely encounter and stabilize MutH on a

hemimethylated Dam site (Fig. 12.6c). The interaction between MutS-MutL and

MutH activates the MutH endonuclease to introduce a strand scission (Fig. 12.6d).

This initial MutS-MutL-MutH complex likely dissociates following activation,

allowing a second MutS-MutL sliding clamp complex to interact and stabilize

UvrD at the strand scission (Fig. 12.6e). At present it is unclear whether the

ATP-bound MutS sliding clamp delivers a MutL that interacts and activates

MutH and UvrD or the MutS-MutL sliding clamp complex interacts and activates

with MutH and UvrD. Regardless, the MutS-MutL or the delivered MutL enhances

the UvrD helicase to unwind the DNA starting at the strand scission. Since the

UvrD helicase appears to be bidirectional during MMR, unwinding may occur from

a strand scission that is 30 or the 50 of the mismatch. It is likely that SSB stabilizes

and protects a growing single-stranded gap, while the unwound DNA strand

becomes a substrate for one of the four MMR exonucleases (Fig. 12.6f). Degrada-

tion of the unwound DNA strand effectively renders the excision reaction irrevers-

ible. The processivity of the MutS-MutL-UvrD-exonuclease reaction is unknown.

However, it is unlikely to proceed more than a few hundred nucleotides before the

complexes become unstable and dissociate. One of the attractions of the molecular

switch/sliding clamp model is its redundancy (Fig. 12.6, arrow). If or when a MutS-

MutL-UvrD-exonuclease reaction dissociates, one of the following multiple MutS-

MutL sliding clamps may form yet another stable excision complex. Several

dynamic short excision tracts involving multiple MMR complexes are proposed

to occur until the mismatch is released. Once the mismatch is no longer available to

load ATP-bound MutS sliding clamps, the excision reaction stops, the replicative

polymerase reassembles on the 30 end, and the gapped DNA is resynthesized. DNA

ligase then reseals any remaining strand scissions.

The MLH/PMS homologues of eubacteria, archaea, and eukaryotes also appear

to associate with MSH sliding clamps shortly after they are loaded onto the DNA by

a mismatch. However, the disposition of the MLH/PMS in the 50 and 30 excision
reaction appears to be quite different. The 50 excision reaction is likely to take place
on the lagging strand of a replication fork where a strand scission 50 of a mismatch

would frequently occur within each Okazaki fragment. It appears to rely on a

physical interaction between ATP-bound MSH sliding clamps and EXOI that

activate its 50 ! 30 exonuclease activity, which is inhibited by RPA (Fig. 12.6g).

In this model, the interaction and dissociation of MSH-EXOI is proposed to be

dynamic and redundant with excision terminating when the mismatch is released

similar to the γ-proteobacterial MMR reaction. Gap filling and ligation would be

provided by normal S-phase replicative factors. While MLH/PMS is not required

for the 50 excision reaction in vitro, whether it remains associated with the

MSH-EXOI complex is unknown.

The 30 excision reaction is likely to occur on the leading strand of a replication

fork and requires the MLH/PMS endonuclease activity that is activated by PCNA.

A hypothetical molecular switch/sliding clamp model for 30 excision imagines the
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MSH-MLH/PMS complex diffusing and then interacting with PCNA that is asso-

ciated with the 30 end of the leading strand within the replication fork (Fig. 12.6h).

This interaction activates the MLH/PMS endonuclease to incise the newly repli-

cated DNA. The detailed mechanics of this process and how incision is confined to

only the newly replicated strand are unknown. Moreover, whether the MSH-MLH/

PMS complex continuously interacts with PCNA or MSH delivers one or multiple

MLH/PMS to PCNA during this process is also unknown. Cellular imaging studies

in S. cerevisiae appear to suggest that the MLH/PMS is delivered and left behind

(Hombauer et al. 2011). Regardless, it is clear that no excision occurs in the absence

of HsEXOI/ScExoI. Since HsEXOI/ScExoI is exclusively a 50 ! 30 exonuclease,
this observation appears to suggest that the 30-directed MLH/PMS-PCNA activated

endonuclease must in some way present DNA fragments for EXOI 50 ! 30 digestion
(Fig. 12.6i). The detailed mechanics of this reaction is unknown. As with the

previous excision reactions, this process is likely to be dynamic and redundant

utilizing multiple MSH-MLH/PMS complexes until the mismatch is released and

loading of MSH sliding clamps becomes refractory. Reassembly of the S-phase

replication machinery on the recessed 30 end would then restart DNA synthesis.

As can be garnered from the discussion of MMR mechanisms, there remain

considerable biophysical unknowns. However, the basic structure of the molecular

switch/sliding clamp model appears to provide a foundation for understanding the

mechanics of MMR as well as injecting a dynamic and redundant nature that is

almost certain to be shared by most biological processes.
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Chapter 13

Nonhomologous End-Joining

Dik C. van Gent, Hanna IJspeert, and Mirjam van der Burg

Abstract Repair of DNA double-strand breaks (DSBs) is indispensable for life.

Therefore, most living organisms have at least two pathways to repair these breaks:

homologous recombination (HR) and nonhomologous end-joining (NHEJ). HR is

the main repair mode for replication-associated DSBs, while NHEJ deals with most

other breaks, especially during the G0/G1 phase of the cell cycle. Characterization

of the core NHEJ machinery over the past 20 years has been accompanied by

elucidation of the genetic basis of several types of severe combined immunodefi-

ciency (SCID) and a better understanding of the mechanisms regulating the choice

between HR and NHEJ. In this chapter, we will therefore discuss the NHEJ

mechanism along with considerations on DSB repair pathway choice and associ-

ated disease phenotypes.

Keywords DNA double-strand break repair • Nonhomologous end-joining • V(D)

J recombination • SCID • DNA-PK • DNA ligase IV • Artemis • XLF/Cernunnos •

PAXX

13.1 Introduction

13.1.1 DNA Double-Strand Break Repair

DNA double-strand breaks (DSBs) are among the most deleterious DNA lesions a

cell can encounter. If a DSB is not repaired, this may lead to loss of chromosome

arms during cell division, whereas coupling of the wrong ends can lead to chromo-

somal translocations (Durante et al. 2013). Both types of DNA aberration can be

found frequently in tumors, either as initiating event or as late events that lead to

increased aggressiveness of the tumor cells (Bunting and Nussenzweig 2013). On
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the other hand, unrepaired DSBs can also trigger cell death, which can contribute to

developmental delay in the developing organism or (premature) aging in adults

(Hoeijmakers 2009). Therefore, DSB repair mechanisms are present in all living

organisms, from bacteria to mammals.

13.1.1.1 Two Major Pathways: NHEJ and HR

DSB repair can be accomplished by two fundamentally different mechanisms.

Precise restoration of the DSB can take place by homologous recombination

(HR), which needs an intact template DNA to align the DNA ends and copy in

any lost sequence from the area around the DSB (Wyman and Kanaar 2006). In

prokaryotes and lower eukaryotes (such as the baker’s yeast S. cerevisiae), this is
the major DSB repair pathway and mutants lacking one of the components of this

pathway are sensitive to DSB-inducing treatments. However, in higher eukaryotes

(including mammals), nonhomologous end-joining (NHEJ) plays a major role in

repair of these lesions (Lieber 2010; van Gent and van der Burg 2007). This

pathway uses little or no homology to align the DNA ends and is therefore

inherently error prone if the DNA ends need processing prior to ligation.

Although the relative importance of both DSB repair pathways can differ

between species, both have been conserved in evolution. Even several bacterial

species contain a NHEJ pathway, although some genes from the pathway can be

missing. In addition to a general role in DSB repair, both HR and NHEJ have

specialized functions in programmed DNA rearrangements, such as meiotic recom-

bination (HR) and DNA rearrangements in the immune system (NHEJ). This

chapter will only discuss NHEJ, while information of HR can be found in Chap. 4.

13.1.1.2 DSB Repair Kinetics

The appearance and repair of DSBs can be visualized by following the accumula-

tion of specific DSB repair proteins or protein modifications in the cell nucleus.

Already a few minutes after DSB induction, protein accumulations (also called

foci) of 53BP1 protein and the phosphorylated form of histone H2AX, called

γ-H2AX, can be observed by immunofluorescence microscopy (Fig. 13.1)

(Bekker-Jensen and Mailand 2010). Counting of these foci, at various time points

after DSB induction by ionizing radiation exposure, has revealed several aspects of

DSB repair kinetics (Riballo et al. 2004; Rogakou et al. 1998). Before these

techniques were developed, DSB repair kinetics have been measured by pulsed-

field gel electrophoresis or the comet assay, but these techniques were much less

sensitive, necessitating very high radiation doses. All methods result in a similar

shape of the repair curve, indicating that cells have a robust DSB repair capacity

that is not limited by repair machinery components (Riballo et al. 2004). After a

first phase of relatively fast repair (for the first few hours), the residual DSBs are

repaired with much slower kinetics (Noon et al. 2010). The fraction of fast and slow
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repaired DSBs depends on the type of DNA damage. Radiation that causes more

complex DNA damage (e.g., α-radiation) results in a larger fraction of slow

repaired breaks than DSBs caused by, e.g., topoisomerase inhibition or X-rays,

suggesting that DNA ends with additional lesions (such as oxidized bases or single-

strand breaks) are repaired more slowly than simple DSBs (Shibata et al. 2011). In

addition, this difference in kinetics also depends on the location of the DSB in the

genome (euchromatin versus heterochromatin) (Goodarzi et al. 2008). In the G1

phase of the cell cycle, both fast and slow components depend on NHEJ, whereas

DSB repair in G2 can be accomplished by both NHEJ (fast component) and HR

(slow component) (Beucher et al. 2009).

13.1.2 Programmed DNA Rearrangements in B and T Cells

13.1.2.1 V(D)J Recombination

In addition to repair of random DSBs caused by exogenous sources, such as

ionizing radiation, NHEJ is also indispensable for generation of the diversity in

immunoglobulin (Ig) and T-cell receptor (TCR) genes (Helmink and Sleckman

unirradiated

irradiated

A B

Ligase IV

Artemis

normal

�me

# 
of

 D
SB

Fig. 13.1 Accumulation of the DNA repair protein 53BP1 to DNA breaks after ionizing radiation.

(a) One hour after 1 Gy gamma irradiation, most 53BP1 protein accumulates in foci (lower panel),
while unirradiated cells show little or no 53BP1 accumulation (upper panel). (b) DSB repair

kinetics in different repair-deficient mutants in G1 phase cells. Most ligase IV mutants show slow

repair but reach full repair at late time points, while Artemis mutants show normal repair at early

time points but fail to repair a residual 10–20 % of gamma radiation-induced DSBs

13 Nonhomologous End-Joining 343



2012). The lymphoid-specific RAG1 and RAG2 proteins introduce DSBs at recom-

bination signal sequences (RSS) in Ig and TCR loci (Fig. 13.2) (McBlane

et al. 1995; van Gent et al. 1996). Immunoglobulin proteins are composed of two

heavy chains and two light chains, encoded by the IgH (heavy chain) and Igκ or Igλ
(light chain), respectively. The IgH locus contains several variable (V), diversity

(D), and joining (J) segments that can be combined in many different combinations.

The Igκ and Igλ loci contain only V and J segments. Therefore, this process is called

V(D)J recombination. TCR loci are similar: the TCRα and TCRγ loci contain V and

J segments, while TCRβ and TCRδ have V, D, and J segments.

After generation of these DSBs, the general NHEJ machinery takes over for their

repair (Fig. 13.2). The DNA ends that contain the RSS (the so-called signal ends)

are blunt, 50-phosphorylated DNA ends and can be ligated without further

processing to form the signal joint, but the other ends (called the coding ends

V JRSS RSS

RAG RAG

KU KU

KU KU

DNA-PKcs

DNA-PKcs
P

V J

P

P P

Pol

XRCC4

XLF LIG4

Pol

XRCC4

XLF
LIG4

Artemis
DNA-PKcs } V(D)J recombination 

Increased number of P nt, 
but overall diversity normal

LIG4
XLF
XRCC4 } V(D)J recombination 

Reduced N nt insertion
Junctional diversity 

PAXX

PAXX

Fig. 13.2 The mechanism of V(D)J recombination. VJ recombination starts with the induction of

DNA DSB between the V and J genes and the recombination signal sequences (RSSs), which

result in a coding end and a signal joint. The DSB of the coding ends are recognized by the KU70/

KU80 complex (indicated as KU). Subsequently, DNA-PKcs binds to the C-terminus of Ku80 and

forms a complex with KU. After DNA-PKcs becomes phosphorylated, it undergoes a conforma-

tional change. DNA-PKcs activates Artemis, which opens the hairpins. Thereafter, the DNA is

processed by removal of nucleotides and insertion of random N-nucleotides by a polymerase (TdT,

Polμ, or Polλ). Finally, the DSB are ligated by LIG4 in complex with XLF, XRCC4, and PAXX
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because they contain the coding sequence of the Ig or TCR gene) are blocked by a

covalent phosphodiester bond between the top and the bottom strand of the DNA

(Roth et al. 1992). These DNA hairpins need processing by a nuclease, and in many

cases also the action of DNA polymerase before ligation can form the coding joint.

Inability to carry out this recombination reaction results in an inability to form

mature T and B cells and thus leads to a severe form of immunodeficiency (see

Sect. 13.4).

13.1.2.2 Class Switch Recombination

After successful V(D)J recombination in developing B cells, the immature B cells

are released into the blood stream and circulate until they recognize an antigen.

After antigenic stimulation, a second DNA recombination reaction event is

induced, which causes a switch from IgM and IgD production to IgG, IgA, or IgE

(Xu et al. 2012). On the DNA level, this is accomplished by deletion of a DNA

segment between the VDJ exon and the constant region exons in the IgH locus.

DSBs in the switch regions are again coupled by the NHEJ machinery.

13.2 Mechanism of NHEJ

13.2.1 General Outline of the NHEJ Reaction

NHEJ starts by recognition of DNA ends among an enormous amount of intact

double-stranded DNA (Fig. 13.2). This is accomplished by the Ku70/80

heterodimer, which forms a ring around the DNA end that can migrate into the

DNA after initial binding (Walker et al. 2001). Ku70/80 bound to a DNA end can

then attract the DNA-dependent protein kinase catalytic subunit (DNA-PKCS),

which acquires protein kinase activity upon DNA end binding (Gottlieb and

Jackson 1993). DNA-PKCS autophosphorylation induces a conformational change

in the DNA-bound complex of Ku70/80 and DNA-PKCS, collectively called the

DNA-PK complex (Chan and Lees-Miller 1996; Weterings et al. 2003). After this

conformational change, the DNA ends become available for further processing and

ligation (Ding et al. 2003). If the ends are compatible, they can be ligated by ligase

IV, which forms a stable complex with XRCC4 (Critchlow et al. 1997; Grawunder

et al. 1997). The recently identified factor XLF (XRCC4-like factor), which has

also been called “Cernunnos,” stimulates this reaction but does not appear to be

absolutely required for NHEJ (Ahnesorg et al. 2006; Buck et al. 2006a). If the DNA

ends are not compatible or if they do not contain a 50-phosphate and a 30-OH group,

various processing factors can remove or add nucleotides or phosphate groups

(Lieber 2010).
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13.2.2 Core NHEJ Factors

13.2.2.1 Ku70/80

Ku70/80 forms a ring structure with a hole that fits around a double-stranded DNA

end (Walker et al. 2001). Amino acids that line this hole interact mainly with the

DNA backbone. These interactions are only possible if the DNA molecule contains

an open end, explaining the binding specificity. Mutations in Ku proteins that do not

have an intact ring structure lose their activity (Jin and Weaver 1997). However,

mutations affecting the C-termini of Ku70 or Ku80 do not influence the ring

structure.

The Ku70 C-terminus contains a so-called SAP domain, which has been hypoth-

esized to be a DNA-binding domain (Hu et al. 2012). Although the SAP domain

does not bind DNA in the available crystal structure (Walker et al. 2001), this does

not preclude a DNA-binding function in vivo. It is connected to the rest of the Ku70

molecule by a long flexible linker and may swing around to bind to the DNA, for

example, after initial binding of a DNA end through the ring.

The Ku80 C-terminus is not required for DNA binding, but deletion of this

region causes severe radiosensitivity and V(D)J recombination defects (Gell and

Jackson 1999). This is most probably caused by disrupted interaction with

DNA-PKCS. Although this protein kinase is still attracted to DNA ends, its activa-

tion is less efficient, especially at specific autophosphorylation sites required for the

conformational change that opens the DNA ends for processing and ligation

(Weterings et al. 2009). Especially the C-terminal 12 amino acids have been

found to be important for the Ku80-DNA-PKCS interaction.

13.2.2.2 DNA-PKCS

DNA-PKCS is one of the largest protein kinases with a polypeptide length of more

than 4000 amino acids and a molecular weight of approximately 470 kD (Araki

et al. 1997; Blunt et al. 1996). It contains a protein kinase domain at its C-terminus

that belongs to the PI3-kinase family of protein kinases. This protein kinase family

also contains two other major DNA damage response kinases, ataxia telangiectasia-

mutated (ATM) and ATM and RAD3-related (ATR) kinase.

Deletion or inactivation of its kinase activity renders the DNA-PK complex

nonfunctional, resulting in radiosensitivity and defects in V(D)J recombination

(Kurimasa et al. 1999). Interestingly, a large fraction of DSBs caused by ionizing

radiation is repaired with normal kinetics in DNA-PKCS-deficient cells, but the

more slowly repaired breaks fully depend on the presence of this protein (Riballo

et al. 2004). Furthermore, V(D)J recombination is severely hampered, especially

the formation of coding joints. Signal joints, which result after joining of two blunt

DNA ends, are formed relatively normally, but the hairpin coding ends cannot be

processed, resulting in an inability to form functional Ig and TCR genes (Roth

346 D.C. van Gent et al.



et al. 1992). This was originally observed in the classical SCID mouse and later

reproduced in DNA-PKCS
�/� animals.

13.2.2.3 Ligase IV/XRCC4

The final ligation step is fully dependent on ligase IV in complex with XRCC4 (van

Gent and van der Burg 2007). Inactivation of either of these two genes results in

severe radiosensitivity and an inability to perform V(D)J recombination. XRCC4

stabilizes the ligase IV protein and activates its ligase activity (Modesti et al. 1999).

However, the severity of the XRCC4 knockout phenotype suggests that it must have

additional functions during the NHEJ process (Gao et al. 1998). Both ligase IV and

XRCC4 interact with the DNA-PK complex, explaining the dependence of the

NHEJ reaction on Ku70/80 and DNA-PKCS.

Genetic inactivation of ligase IV or XRCC4 uncovered a vital function of NHEJ

in developing brain (Frank et al. 2000; Gao et al. 1998; Barnes et al. 1998). The

knockout mice died late in embryogenesis with massive apoptosis of postmitotic

neurons in the brain. The severity of this phenotype correlates with the severity of

the NHEJ defect, suggesting that low activity levels are sufficient to perform this

function, in contrast to V(D)J recombination that is seriously affected by less severe

mutations (van Heemst et al. 2004). Interestingly, this phenotype could be rescued

by inactivation of the proapoptotic genes p53 or ATM. The embryonic lethality of a

ligase IV-deficient mouse could even be rescued by also deleting Ku80, suggesting

that the apoptotic response in neurons may be caused by the presence of incomplete

NHEJ complexes that block repair by alternative DSB repair pathways

(Karanjawala et al. 2002).

13.2.3 Accessory NHEJ Factors

13.2.3.1 XLF (Cernunnos)

The most recently identified NHEJ factor was identified in two different ways: one

research group found a gene with similarity to XRCC4 and called it the XRCC4-

like factor (XLF), while the other group found the same gene by analyzing a

number of patients with microcephaly and immunodeficiency and called the gene

Cernunnos (Ahnesorg et al. 2006; Buck et al. 2006a). For simplicity we will refer to

it as XLF. Its inactivation causes a partial defect in V(D)J recombination and slow

DSB repair (Li et al. 2008). The XLF protein can form a stable complex with

XRCC4; it binds to DNA and stimulates the XRCC4/ligase IV activity (Hammel

et al. 2011). Therefore, it appears to have an accessory function in the late stages

of NHEJ.

Finally, another gene with similarities to XRCC4 and XLF was identified in

silico and termed paralog of XRCC4 and XLF (PAXX). It interacts with Ku70/
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Ku80 and appears to act primarily to stabilize NHEJ complexes that hold incom-

patible DNA ends (Ochi et al. 2015; Xing et al. 2015).

13.2.3.2 Artemis

Artemis was originally identified in radiosensitive T-B-SCID patients (Moshous

et al. 2001). The protein interacts with DNA-PKCS and contains a nuclease domain

at its N-terminus. Subsequent experiments showed that Artemis nuclease specifi-

cally opens DNA hairpins generated during V(D)J recombination, explaining its

severe immunodeficiency phenotype (Ma et al. 2002). It is required for a subset of

DSBs after ionizing radiation exposure, especially those that are repaired with slow

kinetics, which are located in heterochromatin (Riballo et al. 2004). It needs the

DNA-PK interaction for its hairpin opening activity. It was originally hypothesized

that Artemis phosphorylation by DNA-PK was required for its activity, but more

recent data indicate that the DNA-PK activity is rather required for

autophosphorylation and the conformational change in the DNA-PK complex

(Goodarzi et al. 2006). It is not clear whether Artemis nuclease can also cleave

other DNA structures, but the fact that Artemis-deficient cells are hypersensitive to

ionizing radiation suggests that there is also a need for this nuclease to modify other

types of DNA ends in preparation for joining by the ligase IV/XRCC4 complex.

13.2.3.3 Other DNA End-Processing Factors

As DNA ends are often damaged in such a way that direct ligation is not possible,

efficient removal of damaged nucleotides and/or addition of new nucleotides is

required in such cases. Therefore, several enzymes have been incorporated in the

NHEJ mechanism to clean up such “dirty ends.” In addition to the Artemis

nuclease, various exonucleases have been reported to function as cleanup workers

at DNA ends (Lieber 2010). The Werner helicase contains an exonuclease domain

that can remove nucleotides from DNA ends and has been implicated in NHEJ

(Yannone et al. 2001). Furthermore, the CtIP nuclease, which is better known for its

activities in HR, was recently reported to function in G1 phase cells for processing

of certain DNA ends, as well (Quennet et al. 2011).

Another common block to ligation is the presence of a 30-phosphate or a 50-OH
group, instead of a 30-OH and a 50-phosphate. This problem can be solved elegantly

by the polynucleotide kinase enzyme, which removes 30-phosphates and adds

50-phosphate groups (Koch et al. 2004). This enzyme interacts with XRCC4,

which explains its recruitment to DNA ends.

Addition of nucleotides to DNA ends with single-stranded overhangs is also an

important aspect of DNA end processing. The normal replicative polymerases do

not function at DNA ends. Therefore, a specialized class of polymerases, called the

X-family of DNA polymerases, performs this task (Ramsden and Asagoshi 2012).

Both polλ and polμ can fill in nucleotides near a DNA end and seem to be redundant
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for this task. Another member of this polymerase family, terminal deoxynucleotidyl

transferase (TdT), can even add non-templated nucleotides to DNA ends. As this is

in principle mutagenic, the expression of this enzyme is restricted to the stages of

B-cell development where Ig gene recombination takes place, presumably to

increase the variation of Ig gene sequences by adding random nucleotides to

DNA ends during V(D)J recombination.

13.2.3.4 Additional Factors That Influence a Subfraction of DSBs

(53BP1, ATM, MRN, and Heterochromatin Breaks)

In addition to the DNA-processing factors that each clean up a subfraction of DNA

ends, several factors are required to ensure efficient ligation of so-called difficult

breaks or complex DNA damage. Extensive analysis of DSB repair kinetics revealed

that these DSBs are mainly localized to heterochromatin and require opening of the

closed chromatin structure in order to be repaired by NHEJ during the G1 phase of the

cell cycle orHR in theG2phase (Beucher et al. 2009;Goodarzi et al. 2008). Chromatin

opening probably requires the initial phosphorylation of histone H2AX (then called

γ-H2AX), the ATMkinase, theMRE11/RAD50/NBS1 complex, and several enzymes

necessary for ubiquitin addition near the DSB (including RNF8 and RNF168). The

need for these factors can be circumvented by depletion of the heterochromatin protein

KAP1, showing that they are indeed only required for chromatin modification

(Goodarzi et al. 2008). The inability to perform these tasks leads to amoderate ionizing

radiation sensitivity, suggesting that other mechanisms may compensate for the

inability to open the chromatin, possibly during the S phase of the cell cycle.

Some of the factors that influence NHEJ without a complete block of the reaction

may have partially redundant functions. For example,ATMdeficiency in combination

with an XLF defect results in a V(D)J recombination deficiency that is comparable to

depletion of the core NHEJ factors, while both single mutants have a much milder

phenotype (Zha et al. 2011). Further genetic dissection of these mutants may reveal

parallel NHEJ subpathways and partially redundant functions.

13.2.4 Alternative End-Joining Pathways

In addition to the classical NHEJ pathway described above, other end-joining mech-

anisms exist, which do not depend on Ku70/Ku80, ligase IV, and XRCC4. It is

currently not completely clear which factors belong to these pathways and whether

these pathways contribute significantly to DSB repair in normal cells. However, in

NHEJ mutants the end-joining function can be taken over by these mechanisms

(Kabotyanski et al. 1998). The junctions resulting from these alternative pathways

are characterized by the use of short sequences of homology to align the ends prior to

joining (Verkaik et al. 2002). These microhomologies of one or a few base pairs are

most easily identified at coding joints formed byV(D)J recombination, but can also be
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found at chromosomal translocations, even in cells that contain a functional NHEJ

pathway, suggesting that chromosomal aberrations are more often caused by alterna-

tive end-joining pathways, rather thanNHEJ (Boboila et al. 2010). Furthermore, class-

switch recombination in the IgH locus probably also makes use of an alternative

end-joining mechanism for a subfraction of the joints (Yan et al. 2007).

The genes involved in alternative end-joining pathways are still not well defined

(Mladenov and Iliakis 2011). There is some evidence that PARP1 and ligase III are

involved in DNA end recognition and ligation, respectively. Also the MRE11/

RAD50/NBS1 complex and the ATM kinase have been found to be required for

at least a subfraction of DSB repair events in the absence of classical NHEJ.

13.3 Balance Between NHEJ and HR

The two major DSB repair pathways, NHEJ and HR, need intricate regulation

mechanisms to ensure that the appropriate pathway is chosen to handle specific

DSBs (Fig. 13.3) (Brandsma and van Gent 2012; Chapman et al. 2012). For

example, a DSB in the G1 phase of the cell cycle cannot be repaired by HR in

mammalian cells (because of the absence of the sister chromatid as a template),

while DNA breaks resulting from collapsed replication forks can only be repaired

by HR (because of the absence of a second DNA end) (Helleday et al. 2007).

13.3.1 Cell Cycle Dependence of DSB Repair Pathway
Choice

As NHEJ does not require a homologous template for repair, this pathway can

function throughout the cell cycle. HR, on the other hand, requires a homologous

template. Although the homologous chromosome is present in most vertebrate

NHEJ HR

Ionizing radia�on

CtIPDNA-PK

LIG4/XRCC4

RAD51

53BP1, RIF1

BRCA1
++
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pro-NHEJ factors (53BP1,
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cells, this is not generally used as a repair template in higher eukaryotes. Therefore,

HR only functions after DNA replication, when the sister chromatid is available.

Contrary to most expectations, DSB repair in the G2 phase of the cell cycle is still

mainly accomplished by NHEJ, with HR mainly functioning to repair the difficult

breaks that are repaired with slow kinetics (Beucher et al. 2009).

The absence of HR in the G1/G0 phase of the cell cycle can largely be explained

by the absence of the initiating exonuclease activity that is required to generate

30-single-stranded DNA as a first step for HR (Huertas and Jackson 2009). The lack

of exonuclease activity is caused by a combination of low levels of the exonuclease

CtIP and a regulatory phosphorylation by CDK activity in the S and G2 phases of

the cell cycle.

13.3.2 BRCA1 and Stimulation of HR

Although the absence of HR activity outside the S/G2 phases of the cell cycle can

be explained by a lack of exonuclease activity, this cannot be the explanation for

DSB repair pathway choice in S/G2, as both pathways are active. HR must

specifically be recruited to DNA ends created during replication in order to be

able to restart the replication fork. Therefore, NHEJ proteins must be actively

counteracted by HR-promoting activities. This function requires not only active

CtIP protein but also the action of the BRCA1 protein (Escribano-Diaz et al. 2013).

Although it is not clear how BRCA1 accomplishes this function, its ubiquitin ligase

activity is most probably required for proper HR activation (Drost et al. 2011).

13.3.3 53BP1 and Stimulation of NHEJ

On the other hand, uninhibited exonuclease activity in S-phase cells may also be

dangerous, as DSBs in non-replicated DNA cannot be repaired by HR because of

the lack of a sister chromatid as repair template. Therefore, several proteins that

oppose the exonuclease activity are required to prevent single-stranded DNA

formation, which would otherwise make NHEJ impossible for these DSBs. The

major regulator that blocks DNA end resection appears to be 53BP1 (Bunting

et al. 2010), which was originally identified as a TP53-interacting protein, in

combination with RIF1, which was originally identified as a telomere-binding

protein (Chapman et al. 2013; Zimmermann et al. 2013). In conclusion, DSB repair

pathway choice appears to be a balancing act with opposing forces pushing the DSB

toward either NHEJ or HR.
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13.3.4 Role of DNA End Structure and Location

In addition to the cell cycle phase, the precise damage at the DNA end is also an

important factor for its repair. Especially DNA ends containing other types of DNA

damage near the end, such as oxidized bases or single-strand breaks, also influence

DSB repair pathway choice (Asaithamby and Chen 2011). It is generally assumed

that more complex types of damage have a higher chance to repair with slow

kinetics and therefore by HR in S/G2 cells. Therefore, different types of ionizing

radiation that produce different relative levels of simple and complex DSBs show

very different repair kinetics and dependence on HR or NHEJ (Shibata et al. 2011).

The difficulty to repair a DSB not only depends on the DNA itself but also on the

chromatin context in which it is induced. As described above, DSBs in heterochro-

matin require a number of additional factors to make NHEJ possible. This class of

“difficult breaks” is repaired by NHEJ in the G1 phase of the cell cycle, whereas HR

takes over this function in G2 cells. However, the difficult breaks can also be

repaired by NHEJ in G2 if exonuclease activity is inactivated by CtIP depletion,

showing that these DSBs are not fundamentally different from G1 DSBs.

13.4 NHEJ Defects in Patients and Mice

Mutations in NHEJ components (core and accessory factors) have been described in

mice and most of them (except Ku70 and Ku80) also in human. Artemis and XLF

defects even have first been described in patients, and the mouse model was

generated afterwards (de Villartay 2009). Table 13.1 summarizes some character-

istics of NHEJ defects in men and mice. The clinical presentations are described in

more detail below.

13.4.1 DNA-PKCS Deficiency

For many years, spontaneous DNA-PKCS mutations have only been reported in

animals: horses of Arabian breed (Shin et al. 1997), the classical SCID mice (Araki

et al. 1997; Blunt et al. 1996), and Jack Russell terriers (Meek et al. 2001). The

phenotype of these animals was reminiscent of the phenotype of classical SCID in

humans. In 2009, the first human patient with a hypomorphic DNA-PKCS mutation

was described (van der Burg et al. 2009). This patient presented with the classical

form of radiosensitive SCID. She had a complete block in precursor B-cell devel-

opment due to defective V(D)J recombination and her fibroblasts showed increased

ionizing radiation sensitivity. The patient had two homozygous DNA-PKCS muta-

tions, from which a missense mutation was proven to be disease causing. Similar to

Artemis-deficient patients, the V(D)J recombination defect in the DNA-PKCS-
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deficient patient was characterized by aberrant opening of the hairpin coding ends

resulting in increased numbers of P-nucleotides. This indicated that the DNA-PKCS

mutant inhibits Artemis activation. Recently, a second DNA-PKCS-deficient patient

was described with a different clinical presentation (Woodbine et al. 2012). The

patient had dysmorphology, severe growth failure, microcephaly, seizures, and

profound globally impaired neurological function. The patient was compound

heterozygous for two new DNA-PKCS mutations. One mutation resulting in loss

of an exon appeared to be inactivating, and the other mutation concerned a

hypomorphic mutation. This second patient illustrates that besides V(D)J recombi-

nation, DNA-PKCS is also important for neurological development in humans,

while mice only seem to depend on DNA-PKCS function for proper immune system

development.

13.4.2 Ligase IV/XRCC4 Deficiency

Several LIG4-deficient patients have been described and all patients are ioniz-

ing radiation (IR) sensitive, because of the NHEJ defect (Ben-Omran

et al. 2005; Buck et al. 2006b; Enders et al. 2006; Grunebaum et al. 2008;

IJspeert et al. 2013; O’Driscoll et al. 2001; Riballo et al. 1999; Toita et al. 2007;

Unal et al. 2009; van der Burg et al. 2006; Yue et al. 2013; Murray et al. 2014).

However, the clinical presentation can be different based on a varying degree of

immunodeficiency and neurological abnormalities (Chistiakov 2010; van der

Burg et al. 2006).

Table 13.1 DNA double-strand break repair mutations and immunodeficiency

HUGO

name Clinical presentation Knockout mouse

Core NHEJ factors

Ku70 XRCC6 Not described Radiosensitive SCID, growth

retardation, T-cell tumors

Ku80 XRCC5 Not described Radiosensitive SCID, growth

retardation

DNA-

PKcs

PRKDC SCID, SCID with microcephaly,

growth retardation, seizures, and

impaired neurological function

Radiosensitive SCID, T-cell

tumors

LIG4 LIG4 SCID, OS, LIG4 syndrome, primordial

dwarfism

Embryonic lethal, apoptosis

of postmitotic neurons

XRCC4 XRCC4 Primordial dwarfism Embryonic lethal, apoptosis

of postmitotic neurons

Accessory NHEJ factors

Artemis DCLRE1C SCID, OS, leaky SCID Radiosensitive SCID

XLF NHEJ1 Microcephaly and immunodeficiency Growth retardation, radio-

sensitive, slightly reduced

lymphocyte numbers
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A LIG4 deficiency can be found in (radiosensitive) leukemia, without overt signs

of immunodeficiency or neurological abnormalities. Patients with the LIG4 syn-

drome present with microcephaly, developmental delay, and mild immunodefi-

ciency, and they have propensity for developing a malignancy. Patients with

RS-SCID or Omenn syndrome closely resemble patients with the LIG4 syndrome,

but the immunodeficiency is more severe and they are diagnosed at younger age.

These patients do not always have microcephaly. There are also patients described

with more prominent neurological abnormalities such as patients with primordial

dwarfism or with the Dubowitz syndrome, which is characterized by microcephaly,

short stature, and mild to severe mental retardation (IJspeert et al. 2013; Yue

et al. 2013).

Recently, the first patients with XRCC4 deficiency have been described

(Shaheen et al. 2014; Bee et al. 2015; de Bruin et al. 2015; Murray et al. 2015;

Rosin et al. 2015). These patients suffer from primordial dwarfism but remarkably

do not have clinical signs of immune deficiency.

13.4.3 XLF Deficiency

Patients with genetic defects in the XLF gene present with microcephaly, growth

retardation, increased ionizing radiation sensitivity, mild to severe immunodefi-

ciency, and, in some patients, autoimmunity (Buck et al. 2006a). This indicates that

in all patients, both the immune system and neuronal development have been

affected. The immunodeficiency is less severe compared to patients with T-B-

SCID.

13.4.4 Artemis Deficiency

The Artemis gene defect has first been described in a group of patients with

RS-SCID, who had classical T-B-SCID (Moshous et al. 2001). The defect in V

(D)J recombination and NHEJ results in a block in precursor B-cell development in

bone marrow and ionizing radiation sensitivity in all cell types (Noordzij

et al. 2002). The role of Artemis in V(D)J recombination is opening of hairpin

coding ends (van der Burg et al. 2007). Another striking feature of Artemis

deficiency is the increased use of microhomology in the switch junctions

(Du et al. 2008). Similar to patients with a RAG deficiency, hypomorphic Artemis
mutations are also known to give rise to a spectrum of clinical phenotypes. This

includes T-B-SCID, but also Omenn Syndrome (Ege et al. 2005), which is charac-

terized by erythrodermia, eosinophilia, and the presence of autologous oligoclonal

T cells, atypical SCID with chronic inflammatory bowel disease, or granulomas

(IJspeert et al. 2011; Rohr et al. 2010). Importantly, several patients with an atypical

clinical presentation developed hematological malignancies (Bajin et al. 2013;
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Moshous et al. 2003), which stresses the importance to treat these patients with

hematopoietic stem cell transplantation. As these patients show increased sensitiv-

ity to several types of DNA-damaging agents, the conditioning regimen should be

adapted to account for the DNA repair defect.

13.4.5 Nijmegen Breakage Syndrome (NBS) and Ataxia-
Telangiectasia (AT)

13.4.5.1 Nijmegen Breakage Syndrome

Mutations in NBN, the gene encoding for NBN, result in Nijmegen breakage

syndrome (NBS) (Weemaes et al. 1981). These patients have a characteristic facial

appearance called birdlike face, microcephaly, growth retardation, immunodefi-

ciency, increased sensitivity to ionizing radiation, and a strong predisposition to

(lymphoid) malignancies (Chrzanowska et al. 2012; Gladkowska-Dura et al. 2008).

More than 90 % of the patients have a homozygous 5-nucleotide deletion

(c.657del5) which causes a premature stop at codon 219 (Varon et al. 1998).

NBN forms a complex with MRE11 and RAD50 and is involved in sensing DNA

DSBs, keeping two DNA ends together and activation of ATM. The immunodefi-

ciency in NBS patients is characterized by strongly reduced absolute numbers of T

and B cells, suggesting a defect in V(D)J recombination. Analysis of immunoglob-

ulin rearrangements did not show differences in length or composition of these

junctions, but NBS patients have increased loss of juxtaposition of the DNA ends,

and this reduces the chance for successful rearrangements (van der Burg

et al. 2010). In NBS patients, class-switch recombination can be affected as well

(Kracker et al. 2005).

13.4.5.2 Ataxia-Telangiectasia

Ataxia-telangiectasia (AT) is a multisystem disorder caused by mutations in the

ATM gene (Savitsky et al. 1995). AT is characterized by cerebellar ataxia,

oculocutaneous telangiectasias, radiosensitivity, chromosomal instability, propen-

sity for development of (mainly hematologic) malignancies, growth retardation,

endocrine abnormalities, and immunodeficiency (McKinnon 2012). As described

above, ATM has many functions and is not only involved in cell cycle regulation

but also in DSB repair during V(D)J recombination and CSR. Clinically, the

immunodeficiency in patients with AT is highly variable, with a predominant

antibody deficiency. Patients with early-onset disease are referred to as having

classical AT. A subset of these classical AT patients has a severe early-onset

hypogammaglobulinemia reminiscent of a CSR deficiency (Driessen et al. 2013).

Patients with variant AT, due to an ATM mutation leading to residual enzyme

activity, have later onset and less severe antibody deficiency.
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Chapter 14

Centromeric Chromatin and Kinetochore

Assembly in Vertebrate Cells

Tatsuo Fukagawa

Abstract The kinetochore is an essential proteinaceous structure of a chromosome

that ensures high-fidelity chromosome segregation during mitosis and meiosis. The

kinetochore is formed on the centromeric region, which is specified at a particular

locus on each chromosome. Centromere specification is governed by sequence-

independent epigenetic mechanisms in most vertebrate cells. Therefore, the centro-

mere has distinct chromatin features compared with other genome loci because of

centromere specification. The most important feature of centromeric chromatin is

that it contains centromere-specific histone CENP-A. However, many of the addi-

tional features of centromeric chromatin were unclear for a long time. In recent

years, proteomics approaches have identified the proteins that associate with

centromeric chromatin. Characterization of these proteins has clarified the archi-

tecture of centromeric chromatin, which is the basis of functional kinetochore

assembly. In this review, we introduce recent insights into the centromeric chro-

matin structure of vertebrate cells and discuss the mechanisms that underlie the

formation of this specific chromatin structure.

Keywords Centromere • Kinetochore • Centromeric chromatin • CCAN •

Artificial kinetochore

14.1 Introduction

After DNA replication, the duplicated genome must be divided into daughter cells.

This process is called “chromosome segregation.” If errors occur during chromo-

some segregation, chromosomal abnormalities, including aneuploidy and chromo-

somal rearrangement, may be present in each daughter cell, causing genetic

diseases including cancer. Therefore, high-fidelity chromosome segregation during

mitosis and meiosis is essential for the maintenance of life. To ensure high-fidelity
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chromosome segregation, spindle microtubules attach to a proteinaceous structure

on the chromosome called a “kinetochore,” which forms on the centromeric region

of each chromosome (Fig. 14.1).

Historically, electron microscopy (EM) was used to observe the fine structure of

kinetochores in vertebrate cells (Luykx 1965; Brinkley and Stubblefield 1966;

Jokelainen 1967). These studies showed that kinetochores have a trilaminar struc-

ture, including electron-dense inner and outer plates and a middle layer (Fig. 14.1).

These observations indicated that the outer plate attaches directly to the micro-

tubules and the inner plate is close to the chromatin, but the molecules involved in

the formation of the plate structure remains unclear. In the 1960s, no proteins had

been identified as kinetochore components. Since the isolation of the first kineto-

chore protein from the sera of subjects with Calcinosis, Raynaud’s syndrome,

Esophageal dysmotility, Sclerodactyly, and Telangiectasia (CREST) syndrome

(Moroi et al. 1980; Earnshaw and Rothfield 1985), in recent years, multiple

kinetochore proteins have been identified in vertebrate cells through biochemical

and proteomic analyses (Perpelescu and Fukagawa 2011; Takeuchi and Fukagawa

2012; Hori and Fukagawa 2012). Characterization of these kinetochore proteins has

provided many insights into the architecture and functions of the kinetochore

(Perpelescu and Fukagawa 2011). Indeed, the kinetochore has various functions,

including microtubule attachments, sister chromatid cohesion, and regulation of the

spindle checkpoint. The kinetochore complex comprises over 100 components and

is divided into subcomplexes, each of which contains several proteins. Each

subcomplex has a distinct function. For example, the mitotic checkpoint complex,

which includes Mad and Bub family proteins, is involved in the regulation of the

spindle checkpoint pathway (Musacchio and Salmon 2007). The kinetochore struc-

ture is large and complex; however, in the present review, we focus on the

fundamental basis of this structure. The kinetochore associates with chromatin,

Sister chromatides

Microtubule

Kinetochore Microtubule
Outer plateInner plate

Middle zone

Fig. 14.1 Diagram of the kinetochore structure. The kinetochore forms on the centromeric region

and directly binds to microtubules. The trilaminar structure of the kinetochore is observed using

electron microscopy. Microtubules bind to the outer plate and the inner plates are associated with

the centromeric chromatin

366 T. Fukagawa



and the chromatin-associated proteins form the essential basis that facilitates the

assembly of the large kinetochore complex. In this review, we describe recent

progress in the characterization of kinetochore proteins located in centromeric

chromatin. We also propose a model of the kinetochore architecture based on our

recent studies. All eukaryote cells from yeasts to humans possess kinetochores, and

yeast genetics have contributed greatly to our understanding of the kinetochore

structure. Numerous studies suggested that the essential kinetochore structure is

conserved between yeasts and vertebrates (Perpelescu and Fukagawa 2011); thus,

in the present review, we particularly focus on kinetochore studies in vertebrates.

14.2 Centromeric DNA in Vertebrate Cells

Because the kinetochore is formed on the centromeric region, we first describe

centromeric DNA. The genome organization in the human centromeric region has

been well studied, and these studies have shown that human centromeres comprise

highly repetitive sequences (Rudd et al. 2003). The repetitive sequence is known as an

α-satellite, and one unit of α-satellite repeats is 171-bp long, although this tandem

repeats span several Mb in the human centromeric region (Fig. 14.2). Each monomer

unit has a complex location, and several monomer units form a higher order repeat

(HOR) unit, which is repeated further (Fig. 14.2). Monomer units that are not ordered

into HOR units are also located in the centromeric region, but they are located at the

edge of centromeres (Fig. 14.2). HOR units are located in the center of centromeres,

Fig. 14.2 Genomic organization of human centromeres. Human centromeres contain α-satellite
sequences. One α-satellite unit is 171-bp long. The α-satellite monomer units form a higher order

repeat (HOR) unit, which is further repeated in human centromere regions, spanning 0.3–5 Mb.

Unordered monomer units are located at the edges of the centromeric regions, which are involved

in heterochromatin formation
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and the essential kinetochore proteins associate with HOR units (Schueler et al. 2001).

In addition to human centromeres, satellite repeats are located in the centromeric

regions of most vertebrate cells such as mice and monkeys. Interestingly, each

repetitive sequence is very divergent. For example, it is difficult to detect homology

between the human α-satellite and the mouse minor satellite that localizes in mouse

centromeres (Wong and Rattner 1988). Thus, we can conclude that the existence of

repetitive sequence in centromeres is a common feature, but the specific sequences are

not conserved among species.

Given that repetitive DNA sequences are present in most centromeres, the

repetitive DNA itself may play an important role in kinetochore formation. How-

ever, the discovery of the neocentromere (Voullaire et al. 1993), which is created

accidentally at a new position on the chromosome following the inactivation of

the original centromere, indicates that repetitive DNA is dispensable because a

chromosome with a neocentromere is segregated into daughter cells, but the

α-satellite sequence is not present in the neocentromere (Voullaire et al. 1993).

Over 100 neocentromeres have been isolated from human clinical samples (Mar-

shall et al. 2008). Sequence analyses of some of these neocentromeres revealed that

there are no common sequence features in neocentromeres.

However, repetitive sequences are always located in most centromeres; thus,

they may have important roles in centromeres. Thus, the repetitive sequence is not

essential for centromere formation, but we favor the hypothesis that the centro-

meres are specified by sequence-independent epigenetic mechanisms (Perpelescu

and Fukagawa 2011).

14.3 Identification and Characterization of Kinetochore

Proteins

The DNA sequence itself is not crucial for kinetochore formation, but kinetochore

proteins are relatively well conserved (Perpelescu and Fukagawa 2011). Therefore,

the characterization of kinetochore proteins is critical for understanding the mecha-

nisms of kinetochore formation.

14.3.1 Traditional Kinetochore Proteins: CENP-A, CENP-B,
and CENP-C

The first identification of vertebrate kinetochore proteins was through the charac-

terization of autoimmune sera from patients affected by the CREST syndrome

(Moroi et al. 1980; Earnshaw and Rothfield 1985). The centromeres in autoimmune

sera were clearly stained by immunofluorescence analysis, thus suggesting that the

antigens for the sera were kinetochore proteins. Further studies revealed that the
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antigens contained three canonical human kinetochore proteins: CENP-A, CENP-

B, and CENP-C (Earnshaw and Rothfield 1985).

14.3.1.1 Centromeric Histone CENP-A

CENP-A is a 17-KDa protein, and Palmer et al. (1987) demonstrated that CENP-A

is a histone H3 variant that forms a nucleosome with histones H2A/B, H4, and

centromeric DNA (Yoda et al. 2000). CENP-A is a good candidate as an epigenetic

mark for sequence-independent centromere specification, because it is incorporated

only in functional centromeres in human dicentric chromosomes (Earnshaw and

Migeon 1985). In addition, all centromeres, including neocentromere, contain

CENP-A. Therefore, studies on CENP-A are highly active in the centromere

research field. In a later section, we present a model of describing the incorporation

of CENP-A into centromeres.

Because CENP-A is likely to be an epigenetic mark for centromere specification,

the CENP-A-containing nucleosomes may have features that are distinct from

canonical nucleosomes. Various models of the structure of CENP-A-containing

nucleosomes have been proposed (Black and Cleveland 2011), and there is an

active debate about whether the CENP-A-containing nucleosomes are octameric

or tetrameric. Originally, the CENP-A-containing nucleosomes were purified from

human cells and stoichiometric CENP-A, H4, H2A, and H2B were observed (Foltz

et al. 2006). Biochemical analysis indicated that each CENP-A nucleosome con-

tains two molecules of CENP-A (Shelby et al. 1997), suggesting that the CENP-A-

containing nucleosomes are octameric. To support the octameric model, CENP-A

nucleosomes were reconstituted with other recombinant histones, and the

reconstituted nucleosomes were found to be octamers (Sekulic et al. 2010; Yoda

et al. 2000). Finally, the crystal structure of the reconstituted CENP-A nucleosome

exhibited an octameric form like canonical nucleosome (Tachiwana et al. 2011).

On the other hand, Henikoff and Dalal proposed a model in which the CENP-A

nucleosome forms a tetrameric structure (Dalal et al. 2007a). They called this

structure a “hemisome,” which contains single copies of CENP-A, H4, H2A, and

H2B. They proposed the hemisome model based on the analysis of cross-linked

chromatin in Drosophila cells (Dalal et al. 2007b) and atomic force microscopic

(AFM) observations of human cells to measure the size of nucleosomes

(Dimitriadis et al. 2010). They also proposed that the composition of the CENP-

A nucleosomes shifts dynamically between an octamer and tetramer during cell

cycle progression (Bui et al. 2012; Shivaraju et al. 2012).

Although the AFM observation suggested that the CENP-A nucleosome is half

the size of the canonical nucleosome (Dimitriadis et al. 2010), Miell et al. (2013)

recently highlighted a technical problem with the AFM measurements. Indeed, the

debate is still active, and it remains unclear how the CENP-A nucleosome is

organized in centromeric chromatin in vivo. Further studies may clarify the

CENP-A structure in vivo. Although CENP-A nucleosomes may have features
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that are distinct from other chromatin regions, additional components may help to

organize the specific structure of CENP-A chromatin.

14.3.1.2 α-Satellite-Binding Protein CENP-B

CENP-A does not have any preference for DNA sequences to form centromeric

nucleosomes, whereas CENP-B specifically binds to α-satellite DNA (Masumoto

et al. 1989). Because the α-satellite array is the major DNA component in human

centromeres, CENP-B was predicted to have an important role in kinetochore

assembly. However, CENP-B does not localize to neocentromeres because of the

lack of α-satellite in neocentromeres. In addition, mice with a disrupted CENP-B

gene remain viable, and chromosome segregation occurs normally in them (Hudson

et al. 1998; Kapoor et al. 1998; Perez-Castro et al. 1998), suggesting that CENP-B

is not essential for the kinetochore assembly process. Both the α-satellite sequence
and its binding protein CENP-B are dispensable for kinetochore formation, but they

are likely to have important roles in centromeres, such as heterochromatin forma-

tion, because most human centromeres contain α-satellite and CENP-B. In addition,
artificial chromosomes are formed efficiently with α-satellite-containing DNA

(Harrington et al. 1997; Ikeno et al. 1998), which suggests some roles for de novo
centromere formation.

14.3.1.3 Essential Kinetochore Protein CENP-C

CENP-C is also one of the autoantigens from the CREST antibodies (Earnshaw and

Rothfield 1985), and it is conserved from yeast to humans. This protein is consti-

tutively localized to the centromeres throughout the cell cycle in the same manner

as other autoantigens such as CENP-A and CENP-B. CENP-C is essential for

kinetochore formation because disruption of CENP-C causes mitotic defects and

subsequent cell death (Fukagawa and Brown 1997; Kalitsis et al. 1998; Tomkiel

et al. 1994). Traditional EM observations (Saitoh et al. 1992) and recent K-SHREC

analysis (Wan et al. 2009) showed that CENP-C is located in the inner kinetochore

and close to the CENP-A nucleosomes. CENP-C has DNA-binding activity, and a

recent biochemical study suggested that the C-terminus of CENP-C interacts

directly with CENP-A (Kato et al. 2013). On the other hand, CENP-C has a long

N-terminal region that interacts with Nnf1 and, more weakly, with Nsl1, both of

which are subunits of the outer kinetochore Mis12 complex (Przewloka et al. 2011;

Screpanti et al. 2011; Gascoigne et al. 2011). Therefore, CENP-C probably con-

nects the inner and outer kinetochore. In addition, the kinetochore-unfolding assay

performed by Ribeiro et al. (2010) demonstrated that CENP-C is required for the

structural integrity of mitotic kinetochore chromatin. Based on these observations,

we conclude that CENP-C is an essential structural protein for kinetochore

assembly.
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14.3.2 Kinetochore Proteins Identified in Recent Years:
Constitutive Centromere-Associated Network (CCAN)

Since the discovery of CENP-A, CENP-B, CENP-C, molecular studies on centro-

meres and kinetochores have been undertaken. However, it was difficult to identify

additional kinetochore proteins for a long time because of the low amounts of

kinetochore proteins and the difficulties in purifying kinetochore complexes. How-

ever, CENP-H (Sugata et al. 1999; Fukagawa et al. 2001) and CENP-I (Nishihashi

et al. 2002) were added to the list in the years following the discovery of CENP-A,

CENP-B, and CENP-C, and they were classified as proteins that localize consti-

tutively to centromeres throughout the cell cycle. In recent years, proteomics

techniques have improved greatly, and genome data on various organisms have

also become available. In this manner, proteomics approaches have been used to

identify additional kinetochore proteins (Okada et al. 2006; Foltz et al. 2006; Izuta

et al. 2006).

Foltz et al. (2006) and Izuta et al. (2006) used immunoprecipitation to purify

CENP-A-associated proteins from human HeLa cells. Based on the mass spectrom-

etry analysis of CENP-A-containing chromatin, they identified CENP-K, CENP-L,

CENP-M, CENP-N, CENP-O, CENP-P, CENP-Q, CENP-R, CENP-S, CENP-T,

and CENP-U (�50) as additional kinetochore proteins (Foltz et al. 2006; Izuta

et al. 2006). At the same time, we used a different approach to identify additional

kinetochore proteins that localize to the centromere throughout the cell cycle. We

used chicken DT40 cell lines to isolate CENP-H- and CENP-I-associated proteins

using a proteomics approach (Okada et al. 2006) and identified CENP-K, CENP-L,

CENP-M, CENP-N, CENP-O, CENP-P, CENP-Q, CENP-R, and CENP-U (�50).

We also used human cells to identify these human homologues. Our further studies

identified CENP-W as a CENP-T-associated protein (Hori et al. 2008a) and CENP-

X as a CENP-S-associated protein (Amano et al. 2009), in both human and chicken

cells.

In summary, three research groups independently isolated 13 additional proteins

(CENP-K-U, CENP-W, and CENP-X) that localize to centromeres throughout the

cell cycle. These 13 proteins, as well as CENP-C, CENP-H, and CENP-I, share a

similar localization profile, and thus 16 proteins are collectively designated as the

constitutive centromere-associated network (CCAN) of proteins (Cheeseman and

Desai 2008; Hori et al. 2008a; Amano et al. 2009). Our EM observations of chicken

DT40 cells showed that CCAN proteins localize to the inner kinetochore region

(Suzuki et al. 2011), suggesting that CCAN forms the foundation for kinetochore

assembly (Fig. 14.3). Biochemical and genetic analyses suggest that CCAN is

divided into several subcomplexes, such as the CENP-O complex (Hori

et al. 2008b; Kagawa et al. 2014), CENP-H complex (Cheeseman et al. 2008),

and CENP-T-W-S-X complex (Nishino et al. 2012). We describe the features of

each subcomplex.
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14.3.2.1 The CENP-O Complex

The CENP-O complex comprises CENP-O, CENP-P, CENP-Q, CENP-R, and

CENP-U, which form a stable complex in vitro, where the localization of these

proteins is interdependent (Hori et al. 2008b). Thus, we classified these proteins as a

group. The proteins in this group are not essential for the growth of chicken DT40

cells because DT40 knockout cells for these proteins are viable (Hori et al. 2008b).

However, because CENP-U-deficient mice are embryonic lethal (Kagawa

et al. 2014), this complex must have important roles in particular cell lineages.

Originally, we identified CENP-U (50) as an MgcRac-GAP-interacting protein and

found that this protein localizes to centromeres throughout the cell cycle in chicken

DT40 cells (Minoshima et al. 2005). At the same time, CENP-O, CENP-P, CENP-

Q, CENP-R, and CENP-U (50) were identified in CENP-A-associated

polynucleosomes from human cells (Foltz et al. 2006; Izuta et al. 2006) or

CENP-H-I-associated proteins from chicken DT40 cells (Okada et al. 2006). The

phenotypes of DT40 cells with disruptions in each knockout cell line (CENP-O-,

CENP-P-, CENP-Q-, CENP-R-, and CENP-U-knockout) are similar. These

CENP-C

CENP-T

CENP-T-W-S-X

Microtubule

Centromeric chromatin:
Inner kinetochore
(CCAN components)

Microtubule binding:
Outer kinetochore

Ndc80 complex

Fig. 14.3 Molecular architecture of the vertebrate kinetochore. The vertebrate kinetochore is

assembled during mitosis and meiosis on large chromatin blocks containing CENP-A nucleosomes

interspersed among H3 nucleosomes. The CENP-T-W-S-X complex binds to approximately a

100-bp region of nucleosome-free DNA and forms a nucleosome-like structure. Sixteen constitu-

tive centromere-associated network (CCAN) components are divided into several subcomplexes

and are assembled on the centromeric chromatin, which correspond to the inner kinetochore

region. The N-terminus of CENP-T interacts directly with the Ndc80 complex in the outer

kinetochore. CENP-C directs a distinct pathway from the CENP-T pathway and connects to the

Mis12 complex, which also binds to the Ndc80 complex. The Ndc80 complex binds directly to the

plus end of the kinetochore microtubules
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observations and the biochemical data support our classification of these proteins as

a subgroup (Hori et al. 2008b).

Because the CENP-O complex constitutively localizes to centromeres, we

predicted that this complex would have functional roles in kinetochores, even if

the knockout cell lines are viable. To uncover the functional roles of the CENP-O

complex during mitosis, we examined mitotic progression following the release

from nocodazole block of cells following disruption of the CENP-O complex

proteins. We found that CENP-O complex proteins are essential for recovery

from spindle damage (Minoshima et al. 2005; Hori et al. 2008b). We also demon-

strated that the phosphorylation sites of CENP-U (50) by polo-like kinase 1, which

were identified by Kang et al. (2006), are essential for the function of CENP-U

(50) (Hori et al. 2008b).

Although we proposed a function for the CENP-O complex protein, this com-

plex may have additional roles during mitosis. For example, Amaro et al. (2010)

suggested that CENP-U binds directly to microtubules. Although this is an inter-

esting observation, the CENP-O complex may not be a major microtubule-binding

complex, because CENP-U-deficient chicken DT40 cells are viable. Therefore,

further characterization of the complex is essential.

14.3.2.2 The CENP-H Complex

Following the discovery of CENP-A, CENP-B, and CENP-C, CENP-H was identi-

fied as a protein that constitutively localizes to the centromeres (Sugata et al. 1999;

Fukagawa et al. 2001). We also identified chicken CENP-I (Nishihashi et al. 2002)

to be a homologue of fission yeast Mis6 proteins (Saitoh et al. 1997) and found that

CENP-I is related to CENP-H (Okada et al. 2006). Although we demonstrated that

both CENP-H and CENP-I are essential for kinetochore formation (Fukagawa

et al. 2001; Nishihashi et al. 2002), the functional roles of these proteins during

mitosis were unclear. To obtain insights into the functional roles of CENP-H and

CENP-I, we attempted to identify CENP-H/CENP-I interacting proteins using the

proteomics approach and found additional constitutive centromere proteins (Okada

et al. 2006). Based on biochemical and cell biological analyses, we classified

CENP-H, CENP-I, CENP-K, CENP-L, CENP-M, and CENP-N proteins as a

group. It is possible that we further divided subgroups because CENP-N forms a

tight complex with CENP-L (Carroll et al. 2009) and CENP-H/CENP-I/CENP-K

forms a complex (Cheeseman et al. 2008). DT40 knockout cells for these proteins

exhibited strong mitotic delays, and the kinetochore localization of these six pro-

teins was interdependent. Although CENP-K (Solt) or -M (PANE1) was originally

identified in the context of transcription (Yamashita et al. 2000) or cell proliferation

(Bierie et al. 2004), respectively, the relationships between kinetochore function

and these biological events remain unclear.

The kinetochore localization of the CENP-H complex depends on CENP-A,

indicating that the localization of the complex to kinetochores occurs downstream

of CENP-A (Regnier et al. 2005; Okada et al. 2006). Although the CENP-H
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complex is downstream of CENP-A, the incorporation of newly synthesized GFP-

CENP-A into kinetochores is reduced in CENP-H-, CENP-I-, CENP-K-, and

CENP-M-deficient cells (Okada et al. 2006), suggesting that the CENP-H complex

facilitates the deposition of newly synthesized CENP-A into centromeres. As

discussed in a later section, the CENP-A-specific chaperon HJUPR appears to be

involved in the direct deposition of CENP-A into centromeres (Foltz et al. 2009;

Dunleavy et al. 2009). However, our data indicate that CENP-H also plays roles in

the process of CENP-A incorporation into centromeres. Recently, we demonstrated

that the chromatin-remodeling factor facilitates chromatin transcription (FACT)

supports CENP-A deposition in a coordinated manner with the CENP-H complex

(Okada et al. 2009). FACT localizes to kinetochores, and the kinetochore localiza-

tion of FACT is reduced in cells, where the CENP-H complex is disrupted. In

agreement with this observation, newly synthesized CENP-A is not efficiently

incorporated into centromere in FACT-deficient cells (Okada et al. 2009).

In addition to our findings, some studies have addressed the functional roles of

the CENP-H complex. Carroll et al. (2009) demonstrated that CENP-N can directly

bind CENP-A-containing nucleosomes in vitro, which may facilitate kinetochore

assembly. In addition, some studies suggested that CENP-I is related to activation

of the spindle checkpoint pathway (Liu et al. 2003; Matson et al. 2012; Matson and

Stukenberg 2014). Furthermore, Amaro et al. (2010) suggested that the CENP-H

complex proteins may contribute to the molecular control of kinetochore-

microtubule dynamics and chromosome oscillations, although they predicted that

CENP-Q (CENP-O complex protein) may directly bind microtubules. Because the

localization of CENP-O depends on the CENP-H complex (Hori et al. 2008b), these

complexes are closely located in kinetochores. Although knowledge of the CENP-

H complex has accumulated, the precise function of this complex is still largely

unknown.

14.3.2.3 The CENP-T-W-S-X Complex

Originally, CENP-T and CENP-S were identified by proteomics analysis in CENP-

A-containing chromatin (Foltz et al. 2006). Following the identification of CENP-T

and CENP-S, we identified CENP-W as a CENP-T-interacting protein (Hori

et al. 2008a) and CENP-X as a CENP-S-interacting protein in both human and

chicken cells (Amano et al. 2009). Because CENP-T and CENP-W possess poten-

tial histone-fold domains, we predicted that these two proteins may bind to DNA

directly. Indeed, we demonstrated that CENP-T forms a tight complex with CENP-

W and that the CENP-T-W complex has DNA-binding activity (Hori et al. 2008a).

Because the CENP-T-W complex directly binds DNA, we tested whether the

CENP-T-W complex associates with the CENP-A-containing nucleosome. Inter-

estingly, the CENP-T-W complex preferentially associates with centromeric

H3-containing nucleosomes, but not with CENP-A-containing nucleosomes (Hori

et al. 2008a). This result was also confirmed by super-resolution microscopic

observations of centromeric chromatin (Ribeiro et al. 2010). However, the
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localization of CENP-T in the centromere depends on CENP-A, although CENP-T

does not interact directly with CENP-A. This suggests that CENP-A has a critical

role in the establishment of the centromere-specific chromatin structure.

Although CENP-A localization appears to occur upstream of CENP-T, the

kinetochore localization of the CENP-H group occurs downstream of CENP-T

(Hori et al. 2008a). However, CENP-T signals are also reduced in CENP-H-

deficient cells, suggesting that the CENP-H group is also involved in the formation

of centromeric chromatin by associating with the CENP-T complex.

CENP-S and CENP-X also possess potential histone-fold domains and form a

tight complex similar to the CENP-T-W complex (Amano et al. 2009). These two

complexes have similar structural features and associate with each other in DT40

cells (Amano et al. 2009). To determine the relationships among these

subcomplexes, we purified recombinant protein complexes and examined their

biochemical features. CENP-T and CENP-W form a heterodimer, whereas

CENP-S and CENP-X form a heterotetramer. Next, we mixed these two complexes

and found that the dimer portion of CENP-S-X in the heterotetramer is replaced

with CENP-T-W, and these proteins form a stable CENP-T-W-S-X tetramer

(Nishino et al. 2012). We also crystallized the CENP-T-W-S-X complex and

determined its structure at a resolution of 2.4 Å. The crystal structure clearly

indicated that the CENP-T-W-S-X complex exhibits a histone-like structure, and

the DNA-binding surface of the complex was similar to that of the canonical

nucleosome (Nishino et al. 2012).

The CENP-T-W-S-X structure is similar to that of canonical histones; thus, it is

possible that the complex induces supercoils in DNA to form a nucleosome-like

structure. We then investigated DNA supercoiling activity of the complex. Inter-

estingly, the CENP-T-W-S-X complex induces positive supercoils into DNA

(Takeuchi et al. 2014), whereas the canonical histone octamers induce negative

supercoils. Furuyama and Henikoff proposed that positive supercoils are present in

centromere chromatin based on the analysis of yeast mini-chromosomes (Furuyama

and Henikoff 2009). There is still an active debate regarding the structure and

topology of CENP-A nucleosomes. However, if the centromeres have special

topological features, it is possible that the CENP-T-W-S-X complex contributes

to the specific topology of centromeres (Takeuchi et al. 2014). The specific topo-

logy may function by marking a specialized genome region. Therefore, we consider

that the CENP-T-W-S-X nucleosome-like structure contributes to the formation of

the centromere-specific chromatin structure to form a functional kinetochore

(Fig. 14.3).

CENP-W, CENP-S, and CENP-X are approximately 100-amino acid proteins,

and the overall regions of these proteins are histone-like, whereas CENP-T is

approximately a 600-amino acid protein in which the C-terminal 100-amino acid

region contains a histone-fold domain. The remaining 500-amino acid region is

predicted to be an unstructured domain (Suzuki et al. 2011). Based on biochemical

and cell biological analyses, we showed that the N-terminal end of CENP-T is

essential for the recruitment of the Ndc80 complex to kinetochores (Gascoigne
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et al. 2011; Nishino et al. 2013). Interestingly, the CENP-T-Ndc80 interaction is

facilitated through the phosphorylation of CENP-T by CDK (Gascoigne

et al. 2011). We analyzed the crystal structure of the CENP-T-Ndc80 complex

and found that the phosphorylation of T72 in chicken CENP-T produces a salt bridge

for R74, which enhances the interactionwith theNdc80 complex (Nishino et al. 2013).

The Ndc80 complex directly binds to microtubules and associates with the Mis12

complex, which interacts with CENP-C. However, our data suggested that CENP-T

also connects with theNdc80 complex and the localization of CENP-T is distinct from

that of CENP-C. These observations suggest that two parallel pathways may connect

centromeric chromatin with the Ndc80 complex (Hori et al. 2008a; Nishino

et al. 2013) (Fig. 14.3).

In addition to its involvement in interactions with the Ndc80 complex, the

N-terminal 500-amino acid region of CENP-T has another function. Based on

EM observations, we found that the centromeres are deformed and stretched by

the tension from spindle microtubules during mitosis and the 500-amino acid region

of CENP-T is responsible for this centromere deformation (Suzuki et al. 2011).

Because the 500-amino acid region of CENP-T is unstructured and flexible, we

proposed that this flexibility is utilized for centromere deformation or stretching

caused by tension from the spindle microtubules (Suzuki et al. 2011). Although the

significance of centromere stretching remains unclear, it may be related to release

from the spindle checkpoint (Uchida et al. 2009; Maresca and Salmon 2009).

CENP-T is involved in various kinetochore functions and is a critical protein for

centromeres.

14.4 CENP-A Incorporation to Establish Centromeric

Chromatin

Centromeres contain various chromatin-associated proteins, and the coordination of

these proteins contributes to the formation of the centromere-specific chromatin

structure. Centromere-specific histone H3 variant CENP-A is located upstream in

the centromeric chromatin establishment process. Therefore, it is essential to clarify

the molecular mechanisms that allow CENP-A to be incorporated appropriately

into centromeres.

To elucidate the CENP-A incorporation mechanism, factors involved in CENP-

A localization were screened using the fission yeast Schizosaccharomyces pombe.
This screening process identified the proteins Mis16 and Mis18 (Hayashi

et al. 2004). Mis16 is a S. pombe homologue of the vertebrate pRab46/48, which

is a chaperone for histone H3. Although pRab46/48 does not appear to be a CENP-

A-specific chaperone in vertebrate cells because pRab46/48 does not directly bind

to CENP-A, pRab46/48 disruption by RNAi reduced CENP-A incorporation into

centromeres (Hayashi et al. 2004). Thus, pRab46/48 may be involved in CENP-A
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incorporation into centromeres, although the molecular mechanisms are largely

unknown.

On the other hand, the involvement of Mis18 in CENP-A incorporation is much

clearer. Based on database searches, two kinds of Mis18 homologues were identi-

fied in vertebrate cells and are designated as Mis18α/β. Furthermore, the

Mis18α/β-interacting protein M18BP1 was identified based on proteomics analysis

(Fujita et al. 2007). A Caenorhabditis elegans homologue of M18BP1 was identi-

fied independently as KNL-2 (Maddox et al. 2007). Biochemical analysis revealed

that Mis18α, β, and M18BP1 (KNL-2) form a complex (Mis18 complex) in human

cells (Fujita et al. 2007). Disruption of the Mis18 complex by RNAi reduced CENP-

A incorporation into centromeres (Hayashi et al. 2004; Fujita et al. 2007).

In general, histone incorporation is coupled with DNA replication. In contrast to

canonical histones, however, CENP-A incorporation occurs independent of DNA

replication (Jansen et al. 2007). Jansen et al. (2007) used the SNAP-tag technology

to extensively analyze the timing of CENP-A incorporation and concluded that the

incorporation of newly synthesized CENP-A occurs during the early G1 phase.

Thus, the centromeric localization of the Mis18 complex may be related to the

timing of CENP-A incorporation. The Mis18 complex begins to localize to the

centromere during anaphase, and the centromere localization is maintained during

telophase, but this complex disappears during the G1 phase (Hayashi et al. 2004;

Fujita et al. 2007). Because the Mis18 complex only localizes to centromeres just

prior to CENP-A incorporation, the complex may “license” the centromeric chro-

matin for CENP-A incorporation (Fig. 14.4). The molecular basis of this process

remains unclear, but histone acetylation may be involved because the CENP-A

incorporation defects caused by Mis18 knockdown were rescued by treatment with

a histone deacetylase (HDAC) inhibitor (Fujita et al. 2007). Further studies are

required to elucidate the molecular mechanisms of CENP-A incorporation through

the Mis18 complex.

The Mis18 complex does not directly bind to CENP-A, although the complex

appears to facilitate CENP-A incorporation into centromeres. Therefore, a CENP-

A-specific chaperone that directly recruits CENP-A into centromeres should exist.

Indeed, the factor has been identified as a CENP-A-binding protein based on the

biochemical purification from a cytoplasmic fraction of human cells (Foltz

et al. 2009; Dunleavy et al. 2009). This factor called as HJURP directly binds the

CENP-A-H4 complex before its chromatin incorporation, and it leaves from the

chromatin after the deposition of CENP-A during the G1 phase (Fig. 14.4) (Foltz

et al. 2009; Dunleavy et al. 2009). Yeast Scm3 may be a counterpart of HJUPR,

although its sequence homology is limited (Sanchez-Pulido et al. 2009). The Scm3

directly binds to Cse4 (yeast CENP-A) (Mizuguchi et al. 2007; Pidoux et al. 2009;

Williams et al. 2009) and was originally proposed to be a nucleosome component in

centromeres (Mizuguchi et al. 2007). However, additional studies suggested that in

yeast cells, Scm3 functions as a Cse4 chaperone rather than as a nucleosome

component (Camahort et al. 2007). Based on these data, we propose that the

mechanism of CENP-A incorporation through HJUPR is conserved (Fig. 14.4).
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A model for CENP-A incorporation has been proposed (Fig. 14.4) in which the

Mis18 complex licenses centromeric chromatin and CENP-A is targeted to the

chromatin through HJUPRP during the G1 phase. However, the mechanism with

which HJUPR recognizes the centromeric region remains unclear. It is thus essen-

tial to elucidate this mechanism to establish the centromeric chromatin structure.

14.5 Maturation of Centromeric Chromatin

It is clear that CENP-A-containing nucleosome is a key molecular feature required

to establish the centromeric chromatin. However, CENP-A does not simply induce

centromere formation in vertebrate cells (Gascoigne et al. 2011; Van Hooser

et al. 2001), although Drosophila CENP-A could (Mendiburo et al. 2011). We

also observed ectopic CENP-A incorporation near the centromeric regions and

found that this ectopic “CENP-A cloud” functions as a seed for neocentromere

formation (Shang et al. 2013), although this region is usually suppressed during

Fig. 14.4 Scheme of

CENP-A incorporation

pathway. From anaphase to

telophase, the Mis18

complex localizes to

centromeres and licenses

the chromatin for the

incorporation of new

CENP-A. Soluble CENP-A-

H4 binds to HJURP, and the

CENP-A-H4-HJURP

complex is deposited onto

the prepared chromatin

during early G1. Following

CENP-A incorporation,

H4K20 is monomethylated

in the CENP-A

nucleosomes (maturation of

the CENP-A chromatin).

Constitutive centromere-

associated network (CCAN)

proteins are assembled on

the mature centromeric

chromatin, and kinetochore

assembly occurs

subsequently
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kinetochore assembly. Therefore, it is interesting to examine how cells distinguish

centromeric CENP-A and ectopic CENP-A. We hypothesized that there are addi-

tional marks in active centromeres and sought them in centromeres.

We focused on histone modifications as the centromere marks and found that

Lys20 of histone H4 in CENP-A nucleosomes is particularly monomethylated

(H4K20me1 modification) (Hori et al. 2014). Although H4K20me1 generally

occurs in gene bodies of some transcribed genes, CENP-A is not detected in

these regions. In addition, H4K20me1 is not detected in the ectopic “CENP-A

cloud” near centromeres. It is the only centromeric region that contains both CENP-

A and the H4K20me1 modification (Hori et al. 2014).

We also found that H4K20me1 modification occurs after CENP-A incorporation

and this modification is maintained throughout the cell cycle (Hori et al. 2014). To

determine the functional significance of the H4K20me1 modification, we devel-

oped an experimental system in which H4K20me1 levels were reduced in centro-

meric regions and cells exhibited abnormal mitotic behavior and CENP-H and

CENP-T were not assembled on the centromeres. Based on the results of these

functional assays, we conclude that the H4K20me1 modification occurs after

CENP-A deposition during G1 and this modification is essential for kinetochore

assembly (Fig. 14.4).

14.6 Creation of Artificial Kinetochores

An ultimate goal of this research field is the creation of artificial functional

kinetochores in vitro. However, before reaching this ultimate goal, it would be

useful to create an artificial kinetochore in vivo. Indeed, multiple groups have

attempted to create an artificial kinetochore using genetic engineering (Gascoigne

et al. 2011; Guse et al. 2012; Barnhart et al. 2011; Mendiburo et al. 2011; Hori

et al. 2013). For example, a cell line was established with an array of Lac-O

operators at a noncentromeric region, and the Lac-I-fused kinetochore protein

was expressed in the cell line where the Lac-I fusion protein was tethered on the

Lac-O array. Next, we analyzed whether an artificial kinetochore is formed at the

noncentromeric region.

Barnhart et al. prepared a Lac-I fusion protein with HJURP and tethered the Lac-

I-HJUPR onto a noncentromere locus in human U2OS cells (Barnhart et al. 2011).

They observed that CENP-A was recruited at the noncentromere locus and kinet-

ochore assembly was induced at the Lac-O locus. Similarly, Mendiburo

et al. demonstrated that the tethering of Lac-I-fused Cid (Drosophila CENP-A) to

a Lac-O locus at a noncentromeric region also induced kinetochore assembly in

Drosophila S2 cells (Mendiburo et al. 2011). In addition, Guse et al. prepared

CENP-A-containing polynucleosomes in vitro and mixed Xenopus egg extracts

with CENP-A polynucleosomes (Guse et al. 2012). They showed that kinetochore

assembly occurred on the CENP-A-containing polynucleosomes. Further analysis

revealed that six amino acids on the C-terminus of CENP-A, which are not
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contained in canonical histone H3, are essential for kinetochore assembly (Guse

et al. 2012). Thus, if CENP-A is artificially tethered to a particular position,

kinetochore assembly appears to be induced. However, we propose that highly

concentrated CENP-A provides a mark for kinetochore assembly rather than func-

tioning as a structural protein, because ectopic CENP-A does not simply induce

kinetochore assembly in vertebrate cells.

Therefore, we hypothesized that there are key structural proteins in centromeres

for kinetochore assembly. If a key structural protein is tethered at a particular

position, it may be possible that the function of CENP-A is to be bypassed. We

predicted CENP-T to be a key structural protein for kinetochore assembly, because

it associates with centromeric chromatin via its C-terminal histone-fold domain

(Nishino et al. 2012), whereas the N-terminal end of CENP-T associates with the

outer kinetochore protein (Gascoigne et al. 2011; Nishino et al. 2013). Therefore,

we tethered CENP-T-Lac-I to the Lac-O array at a noncentromeric region and

attempted to generate an artificial kinetochore (Gascoigne et al. 2011; Hori

et al. 2013). Our results showed that a CENP-T-derived artificial kinetochore was

formed in chicken DT40 cells, because the artificial kinetochore could be

completely replaced with an endogenous kinetochore (Hori et al. 2013). Surpris-

ingly, we did not detect CENP-A and the other CCAN proteins associated with the

centromeric chromatin in the artificial kinetochore, although the Ndc80 complex

was clearly recruited. These results indicate that the CENP-T-derived kinetochore

bypasses the requirement for CENP-A nucleosomes (Fig. 14.5). We also created

another artificial kinetochore by tethering CENP-C to a noncentromere locus (Hori

et al. 2013) (Fig. 14.5). CENP-C also recruits the Ndc80 complex by interacting

with the Mis12 complex (Przewloka et al. 2011; Screpanti et al. 2011). As observed

in the CENP-T-derived kinetochore, CENP-A and other CCAN proteins were not

detected in the CENP-C-derived artificial kinetochore (Fig. 14.5) (Hori et al. 2013).

Considering these data, we conclude that CENP-A is not necessary for kinetochore

formation, if the Ndc80 complex is artificially located at a particular genome locus

(Fig. 14.5).

We demonstrated that the artificial kinetochore could bypass CENP-A-

containing chromatin. However, how the natural centromere is specified at a

particular position remains unknown. The centromeric chromatin has distinct

features, and it contains CENP-A-containing nucleosomes, centromere-specific

H3 nucleosomes, and CENP-T-W-S-X nucleosome-like structures (Fig. 14.3). In

addition, the histones are particularly modified in centromeric chromatin. Although

we found H4K20me1 modification in the CENP-A nucleosomes, it is possible that

additional histone modifications may occur in either CENP-A or H3 nucleosomes.

We consider that the coordination of these factors is crucial for the establishment of

the centromere-specific chromatin structure (Fig. 14.3). Our chromosome engineer-

ing technique based on chicken DT40 cells is a powerful approach to understand the

molecular mechanisms of centromeric chromatin establishment.
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14.7 Future Perspectives

In recent years, most of the kinetochore components have been identified in

vertebrate cells, and the characterization of each component is underway. Based

on various studies, we propose a model for the molecular architecture of the

kinetochore (Fig. 14.3). In addition to various analyses of the protein–protein

interactions required for kinetochore assembly, we also created artificial kineto-

chores (Fig. 14.5). Thus, our understanding of kinetochore architecture has increased

dramatically compared with that 10 years ago. However, we are still far from a

comprehensive understanding of the kinetochore architecture and the molecular

mechanisms that allow the whole structure to be established. To further understand

the kinetochore structure and the mechanisms of kinetochore formation, we must

clarify the kinetochore structure at a high resolution. In addition to X-ray crystal

analyses, the Cryo-EM technique may be useful for analyzing larger molecular

complexes. Needless to say, the combination of these structural views with chromo-

some engineering, genetics, and cell biology is essential. As mentioned above, the

ultimate goal of this field is to create functional artificial functional kinetochores

in vitro. Thus, it is crucial to acquire further knowledge on the kinetochore structure

and its formation mechanisms to reach this ultimate goal.

Fig. 14.5 Creation of two kinds of artificial kinetochore. (a) CENP-T-derived kinetochore. If the

CENP-T N-terminus is tethered to a noncentromere locus using the Lac-I–Lac-O system, an

artificial kinetochore is formed on the noncentromeric Lac-O site. Most CCAN proteins including

CENP-A are not detected in the artificial kinetochores. However, the chromosome passenger

complex (CPC) and the Ndc80 complex are recruited and the artificial kinetochores are fully

functional. (b) CENP-C-derived kinetochore. Similar to CENP-T tethering, the tethering of

CENP-C N-terminus to the Lac-O site creates a CENP-C-derived artificial kinetochore. As

observed in the CENP-C-derived kinetochore, most CCAN proteins, including CENP-A, are not

detected in the artificial kinetochores
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Chapter 15

CST Complex and Telomere Maintenance

Fuyuki Ishikawa

Abstract The CST complex is a novel single-stranded DNA-binding protein

complex conserved from budding yeast to humans. CST and RPA comprise a

protein family characterized by a trimeric protein complex possessing multiple

OB fold domains. As in the case of RPA, CST is also involved in DNA metabolism.

However, while RPA is essential for conventional DNA replication, CST plays a

specific role in de novo DNA synthesis. CST physically and genetically interacts

with the DNA polymerase α/primase complex, thereby activating its activity.

Consistently, mammalian CST was originally identified as a DNA polymerase α
accessory factor. Recent studies have revealed that CST is required for the fill-in

DNA synthesis in telomere DNA processing. Failure of CST function results in

telomere deprotection, cell cycle arrest due to DNA-damage checkpoint activation,

and genetic instability.

Keywords Cdc13 • Ctc1 • Stn1 • Ten1 • Telomere • DNA polymerase α • Primase •

Replication • DNA synthesis • Coats plus syndrome

15.1 Telomeres

All eukaryotic cells maintain their nuclear genome as linear DNAs (reviewed in

Ishikawa and Naito 1999). However, the consequent DNA terminus is a highly

reactive region. It easily undergoes end joining with other termini, homologous

recombination, and nucleolytic reactions catalyzed by various exonucleases.

Because such reactions pose a critical threat on the stable maintenance of genetic

materials, organisms have evolved specialized chromatin structures, called telo-

meres, to protect DNA termini from these noxious reactions.

In most organisms, including all described in this review, telomere DNA con-

sists of tandem arrays of short double-stranded telomere repeat sequences. One

strand of these telomere repeats is guanine rich (TG1–3 in budding yeast and

TTAGGG in vertebrates), and the other is cytosine rich (C1-3A and CCCTAA).
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They are called the G strand and C strand and are synthesized by the leading and

lagging strand syntheses, respectively (Fig. 15.1 left). The G strand exists with its 30

terminus oriented toward the end of the DNA end. The length of double-stranded

telomere repeats depends on the species. For example, budding yeast Saccharo-
myces cerevisiae possesses ~350 bp of duplex C1-3A/TG1–3 repeats at individual

telomeres, while human cells typically have a few ~20 kb duplex TTAGGG/

CCCTAA repeats. The very end of the G strand is single stranded, comprising a

30 overhang (Fig. 15.1 left). This single-stranded telomere repeat section is called

the G tail, approximately 50–200 nt in size.

In conventional DNA replication, the primer is generated by primase as a short

RNA fragment of ~10 nt. DNA polymerase α (DNA polα) extends DNA from the

primer to form an RNA-DNA hybrid. These reactions are performed by the DNA

polα/primase complex. Although most DNA synthesis is achieved by the

processive DNA polymerases ε and δ in the leading strand synthesis of DNA

replication, the priming and extension reactions by DNA polα/primase occur

when the DNA synthesis starts at the replication origin. In contrast during lagging

3'
5'

G strand

C strand

G tail

C strand lagging synthesis

G strand leading synthesis

(A) (B)

a)

b)

c)

d)

d)

Exonuclease

e)

f)

g)
telomerase

Fig. 15.1 (Left) DNA replication at telomeres. (a) Telomere DNAs consist of the G strand and C

strand. The 30 terminus of the G strand is overhanging and called the G tail. (b) Upon an initiating

event, a replication fork progresses from proximal regions to telomeres. Nascent DNAs and an

RNA primer are indicated by dotted lines and a wavy line, respectively. (c) The telomere G and C

strands are invariably replicated by leading and lagging strand syntheses, respectively. The C

strand lagging synthesis fails to replicate the most distal template DNA. (d) Immediately after

replication, it is expected that telomere DNA replicated by lagging strand synthesis is 30 over-
hanging, whereas that by leading strand synthesis is blunt ended. (Right) Post-replicative telomere

DNA processing. Telomere DNAs immediately after the completion of semiconservative replica-

tion (same with left, d). (e) The C strand DNA is resected by exonuclease(s). (f) Both daughter

telomeres are 50 overhanging. (g) Telomerase elongated the G strands of two daughter telomeres
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strand synthesis, DNA polα/primase is repeatedly required to initiate Okazaki

fragment synthesis. RNA primers residing in an Okazaki fragment are eventually

displaced and degraded by an upstream DNA polymerase to produce a continuous

DNA strand. However, at the most distal lagging strand syntheses occurring at

telomeres, there is no upstream DNA polymerase, and accordingly there is no

means to replace an RNA primer by DNA. Furthermore, there is no mechanism

to initiate Okazaki fragment synthesis directly from the very end of the template

DNA strand. Accordingly, the lagging strand synthesis of telomere DNA is incom-

plete, leaving a 30-overhanging G strand (Fig. 15.1 left, c). This results in the

gradual shortening of telomere DNA every time cells proliferate (also known as

the “end replication problem,” Fig. 15.1 left).

Because the leading strand synthesis will processively replicate up to the very

end of telomere DNA, it is expected that the leading-end telomeres (telomeres

whose nascent DNA is synthesized by leading strand synthesis in the last repli-

cation) have blunt ends, in contrast to the 30-overhanging lagging-end telomeres

(Fig. 15.1 left, d). This situation predicts that telomere DNA ends should exist as

either blunt ended or 30-overhanged varieties with a 1:1 molar ratio. However, it

was demonstrated that virtually all telomeres possess 30-overhanging G tails

(Makarov et al. 1997). This observation predicted that the blunt DNA end produced

by leading strand synthesis must undergo DNA degradation by 50 exonucleases to
generate a 30-overhanging G tail. Indeed, it is now known that nascent telomere

DNAs produced by both leading and lagging strand syntheses are processed by 50

exonucleases immediately after DNA replication in S/G2 phase, as will be

discussed below. The resulting 30-overhanging G tails are good substrates for

telomerase (Fig. 15.1 right, g).

15.2 Budding Yeast CST

Chromosomes in the budding yeast Saccharomyces cerevisiae end with ~350 bp of

duplex C1-3A/TG1–3 DNA followed by a G tail. The length of the G tail is regulated

during the cell cycle, culminating to ~300 nt at late S phase (Wellinger et al. 1993).

The CDC13 gene was originally isolated as being responsible for a temperature-

sensitive cdc13-1mutant that showed cell cycle arrest at late S/G2 upon transferring

to nonpermissive temperatures. CDC13 is essential, and cdc13-1 possessed extraor-
dinarily long 30-protruding single-stranded telomere and subtelomere DNAs as

large as 17 kb at nonpermissive temperatures, which lead to DNA-damage check-

point-mediated cell cycle arrest (Garvik et al. 1995). The wild-type Cdc13p binds

specifically to single-stranded G strand DNA (Nugent et al. 1996; Lin and Zakian

1996) and protects C strand DNA from degradation by exonucleases including

Exo1p (Maringele and Lydall 2002). This protection was impaired in cdc13-1,
leading to a production of long single-stranded DNAs at chromosomal termini.

Subsequently, Stn1p encoded by STN1 (suppressor of cdc thirteen) was found to

physically associate with Cdc13p and Ten1p, encoded by TEN1 (telomeric
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pathways in association with Stn1), to associate with both Cdc13p and Stn1p

(Grandin et al. 1997, 2001). Importantly, STN1 and TEN1 are also essential, and

inactivation of either leads to telomeric single-stranded DNA accumulation and

checkpoint-dependent cell cycle arrest as shown by cdc13 mutants (Grandin

et al. 1997, 2001; Xu et al. 2009). Collectively, the Cdc13-Stn1-Ten1 (CST)

complex plays a critical role in telomere protection by preventing exonucleolytic

attacks.

RPA (replication protein A) is a heterotrimeric protein complex consisting of

Rpa1 (RPA70 in mammals), Rpa2 (RPA32), and Rpa3 (RPA14) proteins with a

1:1:1 stoichiometry. It binds single-stranded DNA in a sequence-independent

manner, is highly conserved among eukaryotes, does not have any enzymatic

activity, and is essential in DNA replication and repair (reviewed in Ran and

Marc 2014). It has been found that the three RPA subunits are comprised of OB

(oligonucleotide/oligosaccharide-binding) fold domains. An OB fold is a domain

involved in various functions, including single-stranded DNA binding (reviewed in

Bochkarev and Bochkareva 2004). Rpa1 contains four OB fold domains, while

Rpa2 and Rpa3 have a single OB fold domain each.

It was later found that the three subunits of CST complex also contain OB fold

domains (Mitton-Fry et al. 2002; Gao et al. 2007; Sun et al. 2009; Lewis andWuttke

2012; and references therein). Therefore, CST belongs to a protein family charac-

terized by trimeric complex formation, OB fold domains, and single-stranded

DNA-binding ability (Fig. 15.2).

Fig. 15.2 Schematic diagram of budding yeast CST (ScCST), human CST (hCST), and human

RPA (hRPA) showing the key protein domains. Location of OB fold domains (including those

currently only predicted) is shown by black boxes. Numbers indicate positions of amino acids. See

text for references
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15.3 DNA Polymerase α at Telomeres

The DNA polα/primase complex consists of four components: two comprise

polymerase α – the catalytic subunit and the B subunit – while the remaining

catalytic small subunit and the regulatory large subunit constitute primase

(reviewed in Pellegrini 2012). It was found that telomere length is elongated in

pol1-1 (also called cdc17-1) mutants, indicating that a proficient catalytic subunit of

DNA polymerase α encoded by POL1 (CDC17) is required for proper telomere

length control (Carson and Hartwell 1985). When the temperature-sensitive pol1-1
was shifted to nonpermissive temperatures, G-tail length was extended immedi-

ately, and subsequently telomere length was increased (Adams and Holm 1996;

Adams Martin et al. 2000). In this setting, G-tail elongation does not require

telomerase activity, but the telomere lengthening process does. Similar observa-

tions were identified in fission yeast and humans (Dahlen et al. 2003; Nakamura

et al. 2005). Taken together, these results indicate that proper G-tail formation is

required for regulating telomerase reactions and that G-tail formation depends on

DNA synthesis by DNA polymerase α. However, these mutants also showed

growth defects, suggesting that the mutant Pol1p was defective in the overall

DNA polymerase α/primase activity, making it difficult to answer whether the

telomere phenotype was caused by a general defect in the semiconservative repli-

cation mechanism or through a defect of telomere-specific roles played by DNA

polα/primase. Subsequently, another pol1 mutant was isolated in which telomere

length was deregulated, but cell growth was normal – suggesting a telomere-

specific role of the catalytic subunit of polα (Qi and Zakian 2000). A phenotypically

similar mutant, pol12-216, defective of POL12 which encodes the B subunit of

polymerase α, was identified. While cell growth was normal in this mutant, both

telomere and G-tail lengths were significantly increased upon temperature shift of

pol12-216 cells to a semi-permissive condition (Grossi et al. 2004). These results

strongly suggest that DNA polα plays a telomere-specific role, in addition to de

novo DNA synthesis during semiconservative replication. How is the telomere-

specific function achieved by DNA polymerase α? It was found that Pol1p physi-

cally interacts with Cdc13p (Qi and Zakian 2000). Moreover, pol12-216 and stn1
mutations showed synthetic lethality, suggesting a functional connection between

the B subunit of DNA polymerase α and Stn1p. Indeed, it was shown that Pol12p

and Stn1p physically interact with each other (Grossi et al. 2004). Together, the

DNA polα/primase and CST complexes cooperatively participate in telomere

maintenance via two physical interactions between (1) the catalytic subunit of

polymerase α and Cdc13 and (2) the B subunit and Stn1. It is most likely that

DNA polα/primase is required for a telomere-specific C strand fill-in reaction

through the aid of CST (Qi and Zakian 2000; Grossi et al. 2004).

As stated above, G tails in budding yeast are most prominent in the late S/G2

phase and less evident in other phases of the cell cycle (Wellinger et al. 1993).

Theoretically, an increase of G-tail length can be caused by either G-tail extension

or C strand degradation. One possible scenario is where G-tail length is extended
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via G-tail elongation by telomerase. It is known that de novo telomere addition by

telomerase in budding yeast requires functional DNA polα/primase and DNA

polymerase δ, suggesting a tight coordination between the G strand and C strand

syntheses (Diede and Gottschling 1999). Therefore, it was proposed that such

coordination is involved in similar tight regulation of the G-tail length. Because

Cdc13 not only associates with DNA polα, but also with telomerase via Est1p, it is a

good candidate to coordinate the two reactions (Evans and Lundblad 1999). How-

ever, G-tail length is appropriately maintained even in the absence of telomerase

(Wellinger et al. 1996). Moreover, it was demonstrated that budding yeast telo-

merase does not extend all telomeres in one cell cycle (Teixeira et al. 2004).

Instead, it reacts with a minor population (less than 10 % of the whole population)

having short telomeres. Therefore, it is difficult to explain the highly regulated

G-tail length solely from the coupling of telomerase-mediated G strand synthesis

and C strand fill-in. Various exonucleases, including Exo1p, have been implicated

in C strand degradation in G-tail processing (Maringele and Lydall 2002). Interest-

ingly, C strand resection upon cdc13 or stn1 inactivation requires S-phase-specific

Cdk1 activity, explaining the timing of G-tail elongation at late S and G2

(Vodenicharov and Wellinger 2006).

Budding yeast STN1 and TEN1 homologues in fission yeast were later identified

(Martin et al. 2007). They are essential for telomere protection. In the absence of

stn1 or ten1, most cells die but a minor population of survivor cells appear. They

survive telomere loss by self-circularizing all three chromosomes – a phenomenon

frequently found in fission yeasts defective for telomere functions (Naito

et al. 1998). A CDC13 homologue has not been reported in fission yeast.

15.4 Mouse AAF (Alpha Accessory Factor)

Mouse Stn1 and Ctc1 products were originally identified via their stimulating

activity on the mouse DNA polymerase α/primase complex and were called alpha

accessory factors (AAF)-44 and AAF-132, respectively (Goulian et al. 1990). DNA

polymerase α/primase does not associate with the DNA clamp PCNA and therefore

synthesizes DNA in a less processive manner compared to DNA polymerases δ
and ε. During replication, an approximately 20~30 nt RNA-DNA hybrid is gener-

ated by the DNA polymerase α/primase complex and is subsequently utilized for

processive DNA synthesis by DNA polymerases δ and ε (Waga and Stillman 1994).

In DNA replication reactions in vitro containing purified DNA polymerase α/
primase and artificial template DNA, it was shown that once a molecule of DNA

polymerase α/primase dissociated from a template DNA after a single round of

DNA synthesis, it reassociated with other template DNA and started a subsequent

round of DNA synthesis, under the condition where template DNAs existed in

excess of polymerase molecules. As such, DNA polymerase α/primase synthesized

DNA with the whole population of template DNAs in parallel. In contrast, in the

presence of AAF, once DNA polymerase α/primase completed after one round of
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DNA synthesis, it remained somehow associated with the DNA template and

started another round of DNA synthesis from a new initiating site within the

same template DNA. Accordingly, AAF facilitates DNA polymerase α/primase to

resynthesize a population of template DNAs serially until extensively long DNA

products are generated. It appeared that the processivity of DNA polymerase α/
primase was increased, but this only partly explained the results, because DNA

polymerase α/primase can also extend numerous DNA fragments on the same

template DNAs in multiple rounds of reactions involving initiation, extension,

and stalling. Since AAF was shown to keep DNA polymerase α/primase associated

with a single-stranded DNA template during reiterate reactions, the authors pro-

posed that the binding affinity between DNA polymerase α/primase and template

DNA was increased in the presence of AAF (Goulian and Heard 1990). Impor-

tantly, AAF’s effects on the reaction was observed at a stoichiometry of 1:1

between a molecule of AAF and that of template DNA, suggesting that AAF does

not broadly coat the single-stranded DNA regions.

AAF stimulates both the template-guided DNA synthesis in the presence of

dNTPs but not of rNTPs and primer synthesis in the presence of rNTPs but not of

dNTPs, indicating that AAF activates both DNA polymerase α and primase. It has

been reported that RPA associates with DNA polymerase α and the 30-hydroxyl
portion of a primer at a 1:1:1 stoichiometry. This ternary complex was proposed to

increase the processivity and fidelity of DNA polymerase α, which lacks an inherent
proofreading 30-exonuclease activity and a sliding clamp partner, and was accord-

ingly coined the name “fidelity clamp” (Maga et al. 2001). AAF may have a similar

role in the DNA polymerase α/primase reaction. AAF activates mouse and human

DNA polymerase α, but not mouse DNA polymerases β, δ, or γ, DNA polymerase α
derived from Drosophila or yeast, or bacterial DNA polymerase I, indicating its

high specificity to mammalian DNA polymerase α. Molecular cloning of mouse

and human genes encoding AAF-132 and AAF-44 revealed that AAF-44 has a

sequence homology with RPA-32, suggesting the possession of an OB fold domain

(Casteel et al. 2009). As will be described in the following section, AAF-132 and

AAF-44 were independently identified as CST component proteins.

15.5 Mammalian CST

The metazoan CST complex was first reported in humans (Miyake et al. 2009) and

Arabidopsis (Song et al. 2008; Surovtseva et al. 2009). It was found that metazoan

Stn1 and Ten1 form a trimeric complex with Ctc1 (conserved telomere component

1) at 1:1:1 stoichiometry (Miyake et al. 2009; Surovtseva et al. 2009). While higher

eukaryotic Stn1 and Ten1 showed significant amino acid sequence homologies with

cognate proteins in budding yeast and fission yeast, metazoan Ctc1 and budding

yeast Cdc13 behave in significantly different manners. Amino acid similarity

between Ctc1 and Cdc13 is low. Cdc13 specifically binds to G strand single-

stranded DNA (Lin and Zakian 1996; Nugent et al. 1996). In contrast, human
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Ctc1 by itself does not show DNA-binding activity with high affinity. An approx-

imately 150-aa Cdc13 region containing a single OB fold is sufficient for its

DNA-binding activity (Hughes et al. 2000). In contrast, large N-terminal Ctc1

regions containing the putative OB folds 1 and 2 are involved in DNA-binding

activity. Because of these arguments, it was proposed that CTC1 is not an ortholog

of CDC13, and accordingly a novel gene name CTC1 was coined (Miyake

et al. 2009; Surovtseva et al. 2009).

Human CST does not co-localize with the replication foci in S phase (Miyake

et al. 2009). Indeed, CTC1 knockout mice were viable, indicating that CST does not

play an essential role, excluding any possibility that it is an essential component of

the general replication machinery (Gu et al. 2012).

It is well established that the mammalian CST complex plays a role in telomere

maintenance. ChIP (chromatin immunoprecipitation) and immunofluorescence

experiments indicate that human CST is localized at telomeres. STN1 knockdown

and CTC1 knockout led to an increase of G-tail length (Miyake et al. 2009; Gu

et al. 2012; Wu et al. 2012). Recombinant CST complex binds to single-stranded

DNA, although it is not established whether the binding is sequence specific or not.

In one report, CST bound to telomeric and non-telomeric oligonucleotide DNAs at

similar efficiencies (Miyake et al. 2009). However, recombinant Xenopus CST

complex showed a higher binding affinity to oligonucleotides containing telomeric

G strand repeats compared to various control oligonucleotides (Nakaoka

et al. 2012). It is possible that specific recruitment of CST to telomeres is caused

by protein-protein interactions instead of specific DNA binding. Indeed, human

Stn1 was identified in immunoprecipitates of telomere protein complexes (Wan

et al. 2009). More recently, it was shown that mouse Pot1b (Pot1 is a single-

stranded telomere DNA-binding protein; mice have two Pot1 paralogues, Pot1a

and Pot1b, devoted for distinct functions; Pot1a represses ATR signaling, and Pot1b

regulates G-tail length (Hockemeyer et al. 2006)) interacts with CST

(Wu et al. 2012). CST was not localized at telomeres in POT1b knockout mouse

cells. This result indicates that CST associates with telomeres largely due to the

recruitment by Pot1b and not CST’s inherent single-stranded DNA-binding acti-

vity. Critical amino acid residues responsible for CST recruitment were identified in

mouse Pot1b (Wu et al. 2012). Because these residues are conserved in human Pot1,

it is likely a similar interaction between CST and Pot1 contributes to telomere

recruitment of CST in humans. Indeed, Pot1 knockdown in human cells led

randomization of the terminal nucleotide, further supporting the notion that Pot1

coupled with CST is required for appropriate processing of C strand processing

(Hockemeyer et al. 2005).

Mouse AAF, consisting of Ctc1, Stn1, and presumably Ten1, activates DNA

polα/primase to initiate primer RNA synthesis and subsequent RNA/DNA hybrid

extension (Goulian and Heard 1990; Goulian et al. 1990). In a study investigating

DNA synthesis in Xenopus egg extracts, it was found that Stn1 depletion from

extracts did not affect the efficiency of the semiconserved DNA replication of

double-stranded plasmid DNA, but rather abrogated de novo DNA synthesis

using single-stranded circular DNA templates (Nakaoka et al. 2012). These results
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further support the notion that metazoan CST is not a constitutive component of

replication machinery, but plays a role on the occasion where templated de novo

DNA synthesis is required. As concluded for budding yeast CST, it is plausible that

CST at telomeres facilitates the action of DNA polα/primase to fill-in the C strand

by using G tail as a template (Fig. 15.3).

15.6 G-Tail Processing in Mammals

In normal human fibroblast cells without telomerase activity, the average G-tail

length for leading-end telomeres was ~40 nt, while that for lagging-end telomeres

was 115 nt, indicating that the former is shorter than the latter (Zhao et al. 2008).

This result suggests that C strand processing is mechanistically different between

a)

b)

c)

d)

e)

f)

g)

CST-polα/primase?

CST-polα/primase?

telomerase

Exonuclease 1 ?

leading-end telomeres

lagging-end telomeres

Fig. 15.3 Two possible scenarios where de novo DNA synthesis is required at telomeres. (a)

Immediately after the completion of replication, the leading-end and lagging-end telomeres are

expected to possess blunt-ended and 30-overhanging telomere DNAs, respectively. (b) It has been

proposed that both telomeres are processed by C strand resectioning. (c–d) CST may facilitate C

strand fill-in to compensate excessive resection. (e–g) CST may facilitate C strand fill-in after G

strand extension by telomerase
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the leading- and lagging-end telomeres. Moreover, it was found that C strand

terminates in . . .CCAATC-50 in roughly 80 % of telomeres (i.e. including both

leading-end and lagging-end telomeres), suggesting that the mode of C strand

processing overlaps between the leading- and lagging-end telomeres (Sfeir

et al. 2005). Interestingly, it was reported that specification of the terminal nucle-

otide according to this rule occurs later in leading-end telomeres than in lagging-

end telomeres, again supporting that G-tail processing occurs in different kinetics

between the two telomere fractions (Chow et al. 2012).

An elegant study using a series of knockout mice revealed molecular details of the

G-tail processing mechanism (Wu et al. 2012). In both the leading- and lagging-end

telomeres, Exo1 digests C strands excessively at S/G2, reflecting a transient increase

of G-tail signals at this time point. Subsequently, CST mediates the C strand fill-in

reaction presumably with polα/primase to restore the excessive overhanging to a size

typically found in the G1 phase. In leading-end telomeres specifically, another

exonuclease called Apollo/SNM1B resects the C strand prior to the Exo1-mediated

resection, probably explaining the different kinetics in G-tail processing between the

leading- and lagging-end telomeres. CST plays a role in maintaining the G-tail length

within an appropriate range irrespective of the presence or absence of telomerase.

This result suggests that the primary role of CST in G-tail processing is being

responsible for the fill-in of the resected C strand by exonuclease 1 (Fig. 15.3c, d)

rather than the fill-in of C strand with G strand extended by telomerase (Fig. 15.3e–g).

15.7 CST in Human Diseases

Coats plus syndrome is a rare autosomal recessive hereditary disorder. Clinical

manifestations involve multiple organs including retinal telangiectasia and intra-

cranial calcification. It was reported that patients from diverse pedigrees have

biallelic CTC1 mutations causing missense or nonsense amino acid substitutions

(Anderson et al. 2012). Interestingly, telomere lengths in some patients were shorter

than age-matched control populations. Consistently, it is known that patients

frequently show symptoms related to telomere shortening, such as anemia due to

bone marrow failure. These observations indicate that CST plays a significant

function in telomere maintenance in humans.

15.8 Future Direction

Studies of CST in yeast and mammals have elucidated that CST plays a pivotal role

in templated de novo DNA synthesis. Considering not all CST foci appear

overlapping with telomeres, it is possible that CST has additional and currently

unknown extra-telomeric functions. Future studies to fully uncover both telomeric

and non-telomeric functions of CST are warranted.
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Part VI

Cell Cycle and Checkpoints



Chapter 16

Signaling of DNA Replication Stress Through

the ATR Checkpoint

Bunsyo Shiotani and Lee Zou

Abstract DNA replication is one of the most fundamental cellular processes.

Faithful replication of the entire genome is a daunting task, especially when cells

are under intrinsic or extrinsic stress. To maintain genomic stability during DNA

replication, eukaryotic cells have evolved a sophisticated signaling network called

the checkpoint to orchestrate cellular responses to different types of DNA repli-

cation problems. The ATR kinase is the master regulator of the DNA replication

checkpoint. Activated by a wide spectrum of DNA damage and replication prob-

lems, ATR and its effector kinase Chk1 regulate and coordinate DNA replication,

DNA repair, and cell cycle transitions. Mounting evidence has suggested that the

ATR checkpoint pathway is crucial for the suppression of genomic instability and

sustained cell survival. In this review, we will discuss the recent findings on how the

ATR pathway is activated by replication stress and how this pathway functions to

suppress genomic instability during DNA replication.

Keywords Replication stress • Checkpoint • ATR • DNA damage • DNA repair •

Cell cycle

16.1 Introduction

The preservation of genomic integrity is crucial for the survival of all organisms.

The integrity of the genome is constantly challenged by intrinsic cellular stress and

extrinsic genotoxic insults. The genome is particularly vulnerable during DNA

replication, the process through which the entire genome is duplicated when cells

divide. To safeguard the genome, eukaryotic cells have evolved a sophisticated
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DNA damage-signaling network to cope with DNA damage and genomic instabil-

ity. This DNA damage-signaling network, which is also known as the checkpoint, is

an integral part of the DNA damage response (DDR) (Ciccia and Elledge 2010).

Elicited by DNA damage and genomic instability, the checkpoint regulates and

coordinates DNA repair, DNA replication, cell cycle transitions, and many other

cellular processes to suppress genomic instability. Two phosphoinositide 3-kinase-

like protein kinases (PIKKs), the ataxia telangiectasia mutated (ATM) kinase and

the ATM- and Rad3-related (ATR) kinase, are master regulators of DNA damage

signaling. ATM is primarily activated by double-strand DNA breaks (DSBs),

whereas ATR responds to a much broader spectrum of genomic problems, includ-

ing DSBs and a variety of types of DNA damage that interfere with DNA repli-

cation (Shiloh and Ziv 2013; Marechal and Zou 2013; Cimprich and Cortez 2008).

Interestingly, ATR has a crucial role in stabilizing the genome undergoing DNA

replication even in the absence of extrinsic insults, and it is essential for cell

survival (Brown and Baltimore 2000; Cortez et al. 2001). Checkpoint defects in

humans associate with a wide range of diseases, including cancer, neuro-

degeneration, and premature aging (Ciccia and Elledge 2010). Paradoxically,

while defects of some checkpoint genes lead to genomic instability and promote

tumorigenesis, cancer cells are increasingly dependent upon other checkpoint genes

to survive the genomic instability within (Schoppy et al. 2012). In this review, we

will discuss the recent findings on the cellular response to DNA replication stress,

with a particular emphasis on the function and regulation of the ATR checkpoint

pathway.

16.2 DNA Replication Stress

16.2.1 The Concept of DNA Replication Stress

Faithful DNA replication relies on the accurate and concerted action of a large

number of proteins. In particular, the replication fork, a large protein assembly that

travels along DNA and copies the genome, is a highly coordinated machine (Waga

and Stillman 1998). During normal DNA replication in eukaryotic cells, the

CDC45-MCM-GINS (CMG) complex, the replicative DNA helicase in replication

fork, unwinds double-stranded DNA (dsDNA) into single-stranded DNA (ssDNA),

providing a template for replicative DNA polymerases to synthesize new DNA

strands (Tanaka and Araki 2013). The DNA synthesis on the leading strand of

replication fork is carried out continuously by DNA polymerase ε (Pol ε), whereas
the DNA synthesis on the lagging strand is carried out discontinuously as Okazaki

fragments by primase, DNA polymerase α (Pol α), and DNA polymerase δ (Pol δ)
(Johansson and Dixon 2013; Balakrishnan and Bambara 2013). The actions of DNA

helicase and DNA polymerases on both leading and lagging strands are tightly

coupled to ensure that both strands of dsDNA are copied accurately.
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The coordination of different components of replication fork is often compromised

when some of the components fail to function properly. For example, impediment

of DNA polymerases by DNA lesions, insufficient dNTP pools, or loss of poly-

merase activity is known to alter replication forks (see below). In addition to DNA

synthesis, DNA replication forks are important for a number of replication-coupled

cellular processes, such as chromatin assembly, DNA methylation, and sister

chromatid cohesion. Perturbation of these replication-coupled processes may affect

the normal function of DNA replication forks (Terret et al. 2009; Hoek and Stillman

2003; Negishi et al. 2009). Even in the absence of extrinsic insults, DNA replication

forks inevitably encounter intrinsic problems in the genome, such as those arising

from common fragile sites, early-replicating fragile sites, and trinucleotide repeats

(Glover et al. 2005; Barlow et al. 2013; Balakumaran et al. 2000). Furthermore, the

oncogenic events in cancer cells may affect DNA replication through a variety of

mechanisms (Halazonetis et al. 2008). The DNA damage and other problems that

interfere with DNA replication are collectively referred to as DNA replication

stress. Mounting evidence has suggested that DNA replication stress is a major

cause of genomic instability (Ciccia and Elledge 2010).

The ATR pathway plays a crucial role in orchestrating the cellular responses to

both intrinsic and extrinsic DNA replication stress (Cimprich and Cortez 2008;

Flynn and Zou 2011; Marechal and Zou 2013). Activated by replication stress, ATR

phosphorylates numerous proteins that function in DNA replication, DNA repair,

and the cell cycle, directing them to suppress genomic instability. Chk1, an effector

kinase of ATR, mediates some of the key functions of ATR. How ATR is activated

by DNA replication stress is one of the fundamental problems in cell biology. The

proteins that function in the ATR pathway can be divided into three functional

groups: DNA damage/replication stress sensors, signal transducers, and effectors.

The sensors of this pathway are the proteins that directly recognize stressed

replication forks and initiate the process of ATR activation. The activation of

ATR has been linked to the accumulation of ssDNA at stressed replication forks.

While ssDNA is an intermediate of normal DNA replication, the amounts of ssDNA

at replication forks are typically limited due to the rapid synthesis of new DNA

strands. However, when replication forks are under stress, increased amounts of

ssDNA are exposed and recognized by the ssDNA-binding protein complex RPA.

The RPA-coated ssDNA at stressed replication forks is directly recognized by

ATRIP, the regulatory partner of ATR, thereby recruiting the ATR-ATRIP com-

plex to sites of replication problems. In the following sections, we will discuss how

RPA-ssDNA is generated at stressed replication forks and how it contributes to the

activation and function of ATR.
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16.2.2 Generation of RPA-ssDNA at Stressed Replication
Forks

The functional uncoupling of replicative DNA helicase and DNA polymerases at

stressed replication forks was suggested to give rise to ssDNA (Walter and Newport

2000). In this model, replication stress impedes the progression of a DNA poly-

merase, but not the CMG helicase, leading to accumulation of ssDNA between the

two. Consistent with this model, the Pol α inhibitor aphidicolin induces RPA

accumulation on chromatin in a CMG-dependent manner in an in vitro DNA

replication assay using Xenopus egg extracts (Byun et al. 2005) (Fig. 16.1a).

Because Pol α typically functions on the lagging strand and the CMG helicase

translocates along the leading strand (Fu et al. 2011), the coordination between Pol

α and CMGmay be particularly sensitive to the interference by aphidicolin. Several

other types of DNA replication stress also induce ssDNA. For example, hydroxy-

urea (HU), which reduces dNTP levels by inhibiting the ribonucleotide reductase,

increases the amounts of ssDNA at replication forks (Sogo et al. 2002) (Fig. 16.1b).

Ultraviolet light (UV), which induces cyclobutane–pyrimidine dimers (CPDs) and

6–4 photoproducts (6–4PPs), also increases the amounts of ssDNA at and behind

replication forks (Lopes et al. 2006) (Fig. 16.1c). However, because lagging-strand

DNA synthesis is discontinuous, UV lesions on the lagging strand are not expected

to uncouple helicase and polymerase (Fig. 16.1c). Furthermore, the recent discov-

ery of PrimPol, a protein that is capable of synthesizing DNA primers in the

absence of the Pol α/primase complex, suggested that repriming could take place

ahead of UV lesions on the leading strand, preventing uncoupling of helicase and

polymerase (Garcia-Gomez et al. 2013; Mouron et al. 2013; Wan et al. 2013;

Bianchi et al. 2013) (Fig. 16.1c). Finally, even at the replication forks blocked by

DNA interstrand cross-links (ICLs), where both helicase and polymerase are

stalled, ssDNA is still generated (Knipscheer et al. 2009) (Fig. 16.1d). Therefore,

although aphidicolin may induce uncoupling of helicase and polymerase, this

mechanism is unlikely the sole cause of ssDNA accumulation at replication forks

impeded by DNA lesions.

In addition to the uncoupling of helicase and polymerase, ssDNA could be

generated at stressed replication forks by failed or incomplete Okazaki fragment

synthesis, fork reversal, helicase-mediated unwinding, and nucleolytic processing.

In yeast, HU primarily induces ssDNA gaps on the lagging strand of replication

forks, consistent with the failure of Okazaki fragment synthesis (Sogo et al. 2002)

(Fig. 16.1b). In Xenopus egg extracts, ICLs also induce ssDNA on the lagging

strand (Knipscheer et al. 2009), possibly owning to the failure of Okazaki fragment

synthesis next to the stalled CMG helicase (Fig. 16.1d). In addition to ssDNA gaps,

HU also induces reversal of replication forks, generating chicken footlike structures

that sometimes carry ssDNA (Sogo et al. 2002) (Fig. 16.1e). In human cells,

HU-induced accumulation of RPA-ssDNA is at least in part dependent on the

BACH1/FANCJ helicase (Gong et al. 2010) (Fig. 16.1f). Furthermore, in the

absence of BRCA1, BRCA2, RAD51, and the Fanconi anemia proteins, HU
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induces massive degradation of nascent DNA strands at replication forks via an

MRE11-mediated mechanism (Schlacher et al. 2011, 2012) (Fig. 16.1g). Together,

these results suggest that multiple mechanisms contribute to the generation of

RPA-ssDNA at stressed replication forks. The nature of replication stress and the

cell cycle and chromosomal contexts of the response may influent the contributions

of different mechanisms to this process.

A
Aphidicolin

B
HU

C
UV

D
ICL

E
HU

Fork reversal

F
HU

Helicase unwinding

G
HU

Nucleolytic resection

H
CPT

One-ended DSB

SSB

I
CPT

MUS81 cleavage

DSB resection DSB resection

Fig. 16.1 Induction of ssDNA by different types of replication stress

(a) Aphidicolin may uncouple the CMG helicase (colored in blue) and lagging-strand DNA

polymerase, leading to ssDNA accumulation on the lagging strand. (b) Hydroxyurea (HU) may

slow down multiple DNA polymerases. Failure of synthesis of multiple Okazaki fragments on the

lagging strand leads to substantial accumulation of ssDNA. (c) Ultraviolet light (UV)-induced

DNA lesions (red triangles) impede DNA polymerases on both leading and lagging strands.

Repriming on both strands results in ssDNA gaps at or behind replication forks. (d) DNA

interstrand cross-links (ICLs; red rectangles) block both helicase and DNA polymerase and lead

to convergence of replication forks. The helicase stuck at ICLs may interfere with priming of the

last Okazaki fragment, leaving ssDNA on the lagging strand. (e) HU is shown to induce reversed

replication forks with ssDNA tails. (f) The induction of ssDNA by HU in human cells is partially

dependent on the BACH1 helicase (colored in orange). (g) In the absence of BRCA1/BRCA2,

RAD51, and FANC proteins, HU induces degradation of nascent DNA in an MRE11-dependent

manner (MRE11 colored in green). (h) Camptothecin (CPT) induces DNA single-stranded breaks

(SSBs) by inhibiting topoisomerase I. Collision of replication forks with SSBs gives rise to

one-ended DNA double-stranded breaks (DSBs). DSBs are subsequently resected to generate

ssDNA. (i) CPT induces revered replication forks, which are cleaved by the MUS81 endonuclease

to generate DSBs. DSBs are subsequently resected to generate ssDNA
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16.2.3 Replication-Associated DNA Breaks

DNA replication forks can give rise to DSBs when they encounter certain types of

DNA damage. For example, IR induces not only DSBs but also DNA single-strand

breaks (SSBs) (Kaur and Halliwell 1996). SSBs are also transiently made by

topoisomerase I (Topo I) during normal DNA replication and transcription. The

Topo I inhibitor camptothecin (CPT) induces SSBs by trapping Topo I on DNA in

an intermediate state (Pommier and Cherfils 2005). When a DNA replication fork

runs into an SSB, a one-ended DSB will be generated (Fig. 16.1h). In addition to the

collision between replication forks and SSBs, stressed replication forks can be

cleaved by endonucleases to form DSBs under certain circumstances. For example,

the replication forks stalled by ICLs are cleaved by the SLX4-associated endo-

nucleases and/or the FAN1 endonuclease to promote ICL repair (MacKay

et al. 2010; Kratz et al. 2010; Smogorzewska et al. 2010; Yamamoto et al. 2011).

The endonuclease MUS81 has been implicated in the formation of DSBs in cells

treated with CPT or with inhibitors of Chk1 or Wee1 (Regairaz et al. 2011; Forment

et al. 2011; Dominguez-Kelly et al. 2011) (Fig. 16.1i). Furthermore, although HU

does not induce DSBs at replication forks immediately, prolonged arrest of repli-

cation forks by HU does lead to formation of DSBs in a MUS81-dependent manner

(Fugger et al. 2013). The outcomes of replication-associated DSBs could be

different depending on the levels of DSBs and the contexts in which they are

generated. High levels of replication-associated DSBs lead to replication cata-

strophe and cell death (Toledo et al. 2013). In contrast, low levels of replication-

associated DSBs, such as those generated during unperturbed S phase or in cells

facing mild replication stress, elicit the ATM and ATR pathways and provide

substrates for DNA repair, allowing resumption of DNA synthesis. Importantly,

during the recovery of replication forks, replication-associated DSBs undergo

efficient resection to generate ssDNA at DNA ends, presenting the key structure

for both ATR activation and homologous recombination (HR). The detailed mecha-

nisms of DNA end resection have been recently reviewed elsewhere (Symington

and Gautier 2011). In the following sections, we will discuss how RPA-ssDNA

promotes the activation of ATR at stressed replication forks and replication-

associated DSBs.

16.3 Activation of the ATR Checkpoint by DNA

Replication Stress

16.3.1 Sensing of Replication Stress by ATR and Other
Sensors

The RPA-ssDNA at stressed replication forks presents the key nucleoprotein

platform that recruits ATR and its regulators (Fig. 16.2a-1). The ATR-ATRIP
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complex is able to bind RPA-ssDNA directly through the interaction between ATRIP

and RPA (Zou and Elledge 2003; Namiki and Zou 2006; Ball et al. 2005) (Fig. 16.2a-

2). The interaction between ATRIP and RPA is required for the accumulation of

ATRIP at sites of DNA damage and the efficient activation of ATR (Ball et al. 2005,

2007; Zou and Elledge 2003; Shigechi et al. 2012). The recruitment of multiple

ATR-ATRIP complexes to RPA-ssDNA promotes the trans-autophosphorylation of

ATR at Thr 1989 (Liu et al. 2011) (Fig. 16.2a-2). Although RPA-ssDNA recruits

ATR-ATRIP to sites of DNA damage, it is not sufficient to activate the ATR-Chk1

pathway (MacDougall et al. 2007). When ssDNA is generated at stressed replication

forks, it is always juxtaposed to junctions of ssDNA and double-stranded DNA

(dsDNA). The ssDNA/dsDNA junctions at stressed replication forks are also directly

recognized by some of the key sensors of the ATR pathway. One of these sensors,

RAD17, forms a complex with the four small subunits of RFC (RFC2-RFC5). Three

other sensors, RAD9, RAD1, and HUS1, form a clamp-shaped trimeric complex (the

9-1-1 complex) that resembles the PCNA complex. During DNA replication, RFC

functions as a clamp loader of PCNA at 30 ssDNA/dsDNA junctions. Analogously,

during the replication stress response, the RAD17 complex recognizes ssDNA/

dsDNA junctions at stressed replication forks and loads 9-1-1 complexes onto DNA

(Fig. 16.2a-3). The RPA-ssDNA adjacent to ssDNA/dsDNA junctions is required for

the loading of both PCNA and 9-1-1 (Ellison and Stillman 2003; Zou et al. 2003;

Majka et al. 2006a). Interestingly, unlike RFC, which recognizes 30 ssDNA/dsDNA
junctions specifically, the RAD17 complex is able to recruit 9-1-1 complexes to 50

ssDNA/dsDNA junctions, which are likely present at stressed replication forks,

ssDNA gaps, and resected DSBs. The recruitments of ATR-ATRIP and the RAD17

complex are largely independent (Kondo et al. 2001; Melo et al. 2001; Zou

et al. 2002). Interestingly, in Xenopus egg extracts, aphidicolin induces continued

synthesis of short primers, which are required for efficient Chk1 activation (Van

et al. 2010). It is possible that these short primers generated at stressed replication

forks are recognized by the RAD17 and 9-1-1 complexes to enhance ATR activation.

In addition to RAD17 and 9-1-1 complexes, the MRE11-RAD50-NBS1 (MRN)

complex was recently suggested to be a sensor of the ATR pathway. In Xenopus
extracts, the MRN complex is required for the efficient recruitment of TopBP1, the

activator of the ATR-ATRIP kinase (see below), to chromatin and primed ssDNA

(Lee and Dunphy 2013; Duursma et al. 2013) (Fig. 16.2a-4). In extracts, the MRN

complex only associates with DNA and recruits TopBP1 in the presence of ssDNA/

dsDNA junctions, suggesting that it acts as a sensor of ssDNA/dsDNA junctions in

Xenopus (Duursma et al. 2013). Surprisingly, it was suggested that the function of

Xenopus MRN in ATR activation requires the nuclease activity of MRE11, but not

NBS1 and RAD50 (Lee and Dunphy 2013). How exactly Xenopus MRN regulates

TopBP1 recruitment remains to be elucidated. As in Xenopus extracts, the MRN

complex is required for efficient ATR activation in human cells (Jazayeri

et al. 2006; Myers and Cortez 2006; Olson et al. 2007a; Stiff et al. 2005). However,

in human cells, the MRN complex directly binds to RPA-ssDNA even in the

absence of ssDNA/dsDNA junctions (Shiotani et al. 2013; Oakley et al. 2009;

Olson et al. 2007b) (Fig. 16.2b). In CPT-treated human cells, replication-associated
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Fig. 16.2 (continued)
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DSBs are rapidly resected to generate ssDNA, inducing ATR-mediated phosphory-

lation of Chk1 and RPA32 (Shiotani et al. 2013). Interestingly, compared with

Chk1 phosphorylation, RPA32 phosphorylation requires more extensive resection

of DSBs (Shiotani et al. 2013; Kousholt et al. 2012). While the CPT-induced Chk1

phosphorylation is dependent on RAD17, the RPA32 phosphorylation is largely

independent of RAD17 but dependent on NBS1 (Shiotani et al. 2013) (Fig. 16.2b).

Furthermore, even in the absence of ssDNA/dsDNA junctions, ssDNA is able to

induce ATR-mediated RPA32 phosphorylation in cell extracts in a length-

dependent manner, suggesting that ATR is activated in two distinct modes toward

Chk1 and RPA32 (Shiotani et al. 2013). When the interaction between NBS1 and

RPA is disrupted, the phosphorylation of RPA32 is compromised, suggesting that

the MRN complex acts as a sensor of RPA-ssDNA in human cells (Shiotani

et al. 2013) (Fig. 16.2b). In human cells the MRN complex may be particularly

important for the phosphorylation of a subset of ATR substrates when replication-

associated DSBs are extensively resected, providing a context- and substrate-

specific sensor to regulate ATR activation.

Fig. 16.2 The multi-step process of ATR activation (a) The activation of ATR toward Chk1. 1.
Formation of RPA-ssDNA. 2. Recruitment of ATR-ATRIP to RPA-ssDNA triggers ATR trans-

autophosphorylation. 3. The RAD17 complex recognizes ssDNA/dsDNA junctions and loads

9-1-1 complexes onto DNA. 4. TopBP1 is recruited by the MRN complex or MDC1. 5. The
recruited TopBP1 interacts with 9-1-1, RHINO, and engages the autophosphorylated ATR to

stimulate ATR-ATRIP. ATR activation leads to further phosphorylation of H2AX and recruitment

of MDC1. 6. Furthermore recruitment of TopBP1 by MDC1 or MRN contributes to amplification

or maintenance of ATR activation. (b) Two distinct modes of ATR activation toward Chk1 and

RPA. The activation of ATR at ssDNA/dsDNA enables ATR to phosphorylate Chk1. At exten-

sively resected DSBs, a population of ATR-ATRIP is positioned on the RPA-ssDNA distal to

ssDNA/dsDNA junctions. The MRN complex binds RPA-ssDNA directly via NBS1 and promotes

the activation of ATR toward RPA. The unstimulated state of ATR-ATRIP is colored in blue, and
the stimulated state is colored in red
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16.3.2 Activation of the ATR-ATRIP Kinase

Following the recruitments of ATR-ATRIP, RAD17, 9-1-1, and MRN complexes,

the kinase activity of ATR is stimulated at sites of DNA damage. A key player in

this process is TopBP1, a protein that is able to directly stimulate the kinase activity

of ATR-ATRIP even in the absence of DNA and other proteins (Kumagai

et al. 2006). Although TopBP1 is sufficient to stimulate ATR-ATRIP in vitro, its

function in ATR activation in cells is regulated by DNA damage and replication

stress.

Structure and function analysis of TopBP1 has revealed some of the mechanisms

by which TopBP1 is regulated. TopBP1 contains nine BRCT domains (BRCT 0–8)

and an ATR-activation domain (AAD), which is located between the BRCT

domains 6 and 7. The AAD domain of TopBP1 appears to be a long unstructured

region with two aromatic amino acids that are required for ATR activation

(Kumagai et al. 2006). Domains with similar features have been found in yeast

proteins Ddc1, Dpb11, and Dna2, all of which are able to stimulate the Mec1-Ddc2

complex, the yeast counterpart of ATR-ATRIP (Majka et al. 2006b; Navadgi-Patil

and Burgers 2009; Navadgi-Patil et al. 2011; Kumar and Burgers 2013; Mordes

et al. 2008b). Interestingly, although the yeast Mec1-Ddc2 complex can be acti-

vated by several proteins in S phase, the activation of ATR-ATRIP in vertebrates is

largely, if not exclusively, dependent on TopBP1. In fact, knock in of an AAD

mutant of TopBP1 in mouse resulted in early embryonic lethality, resembling the

effects of ATR knockout (Zhou et al. 2013; Brown and Baltimore 2000). The AAD

of TopBP1 interacts with both ATR and ATRIP in two-hybrid assays (Mordes

et al. 2008a). How the ADD stimulates ATR-ATRIP remains unclear. It is possible

that the AAD alters the conformation of ATR-ATRIP, increasing the catalytic

activity of its kinase domain and/or its binding to substrates.

In order to activate ATR-ATRIP in a DNA damage and replication stress-

dependent manner, TopBP1 has to be recruited to sites of DNA damage and

stressed replication forks. The recruitment of TopBP1 relies on several of its

BRCT domains. Some of the BRCT domains of TopBP1 are capable of mediating

phosphorylation-dependent protein interactions. The BRCT domains 4 and 5 of

TopBP1 interact with MDC1, a protein that is recruited to the chromatin around

DNA damage by phosphorylated H2AX (Wang et al. 2011). The interaction

between TopBP1 and MDC1 may facilitate ATR activation by helping TopBP1

accumulate around DNA damage sites (Fig. 16.2a-4). The BRCT domains 1 and

2 of TopBP1 interact with the C terminus of RAD9, a component of the 9-1-1

complex (Delacroix et al. 2007; Lee et al. 2007). An early study suggested that the

interaction between TopBP1 and RAD9 functions to recruit TopBP1 to sites of

DNA damage (Delacroix et al. 2007). However, a subsequent study showed that

although this interaction is important for Chk1 activation, it is not required for the

recruitment of TopBP1 (Lee and Dunphy 2010). A recently identified protein called

RHINO interacts with 9-1-1 and TopBP1 independently and facilitates the function

of ATR pathway (Cotta-Ramusino et al. 2011) (Fig. 16.2a-5). Thus, at sites of DNA
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damage, TopBP1 has to interact with 9-1-1 and RHINO properly to activate

ATR-ATRIP. TopBP1 recognizes the phosphorylated Thr 1989 of ATR through

its BRCT domains 7 and 8, enabling TopBP1 to engage ATR-ATRIP efficiently and

stimulate its kinase activity (Liu et al. 2011) (Fig. 16.2a-5). The initial activation of

ATR-ATRIP by TopBP1 may increase the phosphorylation of H2AX on adjacent

chromatin, promoting further recruitment of MDC1 and TopBP1 to sites of DNA

damage (Fig. 16.2a-6). In addition to RAD9, the BRCT domains 1 and 2 of Xenopus
TopBP1 also interact with NBS1 (Yoo et al. 2009). Moreover, a recent study

showed that a fragment of Xenopus TopBP1 encompassing BRCT domains 3 to

6 is recruited to DNA by MRN, indicating that this region of TopBP1 may also

interact with MRN (Duursma et al. 2013). These interactions of TopBP1 and MRN

may contribute to the recruitment of TopBP1 and the activation of ATR toward

Chk1 and RPA (Shiotani et al. 2013; Duursma et al. 2013) (16.2a-4,a-6, 2b).

Aside from its role in ATR-ATRIP stimulation, TopBP1 may function as a

scaffold to facilitate the signal transduction from ATR to Chk1. Several ATR

substrates involved in Chk1 activation, such as Rad17 and claspin, interact with

the 9-1-1 complex (Liu et al. 2012; Wang et al. 2006; Lee and Dunphy 2010;

Kumagai and Dunphy 2003). TopBP1 binds ATR-ATRIP and 9-1-1 via distinct

BRCT domains, providing a means to tether ATR-ATRIP and 9-1-1 together. In

vitro, TopBP1 stimulates the phosphorylation of RAD9 by ATR-ATRIP in a

manner dependent on its bindings to both ATR-ATRIP and 9-1-1 (Liu

et al. 2011). Through its bindings to both ATR-ATRIP and 9-1-1, TopBP1 may

serve as a key scaffold in the ATR pathway to promote the phosphorylation cascade

of this pathway that ultimately drives Chk1 activation.

16.4 The Functions of the ATR Pathway

16.4.1 The Role for ATR in Cell Cycle Arrest

Both ATR and its effector kinase Chk1 are important for the intra-S phase and

G2/M checkpoint responses. While ATR is activated at sites of DNA damage and

replication stress, Chk1 is a highly mobile nuclear protein. In response to DNA

damage, Chk1 is phosphorylated by ATR at multiple sites, stimulating the kinase

activity of Chk1 while releasing it from chromatin (Shimada et al. 2008; Liu

et al. 2000). Activated Chk1 phosphorylates a number of substrates, including

CDC25A and CDC25C, two phosphatases that control CDK activities during S

and G2 phases. The phosphorylation of CDC25A by Chk1 leads to CDC25A

ubiquitylation by the SCFβ-TRCP ubiquitin ligase and rapid CDC25A degradation

(Busino et al. 2003; Jin et al. 2003). The phosphorylation of CDC25C by Chk1

creates a docking site for 14-3-3, which inhibits the function of CDC25C and

exports CDC25C out of the nucleus (Sanchez et al. 1997; Peng et al. 1997). The

downregulation of CDC25A and CDC25C by the ATR-Chk1 pathway represses the
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activities of CDK2 and CDK1, respectively, preventing firing of replication origins

in S phase and the transition from G2 to mitosis.

16.4.2 The Role for ATR in Protection of Replication Forks

ATR is critical for genomic stability in response to replication stress. Even in the

absence of extrinsic insults, loss of ATR leads to elevated genomic instability in

cells undergoing DNA replication. Knockout of ATR in mouse resulted in severe

chromosome fragmentation in cells and early embryonic lethality of animals

(Brown and Baltimore 2000). Overexpression of a kinase-inactive ATR mutant in

human cancer cells led to premature chromosome condensation (Nghiem

et al. 2001). Cells derived from the Seckel patients with reduced levels of ATR

are genetically unstable and hypersensitive to replication stress (O’Driscoll
et al. 2003). Loss or inhibition of ATR increases genomic instability at numerous

chromosomal loci, such as the common fragile sites, the early-replicating fragile

sites, and telomeres (Casper et al. 2002; Barlow et al. 2013; McNees et al. 2010).

All of these lines of evidence suggest that ATR is important for protecting repli-

cation forks. Below we will discuss three models from recent studies that shed new

light on the role for ATR in the protection of replication forks.

SMARCAL1 (also known as HARP) is an ATP-dependent annealing helicase

that has the ability to promote annealing of ssDNA in vitro (Yusufzai and Kadonaga

2008). In response to replication stress, SMARCAL1 is recruited to replication

forks by RPA (Bansbach et al. 2009; Yusufzai et al. 2009; Yuan et al. 2009; Postow

et al. 2009). Both overexpression and knockdown of SMARCAL1 result in elevated

genomic instability, suggesting that the activity of SMARCAL1 has to be tightly

controlled. Recent in vitro studies revealed that SMARCAL1 is able to reverse

fork-like DNA structures and promote branch migration of Holliday junctions,

suggesting that SMARCAL1 plays a role in the remodeling of replication forks

under stress (Betous et al. 2012; Ciccia et al. 2012; Betous et al. 2013). How

SMARCAL1 protects replication forks is still not entirely clear. On one hand,

depletion of SMARCAL1 leads to increased cleavage of replication forks by

MUS81 (Betous et al. 2012). On the other hand, in response to acute ATR inhibition

and HU treatment, SMARCAL1 depletion reduces the cleavage of replication forks

by the SLX4-associated nucleases (Couch et al. 2013). In response to replication

stress, SMARCAL1 is phosphorylated at Ser 652 by ATR. This phosphorylation

event appears to inhibit the activity of SMARCAL1 in fork remodeling (Couch

et al. 2013). Thus, the phosphorylation of SMARCAL1 by ATR in response to

replication stress may prevent excessive remodeling of replication forks by

SMARCAL1 and the subsequent cleavage by the SLX4-associated nucleases,

revealing one of the mechanisms by which ATR protects replication forks (Couch

et al. 2013).

In the absence of ATR, the ability of stressed replication forks to resume DNA

synthesis after the stress is removed is drastically reduced. A recent study showed
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that depletion of RNF4, a SUMO-dependent ubiquitin ligase, significantly

increased the restart of stressed replication forks and reduced genomic instability

in ATR-depleted cells (Ragland et al. 2013). Furthermore, inhibition of CDK1/

CDK2, AURKA, and PLK1 also boosted the restart of stressed replication forks in

the absence of ATR, suggesting that the CDK1-AURKA-PLK1 pathway interferes

with replication restart in ATR-depleted cells. The effects of RNF4 and PLK1 on

replication restart are additive, suggesting that they function independently. Inter-

estingly, while the loss of RNF4 and PLK1 allows more efficient replication restart

in ATR-depleted cells, DNA replication cannot advance efficiently after the restart

in this situation, suggesting that RNF4 and PLK1 are needed for the late phase of

replication recovery. Together, these results indicate that one of the roles for ATR

in replication fork protection is to counteract the inhibitory effects of RNF4 and the

CDK1-AURKA-PLK1 pathway on replication restart.

While ATR is activated at locally stressed replication forks, it protects repli-

cation forks throughout the genome. If and how the “local” and “global” roles for

ATR are connected has not been clear. ATR inhibition is known to increase

genomic instability especially when cells are under replication stress. Interestingly,

a recent study showed that the genomic instability in cells treated with HU and ATR

inhibitor does not arise immediately, but appears abruptly after a delay (Toledo

et al. 2013). Importantly, this study demonstrated that inhibition of ATR in

HU-treated cells results in excessive firing of replication origins and gradual

accumulation of ssDNA. When ssDNA accumulates beyond a critical threshold,

the entire pool of RPA in the nucleus is sequestered by ssDNA and the newly

generated ssDNA can no longer be protected by RPA. The exhaustion of RPA in the

nucleus leads to simultaneous and irreversible breakage of replication forks

throughout the genome, giving rise to shattered replication factories, a severe

phenotype called the replication catastrophe. The results of this and previous

studies have led to the hypothesis that, the key function of ATR in the protection

of replication forks is to prevent RPA exhaustion by acting as a “local” sensor of

RPA-ssDNA at replication forks and a “global” tuner of replication origin firing.

After all, both the beginning and the end of the ATR pathway may be dictated by

RPA and ssDNA.

16.4.3 The Role for ATR in Replication-Related DNA Repair

Several DNA repair pathways, such as homologous recombination (HR), ICL

repair, post-replicative repair (PRR), and nucleotide excision repair (NER), are

important for DNA replication in the presence of different types of replication

stress. Emerging evidence suggests that ATR is a key regulator of all of these

replication-related DNA repair pathways, highlighting the role for ATR as the

master regulator of the replication stress response.

HR is critical for the repair of replication-associated DSBs. When replication-

associated DSBs are generated at replication forks, they have to be resected by
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nucleases to undergo HR. One of the critical factors for resection is CtIP, a protein

that associates with the MRN complex and BRCA1 (Yu et al. 1998; Sartori

et al. 2007). A recent Xenopus study showed that CtIP is phosphorylated by ATR

at Thr 818 and that the phosphorylation of CtIP by ATR is required for its efficient

binding to chromatin (Peterson et al. 2013). Thus, while the activation of ATR is

dependent on ssDNA, activated ATR may promote a feed-forward loop to enhance

the resection of DSBs by phosphorylating CtIP. After the resection of DSBs, the

RAD51 recombinase is recruited to ssDNA by a group of HR proteins. The

formation of RAD51-ssDNA filament is critical for the search of homologous

sequences and strand invasion. It was reported that RAD51 is phosphorylated by

Chk1 in HU-treated cells and that the phosphorylation of RAD51 by Chk1 is

important for the formation of HU-induced RAD51 foci (Sorensen et al. 2005). It

should be noted that many HR proteins were identified as potential ATR substrates

by proteomic studies (Matsuoka et al. 2007; Stokes et al. 2007; Mu et al. 2007). The

current understanding of the role for ATR in HR may still be far from complete.

ICLs are severe roadblocks of replication forks. The Fanconi anemia

(FA) patients are highly sensitive to ICLs. Studies on the FA patients have led to

the identification of 15 FANC proteins that are critical for ICL repair (Kim and

D’Andrea 2012; Wang 2007). A complex of FANCD2 and FANCI (known as the

ID complex) is important for the recognition of ICLs at stalled replication forks and

the processing of ICLs (Smogorzewska et al. 2007; Ishiai et al. 2008; Shen

et al. 2009). Both FANCD2 and FANCI are substrates of ATR. In particular, the

phosphorylation of FANCI by ATR is important for the localization of the ID

complex to sites of ICLs and the mono-ubiquitylation of FANCD2, which orches-

trates the nucleolytic processing of ICLs (Ishiai et al. 2008; Yamamoto et al. 2011).

Besides its role in ICL repair, FANCD2 was recently shown to bind to MCM

proteins in response to HU in an ATR-regulated manner, restraining DNA synthesis

during the replication stress response (Lossaint et al. 2013). In addition to FANCD2

and FANCI, FANCM is also a substrate of ATR (Singh et al. 2013). FANCM is a

protein that associates with the FA core complex, the ubiquitin ligase of FANCD2.

The phosphorylation of FANCM by ATR was suggested to promote its localization

to sites of ICLs and ICL-induced Chk1 activation. Thus, FANCM may not only be

an effector of ATR in ICL repair but also a mediator of the ATR-Chk1 pathway in

response to ICL (Singh et al. 2013; Wang et al. 2013; Huang et al. 2010; Collis

et al. 2008; Schwab et al. 2010; Luke-Glaser et al. 2010).

UV-induced DNA lesions are known to impede the progression of replicative

DNA polymerases. Cells use at least two mechanisms to cope with UV lesions

during DNA replication. UV lesions could be removed by NER before the arrival of

replication forks. Even when replication forks encounter UV lesions, DNA synthe-

sis could be carried out across the lesions by DNA polymerases η (Pol η), a member

of the Y-family polymerases (Lehmann 2005). Recent studies provided evidence

that both NER and translesion DNA synthesis (TLS) are regulated by ATR. NER is

a DNA repair process that generates ssDNA gaps. Even in the absence of DNA

replication forks, NER is able to activate ATR (Giannattasio et al. 2010). XPA, a

critical regulator of NER, is phosphorylated by ATR in response to UV irradiation
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(Shell et al. 2009). The phosphorylation of XPA by ATR was suggested to facilitate

the nuclear accumulation of XPA after UV damage. During the UV-induced TLS,

Pol η is also phosphorylated by ATR (Gohler et al. 2011). A mutant of Pol η that

cannot be phosphorylated by ATR is unable to carry out TLS efficiently. Thus, ATR

may function both at replication forks and ahead of replication forks to deal with

UV lesions.

16.5 Targeting the ATR Pathway in Cancer Therapy

Genetic instability is one of the hallmarks of cancer (Hanahan and Weinberg 2011).

Activation of certain oncogenes, such as Myc and Ras, and loss of certain tumor

suppressors, such as p53, have been linked to genomic instability and activation of

the DNA damage checkpoint (Halazonetis et al. 2008). It has been proposed that the

DNA damage checkpoint may prevent the proliferation of cancer cells and function

as a barrier to tumorigenesis (Bartkova et al. 2005, 2006; Gorgoulis et al. 2005).

Indeed, ATM is one of the most frequently mutated protein kinases in human

cancers (Greenman et al. 2007). Compared with ATM, ATR is less frequently

mutated in cancer. Although ATR haploid insufficiency promotes tumorigenesis in

mouse (Fang et al. 2004), more severe suppression of ATR has been shown to

reduce or even prevent tumorigenesis in mouse models. For example, in a mouse

model of the ATR-Seckel syndrome, the development of Myc-driven lymphoma is

completely prevented (Murga et al. 2011). Suppression of ATR in mouse also

inhibited the growth of p53-deficient fibrosarcomas expressing H-rasG12V and

acute myeloid leukemias (AMLs) driven by MLL-ELL and N-rasG12D (Schoppy

et al. 2012). The results of these studies suggest that cancer cells have to rely on

ATR to cope with the replication stress induced by activated oncogenes. Consistent

with this idea, recent studies provided direct evidence that oncogene activation can

indeed interfere with DNA replication. For example, overexpression of c-Myc

increases firing of replication origins, leading to elevated stalling and collapse of

replication forks (Srinivasan et al. 2013). Moreover, overexpression of cyclin E or

CDC25A slows down replication forks and induces fork reversal, giving rise to

MUS81-mediated chromosomal breaks (Neelsen et al. 2013). These findings raised

the possibility that inhibition of ATR may be an effective way to eliminate the

cancer cells under replication stress.

The recent success in the development of ATR-specific inhibitors has made it

possible to assess the therapeutic potential of ATR inhibition in cancer treatment

(Charrier et al. 2011; Foote et al. 2013). The ATR inhibitor VE-821 selectively kills

ATM- or p53-deficient cancer cells in vitro (Reaper et al. 2011). VE-821 also

broadly sensitizes pancreatic cancer cells, ovarian cancer cells, and leukemia

cells to radiation and chemotherapy (Prevo et al. 2012; Huntoon et al. 2013;

Vavrova et al. 2013). In a mouse xenograft model using pancreatic cancer cells,

the ATR inhibitor VE-822 sensitizes tumors to radiation by inhibiting HR, provid-

ing preliminary evidence for its in vivo efficacy (Fokas et al. 2012). The ATR
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inhibitor AZ20 also inhibits proliferation of colorectal cancer cells in vitro and in

xenografts in mice (Foote et al. 2013). In addition to ATR inhibitors, inhibitors of

Chk1 andWee1 can also be used to disrupt the ATR-mediated checkpoint response.

Multiple clinical trials of Chk1 inhibitors (SCH 900776, LY2603618, and

LY2606368) and an inhibitor of Wee1 (MK-1775) are currently underway

(Maugeri-Sacca et al. 2013; Chen et al. 2012; Davies et al. 2011). Although still

in an early stage, the studies on ATR, Chk1, and Wee1 inhibitors could lead to new

strategies to effectively use this class of inhibitors in targeted cancer therapy.

16.6 Perspectives

It is clear that the ATR pathway is essential at both cellular and organismal levels.

While tremendous progress has been made in understanding the function and

regulation of the ATR pathway in the cellular response to DNA replication stress,

some of the fundamental questions on this pathway remain outstanding. The vast

majority of the studies on the ATR pathway have focused on its role in response to

massive extrinsic insults. How the ATR pathway is elicited by different types of

intrinsic replication stress, such as those induced by the oncogenic events in cancer

cells or the developmental programs in normal tissues, is still poorly understood.

The functions of the ATR pathway in different physiological and pathological

contexts remain to be further explored. Our understanding of the molecular mech-

anism by which ATR is activated is not yet complete. Structural analysis of the

ATR-ATRIP complex in its pre-activation and post-activation states will be critical

to explain the molecular details of ATR activation. In many ways the activation of

ATR checkpoint is analogous to the regulation of transcription machinery.

Although we have obtained substantial understanding of the basal complex that

signals replication stress through the ATR pathway, how this signaling complex is

regulated in different chromosomal and spatial contexts in the nucleus is still far

from clear. It should be noted that the current studies on ATR pathway may be

biased toward its well-known functions in DNA repair, DNA replication, and cell

cycle control. Numerous potential ATR substrates outside of these pathways remain

to be validated and characterized (Matsuoka et al. 2007; Stokes et al. 2007; Mu

et al. 2007). The identification and characterization of new ATR substrates may

guide our research to unexpected directions. The recent development of inhibitors

of the ATR pathway has opened a new page for the preclinical and clinical studies

on this pathway. A better understanding of the activation and function of ATR

pathway in different types of cancer cells, and the development of new pharmaco-

logical strategies to manipulate this pathway, may bring a breakthrough to the DNA

damage-based, targeted cancer therapy. With all of these exciting questions and

challenges in mind, we anticipate many breakthroughs in the research of ATR

pathway in the next decade.
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Chapter 17

Spindle Assembly Checkpoint: Its Control

and Aberration

Kazuhiko Uchida and Toru Hirota

Abstract If the cell cycle were driven solely by its molecular engine, powered by

oscillations in the activity of cyclin-dependent kinases, then transmission of the

genome from parent to daughter cells would be far from accurate. Therefore, a

robust surveillance mechanism comprising cell cycle checkpoints has evolved to

ensure genome stability. There are three major checkpoints in the cell cycle. One in

mitosis is called the “spindle assembly checkpoint” (SAC) and controls metaphase-

to-anaphase transition by monitoring spindle microtubule attachment to the kinet-

ochore. SAC function is particularly important for preventing the generation of

aneuploid cells because kinetochore capture by microtubules is a largely stochastic

process, which makes it impossible to predict when all critical components required

for anaphase transition are in place.

The molecular framework for SAC signaling has been established; however,

delineating the mechanistic basis of the SAC has proven to be more challenging. In

this chapter, we will summarize the current knowledge about checkpoint signal

generation at kinetochores, how the checkpoint signal inhibits the anaphase-

promoting complex, how the checkpoint is extinguished upon microtubule attach-

ment, and, finally, how checkpoint defects might promote characteristics of cancer

cells such as chromosome instability and aneuploidy.

Keywords Aneuploidy • Anaphase-promoting complex/cyclosome (APC/C) •

Chromosomal instability • Chromosome segregation • Kinetochores • Spindle

microtubules • Mitosis • Mitotic checkpoint complex (MCC)

17.1 An Overview of the Spindle Assembly Checkpoint

The anaphase program is induced by the action of the anaphase-promoting com-

plex, or cyclosome (APC/C), a multiprotein ubiquitin ligase with peak activity

during mitosis. The APC/C promotes proteasome-dependent degradation of securin

and cyclin B, which induces separase protease activity to cleave cohesin and
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decreases Cdk1 activity, respectively, leading to the initiation of anaphase pro-

cesses such as the poleward movement of sister chromatids. The SAC then initiates

a negative feedback signaling cascade that counteracts APC/C activation.

A seminal cell biology experiment demonstrated that the SAC signal originates

from unattached kinetochores. Laser ablation of an unattached kinetochore was

shown to abolish SAC inhibition of anaphase transition. This experiment indicates

that, in principle, a single unattached kinetochore is sufficient to sustain the SAC

signal (Rieder et al. 1995). Consistent with this, the checkpoint becomes satisfied

only when the last kinetochore attaches to microtubules. Thus, SAC activation

allows synchronous chromosome segregation to take place, even though microtu-

bule attachment to kinetochores is asynchronous. The checkpoint signaling circuit

was originally considered to generate an all-or-none (i.e., binary) response that

disseminates and is amplified from unattached kinetochores. The so-called template

model (described below) best explains these properties. However, in contrast to this

binary model, recent advanced microscopy observations indicate that SAC check-

point signaling is more graded (Dick and Gerlich 2013; Collin et al. 2013), with the

strength of the SAC inhibitory signal correlating with the number of unattached

kinetochores (Fig. 17.1).

The SAC continues to monitor the kinetochore status even after satisfaction of

the checkpoint, which means that it can be rapidly reactivated by the emergence of

unattached kinetochores. However, as for any other cell cycle transition, there is a

point of no return after which SAC reimposition becomes insensitive to attachment

defects. Whether cells can proceed beyond this point should be an important

decision, in order for cells to carry out safe chromosome segregation. Proceeding

beyond this point reduces the accuracy of chromosome segregation. Factors that

Fig. 17.1 Graded

stringency of the SAC

signal. The SAC is an

inhibitory signal that

originates from unattached

kinetochores. The

stringency of SAC signal is

now known to reflect the

number of unattached

kinetochores, contradicting

the previous view of an all-

or-none switch
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influence this cellular decision are the magnitude of the inhibitory signal, the

number of unattached kinetochores, the timing of anaphase onset, and the level of

Cdk1 activity (Dick and Gerlich 2013; Collin et al. 2013; Vazquez-Novelle

et al. 2014).

Key proteins of the SAC signaling pathway, including Bub1, Bub3, Mad1,

Mad2, Mad3, and Mps1, were first discovered in yeast genetic experiments (Hoyt

et al. 1991; Li and Murray 1991; Roberts et al. 1994; Weiss and Winey 1996).

These proteins are evolutionarily conserved and their mammalian homologues are

also critical SAC components. An exception is Mad3, which evolved to contain a

kinase domain similar to that of Bub1; the mammalian homologue is thus named

BubR1 (Taylor et al. 1998). Consistent with the idea that the SAC signal originates

from unattached kinetochores, a small proportion of cellular Mad2 was found to

specifically localize to unattached kinetochores (Waters et al. 1998); the same was

found for other SAC proteins. Fluorescence recovery after photobleaching (known

as “FRAP”) analyses later revealed that these SAC proteins generally have short

residence times on kinetochores, with dynamic exchange with their cytoplasmic

pools (Howell et al. 2004; Shah et al. 2004). It is thus conceivable that the SAC

protein dynamics is responsible for signal diffusion throughout the cytoplasm.

17.2 Molecular Basis of Spindle Assembly Checkpoint

Signaling

17.2.1 Maintaining Spindle Assembly Checkpoint Activity

An important question is whether the SAC is dispensable for unperturbed mitotic

progression and only functions under stress conditions (Meraldi et al. 2004). Stud-

ies have shown that an essential checkpoint effector called the “mitotic checkpoint

complex” (MCC) is already formed in interphase and inhibits the APC/C long

before mitotic spindle assembly is initiated (Sudakin et al. 2001; Fraschini

et al. 2001; Maciejowski et al. 2010; Rodriguez-Bravo et al. 2014). Therefore, it

is reasonable to suppose that the SAC is constitutively active and that the check-

point signal is sustained as long as an unattached kinetochore is present (reviewed

in Khodjakov and Rieder 2009).

Mad1 recruitment is crucial for sustaining SAC signaling. Mad1 forms a tight

2:2 heterotetrameric complex with Mad2 at unattached kinetochores (Sironi

et al. 2001, 2002). By dynamically interacting with cytosolic Mad2, the

kinetochore-bound Mad1–Mad2 complex promotes the activation of a third Mad2

molecule, which then binds to Cdc20, an APC/C coactivator. Mad2-bound Cdc20

can no longer activate APC/C, and cells therefore arrest in metaphase. A significant

breakthrough was brought about by structural studies of Mad2. Two different Mad2

conformers exist, the “open” and “closed” conformers, and these provide a mech-

anistic basis for Mad2 activation at unattached kinetochores (Luo et al. 2004;
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De Antoni et al. 2005). When Mad2 binds to Mad1 or Cdc20, it adopts the closed

conformation, C-Mad2. Two beta strands in the carboxyl terminus of Mad2 entrap

Mad1 or Cdc20, similar to fastening a seat belt, which stabilizes Mad2–Mad1 or

Mad2–Cdc20 binding. Unbound (or free) Mad2 adopts the open conformation,

O-Mad2. Unattached kinetochores propagate Mad2 activity by increasing the rate

of formation of C-Mad2–Cdc20 heterodimers. To achieve this, the C-Mad2–Mad1

complex at the unattached kinetochore serves as a template for the conformational

switch of O-Mad2 to C-Mad2, which facilitates Cdc20 binding (De Antoni

et al. 2005). Because a C-Mad2 molecule within the C-Mad2–Cdc20 heterodimer

can function as a template for another O-Mad2 molecule, C-Mad2–Cdc20 dimers

can propagate the conformational change throughout the Mad2 pool (Musacchio

and Salmon 2007). This template model explains how Mad2 activation by unat-

tached kinetochores is amplified (Fig. 17.2a).

Artificial tethering of Mad1 to kinetochores was shown to be sufficient to either

maintain SAC activity or reactivate the SAC (Maldonado and Kapoor 2011;

Fig. 17.2 SAC cascades inhibit the APC/C. (a) The template model predicts that an active Mad2

“template” propagates the SAC signal by promoting the formation of C-Mad2–Cdc20. Formation

of the C-Mad2–Mad1 complex at unattached kinetochore initiates this cascade. See text for details.

(b) Mps1 kinase activity is required for SAC function in several ways. Mps1-phosphorylated Kn11

associates with Bub1–Bub3, which recruits Mad1. Mps1 also promotes cytosolic Mad2 turnover

and C-Mad2 generation through the Mad1–Mad2 complex
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Ballister et al. 2014; Kuijt et al. 2014). In addition to presenting Mad2 (and thus

promoting MCC assembly), Mad1 is involved in a different layer of checkpoint

control (Kruse et al. 2014; Heinrich et al. 2014) by controlling microtubule attach-

ment (Emre et al. 2011).

Having established that Mad1 recruitment is essential for sustaining the SAC

signal, it is important to understand how Mad1 becomes anchored to unattached

kinetochores. Consistent with the idea that Mps1 functions upstream of most SAC

components, Mps1 kinase activity appears to play a crucial role in Mad1 recruit-

ment through initiating a molecular cascade (Fig. 17.2b). First, Mps1 phosphory-

lates Kn11 at multiple residues within conserved MELT repeats (Shepperd

et al. 2012; London et al. 2012; Yamagishi et al. 2012), which enables recruitment

of Bub3 (Primorac et al. 2013) and Bub1 (London et al. 2012; Ito et al. 2012). Bub1

then binds directly to Mad1 (London and Biggins 2014; Moyle et al. 2014). In

addition, Mps1 promotes the dynamic interaction of cytoplasmic Mad2 with Mad1

to facilitate Mad1–Mad2 complex formation. In support of these key functions of

Mps1 in the SAC, cells cannot maintain checkpoint arrest when Mps1 is inactivated

(Santaguida et al. 2010). In addition, Mps1 kinase activity is intimately linked to the

function of Aurora B (van der Waal et al. 2012; Nijenhuis et al. 2013), which plays

more direct role in controlling kinetochore–microtubule attachments.

During mitotic arrest, the Cdc20 level is finely controlled by a balance between

continuous degradation and synthesis. To maintain SAC activity, Cdc20 protein

levels must be kept below a threshold and to prevent precocious mitotic exit.

Because Cdc20 protein synthesis continues during mitosis, the APC/C must con-

tinuously ubiquitylate Cdc20 to target it for degradation (Pan and Chen 2004;

Nilsson et al. 2008; Varetti et al. 2011). Cdc20 ubiquitination has been associated

with MCC disassembly, although whether it is a cause or consequence is still under

debate (Reddy et al. 2007; Stegmeier et al. 2007). The finding that

non-ubiquitylated Cdc20 can dissociate from BubR1 and Mad2 when the SAC is

satisfied suggests that MCC dissociation promotes Cdc20 ubiquitination and its

subsequent degradation (Nilsson et al. 2008).

17.2.2 How the Spindle Assembly Checkpoint Blocks APC/C
Function

A key event in SAC signaling is Mad2 binding to Cdc20, an APC/C activator

responsible for substrate recruitment. When Mad2 is bound to Cdc20, the APC/C

cannot ubiquitinate cyclin B1 or securin. Following the discovery of the Mad2–

Cdc20 interaction, Mad2 was initially thought to be the primary effector of the

SAC. However, in mammalian cells, BubR1 and its binding protein Bub3 were also

found to bind to and inhibit Cdc20, in both the presence and absence of Mad2. Of

the several possible APC/C inhibitory complex subtypes, the complex composed of

Mad2, BubR1–Bub3, and Cdc20 was considered the major effector of SAC
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signaling and was therefore named the MCC (Sudakin et al. 2001). In an in vitro

assay, the MCC showed much stronger APC/C inhibition than Mad2 alone,

suggesting that this complex is functionally important. Notably, although unat-

tached kinetochores promote MCC assembly during mitosis, MCC can be formed

independent of kinetochores (Fraschini et al. 2001). Interphase MCC levels cannot

sufficiently delay mitotic progression when the spindle is perturbed, but are

required to prevent precocious APC/C activation immediately after nuclear enve-

lope breakdown and to determine the minimal length of mitosis (Maciejowski

et al. 2010; Rodriguez-Bravo et al. 2014).

Several aspects of the mechanism responsible for MCC inhibition of the APC/C

have been explained. First, BubR1–Bub3 binding to the MCC hides the Cdc20

D-box recognition site. MCC thus serves as a pseudosubstrate for APC/C (Burton

and Solomon 2007). Second, by binding to Mad2, Cdc20 is displaced from the

APC3 and the APC10 sites, which prevents Cdc20 from promoting to the degra-

dation of APC/C metaphase substrates (Chao et al. 2012). Third, MCC formation

promotes Cdc20 ubiquitination within the complex, thereby maintaining cytoplas-

mic Cdc20 at sufficiently low levels to prevent precocious APC/C activation

(Nilsson et al. 2008).

Despite these insights, consensus about the stoichiometry of Mad2 within the

complex has not been reached: estimates range from equimolar (Chao et al. 2012;

Sudakin et al. 2001) to negligible (Nilsson et al. 2008). The dispensability of Mad2

in the MCC led to the suggestion that BubR1 plays a direct role in APC/C

inhibition. In contrast to Mad2-dependent regulation, this BubR1-centered mecha-

nism predicts that Mad2 binding promotes a conformational change in Cdc20 that

exposes a previously inaccessible BubR1-binding site (Han et al. 2013). Moreover,

BubR1, but not Mad2, binding to APC/C–Cdc20 was demonstrated to inhibit cyclin

B ubiquitination. Significantly, C-Mad2 can catalyze BubR1–Cdc20 formation

without forming part of the complex, thus constituting another mechanism for the

diffusion and amplification of signals from unattached kinetochore (Han

et al. 2013). Thus, in addition to being an MCC cofactor, Mad2 plays a catalytic

role in SAC signaling.

In parallel, Mad2 binding to Cdc20 has been reported to directly inhibit Cdc20

binding to the APC/C (Izawa and Pines 2012). The Mad2-binding site on Cdc20

was identified as a KRIL motif, which is also required for Cdc20 binding to and

activation of APC/C. Therefore, Mad2 directly competes with APC/C for Cdc20

binding. This is consistent with earlier reports that Mad2 directly binds Cdc20 and

inhibits APC/C–Cdc20 binding in vitro (Fang et al. 1998; Hwang et al. 1998; Kallio

et al. 1998). A combination of both the Mad2 and BubR1 regulatory mechanisms is

probably used to achieve robust control of the SAC.

The strength of the SAC is indicated by the cellular MCC level, which is

controlled by both assembly and disassembly of the complex (Fig. 17.3a). This

homeostatic mechanism regulates basal MCC levels. The presence of a C-Mad2

moiety in the Mad2–Mad1 complex at an unattached kinetochore promotes the

formation of the Cdc20–Mad2 dimer, which promotes MCC assembly and thus

increases MCC levels above basal. As described above in Sect. 17.1, a graded
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mechanism controls MCC formation, its strength depending on the number of

unattached kinetochores (Dick and Gerlich 2013; Collin et al. 2013). During

chromosome bi-orientation, a single unattached kinetochore can induce MCC

Fig. 17.3 Homeostatic control of the MCC. (a) A cartoon depicting the relation between the level

of cytoplasmic MCC pool and SAC activity. The inlet represents conditions in which C-Mad2 is

generated. The MCC level is increased and maintained. Two outlet drains represent MCC

disassembly and Cdc20 degradation. SAC is kept active (to arrest in metaphase) when the MCC

level is in between “Full” and “Empty.” To decrease the MCC level (i.e., to induce anaphase), cells

stop the inlet flow and increase the outlet drainage. (b) The cellular MCC level is controlled by

balanced assembly and disassembly. Unattached kinetochores mediate C-Mad2 generation, which

promotes MCC assembly. MCC disassembly is promoted by p31comet, Cdc20 degradation, and

APC15-mediated dynamic turnover of MCC association with the APC/C
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production above the level required to delay anaphase onset. However, this cannot

occur in the later phases of metaphase: at this stage, the cellular MCC level has

already declined to such an extent that it cannot be restored by a small number of

unattached kinetochores (Dick and Gerlich 2013).

Significantly, MCC assembly is counterbalanced by disassembly during mitotic

arrest (Fig. 17.3b). The p31comet protein, which structurally resembles Mad2, binds

to C-Mad2, promotes Mad2–Cdc20 dissociation, and leads to Cdc20 proteolysis

through the ubiquitin–proteasome pathway. p31comet has an important role in

checkpoint extinction, as described below, but is also required to maintain MCC

levels during SAC arrest. In addition to its continuous assembly and disassembly,

the dynamic association of MCC with the APC/C is facilitated by the APC15

subunit. APC15-mediated MCC turnover occurs during the SAC response to

microtubule attachment and acts to extinguish the checkpoint signal (Mansfeld

et al. 2011; Foster and Morgan 2012).

17.2.3 How the Spindle Assembly Checkpoint Is
Extinguished

When microtubules are attached to all kinetochores, the SAC is extinguished, and

there is an associated increase in APC/C activity. The mechanism through which

the attached kinetochore status promotes SAC extinction is not well understood. As

indicated in Sect. 17.2.2, the cellular MCC level is the most important element of

SAC signaling. Thus, unbalanced assembly and disassembly is necessary to

downregulate the MCC, through inhibiting assembly, promoting disassembly, or

both. This dual regulation enables the SAC signal to respond more rapidly to

changes in the kinetochore–microtubule attachment status than if the SAC signal

were dependent on MCC assembly or disassembly alone (Mansfeld et al. 2011).

The pathway responsible for the efficient termination of MCC assembly has

several stages. First, microtubule-dependent checkpoint proteins are stripped from

kinetochores (Fig. 17.4a). Upon microtubule attachment, the Mad1–Mad2 complex

that had been catalyzing MCC assembly is removed from kinetochores in a dynein-

dependent manner (Howell et al. 2001). Second, the p31comet checkpoint antagonist

inhibits formation of the C-Mad2–Cdc20 heterodimer (Fig. 17.4b). As p31comet is

structurally related to Mad2 and specifically binds to C-Mad2, it prevents Cdc20

binding (Habu et al. 2002). Masking the C-Mad2–Mad1 moiety should also inhibit

MCC assembly (Mapelli et al. 2006; Yang et al. 2007). On the other hand, how is

MCC disassembly promoted? The timescale of metaphase-to-anaphase transition is

much faster than predicted by the spontaneous dissociation of Cdc20 and Mad2

(Braunstein et al. 2007; Kulukian et al. 2009; Simonetta et al. 2009), indicating the

existence of a mechanism that accelerates MCC disassembly. This may involve

p31comet binding to Cdc20 within the MCC, which promotes disassembly of the
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Fig. 17.4 How SAC is extinguished. (a) Stripping the Mad1–Mad2 complexes from kinetochores

by dynein motor proteins prevents kinetochores from further generating C-Mad2. (b) p31comet has

multiple roles in reducing the MCC level: (a) competitive binding of p31comet to C-Mad2 prevents

formation of the C-Mad2–Cdc20 heterodimer, (b) p31comet binding to the Mad1–Mad2 complex at

the kinetochore blocks the conversion of O-Mad2 to C-Mad2, and (c) p31comet binding to Cdc20

within the MCC promotes disassembly of the MCC. (c) Microtubule attachment causes not only

centromere stretching, as indicated by increased inter-kinetochore distance, but also continuous

deformation of kinetochores, i.e., kinetochore stretching. The role of kinetochore stretching in

SAC extinction and how this mechanical force induces a biochemical change within the kineto-

chore requires further investigation
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complex (Fig. 17.4b). Cdc20 polyubiquitination also seems to be involved in this

process.

How can microtubule attachment induce these drastic changes in checkpoint

protein behavior? To address this, it is important to understand which aspects of

kinetochore status are monitored by the SAC. Because microtubules pull kineto-

chores toward spindle poles and thus generate “tension” between sister kineto-

chores, it has long been assumed that the SAC detects inter-kinetochore tension.

However, three lines of evidence indicate that the SAC can be satisfied in the

absence of inter-kinetochore tension: (1) the ability of a mono-oriented chromo-

some, in which inter-kinetochore tension is absent, to generate a SAC signal is

abolished if one unattached kinetochore is destroyed by laser (Rieder et al. 1995);

(2) mitotic cells, which contain chromosomes containing a single kinetochore

(which can be experimentally induced by skipping DNA replication), can still

respond to microtubule poisons (O’Connell et al. 2008); and (3) low doses of a

microtubule poison do not affect inter-kinetochore tension, but do delay metaphase-

to-anaphase mitotic transition (Uchida et al. 2009). Therefore, centromere

stretching between sister kinetochores is not monitored by SAC, and SAC signal

downregulation must be caused by structural changes within kinetochores.

Measurement of fluorescence centroids indicated that kinetochores undergo

repetitive cycles of extension and recoiling (Maresca and Salmon 2009; Uchida

et al. 2009). This dynamic intra-kinetochore deformation, called “kinetochore

stretching,” is induced by microtubule attachment (Fig. 17.4c). The mechanical

force that causes kinetochore stretching is unknown, but it does not require a

microtubule-pulling force to be applied to the kinetochore or inter-kinetochore

tension. Remarkably, kinetochore stretching has been implicated in SAC inactiva-

tion (Uchida et al. 2009). How kinetochore deformation mediates SAC inactivation

is the key question. A clue to this should be provided by molecular perturbation

experiments that affect SAC inactivation. Phosphatase PP1 recruitment to the Kn11

core kinetochore protein has been observed after SAC satisfaction and seems to be

necessary for SAC signal inactivation (Liu et al. 2010). As the activity of mitotic

kinases including Aurora B, Bub1, and Mps1 has been implicated in sustaining

SAC signaling, PP1 recruitment is expected to have a considerable impact on the

biochemical environment of kinetochores. Thus, one plausible hypothesis is that

kinetochore stretching causes a change from a kinase-dominant to a phosphatase-

dominant environment, which causes stripping of SAC components and p31comet-

mediated dissociation of the MCC.
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17.3 Spindle Assembly Checkpoint Aberration and Its

Outcomes

As described above in Sect. 17.1, the SAC signal remains active until all kineto-

chores become attached to spindle microtubules during unperturbed mitotic pro-

gression, i.e., a single unattached kinetochore is sufficient to delay the onset of

anaphase. This is reasonable, from a cell physiology perspective, because

missegregation of a single sister chromatid pair will give rise to an aneuploid cell

population (in which the cellular chromosome number is not a multiple of the

haploid number), as seen in most malignancies (Thompson and Compton 2008).

Impaired SAC signaling leads to precocious anaphase and chromosome segregation

defects, and it has long been thought that cancer cells exhibiting chromosomal

instability have a weakened SAC. However, live cell studies have demonstrated

that the mitotic checkpoint is intact in most cancer cells (Thompson et al. 2010).

Moreover, the extent to which a defective SAC might contribute to chromosomal

instability in a clinical context remains unclear. Several large-scale genetic analyses

have found that alterations in SAC genes do not comprise a major cancer signature

(e.g., Bignell et al. 2010).

17.3.1 Is Defective Checkpoint Control a General Feature
of Cancers?

Among the mutations identified in SAC genes in cancers (Cahill et al. 1998; Imai

et al. 1999; Gemma et al. 2001), BUB1B (encoding BubR1) mutations provide one

of the most compelling clinical observations linking SAC deficiency to tumor

development. BUB1B mutations were found in children with premature chromatid

separation (PCS) syndrome (also called MVA syndrome for mosaic variegated

aneuploidy), which is characterized by growth retardation, microcephaly, and

childhood cancer (Hanks et al. 2004; Matsuura et al. 2006). Cells from PCS

syndrome patients do not respond correctly to colcemid treatment and show

premature chromatid separation (Matsuura et al. 2000). Histological examination

shows the presence of aneuploid cells in many tissues, thought to be causally related

to cancer development.

A series of experiments have addressed whether SAC function can be altered by

individual SAC protein expression levels. In mice, a 50 % reduction in Mad2 levels

led to impaired SAC function and chromosome instability (Michel et al. 2001). This

presumably occurs because there is insufficient cellular MCC to inhibit

APC/C. Increasing the Mad2 level also reduced SAC sensitivity and promoted

aneuploidy and progressive disease (Sotillo et al. 2007, 2010). In this case, cells

failed to efficiently shut down the SAC signal, as Mad2 overexpression in cultured

cells caused a delay in metaphase, with stable kinetochore–microtubule attachment.

As stable (i.e., less dynamic) metaphase microtubules have a diminished capacity to
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correct erroneous attachments (Bakhoum et al. 2009), prolonging metaphase may

provide a higher chance of generating merotelic attachments, resulting in lagging

chromosomes in anaphase. Therefore, the Mad2 level is crucial for the SAC to

respond safely to the microtubule attachment status of kinetochores.

Increased Mad1 expression frequently occurs in cancers, where it correlates with

poor prognosis, and causes checkpoint dysfunction and aneuploidy (Ryan

et al. 2012; Sun et al. 2013). An imbalance between Mad1 and Mad2, i.e., excess

Mad1 relative to Mad2, seems to impair the checkpoint response and lead to

premature anaphase entry (Schuyler et al. 2012). Conversely, lowering Mad1 levels

by heterozygous deletion of the Mad1 allele increases the incidence of tumor

development in adult mice. Cells derived from these mice were frequently aneu-

ploid (Iwanaga et al. 2007). Thus, Mad1 expression levels must be regulated within

a narrow range, similar to Mad2: Mad1 haploinsufficiency leads to SAC defects,

but excessive Mad1 also disrupts SAC function.

Cytological examination showed BUB1B haploinsufficiency in PCS cells,

underscoring the importance of BubR1 as a SAC effector. A proportion of PCS

patients harbor a monoallelic mutation in the BUB1B gene, with no second muta-

tion in the second allele, which is associated with an approximately 50 % reduction

in BubR1 protein. This was puzzling until the identification of a single nucleotide

substitution in an intergenic region upstream of BUB1B, which affects BubR1

expression (Ochiai et al. 2014). Mice carrying a hypomorphic biallelic mutation

resulting in a reduced BubR1 level tend to generate aneuploid cells and exhibit

premature aging phenotypes. As BubR1 expression is known to decline with age,

one hypothesis is that decreasing BubR1 expression is a key molecular alteration in

aging. Supporting this idea, maintaining high BubR1 expression levels for years

(to combat its age-related decline) prevented aneuploidization, cancer develop-

ment, and life span extension (Baker et al. 2013). How functional attenuation of

SAC might cause such long-term, age-associated pathologies is an important

question for future research.

17.3.2 Spindle Assembly Checkpoint as a Therapeutic Target

The SAC is a major target for cancer intervention. To improve therapeutic strate-

gies, it is essential to identify the specific “molecular lesion” responsible for the

altered SAC function in cancer cells. However, a cytological assessment of SAC

function is not straightforward because sustaining the SAC signal depends on the

destabilization and removal of microtubules, which are not downstream conse-

quences of the checkpoint cascade per se (Khodjakov and Rieder 2009). This

problem must be considered when assessing SAC function.

It is widely accepted that microtubule destabilization results from the highly

dynamic nature of spindle microtubules, combined with the activity of mitotic

kinases such as Aurora B and Mps1 (reviews in Cimini 2007; Kelly and Funabiki

2009; Lampson and Cheeseman 2011; Bakhoum and Compton 2012). This
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mechanism comprises the core of the so-called correction function, which clears

kinetochore attachment errors so that proper microtubule attachments can be made.

As a result of the correction function, unattached kinetochores can sustain SAC

activity. Therefore, conditions that perturb microtubule dynamics or mitotic kinase

activity can incapacitate the SAC. In other words, cells with reduced Aurora B or

Mps1 kinase activity fail to arrest properly in response to spindle poisons, but not

because the SAC cascade is damaged. These other possibilities must therefore be

excluded before concluding that the SAC is defective. In addition, we must be

aware of cell-type variations in the response to microtubule poisons, which may

lead to insufficient blocking of microtubule dynamics. For example, the use of

Taxol or low concentrations of nocodazole may lead to an incorrect assessment of

SAC function (Shi et al. 2008; Brito and Rieder 2009).

Not only does SAC sensitivity differ between cell types but cell fate (i.e.,

whether or not cells undergo apoptosis) after SAC arrest also differs. Even within

a single cell line, individual cells can behave differently (Gascoigne and Taylor

2008). Large variations have been seen between non-transformed cancer cells.

Spindle poison treatment caused significantly fewer HeLa or U2OS cells to survive

mitosis compared to non-transformed RPE (retinal pigment epithelial) cells (Brito

and Rieder 2009). Cell-type-specific differences in apoptotic signaling pathways

are proposed to underlie these variations. However, some cancer cells can be

refractory to microtubule perturbation because their mitotic arrest is too short to

initiate apoptosis. One interpretation would be that the SAC signal is not suffi-

ciently robust (for reasons described above), but we should also consider that cyclin

B degradation and exit from mitosis can occur in the presence of an intact SAC

(Brito and Rieder 2006). This phenomenon, called “mitotic slippage,” reflects

incomplete nature of SAC function. It seems to allow degradation of the APC/C

substrate securin, as separase activity is found to progressively remove cohesin

complexes from chromosome arms during SAC arrest (Nakajima et al. 2007).

Antimicrotubule drugs have been successfully used to target the SAC in the

clinic. However, drug resistance and adverse effects remain a problem. To over-

come this, we need a new approach for developing new antimitotic drugs. If

antimicrotubule drug resistance is largely caused by mitotic slippage, then one

possible strategy is to inhibit mitotic exit in cells that have escaped SAC. Support

for this idea comes from Cdc20 knockdown experiment, in which apoptotic cell

death was efficiently induced in slippage-prone cancer cells (Huang et al. 2009). A

second, conceptually opposite, approach is to promote mitotic slippage in cancer

cells in which SAC control is already slippery, for instance, by disrupting SAC

function. This might appear counterintuitive, but the massive chromosome

missegregation and/or tetraploidization induced by SAC abrogation would induce

high stress levels beyond the tolerance of cells and thereby limit cell growth or lead

to cell death (Kops et al. 2004; Michel et al. 2004). Because this second strategy

puts a further load on vulnerable points specific to cancers, chromosome segrega-

tion in healthy, SAC-proficient cells may be unaffected. Determining the appropri-

ate treatment window should allow the adverse effects of antimitotic drugs on

normal cells to be minimized.
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Chapter 18

Molecular Insights into the Regulation

of Apoptosis and Cellular Senescence

and Their Implications for Cancer

Yoshikazu Johmura and Makoto Nakanishi

Abstract Eukaryotic cells continuously encounter DNA damage caused by

uncontrolled DNA replication and several sources of genotoxic stresses such as

ultraviolet or ionizing irradiation. The cells have acquired the surveillance system,

known as the DNA damage responses, to maintain genomic integrity. The DNA

damage responses play an important role in sensing DNA damage, transmitting the

signals to downstream targets, and coordinating various cellular responses such as

cell-cycle arrest, apoptosis, and cellular senescence. Apoptosis is a highly regulated

cell death process that controls cellular homeostasis and prevents survival of

injured, damaged, or transformed cells. On the other hand, cellular senescence is

not only a potent tumor-suppressive mechanism leading to permanent cell-cycle

arrest but also is proposed to drive organismal aging. Recent advances in under-

standing the molecular mechanisms that regulate apoptosis and cellular senescence

identified various key regulators. In this chapter, we will review the signaling

networks underlying the induction of apoptosis and cellular senescence and their

implications for cancer development and therapy. We will also discuss cellular

senescence’s impact beyond the tumor-suppressive function, animal aging, and

tissue homeostasis.

Keywords Apoptosis • Senescence • Cancer • DNA damage responses • p53 • Cell

fate

18.1 Introduction

In eukaryotic cells, genomic stability is always threatened by DNA damage, which is

caused either by intrinsic factors, including reactive oxygen species (ROS) and

unavoidable errors during DNA replication, or by extracellular environments such as

ultraviolet or ionizing irradiation. To maintain genomic integrity, eukaryotes are
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equipped with a coordinated system, so-called the DNA damage response, detecting a

variety of DNA damages and inducing various cellular responses. Failure of the DNA

damage response leads to chromosomal instability and aneuploidy, which may result

in premature aging and developmental disorders as well as tumorigenesis. Mild and

temporal DNA damage normally leads to transmit cell-cycle arrest, whereas severe

and persistent damages result in the induction of either apoptosis or cellular senes-

cence, mainly through the functions of the tumor suppressor gene p53 (Fig. 18.1).

Although themolecular basis underlying the decision-making process of whether cells

undergo transit cell growth arrest, apoptosis, or senescence is largely unknown, there is

no doubt that these cellular responses play pivotal roles in the antitumorigenic barrier

in vitro and in vivo.

Apoptosis is a highly regulated cell death process that controls homeostatic or

defense responses including normal turnover of damaged cells, aging, proper

development of the immune system, hormone-dependent atrophy, embryonic

development, and chemical-induced cell death (Elmore 2007). An excessive or

insufficient apoptosis leads to a wide variety of diseases including autoimmune and

neurodegenerative disorders, ischemic damage, and cancer (Brown and Attardi

2005; Reed and Green 2011). Various types of cellular stresses, including DNA

damage, induce apoptosis by either p53-dependent or p53-independent signaling

pathways, although p53 is considered to be a major player in the DNA damage-

mediated apoptotic response (Clarke et al. 1993). Upon DNA damage, p53 induces

the expression of various genes such as members of the Bcl-2 family and new

regulators of apoptosis including p53-upregulated modulator of apoptosis (PUMA)

and p53-regulated apoptosis-inducing protein 1 (p53AIP1) (Lapenko and Prives

2006; Cotter 2009). Interestingly, recent findings also suggest that p53 promotes

apoptosis by regulating the expression of specific microRNAs (miRNAs) and

antagonizing antiapoptotic proteins (He et al. 2007; Raver-Shapira et al. 2007).

The irreversible cell-cycle arrest of cultured human fibroblasts after defined

population doublings, so-called cellular senescence, was first described by Hayflick

(Hayflick and Moorhead 1961). Several lines of evidence revealed that cellular

senescence is also induced by diverse genotoxic stimuli including telomere dys-

function, activated oncogenes, ROS, and DNA damage (Kuilman et al. 2010).

Cellular senescence is believed to play a critical role in the suppression of tumori-

genesis as well as aging-related changes in various organs resulting from permanent

loss of proliferation capacity (Campisi and d’Adda di Fagagna 2007; Halazonetis

et al. 2008). Two major tumor suppressor signaling pathways, the p53-p21

(CDKN1A) and p16 (CDKN2A)-pRb family proteins, which are mutated in vast

majority of human cancers, are required for the establishment and maintenance of

cellular senescence (Burkhart and Sage 2008; Levine and Oren 2009). Senescent

cells show the dynamic changes in chromatin structure and gene expression to

promote the secretion of numerous proinflammatory cytokines, chemokines,

growth factors, and proteases, a feature termed the senescence-associated secretory

phenotype (SASP) (Kuilman et al. 2010; Rodier and Campsi 2011). Most of these

senescence-associated secreting factors have the potential to alter tissue homeo-

stasis, leading to chronic inflammation and/or malignant transformation. Therefore
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p53

Fig. 18.1 Scheme of DNA damage responses.

DNA damage, which is caused by various types of stress, activates a complex but coordinated set

of reactions termed as the DNA damage response. This response is initiated by damage
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it is plausible that the senescence response is not solely a mechanism for preventing

tumorigenesis, but rather might contribute to age-related increases in homeostatic

disorders such as cancer (Ohtani and Hara 2013).

Here, we review current knowledge about the responses to DNA damage and

subsequent signaling networks, with a particular attention to the induction of

apoptosis and cellular senescence, and their implications for cancer development

and therapy. We further discuss what is known about cellular senescence’s conse-
quences for aging and a spectrum of aging-related pathologies.

18.2 Molecular Insights into DNA Damage-Dependent

Apoptosis and Its Implication for Cancer

Apoptosis is activated in response to diverse cellular stresses including DNA

damage. The transcription factor p53 is one of the most important tumor suppressor

proteins that is often referred to as “the cellular gatekeeper,” an essential regulator

of cellular stress responses to initiate cell-cycle arrest, senescence, and apoptosis

(Levine 1997). One early report showed that the expression of wild-type p53 in

leukemia cells induced apoptosis (Yonish-Rouach et al. 1991), followed by two

reports showing that thymocytes could undergo apoptosis in either a p53-dependent

or a p53-independent pathway in p53 knockout mouse models (Lowe et al. 1993;

Clarke et al. 1993). How cells decide whether to undergo senescence or apoptosis

still remains elusive. Cells are capable of both, but these two processes are mutually

exclusive. However, several lines of evidence have clearly shown the crosstalk

between apoptosis and cellular senescence, primarily at the protein level and the

posttranslational modification of p53, as described below (Fig. 18.2).

Under normal physiological conditions, p53 is maintained at a low level by its

negative regulator, the E3 ubiquitin ligase Mdm2, which targets p53 for proteasome

degradation (Kubbutat et al. 1997). In response to DNA damage, the disruption of

p53-Mdm interaction promotes p53 stabilization, altering the transcriptional pro-

files of many genes involved in cell-cycle arrest, DNA repair, senescence, and

Fig. 18.1 (continued) recognition, in which a group of proteins including the Mre11-Rad50-NBS1

(MRN) complex and the Rad9-Rad1-Hus1 (9-1-1) complex fulfill a function of DNA damage

sensors to double- and/or single-strand breaks. The binding of MRN and 9-1-1 complexes to DNA

damage sites in chromatin activates the members of the PIKK protein, ATM and/or ATR, to

transduce the signals to effectors and subsequently result in a number of cellular responses. The

activation of DNA repair is conducted by a set of DNA damage response proteins such as CtIP,

BRCA1/BRCA2, and KU70/KU80, while cell-cycle checkpoints are orchestrated especially by

Chk1. These processes act as immediate responses to DNA damage to provide the chance for

recovery of damaged cells. In contrast, the induction of apoptosis or cellular senescence occurs

much later mainly through the activation of p53-dependent transcriptional program and aims to

eliminate the irreversibly damaged cells. Depending on which genes are activated or repressed,

p53 can induce transient cell-cycle arrest, apoptosis, and cellular senescence
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apoptosis (Horn and Vousden 2007; Vousden and Prives 2009). Importantly, the

p53 protein is subject to extensive posttranslational modifications such as phos-

phorylation, acetylation, methylation, ubiquitination, SUMOylation, neddylation,

Fig. 18.2 Contribution of posttranslational modifications on p53 and the direct/indirect

interacting proteins to cell fate choice by p53.

p53 heavily undergoes posttranslational modifications thought to be important for the regulation of

p53 activity in response to DNA damage. Mentioned here is a cartoon depicting the most relevant

p53 modifications implicated in cell fate decision. In normal physiological conditions (no -

DNA-damaged cells), p53 is maintained at low intracellular level by its negative regulator,

Mdm2-dependent proteolysis, resulting in no induction of the target genes. However, once cells

have suffered from lower levels of DNA damage (mildly damaged cells), p53 is rapidly stabilized

mainly through the posttranslational modifications, such as the Ser15 and Ser20 phosphorylation,

and preferentially binds to high-affinity target genes, which tend to be involved in mediating cell-

cycle arrest. Acetylation and ubiquitination of p53 on Lys320 have been also implicated in

activating the transcription of the cell-cycle arrest-related genes. By contrast, phosphorylation

on the Ser46 and acetylation on the Lys120 enhance the preferential ability of p53 to transactivate

genes important for the induction of apoptosis in response to the high levels of DNA damage

(severely damaged cells), possibly through the modulation of interaction with binding partners.

The direct-interacting proteins, such as ASPP1/ASPP2 and Pin1, and the indirect-interacting

protein, CAS/CSE1L, also cooperate with p53 to induce an apoptotic response
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and glycosylation (Toledo and Wahl 2006; Meek and Anderson 2009). Phosphory-

lations of p53 on Ser15 by a member of the PIKK protein, ataxia-telangiectasia

mutated (ATM), and on Ser20 by the checkpoint kinase Chk2 inhibit its nuclear

export and degradation, resulting in the accumulation of p53 protein (Siliciano

et al. 1997; Chehab et al. 2000). However, the roles of the phosphorylation at Ser15

on the induction of apoptosis are less clear. In contrast, the phosphorylation of p53

on Ser46 is the most prominent in priming its apoptotic activity (Oda et al. 2000).

The p38 mitogen-activated protein kinase (MAPK), homeodomain-interacting pro-

tein kinase 2 (HIPK2), and dual-specificity tyrosine-(Y)-phosphorylation regulated

kinase 2 (DYRK2) were identified as p53-Ser46 kinases (Oda et al. 2000; D’Orazi
et al. 2002; Hofmann et al. 2002; Taira et al. 2007). Following severe DNA damage,

p53 phosphorylation on Ser46 promotes p53 binding to specific promoters on a set

of proapoptotic genes together with specific transcriptional cofactors such as Pin1

and apoptosis stimulating of p53 protein 1 and 2 (ASPP1/ASPP2), activating

proapoptotic genes and subsequent apoptosis. The role of p53 phosphorylation on

Ser46 in vivo was also confirmed by a p53 knock-in mouse expressing a mouse p53

chimeric protein containing a human DNA-binding domain (Feng et al. 2006). In

addition to the Ser46 phosphorylation, acetylation of p53 on Lys120, catalyzed by

the MYST family of acetyltransferases hMOF and TIP60, enhances p53-dependent

apoptosis possibly through the modulation of interaction with specific binding

partners (Tang et al. 2006; Sykes et al. 2006). Importantly, Lys120 of p53 is

often mutated in human cancer, and a mutant of the site retained the ability to

transactivate p21 and MDM2, but not to the proapoptotic genes BAX and PUMA.

Taken together, these findings suggest that posttranslational modifications and the

interaction with cofactors of p53 play a significant role in apoptotic induction.

Recent studies for the specific induction of apoptosis identified the human

cellular apoptosis susceptibility protein (hCAS/CSE1L) as a part of chromatin-

bound complexes together with p53 at the target gene promoters, although they do

not interact directly (Tanaka et al. 2007). Knockdown of hCAS/CSE1L resulted in

the suppression of p53-dependent induction of the proapoptotic genes such as PIG3

and P53AIP1, but not p21, leading to impaired apoptosis. These results suggest that

the cofactors that do not physically interact may also play important roles in

selective p53-mediated transcription for apoptosis (Fig. 18.2).

p53 initiates apoptosis through both intrinsic and extrinsic pathways. The former

is mediated by upregulating the transcription of its apoptotic target genes such as

BAX, PUMA, p53AIP, apoptotic protease activating factor 1 (Apaf-1), and NOXA,

which permeabilize the mitochondrial membrane and leak the proapoptotic factors

(Polager and Ginsberg 2009; Cotter 2009). The latter is mediated by upregulating

the transcription of the tumor necrosis factor-related apoptosis-inducing ligand

(TRAIL) receptors, death receptors 4 and 5 (KILLER), and CD95 receptor/ligand

(Hock and Vousden 2012). In addition, in response to DNA damage, p53 has been

reported to translocate to the cytoplasm, bind to the outer mitochondrial membrane,

and antagonize the antiapoptotic function of BCL-2 and BCL-XL through

transcription-independent mechanisms (Jin and El-Deiry 2005). More recently,

the comprehensive examination of miRNA expression profiles in wild-type and
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p53-deficient mouse embryonic fibroblasts (MEF) showed that p53 affects the

expression of 145 miRNAs (He et al. 2007; Raver-Shapira et al. 2007). p53 induces

the expression of miRNA-34a (miR-34a) both in vivo and in vitro after DNA

damage, while its inactivation strongly attenuates p53-dependent apoptosis.

Tumor cells with a mutant p53 are also known to undergo apoptosis following

DNA damage even to a lesser extent than cells with wild-type p53, suggesting that

DNA damage also activates p53-independent apoptosis. A p53-independent mecha-

nism likely involves the p53 homologues p63 and p73 (Flores et al. 2002; Sayan

et al. 2008). In response to DNA damage, ATM and/or ATM and Rad3 related

(ATR) activates Chk1/Chk2, which in turn activates E2F1, followed by increased

levels of p73. p73 conducts apoptosis via the intrinsic pathway using PUMA and

BAX as mediators followed by the cytoplasmic release of cytochrome c. p73 also

shares many proapoptotic target genes with p53, whereas p63 has the ability to

suppress p73-mediated apoptosis.

Another possible regulator of p53-independent apoptosis involves nuclear fac-

tor-κB (NF-κB). Activation of NF-κB in response to DNA damage is mediated via

SUMOylation and ATM-dependent phosphorylation of NF-κB essential modulator

(NEMO) (Karin and Lin 2002; Burstein and Duckett 2003). Although NF-κB is

generally antiapoptotic, this transcription factor exhibits proapoptotic activities in

some circumstances. Excess ROS induces NF-κB-mediated transcription of the Fas

ligand and subsequently stimulates apoptosis (Ryan et al. 2000). NF-κB also

induces TNF-α production and thereby receptor-interacting protein 1 (RIP1)

autophosphorylation. In association with NEMO, RIP1 promotes JNK3-mediated

induction of IL-8 and recruits FADD to activate caspase 8 which then induces

apoptosis (Biton and Ashkenazi 2011).

The adult human body generates approximately 60 billion cells per day, and as a

consequence, an equal number of cells must die to maintain cell homeostasis. It is

not a surprising idea that uncontrolled regulation of apoptosis easily leads to an

accumulation of abnormal cells and contributes to cancer development. In addition,

the human genome is always threatened by a large number of environmental and

intrinsic sources which causes thousands of DNA lesions per day. Therefore,

deregulation of DNA damage response leads to genomic instability and triggers

apoptosis under normal circumstances. Should mutations in p53, disruption of

apoptosis signaling, and oncogene activation occur, then cancer development is a

likely scenario due to the inactivation of proapoptotic pathways following the

survival of cells with abnormal DNA structures. Indeed, when the regulation of

apoptosis collapses, tumors can develop (Lowe et al. 1993; McGahon et al. 1994;

Krammer et al. 1998).

The observation that normal p53 function is lost in most cancers makes it an

attractive target for new therapies. Accordingly, modulating p53 in the context of

cancer therapy has been a very active area of research for many years. Several

MDM2 inhibitors, including Nutlin-3 and HLI98, have been developed for cancers

with wild-type p53 but have other mutations that result in inactivation of p53

(Vassilev et al. 2004; Yang et al. 2005). However, these treatments are often

ineffective due to a lack of wild-type p53 activity in most tumor cells. For cancers
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with mutations in p53, some compounds have been described that help these mutant

p53 proteins refold to acquire at least some degree of the wild-type protein (Foster

et al. 1999; Bykov et al. 2002). This approach is quite attractive because only tumor

cells express the mutant p53 proteins in most cases and these drugs may have little

toxicity to normal cells. Another promising approach is the design of antagonists

against Bcl-2, and small inhibitors such as ABT-263 and ABT-737 that interfere

with the interactions between BCL-2 and BAX have been shown to promote

apoptosis in animal models by oral administration (Oltersdorf et al. 2005). Overall,

imbalance between DNA damage/repair and activation/inactivation of apoptotic

processes leads to tumorigenesis and may even alter cancer response to therapies.

18.3 Molecular Insights into Cellular Senescence

Cellular senescence was first described by Hayflick, showing that human normal

cells did not proliferate indefinitely in culture (Hayflick and Moorhead 1961).

Therefore, these cells were thought to have a finite replicative life span and later

to undergo replicative senescence. Subsequently, it was demonstrated that cellular

senescence could be induced by oncogenes in primary cells, termed as oncogene-

induced senescence (OIS) (Serrano et al. 1997). The premature cellular senescence

is now believed to be induced in response to multiple types of stimuli, such as DNA

damage, oxidative stress, and chemotherapeutic drugs (Kuilman et al. 2010).

Replicative senescence results from a combination of events including the

progressive erosion of telomeres and the DNA-protein structures that cap the

ends of linear chromosomes during cell proliferation (Rodier et al. 2005). These

events lead to critical telomere shortening that is recognized by the cells as double-

strand breaks. Then, double-strand break triggers the activation of ATM kinase to

elicit cell-cycle arrest and to execute cellular senescence (d’Adda di Fagagna

et al. 2003). Dysfunctional telomeres are irreparable; consequently, cells with

such telomeres experience persistent DNA damage response, which is thought to

enforce the irreversible cell-cycle arrest (Fumagalli et al. 2012). As mentioned

above, cellular senescence can be also induced by strong or persistent oncogenic

signals, consistent with its role in the suppression of tumorigenesis. How supraphysio-

logical external signaling induces senescence remains somehow controversial, but

one mechanism is that some oncogenes and mitogenic stimuli cause hyper-

proliferation through persistent activation of the signaling pathway, possibly as a

consequence of inappropriate replicon firing and replication fork collapse which

create double-strand breaks (Bartkova et al. 2006; Di Micco et al. 2006). Moreover,

other senescence-inducing stimuli such as oxidative stress and antitumor therapeutic

agents also prove DNA replication fork stalling and/or DNA single- and double-

strand breaks, leading to the activation of DNA damage response (Robles and Adami

1998; Sedelnikova et al. 2010).

ATM and ATR mediate the activation of cell-cycle checkpoints associated with

cellular senescence, mainly via CHK1/CHK2 and p53 with the participation of p21,
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p16, and pRb family (Campisi and d’Adda di Fagagna 2007; Adams 2009). Both of

the p53/p21 and p16/pRb family tumor-suppressive pathways show a complex

nature; each has multiple upstream regulators, downstream effectors, and modify-

ing side branches, but cellular senescence undoubtedly requires both pathways to be

functional. This may explain why these genes are often mutated in vast majority of

human cancers (Burkhart and Sage 2008; Levine and Oren 2009). This is supported

by the fact that viral oncoproteins that can inhibit whether p53 or pRb family

proteins allow cells to prevent the induction of cellular senescence (Shay

et al. 1991). Although the precise roles of these tumor suppressors in cellular

senescence are not completely understood, several models of senescence induction

have been proposed (Courtois-cox et al. 2008; Adams 2009; Rufini et al. 2013). One

such model is that DNA damage response-dependent activation of p53 increases the

expression of p21. Subsequently, p21 arrests cells at the G1 phase of the cell cycle

by preventing phosphorylation and inactivation of pRb family proteins through

inhibition of a spectrum of cyclin-dependent kinase activity (Cobrinik 2005). pRb

phosphorylation is also suppressed by another CDK inhibitor, p16, which is known

to be upregulated during cellular senescence (Navarro et al. 2006; Rayess

et al. 2012). Eventually, the hypophosphorylated form of pRb binds to the tran-

scription factors E2Fs (E2F1-3), leading to inactivation of transcription of their

target genes essential for the G1-to-S transition (Rowland and Bernards 2006).

However, recently, the accumulation of G2 phase cells during replicative senes-

cence has also been reported, arguing against the senescent model described above

(Mao et al. 2012; Ye et al. 2013). Indeed, p21-mediated inhibition of Cdk1 and

Cdk2 was proposed to prematurely activate APC/Ccdh1 to degrade various APC/C

substrates, resulting in the long-term growth arrest at G2 phase to DNA damage

(Baus et al. 2003; Wiebusch and Hagemeier 2010). In addition, there may be other,

yet poorly characterized p53- and pRb-independent pathways that establish and/or

maintain the irreversible cell-cycle arrest, for example, the stress-responsive

p38MAPK and protein kinase C pathways participate in the senescence program

possibly through stimulating the expression of p16, although these pathways are

initiated by unidentified mechanisms (Takahashi et al. 2006; Freund et al. 2011).

Thus, the p53/p21 and p16/pRb pathways are clearly of major importance in

senescence induction (Fig. 18.3).

Epigenetic changes during senescence, including a histone H3 lysine K9 (H3K9)

trimethylation, have been suggested as critical mechanism associated with the

robustness of cell-cycle arrest to cellular senescence, as senescent cells show

focal histone H3K9 trimethylation. These foci are now referred to as senescence-

associated heterochromatin foci (SAHF) (Narita et al. 2003, 2006). SAHFs are

readily visible as distinct DAPI-dense foci, which are enriched for condensed

heterochromatin and exclude euchromatin markers. These initial studies suggested

a correlation between SAHF formation and gene expression in part regulating the

p16/pRb pathway, but these foci are found in some, but not all, senescent human

cells (Kosar et al. 2011). Similar foci found in senescent mouse cells are probably

not SAHF but rather pericentric heterochromatin. These findings suggest that the

formation of SAHF is not an essential process in the induction of cellular
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senescence. However, these do not exclude the possibility that epigenetic regulation

plays an important role in cellular senescence. Consistent with this, global chro-

matin relaxation that is caused by broad-acting histone deacetylase inhibitors

induces cellular senescence by increasing the expression of p16 (Munro

et al. 2004). Other inducers, for example, suboptimal c-MYC or p300 histone

acetyltransferase activity, also appear to act by perturbing chromatin organization

and inducing p16 expression (Guney and Sedivy 2006; Bandyopadhyay

et al. 2006). More recently, suppression of Lamin B1 function is reported to lead

to the large-scale changes in the expression of genes and the chromatin landscape

involved in the senescence maintenance (Sadaie et al. 2013; Shah et al. 2013).

Fig. 18.3 Molecular mechanisms for senescence induction.

Cellular senescence is initiated by genomic/epigenomic stress or other types of stress, which

activates a DNA damage response. Once the response becomes chronic, it leads to the persistent

activation of p53, resulting in the induction of the cell-cycle inhibitor p21 and subsequently

dephosphorylation of the pRb family. The dephosphorylated pRb family binds to the E2Fs family

of transcription factors and represses the functions to silence certain proliferative genes, ultimately

inducing irreversible cell-cycle arrest. A chronic DNA damage response also leads to activation of

p38MAPK and protein kinase C (PKC) and increased ROS, resulting in the expression of another

cell-cycle inhibitor, p16. Then, p16 also activates the pRb family proteins to induce irreversible

cell-cycle arrest and subsequently cellular senescence
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18.4 The Role of Cellular Senescence in Cancer

Accumulating evidence for the involvement of senescence in the protection of

tumorigenesis has expected considerable efforts toward its therapeutic exploitation

(Collado and Serrano 2010). Indeed, therapy-induced senescence is an appealing

approach to halt tumor growth; several agents are reported to induce senescence in

human tumors and tumor mouse models (Rufini et al. 2013). However, telomere

damages were reported to have the potential to bypass mitosis through APC/Ccdh1-

dependent degradation of mitotic regulators, resulting in whole genome redupli-

cation and tetraploidy (Davoli et al. 2010). Subsequently, tetraploidization driven

by telomere damage, together with inactivation of RB and/or p53, enhanced the

tumorigenic transformation in mouse cells, suggesting that the persistent DNA

damage of telomeres observed in senescent cells could cause cancerous aneuploidi-

zation (Davoli and de Lange 2012). Indeed, it has been reported that tumorigenic

cells often emerged from senescent cells (Gosselin et al. 2009). Overall, these

findings imply that senescent cells may eventually promote cancer development,

contributing to an age-related increase in cancer, while the induction of cellular

senescence acts as a barrier to cancer (Fig. 18.4).

Considering the importance of cellular senescence in cancer and other

age-related diseases, one of the most important findings in recent senescence field

is that senescent cells have the potential to secrete various inflammatory cytokines,

chemokines, and matrix remodeling factors, a feature termed the SASP, to alter

tissue homeostasis and thereby lead to chronic inflammatory and/or cancer pro-

gression (Kuilman et al. 2010; Rodier and Campsi 2011). Many, but not all, SASP

components are positively regulated by the DNA damage responses upon various

Fig. 18.4 Myriad of

cellular senescences.

The essentially irreversible

cell-cycle arrest can

suppress not only

tumorigenesis but also

induce aging-related

degeneration in various

organs possibly resulting

from permanent loss of

proliferation capacity. The

many factors that compose

the SASP also alter the local

tissue environment and

cause chronic inflammation,

leading to optimization of

tissue repair as well as

aging-related tumorigenesis
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senescence-inducing stimuli, while the ectopic overexpression of p21 or p16 does

not induce the expression of SASP in spite of undergoing irreversible cell-cycle

arrest and displaying several other characteristics of senescent cells (Rodier

et al. 2009; Coppé et al. 2011). Of particular importance, these DNA damage

responses stimulate the SASP if they are persistently activated; the SASP develops

over several days in culture possibly through epigenetic regulation of the genes

encoding SASP components together with the transcription factors NF-κB and

C/EBPβ (Takahashi et al. 2012). However, it remains largely unknown why the

persistent, but not transient, DNA damage responses are required for the induction

of SASP.

Factors such as IL-6, IL-8, and plasminogen activator inhibitor-1 (PAI-1), which

are major secreted components in the SASP, reportedly promote tumor suppression

by reinforcing the irreversible cell-cycle arrest (Acosta et al. 2008; Kuilman

et al. 2008). In contrast, IL-6 and IL-8 are also known to promote malignant

transformation in cooperation with certain oncogenes (Sparmann and Bar-Sagi

2004; Ancrile et al. 2007). Moreover, secreted factors from senescent fibroblasts

have been shown to induce an epithelial-mesenchymal transition, an important step

in cancer progression and metastasis (Coppé et al. 2008). The most convincing

evidence for these hyperplastic activities comes from xenograft studies, in which

coinjection of senescent, but not nonsenescent, fibroblasts significantly stimulated

the proliferation of mouse and human epithelial tumor cells in immunocompro-

mised mice (Krtolica et al. 2001; Liu et al. 2007). These findings indicate that the

SASP results in both beneficial and harmful consequences; these secreted factors

act in an autocrine manner to reinforce irreversible cell-cycle arrest, whereas they

have deleterious cell non-autonomous side effects for tumorigenesis. Cancer

increases in incidence with nearly exponential kinetics beginning at the midpoint

of life, and this disease is thought to be one of age-related pathologies (Balducci and

Ershler 2005; Jemal et al. 2010). Considering senescent cells remain viable for long

periods of time and accumulate with age in various organs and tissues, the dele-

terious side effects of cellular senescence may also contribute to the aging-related

increase in cancer (Fig. 18.4). Although there is the idea that therapy-induced

cellular senescence is an appealing approach to halt tumor growth, the harmful

side effects need to be seriously considered for the development of senescence-

based therapeutic strategies for cancer.

18.5 Concluding Remarks and Perspectives

The molecular mechanisms underlying apoptosis and cellular senescence pathways

are becoming topics owing to its role in tumor suppression, giving great relevance

for its potential exploitation in cancer therapy. DNA damage elicits various cellular

responses, but as mentioned above, there is still a gap in our knowledge about how

cells decide their fates whether to undergo transient cell-cycle arrest, apoptosis, or

cellular senescence upon genotoxic stresses. Despite the fact that most cells have
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the capacity to conduct all, these processes seem to be mutually exclusive. p53

plays central roles in a signal transduction network following DNA damage,

regulating the switch between these processes (Fig. 18.1). One important notion

is that apoptosis is usually triggered by higher stress levels than a transient cell-

cycle arrest or cellular senescence, suggesting that at lower levels p53 preferentially

binds to and activates high-affinity target genes that mediate cell-cycle arrest, while

at higher levels p53 can also bind to and activate low-affinity target genes that

mediate apoptosis due to its increased amounts and the posttranslational modifi-

cations (Fig. 18.2). In addition, it is reported that p53 levels oscillate variably

dependent on the amounts and the type of DNA damage in a cell, and changing

the oscillatory dynamics of p53 can influence cell fate decisions, especially

between a transient cell-cycle arrest and cellular senescence (Lahav et al. 2004;

Purvis et al. 2012). Greater understanding of the precise molecular mechanisms that

regulate the ability of p53 to determine cell fate decisions in response to DNA

damage (to be or not to be) could facilitate the avoidance of undesirable side effects

and the discovery of new therapies for cancer.

Very importantly, the notion that cellular senescence drives age-related patho-

logies was recently derived from the interesting studies using a transgenic mouse

model, termed INK-ATTAC, in which senescent cells could be eliminated by the

treatment with a specific drug (Baker et al. 2011). In INK-ATTAC mice,

p16-expressing cells were eliminated by administering a specific drug and were

remarkably protected from several other age-related pathologies, including cata-

racts, sarcopenia, and loss of subcutaneous fat when crossed with a progeroid

mouse background. These findings provide the first direct evidence that senescent

cells drive age-related pathologies at least in a premature aging model. In the future,

elucidating the mixed role of cellular senescence in both degenerative and hyper-

plastic diseases will provide a rational basis for the prediction of approaches most

promising to improve tissue homeostasis and reduce cancer development in

humans.
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Part VII

Interplay with Transcription and
Epigenetic Regulation



Chapter 19

DNA Replication and Histone Modification

Hiroshi Kimura and Yuko Sato

Abstract Posttranslational histone modifications play an important role in epige-

netic gene regulation, and the marks need to be transmitted to daughter cells to

maintain chromatin states. It was suggested that the molecular interactions between

components of DNA replication machinery and histone modification enzymes may

coordinate the replication and maintenance of histone modifications. However, the

levels of some repressive marks including H3K9 and H3K27 trimethylation are

only gradually increased after DNA replication, suggesting that these modifications

can be propagated independently of DNA replication. Recent studies have also

revealed that some histone modifications are also involved in regulating DNA

replication. In particular, histone H4K20 methylation plays a key role in chromatin

regulation, including DNA replication licensing, DNA repair, and chromosome

segregation.

Keywords Acetylation • DNA replication • Chromatin regulation • Epigenetics •

Histone modification • Methylation

19.1 Introduction

In eukaryotes, DNA replication occurs in a chromatin context, as DNA is wrapped

around histone octamers to form nucleosomes. It is therefore not surprising to

consider that posttranslational histone modifications may play a critical role in

the regulation of important biological activities involved in genome duplication and

maintenance as they do in transcription. From the side of epigenetic inheritance, the

histone marks associated with specific gene loci should be maintained after DNA

replication and repair. As most histone modifications are somewhat involved in the

regulation of various nuclear events, including transcription and DNA damage

repair, it is quite difficult to elucidate their specific roles in DNA replication.

However, recent studies have revealed some important links between histone
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modifications and DNA replication. Here, we briefly summarize the current evi-

dence connecting histone modifications and DNA replication in mammalian cells.

19.2 Overview of Histone Modifications and H3 Variants

Nucleosomes consist of four core histones, H2A, H2B, H3, and H4 (Luger

et al. 1997). Posttranslational modifications, such as acetylation, methylation,

phosphorylation, and ubiquitination, occur on flexible N-terminal tails extruded

from the nucleosome particles as well as the structured domains (Bhaumik

et al. 2007; Bannister and Kouzarides 2011; Rossetto et al. 2012; Lalonde

et al. 2014; Swygert and Peterson 2014; Tessarz and Kouzarides 2014). Particu-

larly, modifications on specific lysine residues on H3 and H4 play a critical role in

epigenetic gene regulation, consistent with their stable association with DNA

compared to H2A and H2B (Kimura 2005). Lysine residue can be acetylated,

monomethylated (me1), dimethylated (me2), trimethylated (me3), and sometimes

also ubiquitylated (ub). Most modifications are known to be established by a

balance between modification and demodification enzyme activities with different

turnover rates (Zee et al. 2010a, b; Zheng et al. 2013; Afjehi-Sadat and Garcia

2013). For example, acetylation generally turn overs rapidly (Waterborg 2002;

Zheng et al. 2013) through the addition of acetyl groups from acetyl CoA by

residue-specific histone acetyltransferases (HATs) and removed by histone

deacetylases (HDACs). Most methylations are also maintained through a balance

between specific lysine methyltransferases (KMTs) and demethylases (KDMs)

(Greer and Shi 2012; Del Rizzo and Trievel 2014), even though the turnover

rates vary over a huge range. However, demethylases for H4K20me2 and

H4K20me3 remain unidentified.

In general, acetylation on histone H3 (at K9, K14, K18, K23, and K27) is

associated with transcriptional activation (Turner 2000). Acetylation neutralizes

the positive charge of lysine residue and could directly affect histone-DNA contact.

This could induce chromatin decondensation and increase transcription factor

binding. In fact, subtle differences in nucleosome stability have been demonstrated

in highly acetylated histones by in vitro assays (Morales and Richard-Foy 2000;

Brower-Toland et al. 2005). In addition, many “reader” proteins that bind to

specific acetyllysines have been discovered, and these acetyl-binding proteins

play a more direct role in transcriptional activation. For example, the bromodomain

is an acetyl-lysine binding module, and bromodomain-containing proteins can

assist in chromatin remodeling and RNA polymerase elongation (Sanchez

et al. 2014). The function of H3 methylation is more complicated, associating

with transcriptional activation and repression, depending on the residues (Barski

et al. 2007; Guenther et al. 2007; The ENCODE Project Consortium 2012; Kimura

2013). Typically on actively transcribed genes, H3K4me3 is enriched around

transcription start sites, and H3K4me1 is observed at active enhancers.

H3K79me2 and H3K36me3 are enriched with gene bodies, because the
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methyltransferases for these modifications bind to proteins that facilitate transcrip-

tion elongation. On silenced genes, either H3K9me3 or H3K27me3 is enriched, and

these methyl marks can antagonize acetylation (i.e., H3K9ac or H3K27ac) as well

as provide binding platforms for protein complexes that repress transcription. Just

like acetylated lysines, methylated lysines are recognized by “reader” proteins that

harbor methyl-binding domains, such as a chromodomain, a Tudor domain, or a

PHD finger (Musselman et al. 2012, 2014).

In human cells, several nonallelic histone H3 variants are present (Tachiwana

et al. 2011; Filipescu et al. 2013; Hamiche and Shuaib 2013; Volle and Dalal 2014;

Weber and Henikoff 2014; Gurard-Levin and Almouzni 2014), and three variants,

H3.1, H3.2, and H3.3, are abundantly expressed in somatic cells and cell lines.

Other variants include H3T/H3.4, which is specifically expressed in the testis, and

Cenp-A, which is specifically localized in centromeric chromatin. Among the major

three variants, H3.1 and H3.2 are synthesized during S phase and incorporated

throughout chromatin in a DNA replication-dependent manner (Burgess and Zhang

2013). H3.3 is a replication-independent variant, expressed throughout the cell

cycle and also in resting cells, and preferentially localized to gene regulatory

regions and gene bodies of actively transcribed genes. Consistent with their distinct

genome-wide distributions, recent mass spectrometry analyses have revealed that

individual H3 variants have preferences to specific modifications (Hake et al. 2006;

Thomas et al. 2006; Garcia et al. 2007; Young et al. 2009). The replication-

independent H3.3 variant preferentially harbors modifications associated with

transcriptionally active chromatin, while the replication-dependent H3.2 contains

repressive marks (Hake et al. 2006).

In contrast to H3, no variant of histone H4 has been reported; in humans, all

14 H4 genes encode the same amino acids. Histone H4 is also acetylated and

methylated, and these modifications are relevant for cell cycle regulation, DNA

repair, and replication. H4K5, H4K8, H4K12, and H4K16 are major acetylation

sites, and their acetylation is generally associated with euchromatin (Turner 1991,

2000; Lang et al. 2013; Taylor et al. 2013; Zheng et al. 2013; Dion et al. 2005;

Bannister and Kouzarides 2011). As described below, H4K5ac and H4K12ac are

associated with newly assembled chromatin. H4K20 can be mono-, di-, or

trimethylated and plays a regulatory role in DNA repair and replication.

19.3 Histone Dynamics During Chromatin Replication

19.3.1 Fate of Old Nucleosomes and Modifications

When a genome is replicated, chromatin needs to be duplicated. Questions arise

about how the parental nucleosomes are transferred to daughter strands and how the

information of modifications is transmitted to newly deposited histones. If two

copies of individual histone species in the same nucleosome are equally modified,

one possible mechanism is that “old” histones split into half on each daughter strand
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(Weintraub et al. 1976) to make an octamer with “new” histones in which the

original modifications are copied into the new half. However, this simple scenario is

not likely to be general (Zhu and Reinberg 2011). Several lines of evidence based

on radioisotope labeling combined with cross-linking and microscopy suggest that

bulk H3–H4 tetramers in “old” nucleosomes are randomly transferred to either of

the daughter strands without being assembled with “new” H3–H4 (Fig. 19.1)

(Jackson and Chalkley 1981, 1985; Annunziato et al. 1982; Jackson 1988, 1990).

In contrast, H2A–H2B is more dynamic (Kimura and Cook 2001). “New” H2A–

H2B dimers can form nucleosomes with “old” H3–H4, and vice versa, suggesting
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that H2A–H2B dimers are dissociated from DNA during replication. This is

consistent with the fact that long-term epigenetic memory is maintained by H3

and H4 rather than H2A and H2B. Indeed, H2A and H2B exchange more rapidly

than H3 and H4 even in the absence of DNA replication and transcription (Jackson

1990; Kimura and Cook 2001).

The H3–H4 tetramer transfer model mentioned above has been challenged by

the observation that H3–H4 is present as a dimer in the predeposition complex

(Fig. 19.1a) (Tagami et al. 2004; English et al. 2006), and a fragment of histone

chaperone (anti-silencing function 1/CCG1-interacting factor A, Asf1/CIA) can

split tetramer (Natsume et al. 2007). However, a recent quantitative mass spec-

trometry analysis has revealed that “old” H3.1–H4 does not intermingled with

“new” H3.1–H4, and a minor fraction of “old” H3.3–H4 can form tetramers with

“new” H3.3–H4 (Xu et al. 2010). As H3.1 variants are incorporated in a replication-

coupled manner, this confirms that most H3–H4 tetramers are transferred to a

daughter strand without splitting. Perhaps the modifications on specifically posi-

tioned nucleosomes do not need to be maintained because repressive marks that are

preferentially associated with replication-dependent variants, such as H3K9me2,

H3K9me3, and H3K27me3, distribute broadly (Pauler et al. 2009; Sadaie

et al. 2013). Furthermore, asymmetry of H3K27me2/3 in single nucleosomes is

observed to some extent in many mammalian cell lines (Voigt et al. 2012), indi-

cating that splitting of H3–H4 cannot provide the information of modification status

equally to two daughter strands. Even active marks like H3K4me3 and H3K27ac

that are localized just around transcription start sites, splitting the H3–H4 tetramer

into two daughter strands does not appear to be essential because transcription

factors, which bind to promoters and enhancers, can specify the active marks on

nearby nucleosomes by recruiting modification enzymes. These active marks tend

to have high turnover rates, too. It has been shown that in drosophila, H3K4me3 and

H3K27me3 are replaced with nonmethylated H3 after DNA replication, while

histone methyltransferases for H3K4 and H3K27 remain associated with newly

replicated DNA, suggesting that modification enzymes play more important roles

than the modifications per se in reestablishing the epigenetic states (Petruk

et al. 2012). In general, the density of most preexisting modifications becomes

half during replication, so the modifications need to be restored before the next S

phase in cycling cells.

19.3.2 Histone Modifications Associated with the Deposition

In human cells, histone H3 in the predeposition complex containing Asf1/CIA does

not show a unique modification status (Jasencakova et al. 2010), unlike in yeast,

where H3K56 acetylation is a hallmark of newly deposited H3 (Kaplan et al. 2008;

Li et al. 2008). H3K56ac occupies <1.5% of total H3 in the human Asf1/CIA

complex (Jasencakova et al. 2010). Other modifications, including K14ac, K18ac,

and K9me1, are also found heterogeneously in the predeposition complex at low
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levels. H3K9me1 may be mediated by SetDB1, a methyltransferase, which forms a

complex with chromatin assembly factor 1 (CAF1), another histone chaperone

working with Asf1/CIA (Fig. 19.1a) (Sarraf and Stancheva 2004; Loyola

et al. 2009). Thus, specific modifications on H3 occur after chromatin assembly.

Interestingly, H3 around CpG-methylated DNA is transiently ubiquitylated at K23

(H3K23ub) to recruit DNA methyltransferase 1 (DNMT1) (Nishiyama et al. 2013).

In contrast to H3, most H4 molecules in predeposition complexes, as well as in

newly assembled chromatin, are diacetylated at K5 and K12 (H4K5acK12ac),

which is consistent with the presence of an HAT (HAT1) in predeposition com-

plexes of H3–H4 (Fig. 19.1a) (Sobel et al. 1995; Chang et al. 1997). In addition to

human somatic cells, a huge pool of nucleosome-free H4 in Xenopus egg is also

mostly acetylated at K5 and K12 (Zierhut et al. 2014). Although the diacetylation of

H4 is not essential for histone assembly in yeast (Ma et al. 1998), these modifica-

tions may stimulate nuclear import (Ejlassi-Lassallette et al. 2011) and integrity of

the deposition complexes (Barman et al. 2008) and function in the recovery from

replication block-mediated DNA damage (Barman et al. 2006). After the assembly,

H4 is deacetylated (Taddei et al. 1999) and then acquires specific modifications

depending on the local context (Fig. 19.1b).

19.3.3 Reestablishment of Modification After Replication

Before describing reestablishment of histone modifications after chromatin repli-

cation, we begin by discussing the regulation of maintenance of DNA methylation,

another epigenetic mark. When CpG-methylated DNA is replicated, hemi-methylated

CpG formed in two daughter strands becomes fully methylated by DNMT1, which

is a maintenance DNMT that transfers a methyl group to cytidine at CpG sequences

on the nonmethylated strand in hemi-methylated DNA (Bestor 2000; Jurkowska

et al. 2011). As DNMT1 directly binds to proliferating cell nuclear antigen (PCNA),

a sliding clamp of the replication machinery, replication-coupled DNA methylation

was thought to be mediated through this interaction (Fig. 19.2a) (Chuang

et al. 1997; Iida et al. 2002). However, recent analysis has revealed that a pathway

mediated by UHRF1 (ubiquitin-like with PHD and ring finger domains 1, aka Np95

and ICBP90) is more important for DNMT1 activity on replicated DNA than

PCNA-mediated recruitment (Fig. 19.2b) (Nishiyama et al. 2013). UHRF1 is a

protein consisting of multiple functional domains, including Tudor and PHD

domains that bind to H3K9me2 and H3K9me3, an SRA domain that binds to

hemi-methylated DNA, and a RING domain that has ubiquitin ligase activity

(Sharif and Koseki 2011; Unoki 2011). After replication of methylated

CpG-containing sequences, which are often associated with H3K9me3, UHRF1

binds to hemi-methylated DNA and then ubiquitylates H3 at K23. DNMT1 binds to

H3K23ub through the replication foci-targeting sequence and then methylates

DNA. In contrast, the PCNA-binding motif of DNMT1 is dispensable for

maintaining DNA methylation (Leonhardt et al. 1992; Spada et al. 2007). Thus,
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the replication-coupled methylation mediated through DNMT1 is much more

complicated than previously thought and involves histone H3 modifications.

Some histone modification enzymes are also associated with PCNA, and such

interactions might coordinate inheritance of histone modifications during DNA

replication. For example, HDAC1 has been shown to directly bind to PCNA,

suggesting that PCNA-mediated recruitment of HDAC1 might deacetylate

H4K5acK12ac just after the deposition (Milutinovic et al. 2002). A histone

methyltransferase G9a, which mediates mono- and dimethylation at H3K9, has

HP1
meme

me me

G9a

DNMT1

me
me

me me
me me

me

PCNA

meme

G9a
HP1

G9a
HP1

meUHRF1
ub

meUHRF1
ub

DNMT1

me

me

me

me

me

me

me me

me

me

me me

me

me

A

B

C

Fig. 19.2 Maintenance of DNA methylation and histone modification after DNA replication. (a)

A possible PCNA-dependent mechanisms for the maintenance of DNA methylation. DNMT1 and

G9a could be recruited to the replication fork through the interaction with PCNA. However,

PCNA-interacting region in DNMT is dispensable to maintain DNA methylation. (b) DNMT1 is

recruited through the interaction with ubiquitylated histone H3 by UHRF1. (c) Histone methyla-

tion can be maintained independently of DNA replication
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been shown to interact with DNMT1, which binds to PCNA and UHRF1 (Esteve

et al. 2006). A simple view is that DNA methylation and H3K9 methylation are

coordinated by the protein-protein interaction network. However, the levels of

H3K9me2 as well as H3K9me3 continue to increase during G2 and the next G1,

uncoupled with DNA replication (Zee et al. 2012). Polycomb Repression Complex

2 (PRC2), which contains an H3K27 methyltransferase, has also been reported to

localize to the replication foci throughout S phase, but again restoration of

H3K27me3 does not appear to be coupled with DNA replication (Zee

et al. 2012). Hence, the molecular interactions between a histone modification

enzyme and a replication protein do not necessarily represent spatiotemporal

regulation of reestablishment of modifications. Rather, histone modification levels

appear to be maintained by a replication-independent propagation mechanism

(Fig. 19.2c). For example, H3K9me2 and H3K9me3 are recognized by the

chromodomain of heterochromatin protein 1 (HP1), which binds to a number of

proteins, including histone H3K9 methyltransferases such as G9a and SUV39Hs

(Aagaard et al. 1999; Bannister et al. 2001; Lachner et al. 2001; Lehnertz

et al. 2003; Nozawa et al. 2010). Therefore, the local concentration of

HP1-binding proteins can be increased around chromatin enriched in H3K9me2

and H3K9me3. SUV39Hs can also spread H3K9me3 without HP1, since it has both

binding and methyltransferase activities to H3K9me3 (Krouwels et al. 2005;

Muramatsu et al. 2013). H3K27me3 can be propagated by the interplay of PRC1,

containing chromodomain proteins that bind to H3K27me3 and PRC2 (Hansen

et al. 2008; Margueron et al. 2009). The interaction of the modification enzymes

with PCNA may help keep the modifications at a certain level during DNA

replication, when chromatin becomes decondensed, possibly by allowing the access

of demethylases, rather than massively methylating newly assembled histones.

Alternatively, such interactions may be important in chromatin reorganization

during/after DNA repair processes involving PCNA.

19.4 Histone Modifications that Regulate DNA Replication

19.4.1 H4K20me1 and DNA Replication

19.4.1.1 Regulation of H4K20 Methylation During the Cell Cycle

Recent studies have revealed H4K20 methylation as a key modification that

regulates DNA replication and repair as well as chromosome segregation (Brustel

et al. 2011; Wu and Rice 2011; Beck et al. 2012b; Jorgensen et al. 2013). H4K20

can be methylated at three different levels in many organisms including fission

yeast and humans, but not in budding yeast and tetrahymena. In mammals,

PR-Set7/SET8/SETD8 mediates monomethylation (H4K20me1) (Nishioka

et al. 2002), and two structurally related enzymes, SUV4-20H1 and SUV4-20H2,

mediate di- and trimethylation (H4K20me2 and H4K20me3) (Schotta et al. 2008).
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Demethylation of H4K20me1 can be mediated by PHF8 (Liu et al. 2010; Qi

et al. 2010), but demethylases of H4K20me2 and H4K20me3 have not been

discovered yet. H4K20me2 is one of the most abundant modifications on histones

in asynchronous HeLa cells, observed in >80% of total H4 molecules (Pesavento

et al. 2008). H4K20me1 and H4K20me3 occupy ~10% and ~3% of H4, respec-

tively, in asynchronous cell populations (Pesavento et al. 2008). The methylation of

H4K20 occurs after chromatin assembly and is regulated by the cell cycle.

Mass spectrometry and immunofluorescence analyses have also revealed that

H4K20me1 levels massively increase from G2 to M and then decrease during the

next G1 (Rice et al. 2002; Pesavento et al. 2008). Consistent with the changes of

H4K20me1 during the cell cycle, PR-Set7 accumulates during the late G2 to M

phase (Rice et al. 2002; Karachentsev et al. 2005), and its phosphorylation by Cdk1-

cyclin B prevents the binding of the anaphase-promoting complex (APC), an E3

ubiquitin ligase, to PR-Set7 until dephosphorylation by Cdc14 phosphatase during

anaphase (Wu et al. 2010). After degradation of PR-Set7 by the APC pathway,

H4K20me1 can be converted to H4K20me2 and/or H4K20me3 by SUV4-20Hs

during G1. PR-Set7 is further subjected for degradation during S phase by an E3

ubiquitin ligase, CRL4Cdt2, through the interaction with PCNA (Abbas et al. 2010;

Centore et al. 2010). Interestingly, the counteracting demethylase for H4K20me1,

PHF8, is also cell cycle regulated with enrichment in G2 and degradation by

interaction with CDC20 in APC (Liu et al. 2010; Lim et al. 2013), similar to

PR-Set7. However, PHF8 is likely to function in specific genome loci rather than

affecting the global level of H4K20me1. Indeed, PHF8 has been shown to regulate

genes important for G1/S and G2/M transitions. Phosphorylation-dependent disso-

ciation of PHF8 from mitotic chromosomes can also allow H4K20me1 to bind to

the condensin II complex through non-SMC subunits for proper chromosome

condensation (Liu et al. 2010).

19.4.1.2 H4K20 Methylation Is Essential for Cell Cycle Regulation

and DNA Damage Repair

The biological significance of H4K20 methylation has been shown by knockout and

knockdown of the methyltransferases. PR-Set7 knockout mice are lethal at a very

early stage of embryos before eight-cell stage (Oda et al. 2009). As this lethality can

be rescued by the expression of the wild-type PR-Set7, but not its catalytically

inactive mutant, H4K20 methylation is likely to play an essential role in embryo

development. The essential role of PR-Set7 in proper cell division and genome

maintenance has also been shown in knockout ES cells and knockdown cells

(Tardat et al. 2007; Houston et al. 2008). All levels of H4K20 methylation are

affected by PR-Set7 depletion as SUV4-20Hs require monomethylation. However,

H4K20me1 is likely to be most influential for such a phenotype, because SUV4-

20H1 and SUV4-20H2 double knockout mice, in which most H4K20me2 and

H4K20me3 disappear, showed a milder phenotype (lethal at perinatal stage) than

PR-Set7 knockout mice (Schotta et al. 2008). The lethal phenotypes of PR-Set7-
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and SUV4-20H-knockout mouse embryos are likely to be caused by defects in cell

cycle regulation and DNA damage repair.

19.4.1.3 H4K20 Methylation in DNA Replication Licensing

PR-Set7 has been shown to play an important role in regulating DNA replication

licensing. The essential function of CRL4Cdt2-dependent PR-Set7 degradation

during S phase has been implicated by toxic effects of nondegradable PR-Set7

mutant expression (Abbas et al. 2010; Centore et al. 2010; Oda et al. 2010). As the

toxicity depends on PR-Set7 catalytic activity, keeping the level of H4K20me1 low

during G1 and S appears to be important. A remarkable phenomenon observed in

cells which express the nondegradable PR-Set7 mutant is uncontrolled

rereplication. Depletion of CRL4Cdt2 also causes rereplication, but this phenotype

is rescued by co-depletion of PR-Set7, indicating that PR-Set7-dependent H4K20

methylation is a major target of the CRL4Cdt2 pathway to control replication

licensing (Abbas et al. 2010). Depletion of PR-Set7 enzymatic activity affects

replication origin firing and replication fork progression (Jorgensen et al. 2007;

Tardat et al. 2007). Therefore, the levels of PR-Set7 enzymatic activity need to be

strictly controlled for facilitating and preventing replication licensing. As the

stabilization of PR-Set7 is associated with H4K20me1 through DNA damage and

SUV4-20H activity, H4K20me1 is suggested to be a key effector in the

rereplication-preventing pathway.

The positive function of PR-Set7 and H4K20 methylation in DNA replication

has been demonstrated by artificial tethering experiments. When PR-Set7 is teth-

ered to a specific locus, the binding of the origin recognition complex (ORC) is

increased, which in part also requires SUV4-20H1 (Beck et al. 2012a). That is

thought to occur by the direct binding of ORC subunits to H4K20 methylation

(Fig. 19.3a). ORC1 has been shown to bind to H4K20me2 through the bromo-

adjacent homology (BAH) domain (Kuo et al. 2012), and an ORC-associated

protein, ORCA (LRWD1), also binds to H4K20me3 (Vermeulen et al. 2010).

However, as H4K20me2 is abundantly present throughout the cell cycle, and

ORC binding is not sufficient for replication licensing; the mechanism by which

enhanced ORC binding can escape the prevention of replication licensing remains

unknown.

19.4.2 Histone H4 Acetylation and DNA Replication
Licensing

Histone H4 acetylation also plays an important role in replication licensing. A

histone acetyltransferase, HBO1, directly binds to Cdt1, which is required for

loading the MCM2-7 complex onto origins during G1 (Fig. 19.3b) (Miotto and
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Struhl 2008, 2010). During S and G2, Cdt1 is inactivated by degradation and

geminin binding. H4 hyperacetylation around origins peaks at the G1/S boundary

when MCM2-7 and HBO1 also accumulate at origins. Indeed, knockdown of

HBO1 reduces H4 acetylation at origins, and overexpression of HBO1 together

with a cofactor, Jade-1, induces hyperacetylation and loading of MCM2-7.

Although it is possible that acetylation of nonhistone proteins by HBO1 is critical

for replication licensing, the expression of the PR-Set7 histone binding domain

suppresses H4 acetylation and MCM2-7 loading, suggesting that the H4 tail is

important in the regulation. There are several possibilities for how H4 acetylation

functions for replication licensing or MCM2-7 loading. As H4 acetylation is known

to induce chromatin decondensation and/or histone eviction, Mcm2-7 complexes

and loading factors may become more accessible to origins. Acetylation may also

provide a platform for biding of specific proteins. However, HBO1 and Jade-1

expressions do not induce replication licensing, indicating that histone H4 acetyla-

tion plays regulatory but not sufficient for replication licensing.

19.4.3 Histone Modifications Enriched in Replication
Origins

Recently, H3K79 dimethylation (H3K79me2) has been shown to associate with a

subset of replication origins genome wide, including those in the beta-globin locus

control regions (Fig. 19.3a) (Fu et al. 2013). H3K79me2 is known to be enriched in

the gene body of transcribed genes, which are in part consistent with the enrichment
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(b) MCM loading is enhanced by histone H4 acetylation by HBO1 that binds to Cdt1
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of origins. The abundance of H3K79me2 remains constant during the cell cycle, but

the distribution fluctuates. H3K79me2-enriched regions are similar in G1 and G2,

but they expand to adjacent regions during S phase. S phase-specific H3K79me2-

enriched regions do not correlate with origins. Interestingly, H3K79me2 is not

enriched in a beta-globin replicator mutant, which is defective for the initiation

events, supporting the functional association of this modification with origin activ-

ity. Furthermore, in cells depleted with DOT1L, which is the sole H3K79 methylase

(Feng et al. 2002), rereplication occurs, while replication fork speed and initiation

frequencies remain the same as in control cells. This suggests that H3K79me2 plays

a role in preventing rereplication at origins. However, the mechanism by which

H3K79me2 is enriched and functions at origins remains totally unknown.

19.4.4 Histone H3K27me1 and DNA Replication in Plant
and Ciliate

In addition to the abovementioned modifications, some other modifications like

H3K27me1 have been shown to be involved in DNA replication in various organ-

isms. In Arabidopsis thaliana, H3K27 monomethyltransferases, ATXR5 and

ATXR6, are required to prevent rereplication, as mutations in these genes caused

rereplication of transposons where H3K27me1 is originally enriched (Jacob

et al. 2010). Interestingly, these methyltransferases distinguish H3.1 and H3.3, so

that only H3.1 becomes a substrate for methylation. Thus, active gene loci that

harbor H3.3 are prevented from being monomethylated at K27 (Jacob et al. 2014).

It should be noted that H3.1 and H3.3 in the predeposition complexes in human

cells have also differential modifications; human H3.1 contains more K9me1,

which can be a substrate for trimethylation, than H3.3, whereas a fraction of H3.3

contains K9acK14ac (Loyola et al. 2006). An essential role for H3K27me1 in

replication elongation is also demonstrated in Tetrahymena thermophila (Gao

et al. 2013). Depletion of an H3K27me1 methyltransferase, TXR1, but not an

H3K27me3 methyltransferase, causes accumulation of single-stranded DNA near

origins. Furthermore, the expression of nonmethylatable H3 mutant (H3K27Q)

shows a similar phenotype to TXR1 deletion, implying that H3K27me1 is impor-

tant in replication elongation. The interaction between TXR1 and PCNA may

stimulate post-replicative maintenance of H3K27me1. It will be interesting to see

if H3K27me1, or other marks, also functions in mammalian cells.
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19.5 Future Prospects

The main players for the regulation of DNA replication including ORC andMCM2-

7 have been identified over the last three decades, but how they are organized and

function in a chromatin context has just begun to emerge. As histone modifications

have multiple functions, it is quite difficult to elucidate their specific roles in DNA

replication. For example, knockdown of a modifying enzyme could deplete a

specific modification, but the phenotype related to replication could result from

the alteration of gene expression and/or deficiency of DNA repair and also from the

effect of nonhistone substrates of the enzyme. Development of fully reconstituted

system using defined chromatin templates and purified proteins is obviously one

direction to solve the problem. In addition, as chromatin organization is highly

complicated in living cells, it is also essential to detect the dynamics of replication

events and histone modifications in intact conditions. Although we did not mention

it here, replication timing is regulated at a high-order chromatin conformation level

(Pope et al. 2014) and also by histone acetylation (Casas-Delucchi et al. 2011,

2012). Fortunately, microscopic and single-cell technologies are rapidly evolving,

possibly allowing us to elucidate more detailed views of DNA replication in a

chromatin context.
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Chapter 20

Establishment and Maintenance of DNA

Methylation

Shoji Tajima, Hironobu Kimura, and Isao Suetake

Abstract In mammals, more than 70 % of the CpG sequences in the genome are

methylated at the 5th position of cytosine bases. DNA methylation acts as a

regulator of gene expression and is crucial for development, especially in higher

eukaryotes. In mammals, three DNA (cytosine-5-)-methyltransferases, Dnmt1,

Dnmt3a, and Dnmt3b, have been identified. Dnmt3a and Dnmt3b are mainly

responsible for establishing DNA methylation patterns in the genome. For the

establishment of DNA methylation patterns, interacting or associating factors that

take Dnmt3a or Dnmt3b to the site of methylation, the timing of expression, and the

substrate DNA with higher ordered structures (chromatin states) are the determi-

nants. Dnmt1 favors methylation of hemi-methylated DNA, which appears just

after replication or repair, and thus is responsible for maintaining the methylation

patterns during replication and after repair. Recently, it was found that Uhrf1 and

histone ubiquitylation are necessary factors for maintenance DNA methylation

in vivo. In this chapter, the establishment and maintenance of DNA methylation

by Dnmt3a, Dnmt3b, and Dnmt1 are described.

Keywords DNA methylation • DNA methyltransferase • Dnmt1 • Dnmt3a •

Dnmt3b • Maintenance methylation • Uhrf1

20.1 DNA Methylation

20.1.1 DNA Methylation in Prokaryotes and Eukaryotes

DNA methylation at the 5th position of cytosine bases was first detected in 1948 in

calf thymus (Hotchikiss 1948). DNA methylation modification was also found in

prokaryotes after this finding. In prokaryotes, DNA methylation occurs not only at

the 5th position of cytosine but also at the 6th nitrogen of adenine (N6-mA) and the

4th nitrogen of cytosine (N4-mC) in addition to the 5th carbon of cytosine.

Although the discovery of DNA methylation modifications in prokaryotes occurred
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after that in eukaryotes, most of the properties and functions were reported in the

1960s. In bacteria, many of the cytosine-methylating enzymes (DNA (cytosine-5-)-

methyltransferases; EC 2.1.1.37) exist as a restriction-modification system, that is,

bacteria express sequence-specific endonucleases (restriction enzymes) and the

DNA methyltransferases that methylate identical sequences (modification

enzymes) at the same time. The methylated DNA thus escapes from autodigestion.

This system acts as a defense mechanism against bacteriophages.

In addition to cytosine methylation, the 6th nitrogen of adenine in the GATC

sequence undergoes methylation modification in Escherichia coli. This is called

Dam methylation and is recognized as a hallmark of the original strand when DNA

repair occurs. In addition to the identification of the original strand, Dam methyl-

ation seems to have similar functions to that of 5-methylcytosine in eukaryotes,

such as in the timing of replication and transcriptional regulation (Noyer-Weidner

and Trautner 1993).

Although N6-mA has been found recently in Caenorhabditis elegans,
chlamidomonas, and Drosophila (Greer et al. 2015; Fu et al. 2015; Zhang

et al. 2015), the 5th carbon of cytosine is the majorsite of methylation modification

in higher eukaryotes. DNA methylation modification in higher eukaryotes regulates

transcription via methylated DNA-binding proteins, which affect the chromatin

state (Bird 1995). In mammals and higher plants, transposons are methylated and

silenced. For this, it was proposed that methylation modification is a sort of self-

defense mechanism just like that found in prokaryotes (Yoder et al. 1997). In

mammals, interestingly, DNA methylation has acquired new functions: X chromo-

some inactivation and genomic imprinting.

20.1.2 Proposed Mechanism of Methylation Reaction

The methylation of the 5th carbon in cytosine is a two-substrate reaction involving

S-adenosyl-L-methionine (AdoMet) as a methyl group donor and cytosine bases in

DNA as a methyl group acceptor. The reaction mode is thought to be similar as to

that proposed for bacterial enzymes. -SH of cysteine at the catalytic center of DNA

methyltransferase attacks the 6th carbon in the pyrimidine ring of cytosine as a

nucleophilic reagent and forms a covalent bond with the enzyme. This activates the

5th carbon and promotes the transfer of a methyl group from AdoMet. Following

this step, the proton at the 5th position is removed by the basic amino acid residue in

the enzyme, and then the enzyme is released from the DNA (Kumar et al. 1994)

(Fig. 20.1).

The sequence responsible for the catalytic reaction comprises ten motifs that are

conserved in prokaryotes and eukaryotes. Among these motifs, six, i.e., I, IV, VI,

VIII, IX, and X ones, are conserved in all cytosine methyltransferases (Fig. 20.2).

Motif I is responsible for the binding of AdoMet, and the Cys of the Pro-Cys

sequence in motif IV covalently binds to the carbon at the 6th position to yield an

intermediate of the methylation reaction. The sequence between motifs VIII and IX

is called the “target recognition domain (TRD),” which specifies the catalysis target

490 S. Tajima et al.



sequence for methylation, which exhibits no homology among the enzymes (Kumar

et al. 1994). It is deduced that the reaction mechanism of the methylation reaction is

basically identical among the enzymes, although there might be a small difference

in the scheme of binding of AdoMet and DNA to the catalytic center (Takeshita

et al. 2011).

20.1.3 DNA Methylation in Eukaryotes

Cytosine methylation does not occur in all eukaryotes; no cytosine methylation is

found in Saccharomyces cerevisiae, Schizosaccharomyces pombe, or

Caenorhabditis elegans (Capuano et al. 2014). A very low level of cytosine

methylation occurs in Drosophila, and the level and expression stages are limited

(Gowher et al. 2000; Lyko et al. 2000; Capuano et al. 2014). Since other insects

generally exhibit cytosine methylation in genomic DNA, Drosophila is exceptional
(Glastad et al. 2011). In honeybees, when DNA methylation is inhibited, a worker

bee becomes the queen bee (Kucharski et al. 2008). Considering the highly con-

served sequence in the catalytic domains of vertebrate and prokaryotic DNA

methyltransferases, the DNA methyltransferases are lost in lower eukaryotes rather

than newly acquired in higher eukaryotes. In Neurospora crassa, a fungus, cytosine
methylation occurs; however, no phenotype is observed even when DNA

methyltransferase gene Dim2 is destroyed (Tamaru and Selker 2001). The function

of DNA methylation in eukaryotes is not always the same, differing from one

Fig. 20.1 Schematic representation of the reaction pathway (Taken from Kumar et al. 1994)

I IV VI
HhaI L T G L R F I D L F A G L G G F R L A L E S C G A E C T I P D H D I L C A G F P C Q A F S I S G K Q K R E K K P K V V F M E N V K N F A S H D N
HpaII R E K F T F I D L F A G I G G F R I A M Q N L G G K C I P E K F D I L C A G F P C Q A F S I A G K R G R R H Q P K A F F L E N V K G L K N H D K
MspI S S D F K F I D L F S G I G G I R Q S F E V N G G K C T I P Q H D I L C A G F P C Q P F S H I G K R E E T K K T P V L F L E N V P G L I N H D D
Dnmt1 L P K L R T L D V F S G C G G L S E G F H Q A G I S E Q K G D V E M L C G G P P C Q G F S G M N R F N D Y Y R P R F F L L E N V R N F V S Y R R
Dnmt3a R K P I R V L S L F D G I A T G L L V L K D L G I Q V E W G P F D L V I G G S P C N D L S N V N P A R G D D R P F F W L F E N V V A M G V S D K
Dnmt3b R R P I R V L S L F D G I A T G Y L V L K E L G I K V E W G P F D L V I G G S P C N D L S I V N P A R G D N R P F F W M F E N V V A M K V N D K

VIII IX X
HhaI A K V L N A L D Y G I P Q K R E R I Y M I C F R N G K T R K L H P R E C A R V M G Y P D S Y K V H Q A Y K Q F G N S V V I N V L Q Y I A Y N I G S S
HpaII P A I V N A K N F G V P Q N R E R I Y I V G F H K E G I R K M T P R E W A R L Q G F P D S Y V I P S A Y K Q F G N S V A V P A I Q A T G K K I L E K
MspI H T V L D A S H F G I P Q K R K R F Y L V A F L N T G I R L L T T N E C K A I M G F P K D F V I P Q M Y R Q M G N S V V V P V V T K I A E Q I S L A
Dnmt1 F G V L Q A G Q Y G V A Q T R R R A I I L A A A P E Q H R V V S V R E C A R S Q G F P D S Y R F F D R H R Q V G N A V P P P L A K A I G L E I K L C
Dnmt3a N P V M I D A K E V S A A H R A R Y F W G N L P G E K E D I L W C T E M E R V F G F P V H Y T D V A R Q R L L G R S W S V P V I R H L F A P L K E Y
Dnmt3b N P V M I D A I K V S A A H R A R Y F W G N L P G G K D D V L W C T E L E R I F G F P A H Y T D V A R Q K L L G R S W S V P V I R H L F A P L K D Y

Fig. 20.2 Alignment of the amino acid sequences of the six conserved motifs of mouse DNA

methyltransferases, Dnmt1, Dnmt3a, and Dnmt3b, with three typical bacterial DNA

methyltransferases, M.HhaI, M.HpaII, and M.MspI (Kumar et al. 1994). Conserved amino acid

residues are shaded. Dnmt3a and Dnmt3b are apparently different from Dnmt1 and bacterial DNA

methyltransferases
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organism to another. In vertebrates, DNA methylation occurs at the cytosine in the

CpG sequence and is a necessary modification for sustaining life especially for the

early stages of embryogenesis in mammals. In plants, although the target of

methylation is cytosine, modification occurs not only in the CpG sequence but

also in the CpHpG and CpHpH ones, where H¼A, C, or T, by different DNA

methyltransferases, respectively (Diez et al. 2014).

Of course it is impossible to prove that DNA methylation was inevitable for

evolution; however, the modification is highly developed in higher plants and

mammals, and thus the acquisition of the modification must have been advanta-

geous for their evolution. Compared to other epigenetic modifications such as

acetylation and methylation of histones, DNA methylation is more stable. Once

the modification has been acquired, it is faithfully propagated to the next generation

during replication process. Then, what was the advantage of the acquisition of the

modification? Two possibilities have been proposed.

20.1.3.1 Silencing of Transposons by DNA Methylation

One proposed role of DNA methylation is the silencing of transposons, which

occupy about half of the genome in man. It is not difficult to assume that acquisition

of transposons by the genome facilitated rearrangement of the genome to create

new genes, which may have promoted evolution. However, at the same time,

facilitated rearrangement is harmful and not desirable for an individual, because

it may cause transformation or apoptosis of cells. An individual must survive until a

reproductive age to maintain the species. For this, transposons that have been

ectopically incorporated must be controlled somehow. DNA methylation is utilized

for suppressing transposons as “parasites” (Yoder et al. 1997). However, the trans-

posons in sea squirt, a protochordate, which has DNA methylation, are not meth-

ylated at all, the DNA methylation being limited to the gene body (Suzuki

et al. 2007).

20.1.3.2 Tissue-Specific Gene Expression and DNA Methylation

Methylation of its promoter region represses expression of a gene. Genes that are

tissue-specifically expressed are generally heavily methylated and in a condensed

chromatin state in tissues that are not expressing the genes. DNA methylation is

thus utilized as a sort of filling cabinet to limit the set of genes that should be

expressed in one tissue and completely silenced in the others. This may contribute

to the efficient usage of limited numbers of genes and reduce the background

expression of silenced genes (Bird 1995). Except for a small number of transcrip-

tion factors such as SP1 (Harrington et al. 1988), many transcription factors such as

CTCF (Bell and Felsenfeld 2000; Hark et al. 2000), E-box-binding transcription

factor c-Myc (Prendergast and Ziff 1991), and Ets transcription proteins (Umezawa

et al. 1997) are inhibited in their binding to the target DNA sequence due to the
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target sequence methylation. In addition to this direct effect, the methylated DNA is

recognized by several methylated DNA-binding proteins, many of which form

complexes or associate with corepressor complexes, NuRD, Sin3A, or NCoR

(Defossez and Stancheva 2011).

20.1.4 The Readers of Methylated Cytosine

As described above, one of the mechanisms for silencing of genes through DNA

methylation is inhibition of the binding of transcription factors directly. In addition

to this, methylated DNA is selectively recognized by many factors. One group of

which comprises methyl-CpG-binding domain-containing proteins named MBD

proteins (Hendrich and Tweedie 2003). Five MBD proteins have been reported:

MeCP2, MBD1, MBD2, MBD3, and MBD4. MBD proteins contain a characteristic

amino acid sequence of about 60 residues responsible for recognizing methylated

CpG (Ohki et al. 2001) (Fig. 20.3a).

MeCP2 was the first methyl-CpG-binding protein of which the cDNA has been

isolated (Lewis et al. 1992) (Fig. 20.3b). MeCP2 is highly expressed in neurons, and

a defect of it is the cause of Rett syndrome. MeCP2 interacts with the corepressor

Sin3A and thus contributes to repression of gene expression. MeCP2-knockout
mouse is a model for Rett syndrome (Chen et al. 2001). MBD1 interacts with

factors related to transcription repression, such as PC2 and Ring1B (Sakamoto

et al. 2007), which is a part of polycomb-group repressive complex 1 (PRC1),

histone H3K9-methylating methyltransferases Suv39h1 and Setdb1, and

Fig. 20.3 (a) Three-dimensional structure of the MBD domain of MBD1. Methylated cytosine

bases (5mC, yellow) in double-stranded DNA (blue) are recognized by the MBD domain (Provided

by Masahiro Shirakawa at Kyoto University; Ohki et al. 2001). (b) Schematic illustration of MBD

proteins and Kaiso. The MBD (yellow), Cys-rich (green), repression (brown), glycosylase (red),
BTB/POZ (purple), and Zn-finger (gray) domains are indicated
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heterochromatin protein 1 (HP1) (Fujita et al. 2003; Sarraf and Stancheva 2004).

MBD1-knockout mouse does not show any severe developmental defect but

exhibits abnormal neuronal formation and genomic instability (Zhao et al. 2003;

Allan et al. 2008). MBD2 is a component of the MeCP1 complex, which was first

identified as a methyl-CpG-binding protein (Ng et al. 1999). MBD2 interacts with

corepressor complex NuRD (Feng and Zhang 2001). MBD2-knockout mouse

shows apparently normal development and reproduction (Hendrich et al. 2001).

The only phenotype found is failure in silencing of the Il4 gene in MBD2-null

T-progenitor cells (Hutchins et al. 2002). Mammalian MBD3 cannot selectively

recognize methyl CpG. Interestingly, however, the MBD3 orthologue of Xenopus
specifically recognizes methylated DNA and acts as a methylated DNA-binding

protein (Iwano et al. 2004). MBD3 is an intrinsic component of the NuRD complex.

MBD3-knockout mouse is embryonic lethal (Hendrich et al. 2001). MBD4 is a quite

unique MBD protein in that it has a glycosylase domain at its C-terminus (Hendrich

and Tweedie 2003). When the amino group of methylated cytosine is oxidatively

deaminated, the cytosine is converted to thymine, resulting in a T:G mismatch,

which yields a substrate for MBD4. From this, it was expected that MBD4 is a

demethylase for methyl CpG (Zhu et al. 2000); however, it remains unknown

whether or not MBD4 is a demethylase like DEMETER and ROS1, which are

glycosylases of Arabidopsis (Morales-Ruiz et al. 2006). Interestingly, the MBD

domain of MBD4 can also bind to hydroxymethyl CpG, which is reported to be an

intermediate of the demethylation process (Ito et al. 2010), with its methyl-CpG-

binding pocket (Otani et al. 2013a). The MBD4 mutation is expected to be a cause

of the promotion of cancer (Riccio et al. 1999).

Kaiso, ZBTB4, and ZBTB38, which comprise another class of methyl-CpG-

binding proteins that contain a zinc finger, only exist in vertebrates (Defossez and

Stancheva 2011). These proteins all contain a BTB/POZ domain and three to ten

repeats of a C2H2-type zinc finger. Three of the tandemly connected zinc fingers are

responsible for recognition of methyl CpG. Kaiso is necessary for embryogenesis in

Xenopus; however, Kaiso-knockout mouse apparently shows normal development.

20.2 DNA Methylation and Methyltransferases

in Mammals

The methylation pattern of genomic DNA is established at an early stage of

embryogenesis. Once the global methylation patterns are established, they are

maintained during replication in a cell lineage-dependent manner (Fig. 20.4).

Interestingly, in higher plants, the DNA methylation patterns apparently are

inherited by the next generation through germ cells (Diez et al. 2014). In mammals,

however, the global DNA methylations are removed during an early stage of germ

cell development and reestablished in gonocytes in males and growing oocytes in

females (Bird 2002). The expression of about a hundred genes on autosomes is

regulated in a sex-dependent manner, so they are called imprinted genes. These
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genes are characterized by distinct DNA methylation regions in the male and

female genomes, differentially methylated regions (DMRs). The DMR methyla-

tions are established in germ cells at the same times as the global DNA methyla-

tions (Kaneda et al. 2004).

In mammals, three DNA methyltransferases, Dnmt1, Dnmt3a, and Dnmt3b,

have been identified (Bestor et al. 1988; Okano et al. 1998) (Fig. 20.5). Dnmt3a

and Dnmt3b are responsible for de novo type DNA methylation in implantation

stage embryos and during germ cell differentiation (Okano et al. 1999). Dnmt3L,

which is a member of the Dnmt3 family but does not possess DNA methylation

activity, was reported to be indispensable for global methylation in germ cells

(Bourc’his et al. 2001; Hata et al. 2002). Once the DNA methylation patterns are

established, maintenance-type DNAmethyltransferase Dnmt1 faithfully propagates

DNA methylation patterns to the next generation via replication. Dnmt1 favors

methylation of the hemi-methylated state of CpG sites, which appears just after the

replication and repair steps. Dnmt2 was found to be another DNA

methyltransferase (Yoder and Bestor 1998); however, the enzyme has turned out

to catalyze tRNA methylation (Goll et al. 2006).

5’-GATCGTACGTC-3’
3’-CTAGCATGCAG-5’

5’-GATCGTACGTC-3’
3’-CTAGCATGCAG-5’

5’-GATCGTACGTC-3’
3’-CTAGCATGCAG-5’

5’-GATCGTACGTC-3’
3’-CTAGCATGCAG-5’

5’-GATCGTACGTC-3’
3’-CTAGCATGCAG-5’

5’-GATCGTACGTC-3’
3’-CTAGCATGCAG-5’

CH3

CH3

CH3

CH3

Maintenance of DNA 
methylation patterns

replication

Establishment of 
methylation patterns

CH3

CH3

Fig. 20.4 Schematic illustration of the establishment and maintenance of DNA methylation

patterns in mammals. The DNA methylation patterns established at an early stage of embryogen-

esis mainly by Dnmt3a and Dnmt3b are maintained during replication by Dnmt1 with the aid of

Uhrf1
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20.2.1 Establishment of DNA Methylation Patterns

20.2.1.1 Enzymes Responsible for the Establishment of DNA

Methylation Patterns

In mammals, two of the three cytosine DNA methyltransferases, Dnmt3a and

Dnmt3b, which are responsible for establishing the methylation patterns with

their de novo type DNA methylation activity (Okano et al. 1999; Aoki

et al. 2001), are coded in distinct gene loci. Their domain arrangements are similar:

PWWP, ADD (Atrx-Dnmt3-Dnmt3L), and C-terminal catalytic domains

(Fig. 20.5). The PWWP domain is reported to bind DNA (Qiu et al. 2002) and

the ADD domain to interact with various proteins (Fuks et al. 2001; Brenner

et al. 2005; Otani et al. 2009).

The catalytic rates of the highly purified recombinant Dnmt3a and Dnmt3b are

quite low, being up to only 2 mol methyl group transfer per mole enzyme per hour

at 37 �C (Suetake et al. 2003). Despite their low specific activities, Dnmt3a and

Dnmt3b play crucial roles in establishing DNA methylation patterns as knockout of

the genes inhibits establishment of the DNA methylation patterns in an early stage

of embryogenesis and thus inhibits normal development (Okano et al. 1999). Dou-

ble knockout of both genes gives a more severe phenotype during development

compared to knockout of either gene. Dnmt3a and Dnmt3b partially compensate for

each other for the establishment of DNA methylation. However, the centromeric

heterochromatin region is the prominent specific methylation site of Dnmt3b

(Okano et al. 1999). Knockout or mutation of the Dnmt3b gene induces

hypomethylation in the centromeric hetrochromatin region. This is a cause of an

autosomal recessive disorder, immunodeficiency-centromeric instability-facial

CXXC BAD1   BAH2 (KG)n catalytic

I    IV  VI                   IX  X

1 1,602coiled-coil

Dnmt3b
8591

I IV  VI   IX  XPWWP ADD
catalytic

Dnmt3a
(Dnmt3a2)

1 908

689)(1

Dnmt3L
1 421

Dnmt1
RFTS

Fig. 20.5 Schematic illustration of mammalian DNA methyltransferases, Dnmt1, Dnmt3a, and

Dnmt3b. Dnmt3a has a short isoform utilizing different promoter and transcription start sites,

Dnmt3a2. Dnmt3L, a family of Dnmt3, lacks a catalytic domain and thus does not exhibit DNA

methylation activity
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anomalies (ICF) syndrome (Okano et al. 1999; Hansen et al. 1999; Xu et al. 1999).

Hypomethylation in a pericentric region induces instability of this region.

20.2.1.2 Sequence Specificity

The major methylation target sequence of Dnmt3a and Dnmt3b is CpG. It was

reported that Dnmt3a and Dnmt3b likely recognize adjacent nucleotides of CpG

sites; Dnmt3a prefers CpG sites flanked by pyrimidines (Y) over CpG ones flanked

by purines (R) (Lin et al. 2002), or Dnmt3a and Dnmt3b prefer AT-rich flanks and

RCGY and disfavor YCGR (Handa and Jeltsch 2005). However, such a sequence

specificity is not sufficient for determining specific genomic regions. Thus, either

the factors recruit Dnmt3a or Dnmt3b to the target methylation regions or the state

of chromatin structures may determine the methylating regions.

Although the major target sequence of methylation is CpG, Dnmt3a causes

non-CpG methylation of CpA, and Dnmt3b of CpA and CpT (Aoki et al. 2001;

Suetake et al. 2003; Meissner et al. 2005), and thus in Dnmt1-knockout ES cells,

non-CpG methylation is increased. In general, non-CpG methylation sites accumu-

late in Dnmt1-knockout ES cells, in which Dnmt3a and Dnmt3b are highly

expressed, and in cells that are arrested as to cell proliferation such as growing

oocytes (Shirane et al. 2013) and neurons (Guo et al. 2014). This is because in those

cells the non-CpG methylations are not efficiently removed from the genome by

Dnmt1, which maintains a CpG methylation-specific manner during replication

(see the following). The function of the non-CpG methylations in mammals is

elusive.

20.2.1.3 Factors That Guide Dnmt3 for Methylation

One category of factors brings Dnmt3 to very specific sequences such as promoters

of genes. This type of mechanism is supported by the observation that a short DNA

sequence (methylation-determining region, MDR) determines the DNA methyla-

tion state (Lienert et al. 2011). In this, sequence-specific DNA-binding proteins are

involved. For example, Dnmt3a binds the corepressor complex of PR48/HDAC1 or

proto-oncogene c-Myc through the ADD domain (Fuks et al. 2001; Brenner

et al. 2005), or both Dnmt3a and Dnmt3b cooperate with EVI1 (oncogene product)

to bind and methylate the expression controlling region of miRNA 124-3 (Senyuk

et al. 2011). Recently, it was reported that noncoding RNA is involved in targeting

of Dnmt3b to de novo methylation sites. pRNA, which binds the promoter of rRNA

coding genes and forms DNA:RNA triplex, recruits Dnmt3b for DNA methylation

(Schmitz et al. 2010). However, Ross et al. have reported that the DNA:RNA

heteroduplex rather inhibits the de novo methylation activities of both Dnmt3a

and Dnmt3b in vitro (Ross et al. 2010).

In addition to the direct interaction with a DNA-binding protein or RNA,

interaction with factors that bind to the sequence-specific DNA-binding proteins
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has been reported. One of the KRAB zinc-finger proteins, ZFP57, plays crucial

roles in the establishment and maintenance of the methylation of imprinted genes

specifically through interaction with Trim28 (KAP1 or TIF1β) (Quenneville

et al. 2011, 2012), to which Dnmt3a and Dnmt1 bind (Zuo et al. 2012), indicating

that Dnmts are recruited to the target methylation sites by indirect interaction with a

sequence-specific DNA-binding protein. The KRAB zinc-finger protein family,

which determines target regions, comprises more than 300 genes (Liu

et al. 2013). Trim28 contributes as a scaffold for guiding Dnmts to a variety of

target sequences utilizing sequence-specific binding KRAB zinc-finger proteins. As

a similar category, NEDD8, which is a ubiquitin-like small protein modifier, acts as

a tag in guiding Dnmt3b to neddylated proteins (Shamay et al. 2010). The main

target of neddylation is cullin, which plays a role in heterochromatin formation.

Dnmt3b is reported to be tethered to centromeric and pericentromeric heterochro-

matin regions through interaction with CENP-C to methylate the regions

(Gopalakrishnan et al. 2009).

The recruitment of Dnmt3a to specific genomic regions does not always intro-

duce DNA methylations. Although Dnmt3a is recruited to a target sequence by

Ezh2, a component of polycomb repressive complex 2 (PRC2) (Rush et al. 2009);

MBD3, an intrinsic component of corepressor complex NuRD; Brg1, an ATPase

subunit of Swi/Snf chromatin remodeling factor (Datta et al. 2005); or p53 (Wang

et al. 2005), the recruitment does not affect the DNA methylation state.

20.2.1.4 Expression Timing of Dnmt3 Is One of the Determinants

for the Establishment of Methylation Patterns

Dnmt3a is ubiquitously expressed in somatic cells, although the expression level is

low. Exceptionally, an isoform named Dnmt3a2 that lacks about the N-terminal

200 amino acid residues is highly expressed in the stage of germ cell development

and in early stage embryos (Chen et al. 2002; Weisenberger et al. 2002; Sakai

et al. 2004; Sato et al. 2006). Dnmt3a2 is the major de novo type DNA

methyltransferase in gonocytes (Sakai et al. 2004) (Fig. 20.6). The Dnmt3a2

expressed in germ cells is responsible for imprint genes and repetitive sequences

(Kaneda et al. 2004). Recently, a mutation in the Dnmt3a gene was found to be the

major cause of acute myeloid leukemia (Li and Zhu 2014).

Dnmt3b is highly expressed at the stage of implantation (Watanabe et al. 2002),

at which stage global DNA methylation patterns are established (Okano

et al. 1999), and in stem and progenitor cells (Watanabe et al. 2002, 2004)

(Fig. 20.7). Many alternative splicing isoforms have been reported for Dnmt3b

(Robertson et al. 1999; Ostler et al. 2007) (Fig. 20.8). Most of the Dnmt3b isoforms

have a deletion in the C-terminal catalytic region and thus exhibit no DNA

methylation activity. Among the major translation products, only Dnmt3b1 and

Dnmt3b2 possess DNA methylation activity (Aoki et al. 2001). Recently, a new

splicing isoform that skipped exon 6 was found. This isoform is highly expressed in

in vitro fertilized embryos and shows relatively low DNA methylation activity. It
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was proposed that expression of this isoform is the cause of the low DNA methyl-

ation in these embryos (Horii et al. 2011). A dominant isoform, Dnmt3b3, which

lacks the exon of the middle part of the catalytic domain, of course, exhibits no

DNA methylation activity (Aoki et al. 2001). Dnmt3b3 has been reported to play a

role in modulating DNA methylation (Weisenberger et al. 2004; Van Emburgh and

Robertson 2011; Gordon et al. 2013).
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Fig. 20.6 Expression timing of Dnmt3a and Dnmt3a2. Dnmt3a2 is highly expressed at the stage
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observed after 9.5-day embryos, in which the Dnmt3b expression drops
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20.2.1.5 Function of Dnmt3L in Establishing DNA Methylation

Patterns

Among the interacting factors, Dnmt3a and Dnmt3b strongly interact with Dnmt3L,

of which the sequence is similar to that of Dnmt3a or Dnmt3b, but it has no catalytic

activity (Aapola et al. 2000; Hu et al. 2008). The expression of Dnmmt3L in germ

cells is necessary for global DNA methylation as well as the DMRs of imprinted

genes (Bourc’his et al. 2001; Hata et al. 2002). The expression of Dnmt3L is not

observed in differentiated somatic cells, and its expression is restricted to germ cells

and very early stage embryos. The C-terminal half of Dnmt3L directly interacts

with Dnmt3a or Dnmt3b and thereby enhances their DNA methylation activity

(Suetake et al. 2004; Chen et al. 2005). In male germ cells at the time global

methylation occurs, Dnmt3a2, which lacks an N-terminal sequence, is the only

DNA methyltransferase (Sakai et al. 2004). Dnmt3a2 is susceptible to salt condi-

tions in vitro and thus cannot exhibit DNA methylation activity under physiological

salt conditions, but remains active in the presence of Dnmt3L (Suetake

et al. 2006b). The co-crystal structures of the catalytic domain of Dnmt3a and the

C-terminal half of Dmt3L have been elucidated. From the structure analysis, an

8–10 base pair pitch methylation in the genome during evolution was proposed (Jia

et al. 2007). The function of Dnmt3L in ES cells is elusive. However, recently, a

surprising property of Dnmt3L was reported. Dnmt3L interacts with the polycomb

complex PRC2 in competition with Dnmt3a and Dnmt3b to maintain low methyl-

ation levels in the chromatin regions enriched with lysine 27 tri-methylated histone

H3 (H3K27me3). It is proposed that, in ES cells, Dnmt3L counteracts the activity of

Dnmt3b1

Dnmt3b2
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Fig. 20.8 Schematic illustration of major Dnmt3b splicing isoforms. Dnmt3b1 and Dnmt3b2

possess DNA methylation activity. Most of the other isoforms have partial deletion of the catalytic

domain and thus exhibit no DNA methylation activity. Dnmt3b lacks exon 6 (Dnmt3b Δex6) and
shows low DNA methylation activity
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de novo DNA methylation to maintain hypomethylation at promoters of H3K27-

methylated genes (Neri et al. 2013).

20.2.1.6 Chromatin Structure and Establishment of DNA Methylation

The DNA in the nucleosome core region is not a good substrate for Dnmt3a or

Dnmt3b (Robertson et al. 2004; Takeshima et al. 2006, 2008). Dnmt3b, however,

although weakly, significantly methylates DNA in the nucleosome core region

(Takeshima et al. 2006) (Fig. 20.9). Dnmt3b is the major DNA methyltransferase

that contributes to global DNA methylation at an early stage of embryogenesis

(Okano et al. 1999; Watanabe et al. 2002). The ability of Dnmt3b to methylate the

nucleosome core region may contribute to this global methylation. Dnmt3a and

Dnmt3b preferentially methylate a naked linker portion, which is inhibited by the

binding of linker histone H1 (H1) (Takeshima et al. 2006, 2008). Interestingly,

however, in vivo, H1 is necessary for the maintenance of methylation in Arabidopsis
with the aid of a chromatin remodeling factor (Zemach et al. 2013). Since it has been

reported that the half-life of H1 at the same position is less than 10 min (Catez

et al. 2006), the replacement of H1 may provide a naked linker to Dnmt3a for de

novo methylation. Knockout of chromatin remodeling factor Lsh, which encodes

Swi-/Snf-type chromatin remodeling factor, induces hypomethylation in the
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Fig. 20.9 DNA methylation activities of Dnmt3a and Dnmt3b toward reconstituted nucleosomal

DNA. Dnmt3a scarcely methylates the DNA in the nucleosome core region (a); however, Dnmt3b

weakly but significantly methylates this region (b). Stage-specific high expression level of Dnmt3b

may contribute to global DNA methylation (see Fig. 20.7). Dnmt3a, which is ubiquitously

expressed in somatic cells, may contribute by establishing DNA methylation patterns in a

chromatin remodeling factor-dependent manner (a)

20 Establishment and Maintenance of DNA Methylation 501



genome (Zhu et al. 2006). Similar to this, DDM1, which is an Arabidopsis Lsh

orthologue, also contributes to global DNA methylation (Jeddeloh et al. 1999;

Zemach et al. 2013). Considering these observations, it is reasonable that the

regulation of exposure of naked DNA is an important step for de novo DNA

methylation.

The PWWP domain of Dnmt3a and Dnmt3b is reported to be a motif for DNA

binding (Qiu et al. 2002; Purdy et al. 2010) and to bring Dnmt3a or Dnmt3b to

heterochromatin (Chen et al. 2004; Ge et al. 2004). Thus, the PWWP in the amino-

terminal half of Dnmt3a or Dnmt3b is one of the determinants for targeting of

methylation sites. It is not known yet, however, how the PWWP of Dnmt3a or

Dnmt3b selectively recognizes heterochromatin. Such recruitment of Dnmt3a or

Dnmt3b to specific regions is strongly correlated with the chromatin state. Trim28,

which is reported to interact directlywithDnmt3a (Zuo et al. 2012), also interacts with

Setdb1, a histone H3K9 methyltransferase, and HP1, which recognizes di- and

tri-methylated K9 of histone H3 (H3K9me2,3). Cullin and CENP-C, as described

above, are kinds of heterochromatin finders. Many reports have shown that Dnmt3a

recognizes modified or unmodified histone tail. The PWWP domain of Dnmt3a

recognizes tri-methylated lysine 36 of histone H3 (H3K36me3) to enhance the DNA

methylation activity (Dhayalan et al. 2010), and the ADD domain binds unmethylated

lysine 4 of histone H3 (H3K4) (Otani et al. 2009; Li et al. 2011) and enhances the

DNA methylation activity (Li et al. 2011). Histone H3 tail tri-methylation at

Lys 4 (H3K4me3) inhibits DNA methylation by Dnmt3a (Zhang et al. 2010; Li

et al. 2011). Interestingly, the ADD domain of Dnmt3a is located at a position that

inhibits accession of substrate DNA. The binding of the N-terminal tail of unmodified

histone H3 induces rearrangement of the ADD domain to change its position to the

one that DNA can access (Guo et al. 2015). This conformational change may well

explain the enhancement of de novo methylation at the chromatin region. Dnmt3L, a

member of the Dnmt3 family with no methylation activity, also contains an ADD

domain and recognizes an unmethylated state ofH3K4 (Ooi et al. 2007).AsH3K4me3

is the hallmark that makes chromatin open for transcription, it is reasonable that an

unmethylated form of H3K4 recruits a de novo methyltransferase complex, Dnmt3a

and Dnmt3L. In addition, symmetric di-methylation of arginine 3 of histone H4

(H4R3me2S) is the target of Dnmt3a via the ADD domain for DNA methylation

(Zhao et al. 2009). The histone tail modifications directly recruit de novo type Dnmt3a

or Dnmt3b to the site of DNA methylation.

In plants, a DNA methyltransferase named CMT (chromomethylase) of

Arabidopsis, which methylates the CpHpG and/or CpHpH sequence, also recog-

nizes methylated Lys of histone H3 (H3K9me) with its chromodomain (Stroud

et al. 2014). Similar to CMT, DNA methyltransferase Dim2 of Neurospora crassa
also contains a chromodomain and is guided to H3K9me (Tamaru and Selker 2001).

For this, CMT and Dim2 show H3K9me-dependent methylation of DNA. Although

mammalian Dnmts do not directly recognize H3K9me, the Dnmts are reported to

interact with heterochromatin protein 1 (HP1) (Fuks et al. 2003; Smallwood

et al. 2007; El Gazzar et al. 2008), which specifically recognizes H3K9me2,3.

For this, H3K9 methylation is proposed to be the cause and/or result of DNA

methylation.
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20.2.2 Maintenance DNA Methylation

Once the genome methylation patterns are established in an early stage of embryo-

genesis, the patterns are faithfully propagated to the next generation via replica-

tion in a cell lineage-dependent manner. Dnmt1 was the first identified DNA

methyltransferase (Bestor et al. 1988) and preferentially methylates hemi-

methylated DNA in vitro (Vilkaitis et al. 2005). Due to this, it was expected that

Dnmt1 is responsible for maintenance DNA methylation during replication, at

which stage hemi-methylated DNA merges into daughter strands. Knockout of

the gene demonstrated that Dnmt1 is responsible for the maintenance DNA meth-

ylation (Li et al. 1992).

20.2.2.1 Structure and Properties of Dnmt1

Dnmt1 is a large molecule. Mouse Dnmt1 comprises 1620 amino acid residues

(Fig. 20.5). The N-terminal domain (1-243) is folded independently (Suetake

et al. 2006a) and binds many factors such as DMAP1, which is a factor that

represses transcription with histone deacetylase HDAC2 and binds Dnmt1 at rep-

lication foci to help maintain the heterochromatin state (Rountree et al. 2000);

PCNA, which binds DNA polymerase δ and is a prerequisite factor for replication

and helps Dnmt1 in maintaining the methylation profile of the daughter DNA

(Chuang et al. 1997); cell cycle-regulating Rb protein (Robertson et al. 2000); de

novo DNA methyltransferases Dnmt3a and Dnmt3b (Kim et al. 2002);

H3K9me2,3-binding protein HP1β (Fuks et al.2003); H3K9 methyltransferase

G9a (Estève et al. 2006); cyclin-dependent kinase-like 5 (CDKL5) (Kameshita

et al. 2008); casein kinase (Sugiyama et al. 2010); and DNA (Suetake et al. 2006a).

The DNA-binding sequence at 119-197 overlaps with the PCNA-binding motif.

The sequence preferentially binds to the minor groove of an AT-rich sequence. We

hypothesized that this DNA-binding activity of the N-terminal domain contributes

to the localization of Dnmt1 to an AT-rich genome regions such as Line 1, satellite,

and the promoter of tissue-specific silent genes to maintain the fully methylated

state of the repaired region that is non-replicatively hemi-methylated (Suetake

et al. 2006a). The N-terminal independent domain may contribute as a platform

for the factors that regulate function of Dnmt1.

The identified kinase CDKL5, which specifically phosphorylates the N-terminal

domain of Dnmt1, is reported to be a causative kinase for Rett syndrome. Rett

syndrome is known to be caused by a mutation in the MeCP2 gene, of which the

product specifically binds to methylated DNA and is a component of the corepres-

sor complex. We expect that the interaction between Dnmt1 and CDKL5 may

contribute to the pathogenic process of Rett syndrome (Kameshita et al. 2008).

Recently, we identified another kinase, casein kinase 1, that interacts with the

N-terminal domain of Dnmt1. The phosphorylation with casein kinase 1 inhibits

the DNA-binding activity of the N-terminal domain (Sugiyama et al. 2010). The

function of the N-terminal region, which is a platform for the regulatory factors of
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Dnmt1, seems to be regulated by different types of kinases (Estève et al. 2011;

Lavoie and St-Pierre 2011; Lavoie et al. 2011).

The replication foci targeting sequence (RFTS) domain, the CXXC motif that

contains two zinc finger-like motifs, two bromo-adjacent homology (BAH)

domains, and the C-terminal catalytic domain follow the N-terminal independently

folded domain. These motifs are folded independently, and the RFTS, CXXC, and

two BAH domains surround and interact with the catalytic domain (Takeshita

et al. 2011) (Fig. 20.10b). The RFTS domain is responsible for tethering Dnmt1

Fig. 20.10 Uhrf1 supports maintenance DNA methylation during replication. The three-

dimensional structures of Dnmt1, almost entirely (b) (Takeshita et al. 2011; PDB accession

number, 3av5), and the catalytic domain and DNA complex (c) (Song et al. 2012; PDB accession

number, 4da4) have been determined. The SRA domain (Uhrf1) (a) (Arita et al. 2008; PDB

accession number, 2zkd) and Dnmt1 (b–c) cannot bind DNA at the same time, and DNA cannot

access the catalytic center of Dnmt1 as the RFTS occupies the DNA-binding pocket (b). For the

handover of hemi-methylated DNA, the interaction between Dnmt1 and Uhrf1 is important. Hemi-

methylated DNA is in light purple (methylated cytosine, red; methylation target cytosine, dark
green), Zn in red ball, and S-adenosyl-L-homocysteine in yellow (a–c). The direct interaction of

the RFTS and SRA domains removes the RFTS domain from the catalytic pocket to facilitate

accession of DNA to the catalytic center (d) (Berkyurek et al. 2014)
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to the replication foci (Leonhardt et al. 1992). As described above, Dnmt1 possesses

a unique substrate specificity; that is, it favors methylation of hemi-methylated

CpG-containing DNA, which appears just after the replication of daughter DNA

(Fig. 20.4). This unique catalytic property can be achieved by two BAH and

catalytic domains (Song et al. 2012) (Fig. 20.10c). DNA methyltransferase that

methylates the 5th position of cytosine contains ten conserved motifs, and between

motifs VIII and IX, there is a sequence called TRD. The TRD is responsible for

recognizing the methylation target sequence in bacterial methyltransferase (Kumar

et al. 1994). As seen on comparison with other bacterial methyltransferases, the

TRD in Dnmt1 is very long. According to the co-crystal structure of the catalytic

domain of Dnmt1 with short hemi-methylated fluorocytosine-containing DNA, in

which the 5th position of target methylation site is fluorinated, the methylated

strand is captured by the TRD (Song et al. 2012).

20.2.2.2 Uhrf1 and Other Factors Necessary for Maintenance DNA

Methylation

A factor called Uhrf1 (ubiquitin-like, containing PHD and RING finger domains,

1), also known as Np95 in mouse and ICBP in man, is prerequisite for the

propagation of methylation patterns to the next generation (maintenance methyla-

tion) in vivo (Bostick et al. 2007; Sharif et al. 2007). Uhrf1 contains a domain called

SET and RING finger associated (SRA), which specifically binds hemi-methylated

DNA and flips the methylated cytosine out of double-stranded DNA (Arita

et al. 2008; Avvakumov et al. 2008; Hashimoto et al. 2008) (Fig. 20.10a). Since

the RFTS domain of Dnmt1 is reported to be necessary for Dnmt1 to be localized at

the replication foci (Leonhardt et al. 1992), it is reasonable to expect that the RFTS

and SRA domains functionally interact during maintenance methylation. The

crystal structure of mouse Dnmt1 shows an interesting feature; that is, the RFTS

domain plugs the catalytic pocket (Fig. 20.10b). Unless otherwise the RFTS is

removed from the position, Dnmt1 cannot bind DNA (Takeshita et al. 2011).

Recently, we showed that the direct interaction of the SRA with the RFTS domain

facilitates the removal of the RFTS domain from the catalytic pocket and promotes

hemi-methylated DNA accession to the catalytic center (Berkyurek et al. 2014)

(Fig. 20.10d). The direct interaction of the RFTS domain of Dnmt1 with the SRA

domain of Uhrf1 is necessary for faithful propagation of the methylation patterns to

the next generation in vivo. In addition, the position of the RFTS domain plugging

the catalytic pocket is a mechanism that protects the genome from aberrant meth-

ylation (Garvilles et al. 2015).

Under physiological conditions, Dnmt1 methylates the hemi-methylated CpG

sites that are generated at the replication fork. Thus, it is convenient for Dnmt1 to

stay on the same DNA and methylate CpG sites in a processive manner. It is

reasonable to speculate that the binding of Dnmt1 to PCNA, which circles and

slides on the DNA, helps the DNA methylation activity to be processive. However,

Dnmt1 methylates hemi-methylated DNA in a processive manner even in the
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absence of the N-terminal domain containing the PCNA-binding sequence.

Recently, we have shown that the PCNA binding domain is dispensable for the

replication-coupled DNA methylation (Garvilles et al. 2015). Dnmt1 methylates

the hemi-methylated CpG sites on one strand of the double-stranded DNA through

its single processive methylation run (Vilkaitis et al. 2005). Interestingly, the

fidelity as to maintenance of full methylation patterns seems to be surprisingly

low, being about 95 % in vitro (Vilkaitis et al. 2005). Since the fidelity in vivo is

reported to be more than 99 % (Ushijima et al. 2003), other factor(s) may help to

maintain DNA methylation patterns. Uhrf1 could be a candidate factor contributing

to the faithful transmission of the methylation patterns in vivo.

CpG with hydroxymethylated cytosine is proposed to be an intermediate for

demethylation via base excision repair (BER) initiated by T:G mismatch

glycosylase, TDG (Kohli and Zhang 2013). Recently, we demonstrated that

Dnmt1 cannot methylate hemi-hydroxymethylated DNA and that the SRA domain

of Uhrf1 hardly binds hemi-hydroxymethylated DNA. The demethylation may

occur not only through BER but also passively during the replication process

(Otani et al. 2013b).

Recently, it was reported that Dnmt1 selectively binds to the ubiquitylated Lys

23 (Nishiyama et al. 2013) and Lys 18 (Qin et al. 2015) of histone H3 to perform

maintenance methylation. Interestingly, the RING finger motif of Uhrf1, which is a

prerequisite factor for maintenance methylation, is involved in the ubiquitylation as

an E3 ligase. In addition, the tandem Tudor domain and the PHD finger of Uhrf1

read H3K9me3 and unmethylated H3R2 (Arita et al. 2012), and the mutation that

inhibits the recognition of H3K9me3 partly inhibits the maintenance DNA meth-

ylation (Rothbart et al. 2013). The histone modification seems to contribute to the

maintenance DNA methylation in vivo.

20.2.2.3 Exceptional Expression of Dnmt1 and Its Localization

Dnmt1 expression is cell cycle dependent and stable in proliferating cells and at the

S-phase, and its half-life becomes short when the cells are differentiated or out of

the S-phase (Liu et al. 1996; Suetake et al. 1998). This is quite reasonable because the

main role of Dnmt1 is to methylate hemi-methylated DNA that appears during

replication. However, there are two exemptions. Oocytes and neurons, which are

not proliferating and postmitotic, respectively, express quite high levels of Dnmt1,

which, interestingly, is localized outside of nuclei (Mertineit et al. 1998; Inano

et al. 2000). In oocytes, in which the Dnmt1 has the N-terminal 118 amino acid

sequence deleted in mouse (Mertineit et al. 1998; Gaudet et al. 1998), this exclusion

from nuclei contributes to the global demethylation observed in early stage embryos

prior to implantation. As neurons exhibit longevity and the DNA methylation in

neurons seems to be dynamically regulated, localization of Dnmt1 outside of nuclei

in a large quantity acts as a pool for maintenance methylation of the sites where DNA

is repaired. Because postmitotic neurons cannot utilize replication-dependent
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maintenance methylation, the recovery of the DNA methylation patterns through

other mechanisms is necessary to prevent aberrant gene expression (Inano et al. 2000).

Since Dnmt1-knockout mouse is embryonic lethal, it is hard to expect a disease

that is due to a Dnmt1 mutation. However, recently, mutations in Dnmt1 that cause

autosomal neuropathy were reported by independent groups (Klein et al. 2011;

Winkelmann et al. 2012; Pedroso et al. 2013). All the mutations are found in the

RFTS domain that recruits Dnmt1 to the replication foci and interacts with the SRA

of Uhrf1 (Berkyurek et al. 2014). As the diseases caused by these mutations are of

late onset, it is quite interesting how the mutation holders survived the develop-

mental stage.

20.2.3 Cross Talks Between De Novo and Maintenance Type
DNA Methyltransferases

Establishment of DNA methylation patterns is mainly performed by de novo DNA

methyltransferases, Dnmt3a and Dnmt3b, and their maintenance during replication

is by Dnmt1, as described above. However, it was reported that Dnmt3a and/or

Dnmt3b are necessary for maintaining the methylation of repeat elements (Liang

et al. 2002). In Dnmt3a and Dnmt3b double-knockout ES cells, DNA methylation

gradually decreases during culture (Chen et al. 2003). DNA methylation gradually

decreases in mouse embryonic fibroblasts not due to Dnmt3a but Dnmt3b deletion

(Dodge et al. 2005). These reports indicate that not only Dnmt1 but also de novo

type DNA methyltransferases Dnmt3a and/or Dnmt3b contribute to the mainte-

nance DNA methylation. There has been a report that Dnmt3a and Dnmt3b interact

with Dnmt1 at the N-terminal platform (Kim et al. 2002). It is unlikely, however,

that Dnmt3a and Dnmt3b coexist with Dnmt1 at replication foci since Dnmt1 is

loaded at an early stage of replication and Dnmt3a and Dnmt3b at a rather late stage

of replication (Alabert et al. 2014).

As for the establishment of DNA methylation patterns, it was expected that

Dnmt1 exhibits de novo methylation activity in vivo (Christman et al. 1995).

Actually, Dnmt1 exhibits a significant level of de novo type DNA methylation

activity in vitro (Fatemi et al. 2001; Vilkaitis et al. 2005). Ectopically

overexpressed Dnmt1 introduces de novo DNA methylation (Takagi et al. 1995;

Vertino et al. 1996; Biniszkiewicz et al. 2002). In Dnmt3a- and Dnmt3b-knockout
embryonic stem cells, ectopically introduced DNA (Lorincz et al. 2002) as well as

endogenous regions (Arand et al. 2012) suffers from de novo DNA methylation.

Dnmt1 apparently favors de novo methylation near the pre-existing methylation

sites (Virkaitis et al. 2005; Arand et al. 2012). Although its physiological meaning

is elusive, Dnmt1 causes de novo DNA methylation in vivo.
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Mets L, He C (2015) N6-methyldeoxyadenosine marks active transcription start sites in

chlamydomonas. Cell 161:879–889

20 Establishment and Maintenance of DNA Methylation 509



Fujita N, Watanabe S, Ichimura T, Tsuruzoe S, Shinkai Y, Tachibana M, Chiba T, NakaoM (2003)

Methyl-CpG binding domain 1 (MBD1) interacts with the Suv39h1-HP1 heterochromatic

complex for DNA methylation-based transcriptional repression. J Biol Chem

278:24132–24138

Fuks F, Burgers WA, Godin N, Kasai M, Kouzarides T (2001) Dnmt3a binds deacetylases and is

recruited by a sequence-specific repressor to silence transcription. EMBO J 20:2536–2544

Fuks F, Hurd PJ, Deplus R, Kouzarides T (2003) The DNA methyltransferases associate with HP1

and the SUV39H1 histone methyltransferase. Nucleic Acids Res 31:2305–2312

Garvilles RG, Hasegawa T, Kimura H, Sharif J, Muto M, Koseki H, Takahashi S, Suetake I,

Tajima S (2015) Dual functions of the RFTS domain of Dnmt1 in replication-coupled DNA

methylation and in protection of the genome from aberrant methylation. PLoS One 10,

e0137509

Gaudet F, Talbot D, Leonhardt H, Jaenisch R (1998) A short DNA methyltransferase isoform

restores methylation in vivo. J Biol Chem 273:32725–32729

Ge YZ, Pu MT, Gowher H, Wu HP, Ding JP, Jeltsch A, Xu GL (2004) Chromatin targeting of de

novo DNA methyltransferases by the PWWP domain. J Biol Chem 279:25447–25454

Glastad KM, Hunt BG, Yi SV, Goodisman MAD (2011) DNA methylation in insects: on the brink

of the epigenomic era. Insect Mol Biol 20:553–565

Goll MG, Kirpekar F, Maggert KA, Yoder JA, Hsieh CL, Zhang X, Golic KG, Jacobsen SE, Bestor

TH (2006) Methylation of tRNA Asp by the DNA methyltransferase homolog Dnmt2. Science

311:395–398

Gopalakrishnan S, Sullivan BA, Trazzi S, Della Valle G, Robertson KD (2009) DNMT3B interacts

with constitutive centromere protein CENP-C to modulate DNA methylation and the histone

code at centromeric regions. Hum Mol Genet 18:3178–3193

Gordon CA, Hartono SR, Chédin F (2013) Inactive DNMT3B splice variants modulate de novo

DNA methylation. PLoS One 8, e69486

Gowher H, Leismann O, Jeltsch A (2000) DNA of Drosophila melanogaster contains

5-methylcytosine. EMBO J 19:6918–6923

Greer EL, Blanco MA, Gu L, Sendinc E, Liu J, Aristizábal-Corrales D, Hsu CH, Aravind L, He C,
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F, Bonapace IM, Imhof A, Harz H, Leonhardt H (2015) DNA methylation requires a DNMT1

ubiquitin interacting motif (UIM) and histone ubiquitination. Cell Res 25:911–929

Qiu C, Sawada K, Zhang X, Cheng X (2002) The PWWP domain of mammalian DNA

methyltrasnferase Dnmt3b defines a new family of DNA-binding fold. Nat Struct Biol

9:217–224

Quenneville S, Verde G, Corsinotti A, Kapopoulou A, Jakobsson J, Offner S, Baglivo I, Pedone

PV, Grimaldi G, Riccio A, Trono D (2011) In embryonic stem cells, ZFP57/KAP1 recognize a

methylated hexanucleotide to affect chromatin and DNA methylation of imprinting control

regions. Mol Cell 44:361–372

Quenneville S, Turelli P, Bojkowska K, Raclot C, Offner S, Kapopoulou A, Trono D (2012) The

KRAB-ZFP/KAP1 system contributes to the early embryonic establishment of site-specific

DNA methylation patterns maintained during development. Cell Rep 2:766–773

Riccio A, Aaltonen LA, Godwin AK, Loukola A, Percesepe A, Salovaara R, Masciullo V,

Genuardi M, Paravatou-Petsotas M, Bassi DE, Ruggeri BA, Klein-Szanto AJ, Testa JR,

Neri G, Bellacosa A (1999) The DNA repair gene MBD4 (MED1) is mutated in human

carcinomas with microsatellite instability. Nat Genet 23:266–268

Robertson KD, Uzvolgyi E, Liang G, Talmadge C, Sumegi J, Gonzales FA, Jones PA (1999) The

human DNA methyltransferases (DNMTs) 1, 3a and 3b: coordinate mRNA expression in

normal tissues and overexpression in tumors. Nucleic Acids Res 27:2291–2298

Robertson KD, Ait-Si-Ali S, Yokochi T, Wade PA, Jones PL, Wolffe AP (2000) DNMT1 forms a

complex with Rb, E2F1 and HDAC1 and represses transcription from E2F-responsive pro-

moters. Nat Genet 25:338–342

Robertson AK, Geiman TM, Sankpal UT, Hager GL, Robertson KD (2004) Effects of chromatin

structure on the enzymatic and DNA binding functions of DNA methyltransferases DNMT1

and Dnmt3a in vitro. Biochem Biophys Res Commun 322:110–118

Ross JP, Suetake I, Tajima S, Molloy PL (2010) Recombinant mammalian DNAmethyltransferase

activity on model transcriptional gene silencing short RNA-DNA heteroduplex substrates.

Biochem J 432:323–332

Rothbart SB, Dickson BM, Ong MS, Krajewski K, Houliston S, Kireev DB, Arrowsmith CH,

Strahl BD (2013) Multivalent histone engagement by the linked tandem Tudor and PHD

domains of UHRF1 is required for the epigenetic inheritance of DNA methylation. Genes

Dev 27:1288–1298

Rountree MR, Bachman KE, Baylin SB (2000) DNMT1 binds HDAC2 and a new co-repressor,

DMAP1, to form a complex at replication foci. Nat Genet 25:269–277

Rush M, Appanah R, Lee S, Lam LL, Goyal P, Lorincz MC (2009) Targeting of EZH2 to a defined

genomic site is sufficient for recruitment of Dnmt3a but not de novo DNA methylation.

Epigenetics 4:404–414

20 Establishment and Maintenance of DNA Methylation 513



Sakai Y, Suetake I, Shinozaki F, Yamashina S, Tajima S (2004) Co-expression of de novo DNA

methyltransferase Dnmt3a2 and Dnmt3L in gonocytes of mouse embryos. Gene Expr Patterns

5:231–237

Sakamoto Y, Watanabe S, Ichimura T, Kawasuji M, Koseki H, Baba H, Nakao M (2007)

Overlapping roles of the methylated DNA-binding protein MBD1 and polycomb group pro-

teins in transcriptional repression of HOXA genes and heterochromatin foci formation. J Biol

Chem 282:16391–16400

Sarraf SA, Stancheva I (2004) Methyl-CpG binding protein MBD1 couples histone H3 methyla-

tion at lysine 9 by SETDB1 to DNA replication and chromatin assembly. Mol Cell 15:595–605

Sato N, Kondo M, Arai K (2006) The orphan nuclear receptor GCNF recruits DNA

methyltransferase for Oct-3/4 silencing. Biochem Biophys Res Commun 344:845–851

Schmitz KM, Mayer C, Postepska A, Grummt I (2010) Interaction of noncoding RNA with the

rDNA promoter mediates recruitment of DNMT3b and silencing of rRNA genes. Genes Dev

24:2264–2269

Senyuk V, Premanand K, Xu P, Qian Z, Nucifora G (2011) The oncoprotein EVI1 and the DNA

methyltransferase Dnmt3 co-operate in binding and de novo methylation of target DNA. PLoS

One 6, e20793

Shamay M, Greenway M, Liao G, Ambinder RF, Hayward SD (2010) De novo DNA

methyltransferase DNMT3b interacts with NEDD8-modified proteins. J Biol Chem

285:36377–36386

Sharif J, Muto M, Takebayashi S, Suetake I, Iwamatsu A, Endo TA, Shinga J, Mizutani-Koseki Y,

Okamura K, Tajima S, Mitsuya K, Okano M, Koseki H (2007) The SRA protein Np95

mediates epigenetic inheritance by recruiting Dnmt1 to methylated DNA. Nature 450:908–912

Shirane K, Toh H, Kobayashi H, Miura F, Chiba H, Ito T, Kono T, Sasaki H (2013) Mouse oocyte

methylomes at base resolution reveal genome-wide accumulation of non-CpG methylation and

role of DNA methyltransferases. PLoS Genet 9, e1003439
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Chapter 21

Active DNA Demethylation in Development,

Human Disease, and Cancer

Rossella Tricarico and Alfonso Bellacosa

Abstract Methylation of cytosine in DNA has long been known as an important

mechanism of transcriptional regulation. While DNA methyltransferases have been

well characterized, the existence of enzymes involved in cytosine demethylation

has been questioned. However, in the past few years, through a convergence of

biochemical and genetic studies, active DNA demethylation has been finally rec-

ognized as an important mechanism of epigenetic regulation. Here, we will review

the biological processes that rely on active DNA demethylation, the relevant DNA

demethylating activities, and the corresponding biochemical pathways. We will

then describe the role of DNA demethylating factors in development and their

alterations in human disease and cancer.

Keywords DNA demethylation • TET • TDG • 5-Hydroxymethylcytosine •

5-Formylcytosine • 5-Carboxylcytosine • Development • Cancer

21.1 Passive and Active DNA Demethylation

DNA methylation at the 5 position of cytosine (C) to create 5-methylcytosine

(5mC), mostly at palindromic CpG dinucleotides, is used in mammals to regulate

gene expression by mediating transcriptional repression, X-chromosome inactiva-

tion, and imprinting (Bird 1992; Kass et al. 1997; Martienssen and Richards 1995;

Nan et al. 1997; Siegfried and Cedar 1997; Zingg and Jones 1997; Holliday and

Pugh 1975; Jones 2012; Baylin and Jones 2011) (see also chapter by S. Tajima in

this book). The methylation mark is “read” by distinct protein families character-

ized by domains that recognize methylated DNA, such as methyl-CpG-binding

domain (MBD) proteins, Kaiso proteins, and SET and RING finger-associated

(SRA) proteins, as well as by other proteins not belonging to these families (Spruijt

et al. 2013; Menafra and Stunnenberg 2014).

Until a few years ago, DNA methylation was considered one of the most stable

epigenetic modifications, certainly less plastic than chromatin modifications and
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akin to a transcriptional padlock imposed onto a repressive chromatin environment

to reinforce and stabilize gene silencing (Jones 2012; Siegfried and Cedar 1997;

Miranda and Jones 2007).

From this viewpoint, removal of this epigenetic mark would only occur pas-

sively, i.e., by dilution during replication (Holliday and Pugh 1975; Riggs 1975)

(Fig. 21.1). During DNA synthesis, the newly replicated DNA strand is transiently

unmethylated and is promptly (within 20–30 min) remethylated by the so-called

maintenance DNA methyltransferase DNMT1 (Jeltsch 2006) with the help of the

obligate partner UHRF1 (Bostick et al. 2007). In the absence of remethylation, the

methylation mark is progressively diluted with each subsequent cycle of replication

(Fig. 21.1). This model implies a “division of labor” between DNMT1, which

prefers hemimethylated DNA substrates, and the so-called de novo DNA

methyltransferases DNMT3A and DNMT3B, which prefer unmethylated DNA

substrates and are thought to be involved in the original placing of methylation

marks (Okano et al. 1999).

While this model is attractively simple, it does not consider evidence indicating

that there is continuous activity of DNMT3A, in addition to and along with DNMT1

(Jeltsch and Jurkowska 2014). In order to reconcile these findings with the main-

tenance of methylation levels at a given locus, it is necessary to invoke the presence

of active DNA demethylation, in which enzymatically driven processes remove this

Fig. 21.1 Passive and active DNA demethylation. Schematic of passive, active, and active + passive

DNA demethylation. Parent DNA strands are in blue; newly replicated DNA strands are in red.
Methyl (or hydroxymethyl) marks are in orange

518 R. Tricarico and A. Bellacosa



epigenetic mark independently of DNA replication, in order to achieve epigenetic

balance/homeostasis/stability at various loci (Jeltsch and Jurkowska 2014)

(Fig. 21.1).

Indeed, while the molecular mechanisms of active DNA demethylation have

emerged only in the past 4–5 years, the existence of active removal of the methyl

group had been hypothesized for some time by a few investigators (Ooi and Bestor

2008). Active demethylation had been invoked to explain transcriptional activation

and, in particular, the phenomenon of transcriptional memory, in which gene

activation at an earlier developmental stage would facilitate transcriptional activa-

tion and, at even higher levels of expression, at a later developmental stage. One

such classical example is estrogen response of the vitellogenin genes in chicken, in

which estrogen stimulation during embryonic development induces demethylation

of this promoter which then allows higher expression levels when estrogen stimu-

lation occurs after hatching (Burch and Evans 1986; Evans et al. 1988). The major

objection raised against these demethylation events being truly active was that

DNA replication could not be completely ruled out, i.e., that removal of the

methylation mark could still take place by passive dilution.

21.2 Biology of Active DNA Demethylation in Mammals

There are however biological processes in mammals in which replication is not

taking place; hence, demethylation must occur by active mechanisms (Wu and

Zhang 2010, 2014; Hill et al. 2014; Niehrs 2009; Niehrs and Schafer 2012; Chen

and Riggs 2011; Dalton and Bellacosa 2012; Gehring et al. 2009; Kohli and Zhang

2013; Ooi and Bestor 2008; Zhu 2009; Pastor et al. 2013). One such process is the

global demethylation of the paternal pronucleus that occurs in the zygote shortly

after fertilization (at approximately 6–8 h after fertilization). It is thought that this

zygotic demethylation is a function of the oocyte cytoplasm and may be necessary

to reprogram the sperm genome to allow normal somatic development (Barton

et al. 2001; Mayer et al. 2000; Oswald et al. 2000). Not all mammalian species

exhibit this zygotic demethylation (i.e., it is absent in sheep) (Beaujean et al. 2004),

but its function may be an equalization of the maternal and paternal genomes prior

to the first embryo division. Demethylation of the paternal pronucleus was origi-

nally monitored by staining the fertilized egg with an antibody against

5-methylcytosine; the paternal pronucleus, unlike the maternal pronucleus, stains

brightly with this antibody, but once demethylation starts, the staining is lost within

approximately 2 h (Mayer et al. 2000). Upon completion of the demethylation, the

two pronuclei fuse and the first cell division (and first DNA replication) can start

(Fig. 21.2).

A second demethylation event in mammals occurs during early gametogenesis,

specifically during development of primordial germ cells (PGCs). PGCs originate

from the epiblast and at approximately gestational day E7.5 in the mouse migrate

through the hindgut into the gonadal ridge which they reach at approximately
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gestational day E10.5 in the mouse (Ohinata et al. 2005; Sasaki and Matsui 2008;

Saitou et al. 2012; Hill et al. 2014). During migration, their genome undergoes a

global, passive demethylation occurring at multiple loci (Hackett et al. 2013), but

when they enter their final homing site in the gonadal ridge, select loci undergo

active demethylation, including control regions of imprinted genes that establish

parent-of-origin-specific gene expression (Seisenberger et al. 2012, 2013; Vincent

et al. 2013). This erasure and resetting of the imprinting marks is necessary because

they need to be reestablished in a parent-of-origin-specific fashion that is going to

be different depending on whether the embryo is male or female (prenatally for the

male embryo, postnatally for the female neonate) (Bartolomei and Ferguson-Smith

2011) (Fig. 21.2).

During development, the acquisition of the differentiated state is achieved

through the progressive activation of tissue-specific gene expression in the soma.

While housekeeping genes are maintained in the “on” position, genes that are “off”

in the totipotent zygote and pluripotent early embryo need to be turned on in

somatic tissues as development unfolds. This concept corresponds to Waddington’s

Fig. 21.2 Biology of active DNA demethylation in development and beyond. DNA demethyla-

tion processes in development and beyond (see text for details). 1: zygotic demethylation, 2:
imprint erasure (primordial germ cell (PGC) demethylation), 3: tissue-specific enhancer demeth-

ylation, 4: neuronal activity-induced demethylation, 5: reprogramming. ICM inner cell mass, iPS
induced pluripotent stem cells, Alb albumin gene enhancer, Tat tyrosine aminotransferase

enhancer
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classical epigenetic landscape and his definition of epigenetics, “The interactions of

genes with their environment, which bring the phenotype into being” (Waddington

1942), and to Mintz’s original formulation that “the diversification of cell types in a

multicellular organism is presumably due to differential functioning of specific

genetic loci in the various cells of an individual” (Mintz 1971), thus explaining how

the same genome is plastically and clonally programmed during differentiation. It is

now clear that at least in some cases the activation of tissue-specific gene expres-

sion is mediated by active DNA demethylation (Fig. 21.2). This is the case for the

albumin enhancer, which undergoes demethylation at four specific CpG sites at

midgestation (a fifth is always unmethylated, even in embryonic stem (ES) cells),

when transcription of the albumin mRNA, and therefore the specification of

hepatoblasts, begins (Xu et al. 2007, 2009; Cortellino et al. 2011). The enhancer

of another liver-specific gene, encoding the tyrosine aminotransferase, also

undergoes demethylation at midgestation (Kress et al. 2006; Thomassin

et al. 2001; Cortellino et al. 2011). Another well-known example is that of the

vitellogenin (VTG) genes in chicken (Burch and Evans 1986; Evans et al. 1988). In

some cases, this tissue-specific gene expression is hormonally regulated and linked

to a “memory” effect. Thus, demethylation of the TAT enhancer is initiated by

glucocorticoid stimulation and serves to prepare the enhancer for full activation that

occurs at birth with the peak of cortisol release (Thomassin et al. 2001). Similarly,

estrogens activate demethylation of the VTG genes, and the memory of transcrip-

tional activation reduces the latency of activation at subsequent estrogenic stimu-

lations (Burch and Evans 1986; Evans et al. 1988). In these situations, it is unclear

whether cell proliferation and therefore passive dilution mechanisms contribute to

the overall demethylation.

Demethylation is not limited to development, but also occurs postnatally, as is

the case of neuronal activity-induced demethylation in the brain (Fig. 21.2). When

rodents are placed in a new environment, demethylation occurs at select genes in

the dentate gyrus of the hippocampus (Ma et al. 2009b), an area of the brain

characterized by great plasticity and associated with memory, learning, and spatial

recognition (Leuner and Gould 2010). This mechanism of demethylation can be

experimentally triggered by electroshock stimulation and appears to occur in the

absence of passive dilution mechanisms in postmitotic neurons (Ma et al. 2009a;

Elliott et al. 2010; Miller and Sweatt 2007), even though the dentate gyrus is an area

of active neurogenesis in adult rodents (Leuner and Gould 2010). Thus, regulation

of demethylation is likely to play an important role in the control of gene expression

associated with learning, memory, and spatial coding in humans.

It is possible that similar active demethylation events occur in other adult tissues

and a prime candidate is certainly the hematopoietic system, which is characterized

by differentiation events occurring throughout the adult life. One should also

entertain the possibility that active demethylation events may be commonly asso-

ciated with transcriptional activation in multiple tissues of the adults. For instance,

cycles of methylation and demethylation have been shown to occur at estrogen-

regulated promoters during proficient transcriptional activation (Kangaspeska

et al. 2008; Metivier et al. 2008).
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Last, but not least, active DNA demethylation is involved in the genome

reprogramming events that convert somatic cells of the embryo or the adult in

induced pluripotent stem (iPS) cells (Takahashi and Yamanaka 2006). In fact,

during reprogramming, demethylation of promoters of pluripotency genes, such

as OCT4 and NANOG, and of the microRNA 200 family involved in the regulation

of mesenchymal to epithelial transition needs to take place (Maherali et al. 2007;

Papp and Plath 2013; Gao et al. 2013) (Fig. 21.2).

21.3 Biochemical Mechanisms of Active DNA

Demethylation

Over the years, several mechanisms of active DNA demethylation have been pro-

posed. It was initially suggested that demethylation could be mediated by direct

removal of 5-methylcytosine; first detected in extracts, this activity was ascribed to

the base excision repair DNA N-glycosylases, thymine DNA glycosylase (TDG), and

methyl-binding domain 4 (MBD4), from chicken and mammals (Fremont et al. 1997;

Jost 1993; Jost et al. 1997; Zhu et al. 2000a, b, 2001). While this activity was not

confirmed for either enzyme (Cortellino et al. 2011; Cortazar et al. 2011; Petronzelli

et al. 2000b), it should be noted that 5-methylcytosine DNA N-glycosylases –

demeter and repressor of silencing 1 – do exist in flowering plants and are involved

in “pruning” excess methylation to regulate imprinting and transcriptional silencing

(Choi et al. 2002; Gehring et al. 2006; Morales-Ruiz et al. 2006).

Another potential mechanism of demethylation – direct oxidative removal of the

methyl group, leaving the base as formaldehyde – was never confirmed

(Bhattacharyya et al. 1999). Also, the role of nucleotide excision repair (NER) in

the process is unclear, although demethylation in Xenopus is dependent on the two

NER proteins XPG and XPB and the genome stability protein Gadd45α (growth

arrest and DNA damage-inducible protein 45 alpha) (Barreto et al. 2007).

Thus, only in recent years have the biochemical mechanisms of active DNA

demethylation been characterized in great detail, through the combined discovery

of oxidized variants of cytosine, ten-eleven translocation (TET) enzymes, and

mouse and biochemical studies of deaminases and base excision repair proteins.

It is now clear that the major demethylation pathway involves the TET-TDG

biochemical axis.

21.4 TET Enzymes and the Generation of Oxidative

Cytosine Variants

The TET enzymes were initially proposed to be involved in oxidative demethyla-

tion following an analysis by bioinformatics. A multi-sequence comparison iden-

tified homologues belonging to a class of Fe2+- and α-ketoglutarate-dependent
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dioxygenases that include the “base J” (β-D-glucosyl-hydroxymethyluracil) bind-

ing proteins JBP1 and JBP2 from Trypanosoma brucei and the repair enzyme AlkB

involved in repair of alkylation damage by oxidative mechanism (Iyer et al. 2009).

The TET family includes the prototypical member TET1, originally identified as a

mixed-lineage leukemia (MLL) fusion partner in acute myelogenous leukemia

characterized by the t(10;11) translocation (Ono et al. 2002; Lorsbach

et al. 2003), hence the name ten-eleven translocation (TET) and the highly related

proteins TET2 and TET3 (Pastor et al. 2013). TET dioxygenases were found to

oxidize 5-methylcytosine to 5-hydroxymethylcytosine (5hmC) (Tahiliani

et al. 2009). TET proteins can subsequently convert the 5hmC to 5-formylcytosine

(5fC) and 5-carboxylcytosine (5caC) by further oxidation (He et al. 2011; Ito

et al. 2011); 5fC and 5caC opposite G are then removed by excision repair with

incorporation of cytosine, thus achieving full demethylation (see below) (Fig. 21.3).

5hmC is present at levels corresponding to 5–10 % of 5mC in ES cells (Tahiliani

et al. 2009) and even higher in the brain (Kriaucionis and Heintz 2009). Due to

removal by base excision repair (BER), levels of 5fC and 5caC are lower than those

Fig. 21.3 Biochemical pathways of active DNA demethylation. Schematic of DNA demethyla-

tion pathways. C cytosine, 5mC 5-methylcytosine, 5hmC 5-hydroxymethylcytosine, 5fC
5-formylcytosine, 5caC 5-carboxylcytosine, T thymine, 5hmU 5-hydroxymethyluracil, DNMTs

DNA methyltransferases, TETs ten-eleven translocation dioxygenases, AID/APOBECs activa-

tion-induced deaminase/apolipoprotein B RNA-editing catalytic component deaminases,

TDG thymine DNA glycosylase, SMUG1 single-strand selective monofunctional uracil-DNA

glycosylase 1, MBD4 methyl-binding domain 4, BER base excision repair, 5caC-DC hypothetical

5caC decarboxylase
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of 5hmC and correspond to approximately 0.03 % and 0.01 % of 5mC, respectively

(He et al. 2011; Ito et al. 2011; Pfaffeneder et al. 2011).

The TET proteins share a common domain structure with a catalytic

dioxygenase domain and a regulatory region containing a Zn2+-chelating CXXC

domain responsible for CpG binding and therefore localization to CpG-rich or

5mC-rich areas of the genome (Pastor et al. 2013). Interestingly, as a likely

consequence of an inversion that occurred during evolution, the TET2 CXXC

domain is encoded by another gene, named IDAX (Ko et al. 2013). Whereas the

TET1 domain binds CpG sequences regardless of the cytosine modification

(Xu et al. 2011; Zhang et al. 2010), the IDAX CXXC domain that targets TET2

prefers unmethylated CpG (Ko et al. 2013). Furthermore, crystal structures and

epigenomic data revealed that the TET3 CXXC domain binds to cytosine followed

by any base (Xu et al. 2012).

Besides the full conversion of 5mC to 5hmC, 5fC, and 5caC, there are additional

mechanisms by which the TETs can promote demethylation. In particular, based on

in vitro evidence, TET activity can also facilitate passive demethylation. In fact,

binding of the DNMT1 partner UHRF1 to hemihydroxymethylated DNA is one

order of magnitude lower than to hemimethylated DNA, and activity of DNMT1 on

hemihydroxymethylated DNA itself is one to two orders of magnitude lower than

on hemimethylated DNA (Pastor et al. 2013). Thus, TET enzymes promote both

active and passive demethylation (Fig. 21.1).

21.5 Base Excision Repair: The Central Role of TDG

The base excision repair (BER) system preserves the genomic stability in the cell by

repairing DNA damage due to the spontaneous decay of DNA bases and the

exposure to reactive oxygen species and alkylating agents. BER corrects damaged

DNA via two alternative pathways: the short-patch (SP) and the long-patch

(LP) BER. The SP BER pathway corrects a single nucleotide tract in a DNA

polymerase beta-dependent fashion; the LP BER pathway repairs a tract of 2–8

nucleotides in a PCNA-dependent manner. The BER system requires the coordi-

nated action of at least four enzymes: a DNA N-glycosylase, the AP endonuclease,

DNA polymerase, and DNA ligase. These enzymes carry out recognition and

excision of damaged base, strand incision, gap filling, and ligation, respectively

(Hickson 1997; Krokan et al. 1997, 2000; Matsumoto 2004; Robertson et al. 2009;

Fortini and Dogliotti 2007).

Two classes of DNA glycosylases are involved in the BER pathway, the

monofunctional and bifunctional glycosylases exhibiting a DNA N-glycosylase
activity and a DNA N-glycosylase and AP lyase activity, respectively. The

monofunctional enzymes are involved in both SP and LP pathways, with the

bifunctional DNA glycosylases only in SP pathway (Hickson 1997; Krokan

et al. 1997, 2000).
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The monofunctional DNA glycosylase TDG, belonging to the uracil/thymine

processing glycosylase family, has a prominent role in DNA demethylation. TDG

was originally isolated on the basis of its ability to remove thymine and uracil from

G/T and G/U mismatches, respectively (Wiebauer and Jiricny 1990; Neddermann

and Jiricny 1993, 1994). During the last decade, biochemical and cell biological

evidences have shown that TDG is a multifaceted DNA glycosylase with unusual

features for a DNA repair enzyme, implicated in safeguarding the genomic and

epigenomic stability and regulating gene expression (Hardeland et al. 2003;

Cortazar et al. 2007; Dalton and Bellacosa 2012).

TDG, as a BER glycosylase, repairs a broad range of DNA lesions including

oxidation, alkylation, and hydrolytic deamination of cytosine (C) and

5-methylcytosine (5-meC) to thymine (T) and uracil (U), respectively. TDG

shows the highest processing efficiency in the context of CpG sites. In addition, it

removes 50-halogenated derivatives of U and C (e.g., 5-fluorouracil and

5-bromouracil) and base modifications due to lipid peroxidation (e.g., 3,N4-

ethenocytosine) (Hardeland et al. 2003; Cortazar et al. 2007; Dalton and Bellacosa

2012). Recently, it was discovered that TDG effectively removes 5fC and 5caC,

thus implying an important role downstream of TET enzymes in DNA demethyl-

ation pathways (He et al. 2011; Maiti and Drohat 2011; Zhang et al. 2012; Hashi-

moto et al. 2013) (Fig. 21.3). Whereas TDG appears to be the main activity

involved in 5caC removal, a recent mass spectrometry approach identified a host

of factors that bind 5caC and could affect its excision in mouse ES cells, including

BER enzymes Neil1, Neil3, and Mpg, and mismatch repair enzymes Msh3 and

Exo1 (Spruijt et al. 2013). In fact, NEIL1, NEIL2, and NEIL3 could compensate for

TDG in OCT4 promoter demethylation (Muller et al. 2014). Similarly, factors

binding to 5fC include, besides TDG, the BER glycosylase MPG, transcription

regulators of the forkhead box family, and chromatin regulators of the nucleosome

remodeling and deacetylase (NuRD) complex (Iurlaro et al. 2013).

21.6 Enzymatic Deamination and Other Mechanisms

of DNA Demethylation

Whereas the prominent role of the TET-TDG axis is widely accepted, there are

other pathways of demethylation. In zebra fish embryos, rapid demethylation of

exogenous and genomic DNA occurs in two coupled steps: enzymatic

5-methylcytosine deamination to thymine by apolipoprotein B RNA-editing cata-

lytic component 2b (Apobec2b) and removal of the mismatched thymine by the

zebra fish thymine glycosylase methyl-CpG-binding domain 4 (Mbd4), with growth

arrest and DNA damage-inducible protein 45 (Gadd45) promoting the reaction (Rai

et al. 2008).

The involvement of deaminases in DNA demethylation in mammals is contro-

versial. The main underlying cause of controversy is a discrepancy between in vivo
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and biochemical data. From the in vivo standpoint, deaminases of the activation-

induced deaminase/apolipoprotein B RNA-editing catalytic component

(AID/APOBEC) family were shown to be required for neuronal activity-induced

demethylation in the hippocampus, and it was suggested that a demethylation

intermediate, 5-hydroxymethyluracil (5hmU), could originate by deamination of

5hmC and be removed by base excision repair (Guo et al. 2011) (Fig. 21.3). AID

(also known as AICDA) was also required for erasure of DNAmethylation marks at

imprinted genes and other loci in PGCs (Popp et al. 2010) and for demethylation of

the OCT4 and NANOG promoters during reprogramming events (Bhutani

et al. 2010). Contrary to this in vivo evidence, biochemical data indicate that

AID/APOBEC deaminases have reduced and undetectable activity on 5mC and

5hmC, respectively (Nabel et al. 2012). In addition, AID prefers single-stranded

DNA and its levels are low in cells other than B lymphocytes (Zan and Casali

2013). It should be pointed out that a 5mC deaminase activity of DNMT3A and

DNMT3B, occurring under conditions of low cofactor (S-adenosyl methionine)

concentration, has been reported and could create G/T mismatches for BER

processing (Kangaspeska et al. 2008) (Fig. 21.3).

AID/APOBEC activity on 5mC and 5hmC would produce G/T and G/5hmU

mismatches that could be effectively repaired by TDG (Fig. 21.3). In particular, in

addition to its cognate thymine glycosylase activity, TDG has a robust activity on

5hmU (Hardeland et al. 2003; Bennett et al. 2006; Cortellino et al. 2011). Other two

important BER glycosylases that partially act in a redundant manner with TDG are

MBD4 and single-strand selective monofunctional uracil-DNA glycosylase

1 (SMUG1), for G/T and G/5hmU repair, respectively.

MBD4, also called MED1, is a glycosylase initially cloned as an interactor of the

mismatch repair enzyme MLH1 (Bellacosa et al. 1999) and as a methyl-CpG-

binding domain (MBD)-containing protein (Hendrich et al. 1999a). MBD4 exhibits

thymine and uracil glycosylase activity on G/T and G/U mismatches, preferentially

in a CpG context, suggesting that it protects the genome from deamination events of

5mC and C, respectively (Hendrich et al. 1999b; Petronzelli et al. 2000a; Bellacosa

2001; Buontempo et al. 2011). Notably, as mentioned above, recent findings in a

zebra fish model suggest that MBD4 participates in active demethylation (Rai

et al. 2008). However, a role of MBD4 in DNA demethylation in mammals is

unclear, since Mbd4-knockout mice do not have overt developmental defects

(Millar et al. 2002; Wong et al. 2002; Cortellino et al. 2003).

SMUG1 is a monofunctional glycosylase identified in a genome-wide screen for

DNA glycosylases on the basis of its ability to bind synthetic inhibitors (Haushalter

et al. 1999). SMUG1 removes uracil that arises from deamination of cytosine in

single-stranded and double-stranded DNA but does not have activity on G/T mis-

matches (Wallace et al. 2012). SMUG1 can also remove 5-hydroxymethyluracil,

5-formyluracil, and 5-hydroxyuracil from DNA (Masaoka et al. 2003). In addition,

it has been found that SMUG1 can remove the deaminated base, xanthine, from

single-stranded and double-stranded DNA (Mi et al. 2009). Recent findings suggest

a role of SMUG1 in RNA biogenesis and quality control by removing

RNA-containing 5hmU and controlling the expression levels of 28S and 18S
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rRNA (Jobert et al. 2013). Notably, mice lacking Smug1 are viable and fertile,

which seems to exclude a significant role of SMUG1 during development and DNA

demethylation (Kemmerich et al. 2012). Interestingly, it has been shown recently

that Tet enzymes can oxidize thymine to 5hmU in murine ES cells (Pfaffeneder

et al. 2014) (Fig. 21.3).

Finally, two additional mechanisms for DNA demethylation have been

described, though at the moment their in vivo relevance is unknown. A 5caC

decarboxylase activity was detected in cell-free extracts of ES cells and in principle

could provide demethylation without BER involvement (Schiesser et al. 2012)

(Fig. 21.3). Furthermore, DNMT3A and DNMT3B, under oxidizing conditions,

exhibit dehydroxymethylating activity and consequently could convert directly

5hmC into C (Liutkeviciute et al. 2009; Chen et al. 2012) (Fig. 21.3).

21.7 Active DNA Demethylation in Transcription

and Development

Factors involved in DNA demethylation play important roles in development and

transcription, as evidenced by the disease states caused by their defects and

confirmed by the rich biology associated with their inactivation in mouse models.

21.7.1 Zygotic Demethylation

Demethylation of the paternal pronucleus in the zygote is mediated mostly by TET3

and associated with the rapid mass conversion of 5mC to 5hmC by oxidation

(Gu et al. 2011; Iqbal et al. 2011; Wossidlo et al. 2011), whereas traditionally

demethylation of the maternal pronucleus was thought to occur by passive dilution.

However, very recent evidence, based on single-base resolution, parental genome-

specific mapping of C, 5mC, 5hmC, and 5fC, suggests that both events are indeed

promoted by TET3 and result from a combination of active and passive demethyl-

ation (Guo et al. 2014; Shen et al. 2014; Gkountela and Clark 2014; Wang

et al. 2014). Based on an oocyte-specific conditional knockout, TDG appears to

be dispensable for zygotic demethylation (Guo et al. 2014).

21.7.2 Demethylation in Primordial Germ Cells

After the inner cell mass undergoes a generalized methylation (at the time of

implantation of the blastula), the second wave of demethylation occurs in primor-

dial germ cells when they enter the gonadal ridge. Whereas TET3 is involved in
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zygotic demethylation, TET1 and TET2 orchestrate active demethylation in PGCs

(Yamaguchi et al. 2013; Dawlaty et al. 2013). This active demethylation process

targets meiotic genes, control regions of imprinted genes, and intracisternal A

particle (IAP) elements (Seisenberger et al. 2012, 2013; Vincent et al. 2013) and

is responsible for stripping the imprinting marks. It is presently unclear whether

TDG is involved in demethylation and imprinting erasure in PGCs; however, in a

microarray comparison of wild-type and Tdg-knockout early passage mouse

embryo fibroblasts, altered expression of both paternal and maternal imprinted

genes was detected (Cortellino et al. 2011); furthermore, altered methylation was

detected in Tdg-knockout PGCs at the differentially methylated region 2 (DMR2)

of the paternally expressed Igf2 imprinted gene, with clones representative of both

maternal and paternal alleles being methylated. Demethylation in PGCs is associ-

ated with changes in chromatin structure and histone modifications and with the

presence of single-stranded DNA suggesting an involvement of BER (Hajkova

et al. 2008, 2010).

21.7.3 Demethylation of Promoters and Enhancers

The TET-TDG axis also plays a central role in demethylation of promoters and

tissue-specific, developmentally regulated enhancers. In general, 5hmC is enriched

at promoters and levels of 5fC and 5caC increase at the same loci upon TDG

knockdown, indicating that TET-mediated oxidation does occur at promoters

(Wu and Zhang 2011; Shen et al. 2013; Song et al. 2013; Raiber et al. 2012).

All three TET proteins and IDAX are enriched at CpG-rich promoters, due to

their CXXC domain. In ES cells, there is a difference between TET1 and TET2:

TET1 associates with the NuRD complex and SIN3A and appears to have a

repressive role, whereas TET2 has a role in gene activation (Delatte et al. 2014;

Williams et al. 2011). Since in ES cells TET1 binds to the so-called “poised”

promoters, also enriched in H3K4me3 and H3K27me3, its role in early develop-

ment may be to restrict the expression of lineage-specific genes that will need to be

activated in later developmental stages (Pastor et al. 2013). On the other hand, in

differentiated cells, TET1 prevents spreading from methylated edges into

hypomethylated CpG islands (Jin et al. 2014).

At enhancers, 5hmC is very enriched and its levels further increase with differ-

entiation. As for promoters, 5fC and 5caC increase upon TDG knockdown. At the

moment, it is not clear whether 5mC oxidation favors transcription factor binding or

whether transcription factors tether TET proteins onto enhancers.

TDG is required to maintain promoter CpG islands in their unmethylated state

and effect demethylation of tissue-specific enhancers, such as those of the albumin

and tyrosine aminotransferase genes, at midgestation in developing the liver

(Cortellino et al. 2011). TDG appears to be tethered onto promoters by transcription

factors of the nuclear hormone receptor family (Cortellino et al. 2011) and in turn

recruits transcriptional coactivators and histone modifiers (p300, CBP, p160, and
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MLL), thus contributing to chromatin regulation (Cortazar et al. 2011; Cortellino

et al. 2011; Tini et al. 2002; Chiang et al. 2010; Lucey et al. 2005).

Recent evidence indicates that the inhibitor of growth 1 (ING1) protein promotes

demethylation of some loci by recruiting Gadd45α, a TDG interactor (Cortellino

et al. 2011), onto H3K4me3 sites, implying that histone methylation may regulate

DNA demethylation at some target sites (Schafer et al. 2013). At the TCF21

promoter, a long noncoding RNA named TARID recruits Gadd45α and TDG for

TET-mediated demethylation (Arab et al. 2014).

21.7.4 Neuronal Activity-Induced Demethylation

Levels of 5hmC are the highest in the brain, and TET proteins have important roles

in brain development and function. In particular, TET2 and TET3 are involved in

differentiation of neuronal progenitors into neurons (Hahn et al. 2013), and TET3 is

involved in eye and head development in Xenopus (Xu et al. 2012). Furthermore,

Tet1-mutant mice have impaired hippocampal neurogenesis and reduced learning

and memory (Zhang et al. 2013).

Neuronal activity-induced demethylation in the dentate gyrus of the hippocam-

pus is promoted by TET1 and APOBEC1, which suggested a deamination/base

excision repair mechanism (Guo et al. 2011). Interestingly, Gadd45β is also

involved in this process (Ma et al. 2009b).

21.7.5 Demethylation in Reprogramming

Efficient reprogramming by four transcription factors OCT4, SOX2, KLF4, and

MYC relies on reactivation of pluripotency genes, such as OCT4 and NANOG, and
induction of mesenchymal to epithelial transition. Both TET1 and TET2 appear to

have an important role in reprogramming, and TET1 can even substitute for OCT4

as one of the reprogramming factors (Costa et al. 2013; Doege et al. 2012; Gao

et al. 2013; Chen et al. 2013). A recent study showed that TETs and TDG are

required for reprogramming by promoting mesenchymal to epithelial transition via

demethylation of the microRNA 200 family (Hu et al. 2014).

21.7.6 Mouse Models

The important roles played by the TETs and TDG in development and transcription

are reflected in the phenotypes of mutant mice. Tet1-knockout mice are small but

apparently healthy on a mixed C57Bl/6� 129 background (Dawlaty et al. 2011),

but the homozygous mutation is embryonically lethal on a 129 background
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(Yamaguchi et al. 2012). Tet2-mutant mice exhibit hematological abnormalities

with an expansion of the hematopoietic stem cell compartment and phenotypes

resembling human MDS/MPN (Quivoron et al. 2011; Moran-Crusio et al. 2011; Li

et al. 2011; Ko et al. 2011). Approximately half of Tet1�/� Tet2�/� mice die

perinatally with head defects (Dawlaty et al. 2013). Approximately half of embryos

originating from Tet3� oocytes arrest at midgestation and the ones that survive die

perinatally (Gu et al. 2011).

TDG is probably the only DNA N-glycosylase essential for development, and

Tdg�/� embryos die at midgestation with a complex phenotype characterized by

cardiovascular and other defects (Cortellino et al. 2011; Cortazar et al. 2011).

Importantly, the catalytic activity of TDG is essential for proper development,

which provides strong genetic evidence on the role of this glycosylase in active

demethylation (Cortellino et al. 2011).

21.8 Alterations of Active DNA Demethylation in Human

Disease and Cancer

Over the past few years, defects of DNA demethylating factors in human disease

and cancer have emerged. In some cases, given the additional functions of these

factors, these defects do not necessarily reflect DNA demethylation problems.

However, it is clear that at least some of the alterations described recently do

impact DNA demethylation and begin to provide explanations to the

hypermethylation of tumor suppressor genes and other CpG islands that is a

hallmark of cancer (Issa 2004; Bird 1996; Feinberg and Tycko 2004; Ito

et al. 2000; Jones and Laird 1999; Laird and Jaenisch 1996; Jones and Baylin 2007).

21.8.1 Alterations of TET Genes in Cancer

Abnormal 5hmC patterns and TET defects have been found in multiple cancers

(e.g., lung, brain, kidney, liver, intestine, and uterus) (Delatte et al. 2014). Notably,

xenograft mouse models suggest an involvement of TET2 and TET1 in melanoma

and prostate and breast cancer tumorigenesis, respectively (Hsu et al. 2012; Lian

et al. 2012). High levels of 5hmC or loss of the TET2 locus have been observed in

low-grade glioma implying a role of TETs in the pathogenesis of neural tumors

(Bian et al. 2014; Ye and Li 2014).

Somatic deletions and TET2-inactivating mutations are found in myeloid malig-

nancies associated with low levels of 5hmC: 4–13 % of myeloproliferative neo-

plasms (MPNs), 20–25 % of myelodysplastic syndrome (MDS) cases, and 7–23 %

of acute myelogenous leukemia (AML) cases present TET2 mutations in exons 3a

and 10 (Delhommeau et al. 2009; Tefferi et al. 2009a, b; Bejar et al. 2011a, b). The
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important role of TET1 and TET2 in leukemia has been confirmed in mouse models.

Tet2-knockout mice show an expansion of the hematopoietic stem cell compart-

ment and a skewing of cell differentiation toward the myeloid compartment,

causing symptoms resembling those associated with TET2 mutations in human

(Li et al. 2011; Quivoron et al. 2011; Moran-Crusio et al. 2011). Interestingly, a

global genomic increase in 5hmC levels is detected inMLL-TET1 rearranged AML

cases (Huang et al. 2013).

Finally, a complete molecular characterization of somatic changes in 346 spo-

radic colorectal cancer (CRC) cases by whole exome and whole genome sequenc-

ing revealed alterations in all the TET family genes (Wood et al. 2007; Mohr

et al. 2011).

21.8.2 Alterations of TET Enzymes in Neurodegenerative
Diseases

In keeping with the emerging role of TETs and 5hmC in mammalian neurogenesis

and maintenance of adult central nervous system (CNS) function, alterations of

TET enzymes associated with abnormal 5hmC patterns have been detected in the

brain of patients with neurodegenerative diseases (Rudenko et al. 2013; Zhang

et al. 2013; Jakovcevski and Akbarian 2012; Al-Mahdawi et al. 2013; Delatte

et al. 2014). Decreased levels of 5hmC, accompanied by low TET1 expression,

have been found in Huntington’s disease (HD) mouse models and in the putamen of

HD patients. Analysis of the differentially hydroxymethylated regions uncovered

alterations of canonical pathways involved in neuronal development and differen-

tiation pathways. Thus, it has been suggested that loss of 5hmC may impair

neuronal function in HD (Wang et al. 2013). A global 5hmC decrease in gene

bodies and promoters and a more subtle increase in cerebellum-specific enhancers

and some repetitive elements have been reported in a mouse model of fragile X

syndrome (Yao et al. 2014).

In contrast to the cases above, a global increase in 5hmC has been observed in

some neurological disorders. Recent studies in Alzheimer’s disease patients reveal
a significant increase of 5hmC in regions of the hippocampus, while the middle

frontal and temporal gyri show a significant decrease (Chouliaras et al. 2013;

Coppieters et al. 2014). An increase of 5hmC has been found in cerebellar tissues

of Friedreich’s ataxia patients, in the spinal cord of sporadic amyotrophic lateral

sclerosis patients, and in the parietal cortex of psychotic patients, the latter accom-

panied by downregulation of APOBEC3A and APOBEC3C (Dong et al. 2012;

Guidotti et al. 2013; Al-Mahdawi et al. 2013; Figueroa-Romero et al. 2012; Auta

et al. 2013).

In summary, TET activity is altered in cancer and neurodegenerative disorders;

it remains to be determined whether abnormal 5hmC patterns are hallmarks of

specific cancer types and what is the biological significance of TET defects/5hmC
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levels in both tumorigenesis and pathogenesis of neurological diseases (Delatte

et al. 2014; Ficz and Gribben 2014).

21.8.3 Mutations of the Genes Encoding Isocitrate
Dehydrogenases 1 (IDH1) and 2 (IDH2) and Effect
on TET Function

TET dioxygenases require two cofactors, Fe2+ and α-ketoglutarate (α-KG), for their
activity; the enzymes that synthesize the α-KG cofactor are isocitrate dehydroge-

nases 1 and 2 (IDH1/IDH2) (Cairns and Mak 2013). Recent findings indicate that

mutations of arginine residues in the active site of IDH1/IDH2 induce a neomorphic

activity that converts α-KG to D-2-hydroxyglutarate, which acts as

“oncometabolite” inhibiting several α-KG-dependent enzymes, including the

TETs (Cairns and Mak 2013). IDH1/IDH2 mutations occur in 70–90 % of all

adult grade 2/3 astrocytomas and oligodendrogliomas and in secondary glioblasto-

mas; mutations are overwhelmingly p.Arg132His substitutions in IDH1. Of note,
IDH1/IDH2mutations in CNS tumors are significantly associated with methylation

of the O-6-methylguanine-DNA methyltransferase promoter, TP53 mutations, and

the 1p19q co-deletion (Cairns and Mak 2013). IDH1/IDH2 mutations have been

described also in myeloid neoplasia, including AML, MDS, and MPN; the most

common mutations in myeloid neoplasms are p.Arg172Lys and p.Arg140Glu in

IDH2 (Cairns and Mak 2013). Notably, TET2 and IDH1/IDH2 mutations are

mutually exclusive in myeloid neoplasms suggesting that IDH1/IDH2 and TET2
mutations are epistatic (Figueroa et al. 2010). IDH1/IDH2mutations have also been

detected in cholangiocarcinoma, a small proportion of prostate cancers, and

angioimmunoblastic T-cell lymphomas (Cairns and Mak 2013). Finally, somatic

mosaic IDH1/IDH2 mutations are associated with enchondroma and spindle cell

hemangioma in Ollier disease and Maffucci syndrome; the heterozygous mutations

found in these rare diseases also involve the catalytic arginine residues (Pansuriya

et al. 2011; Amary et al. 2011).

21.8.4 Alterations of BER DNA N-Glycosylases with a Role
in DNA Demethylation

TDG has a crucial role in mammalian development, genomic and epigenomic

stability, suggesting a potential involvement in cancer and human disease (Dalton

and Bellacosa 2012). Reduced/absent TDGmRNA expression has been observed in

multiple myeloma, pancreatic adenocarcinoma, and colorectal cancer (CRC) (Peng

et al. 2006; Broderick et al. 2006; Yatsuoka et al. 1999). Notably, lack of TDG
expression in CRC appears to synergize with biallelic germline inactivation of the
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mismatch repair gene PMS2, creating a supermutator phenotype at CpG sites

(Vasovcak et al. 2012). TDG appears also to be involved in the TGFβ-dependent
active demethylation and expression of the tumor suppressor gene p15INK4b

(Thillainadesan et al. 2012). Upregulation of TDG expression has also been

detected in CRC suggesting that TDG may regulate the Wnt signaling pathway

(Xu et al. 2014); in addition, TDG depletion significantly inhibits cancer cell

proliferation and tumor formation, suggesting that TDG is required for CRC growth

(Xu et al. 2014). On the contrary, TDG SNPs showed no statistically significant

association with CRC and lung cancer (Sjolund et al. 2013), but the p.Gly199Ser

was found to be associated with an increased likelihood of micronuclei in Chinese

workers previously exposed to vinyl chloride, suggesting that this TDG variant may

increase susceptibility to chromosomal damage (Sjolund et al. 2013). Expression of

mutant p.Gly199Ser in human breast cells causes an accumulation of DNA double-

strand breaks and activation of the DNA damage response, leading to chromosomal

instability and cellular transformation (Sjolund et al. 2013). In summary, the

potential implications of TDG defects in cancer and human disease still remain to

be fully established.

The MBD4 gene is frequently mutated (20–45 %) in hereditary and sporadic

colorectal cancer tumors with mismatch repair defects and microsatellite instability

(MSI). Moreover, a fraction of gastric, endometrial, and pancreatic cancers with

MSI show MBD4 mutations, with recurrent frameshift mutations in the coding A6

and A10 polyadenine tracks, leading to a truncated MBD4/MED1 protein lacking

the glycosylase domain (Bader et al. 1999; Bellacosa 2001; Buontempo et al. 2011;

Pinto et al. 2003; Riccio et al. 1999; Yamada et al. 2002). These findings are

supported by mouse studies demonstrating that inactivation of Mbd4 increases

mutation frequency and accelerates tumor formation in ApcMin/+ cancer-

predisposing background (Cortellino et al. 2009; Millar et al. 2002; Wong

et al. 2002). However, another study showed that biallelic inactivation of Mbd4
has no impact on mutation frequency and tumorigenesis in a mouse model of

MMR-deficient tumors (Sansom et al. 2004).

Notably, whereasMBD4 is generally inactivated in cancer, increased expression,
associated with DNA hypomethylation, has been reported in systemic lupus

erythematosus (SLE) patients. This finding suggests a possible role of the

demethylating activity of MBD4 in the pathogenesis of SLE (Balada et al. 2007).

In addition, inactivating mutations in MBD4 are present in rare cases of autism

suggesting a possible role of this gene in the etiology of this disease (Cukier

et al. 2010).

To date, few studies have addressed the role of SMUG1 in cancer. An aggressive
phenotype and poor clinical outcome have been found associated with low and high

levels of SMUG1 expression in primary breast and gastric tumors, respectively

(Abdel-Fatah et al. 2013a, b). On the contrary, no significant association between

SMUG1 variants and CRC has been found (Broderick et al. 2006). Whereas Smug1-
deficient mice are viable, fertile, and apparently healthy, an increased cancer

incidence is observed in animals with combined deficiency in Smug1 and Ung in
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an Msh2�/�cancer-predisposing background (Kemmerich et al. 2012). Taken

together, these data suggest that SMUG1may have complex roles in tumorigenesis.

21.8.5 Alterations of AID/APOBEC Deaminases

The AID/APOBEC deaminase family plays important roles in mutagenesis, recom-

bination, viral/foreign DNA elimination, and possibly DNA demethylation, and

thus alterations of deaminases are implicated in tumorigenesis and human disease.

Notably, the DNA deaminases do not need to be altered to induce mutations; their

“accidental,” unregulated, false expression can lead to genomic instability and

increase tumor susceptibility (Schmitz and Petersen-Mahrt 2012).

AID, encoded by the AICDA genes, is required for class switch recombination

(CSR) and somatic hypermutation (SHM) in germinal center B cells (de Yebenes

and Ramiro 2006). AID overexpression is involved in the generation of chromo-

some translocations and, presumably, proto-oncogene mutations in B-cell lympho-

mas (e.g., Burkitt lymphoma) (de Yebenes and Ramiro 2006). Aberrant expression

of AID plays a role in genomic instability associated with inflammation-associated

carcinogenesis; a fingerprint of AID-induced mutations and chromosomal alter-

ations has been identified in tumor suppressor genes in gastrointestinal tumors

related to chronic viral hepatitis, Helicobacter pylori-related gastritis, colitis-

associated cancers, Barrett’s esophagus, and inflammatory bowel disease (Schmitz

and Petersen-Mahrt 2012; Shimizu et al. 2012). Recently, polymorphisms in the

AICDA gene have been found to be associated with brain tumor susceptibility in

Korean children (Jeon et al. 2013). Notably, a mouse model with constitutive and

ubiquitous expression or overexpression of AID showed increased incidence not

only of lymphomas but also of various epithelial tumors, including liver, lung, and

gastric cancers (Shimizu et al. 2012). Moreover, defective AID function has been

associated with hyper-IgM syndrome (HIGM), a human condition characterized by

defective CSR, very low serum concentrations of IgG, IgA, and IgE, and in some

cases defective SHM. These findings were confirmed by in vivo studies of Aicda-
knockout mice, which manifest a HIGM-like phenotype (de Yebenes and Ramiro

2006).

Recent findings have identified the APOBEC enzymes as a source of genomic

instability in cancer. In particular, APOBEC3B has been found as a source of

mutations in cervical, bladder, lung, head and neck, and breast cancers. The

APOBEC mutation signature is characterized by regions of localized

hypermutation, called kataegis, that are clustered at breakpoints of chromosomal

rearrangements (Kuong and Loeb 2013; Burns et al. 2013; Roberts et al. 2013).

Recent evidences showed the involvement of APOBEC in a subset of parathyroid

carcinoma and chronic lymphocytic leukemia cases (Yu et al. 2014; Rebhandl

et al. 2014). Notably, these studies revealed that the APOBEC3B mutation signa-

ture is enriched especially in cervical and head and neck cancers, and a major risk

factor for the development of these cancers is infection by human papillomavirus.
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Thus, it will be interesting to determine whether viral infections can trigger

APOBEC3B mutagenesis and whether variation in infection and immune status

can explain why APOBEC3B is associated with cancers in some tissues but not

others (Kuong and Loeb 2013).

In summary, the role of AID/APOBEC alterations in cancer is linked to the

induction of mutations and genomic instability, whereas the potential impact of

those alterations on DNA demethylation has not been demonstrated.

21.9 Conclusion and Future Perspectives

Within the short time frame of approximately 5 years, active DNA demethylation

has gone from being an esoteric, highly controversial phenomenon to a fully

recognized and increasingly important mechanism of epigenetic regulation with

implications relevant to development, human disease, and cancer. The field has

quite literally blossomed and is undergoing a robust expansion; now it can build on

an initial, but quite detailed, understanding of the basic biochemical mechanisms of

demethylation, its function in development and reprogramming, and its pathoge-

netic role in human disease and cancer.

In the future, it is likely that the relative importance of different demethylation

pathways and respective factors in various developmental contexts will emerge,

accompanied by a detailed understanding, at single-base resolution (Wu and Zhang

2014; Pastor et al. 2013; Wu et al. 2014) and in different cell types, of their effects

on the epigenomic landscape. In turn, this will provide the tools for site- and tissue-

specific epigenetic manipulation of methylation, of which we are beginning to see

the first glimpses (Maeder et al. 2013; Gregory et al. 2013), with likely early

applications in reprogramming and assisted reproductive technologies.

The role of alterations of factors involved in DNA demethylation will be more

precisely determined in various human diseases, including cancer, characterized by

defects in patterns of cytosine methylation and other modifications, which should

pave the way for innovative therapies based on inhibiting/augmenting the activity

of demethylating enzymes or on gene therapies.
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