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Preface

Life must be constantly fuelled with energy to keep 
the numerous chemical reactions in the cell from 
thermodynamic equilibrium, which constitutes the 
energetic driving force for metabolism. The chloro-
plast organelles in plant leaves have been tuned by 
more than a billion years of evolution to function as 
the most efficient and robust powerhouses for life 
on earth by using energy from the sun. Besides fuel-
ling cell metabolism, the chloroplast also represents 
a sophisticated anabolic factory for producing a 
variety of primary and secondary metabolites. This 
gives the organelle a central role in maintaining 
life on our planet. Furthermore, in recent decades, 
multiple endeavours have been initiated to make 
use of the unique bioenergetic and anabolic poten-
tial of chloroplasts to help solve some of the most 
urgent problems of mankind in the areas of sustain-
able energy supply, paving the way for a second 
green revolution, and in the production of valuable 
chemicals, for example for medical applications.

This book surveys hot topics in chloroplast 
biology showing that this is a highly active and 
dynamic area in plant sciences. The chapters in this 
book document one of the main aspects of chloro-
plast biology, that is, the plasticity of chloroplast 
functions in context of a dynamic environment 
and of different metabolic needs. In recent years, 
the research community has appreciated that we 
have to understand how plants in general, and the 
chloroplast in particular, respond to often unpre-
dictable changes in natural parameters (i.e. light 
intensity, temperature, etc.). We now have a better 
understanding of the fact that many gene products 
have evolved to deal with the environmental and 
metabolic fluctuations required to ensure plant fit-
ness and survival.

The book gives a state-of-the-art view on emi-
nent areas in chloroplast research. In detail, it starts 
with the building blocks of the energy-converting 
thylakoid membranes (lipids, pigments, proteins 
and membranes); this is complemented by a 
chapter on plastoglobuli, which are attached to 
thylakoid membranes. The book continues by pre-
senting current knowledge on electron and proton 
fluxes and the regulation and repair of the energy-
converting machinery. The regulatory aspect is 
widened to redox regulation, which is followed by 
a chapter addressing how ions and metabolites are 
transported across chloroplast membranes. The 
book closes by presenting system-based approaches 
for identification and characterization of unique 
chloroplast-hosted proteins.

The chapters were prepared by internation-
ally, highly acknowledged colleagues who work at 
the forefront of their research area and, therefore, 
provide expert insight in their scientific field. I’m 
deeply thankful for my colleagues’ hard work and 
the fact that they have shared their expert knowl-
edge in excellently written chapters. Last but not 
least, the realization of this book would not have 
been possible without the volunteering reviewers. 
Their thorough job significantly increased the qual-
ity of the individual chapters. Their fresh eyes and 
constructive critique provided valuable input to 
the contributors. For this essential contribution, 
I’m highly indebted to the reviewers (alphabeti-
cal order): Drs Claire Brehelin, Rikard Fristedt, 
Jingpeng Gao, Mark Heinnickel, Toru Hisabori, 
Zhirong Li, Sujith Puthiyaveetil, Mark Aurel Schoe-
ttler and Ildiko Szabo.

Helmut Kirchhoff





1Chloroplast Lipids
Yonghong Zhou, Katharina vom Dorp, Peter Dörmann and 
Georg Hölzl

Abstract
Chloroplasts are the major site of fatty acid de novo 
synthesis in the cells of plants and algae. Fatty acids 
are incorporated into glycerolipids in the chloro-
plast (prokaryotic pathway) or are exported to the 
endoplasmic reticulum for glycerolipid synthesis 
following the eukaryotic pathway. The four major 
glycerolipids of chloroplasts are monogalactosyldi-
acylglycerol (MGDG), digalactosyldiacylglycerol 
(DGDG), sulfoquinovosyldiacylglycerol (SQDG) 
and phosphatidylglycerol (PG), which are the 
building blocks for thylakoids and play specific 
roles in photosynthesis. During phosphate depriva-
tion DGDG and SQDG accumulate and replace 
phospholipids to save phosphate for other pro-
cesses. In addition to glycerolipids, chloroplasts 
contain a large variety of isoprenoid lipids derived 
from the methyl-erythritol phosphate pathway. 
Prenylquinones (tocopherol, plastoquinone, phyl-
loquinone) are one class of chloroplast isoprenoid 
lipids and serve as antioxidants or electron carriers 
of photosystems II and I, respectively. β-Carotene 
(an isoprenoid-derived carotenoid), tocopherol, 
and phylloquinone (provitamin A, vitamin E and 
vitamin K1, respectively) are essential components 
of the human diet. Chlorophyll, the main photo-
synthetic pigment, carries an isoprenoid-derived 
phytyl chain, which is released during chlorophyll 
breakdown. Phytol is employed for the synthesis of 
fatty acid phytyl esters and tocopherol. In contrast 
to plants, chloroplasts of eukaryotic algae contain 
further lipids and employ additional routes for 
lipid synthesis. Research on chloroplast lipids has 
seen major progress in the recent past due to the 
development of highly sensitive and accurate mass 
spectrometers for the analysis of extremely low 

abundant lipids or lipids only accumulating during 
stress conditions.

Introduction
Chloroplasts of plants and algae are highly special-
ized organelles performing oxygenic photosynthesis. 
Two main groups of lipids, glycerolipids and isopre-
noid lipids, are characteristic for chloroplasts, and 
directly or indirectly involved in photosynthesis. 
The glycerolipids constitute the building blocks for 
chloroplast membranes (inner and outer envelope, 
thylakoids). Glycerolipids contain two fatty acids 
linked to the sn1 and sn2 positions of glycerol, and 
a polar head group linked to sn3. The specialization 
on oxygenic photosynthesis requires a glycerolipid 
composition highly conserved in thylakoids of 
plants, algae and cyanobacteria (Block et al., 1983). 
Cyanobacteria are, according to the endosymbiont 
theory, the ancestors of chloroplasts. Surprisingly, a 
simple set of four lipids is sufficient for establishing 
the photosynthetic membranes, i.e. the two galac-
tolipids monogalactosyldiacylglycerol (MGDG), 
digalactosyldiacylglycerol (DGDG), the sulfoli-
pid sulfoquinovosyldiacylglycerol (SQDG), and 
the phospholipid phosphatidylglycerol (PG) 
(Fig. 1.1) (Li-Beisson et al., 2013). SQDG and 
PG are anionic lipids at physiological pH. Plant 
chloroplasts further contain the phospholipid 
phosphatidylcholine (PC) in their outer envelope. 
In thylakoids isolated from spinach chloroplasts, 
MGDG constitutes about 52%, DGDG 26%, 
SQDG 6.5% and PG 9.5% of total membrane lipids 
(Block et al., 1983). The anomeric structures of the 
glycolipid head groups are also highly conserved. 
The galactose residue in MGDG is always bound 
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in β-configuration to the glycerol (Fig. 1.1), while 
DGDG harbours a terminal α-galactose moiety 
(1 → 6)-linked to the inner β-galactose. The sul-
foquinovose (6-deoxy-6-sulfoglucose) residue of 
SQDG is derived from α-glucose with a sulfonate 
group linked to the C-6 carbon of the sugar. The 
different glycerolipids are further characterized by 
their unique fatty acid compositions (Li-Beisson 
et al., 2013). Galactolipids contain high amounts 
of polyunsaturated fatty acids. The main molecular 
species of MGDG in plants are 18:3/18:3 (sn1/
sn2) and 18:3/16:3-MGDG (Fig. 1.1). The main 
DGDG molecular species is 18:3/18:3. SQDG 
is always more saturated than galactolipids, with 
18:3/16:0 as one main molecular species. A special 
feature of chloroplast PG is the presence of trans Δ3 
hexadecenoic acid (16:1Δ3trans) linked to sn2. The 

fatty acid composition of green algae such as Chla-
mydomonas is similar to higher plants, but often 
with high amounts of 16:4 linked to sn2 of MGDG 
(Giroud et al., 1988).

Isoprenoid lipids play crucial roles in photo-
synthetic electron transfer of photosystems I and 
II (PSI, PSII) and in the light-harvesting complex 
II (LHCII). Some isoprenoid lipids are stored in 
plastoglobules, lipid subcompartments found in 
chloroplasts, especially under stress conditions 
or in senescent leaves (Tevini and Steinmüller, 
1985). Chloroplasts harbour a plethora of different 
isoprenoid lipids. Photosynthetic pigments such 
as chlorophyll and carotenoids are derived from 
isoprenoid metabolism and provide the means for 
capturing photons for the conversion into chemi-
cal energy and for carbon fixation. Carotenoids, in 
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Figure 1.1  Structures of chloroplast glycerolipids. Monogalactosyldiacylglycerol (MGDG), digalactosyldiacyl-
glycerol (DGDG), sulfoquinovosyldiacylglycerol (SQDG) and phosphatidylglycerol (PG) are bulk membrane 
lipids, while glucuronosyldiacylglycerol (GlcADG) and trigalactosyldiacylglycerol (TGDG) are produced under 
different stress conditions. Phosphatidylcholine (PC) is only present in the outer chloroplast envelope.
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particular xanthophylls, are involved in dissipating 
excess light energy. Chlorophyll and carotenoids 
confer the green coloration of leaves or the yellow/
red coloration of fruits, petals, and senescent leaves, 
respectively. Prenylquinones, such as tocopherol 
or phylloquinone and plastoquinone, protect 
the photosynthetic membranes against oxidative 
stress or are components of the photosynthetic 
electron-transfer chain, respectively. β-Carotene 
(provitamin A), tocopherol (vitamin E) and phyl-
loquinone (vitamin K1) are lipid-soluble vitamins 
essential for human and animal nutrition (Grusak 
and DellaPenna, 1999). The biosynthetic path-
ways for isoprenoid lipids are tightly connected. 
Moreover, links between plastidial glycerolipid and 
isoprenoid pathways exist. Fatty acid phytyl esters 
are synthesized in senescent leaves or in leaves 
under stress, from phytol and fatty acids derived 
from chlorophyll and glycerolipid degradation, 
respectively (Lippold et al., 2012). Carotenoid 
esters were found in yellow tomato petals and 
in microalgae (Ariizumi et al., 2014; Chen et al., 
2015). The large variety of glycerolipid molecular 
species and of isoprenoid lipids in chloroplasts pre-
sents a challenge for the comprehensive analysis of 
these compounds, in particular as the lipids differ in 
their physical and chemical properties. Glycerolip-
ids can be analysed by thin-layer chromatography 
(TLC), gas chromatography (GC), gas chroma-
tography–mass spectrometry (GC-MS) and liquid 
chromatography–tandem mass spectrometry 
(LC-MS/MS). Many isoprenoid lipids contain 
conjugated double bonds as chromophores and 
can therefore be analysed by spectrophotometry 
or high-pressure liquid chromatography (HPLC) 
with ultraviolet (UV) or fluorescence detectors.

Glycerolipids in chloroplasts

Glycerolipid synthesis and lipid 
trafficking

The prokaryotic pathway of glycerolipid 
synthesis
Fatty acids in plants and algae are synthesized de 
novo in the stroma of chloroplasts by a type II fatty 
acid synthase (FASII) (Li-Beisson et al., 2013). 
The growing acyl chains are attached to acyl car-
rier protein (ACP). Chain elongation reactions 

are catalysed by β-ketoacyl-ACP synthases (KAS) 
III and KASI, resulting in 16:0-ACP production, 
while the elongation from 16:0-ACP to 18:0-ACP 
is KASII-dependent (Wu et al., 1994). 18:0-ACP 
is desaturated to 18:1-ACP by a soluble acyl-ACP 
Δ9-desaturase (SAD, FAB2). The further relative 
proportions and incorporation into lipids of the 
main products 16:0-ACP and 18:1-ACP depends 
on the activities of KASII (synonymous: FAB1), 
two plastidial acyltransferases, glycerol-3-phos-
phate acyltransferase (GPAT) and lysophosphatidic 
acid acyltransferase (LPAAT), and two acyl-ACP 
thioesterases, FATA and FATB (Fig. 1.2), with 
substrate specificities for 18:1-ACP, and long-chain 
acyl-ACPs, respectively. The thioesterases FATA 
and FATB are specific for 18:1-ACP and long-chain 
acyl-ACPs, respectively, and release free fatty acids 
which are exported to the ER for incorporation into 
extraplastidial glycerolipids (‘eukaryotic lipids’) 
(Bonaventure et al., 2004).

Fatty acids that are not released from acyl-ACP 
by thioesterases are incorporated into plastidial 
(‘prokaryotic’) glycerolipids by GPAT and LPAAT. 
Glycerolipid biosynthesis in chloroplasts starts 
with the acylation of glycerol-3-phosphate (G3P) 
at the sn1 position by GPAT using acyl-ACP, form-
ing lysophosphatidic acid (LPA) (Fig. 1.2). The 
plastidial GPAT, also designated ATS1 or ACT1, 
is a soluble enzyme in the stroma and is specific 
for 18:1-ACP (Frentzen et al., 1983; Joyard and 
Douce, 1977). In the ats1 (synonym: act1) mutant, 
the deficiency in plastidial GPAT results in the loss 
of plastidial lipids, which is compensated by an 
increased synthesis of ER-derived lipids (Kunst et 
al., 1988; Xu et al., 2006). The second acylation at 
the sn2 position of LPA is carried out by LPAAT 
to form PA, which is an important intermediate in 
glycerolipid metabolism and furthermore in signal 
transduction. The plastidial LPAAT (designated 
ATS2) is a membrane-bound enzyme localized to 
the chloroplast envelope. ATS2 is highly specific for 
16:0-ACP (Andrews and Mudd, 1985; Frentzen et 
al., 1983). Disruption of ATS2 in the ats2 mutant 
leads to embryo lethality, demonstrating that plas-
tidial LPAAT is essential for embryo development 
(Yu et al., 2004). PA produced in the chloroplasts 
is employed for the synthesis of plastidial PG, and 
after dephosphorylation to diacylglycerol (DAG) 
by PA phosphatases (PAP), for the synthesis of 
MGDG, DGDG and SQDG ( Joyard and Douce, 



Zhou et al.4 |

1977). Thus, plastidial PA and all glycerolipids 
derived from it harbour a C16 fatty acid at the sn2 
position (prokaryotic lipids) (C18/C16) (Boudiére 
et al., 2014; Ohlrogge and Browse, 1995).

The eukaryotic pathway of glycerolipid 
synthesis
Fatty acids released from acyl-ACP by FATA or 
FATB are exported from the chloroplast. Recently, 
a novel inner envelope membrane protein, FAX1 

(fatty acid export 1), was identified and suggested 
to be involved in the export of fatty acids from the 
chloroplast (Li et al., 2015a). Fatty acids need to be 
converted into their coenzyme A (CoA) esters for 
further metabolism at the ER. Arabidopsis contains 
nine members of the long-chain acyl-CoA synthase 
(LACS) family, but only LACS9 is localized to 
the chloroplast (Fig. 1.2) (Schnurr et al., 2002). 
Recent results, however, demonstrated that LACS9 
and LACS4, which show overlapping specificities, 
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G3P, glycerol-3-phosphate; LPA, lysophosphatidic acid; PC, phosphatidylcholine; PA, phosphatidic 
acid; DAG, diacylglycerol; CDP-DAG, CDP-diacylglycerol; PGP, phosphatidylglycerol phosphate; PG, 
phosphatidylglycerol; MGDG, monogalactosyldiacylglycerol; DGDG, digalactosyldiacylglycerol; SQDG, 
sulfoquinovosyldiacylglycerol; UDP-Glc, UDP-glucose; UDP-Sqv, UDP-sulfoquinovose, Glc-1-P, glucose-
1-phosphate; GlcADG, glycuronosyldiacylglycerol. Enzymes of glycerolipid synthesis in chloroplasts: AAPT, 
aminoalcoholphospho-transferase; FATA, FATB, acyl-ACP thioesterase A or B; GPAT, glycerol-3-phosphate 
acyltransferase; LPAAT, lysophosphatidic acid acyltransferase; PAP, phosphatidic acid phosphatase; LACS, 
long-chain acyl-CoA synthetase; CDS, CDP-diacylglycerol synthase; PGPS, phosphatidylglycerol phosphate 
synthase; PGPP, phosphatidylglycerol phosphate phosphatase; MGD, monogalactosyldiacylglycerol synthase; 
DGD, digalactosyldiacylglycerol synthase; SFR2, SENSITIVE TO FREEZING 2/galactolipid:galactolipid 
galactosyltransferase; UPG3, UDP-Glc pyrophosphorylase 3; SQD1, UDP-sulfoquinovose synthase 1; SQD2, 
sulfoquinovosyl transferase.



Chloroplast Lipids | 5

might not be involved in the export, but rather in the 
import of fatty acids into the plastid by activating 
free fatty acids for subsequent incorporation into 
PC via an LPAAT reaction ( Jessen et al., 2015). The 
ATP-binding cassette (ABC) transporter ABCA9 
was suggested to mediate the uptake of acyl groups 
into the ER. Thus, Arabidopsis abca9 mutant plants 
show strongly reduced seed triacylglycerol (TAG) 
content (Kim et al., 2013). Contact sites between 
the chloroplast outer envelope and the ER (PLAM, 
plastid-associated membranes) were identified by 
fluorescence microscopy with micromanipulation 
and suggested to facilitate acyl and lipid exchange 
(Andersson et al., 2007). An alternative way for acyl 
lipid transport was suggested for acyl-CoA-binding 
proteins that possibly transport acyl-CoAs to the 
ER (Xiao and Chye, 2009). At the ER, acyl groups 
from acyl-CoAs are incorporated into LPA, PA 
and PC by acyltransferases (ER-localized GPAT, 
LPAAT) and by acyl editing (Li-Beisson et al., 
2013). PC has a central function in glycerolipid 
metabolism, because it serves as substrate for fatty 
acid desaturation and it represents the intermediate 
for the synthesis of the other glycerolipids.

PA produced at the ER contains a C18 fatty 
acid at the sn2 position, because the ER-localized 
LPAAT is specific for 18:1-CoA. Therefore, ER-
derived glycerolipids usually carry a C18 acyl group 
at the sn2 position (eukaryotic lipids) (C18/C18 
or 16:0/C18). ER-derived lipid precursors can be 
re-imported into the chloroplast where they are 
employed for the synthesis of plastidial glycerolip-
ids (MGDG, DGDG, SQDG) with eukaryotic 
structure. The location of the two pathways in the 
different compartments requires close coordina-
tion to supply lipid precursors for chloroplast lipid 
assembly and thylakoid expansion. Plants which 
employ the two pathways for glycerolipid synthesis 
are called ‘16:3 plants’, because MGDG in these 
plants is enriched with 16:3 fatty acids, while ‘18:3 
plants’ use mainly or exclusively the eukaryotic 
pathway for galactolipid synthesis and therefore 
lack 16:3 (Li-Beisson et al., 2013). Analysis of fatty 
acid composition from 468 plant species revealed 
that different proportions of glycerolipids in the 
various plant species are produced from the plas-
tidial and ER pathway (Mongrand et al., 1998).

The major pathways for fatty acid synthesis 
and glycerolipid assembly are conserved between 

plants and green algae including Chlamydomonas, 
as derived from the presence of orthologous genes 
in the genomes (Li-Beisson et al., 2015). Nev-
ertheless, major differences exist between lipid 
metabolism of plants and green algae. As Chla-
mydomonas lacks PC, MGDG was proposed to play 
a key role in fatty acid export from the chloroplast. 
A specific lipase, PGD1 (plastid galactoglycerolipid 
degradation 1), specifically releases acyl groups 
with low desaturation degree from MGDG. These 
fatty acids (mainly 18:1) are activated to acyl-CoA 
and used for the production of extraplastidial 
glycerolipids, especially TAG (Li et al., 2012). In 
addition, Chlamydomonas uses only the prokaryotic 
pathway for lipid synthesis. Therefore, the import of 
lipid precursors into the plastid (i.e. the eukaryotic 
pathway) is not relevant for the production of chlo-
roplast lipids. In contrast to plants, Chlamydomonas 
harbours the betaine lipid diacylglyceroltrimethyl-
homoserine (DGTS) that is believed to functionally 
replace PC in cytosolic membranes (Moellering et 
al., 2010a). Furthermore, Chlamydomonas contains 
the unusual fatty acid 16:4∆4,7,10,13, which is present 
only in the sn2 position of MGDG. The ∆4 double 
bond is introduced by a ∆4 desaturase specific for 
16:3∆7,10,13 bound to MGDG (Zäuner et al., 2012). 
The introduction of this double bond has a regula-
tory role for the synthesis and content of MGDG.

Lipid transfer from the inner envelope to 
the thylakoids
The inner and outer envelopes of chloroplasts are 
the sites of galactolipid biosynthesis. In contrast to 
the outer envelope, which contains PC and only low 
amounts of MGDG, the lipid compositions of the 
inner envelope and the thylakoid membranes are 
highly similar (Block et al., 1983). For this reason, 
it is likely that thylakoids are derived from the inner 
envelope. Three hypotheses were discussed for lipid 
transport from the inner envelope to the thylakoids 
(Hurlock et al., 2014). The first hypothesis implies 
that the inner envelope forms stromal invagina-
tions followed by fusions of these invaginations 
leading to the establishment of thylakoid lamellae, 
which finally are separated from the inner envelope. 
This pathway is assumed to be active during the 
early stages in chloroplast development. Secondly, 
stromal vesicles were suggested to be involved in 
thylakoid establishment. Vesicles can bud off the 
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inner envelope and fuse with thylakoids, possibly 
by involvement of VIPP1 (vesicle-inducing pro-
tein in plastids 1) (Kroll et al., 2001). Thirdly, the 
existence of a soluble lipid transport system was 
discussed, but all these hypotheses need further 
verification (Hurlock et al., 2014).

Lipid transport from the ER to the 
chloroplast: the TGD transport complex
Because chloroplasts lack the capacity for PC 
biosynthesis, which exclusively occurs at the ER, 
a transport mechanism must exist for the transfer 
of PC or a related glycerolipid from the ER to 
the chloroplast outer membrane that contains a 
considerable amount of PC (Block et al., 1983). 
Additional evidence for lipid transport from the 
ER to the chloroplast stems from the fact that 
chloroplasts utilize eukaryotic DAG backbones for 
galactolipid biosynthesis (see above). Lipid transfer 
from the ER to the chloroplast might be facilitated 
by membrane contact sites (Andersson et al., 2007) 
(see above), lipid transport proteins or diffusion of 
individual lipid molecules. Radioactive labelling 
experiments suggested that lyso-PC might be the 
ER-derived precursor for the synthesis of eukary-
otic chloroplast lipids (Mongrand et al., 2000). 
Lyso-PC is water-soluble and thus might diffuse 
from the ER to the chloroplast. This hypothesis was 
recently corroborated by a study on Arabidopsis lacs 
mutants deficient in long-chain acyl-CoA synthase 
activity ( Jessen et al., 2015).

The ER-derived eukaryotic lipid precursors 
need to be transferred through the outer to the 
inner envelope, where many of the enzymes for 
chloroplast lipid synthesis are localized. The tri-
galactosyldiacylglycerol protein (TGD) transport 
complex is involved in the transfer of eukaryotic 
lipid precursors from the ER to the chloroplast. 
The tgd mutant plants were originally isolated by 
screening for suppressor mutants of the DGDG-
deficient dgd1 mutant of Arabidopsis. The tgd 
mutants accumulate unusual oligogalactolipids, 
in particular trigalactosyldiacylglycerol (TGDG) 
(Fig. 1.1), the reason for this remaining enigmatic 
(Xu et al., 2003). The tgd mutants also contain 
increased amounts of PA and TAG originating 
from the eukaryotic pathway. The synthesis of ER-
derived (eukaryotic) chloroplast lipids is disrupted 
in the tgd mutants (Awai et al., 2006; Lu et al., 2007; 

Xu et al., 2005). Four TGD proteins were identified 
in Arabidopsis. TGD1, TGD2 and TGD3 form a 
multisubunit ABC transporter (ATP-binding-cas-
sette transporter) spanning the chloroplast inner 
envelope, while TGD4 is a homodimer localized 
to the outer envelope (Roston et al., 2011, 2012; 
Wang et al., 2013). TGD1 is predicted to be the 
permease component of the transport complex (Xu 
et al., 2005). The TGD2 gene encodes a PA-binding 
protein anchored to the inner envelope with an 
N-terminal membrane spanning domain and facing 
the intermembrane space with its C-terminal 
domain. TGD3 is a small ATPase localized at the 
stromal site of the inner envelope (Lu et al., 2007). 
TGD proteins are part of a large complex contain-
ing two copies of TGD1, 8–10 copies of TGD2 and 
two copies of TGD3, with a total size larger than 
500 kDa (Roston et al., 2012). The finding that 
TGD2 and TGD4 bind PA, and that PA accumu-
lates in tgd mutant plants, led to the suggestion that 
PA is the molecule transported from the ER to the 
chloroplast, but this needs further confirmation.

Galactolipids

Galactolipid synthesis
Galactolipid synthesis starts with the formation 
of MGDG by transfer of galactose from UDP-
galactose (UDP-Gal) onto DAG (Fig. 1.2) (Dubots 
et al., 2010). Angiosperms contain two types (A 
and B) of nuclear-encoded MGDG synthases, 
while gymnosperms lack type A enzymes (Awai 
et al., 2001; Yuzawa et al., 2012). MGD1 from 
Arabidopsis (type A) is characterized by a cleavable 
N-terminal chloroplast targeting sequence, which is 
removed after insertion into the inner chloroplast 
envelope. MGD1 produces the bulk of MGDG in 
green tissues and during all developmental stages. 
It is required for chloroplast development and the 
formation of the photosynthetic apparatus ( Jarvis 
et al., 2000; Kobayashi et al., 2007). MGD1 activity 
depends on the presence of PG and PA (Dubots et 
al., 2010). MGDG synthesis is also cooperatively 
regulated by light, by cytokinin and by the redox 
status. Reduction of the cysteine thiol groups 
leads to activation of MGD1. The importance of 
MGD1 for plant development was demonstrated 
by the characterization of Arabidopsis mutant lines. 
MGD1 activity is strongly decreased in the mgd1-1 
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mutant, and completely abolished in mgd1-2 
( Jarvis et al., 2000; Kobayashi et al., 2007). The 
decrease of MGDG content by 42% in mgd1-1 leads 
to leaf chlorosis and decreased photosynthetic 
activity. The development of mdg1-2 mutant seeds 
is strongly affected, because most seeds are arrested 
in the early embryo stage. Some mgd1-2 seeds 
germinate and produce albino plants incapable of 
photoautotrophic growth. MGD2 and MGD3 from 
Arabidopsis belong to the type B MGDG synthases 
containing a shorter non-canonical and non-cleav-
able transit sequence for insertion into the outer 
chloroplast envelope (Awai et al., 2001). MGD2 
and MGD3 are specialized enzymes and only 
expressed in inflorescences and roots, or at certain 
developmental stages or conditions, like phosphate 
deprivation. Deletion mutants of MGD2 and 
MGD3 do not show lipid alterations under normal 
conditions. However, the loss of type B enzymes 
(especially of MGD3) affects the lipid response 
during phosphate limitation, because mgd2 or mgd3 
mutants accumulate less DGDG (Kobayashi et al., 
2009).

DGDG is synthesized by transfer of galactose 
from UDP-Gal onto MGDG (Fig. 1.2). Arabidopsis 
contains two nuclear encoded DGDG synthases, 
DGD1 and DGD2 (Dörmann et al., 1999; Kelly 
and Dörmann, 2002; Kelly et al., 2003). DGD1 
exhibits the main activity and is responsible for the 
bulk synthesis of DGDG. The N-terminal sequence 
of DGD1 contains the information for targeting to 
the chloroplast outer envelope, but is not processed 
or cleaved. The C-terminal part harbours the gly-
cosyltransferase domain with the DGDG synthase 
activity. The mutation of DGD1 in the dgd1 mutant 
leads to a 90% reduction of DGDG accompanied 
by stunted growth and impaired photosynthetic 
activity. The remaining amount of DGDG in dgd1 is 
synthesized by DGD2. DGD2 differs from DGD1 
by the presence of a short N-terminal cleavable chlo-
roplast transit peptide (Kelly et al., 2003) targeting 
the protein to the outer envelope. The deletion of 
DGD2 in the dgd2 mutant has no consequences 
for growth, lipid composition and photosynthesis 
under normal conditions (Kelly et al., 2003). Under 
phosphate deprivation, when DGD2 expression is 
increased in the wild type, dgd2 plants accumulate 
less DGDG. The complete loss of DGDG in the 
double mutant dgd1 dgd2 leads to a very strong 

reduction in growth and photosynthetic activity 
(Kelly et al., 2003).

Independent from the DGD1 and DGD2 
pathways, a third DGDG-producing activity was 
observed, designated galactolipid:galactolipid 
galactosyltransferase and localized to the outer chlo-
roplast envelope (Fig. 1.2) (Heemskerk et al., 1988). 
This enzyme belongs to the glycosylhydrolase 
family producing galactolipids with two (DGDG) 
three (TGDG) or more galactoses (oligogalac-
tolipids) in a processive manner, independent of 
UDP-Gal. The reaction starts with MGDG as the 
primary acceptor and another MGDG molecule 
as galactose donor (Moellering et al., 2010b). The 
sugars are linked in β-anomeric configuration and 
therefore different from the configuration of the 
terminal galactose in DGDG introduced by DGD1 
or DGD2 (Xu et al., 2003) (Fig. 1.1). Interestingly, 
the galactolipid:galactolipid galactosyltransferase 
is encoded by the gene SFR2 (sensitive to freezing 
2) and is activated in the cold, conferring freezing 
tolerance to Arabidopsis (Moellering et al., 2010b; 
Thorlby et al., 2004). SFR2 does not contribute to 
galactolipid biosynthesis under normal conditions. 
The removal of a certain proportion of MGDG 
from the membranes and the formation of oligoga-
lactolipids and TAG under freezing conditions is 
thought to prevent membrane damage and aggrega-
tion (Moellering and Benning, 2011).

After wounding of leaves, a further galac-
tolipid accumulates which carries a third fatty 
acid esterified to the C-6 carbon of galactose in 
MGDG (6-acyl-MGDG) (Heinz, 1967; Vu et al., 
2014). The additional acyl group of 6-acyl-MGDG 
is derived from another MGDG molecule by a 
disproportioning reaction. However, the identity 
of the responsible acyltransferase and the role of 
6-acyl-MGDG remain enigmatic.

Galactolipid functions in photosynthesis
The two galactolipids MGDG and DGDG provide 
building blocks for thylakoid assembly and estab-
lish the matrix for embedding the photosynthetic 
complexes. MGDG and DGDG are involved in the 
maintenance of membrane fluidity of the thylakoid 
bilayers. Photosynthetic membranes are densely 
packed with proteins that constitute about 70% of 
the membrane. The remainder of 30% is established 
by lipids, which form a shell around the proteins 
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thereby separating them and allowing lateral dif-
fusion of proteins (Kirchhoff et al., 2002; Páli et 
al., 2003). The characteristic properties of the 
bilayer are also determined by the physicochemi-
cal characteristics of the individual lipids. MGDG 
with its small head group is a non-bilayer forming 
lipid, which forms so-called reverse micelles or 
HexII structures in aqueous environments, whereas 
DGDG is bilayer forming (Webb and Green, 1991). 
A certain ratio of non-bilayer to bilayer forming 
lipids is crucial for the functional integrity of the 
membrane (Israelachvili et al., 1980). In addition, 
DGDG is important for membrane stacking of thy-
lakoid grana, by forming hydrogen bonds between 
polar head groups of adjacent bilayers (Demé et al., 
2014). Besides of bulk lipid bilayer functions, chlo-
roplast lipids have specific functions with regard to 
the interactions with photosynthetic protein com-
plexes (Boudiére et al., 2014; Dörmann and Hölzl, 
2009). For example, X-ray analysis of crystallized 
PSI and PSII complexes from plants and cyanobac-
teria revealed the occurrence of all four chloroplast 
lipids at specific binding sites as possible co-factors 
(Fyfe et al., 2005). MGDG and SQDG were also 
found in the crystal structures of cytochrome b6 f 
complexes from plants and Chlamydomonas, and 
are possibly involved in maintaining the dimeric 
structure (Boudiére et al., 2014). Chloroplast lipids 
(PG, DGDG) further contribute to the assembly 
and stabilization of LHCII, and might play a role 
in non-photochemical quenching of excess light, 
with DGDG mediating the dissipation of excitation 
energy between two neighbouring LHCII dimers 
(Boudiére et al., 2014; Dörmann and Hölzl, 2009). 
The specific function of DGDG in photosynthesis 
as well as its bulk lipid bilayer function were also 
demonstrated in vivo by expression of the gluco-
sylgalactosyldiacylglycerol (GlcGalDG) synthase 
from Chloroflexus in the DGDG-free Arabidopsis 
dgd1 dgd2 mutant (Hölzl et al., 2009). The accu-
mulation of GlcGalDG complemented the severe 
growth retardation of dgd1 dgd2, but the defect in 
photosynthesis especially under high light condi-
tions was only partially complemented. Therefore, 
a major proportion of DGDG serves as bulk bilayer 
lipid, but the unique DGDG head group is specifi-
cally involved in interactions with photosynthetic 
protein complexes, a role that cannot be conveyed 
by GlcGalDG. Galactolipid accumulation is 

strictly regulated and coordinated with the syn-
thesis of chlorophyll and photosynthetic proteins 
(Kobayashi et al., 2013). Defects in galactolipid 
metabolism lead to the down-regulation of chlo-
rophyll synthesis, while impaired accumulation of 
chlorophyll leads to reduced MGD1 and DGD1 
expression.

The role of galactolipids during 
phosphate deprivation
Natural habitats are often characterized by low avail-
ability of phosphate, which is a limiting factor for 
growth. Plants, algae and some bacteria are able to 
replace a certain proportion of their phospholipids 
with glycolipids to reduce their phosphate require-
ment and therefore to save phosphate for other 
essential processes. The most important surrogate 
lipid for phospholipids in plants is DGDG, which 
accumulates in the membranes, accompanied by the 
reduction of the amounts of phospholipids (Härtel 
et al., 2000). Angiosperms have evolved an extra 
pathway for the synthesis of additional amounts of 
DGDG, which is activated under phosphate depri-
vation. This pathway involves MGD2/MGD3 and 
DGD2 and results in the accumulation of DGDG 
in extraplastidial membranes (plasma membrane, 
tonoplast, mitochondrial membranes) (Andersson 
et al., 2005; Awai et al., 2001; Härtel et al., 2000; 
Jouhet et al., 2004; Kelly and Dörmann, 2002). In 
parallel, the activity of the MGD1/DGD1 pathway 
is also up-regulated resulting in DGDG accumula-
tion in thylakoids (Kelly et al., 2003). MGDG 
does not accumulate during phosphate starvation, 
because the additional amount of MGDG is con-
sumed for DGDG synthesis. The additional DGDG 
formed by DGD1 and DGD2 is derived from the 
eukaryotic pathway with 18:3/18:3 and 16:0/18:3 
as characteristic species, respectively (Härtel et al., 
2000).

During phosphate deprivation, DGDG accu-
mulates in extraplastidial membranes, but the 
mechanism of transport is unknown. It obviously 
discriminates between DGDG on one hand, and 
MGDG and SQDG on the other hand, which 
are not exported. However, the bacterial gly-
colipid GlcGalDG, produced by expression of the 
GlcGalDG synthase from Chloroflexus in Arabidop-
sis, was detected in extraplastidial membranes after 
phosphate deprivation, demonstrating that the 
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components involved in DGDG export do not dis-
criminate between DGDG and GlcGalDG (Hölzl 
et al., 2009).

Galactolipids and adaptation to high 
and low temperatures
Chloroplast lipids play a role in temperature 
adaptation by changing their degree of fatty acid 
desaturation or by adjusting the flux through the 
prokaryotic and eukaryotic pathways of glyc-
erolipid synthesis. Adaptation to low temperatures 
can be achieved by increasing the desaturation 
degree of acyl groups in galactolipids (Wallis and 
Browse, 2002). Arabidopsis mutants with defects 
in fatty acid desaturation show different growth 
defects at low temperatures ranging from leaf 
chlorosis to plant death (Wallis and Browse, 2002). 
An interesting adaptation mechanism to different 
temperatures includes the alteration of flux through 
the eukaryotic and prokaryotic pathways (Li et al., 
2015b; Pearcy, 1978). Arabidopsis responds to low 
temperature by up-regulation of the prokaryotic 
pathway, primarily for MGDG synthesis, while the 
eukaryotic pathway is up-regulated under high tem-
peratures. A similar and stronger effect was observed 
in the 16:3 plant Atriplex lentiformis, because the 
prokaryotic pathway is fully suppressed under 
high temperatures, leading to a change in the lipid 
profile from a 16:3 to a 18:3 plant. Arabidopsis and 
Atriplex increase the proportion of the non-bilayer 
lipid MGDG accompanied with the increase in the 
amounts of 16:3, to adjust to low temperatures. The 
eukaryotic pathway is activated for the production 
of more phospholipids and DGDG (16:0/C18 or 
C18/C18) with lower desaturation degree, leading 
to bilayer stabilizing effects at high temperatures.

In addition, DGDG is involved in establishing 
thermotolerance of Arabidopsis, as the DGDG to 
MGDG ratio increases at elevated temperatures. 
Consequently, mutations in the DGD1 gene result 
in thermosensitivity of dgd1 mutant alleles (Chen 
et al., 2006). Furthermore, low temperatures affect 
growth and photosynthesis of WT plants, while the 
dgd1 mutant plants grow similarly as compared to 
normal temperatures. Therefore, the strong differ-
ence in growth between WT and dgd1 observed 
at normal temperature becomes less pronounced 
at lower temperatures (Hendrickson et al., 2006). 
Therefore, reduced amounts of DGDG as found 

in dgd1 have less severe consequences on photo-
synthesis and growth in the cold as compared to 
normal temperatures.

Sulfolipid and 
glucuronosyldiacylglycerol

Biosynthesis of sulfolipid and 
glucuronosyldiacylglycerol
SQDG is an anionic glycolipid in the thylakoid 
membranes. The pathway for SQDG synthesis 
includes three enzymes, UDP-glucose (UDP-Glc) 
pyrophosphorylase (UGP3), UDP-sulfoquinovose 
(UDP-Sqv) synthase (SQD1) and sulfoquinovosyl 
transferase (SQD2) (Fig. 1.2). The first step is the 
synthesis of UDP-Glc from glucose-1-phosphate 
and UTP by UGP3 (Okazaki et al., 2009). Subse-
quently, UDP-Glc and sulfite are converted into 
UDP-Sqv by SQD1 (Essigmann et al., 1998). 
Finally, SQD2 transfers sulfoquinovose from UDP-
Sqv onto DAG (Yu et al., 2002). All three enzymes 
are nuclear encoded with N-terminal transit 
peptides for chloroplast import. After processing, 
UGP3 and SQD1 are localized as soluble proteins 
to the stroma, while SQD2 is inserted into the 
inner envelope facing the stroma side (Essigmann 
et al., 1998). Expression of all three enzymes is up-
regulated during phosphate deprivation to increase 
the amount of SQDG (Essigmann et al., 1998; 
Okazaki et al., 2009). SQD2 harbours a second 
function, because it is involved in the synthesis of 
the anionic glycolipid glucuronosyldiacylglycerol 
(GlcADG) (Fig. 1.1), which accumulates in differ-
ent plants under phosphate deprivation (Okazaki et 
al., 2015; Okazaki et al., 2013b). GlcADG contains 
a glucuronic acid moiety bound in α-anomeric link-
age to diacylglycerol (Fig. 1.1). The sugar donor for 
GlcADG presumably is UDP-glucuronic acid and 
is synthesized by an unknown UDP-Glc dehydro-
genase (Fig. 1.2). The deletion of UGP3, SQD1 
and SQD2 in the Arabidopsis mutants ugp3, sqd1 
and sqd2 respectively leads to the complete loss of 
SQDG but has no strong consequences for growth 
or photosynthesis under normal conditions, 
because the loss of SQDG is complemented by PG 
(Okazaki et al., 2009, 2013b; Yu et al., 2002) (see 
below).

In Chlamydomonas, the pathway for SQDG syn-
thesis is similar to plants, because Chlamydomonas 
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harbours SQD1 and SQD2 orthologues with high 
sequence similarity (Riekhof et al., 2003, 2005). 
SQD1 and SQD2 are also nuclear encoded, and 
SQD1 contains an N-terminal transit peptide for 
transport to the chloroplast (Riekhof et al., 2003; 
Sato et al., 2003). Chlamydomonas also contains a 
gene orthologous to UGP3 which was designated 
LPB1 (Chang et al., 2005; Sato et al., 2013).

Under sulfur-limiting condition, SQDG is 
degraded in Chlamydomonas, providing a source of 
sulfur for protein synthesis (Sugimoto et al., 2010). 
However, in Arabidopsis SQDG is not involved 
in the metabolic response to sulfur deprivation. 
Chlamydomonas contains a further unusual sulfo-
lipid with a fatty acid linked to the C6 carbon of 
the SQDG head group. The function of this acyl-
SQDG is unknown, and the enzyme catalysing 
the acylation reaction and the acyl donor have not 
been identified (Riekhof et al., 2005). There are 
no reports on the presence of GlcADG in Chla-
mydomonas.

Phosphatidylglycerol

Biosynthesis of phosphatidylglycerol
In plants, PG is synthesized in different organelles 
including chloroplasts, the ER and mitochondria 
(Andrews and Mudd, 1985; Griebau and Frentzen, 
1994; Tanoue et al., 2014). PA is the precursor 
for PG biosynthesis in the chloroplasts. Cytidine 
diphosphate diacylglycerol synthase (CDP-DAG 
synthase, CDS) catalyses the condensation of 
PA and CTP accompanied with the elimination 
of diphosphate, giving rise to CDP-DAG (Fig. 
1.2). Plastidial CDS activity localizes to the inner 
envelope (Andrews and Mudd, 1985). Arabidopsis 
contains two closely related plastidial CDS iso-
forms, CDS4 and CDS5. The double mutant cds4 
cds5 shows a strongly decreased PG content accom-
panied with the deficiency in thylakoid membrane 
biogenesis, and loss of photoautotrophic growth 
(Haselier et al., 2010). PG in cds4 cds5 is devoid of 
16:1Δ3trans. Instead, C18 fatty acids were detected at 
the sn2 position of PG. On the other hand, C16 acyl 
groups accumulated in the sn2 position of MGDG 
and DGDG, indicating that prokaryotic DAG was 
channelled into MGDG and DGDG synthesis in 
cds4 cds5 (Zhou et al., 2013).

CDP-DAG is employed for PG biosynthesis via 

phosphatidylglycerol phosphate (PGP) synthase 
(PGPS) and phosphatidylglycerol phosphate phos-
phatase (PGPP). In Arabidopsis, PGP synthase 
is encoded by two closely related genes, PGP1 
and PGP2. The two plant enzymes share high 
sequence similarity with bacterial PGP synthases, 
rather than with yeast and mammalian enzymes. 
Furthermore, enzymatic characteristics of the 
plant PGP synthases are similar with those of the 
bacterial enzymes. Transient expression in tobacco 
protoplasts showed that PGP2 is located to the ER, 
while PGP1 is produced as a preprotein targeted to 
both chloroplasts and mitochondria (Babiychuk et 
al., 2003; Tanoue et al., 2014). Analysis of different 
Arabidopsis pgp1 mutant alleles showed that PGP1 
is indispensable for plastidial PG biosynthesis. The 
pgp1-1 mutant carrying a point mutation in the 
conserved CDP-alcohol phosphotransferase motif 
shows 80% reduction in plastidial PGP synthase 
activity and a 30% reduction of total PG (Xu et 
al., 2002). In other pgp1 mutant alleles carrying 
T-DNA insertions, the PG content is decreased 
to 12% of WT levels (Hagio et al., 2002) with the 
remainder of PG originating from PGP2 at the ER.

The final step for PG biosynthesis is the dephos-
phorylation of PGP. A putative PGP phosphatase 
was identified in cyanobacteria. The corresponding 
pgpB mutant showed a reduction of PG content 
and decreased photoautotrophic growth (Wu et al., 
2006). PGP phosphatase activity was observed in 
chloroplast of plants, but the corresponding gene is 
still missing.

The role of PG in photosynthesis
Trans-Δ3-hexadecenoic acid (16:1Δ3trans) is a spe-
cific fatty acid accumulating only at the sn2 position 
of PG of light-grown plants. The biosynthesis of this 
16:1Δ3trans containing PG is modulated by tempera-
ture and light as shown for winter rye (Secale cereale 
L.) (Grey et al., 2005). The Arabidopsis mutant fad4 
(fatty acid desaturase 4) is deficient in 16:1Δ3trans 
PG (Browse et al., 1985). The corresponding FAD4 
gene encodes a desaturase introducing the trans Δ3 
double bond into 16:0 at the sn2 position of PG 
(Gao et al., 2009). 16:1Δ3trans PG was previously 
considered to play a specific role in photosynthesis. 
However, absence of 16:1Δ3trans in PG in the fad4 
mutant had only minor consequences for growth 
and photosynthesis (Browse et al., 1985).
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In plants, PG is the only phospholipid in thy-
lakoids and in the inner envelope of chloroplasts 
while the outer envelope contains two phospho-
lipids, PG and PC. Previously the role of PG was 
studied after phospholipase digestion of PG in 
isolated chloroplasts. Approximately 75% of PG 
and 60% of PC in pea chloroplasts were hydrolysed 
after phospholipase A2 treatment. As a result, PSII 
electron transport was inhibited, while PSI activity 
was not affected (Chen et al., 2006). Similar results 
were obtained when isolated pea thylakoids were 
incubated with phospholipase C because the elimi-
nation of 40–50% of phospholipids (PC and PG) 
resulted in a decrease of photosynthetic electron 
transport, due to the inactivation of PSII reaction 
centres (Droppa et al., 1995). Since PC is mainly 
distributed to the outer envelope, the effects on 
PSII must be derived from the reduction in PG 
content in the thylakoids. The content of PG in PSII 
dimers is 4-times of that in monomers (Kruse et al., 
2000). After removing most of PG by phospholi-
pase A2 treatment, the PSII core dimers dissociate 
into monomers. In vitro assays also showed that 
16:1Δ3trans PG, but not other lipids, induced dimeri-
zation of isolated PSII monomers. Therefore, PG is 
essential for maintaining the stability of PSII core 
dimers, which are the functional form in thylakoids 
(Kruse et al., 2000).

Analysis of PG-deficient mutants was employed 
to evaluate the role of PG in photosynthesis. 
Different Arabidopsis pgp1 mutant alleles show dis-
ruptions of the structure of thylakoid membranes, 
and the development of chloroplasts is severely 
affected. Moreover, the photosynthetic activity of 
chloroplasts is defective, resulting in the loss of the 
ability of photoautotrophic growth (Babiychuk et 
al., 2003; Hagio et al., 2002; Xu et al., 2002).

PG serves as the precursor for the biosynthesis 
of cardiolipin, which exclusively occurs in inner 
membranes of mitochondria. As PGP1 is dually 
targeted to both chloroplasts and mitochondria, the 
lack of PGP1 activity in pgp1 could affect chloro-
plast and mitochondrial functions. Indeed, most of 
mitochondrial PGP synthase activity is lost in the 
pgp1 mutant, but the amount of cardiolipin is not 
affected (Babiychuk et al., 2003).

Analysis of pgp1 pgp2 double mutants in which 
PG biosynthesis is totally abolished indicates 
that PG biosynthesis is essential for embryo 

development and for the establishment of mem-
branes in chloroplasts and mitochondria (Tanoue 
et al., 2014). Further in vivo analyses showed that 
the PG content is related to the degree of LCHII 
oligomerization. The LHCII oligomer to mono-
mer ratio in thylakoids of rye cultivars is highest 
when 16:1Δ3trans content in PG is maximal (Grey 
et al., 2005). Mutants of Chlamydomonas devoid 
of 16:1Δ3trans PG are almost incapable to form tri-
meric LHCII complexes or to develop thylakoid 
appressions. In different Chlamydomonas mutants, 
the amount of 16:1Δ3trans PG is correlated with the 
increase in PSII activity, the increase in LHCII 
trimerization and stacking of photosynthetic mem-
branes (El Maanni et al., 1998).

Mutual replacement of anionic 
glycerolipids in chloroplasts
In contrast to normal growth conditions, SQDG 
is not dispensable for growth under phosphate 
deprivation, because the sulfolipid deficient Arabi-
dopsis sqd2 mutant shows reduced growth with 
increased levels of PG, in contrast to WT, where 
SQDG increases accompanied with a decrease in 
PG (Yu et al., 2002). A more severe phenotype is 
observed for the double mutant sqd2 pgp1-1 (Xu 
et al., 2002; Yu and Benning, 2003). Leaves of sqd2 
pgp-1 plants lack SQDG and contain only 70% PG, 
with negative effects on growth and photosynthesis 
even under phosphate replete conditions. The syn-
thetic electron transfer through PSII is affected, and 
thus sqd2 pgp1-1 plants are incapable of photoauto-
trophic growth (Yu and Benning, 2003). Therefore, 
a certain level of anionic lipids (PG, SQDG) in 
the chloroplasts is required for optimal growth 
and photosynthesis (Frentzen, 2004). SQDG can 
be substituted by PG, as both SQDG and PG are 
anionic lipids, providing a negatively charged head 
group at the lipid–water interface, important for 
the assembly and function of the photosynthetic 
apparatus. This reciprocal relationship between 
PG and SQDG is also observed in Chlamydomonas 
(Riekhof et al., 2003). SQDG is the main surrogate 
for phospholipids in Chlamydomonas (Riekhof et 
al., 2003; Sato et al., 2000).

During phosphate deprivation, the synthesis of 
SQDG is increased, to replace a certain propor-
tion of PG in the chloroplast (Essigmann et al., 
1998; Frentzen, 2004; Riekhof et al., 2003; Yu et 
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al., 2002). Furthermore, GlcADG is newly formed 
during phosphate deprivation (Okazaki et al., 2015; 
Okazaki et al., 2013b). Interestingly, growth of sqd2 
is more affected than that of sqd1 or ugp3 under 
phosphate deprivation. This difference is attributed 
to the additional loss of GlcADG in sqd2, which is 
still present in sqd1 and ugp3. Therefore, GlcADG 
fulfils an important function under phosphate dep-
rivation (Okazaki et al., 2013b).

Degradation of phospholipids under 
phosphate deprivation
Under phosphate deprivation, phospholipids are 
degraded to release phosphate for other essential 
processes, and phospholipids are replaced by non-
phosphorous lipids. Two pathways for phospholipid 
degradation were described for plants: (i) two-step 
degradation by phospholipase D (PLD) and phos-
phatidic acid phosphatase (PAP); (ii) one-step 
degradation by phospholipase C (PLC). In vitro 
assays with isolated chloroplasts and radiolabelled 
PC demonstrated that cytosolic PLD activity is 
required for PC degradation for MGDG synthesis 
(Andersson et al., 2004). Six types of PLD enzymes 
were described in Arabidopsis based on sequences 
similarities, requirements of calcium and substrate 
specificities (Wang, 2005). PLDζ1 selectively 
hydrolyses PC, while PLDζ2 is involved in PC 
and PE degradation (Cruz-Ramírez et al., 2006). 
PLDζ1 and PLDζ2 expression is induced, and the 
reduced capacity of phospholipid hydrolysis in the 
pldζ2 mutant affects the capability to accumulate 
galactolipids under phosphate limiting conditions 
(Cruz-Ramírez et al., 2006; Li et al., 2006).

PAP catalyses PA dephosphorylation, releasing 
DAG for glycerolipid biosynthesis and signal trans-
duction. Two PAP enzymes exist in plants. PAP1 is 
a soluble and Mg2+-dependent phosphatase, while 
PAP2 is membrane-bound and Mg2+-independent 
(Carman and Han, 2006). Furthermore, lipid 
phosphate phosphatases (LPP) and PA hydrolases 
(PAH) are involved in dephosphorylation of PA. 
LPP exhibits DAG-pyrophosphate phosphatase and 
PA phosphatase activities. Four membrane-bound 
LPPs (LPP1 to LPP4) with sequence similarities 
to mammalian enzymes and five homologues of 
cyanobacterial LPPs were identified in Arabidopsis. 
All three plastidial LPP isoforms (LPPγ, LPPε1, 
LPPε2) show PAP activities. Disruption of LPPγ 

is lethal, while lppε1 lppε2 double mutant plants 
show no changes in lipid composition or growth 
(Nakamura et al., 2007). Arabidopsis contains two 
ER-localized PAHs. PAH1 and PAH2 act redun-
dantly to repress of phospholipid synthesis at the 
ER. Loss of PAH activity in the pah1 pah2 double 
mutant leads to a 2-fold increase in phospholipid 
contents in leaves (Eastmond et al., 2010). Further-
more, PAH1 and PAH2 are key enzymes of lipid 
remodelling during phosphate deprivation (Naka-
mura et al., 2009).

Hydrolysis of phospholipids by PLC provides 
an alternative route for phospholipid degradation 
under phosphate limiting condition. Six putative 
PC-PLCs (non-specific phospholipase C, NPC1 
to NPC6) were identified in Arabidopsis, based on 
amino acid sequence similarity to bacterial PC-
PLCs (Nakamura et al., 2005). NPC4 and NPC5 
are up-regulated by phosphate starvation. NPC4 is 
enriched in the plasma membrane, and disruption 
of NPC4 in the npc4 mutant severely compromises 
the increase in PC-PLC activity during phosphate 
limitation (Nakamura et al., 2005). In contrast, 
NPC5 is a soluble cytosol-localized enzyme. The 
accumulation of DGDG under phosphate limita-
tion is reduced in the npc5 mutant, indicating that 
NPC5 is involved in the lipid response under -P 
conditions (Gaude et al., 2008).

Analysis of chloroplast glycerolipids
Because of their high abundance (chloroplast 
lipids make up about 80% of lipids in a green leaf), 
chloroplast lipids can be directly isolated from 
whole leaves with chloroform/methanol, instead 
from isolated chloroplasts. Separation by thin-
layer chromatography (TLC) provides the means 
to obtain an overview over the distribution and 
relative amounts of the chloroplast lipids. Solvent 
systems have been optimized for the separation 
of polar lipids (phospholipids, galactolipids; e.g. 
acetone/toluene/water, 91:30:8, v/v/v) or neutral 
lipids (e.g. fatty acids, TAG, DAG, carotenoids, 
fatty acid phytyl esters, tocopherol; e.g. hexane/
diethylether/acetic acid, 85:15:1, v/v/v). With 
the exception of chlorophyll and carotenoids, 
lipids need to be stained on TLC plates for visu-
alization. α-Naphthol specifically stains glycolipids 
while iodine vapour can be used to stain all lipids, 
with high affinity for unsaturated and aromatic 
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compounds. Furthermore, lipids can be stained 
with sulfuric acid/heating. Lipids separated by 
TLC can be purified from the silica for subsequent 
analysis by gas chromatography (GC), NMR or 
mass spectrometry (MS).

More detailed information on the glycerolipid 
composition can be obtained by fatty acid analy-
sis using GC. Both total lipid extracts and lipids 
purified by TLC can be employed for fatty acids 
analysis. Fatty acids bound to glycerol are converted 
into their methyl esters by acidic transmethylation 
(Browse et al., 1986). In many cases, GC coupled to 
a flame ionization detector provides a good linear 
signal response over a large range of concentrations. 
Fatty acid analysis by GC can reveal valuable infor-
mation on changes in chloroplast metabolism. For 
example, 16:3 is only found in prokaryotic MGDG, 
while 16:0 is mostly found in ER-derived glycerolip-
ids. In addition, the content of prokaryotic PG can 
be estimated by the abundance of 16:1Δ3trans. More 
structural information on fatty acids, e.g. concern-
ing the existence of methyl branches, hydroxylation 
or positions of double bonds, for example in algal 
lipids, can be obtained by GC coupled to mass 
spectrometry (GC-MS). Here, fatty acid methyl 
esters are separated by GC and are ionized and 
fragmented by electron impact ionization and the 
masses separated in a quadrupole or time-of-flight 
analyser.

Methods for tandem mass spectrometry (MS/
MS) of plant glycerolipids were developed in the 
last 15 years, including liquid chromatography (LC) 
for lipid separation, or direct infusion of the sample 
without prior separation (Okazaki et al., 2013a; 
Welti et al., 2002). Using MS/MS-based systems, 
membrane glycerolipids (e.g. MGDG, DGDG, PC, 
etc.) can be measured in total lipid extracts without 
prior purification. In contrast to fatty acid analysis 
by GC, intact lipid molecules rather than their acyl 
groups are directly measured by mass spectrometry, 
greatly advancing our understanding of glycerolipid 
structure, biosynthesis and function. This method 
provides detailed information on the intact mol-
ecule (molecular ion) and on its characteristic 
fragments after collision-induced dissociation. 
Using MS/MS detection for chloroplast glycerolip-
ids, information on absolute amounts of MGDG, 
DGDG, SQDG, PG and PC and their molecular 
species composition can be obtained.

Isoprenoid lipids in chloroplasts

Tocochromanols (vitamin E) and 
plastoquinol
The group of tocochromanols encompasses the four 
forms of tocopherols and tocotrienols, depicted as 
α, β, γ and δ, depending on the number and posi-
tion of methyl groups on the chromanol ring, and 
plastochromanol-8 (PC-8) which is derived from 
plastochinol-9 (PQ-9) (Fig. 1.3). Tocopherol bio-
synthesis is localized to the plastidial envelopes and 
to plastoglobules, while tocopherols are stored in the 
thylakoids and plastoglobules (Soll et al., 1985; Vidi 
et al., 2006). The biosynthesis of tocochromanols 
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(vitamin E) and plastoquinol depends on precur-
sors derived from the shikimate pathway (Fig. 
1.4A). Tyrosine is converted into p-hydroxypyru-
vate by tyrosine aminotransferase (Riewe et al., 
2012). Alternatively, p-hydroxyphenylpyruvate 
can be directly produced from prephenate (de la 
Torre et al., 2014). Homogentisate is synthesized 
from p-hydroxyphenylpyruvate by p-hydroxy-
phenylpyruvate dioxygenase (HPPD) (Norris et 
al., 1995). In the next step, one of three different 
prenyl-moieties (phytyl, geranylgeranyl, solanesyl) 
can be transferred to homogentisate. For tocoph-
erol and tocotrienol synthesis, homogentisate is 
prenylated by homogentisate phytyltransferase 
(HPT, VTE2) or homogentisate geranylgeranyl-
transferase (HGGT), using phytyl-diphosphate or 
geranylgeranyl-diphosphate as substrates, respec-
tively (Cahoon et al., 2003; Savidge et al., 2002). 
Prenylation of homogentisate by HPT or HGGT 
produces 2-methyl-6-phytyl-benzoquinol or 
2-methyl-6-geranylgeranyl-benzoquinol. The 
methyltransferase VTE3 transfers an additional 
methyl group to the chromanol ring to synthesize 
2,3-dimethyl-6-phytyl-benzoquinol or 2,3-dime-
thyl-6-geranylgeranyl-benzoquinol. Finally, 
tocopherol cyclase VTE1 forms the second ring of 
the chromanol headgroup (Porfirova et al., 2002), 
and a further methyl group can be attached to the 
chromanol ring by VTE4. For the synthesis of PQ-9, 
homogentisate is condensed with solanesyl-PP, a 
C45 isoprenoid, producing 2-methyl-6-solanesyl-
1,4-benzoquinol (Sadre et al., 2006). Methylation 
by VTE3 results in the synthesis of PQ-9, the 
essential electron carrier in PSII. Finally, cycliza-
tion of PQ-9 by VTE1 results in plastochromanol-8 
(PC-8) synthesis (Mène-Saffrané and DellaPenna, 
2010; Zbierzak et al., 2010). PC-8 represents an 
alternative antioxidant with overlapping functions 
with the tocopherols.

Different functions were assigned to tocophe-
rols in seeds and leaves. Tocopherols protect the 
photosynthetic apparatus against oxidative stress 
under high light conditions (Havaux et al., 2005). 
Reactive oxygen species (ROS) can attack polyun-
saturated fatty acids in membrane lipids and TAG. 
The presence of tocopherol is required to protect 
fatty acids against lipid peroxidation in seed stor-
age lipids and to establish seed longevity (Sattler 
et al., 2004). For deactivation of ROS, a hydrogen 
atom is transferred from the chromanol ring to 

free radicals (e.g. peroxyl radicals), thereby form-
ing a tocopheroxyl radical. Subsequent reduction 
generates α-tocopheroylquinol (Kobayashi and 
DellaPenna, 2008). After dehydration of the side 
chain, α-tocopherol is regenerated by ring closure 
catalysed by VTE1 (Fig. 1.4A).

Tocopherols play an important role in regulating 
photoassimilate export from leaf cells independ-
ent from its antioxidant activity. Arabidopsis vte2 
mutant plants show strongly reduced growth, accu-
mulation of callose at plasmodesmata, and sugar 
accumulation in leaf cells when grown at low 
temperature (Maeda et al., 2006). Interestingly, this 
low-temperature phenotype was associated with a 
reduced amount of 18:3 and an increase in 18:2, 
in particular in PC. The low-temperature growth 
retardation could be suppressed by introducing 
fatty acid desaturase mutations, in particular fad2 
or fad6, into the vte2 mutant plant (Maeda et al., 
2008). In addition, this phenotype of the vte2 
mutation could also be suppressed by introducing 
tgd mutations, suggesting that lipid transfer from 
the ER to the chloroplast is involved in this process 
(Song et al., 2010). The link between tocopherol 
deficiency, desaturation, lipid transport and the low 
temperature phenotype of vte2 is not fully under-
stood.

In animals, tocopherol serves as an antioxidant 
and is required for reproduction. The potency of 
tocochromanols for human nutrition is quantita-
tively determined as ‘vitamin E activity’. Vitamin E 
activity is measured using animal test systems, for 
example rats, chicken and guinea pigs (Leth and 
Søndergaard, 1983). α-Tocopherol is the form with 
the highest vitamin E activity. One international 
unit of vitamin E activity (IU) is defined as the activ-
ity of 1 mg of synthetic all-racemic α-tocopherol 
acetate. The activity of α-tocopherol isolated from 
plants (RRR-α-tocopherol) is 1.5-fold higher than 
that of synthetic origin.

Phylloquinone (vitamin K1)
The pathway of phylloquinone synthesis has been 
established in cyanobacteria and, more recently, in 
Arabidopsis (Fig. 1.4.B). First, chorismate derived 
from the shikimate pathway is converted into 
isochorismate by isochorismate synthase (ICS1/
ICS2, orthologues of cyanobacterial MenF) in the 
chloroplast. Isochorismate is also the precursor 
for salicylate synthesis (Wildermuth et al., 2001). 
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Next, isochorismate is converted to o-succinyl 
benzoate in three steps by the Phyllo protein which 
harbours three activities according to the cyano-
bacterial MenD, MenH and MenC enzymes (Gross 
et al., 2006). O-Succinyl benzoate is converted 
into its CoA ester by acyl activating enzyme 14 
(AAE14, MenE) (Kim et al., 2008). Then the naph-
thoate ring is formed by naphthoate synthase (NS, 
MenB), and the CoA ester cleaved by a thioesterase 
(1,4-dihydroxy-2-naphthoyl-CoA thioesterase 1 
and 2 – DHNAT1, DHNAT2) (Widhalm et al., 
2012). The phytyl chain is attached by a phytyl-
transferase (ABC4, MenA) (Shimada et al., 2005), 
and finally, demethylphylloquinone is converted 
into phylloquinone by methylation (AtMenG, 
MenG). For a long time, it was assumed that all 
enzymes of phylloquinone synthesis are derived 
from the cyanobacterial progenitor and localize 
to the chloroplasts in plants. However, proteomic 
studies and localization experiments using green 
and yellow fluorescent proteins (GFP, YFP) fusions 
revealed that AAE14 (MenE), naphthoate synthase 
(NS, MenB) and the two thioesterases (DHNAT1, 
DHNAT2) show peroxisomal localization (Babu-
jee et al., 2010; Hooks et al., 2012; Widhalm et al., 
2012). Furthermore, DHNAT1 and DHNAT2 are 
of lactobacillales origin (Widhalm et al., 2012). 
This raises the question of the mechanism for inter-
organellar transport of phylloquinone precursors.

In plants, phylloquinone serves as the electron 
carrier in PSI. Therefore, lack of phylloquinone syn-
thesis has severe consequences for photosynthesis 
and plant growth, as shown for the ics1 ics2, phyllo, 
aae14 and abc4 mutants (Garcion et al., 2008; 
Gross et al., 2006; Kim et al., 2008; Shimada et al., 
2005). Phylloquinone (vitamin K1) is essential for 
the human diet, because, it is required as a co-factor 
for the γ-carboxylation of glutamate residues in 
certain proteins involved in blood coagulation and 
bone formation.

Carotenoids
Carotenoids are light-absorbing pigments in 
photosynthetic organisms, including plants, 
algae and cyanobacteria, but also in some non-
photosynthetic bacteria and fungi. Their colours 
range from yellow to red and are derived from the 
presence of conjugated double bonds. Carotenoids 
are responsible for the coloration of many petals, 
fruits and senescent leaves and can be organized 

into carotenes (hydrocarbons) and xanthophylls 
(containing oxygen). Carotenes are hardly soluble 
in water, because they are rather lipophilic. The 
oxidized xanthophylls are less hydrophobic.

Carotenoids are derived from geranylgera-
nyl-diphosphate synthesized by the plastidial 
methylerythritol-4-phosphate (MEP) pathway (Fig. 
1.4C). Two molecules of geranylgeranyl-diphos-
phate are condensed by phytoene synthase (PSY) 
to produce phytoene (C40), the common precur-
sor for all carotenoids. Lycopene is synthesized 
from phytoene via several desaturation and 
isomerization steps (phytoene desaturase, PDS; 
15-cis-ζ-carotene isomerase, Z-ISO; ζ-carotene 
desaturase, ZDS; carotenoid isomerase, CRTISO). 
Subsequently, β-carotene or α-carotene are pro-
duced by lycopene ε cyclase (LCYE) and lycopene 
β cyclase (LCYB). α-Carotene contains one 
β-ionone and one ε-ionone ring, while β-carotene 
contains two β-ionone rings. Lutein is synthesized 
from α-carotene by hydroxylation of the β-ionone 
and ε-ionone rings (β-carotene hydroxylase, CβHx; 
ε-carotene hydroxylase, CεHx). β-carotene is 
employed for the synthesis of xanthophylls. Firstly, 
the β-ionone rings are hydroxylated by β-carotene 
hydroxylase (CβHx), and then, zeaxanthin epoxi-
dase (ABA1, ZEP, NPQ2) introduces an epoxy 
group into the β-ionone rings. The products are 
antheraxanthin and violaxanthin. Finally, neoxan-
thin is produced via isomerization of violaxanthin 
by neoxanthin synthase (NSY).

Carotenoids are present in the thylakoid mem-
brane and in plastoglobules of chloroplasts and they 
are also found in chromoplasts of fruits and petals. 
Plants contain a large variety of carotenoids. The 
most abundant carotenoids are the carotenes lutein 
and β-carotene, and the xanthophylls neoxanthin 
and violaxanthin. Carotenoids, which absorb light 
at wavelengths between 400 and 500 nm, serve as 
accessory light-harvesting pigments in addition 
to chlorophyll, or are involved in dissipation of 
excess light energy. Zeaxanthin, antheraxanthin 
and violaxanthin play a specific role during non-
photochemical quenching (NPQ), because they 
participate in the xanthophyll cycle catalysed by 
zeaxanthin epoxidase (ZEP, NPQ2) and violax-
anthin de-epoxidase (VDE, NPQ1) (Niyogi et al., 
1998). In humans, β-carotene serves as provitamin 
A and is therefore an essential dietary component. 
β-Carotene is cleaved into two molecules of retinol 
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which are crucial for the visual effect in the eye and 
to prevent, amongst others, xerophthalmia and 
infections.

Xanthophylls carrying hydroxyl groups can be 
esterified to fatty acids. In senescent leaves, xantho-
phyll esters are enriched in plastoglobules (Tevini 
and Steinmüller, 1985). In tomato, two enzymes 
were identified (PYP1, PYP2) that catalyse the 
acylation of xanthophylls in petals (Li et al., 2015a). 
PYP1 and PYP2 are homologous to the phytyl ester 
synthases PES1 and PES2 from Arabidopsis (Lip-
pold et al., 2012). Xanthophyll esters were also 
identified in the unicellular microalgae Haematococ-
cus pluvialis (Chen et al., 2015).

Changes in phytyl lipid composition 
during stress
Chlorophyll is subject to continuous turnover, 
and chlorophyll degradation increases during leaf 
senescence or chlorotic stress (Csupor, 1971). 
During fruit ripening (e.g. tomato), chlorophyll is 
also degraded (Hörtensteiner and Kräutler, 2011). 
The initial step for chlorophyll degradation is the 
conversion of chlorophyll b to chlorophyll a by 
chlorophyll reductase followed by hydrolysis of 
the phytol ester bond and by removal of the mag-
nesium cation (Hörtensteiner and Kräutler, 2011). 
In chlorotic leaves, the thylakoid membranes are 
disintegrated and large plastoglobules and starch 
granules appear (Gaude et al., 2007). Plastoglob-
ules contain TAG and different isoprenoid lipids, 
including tocopherol, fatty acid phytyl esters, 
plastoquinone and plastochromanol (Tevini and 
Steinmüller, 1985; Vidi et al., 2006). The break-
down products of galactolipids and chlorophyll, 
i.e. fatty acids and phytol, are further metabolized 
to avoid their accumulation as they are detrimen-
tal to membranes (Löbbecke and Cevc, 1995). 
Therefore, phytol accumulation is prevented by 
channelling phytol into the synthesis of tocopherol 
and fatty acid phytyl esters (Ischebeck et al., 2006).

Phytol is directed towards tocopherol bio-
synthesis by conversion into phytyl-P and 
phytyl-PP. VTE5 encodes a phytol kinase involved 
in the phosphorylation of phytol to phytyl-P (Val-
entin et al., 2006). The reaction product of this 
pathway, phytyl-PP, is used for tocopherol synthe-
sis, similarly as phytyl-PP produced by reduction of 
geranylgeranyl-PP derived from the MEP pathway 
(Fig. 1.4A).

Another route for phytol metabolism is the 
esterification to fatty acids, yielding fatty acid phytyl 
esters. Fatty acid phytyl esters were first described 
in senescent leaves of Acer platanoides (Csupor, 
1971). In Arabidopsis, fatty acid phytyl esters have 
a distinct fatty acid composition, dominated by 
16:3 and medium-chain fatty acids (10:0, 12:0 and 
14:0) (Gaude et al., 2007; Lippold et al., 2012). The 
fatty acid phytyl ester synthases from Arabidopsis, 
PES1 and PES2, were recently identified (Lippold 
et al., 2012) (Fig. 1.4A).

In animals, the enzymes and intermediates 
involved in phytol degradation have been char-
acterized (Wanders et al., 2011). Animals take up 
chlorophyll via their diet. After hydrolysis, phytol 
is converted to phytenal and phytenic acid, which 
is activated to phytenoyl-CoA. Phytenoyl-CoA 
is transported to the peroxisomes and reduced to 
phytanoyl-CoA by trans-2-enoyl-CoA reductase. 
During peroxisomal α-oxidation, pristanic acid 
is produced and broken down by β-oxidation. 
Plants contain genes homologous to the animal 
genes involved in α- and β-oxidation. There-
fore, it is likely that a similar pathway for phytol 
degradation operates in plants. In line with this 
scenario, the Arabidopsis etfqo (electron-transfer 
flavoprotein:ubiquinone oxidoreductase) mutant 
accumulates phytanoyl-CoA (Ishizaki et al., 2005).

Analysis of chloroplast isoprenoid 
lipids
For prenylquinones and photosynthetic pigments, 
sample preparation and storage is critical, because 
the lipids have to be kept cold and in the dark as they 
are sensitive to photodegradation. Prenylquinones 
are measured by liquid chromatography (LC) 
and subsequent analysis by fluorescence detec-
tion (tocopherol, tocotrienol, plastochromanol, 
phylloquinone) or UV/visible light detection 
(plastoquinone) (Balz et al., 1992; Lohmann et 
al., 2006; Zbierzak et al., 2010). A comprehensive 
analysis of photosynthetic pigments (chlorophyll, 
carotenoids) can be conducted using HPLC with 
UV/visible light detection (Thayer and Björkman, 
1990).

Conclusion
Photosynthetic membranes in chloroplasts con-
tain four major glycerolipids and a complex set 
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of isoprenoid lipids. The biosynthetic pathways 
of most lipid components in chloroplasts were 
elucidated in the recent years. Comprehensive bio-
chemical studies were instrumental to understand 
the role of glycerolipids and isoprenoids as build-
ing blocks for thylakoid membrane assembly or as 
integral components of the photosynthetic protein 
complexes. The characterization of Arabidopsis 
mutants has contributed to the elucidation of the 
biosynthetic routes and of the involvement of lipid 
transport systems. Chloroplast lipids are major 
contributors to maintain the integrity of the pho-
tosynthetic membrane during stress, in particular 
during phosphate deprivation, low and high tem-
perature, and during senescence.

Future trends
Research on plant lipids has seen major progress in 
the past years, with Arabidopsis as the most impor-
tant model system. Algae are a highly diverse group 
of photosynthetic organisms, and this diversity 
is also reflected in the presence of lipid molecules 
and metabolic pathways. Therefore, algae become 
the focus of interest. Based on the endosymbiont 
theory, algae are characterized by primary or com-
plex plastids with up to four envelope membranes, 
and thus with different pathways for chloroplast 
membrane lipid synthesis (Petroutsos et al., 2014). 
The simple definition of prokaryotic and eukaryotic 
pathways for lipid synthesis cannot be applied to 
many algae. Furthermore, a major goal of current 
lipid research is the increase of oil content in crop 
plants by breeding or genetic engineering for food 
or biodiesel production. In addition to increasing 
the oil content in seeds, attempts are undertaken 
to increase TAG production in leaves of forage 
crops. Again, algae become the focus of interest 
for the biotechnological production of oil. Many 
algae, such as Chlamydomonas or Nannochloropsis, 
accumulate oil, but only under abiotic stress like 
nitrogen deprivation, which affects growth and 
photosynthesis. Therefore, current research focuses 
on the mechanisms of uncoupling oil accumulation 
and nutrient deficiency. Moreover, algae offer a rich 
source of unusual or very long polyunsaturated ω3 
fatty acids (Lang et al., 2011). ω3 Fatty acids play an 
important role in the human nutrition as ‘essential 
fatty acids’. Fish oil represents a rich source of these 
fatty acids, however, resources are threatened by 

overfishing. Therefore, investigations on the bio-
synthetic pathways in algae and the transfer of these 
pathways into crop plants for production of unusual 
(‘fish oil’) fatty acids are of high interest (Abbadi et 
al., 2004).

Additional progress on analytical instrumen-
tation, in particular the development of highly 
sensitive mass spectrometers, provides the means 
for the detection of low abundant lipids in chlo-
roplasts in minute sample amounts. In addition, 
sensitive MS/MS methods are required for lipid 
analysis in small volumes of isolated membrane 
fractions (e.g. plasma membrane, mitochondria or 
peroxisomes), as was already demonstrated in yeast 
(Schneiter et al., 1999). A similar approach can be 
used to analyse the distribution of lipid molecular 
species to different chloroplast membranes (thy-
lakoids, plastoglobules and envelopes). Organelle 
mass spectrometry provides the possibility to select 
a single organelle, e.g. a lipid droplet, by means of a 
nanomanipulator, and to subject this isolated orga-
nelle to mass spectrometry (Horn et al., 2011). This 
method could be applied for the analysis of a single 
chloroplast. Furthermore, techniques are devel-
oped to track metabolic fluxes in chloroplasts, via 
feeding with 13C-substrates and subsequent analy-
sis by mass spectrometry. Recent developments 
in mass spectrometry, e.g. via multiple rounds of 
mass spectrometry/fragmentation (MSn experi-
ments) facilitate the structural elucidation without 
the need for NMR analysis. These techniques are 
extremely useful for broadening our current view 
on chloroplast lipid metabolism, as was recently 
demonstrated by the isolation of GlcADG as a 
novel chloroplast lipid from Arabidopsis (Okazaki 
et al., 2013b).
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Abstract
In organisms performing oxygenic photosynthesis, 
the light absorbed by the photosystem II reaction 
centre is used to power the extraction of electrons 
from water, and initiate a series of oxidation-
reduction reactions that power the synthesis of 
energy-rich molecules (ATP and NAD(P)H). 
These energy-rich molecules are transported to 
other cellular compartments to power all the 
metabolic reactions required to maintain growth. 
To ensure a constant supply of energy and avoid 
deleterious reactions caused by the absorption of 
excess sunlight, photosynthetic organisms have 
evolved different mechanisms to reduce or increase 
the number of pigment-binding molecules present 
in their thylakoids. This chapter offers a current 
overview of the processes underlying assembly, 
degradation, and repair of the pigment-binding 
complexes present in higher plants, green algae 
and cyanobacteria. We focus specifically on the 
chlorophyll-binding complexes in these organisms.

Introduction
Photosynthesis provides raw materials that result 
in a constant supply of food, shelter, cloth, fibre, 
energy, etc., for the increasing human population 
( Janssen et al., 2014). However, population growth, 
at its current rate, has been predicted to result in 
future shortages of food and other plant-derived 
materials. Initiatives, such as reforestation of dis-
turbed areas or substitution of photosynthetically 
more efficient plant species, could ameliorate these 
effects, also slowing down climate change through 
enhanced CO2 fixation. Such increased photosyn-
thetic efficiency would also facilitate a transition 
from fossil to bio-fuels of plant origin, which will 

further slow climate change ( Janssen et al., 2014; 
Long et al., 2015).
Harvesting of (sun) light is the first step in the 
photosynthetic process. In the light-dependent 
photosynthetic reaction, antennae complexes 
rapidly transfer absorbed light energy to the reac-
tion centres of photosystems I (PSI) and II (PSII), 
where it is used for charge separation, initiating 
the transport of electrons across a specialized 
membrane system – the thylakoids. Four major 
photosynthetic complexes can be found in the 
thylakoid membrane: PSI, PSII, cytochrome b6 f, 
and ATP synthase. Both photosystems organize 
into two moieties: a core complex that contains 
the reaction centre (RC) where the photochemi-
cal reaction takes place; and a peripheral antenna 
system that increases and regulates their light har-
vesting capacity, and participates in their protection 
from high-intensity light damage (photo-damage). 
PSI and PSII core complexes were highly conserved 
during evolution, such that photosynthesis oper-
ates in a similar manner in different species, while 
various pigments and antenna systems have evolved 
(Hohmann-Marriott and Blankenship, 2011). 
Prokaryotic cyanobacteria (except for prochloro-
phytes) and eukaryotic red algae contain a soluble 
complex called the phycobilisome, as their major 
outer antennae; the complex is formed by linear 
tetrapyrrole molecules, or phycobilins, covalently 
bound to a protein matrix (Bailey and Grossman, 
2008). Typically, phycobilisomes are associated 
with the external part of the thylakoid membrane, 
absorbing light in the range between 550 and 
660 nm (i.e. in the green gap, not absorbed by chlo-
rophylls). In green algae and higher plants, the most 
abundant antenna is the chlorophyll a/b-binding 
light-harvesting complex (referred to as LHC) 
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that is nuclear encoded by a multigene family, with 
a range of copy numbers (Neilson and Durnford, 
2010). Exceptionally, Cryptophyte algae contain 
a chlorophyll a/c-binding membrane-intrinsic 
antenna homologous to the ones of green algae 
and higher plants, in addition to phycobiliproteins 
attached to the inner (luminal) side of the thylakoid 
membrane (Broughton et al., 2006). In this chapter, 
we focus on the structure, assembly and degradation 
of chlorophyll-binding (light-harvesting) proteins 
in the green lineage (cyanobacteria, green algae and 
higher plants), rather than non-chlorophyll binding 
antennae complexes.

The thylakoids of cyanobacteria 
and chloroplast
The distribution of cyanobacteria thylakoids inside 
the cell differs from that of chloroplasts. In contrast 
to chloroplasts thylakoids that are dedicated to 
photosynthesis-related reactions, the cyanobacteria 
thylakoid membrane contains components of both 
the respiratory and the photosynthetic electron 
transport chain. Furthermore, in cyanobacteria, 
the thylakoid membrane is generally distributed 
parallel to the cellular membrane; while in chlo-
roplasts, the thylakoids form different structural 
areas with highly stacked areas (granas) connected 
by un-stacked thylakoids or stroma lamellae. In 
chloroplasts, the grade of stacking of the thylakoid 
membranes correlates with the distribution of 
photosynthetic complexes. PSII is localized mainly 
in the grana thylakoid membranes, while PSI and 
the ATP synthase are found in the stroma lamellae 
structures with the mobile fraction of the LHCII 
pool shifting between them depending of the light 
conditions. The cytochrome b6 f is distributed 
evenly between these two structures (Dekker and 
Boekema, 2005; Nelson and Yocum, 2006).

Chlorophyll a-binding core 
complexes, PSI and PSII
Although the crystallographic structure of PSI has 
been determined for both cyanobacteria and higher 
plants, only the PSII structure for cyanobacteria has 
been resolved at high resolution (Zouni et al., 2001; 
Ferreira et al., 2004; Loll et al., 2005; Guskov et al., 
2009; Umena et al., 2011).

Photosystem I core complex
The core complex of PSI is composed of 12 subunits 
in cyanobacteria and 19 subunits in higher plants 
(Fig. 2.1). The X-ray structure of PSI for the cyano-
bacterium Synechococcus elongatus identified the 
location of 96 chlorophyll a, 22 β-carotenes, four 
lipids, three iron–sulfur clusters and two phylloqui-
nones per monomeric core complex ( Jordan et al., 
2001; Fig. 2.1A); while the crystal structure of PSI 
extracted from the pea plant Pisum sativum resolved 
the location of 168 chlorophyll molecules (Amunts 
et al., 2007; Fig. 2.1B). The pigment organization in 
the PSI–core complex is very similar for plants and 
cyanobacteria. The additional 33 to 28 chlorophyll 
found in plants are either associated with plant-
specific subunits arranged in a belt surrounding 
the core complex connecting the PSI core with the 
LHCI (‘gap’ chlorophylls), or between the Lhca 
monomers within LHCI (‘linker’ chlorophylls).

Recently, two new X-ray structures of PSI from 
Pisum sativum have been published at 2.8  Å reso-
lution containing a lower number of chlorophyll 
molecules (152 or 155 chlorophylls, respectively) 
(Qin et al., 2015; Mazor et al., 2015). These differ-
ences have been attributed to a decreased number 
of ‘gap chlorophylls’, which are thought to have a 
profound effect on the light transfer from LHCI 
to PSI core. The central part of the core complex is 
occupied by two subunits, PsaA and PsaB (Fig.2.1, 
red and yellow respectively), forming a heterodi-
mer comprising 22 transmembrane helices. This 
heterodimer hosts most of the cofactors in PSI 
and functions as RC and core-antenna (Barber et 
al., 2000). The PsaA and PsaB N- and C-terminal 
regions can be seen as two separate functional units. 
The six N-terminal transmembrane helices func-
tion as antennae, binding most of the chlorophyll 
a molecules in PSI. While the five transmembrane 
helices in the C-terminal region host the cofactors 
involved in the initial charge separation needed 
to extract electrons from the mobile plastocya-
nin: P700 (Primary electron donor absorbing at 
700 nm), A0 (chlorophyll a), A1 (phylloquinone), 
and the iron–sulfur (Fe4S4) cluster (Fx). The termi-
nal electron acceptors (FA and FB, two iron–sulfur 
clusters) are bound to the PsaC subunit on the 
cytoplasmic/stromal side. In addition to PsaC, 
other small Psa subunits function in different pro-
cesses, such as plastocyanin docking (PsaF, PsaN), 
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ferredoxin docking (PsaC, PsaD), formation of 
the docking site for the LHCII (PsaH), correct 
assembly and stabilization of the system, and 
chlorophyll-binding (Nelson and Ben-Shem, 2005; 
Jensen et al., 2007). In PSI, several low molecular 
mass proteins directly bind chlorophyll molecules 
and carotenoids ( Jensen et al., 2007). In green algae 
and higher plants, PSI functions as a monomer, 
while in cyanobacteria PSI cores occur as trimers 
(Bibby et al., 2001; Boekema et al., 2001). In cyano-
bacteria, PsaL has been shown to be important for 
such trimerization ( Jensen et al., 2007). Trimeric 
PSI is thought to be more effectively protected from 
PSII energy spillover compared with monomeric 
PSI, a problem that plants do not encounter due 
to the spatial separation of their two photosystems 
in the thylakoid membrane (Mullineaux, 2005). 
Although there are homologies between the PSI 
core complexes of higher plants and cyanobacteria, 
the subunits PsaX and PsaM are only present in 
cyanobacteria ( Jordan et al., 2001), while the PsaG, 
PsaH, PsaN and PsaR subunits of higher plants are 
not present in photosynthetic prokaryotes (Amunts 
and Nelson, 2009).

Photosystem II core complex
PSII, which normally exists as a dimer, is a complex 
composed of 25–30 subunits (reviewed in Pagliano 
et al., 2013). Most of them have a molecular mass 
under 10 kDa, and some are species specific (Shi 
and Schroder, 2004; Shi et al., 2012). Its smallest 
biochemical unit able to evolve oxygen is known 
as the PSII core complex. It hosts 35 chlorophyll a, 
2 phaeophytins, 11 β-carotenes and two plastoqui-
nones, as well as the [4Mn–1Ca] cluster (Umena et 
al., 2011). The chlorophyll a-binding subunits com-
prise the RC proteins D1 (PsbA) and D2 (PsbD), 
as well as the core antenna proteins CP43 (PsbC) 
and CP47 (PsbB) (Fig. 2.2). D1 and D2 (Fig. 2.2, 
cyan and yellow respectively) are each composed 
of five transmembrane helices organized in a hand-
shake motif, resembling the C-terminal region of 
PsaA and PsaB. The D1–D2 heterodimer binds six 
chlorophyll a, two pheophytins, two β-carotenes 
and two phylloquinones. These proteins also sta-
bilize the metallic catalytic core, the [4Mn–1Ca] 
cluster, of the oxygen-evolving complex (OEC). 
Adjacent to the D1/D2 heterodimer, there are two 
low molecular weight proteins essential for PSII 

Figure 2.1 Crystal structures of photosystem I from cyanobacteria and plants. (A) Subunit and pigment 
organization of the PSI complex from Synechococcus elongates, viewed from the membrane plan. The major 
subunits are: PsaA in red, PsaB in yellow, and small subunits in grey. The image was created with the software 
Jmol and the PDB file 1JB0 (Jordan et al., 2001). (B) Subunits and pigment organization of the PSI complex 
from Pea, viewed from the stromal side of the membrane. The major subunits are: PsaA in red, PsaB in yellow, 
LHCa in blue, and small subunits in grey. The image was created with the software Jmol and the PDB file 2WSF 
(Amunts et al., 2007).
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activity (PsbE and PsbF) that are the subunits α 
and β of the cyt b559 (Swiatek et al., 2003), also 
forming part of the PSII RC. The RC is surrounded 
by the inner antenna, formed by the two subunits 
PsbB (CP47) and PsbC (CP43), composed of six 
transmembrane helices, binding 16 and 13 chloro-
phyll a, respectively (Fig. 2.2, CP43 in pink and 
CP47 in green). These chlorophyll are arranged to 
maximize the transfer of the harvested energy to 
the RC (Umena et al., 2011). The final members 
of the PSII core complex are the subunits on the 
luminal side, forming the OEC. In green algae 
and higher plants, the OEC is composed of four 
subunits, PsbO, PsbP, PsbQ and PsbR, while, 
in cyanobacteria, PsbR is replaced by PsbU and 
PsbV (Roose et al., 2007). Several intrinsic low-
molecular-weight proteins also are associated with 
the PSII core complex in cyanobacteria, but none 
has been shown to bind chlorophyll a (Shi and 
Schroder, 2004). Only PsbH and PsbI are known 
to form hydrogen bonds with the chlorophyll a 
molecules of CP47 and CP43, respectively (Muh 
et al., 2008).

The outer antenna complexes – 
the LHC family
The shift from an aquatic to terrestrial environment 
during the evolution of photosynthetic eukaryotes 
was accompanied by substitution of the soluble 
antenna system (the phycobilisome) with mem-
brane-integral light-harvesting complexes (LHC; 
Hohmann-Marriott and Blankenship, 2011). 
One of the main reasons for such replacement is 
the more efficient photo-protective mechanisms 
inherent to LHCs (detailed later). An efficient non-
photochemical quenching is of crucial importance 
in the areal environment, where a higher risk of 
singlet oxygen (1O2) production exists (Neilson 
and Durnford, 2010). The high homology between 
sequences of the nuclear-encoded LHC proteins 
indicates a common evolutionary origin ( Jansson, 
2006). LHC proteins comprise three transmem-
brane helices that coordinate chlorophyll a and 
chlorophyll b (or chlorophyll c) and carotenoids in 
different amounts (Fig. 2.3). A common feature of 
the extended family of LHC proteins is the highly 
conserved chlorophyll a/b-binding (CAB) domain, 
containing the amino acid residues involved in pig-
ment binding (see below). This domain is not only 

Figure 2.2 Crystal structures of photosystem II from cyanobacteria and plants. (A) Subunit and pigment 
organization of the dimeric PSII complex isolated from Thermosynechoccus vulcanus, and viewed from the 
cytoplasmic site of the membrane. The major subunits are: D1 in cyan, D2 in yellow, CP43 in pink, CP47 in 
green, and small subunits in grey. Pigments are shown in green, chlorophyll a; and orange, carotenoids. The 
image was created with the software Jmol and the PDB file 3ARC (Umena et al., 2011). (B) Subunit and pigment 
organization of the PSII supercomplex in plants, viewed from the stromal site of the membrane. The major 
subunits of the core complex are coloured as in (A). The antenna system is coloured as follow: CP29 in black, 
CP24 in orange, CP26 in blue, and the S and the M trimers in green. Pigments are coloured: green, chlorophyll 
a; violet, chlorophyll b; and orange, carotenoids. Phytol tails of chlorophyll molecules are omitted for clarity. The 
image was modified after Caffarri et al. (2014), using the software WebLab ViewerPro.
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identified in the chlorophyll b-binding green line-
age, but also in LHCs in algae, after secondary or 
tertiary endosymbiosis, such as diatoms, dinoflag-
ellates, cryptophytes and haptophytes; although 
chlorophyll c is bound instead of chlorophyll b 
(Hohmann-Marriott and Blankenship, 2011). In 
higher plants, six genes (Lhca1–6) encode the 
distal antenna of PSI (LHCI), and six (Lhcb1–6) 
the distal antenna of PSII (LHCII). In the green 
alga Chlamydomonas reinhardtii (hereafter C. 
reinhardtii), nine genes encode the antenna of PSI 
(Lhca1–9), while 11 genes (Lhcbm1–6, Lhcbm8–
11, Lhcb4–5) encode the subunits of LHCII. In 
the moss Physcomitrella patens (hereafter P. patens), 
four genes encode the PSI antenna (Lhca1–3, 
Lhcb5), while 13 Lhcbm genes have been identified 
in its genome, together with Lhcb3, Lhcb4, Lhcb5 
and Lhcb9 (Alboresi et al., 2008, 2011). Each LHC 
can have different isoforms, e.g. Lhcb1 and Lhcb2 
are encoded by several nuclear genes in plants 
( Jansson, 1999; Caffarri et al., 2004; Alboresi et al., 
2008).

LHCI
The LHCI complexes in plants are organized into 
two adjacent heterodimers, Lhca1–Lhca4 and 
Lhca2–Lhca3, arranged in a half-moon-shaped 
belt attached to one side of the PSI core complex 

(Neilson and Durnford, 2010). Both Lhca5 and 
Lhca6 present high homology with Lhca1–4, and 
are found in sub-stoichiometric amounts in the PSI 
complex (Klimmek et al., 2006). The organization 
of the PSI super-complex is conserved in the moss 
P. patens (Busch et al., 2013), while monomers 
of the LHCI antenna in the alga C. reinhardtii 
can interact at alternative sites, resulting in larger 
and more heterogeneous PSI supercomplexes 
(Neilson and Durnford, 2010). The recently pub-
lished high-resolution structures of PSI show the 
transmembrane structure of LHCI to be similar to 
LHCII with three major transmembrane helices 
(A, B, C) and an amphipathic helix D at the luminal 
side. However, there are notable differences in the 
loop regions as well as in the N-terminal region 
(Qin et al., 2015).

LHCII
The peripheral antenna complex of PSII in green 
algae and higher plants, LHCII, coordinate chloro-
phyll a, chlorophyll b and xanthophylls ( Jansson, 
1999). Two types of Lhc antenna proteins asso-
ciated with PSII can be distinguished based on 
their relative abundance, as major LHCII antenna 
complex or minor LHCII antennae (Dekker and 
Boekema, 2005). In Arabidopsis thaliana (hereafter 
A. thaliana), the major LHCII is a heterotrimer of 

Figure 2.3 Light-harvesting complex II monomer. (A) Molecular model of LHCII shown with ligands. The model 
was generated using PMol from crystal structures of LHCII in the PDB file 1RWT (Liu et al., 2004). (B) Molecular 
model of Lhcb4, shown with ligands. The model was generated using PMol from crystal structures of Lhcb4 
in the PDB file 3PL9 (Pan et al., 2011). Coloured regions are: pink, polypeptides; green, chlorophyll a; violet, 
chlorophyll b; orange, carotenoids; and blue, lipids.
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Lhcb1, Lhcb2 and Lhcb3 (Peter and Thornber, 
1991; Caffarri et al., 2004), often referred as the 
most common membrane protein complex on 
earth (Fig. 2.2B, in green). It is located distal to the 
PSII-core complex, connected via the monomeric 
minor antennae CP24, CP26, and CP29 (Lhcb6 
in orange, Lhcb5 in blue and Lhcb4 in black; Fig. 
2.2B).

High-resolution X-ray structures of LHCII 
(Liu et al., 2004; Standfuss et al., 2005), and 
more recently CP29 (Pan et al., 2011), have been 
obtained (Fig. 2.3). The monomeric complex 
shows three transmembrane helices (A, B, C) 
connected by both stroma and lumen-exposed 
loops, as well as two amphipathic helices along the 
luminal surface of the membrane (D, E). Based on 
this structure, the LHCII monomer binds 14 chlo-
rophyll (8 chlorophyll a and 6 chlorophyll b), and 
four xanthophylls (one neoxanthin, two luteins and 
one violaxanthin). The CP29 monomer only seems 
to bind 13 chlorophyll (nine chlorophyll a and four 
chlorophyll b) and three xanthophylls (two luteins 
and one neoxanthin) (Pan et al., 2011).

Two characteristic LHC motif/CAB domains 
can be found in a LHCII monomer localized 
within the 32 (28 in Lhcb4) amino acid helices 
A (–ExxHxxR–) and C (–ExxNxxR–). The three 
dimensional structure of the monomer facilitates 
the interaction of these two helices, with a chloro-
phyll molecule establishing a salt bridge between 
the glutamate (E) of one helix and the arginine 
(R) of the other, further stabilizing the monomer 
conformation. The four carotenoids form different 
domains within the monomer, with the two luteins 
(Lut620 and Lut621, as denoted in Liu et al., 2004) 
bound in parallel to the A and B transmembrane 
helices, neoxanthin bound in proximity to helix C, 
and violaxanthin on the periphery (Fig. 2.3).

The organization of the LHCII antenna varies 
under different environmental and stress condi-
tions. Thus, the amounts of various antenna 
subunits change to maintain efficient photosynthe-
sis; in low light, plants build a larger antenna, while 
in high-intensity light, its size decrease (Anderson 
and Andersson, 1988; Pfannschmidt, 2003). The 
PSII core with its peripheral antenna forms super-
complexes, which differ in the number of LHCII 
bound to it (Caffarri et al., 2009). Depending on 
the minor antenna proteins acting as linkers, LHCII 
can bind to the PSII core strongly (S), moderately 

(M), or loosely (L). The monomeric linker associ-
ated with the S-form is CP26; while for the M-form, 
they are CP29 and CP24. A dimeric PSII core with 
2S- and 2M-type LHCII is the most abundant 
super-complex in plant photosynthetic mem-
branes (Boekema et al., 1999; Kouril et al., 2012). 
In contrast, the antenna composition of the PSI 
super-complex does not vary with environmental 
changes, although its structure supports weak inter-
actions between the antenna complexes and the 
core (Ballottari et al., 2004).

In low light conditions, a process called state 
transition counterbalances the absorbed energy 
reaching PSI or PSII (Bonaventura and Myers, 
1969; Allen and Staehelin, 1992; Wollman, 2001). 
When PSII is preferentially excited, the Lhcb2 and 
Lhcb1 monomers are phosphorylated by a kinase 
(Stn7), which is activated upon reduction of the 
plastoquinol pool. The phosphorylated L-bound 
LHCII trimer diffuses from PSII (in the grana) 
to PSI (in the stroma lamellae) (state 2). When a 
change in light conditions results in the preferable 
excitation of PSI (far-red or high-intensity light) 
the plastoquinol pool is oxidized and thus Stn7 
becomes inactive. In this new conditions LHCII 
is dephosphorylated by the constitutively active 
LHCII phosphatase (TAP38/PPH1) and it moves 
back to PSII (state 1) (Allen and Staehelin, 1992). 
The recent development of a protocol for the puri-
fication of PSI-LHCII has facilitated the detailed 
biophysical characterization of both these states 
(Galka et al., 2012). Results showed that LHCII 
attached to PSI transfers energy more efficiently 
than when it is attached to PSII (Galka et al., 2012).

In vitro LHC reconstitution
Although it is believed that all proteins of the LHC 
family are structurally similar differences in their 
biochemical and spectroscopic properties have 
been observed. For example, all Lhcs bind chloro-
phyll a, chlorophyll b, lutein and violaxantin, but to 
different degrees (Dainese and Bassi, 1991). Based 
on early experiments, the chlorophyll/protein ratio 
of Lhcb6, Lhcb5, Lhcb4 or LHCII was determined 
to be 5, 9, 8 or 13, respectively. While there is a good 
correspondence between the X-ray structure of the 
LHCII and biochemical analyses, more recently, 
the minor Lhcb was shown to contain more chlo-
rophyll/protein, using milder isolation procedures 
(Ballottari et al., 2012). This suggests that some of 
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the pigments are more loosely bound than others, 
and are easily removed by detergents during the 
purification process. Light-harvesting pigments 
have also been found on the periphery of complexes, 
not directly coordinated with protein residues, but 
bound to lipids or water molecules (Muh et al., 
2008; Pan et al., 2011; Umena et al., 2011). In vitro 
pigment reconstitution experiments of proteins 
with mutations on the chlorophyll-binding ligands 
were remarkably successful at determining the 
occupancy of each binding site. No difference was 
observed between the reconstituted complexes and 
those found in the thylakoid membranes, using 
absorbance or circular dichroism (Giuffra et al., 
1997). Such experiments established that pigments 
were necessary to induce native folding of the pro-
tein (Paulsen et al., 1993; Remelli et al., 1999) and 
that chlorophyll a was necessary to obtain stable 
folded complexes (Croce et al., 1999; Kleima et 
al., 1999); no antenna complex was able to fold in 
the absence of chlorophyll a, even in presence of 
excess chlorophyll b, while chlorophyll b stabilized 
the pigment–protein complex. Furthermore, it was 
observed that the chlorophyll-binding sites located 
in the centre (helix A and B) of all investigated 
LHCs bind chlorophyll a (chlorophyll 610, 612, 
602 and 603), while the domains around helix C 
accommodate chlorophyll b (Bassi et al., 1999; 
Remelli et al., 1999; Liu et al., 2004; Standfuss et al., 
2005; Pan et al., 2011). Some binding sites can be 
occupied by either chlorophyll a or chlorophyll b 
(Giuffra et al., 1997; Bassi et al., 1999; Remelli et al., 
1999), however, this mixed occupancy is probably 
induced by competition between chlorophyll a and 
chlorophyll b in vitro. Stopped flow experiments 
showed that Lhcb1 is folded in two temporal steps: 
the first one occurs on the order of 10 s, while the 
other is slower, occurring over minutes (Reinsberg 
et al., 2000). The binding of chlorophyll a occurred 
during the fast phase, followed by the slower inte-
gration of chlorophyll b (Reinsberg et al., 2000). 
Chlorophyll b forms stronger coordination bonds 
with water than chlorophyll a, which slows down 
its incorporation into the protein complex. In the 
cyanobacterium Synechocystis sp. PCC 6803 (here-
after Synechocystis 6803), which naturally does not 
contains chlorophyll b, the chlorophyllide a oxyge-
nase (CAO) gene, that catalyses the transformation 
of chlorophyllide a to b, was expressed to demon-
strate that there is no specificity for most binding 

sites (Satoh et al., 2001; Xu et al., 2001); incorpora-
tion of chlorophyll b instead of chlorophyll a into a 
binding site was shown to be dependent only on the 
availability of chlorophyll b. In fact, the activity and 
degradation of CAO is regulated by accumulating 
chlorophyll b (Yamasato et al., 2005; Sakuraba et al., 
2007).

Carotenoids play a very basic role in the assem-
bly and stabilization of LHC proteins. The number 
of carotenoids bound per LHC complex varies 
between two and four (Ruban et al., 1999; Morosi-
notto et al., 2003). The Lut620 site, with a very 
high binding affinity for lutein, plays a major role 
in folding of the pigment–protein complex; only 
Lhcb4 mutants with one lutein attached to Lut620 
were stable enough to be purified (Pesaresi et al., 
1997). In contrast, the Lut621 site is highly variable 
in its carotenoid binding preference; violaxanthin 
or lutein can be found here. Typically, violaxanthin 
is more common in the minor antenna complexes 
compared with LHCII, consistent with their prom-
inent role in the xanthophyll cycle (Morosinotto et 
al., 2002; Betterle et al., 2010). This cycle is a pho-
toprotective mechanism, in which violaxanthin is 
converted to zeaxanthin by the high light-activated 
violaxanthin depoxidase (Havaux and Niyogi, 
1999). The Lut621 site was also shown to be impor-
tant for protein stability (Morosinotto et al., 2002). 
Neoxanthin (Caffarri et al., 2007) and violaxanthin 
(Caffarri et al., 2001) binding sites are not present 
in all LHCs, which suggests they are not crucial in 
the folding and stability of the monomers (Croce 
et al., 1999; Caffarri et al., 2001). Lhcb1 could be 
refolded in vitro with one or both sites empty (For-
maggio et al., 2001).

Besides lacking the violaxanthin domain, CP29 
also is deficient in chl601 and chl605 found in 
LHCII (Fig. 2.3B; Liu et al., 2011; Pan et al., 2011). 
Reconstitution experiments of CP29 showed that 
it binds only eight chlorophyll molecules (six 
chlorophyll a, two chlorophyll b). In vitro pigment 
composition of CP29 was quite sensitive to the 
chlorophyll a/b ratio used in the pigment mixture 
(Giuffra et al., 1997; Pagano et al., 1998). The four 
central sites were coordinated by chlorophyll a 
(Pascal et al., 2002), while the other four sites had 
mixed occupancy (Bassi et al., 1999). CP24 is a 
very special minor antenna complex, found only 
in land plants, suggesting a more recent evolution 
(Ballottari et al., 2012). It was reconstituted in vitro 
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with 10–11 chlorophylls, with a chlorophyll a/b 
ratio of 1.0, the lowest ratio found in any LHCb. 
CP24 contains only two luteins, on the sites Lut620 
and Lut621 (Passarini et al., 2009); it lacks neoxan-
thin, and can be reconstituted without lutein. CP26 
reconstitution showed that it binds 6 chlorophyll a, 
3 chlorophyll b, and can bind lutein, violaxanthin 
or zeaxanthin (Croce et al., 2002). More recent 
data suggest it binds 13–14 chlorophylls. It has 
been proposed that CP26 contains a violaxanthin 
site similar to LHCII (Ruban and Horton, 1999), 
as well as sites for Lut620, Lut621, and neoxanthin; 
however, CP26 was co-purified with only three 
carotenoids (Dall’Osto et al., 2005).

LHCI complexes also have been reconstituted in 
vitro and characterized (Croce et al., 2002; Castel-
letti et al., 2003). Both dimers contain a chlorophyll 
a/b ratio of 3.7 and a chlorophyll/car ratio of 
4.6–4.8 (Wientjes et al., 2011). Twenty-eight chlo-
rophyll molecules were found to bind to the Lhca1/
Lhca3 dimer and 29 chlorophyll molecules to the 
Lhca2/Lhca4 dimer (Qin et al., 2015). Lhca2 and 
Lhca4 have higher affinity for chlorophyll b than 
Lhca1 and Lhca3 in agreement with reconstitution 
experiments (Croce et al., 2002; Castelletti et al., 
2003). A striking feature of Lhca is the presence 
of red chlorophyll forms that are important for 
energy trapping and energy transfer (Morosinotto 
et al., 2003). Lhca antenna complexes contain less 
chlorophyll b than Lhcb (Croce et al., 2002), and 
instead of neoxanthin that is found in Lhcb, Lhca 
binds β-carotene.

In vivo assembly of LHC
The high instability of chlorophyll-binding proteins 
when depleted of chlorophyll (Horn and Paulsen, 
2002), together with the danger of ROS generation 
due to the accumulation of unquenched chlo-
rophyll molecules (Krieger-Liszkay et al., 2008) 
requires a high coordination between both path-
ways to avoid futile cycles and undesired reactions. 
In C. reinhardtii, accumulation of LHC does not 
occur in vivo in the absence of chlorophyll or xan-
thophylls, although its mRNA is present (Herrin 
et al., 1992). The nuclear-encoded apoproteins 
of LHCII are synthetized on cytosolic ribosomes 
as hydrophilic precursors and imported into the 
chloroplast via the translocons TOC (translocon 
on the outer chloroplast membrane) and TIC 
(translocon on the inner chloroplast membrane) 

within the outer and inner chloroplast envelope, 
respectively (Andres et al., 2010; Kovacs-Bogdan et 
al., 2010). Once within the stroma, the transit pep-
tide is removed by the stromal processing peptidase 
(SPP) (Schunemann, 2004) and the protein targets 
the thylakoid membranes through the chloroplast 
signal recognition particle (cpSRP) (Schunemann, 
2004). This cpSRP is a heterodimer composed of a 
conserved 54 kDa protein (cpSRP54) and a 43 kDa 
subunit (cpSRP43) unique to chloroplasts (Nguyen 
et al., 2011). A model proposes that the precursor 
LHC traverses the chloroplast envelope, becoming 
a ‘soluble complex’ in the presence of cpSRP. In 
addition to cpSRP, the receptor cpFtsY helps target 
the LHC precursor to the translocon, composed of 
the Alb3 (Albino3) translocase – an integral multi-
spanning thylakoid membrane protein (Kogata et 
al., 1999; Moore et al., 2000, 2003). Alb3 catalyses 
the GTP-dependent co-translational targeting of 
the protein into the thylakoids, which will form the 
mature complex after binding the pigments (Zhang 
et al., 2009; Nguyen et al., 2011). The tla3 mutant in 
C. reinhardtii was mapped as a homologous gene of 
cpSRP43; it shows strong reduction of Lhcb (Kirst 
et al., 2012). An Alb3.1 mutant of C. reinhardtii 
contains strongly reduced amounts of Lhca, Lhcb, 
PSII, and chlorophyll (Bellafiore et al., 2002). 
While the A. thaliana double mutant, depleted of 
cpSRP54 and cpSRP43, appears pale yellow, with 
a drastically reduced amount of chlorophyll and 
carotenoids (Hutin et al., 2002). Interestingly, in 
this double mutant, LHC is unevenly distributed, 
lacking Lhcb3 and Lhca1; while Lhcb1 and Lhcb6 
are partially retained, and Lhcb4 is enriched (Hutin 
et al., 2002). Notably, some of the light-harvesting 
like (LIL) proteins [i.e. the early light induced pro-
teins (ELIPs)] and the PsbS (four transmembrane 
helices), which show high homology to LHC pro-
teins but have no function in light harvesting, do 
not require cpSRP for their insertion (Kim et al., 
1999). Their amounts also were found to be dimin-
ished in the double mutant cpSRP54/cpSRP43 
(Hutin et al., 2002) indicating that more than one 
targeting mechanism of LHC and LIL exists in the 
chloroplast, although this still need to be experi-
mentally confirmed.

Hoober and co-workers (Hoober et al., 2007) 
proposed another scenario for LHC assembly, 
which occurs in the chloroplast envelope. When 
helix A of Lhcb exits the TIC translocon on the 
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stromal site of the chloroplast envelope, its transit 
sequence is removed; further transport of the 
LHC precursor through the envelope is arrested 
by binding chlorophyll a to the conserved motif 
located in the helix A (Eggink and Hoober, 2000; 
Hoober and Eggink, 2001). Since chlorophyll b has 
been shown to be important in stabilizing the LHC 
in higher plants (Thornber and Highkin, 1974; 
Reinbothe et al., 2006), it has been proposed that 
chlorophyll b could bind to the site chl601 at the 
N-terminus of the protein. This would provide an 
additional anchor for the protein within the chloro-
plast envelope (Hoober et al., 2007). An additional 
chlorophyll b could bind to chl605 at the luminal 
site of helix B. However, CP29 does not possess 
the chl601 or the chl605 binding sites (Fig. 2.3), 
although it is reported to need chlorophyll b for 
stable accumulation in the chloroplast (Thornber 
and Highkin, 1974). Alternatively, during protein 
import and before the formation of the cross-helix 
Glu-Arg ion pairs, chlorophyll b may be bound 
by chl602 to enter the chloroplast envelope. Sub-
sequent folding of the protein would create an 
environment more favourable for chlorophyll a, 
which would then displace chlorophyll b (Hoober 
and Argyroudi-Akoyunoglou, 2004). Even in CP26 
chl601 or chl605 are missing; in contrast to CP29,  
CP26 accumulates to WT level in the absence 
of chlorophyll b. Chl601 and chl605, therefore, 
cannot be crucial for retaining chlorophyll-binding 
proteins in the chloroplast, and chlorophyll b 
might not be that important in stabilizing LHCs 
during their import into the chloroplast. In fact, it 
was shown that chlorophyll b depletion in a CAO 
mutant did not impair import of the LHC precur-
sor, its processing or insertion into the thylakoid 
membrane (Nick et al., 2013). In C. reinhardtii, 
the lack of chlorophyll b does not impair assembly 
of any LHC (Polle et al., 2000). In conclusion, an 
exhaustive picture of LHC import mechanism can 
still not be drawn.

While the insertion of chlorophyll into the pro-
tein scaffold has been the focus of detailed studies, 
not much information is available on the insertion 
of carotenoids in vivo. The A. thaliana mutant 
npq2lut2, which is unable to synthetize lutein 
and violaxanthin, has a decreased PSII antenna 
size because of the destabilized LHCII (Havaux 
et al., 2004). Several mutations in xanthophyll 
biosynthesis, leading to decreased xanthophyll/

carotenoids ratios, showed a strong decrease in the 
ratio of LHCII to PSII, but no change in LHCI to 
PSI stoichiometry (Fiore et al., 2012). This effect 
could be partially explained by the presence of 
β-carotene in LHCI, which does not occur in the 
antenna of PSII.

Assembly of photosystem II 
core complex
The assembly of PSII is a stepwise process, where 
subcomplexes are initially formed and later fused 
to form the active complex. In Synechocystis 6803, 
this process has been well studied, since mutants 
unable to grow autotrophically can be grown under 
mixo- or heterotrophic conditions. This stepwise 
mechanism of PSII assembly seems to be largely 
conserved in the chloroplasts of green algae and 
plants (Fig. 2.4). Numerous accessory proteins are 
involved in this assembly binding only transiently 
to the growing complex, and cannot be detected 
in the X-ray structure of mature PSII (Nixon et al., 
2010; Komenda et al., 2012; Nickelsen and Reng-
stl, 2013). Some of them are conserved in both 
cyanobacteria and chloroplasts, confirming their 
importance in this process. Cytochrome (Cyt) b559 
functions as a nucleation factor in PSII assembly, 
to which D2, PsbE and PsbF attach, forming the 
D2/cyt b559 sub-complex (Komenda et al., 2004). 
The D1 precursor, together with PsbI, attach later, 
forming a PSII-like RC (Dobakova et al., 2007). 
During the formation of the PSII-like RC, the 
D1 precursor is processed by proteases, yield-
ing mature D1 (reviewed in Kmiec et al., 2014). 
In cyanobacteria, the CP47-PsbH/PsbL/PsbT 
subcomplex was found to bind to the PSII-like 
RC in the absence of CP43, forming the so-called 
RC47 complex. In chloroplasts, PsbH joins this 
complex after CP47 (Rokka et al., 2005; Boehm 
et al., 2012b). The subsequent attachment of the 
sub-complexes CP43-PsbZ/PsbK/Psb30 in cyano-
bacteria, or CP43/PsbK in C. reinhardtii, forms 
monomeric PSII, inducing assembly of the OEC, 
which consists of PsbO, PsbP, PsbU, PsbQ and 
PsbV in cyanobacteria or PsbO, PsbP and PsbQ in 
plants (Bricker et al., 2012). Dimerization occurs 
as the last step, with the involvement of several 
low-mass subunits (PsbI, PsbM and PsbW). At the 
same time, the antenna system is attached, i.e. the 
peripheral phycobilisomes in cyanobacteria, or the 



Figure 2.4 Model for the assembly of photosystem II in cyanobacteria (A) and higher plants (B). The D2 subunit forms a pre-complex with PsbE, PsbF, and subunits 
of cyt b559, called the D2/cyt b559 complex. While the pD1-PsbI pre-complex is formed by the D1 precursor and PsbI. The D2/cyt b559 complex binds to the pD1-PsbI 
pre-complex, forming the reaction centre (RC) complex. PsbH, PsbL and PsbT bind to CP47 and then attach to the RC complex, forming RC47 in cyanobacteria. PsbH 
joins CP47 later in plants. Monomeric PSII is formed by a CP43-complex, containing CP43 and other small subunits. The final step prior the PSII dimerization is the 
assembly of the Oxygen Evolving Complex (OEC), followed by the attachment of the phycobilisome antenna in cyanobacteria and LHCs in plants. The major subunits 
are: D1 in cyan, D2 in yellow, CP43 in pink, CP47 in light green, and small subunits in grey. LHCII are in dark green. The letters or numbers at the ends of their respective 
Psb protein names (e.g. I for PsbI) designate PSII subunits, except for the chlorophyll-binding subunits that are designated by their common names (D1, D2, CP47, 
and CP43). Abbreviations: cyt b559, cytochrome b559; LHCII, light-harvesting complex II; pD1, precursor form of D1; RC47, reaction–centre complex lacking CP43.

(A) Cyanobacteria

(B) Plants
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transmembrane LHC in green chloroplasts (Kouril 
et al., 2012).

Cyanobacterial and plastid-encoded membrane 
proteins, such as the apoproteins of the core 
complexes, are inserted co-translationally into 
the membrane (Zhang et al., 1999). For example, 
D1 protein was found attached to polysomes in 
cyanobacteria (Tyystjarvi et al., 2001). During 
translation, nascent D1 protein interacts with 
components of cpSRP54 and the secretory TM 
protein transport systems for chloroplast proteins 
(Nilsson et al., 1999; Zhang et al., 1999). The 
members of the machinery that inserts membrane 
proteins into the membrane have been identified as 
SRP, FtsY, SecYEG, YidD/Alb3; they share similar 
components with the LHC assembly machinery 
(see above). When the first segment of a mem-
brane protein is translated, the ribosome–SRP 
complex is targeted to the membrane-associated 
receptor FtsY. This complex is transferred to the 
translocation apparatus; the SecYEG translocon 
forms the essential channel to insert the protein 
through the lipid bilayer. In association with 
a translocon, SecYEG membrane proteins are 
inserted into the membrane and properly folded 
(Sobotka, 2014). YidC is involved in partitioning 
the membrane segment and is able to work in a 
Sec-independent manner (Welte et al., 2012). It 
seems that an important role for the assembly of 
chlorophyll-binding proteins into the membranes 
is accomplished by the YidC/Alb3 insertase. 
Direct interaction between YidC/Alb3 and the 
proteins D1, D2, CP43, and PsaA was shown in 
A. thaliana (Pasch et al., 2005); these proteins also 
were shown to be involved in post-translational 
targeting of LHCs into the membranes (Moore et 
al., 2003). Recently, a complex containing chloro-
phyll synthase (ChlG), one-helical LIL proteins 
(SCPs, see below), the Ycf39 protein, the YidC/
Alb3 insertase, and pigments have been co-isolated 
from Synechocystis 6803 membranes. YidC/Alb3, 
therefore, may assist chlorophyll insertion into 
the apoprotein (Chidgey et al., 2014). Pigment 
availability is an important factor limiting the 
accumulation of PSII core complexes. PSII func-
tion and assembly relies on carotenoids that mainly 
influence the synthesis and integration of CP47 
and CP43, without affecting PsaA, PsaB, D1 or 
D2 (Sozer et al., 2010). Previous work has shown 
that Synechocystis 6803 and C. reinhardtii depleted 

of the enzyme protochlorophyllide oxidoreductase 
(POR) that mediates the conversion of pro-
tochlorophyllide a to chlorophyllide a, are unable 
to accumulate PSII in darkness (Malnoe et al., 
1988; He and Vermaas, 1998). However, cyano-
bacterial RC-like complexes are able to perform 
light-induced charge separation, indicating that 
pigments are bound to these D1/D2 complexes at 
early stages of assembly (Keren et al., 2005). Also, 
non-assembled complexes of Synechocystis 6803 
were isolated using His-tagged CP47 and CP43, 
and shown to bind molecules of β-carotene and 
chlorophyll (Boehm et al., 2011). Therefore, pig-
ment binding may stabilize these sub-complexes.

Psb28 has been proposed to link chlorophyll 
synthesis and insertion into the protein scaffold; 
since a Synechocystis 6803 mutant deficient in 
Psbs28 was shown to contain reduced amounts of 
CP47, PsaA and PsaB (Dobáková et al., 2009). POR 
may also be involved in the chlorophyll insertion in 
PSII, via a factor called Pitt. Pitt may stabilize POR 
and help it to position POR in the correct orienta-
tion for chlorophyll insertion into the apoprotein 
(Schottkowski et al., 2009).

Chlorophyll storage proteins – the 
LIL family
An active exchange of chlorophyll molecules 
between different chlorophyll-binding proteins has 
been proposed for both plants and cyanobacteria 
(Tzinas et al., 1987; Kada et al., 2003). It has been 
calculated that the average lifetime of a chlorophyll 
molecule is twice as long as the protein subunits 
in a photosystem, indicating that chlorophyll has 
to be recycled and transferred between different 
protein subunits (Vavilin et al., 2007; Yao et al., 
2007, 2012). CP47 was proposed to function as 
a hub to store and deliver chlorophyll molecules 
to the pigment-binding proteins (Sobotka et al., 
2008a; Dobáková et al., 2009; Boehm et al., 2011). 
LIL proteins are highly homologous to the LHC 
proteins, and have been proposed to function simi-
larly. LIL proteins also are thought to be involved 
in photo-protection ( Jansson, 2006), rather than 
in harvesting light energy. The large family of LIL 
proteins in plants consists of proteins predicted to 
have four (PsbS; Funk et al., 1995a,b, 2001), three 
(ELIPs; Adamska et al., 2001), two (stress enhanced 
proteins, SEPs; Heddad and Adamska, 2002), or 
one membrane spanning helix [one-helix proteins 
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(OHPs), high-light-induced proteins (HLIPs) or 
small CAB-like proteins (SCPs)] (Funk and Ver-
maas, 1999; Heddad and Adamska, 2000; Jansson 
et al., 2000). The LIL proteins are expressed under 
different stress conditions in an opposite manner 
to the LHC proteins; i.e. under high-intensity light 
conditions, when the expression of the LHC pro-
teins is repressed, the LIL proteins are up-regulated. 
This suggests they function in high-intensity light 
protection in the broadest sense; they may provide 
direct protection (as shown for PsbS; Niyogi et 
al., 2005), affect pigment stability and/or act as 
pigment carriers (Xu et al., 2002, 2004; Rossini et 
al., 2006). They may even have novel functions, 
yet not determined. It is likely they all bind pig-
ments (chlorophylls and carotenoids; Funk, 2001), 
although indisputable evidence for this is lacking. 
One-helical LHC-like proteins have been detected 
in all organisms performing oxygenic photosyn-
thesis, while multi-helix LIL proteins are absent in 
cyanobacteria (Funk and Vermaas, 1999; Bhaya et 
al., 2002). The single transmembrane domain of 
the cyanobacterial SCPs shows significant sequence 
similarity to the first and third membrane-spanning 
region of proteins belonging to the LHC family and 
may be the evolutionary ancestor of the LHC pro-
teins (Green et al., 1991). It has been proposed that 
LIL proteins evolved after a series of duplications, 
fusions, and deletion of an ancestral SCP-like gene 
(Green and Pichersky, 1994), and only later gained 
their light-harvesting function ( Jansson, 2006). 
Another model based on more recent phylogenetic 
analyses suggests that the two-helix SEPs are the 
best candidates for the ancestor of the multi-helix 
LHC/LIL proteins (Engelken et al., 2010).

The importance of the HLIPs/SCPs to adapt 
and survive to stress conditions is evident in the 
much reduced genome of the high-light ecotype 
Prochlorococcus marinus strain Med4, which con-
tains 24 scp-genes (Bhaya et al., 2002). SCPs also 
have been identified in cyanophages of marine 
cyanobacteria (Bailey et al., 2004; Lindell et al., 
2004). In Synechocystis 6803, the SCPs were shown 
to play an important role in chlorophyll recycling. 
In Synechocystis 6803, five SCPs were identified 
(ScpA–E). ScpB-E (HliA–D) are proteins of around 
6 kDa, with a single transmembrane helix contain-
ing the CAB domain; they have been shown to bind 
chlorophyll and carotenoids (Funk and Vermaas, 
1999; Storm et al., 2008; Knoppova et al., 2014). 

ScpA is actually the C-terminal domain of the ferro-
chelatase (FC, HemH), the enzyme inserting Fe2+ 
into the porphyrin ring during haem biosynthesis 
(Woodson et al., 2011). Interestingly, two different 
FCs exist in plants, one enzyme is located in the 
mitochondria, while the other is found in plastids. 
Only the plastid-imported paralogue contains the 
C-terminal extension with the CAB domain. This 
CAB domain regulates the activity and oligomeri-
zation of FC (Sobotka et al., 2008b; Storm et al., 
2013).

SCPs temporal association with PSII have been 
proven by various studies (Promnares et al., 2006; 
Yao et al., 2007; Kufryk et al., 2008; Shi et al., 2012). 
ScpD and ScpC were found to be located closely to 
CP47 and PsbH (Promnares et al., 2006; Yao et al., 
2007); they have been proposed to stabilize PSII 
assembly/repair recycling of chlorophyll, therefore, 
avoiding oxidative damage (Hernandez-Prieto et 
al., 2011; Sinha et al., 2012; Yao et al., 2012; Tibiletti 
et al., 2016). ScpB and ScpE have been proposed 
to regulate chlorophyll biosynthesis at the 5-ami-
nolaevulinic acid (ALA) step (Xu et al., 2002; Xu et 
al., 2004), and recently they have been found to be 
associated with unassembled D1 (Knoppova et al., 
2014). Finally, SCPs have been proposed to func-
tion in light dissipation (Havaux et al., 2003).

Two groups of OHPs can be distinguished in 
plants: ones with prokaryotic origin, such as the 
OHP1/HLIP/SCP-type present in cyanophages, 
cyanobacteria, and plants; and the OHP2-type, 
restricted to eukaryotes (Andersson et al., 2003). 
While some OHPs are located in the plastid 
genome, others are nuclear encoded (Neilson and 
Durnford, 2010). In the cryptophyte Guillardia 
theta, which occurs after two endosymbiotic events, 
one of its two OHPs was found to be encoded in the 
reduced genome from a red algal nucleus (termed 
the nucleomorph; Douglas et al., 2001), while the 
other is encoded by the chloroplast genome (Doug-
las et al., 2001; Neilson and Durnford, 2010). Based 
on their expression pattern, they do not seem to be 
involved in photo-protective mechanisms (Funk et 
al., 2011). In A. thaliana, two genes codify the one-
helix proteins, Ohp1 and Ohp2; Ohp2 is expressed 
in low light, although both its transcription and 
translation were enhanced in high light-exposed 
plants. OHP2 was found to be associated with PSI 
in high light conditions (Andersson et al., 2003).

Our knowledge of SEPs proteins is sparse. In 
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A. thaliana, six two-helical proteins, named Sep1, 
Sep2, Sep3-1 (Lil3:1), Sep3:2 (Lil3:2), Sep4 and 
Sep5, have been detected. Transcripts of Sep1 and 
Sep2 were detected in plants grown at low light, 
but increased on exposure to high light (Heddad 
and Adamska, 2000). Lil3 transcript remained 
unchanged when plants were transferred to high 
light ( Jansson, 1999). Lil3 was found to bind chlo-
rophyll a, protochlorophyll a, and carotenoids in 
barley seedlings during de-etiolation (Reisinger et 
al., 2008). Both isoforms of Lil3 in A. thaliana were 
found to stabilize geranylgeranyl reductase (GGR), 
the enzyme synthesizing phytol-pyrophosphate, an 
intermediate of the chlorophyll and tocopherol bio-
synthesis (Tanaka et al., 2010). Recently, the Lil3 
isoforms were found associated with the LHCII 
antenna; it was proposed that they could provide 
a link between chlorophyll biosynthesis and the 
chlorophyll-binding protein assembly, similar to 
SCPs (Lohscheider et al., 2015).

Historically, the ELIPs were the first LIL family 
members to be discovered in etiolated pea and 
barley seedlings exposed to high light (Meyer and 
Kloppstech, 1984; Green et al., 1991). ELIPs have 
three transmembrane helices, and like the LHC 
proteins, the first and the third helices are homolo-
gous to each other. ELIPs are present in Viriplantae, 
but they are absent in cyanobacteria, as well as from 
members of the red chloroplast evolution branch 
(Neilson and Durnford, 2010). They accumulate 
transiently during different stress conditions that 
would cause photo-inhibition (Heddad and Adam-
ska, 2000, 2002). In A. thaliana, two ELIP genes 
(Elip1 and Elip2), with 81% sequence similarity, 
are differentially expressed during high light, green-
ing, and senescence (Montane and Kloppstech, 
2000; Heddad et al., 2006). ELIPs have been pro-
posed to prevent photooxidative damage during 
stress exposure by binding free chlorophyll and/
or by dissipating excess energy to protect PSII 
(Hutin et al., 2003). However, an A. thaliana elip1/
elip2 double mutant was not sensitive towards high 
light, suggesting the existence of other compensa-
tory processes (Casazza et al., 2005; Rossini et 
al., 2006). Measurements carried out on an Elip2 
overexpressor mutant suggest that ELIPs decrease 
photo-inhibition by interfering with the chloro-
phyll biosynthesis pathway (Tzvetkova-Chevolleau 
et al., 2007). ELIPs were shown to associate with 
different LHCII subpopulations. In pea plants, they 

could be isolated with chlorophyll a and bound 
lutein (Adamska et al., 1999; Heddad et al., 2006); 
however, evidence for in vivo pigment binding is 
still lacking.

The PsbS protein, spanning the thylakoid mem-
brane with four helices, originally was proposed 
to function as a chlorophyll storage protein. It has 
been found to bind pigments (Funk et al., 1994, 
1995b), but is also stable in the absence of pig-
ments (Adamska, 1995; Funk et al., 1995a). Today, 
the role of PsbS in non-photochemical quench-
ing, a photo-protective mechanism to dissipate 
excitation energy, is well established (Muller et al., 
2001). Although its biochemical role is unclear, 
lumen acidification triggers the protonation of two 
lumen-exposed glutamate residues on PsbS that 
induce conformational changes in the protein that 
might open quenching sites on the antenna of PSII 
super-complex in the grana (Bonente et al., 2008a; 
Betterle et al., 2009). Not only higher plants, but 
even moss and green algae, have at least one PsbS 
gene. Interestingly, in the unicellular green alga C. 
reinhardtii, the PsbS protein has never been found 
to be expressed (Bonente et al., 2008b). Instead, in 
C. reinhardtii and the diatom Pheodactylum tricor-
nutum, another LIL protein LHCRS (or Li818), 
absent in vascular plants, was found to be necessary 
for non-photochemical quenching (Peers et al., 
2009; Bailleul et al., 2010). LHCRS is not present 
in higher plants (Neilson and Durnford, 2010). It 
comprises three transmembrane helices, and is able 
to bind pigments (Bonente et al., 2011). LHCRS 
proteins seem to be more ancient (found in green 
algae) than PsbS of higher plants, and mosses are 
able to perform both the PSBS-dependent and the 
LHCSR-dependent non-photochemical quenching 
processes independently of each other (Alboresi et 
al., 2010; Gerotto et al., 2011, 2012).

Spatial organization of PSII assembly
Recent progress has been made on the localization 
of PSII biogenesis centres in cyanobacteria and 
plants (reviewed in Rast et al., 2015). In cyano-
bacteria, PSII assembly was detected in special 
biogenesis centres connecting the thylakoid mem-
brane and the periplasmic membrane (Stengel et 
al., 2012). In plants, PSII assembly seems to be 
located in the stroma-exposed thylakoid regions. 
Immunological studies identified the cyanobac-
terial PSII subunits D1, D2 and cyt b559 in the 
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periplasmic membrane, while CP47 and CP43 were 
localized only in the thylakoid membrane (Zak et 
al., 2001). A membrane sub-fraction, called PratA-
defined membrane or thylakoid centre (Stengel et 
al., 2012), was identified containing pD1, PratA 
(an early assembly factor of PSII), POR, together 
with Pitt and chlorophyllide a. This PratA-defined 
membrane seems to be important, not only for 
chlorophyll synthesis, but also for the integration of 
pigment into apoprotein (Schottkowski et al., 2009; 
Armbruster et al., 2010). The importance of spatial 
differentiation between PSII assembly and PSII 
activity was highlighted by the finding of special 
assembly centres in the cyanobacterium Gloeobac-
ter violaceus, which does not contain any physical 
separation between the periplasmic and thylakoid 
membranes (Rexroth et al., 2011).

In C. reinhardtii special translation zones 
have been shown to be the site of PSII biogen-
esis (Uniacke and Zerges, 2007). Two models 
have been proposed to explain assembly of 
chlorophyll-binding protein in plants; one suggests 
the thylakoid membranes as the site of assembly 
(Keegstra and Cline, 1999), while the other model 
proposes assembly of the photosynthetic units in 
the inner envelope membrane surrounding the 
chloroplast (Hoober et al., 2007). The envelope is 
the major source of lipids, and clearly the site where 
the latter steps of chlorophyll synthesis occur (see 
below). Immuno-labelling experiments in C. rein-
hardtii cells identified LHC precursors along the 
chloroplast inner envelope (White et al., 1996). 
Transportation of pigment-binding proteins or 
pigment-storage proteins from the inner envelope 
to the thylakoid membrane occurs via vesicles. The 
protein VIPP1 was postulated to mediate such vesi-
cle formation (Kroll et al., 2001). However, recent 
data indicate that VIPP inserts lipid molecules in 
the newly assembled complex (Kroll et al., 2001).

Cyanobacteria, algae and plants synthesize chlo-
rophyll and haem via a common branched pathway 
(Tanaka and Tanaka, 2011). Not only chlorophyll, 
but also intermediates of the chlorophyll biosyn-
thetic pathway can potentially cause cell damage. 
Therefore, the existence of chlorophyll biosynthe-
sis centres have been postulated (Shlyk, 1971), 
containing all enzymes involved in the chlorophyll 
biosynthetic pathway. The first step in the process 
is the synthesis of ALA from glutamate, which 
involves three enzymes: glutamyl-tRNA-reductase 

(GluTR), glutamate-1-semialdeyde-aminotrans-
ferase (GSAT), and glutamyl-tRNA-synthase 
(GluTS). GluTR and GSAT were co-immunopre-
cipitated, but also GluTS may belong to this complex 
(Nogaj and Beale, 2005). Protoporphyrinogen oxi-
dase (PPOX), the last common enzyme between 
the haem and the chlorophyll branch, was identified 
with FC (Masoumi et al., 2008). Mg-chelatase and 
Mg-protoporphyrin methyltransferase (Mg-PMT) 
were found to interact with each other (Shepherd 
et al., 2005), as were POR and the Mg-protopor-
phyrin IX methylester cyclase (Mg-PVC, Kauss et 
al., 2012). Finally, POR and chlorophyll-synthase, 
as well as chlorophyll-synthase and geranylgeranyl 
reductase (GGR) were proposed to interact via 
substrate channelling (Domanskii et al., 2003; 
Rudiger et al., 2005). However, some enzymes 
involved in the synthesis of ALA were found to be 
soluble, while others are membrane bound (Mano-
hara and Tripathy, 2000). Transient interactions 
of the stromal proteins and the intrinsic ones also 
has been observed. GUN4, for example, is involved 
in anchoring the stromal Mg-chelatase into the 
thylakoid membrane (Sobotka et al., 2008a). In the 
cyanobacterium Thrichodesmium eritreum, GluRS 
was found to be attached to the membrane via an 
evolutionary conserved protein (Olmedo-Verd et 
al., 2011). Thus, it is a feasible hypothesis that pro-
tein synthesis and translation could assemble in the 
chlorophyll-biosynthesis centres to synchronize 
pigment and protein production.

Assembly of photosystem I core 
complex
Compared with the detailed knowledge of PSII 
assembly, PSI assembly is not well understood, 
although considerable progress has been made in 
the recent years (reviewed by Schottler et al., 2011; 
Yang et al., 2015) (Fig. 2.5). The first step in PSI bio-
genesis is the co-translational membrane insertion 
of PsaB into the thylakoids, which is essential for the 
translation and integration of PsaA. Subsequently, 
the two subunits form the large heterodimer (Wol-
lman et al., 1999; Wostrikoff et al., 2004). This early 
step is assisted by the chaperones Alb3, VIPP1, and 
PPD1, protecting the nascent protein from unspe-
cific binding to other membrane proteins during 
folding (Zhang et al., 2012). The phylloquinone 
and 4Fe–4S (Fx) cluster are integrated into this 
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heterodimer (Shen et al., 2002a,b). Mediated by 
Ycf3 and Y3IP1, PsaC assembles with the PsaA/
PsaB heterodimer, induced by conformational 
changes, then PsaD and PsaE attach at the stromal 
side. Subsequently, PsaF is inserted, with the help 
of Ycf4 (Ozawa et al., 2009). Later, other small sub-
units, such as PsaH, PsaI, PsaL and PsaJ in plants, 
bind to this intermediate complex PsaL and PsaJ 
(Ozawa et al., 2010). The binding of LHCI and the 
remaining small subunits (PsaN, PsaK, PsaG, PsaO, 
PsaP) seems to be a slower process, although their 
assembly pathway is still unknown; Alb3 may assist 
their integration into the complex (Chidgey et al., 
2014).

Retrograde signalling
The expression of genes encoding chlorophyll-bind-
ing proteins and enzymes involved in chlorophyll 
biosynthesis has to be tightly coordinated within 
a cell to avoid photooxidative damage. Enzymes 
of the chlorophyll biosynthesis as well as the LHC 
encoding genes are located in the nucleus. There-
fore, enzymes of chlorophyll biosynthesis and LHC 
precursors have to be post-translationally imported 
into the chloroplast where they are functionally 
active; this means that a strict communication 
pathway between the chloroplast and the nucleus 
is required. What is known as retrograde signalling 
is the feedback control that reports the functional 
state of the organelle to the nucleus (Kropat et 
al., 2000; Strand, 2004; Fernandez and Strand, 
2008). Chlorophyll precursors have been shown 
to be important in such chloroplast-to-nucleus 
signalling. Mg-protoporphyrin IX (Mg-PPIX) was 

proposed to be directly involved in this signalling, 
since all disturbances in the chlorophyll biosyn-
thesis pathway lead to accumulation of Mg-PPIX, 
provoking a down-regulation of the LHC genes 
in wild type A. thaliana (Strand et al., 2003). For 
instance, transcription of the nuclear-encoded 
genes Hsp70a/b/c was induced after feeding C. 
reinhardtii with Mg-PPIX (Kropat et al., 2000). 
Moreover, several A. thaliana lines with mutations 
in the tetrapyrrole biosynthesis were shown to 
be gun mutants; gun2 and gun3 encode the haem 
oxygenase (HO) and phytochromobilin synthase, 
respectively; while gun4 is an activator of the Mg-
chelatase (Larkin et al., 2003, Fig. 2.6). GUN4 is 
proposed to regulate the chlorophyll biosynthesis 
flux by binding Mg-PPIX and may also export Mg-
PPIX from the chloroplast to the cytosol, where 
it is bound to signalling proteins or could act as 
a transcription factor (Strand, 2004). However, 
experimental proof of either hypothesis is still 
lacking. An orthologue to gun4 was found in Synech-
ocystis 6803, its disruption led to decreased cellular 
chlorophyll (Wilde et al., 2004). The A. thaliana 
gun5 mutant carries a single amino acid mutation 
in the ChlH subunit of the Mg-chelatase, leading to 
a deficiency of Mg-PPIX. Recently the importance 
of Mg-PPIX as a signal molecule was questioned 
in plants, since the correlation between Mg-PPIX 
and a decrease of expression of Lhcb genes was 
not replicable (Mochizuki et al., 2008; Moulin 
et al., 2008). It is still not clear why the mutation 
in Mg-PVC cyclase did not give a gun phenotype 
(Strand, 2004). Recently, the isolation of a gun6 
mutant was reported; this mutation was identified 
as being in the upstream regulatory region of the 

Figure 2.5 Model for the assembly of photosystem I in higher plants. The first step involves the formation 
of the reaction centre heterodimer by PsaA and PsaB. Later, PsaC, PsaD and PsaE assemble on the stromal 
side. Between these small subunits, PsaH, PsaI, PsaL and PsaJ bind and also other small subunits, forming 
the complex. PsaA is shown in red, PsaB in yellow, LHCI in green, and small subunits in grey. Subunits are 
designated by the letters after their respective Psb protein names, except for PsaA and PsaB.
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gene encoding FC (Woodson et al., 2011). The 
mutation causes the gun6 mutant to overexpress 
FC, causing an accumulation of haem, which may 
act as a retrograde signal molecule, carrying out 
positive regulation of the nuclear-encoded genes. 
Haem is a good candidate for a signal molecule, as 
it is known to be exported from the plastid and it 
is not photodynamic like Mg-PPIX (Thomas and 
Weinstein, 1990). A role for haem as a positive 
regulator of nuclear-encoded genes involved in 
photosynthesis may also provide an explanation for 
the behaviour of other gun mutants (Woodson et 
al., 2011).

To avoid photooxidative damage, chlorophyll 
has to be located in proximity to a quenching mol-
ecule like a carotenoid. Therefore, the carotenoid 
biosynthetic pathway has to be linked to chloro-
phyll and chlorophyll-binding protein biosynthesis. 
Mutants with carotenoid deficiency accumulate 
less lhc transcripts (Mayfield and Taylor, 1984). In 
mature chloroplasts, chlorophyll seems to regulate 
the activity of phytoene synthase (PSY), catalysing 
the condensation of geranylgeranyl diphosphate 
to phytoene (Fraser et al., 2000). The next step of 
the carotenoid biosynthesis is the desaturation of 
phytoene to zeta-carotene performed by phytoene 

Figure 2.6 The biosynthetic pathway of tetrapyrroles in photosynthetic organisms. Glutamyl-tRNA is converted 
to aminolaevulinic acid (ALA) by a 3-step process, involving the three enzymes, GluRS, GSAT and GluTR; this 
is an important control point on this pathway. After several modifications, ALA is converted to protoporphyrin 
IX (PPIX), the common substrate used by either Fe-chelatase or Mg-chelatase. Fe-chelatase inserts Fe2+ into 
the porphyrin ring of PPIX within the haem pathway, while Mg-chelatase inserts Mg2+ within the chlorophyll 
pathway. Mg-PPIX formed by Fe-chelatase is converted to Pchlide (protochlorophyllide) via two enzymatic 
reactions. PPIX ME is the intermediate of these two reactions. Pchlide is converted to Chlide a (chlorophyllide 
a) by POR. In organisms containing chlorophyll b, CAO converts Chlide a to Chlide b. Both are phytylated by 
GGR (geranylgeranyl reductase), using phytyl pyrophosphate of the non-mevalonate pathway (MEP pathway). 
POR, NADPH:protochlorophyllide oxidoreductase; CAO, chlorophyllide a oxygenase.
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desaturase (PDS). This enzyme requires plastoqui-
nones and an active alternative terminal oxidase 
(AOX) to generate electrons. A link between AOX 
and PDS has been observed in the variegated immu-
tans A. thaliana mutants (Wetzel et al., 1994). Thus, 
PDS seems to be a key regulatory component in the 
coordination of carotenoid biosynthesis, nuclear 
signalling, and chloroplast development.

Singlet oxygen and hydrogen peroxide can acti-
vate different pathways of chloroplast-to-nucleus 
signalling (Meskauskiene et al., 2001; op den Camp 
et al., 2003). Hydrogen peroxide is a relatively 
stable product, able to traverse membranes; there-
fore, it was also suggested as a signalling compound 
(Kropat et al., 2000). Singlet oxygen has a shorter 
lifetime and may react with cellular compounds 
directly at the place of its formation. The flu mutant 
in A. thaliana accumulates large amounts of free 
protochlorophyllide in darkness (Meskauskiene et 
al., 2001). Transition of the mutant from dark to 
light led to an immediate release of singlet oxygen 
that caused an arrest of plant growth. Other studies 
showed that this effect was not directly dependent 
on the presence of singlet oxygen, but was activated 
by a genetically determined cell programme medi-
ated by the gene EXECUTER1 (EX1) (Wagner et 
al., 2004). Inactivation of EX1 resulted in a reduced 
sensitivity to singlet oxygen. Although EX1 may 
transduce signals from the chloroplast to nuclear 
gene expression, it requires a linker within the enve-
lope membrane, which is still not identified.

Optimal photosynthesis requires continuous 
acclimation to changing environmental conditions. 
Therefore, plants and algae adjust their PSII/PSI 
stoichiometry and change their antennae size. 
The redox state of the different components of 
the photosynthetic apparatus has been identified 
as a regulating parameter of these mechanisms. 
Therefore, the redox signal must be involved in 
chloroplast-to-nucleus communication. The impact 
of the redox state on the nuclear gene expression, 
in particular expression of the LHCs encoding 
genes, has been studied extensively (reviewed in 
Fey et al., 2005). Several lines of evidence suggest 
that the phosphorylation cascade transduces the 
redox state (Durnford and Falkowski, 1997). The 
Stn7 kinase is involved in transducing the signal via 
phosphorylation to further signalling components 
(Bonardi et al., 2005). Although candidates for 
sensing and transduction have been identified in 

the chloroplast, little is known about how the signal 
is transferred through the chloroplast envelope to 
the cytosol. Further experimental data are required 
to understand this process.

An interesting hypothesis about the correla-
tion between plastid gene expression and Lhcb 
regulation has been developed by Brautigam et al. 
(2008), based on the observation that chlorophyll 
b made by CAO is necessary for the import of Lhcb 
(Reinbothe et al., 2006). When the trnE gene (that 
encodes the glutamyl-tRNA) is not transcribed, 
chlorophyll biosynthesis is interrupted. A lack of 
chlorophyllide will cause the Lhcb precursor to 
remain attached to the translocon, and expression 
of Lhc genes in the nucleus will be repressed via a 
feedback mechanism. However, the localization of 
CAO has not been clarified, nor has the effectors 
between the chloroplast and nucleus; therefore 
many questions remain concerning this hypothesis.

Degradation of chlorophyll-
binding proteins
Cells have evolved extensive molecular chaperones 
and proteases to control protein quality and prevent 
protein damage. Many factors trigger degradation 
of proteins, including changes in environmental 
conditions, genetic mutations, and limitations in 
the availability of cofactors. Cleavage by pepti-
dases, which activates proteins, has been shown to 
be equally important in progressive degradation. 
Such ‘housekeeping’ by enzymes maintains stoi-
chiometric amounts of protein subunits or controls 
metabolic pathways. In plants, light serves as an 
environmental signal that regulates physiological 
and developmental processes, and therefore chlo-
rophyll-binding proteins are important substrates 
for regulation.

Genome information has revealed various plant 
proteases that are likely localized in the plant chlo-
roplast (Garcia-Lorenzo et al., 2006). Although 
proteases play crucial roles in many processes in 
plant cells, very little information is available on 
their substrate specificity or the physiological 
roles of various proteases in photosynthetic organ-
isms. Despite identification of many genes with 
sequences similar to known proteases, protease 
activity has only been demonstrated for a few of 
these genes. Conversely, proteolytic processes 
are frequently observed in plant biology, but have 
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rarely been ascribed to specific proteases. Even 
though biochemical evidence for most of proteases 
and peptidases is limited, specific enzymes have 
been identified in all major compartments of the 
chloroplast. Given the evolutionary origin of chlo-
roplasts, it is not surprising that all plastid proteases 
identified to date are orthologues of bacterial pro-
teases (reviewed in Adam et al., 2001). However, 
plants contain a significantly higher number of 
these genes than bacteria, or mitochondria, sug-
gesting that a diversification occurred during the 
evolution of photosynthetic organisms (Garcia-
Lorenzo et al., 2006). In this respect, cyanobacteria 
are interesting, as a link between plants and the 
non-photosynthetic prokaryotes, they exhibit a 
diversity of proteases similar to the range found in 
chloroplasts. About 3% of all genes of A. thaliana 
were found to code for putative proteases, while the 
single-celled cyanobacterium Synechocystis 6803 
has more than 90 proteases. In the chloroplast, 
there are at least 11 different protease families rep-
resented (e.g. Kmiec et al., 2014; Nishimura and van 
Wijk, 2015; Yoshioka-Nishimura and Yamamoto, 
2014; Adam, 2015). Here, we will only summa-
rize information available on the degradation of 
chlorophyll-binding proteins, rather than include 
the degradation of enzymes involved in pigment-
synthesis (e.g. Nishimura and van Wijk, 2015).

Like all proteins, the chlorophyll-binding mem-
brane proteins also undergo constant turnover: 
damaged or misfolded proteins are removed and 
the protein set is adjusted to changing conditions. 
However, the lipid bilayer prevents access to these 
proteins. Therefore, specialized membrane-bound 
proteases play a decisive role in membrane protein 
regulation. Surprisingly, of all the proteases present 
in the plant chloroplast, or in the cyanobacterial 
cell, only two proteases appear to be involved in the 
degradation of chlorophyll-binding proteins.

FtsH proteases
FtsH (filamentation temperature-sensitive) pro-
teases are ATP-dependent metalloproteases found 
in eubacteria, mitochondria and chloroplasts (for 
recent reviews see Wagner et al., 2012; Yoshioka-
Nishimura and Yamamoto, 2014). The FtsH gene 
was first identified in E. coli, as an essential protein, 
involved in degrading various short-lived proteins 
(Santos and De Almeida, 1975). Later, eukaryotic 
FtsH homologues were detected in the mitochondria 

of yeast (Weber et al., 1996), suggesting that this 
family of proteases might act as chaperones during 
assembly of membrane proteins (Rep et al., 1996). 
Today, FtsH proteases have been found in eubacte-
ria, mitochondria, and chloroplasts. FtsH proteases 
are membrane-inserted, attached by one or two 
transmembrane helices. They expose their main 
cytosolic region, consisting of AAA-ATPase and 
Zn2+-metalloprotease domains, into the cytoplasm 
or stroma (Garcia-Lorenzo et al., 2008). FtsH can 
work either as an exo- or endoprotease (Okuno 
et al., 2006); therefore, it can easily degrade 
unnecessary membrane proteins. In the genome 
of A. thaliana, 17 FtsH genes have been identified, 
encoding 12 active FtsH proteases and five FtsH 
homologues, with mutations in their active site. 
Nine of these active FtsH target chloroplast, four 
target the mitochondria, and one, FtsH11, targets 
both organelles (see Wagner et al., 2012). Within 
the chloroplast, the FtsH proteases FtsH1, 2, 5, 6 
and 8 are localized in the thylakoid membrane, with 
their ATPase and proteolytic domains exposed to 
the stroma. In contrast, proteomic studies have 
identified FtsH7, 9, 11, 12 in the chloroplast enve-
lope (Ferro et al., 2010). The importance of FtsH 
in general maintenance of the functional photosyn-
thetic membranes was demonstrated by mutations 
leading to the phenotype yellow variegated 1 (var1) 
and var2, which impaired the genes coding for 
FtsH5 and FtsH2, respectively (Chen et al., 2000; 
Takechi et al., 2000). The VAR1/VAR2 group was 
found to contain FtsH 1, 2, 5 and 8 (e.g. Adam et al., 
2006; Kato and Sakamoto, 2010; Liu et al., 2010). 
The four genes FtsH1, FtsH2, FtsH5 and FtsH8 
have higher expression than other FtsH genes with 
similar expression patterns (Yu et al., 2004). In fact, 
under normal growth conditions, only expression 
of these four FtsH genes was observed. Transcrip-
tion was previously described as being strictly light 
dependent (Lindahl et al., 1996). For example, the 
FtsH8 gene is highly induced by high light (Sinvany-
Villalobo et al., 2004); while FtsH1 and FtsH5 are 
reported to be down-regulated in darkness (Lin 
and Wu, 2004). However, on a protein level, none 
of the thylakoid-located FtsH proteases were up-
regulated in high light (Zaltsman et al., 2005a). In 
addition, three homologues to the VAR1/VAR2 
sub-family were detected in a proteomic analysis 
of the etioplast inner membranes of dark-grown 
wheat leaves (Blomqvist et al., 2006), suggesting 
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that FtsH might be a protease that rapidly degrades 
protochlorophyllide-oxido-reductase upon illumi-
nation, the key enzyme in chlorophyll biosynthesis. 
Later, it was shown that not only light, but also 
heat affects the plastidic FtsH proteases (Garcia-
Lorenzo et al., 2008). Active FtsH proteases are 
known to form functional homo- or heterohexam-
ers. FtsH 1 and 5 (type A), as well as FtsH 2 and 8 
(type B), form homologous pairs with a very high 
degree of sequence identity. In heterohexamers, 
type A and type B subunits were found to possess 
a ratio of 1:2 (Sakamoto et al., 2003; Zaltsman et 
al., 2005b). FtsH5 was shown to be 4–5 times more 
abundant than FtsH1 in type A, whereas in type B 
subunits, the FtsH2 amount was 2–3 times higher 
than FtsH8 (Moldavski et al., 2012).

In Synechocystis 6803, four isomers of FtsH have 
been identified. Inactivation of two of these isomers 
(FtsH1/Slr1390 and FtsH3/Slr1604) is lethal, 
while the other two (FtsH2/Slr0228 and FtsH4/
Sll1463) are dispensable (Nixon et al., 2005). After 
membrane fractionation, FtsH2 and FtsH4 were 
detected in the thylakoid membrane (Komenda 
et al., 2006; Pisareva et al., 2007), while FtsH1 
and FtsH3 were found in the plasma membrane 
(Pisareva et al., 2007). Furthermore, FtsH2 was 
co-purified with FtsH3 (Barker et al., 2008), and 
FtsH1/FtsH3 and FtsH4 complexes (Boehm et al., 
2012a) were identified.

Interestingly, further multiplication of plant 
FtsHs has occurred since chloroplasts diverged 
from their prokaryotic progenitors, such that 
duplicate genes have evolved from the different 
cyanobacterial genes. In the green algae C. rein-
hardtii, seven active and two inactive FtsH genes 
were identified. In monocot rice, at least nine active 
and one inactive FtsH genes were identified, while 
in the Populus tree, 18 active and six inactive ones 
were found (Garcia-Lorenzo et al., 2008).

Deg proteases
Deg proteases, formerly DegP (degradation of 
periplasmic proteins) or HtrA (high temperature 
requirement A), are ATP-independent serine 
proteases (Rawlings et al., 2012). Their structure 
consists of an N-terminal proteolytic domain con-
taining the His–Asp–Ser catalytic triad, followed 
by one or two C-terminal PDZ domains, mediating 
a wide range of protein–protein interactions. Deg 
proteases were first described in E. coli (Lipinska 

et al., 1989; Strauch et al., 1989), but were later 
detected in other bacteria, archaea and eukaryota. 
They are involved in various cellular pathways 
related to stress tolerance or protein folding during 
stress (Clausen et al., 2002). Synechocystis 6803 
contains three Deg proteases (see Kieselbach and 
Funk, 2003); while in A. thaliana, there are 16 Deg 
protease members located in various organelles 
(e.g. the nucleus, the chloroplast, the mitochondria 
and the peroxisome) (Schuhmann and Adam-
ska, 2012). At least four of these A. thaliana Deg 
proteases are located in the plastid (Deg2 on the 
stromal side of the thylakoid membrane, and Deg1, 
5, 8 in the thylakoid lumen) (Tanz et al., 2014). The 
best characterized Deg proteases are located in the 
thylakoid lumen: Deg1 was shown to support the 
assembly of Photosystem II (PSII), while Deg5 and 
Deg8 form hetero-complexes and have synergistic 
functions (Sun et al., 2007).

Deg proteases form stable homotrimeric com-
plexes via hydrophobic interactions between the 
protease domains. PDZ domains and/or the pro-
truding LA loop of the protease domain facilitate 
further oligomerization of these basic trimer units 
into bigger complexes, such as hexamers, 12-mers 
or 24-mers. These cage-like oligomeric structures 
are thought to trap substrate within their inner 
cavity, until protein procession is complete. Forma-
tion of high-order oligomers can be triggered by the 
presence of substrate or a change in pH (Huesgen et 
al., 2011; Kley et al., 2011; Sun et al., 2012), which 
normally involves activation of the protease.

D1 degradation
When photosynthetic organisms absorb more 
light than can be used for chemical conversion, 
this excess energy can cause damage to the cell. 
The PSII reaction centre polypeptide D1 is par-
ticularly susceptible to photodamage (Barber and 
Andersson, 1992). Notably, any photodamaged D1 
protein is rapidly replaced by a de novo synthesized 
copy, while all other 30 PSII subunits stay intact. 
The continuous photo-inactivation and repair of 
PSII takes place under all light conditions, although 
it proceeds at a much higher rate under high light. 
Two mechanisms of photoinhibition have been 
proposed: acceptor-side photoinhibition, as a 
consequence of the generation of singlet oxygen 
after Phe–/P680+ charge recombination; and 
donor-side photoinhibition, involving generation 
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of superoxide anion radicals on the donor side 
of PSII (reviewed in Andersson and Aro, 2001). 
Repair processes include the degradation of dam-
aged D1 polypeptides, de novo synthesis of D1 on 
chloroplast ribosomes, processing of newly synthe-
sized D1, association of D1 with chlorophyll and its 
reaction centre partners, and assembly of the het-
erodimeric complex with other PSII polypeptides. 
Recent biochemical and molecular biological stud-
ies identified several of the repair factors involved 
in the degradation of damaged D1 subunits (Nixon 
et al., 2010). In vitro experiments identified differ-
ent proteases responsible for the degradation of 
photodamaged D1, as a consequence of donor-side 
photoinhibition or acceptor-side photoinhibition 
events (see Vass and Cser, 2009); however, it is still 
unclear which proteases perform the primary cleav-
age (Nixon et al., 2010). Despite uncertainty about 
the precise mechanisms involved in D1 degradation, 
it is known that the FtsH and Deg protease families 
are involved in the process (reviewed in Huesgen et 
al., 2009). Although, there is controversy over the 
exact roles of Deg and FtsH in the proteolytic pro-
cess of the D1 protein. For example, an A. thaliana 
FtsH2 deletion mutant was unable to repair dam-
aged D1 polypeptide (Bailey et al., 2001; Bailey and 
Grossman, 2008). Interestingly, FtsH2 contains a 
unique luminal loop domain of 81 amino acids that 
is exclusively found in FtsH proteins from oxygenic 
phototrophs and may be crucial to the function 
of oxygenic photosynthetic organisms (Bailey et 
al., 2001; Garcia-Lorenzo et al., 2008). The same 
domain was also observed in FtsH6 and FtsH8 of 
A. thaliana, as well as FtsH2 of Synechocystis 6803, 
but is missing in A. thaliana FtsH1 or FtsH5. Since 
FtsH proteases are poor at unfolding, the first pro-
teolytic cleavage was assumed to be performed by a 
Deg protease in plants (Kato and Sakamoto, 2010), 
before the VAR1/VAR2 FtsH hetero-complex fur-
ther digests D1. The stromal Deg2 protease also was 
proposed to perform primary cleavage (Haussuhl et 
al., 2001), although later it was shown that an A. 
thaliana mutant lacking Deg2 was able to degrade 
D1 (Huesgen et al., 2006). Instead, the luminal 
Deg1 (Kapri-Pardes et al., 2007) or the Deg5/
Deg7 pair could introduce single cuts in the lumen-
exposed loops of D1, given that a deg5/deg8 double 
mutant grew poorly when exposed to high light and 
was shown to be impaired in D1 degradation (Sun 

et al., 2007). More recently, studies on A. thaliana 
Deg/FtsH double mutants proposed a reverse 
order of these proteases (Adam et al., 2011; Kato et 
al., 2012). Alternatively, the order of cleavage might 
be dependent on the damage site of D1 (Yoshioka-
Nishimura and Yamamoto, 2014).

Current evidence suggests that damaged D1 pro-
tein is removed by FtsH alone in Synechocystis 6803 
(Fig. 2.7). Contrary to higher plants, D1 is degraded 
at the N-terminal in cyanobacteria (Yamamoto et 
al., 2001). The amount of D1 degradation, which 
occurs rapidly, was reduced dramatically in the 
absence of FtsH2 (Silva et al., 2003). Furthermore, 
full-length D1 was stabilized in the ftsh2 deletion 
mutant, and there was no evidence for the accu-
mulation of D1 fragments (Silva et al., 2003). FtsH 
protease was found to accumulate during high light 
treatment (Singh et al., 2008) and FtsH2, 3 and 4 
have been co-isolated with PSII in light-stressed 
cells (Kashino et al., 2002; Yao et al., 2007). Stud-
ies of mutants depleted of all three Deg proteases 

Figure 2.7 Model of D1 degradation in the 
cyanobacterium Synechocystis sp. PCC 6803. 
Current evidence suggests that damaged D1 protein 
is removed by FtsH2 in Synechocystis 6803. FtsH2, 
FtsH3 and FtsH4, have been co-isolated with His-
tagged ScpD, ScpC and PSII complexes exposed to 
high light stress; ScpC and ScpD may therefore be 
involved in chlorophyll storage during PSII repair.
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showed that Deg proteases are not crucial for the 
repair of cyanobacterial D1 (Barker et al., 2006), 
and proteomic studies comparing wild type cells 
with single or triple Deg mutants did not identify 
any chlorophyll-binding protein as hypothetical 
substrate (Tam et al., 2015; Miranda et al., 2013). 
However, Deg proteases may play an indirect role in 
optimizing repair at higher temperatures in cyano-
bacteria.

In any case, damaged D1 has to be transported 
out of the grana towards the margins where the 
repair machinery is presumed to be located. 
Recently, it was shown that in the stromal regions 
of the thylakoid membrane, FtsH proteins do not 
form hexameric complexes, but monomers and 
homo- or heteromeric dimers (Yoshioka et al., 
2010); hence, hexameric complexes were identi-
fied only in the grana regions. In plants, general 
structural changes of the thylakoid membrane were 
observed after stress exposure, including shrinkage 
of the grana and unstacking (Khatoon et al., 2009; 
Kirchhoff et al., 2013). It is assumed that FtsHs 
action takes place either near the grana margins 
or in the thylakoid membranes when they are less 
compressed, e.g. during high light or heat stress.

In cyanobacteria, D1, D2, cyt b559 and PsbO have 
been detected in the plasma membrane, after two-
phase partition followed by immune staining (Zak 
et al., 2001), while CP47 and CP43 were detected 
exclusively in the thylakoid membrane fraction. 
Confocal microscopy studies on cells exposed to 
different light intensities even locate FtsH1 in the 
cytoplasmic membrane, while FtsH2 and an FtsH1 
subpopulation were detected in distinct regions 
of the thylakoid membrane. FtsH3 and FtsH4 
were observed at the distal edges of the thylakoid 
membrane under low light, shifting towards the cell 
periphery after high light exposure (Sacharz et al., 
2015). While FtsH3 and FtsH4 are co-localized 
with assembly centres (Stengel et al., 2012), FtsH2 
might be located in distinct repair zones (Sacharz et 
al., 2015). A FtsH2-deletion mutant was shown to 
be sensitive towards high light, while its photodam-
aged D1 protein was found to accumulate within the 
thylakoid (Silva et al., 2003; Komenda et al., 2006); 
FtsH2 appears to have no function in degrading 
unassembled D1 (Komenda et al., 2010). Finally, 
FtsH2, but also FtsH3 and FtsH4, have been co-
isolated with His-tagged ScpD and PSII complexes 

exposed to high light stress (Yao et al., 2007). In 
this context, ScpC and ScpD may be involved in 
chlorophyll storage during PSII repair (Yao et al., 
2007; Hernandez-Prieto et al., 2011), while ScpE is 
important for the assembly of chlorophyll-binding 
proteins (Yao et al., 2012).

LHC degradation
Despite the very high content of LHC proteins in 
the plant cell and their importance for the adapta-
tion and viability of plants, very little is known 
about LHC proteins degradation and regulation 
(reviewed in Garcia-Lorenzo et al., 2005; Adam, 
2013; Dall’Osto et al., 2015). Under normal growth 
conditions, turnover of the LHC proteins is very 
low. However, acclimative decline of LHCII in 
plants grown under high-intensity light was shown 
to occur not only on a transcriptional level, but 
also by degradation of pre-accumulated LHCII 
apoproteins (Yang et al., 1998; Jansson et al., 2000). 
Monomerization and/or exposure to certain amino 
acid sequences within LHCII may trigger degrada-
tion of LHC proteins (Yang et al., 1998; Mick et al., 
2004). Alternatively, the degradation of chlorophyll 
(Park et al., 2007), specifically of chlorophyll b 
(Horie et al., 2009) may induce proteolysis. Several 
different proteases have been identified that might 
be involved in the proteolysis of LHCII apopro-
teins under various environmental conditions 
(reviewed in Garcia-Lorenzo et al., 2005; Dall’Osto 
et al., 2015). More recently, a metalloprotease was 
identified to be responsible for Lhcb3 degrada-
tion in barley as well as A. thaliana (Zelisko and 
Jackowski, 2004; Zelisko et al., 2005). FtsH6 was 
identified to be able to degrade Lhcb3 in vitro 
(Zelisko et al., 2005); however, an ftsH6 knock-out 
mutant did not display any phenotype when grown 
in the chamber or in the field (Wagner et al., 2011). 
Furthermore, the VAR1/VAR2 hetero-complex 
was shown to be involved in the stress-dependent 
degradation of Lhcb1–3 in isolated PSII-mem-
brane particles (Lucinski and Jackowski, 2013). In 
contrast, the minor antenna proteins were shown to 
be degraded by Deg proteases. For example, Deg1 
of A. thaliana or maize degraded CP26 and CP29 
in a light-dependent manner (Zienkiewicz et al., 
2012, 2013), while Deg2 was shown to degrade 
CP24, when exposed to high temperatures or high-
intensity light (Lucinski et al., 2011).
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Concluding remarks and future 
trends
During the last decades, considerable understanding 
of assembly and disassembly of chlorophyll-bind-
ing proteins has been achieved. The function of 
numerous accessory proteins has been identified 
(reviewed in Nixon et al., 2010). X-ray structures of 
LHCII, CP29, and cyanobacterial PSII at high reso-
lution have provided new insights into the structural 
and functional organization of these complexes, 
and super-molecular organization in the thylakoids 
(Pan et al., 2011; Umena et al., 2011). However, the 
X-ray structure of the PSII super-complex in plants, 
which differs from the PSII core of cyanobacteria, 
is yet to be determined (Caffarri et al., 2009). Much 
information was obtained on the function of LILs, 
which seem to be involved in different aspects 
of photo-protection. Some of them are directly 
involved in insertion/regulation of pigments into 
the polypeptides, others are involved in light dissi-
pation without tightly binding pigments. However, 
the molecular function and localization of some 
LILs remains elusive, as do the roles of PsbS, and 
ELIPs in plants. To understand at molecular level 
the process of light dissipation is important to 
enhance the use of sunlight to increase crop pro-
ductivity (Horton, 2000). An increased capacity of 
light dissipation could increase crop productivity 
of 30% (Zhu et al., 2004). Several advances in the 
cpSRP pathway were gained recently; specifically, 
mutations in this pathway may increase algal bio-
mass production substantially (Kirst and Melis, 
2014).

Several aspects of the LHCs role in targeting and 
folding in vivo are not well understood; for example, 
the role of chlorophyll b in this processes is yet to 
be determined. Furthermore, although retrograde 
signalling from chloroplast to nucleus is a widely 
accepted mechanism, the signal molecules are 
mostly unknown.

Evolution has shaped the photosynthetic appa-
ratus creating a plethora of chlorophyll-binding 
proteins to adapt to different environmental cues. 
Light harvesting in general and chlorophyll-bind-
ing proteins in particular represent an important 
resource to increase the efficiency of light-to-bio-
mass conversion in photosynthetic microorganisms, 
algae and plants.
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Abstract
The thylakoid membrane harbours the photosyn-
thetic machinery and is the site of light reactions 
in plants, algae, and cyanobacteria. In plants and 
green algae it stacks up to form the remarkable 
granal structures, the origin of which is likely to be 
a compromise between efficient light harvesting 
and diffusional freedom of electron carriers. Dif-
fusional limitation in the highly crowded thylakoid 
membrane may also keep the grana diameter in 
check. The semi-crystalline array formation of pho-
tosystems and compositional changes in thylakoid 
lipids are strategies to overcome diffusional limita-
tions under a variety of abiotic stresses. Under light 
and nutrient stress, the thylakoid membrane is pro-
foundly reconfigured in ultrastructure, organization 
and composition. This striking plasticity in the 
structure and function of the thylakoid membrane 
tunes photosynthetic energy conversion in chang-
ing environmental and developmental conditions. 
A complete understanding of thylakoid membrane 
flexibility may illuminate and inform reengineering 
of photosynthesis and the design of artificial photo-
synthetic membranes.

Introduction
Chloroplasts are double membrane-bound cyto-
plasmic organelles and the sites of photosynthesis 
in plants and algae. They originated from free-living 
cyanobacteria, which established a symbiotic 
relationship with a eukaryotic host cell around 1.2 
billion years ago. In both cyanobacteria and chlo-
roplasts, photosynthesis takes place on specialized 
membranes known as the thylakoids, which are 
essentially flattened sacs. Thylakoid membranes are 
contained within chloroplasts in plants and algae, 

but in cyanobacteria they are the invaginations of 
the plasma membrane. Although our understand-
ing of thylakoid structure and function is nearing 
atomic resolution, the thylakoid biogenesis is still 
shrouded in mystery. Thylakoid biogenesis should 
involve the concerted assembly and incorporation 
of multi-subunit protein complexes, lipids and a 
variety of inorganic and organic cofactors. There 
is an increasing realization that the synthesis and 
assembly of protein complexes takes place in dis-
tinct membrane ‘zones’ or ‘centres’ (Nickelsen and 
Zerges, 2013; Rast et al., 2015). In cyanobacteria 
‘thylakoid centres’ are rod-like membrane structures 
whose ends are tethered to the plasma membrane 
(Van De Meene et al., 2006). These rod-like struc-
tures consist of assemblies of homo-oligomeric 
vesicle-inducing protein in plastids 1 (VIPP1) 
proteins (Fuhrmann et al., 2009; Nordhues et al., 
2012). VIPP1 participates in the assembly of pro-
tein complexes by facilitating lipid insertion into 
them (Nordhues et al., 2012). The important role of 
VIPP1 in thylakoid biogenesis is underlined by the 
fact that it is absent in the non-thylakoid-forming 
cyanobacterium Gloeobacter violaceus (Rippka 
et al., 1974; Nakamura et al., 2003). VIPP1 is a 
nuclear-encoded chloroplast protein in plants and 
algae. In Chlamydomonas reinhardtii it assembles 
into dot- or rod-like structures in an area compris-
ing the so-called translation zones (T zones), where 
the translation of some major photosynthetic pro-
tein complexes takes place (Nordhues et al., 2012). 
It is not clear whether such dedicated thylakoid 
membrane zones or biogenesis centres occur in 
plant chloroplasts.

There are four major electron transport com-
plexes embedded in the thylakoid membrane. 
They are photosystem II (PS II), photosystem I 



Puthiyaveetil et al.60 |

(PS I), cytochrome b6 f complex (cyt b6 f) and ATP 
synthase (ATPase). PS II is the water: PQ oxidore-
ductase of oxygenic photosynthesis. Its monomeric 
core is 350 kDa in size, a massive structure with 
nearly 30 protein subunits (Suga et al., 2014; Umena 
et al., 2011). The reaction centre (RC) is formed 
by the heterodimeric D1-D2 proteins. CP43 and 
CP47 proteins constitute an internal antenna ring 
around the RC. Other subunits are mostly minor 
that sit in and around the RC, with roles in stabiliza-
tion, dimerization, and biogenesis of PS II. Some of 
the minor subunits form the luminal housing – the 
oxygen evolving complex (OEC) – that harbours 
the Mn4Ca cluster catalysing the water oxidation. 
The beta barrel protein PsbO is a major component 
of the OEC. PS II core also contains the redox cofac-
tors involved in electron transport and the special 
pair of chlorophylls, which initiate electron transfer 
reactions. The trimeric light-harvesting complex II 
(LHC II) is the light harvesting antenna of PS II in 
plants and green algae but under certain conditions 
it can also serve PS I. Each LHC II monomer binds 
eight chlorophyll a, six chlorophyll b, two luteins, 
one neoxanthin and one additional xanthophyll, 
to the tune of a chlorophyll concentration of 0.3 
M (Liu et al., 2004). LHC II tethers to the core 
through the monomeric antennae CP29, CP24 and 
CP26. The core itself is dimeric, to which LHC II 
may bind strongly (through CP26), moderately 
(through CP29 and CP24), or loosely, forming the 
S, M, and L trimers of the LHC II (Boekema et al., 
1999). The membrane-extrinsic phycobilisome 
substitutes LHC II in cyanobacteria and red algae. 
Certain non-green algae contain PS II antennae that 
are quite different from LHC II and phycobilisomes 
(Hohmann-Marriott and Blankenship, 2011).

PS I is the PC:ferredoxin oxidoreductase, 
which generates the most negative redox poten-
tial in nature (Nelson and Ben-Shem, 2004). It is 
monomeric in plant and green algae, trimeric in 
cyanobacteria and even tetrameric in a thermo-
philic cyanobacterium (Li et al., 2014). The PS 
I RC is formed by the heterodimeric PsaA-PsaB 
proteins. The PsaC, D and E subunits comprise the 
stromal ferredoxin docking site and the PsaF and N 
subunits constitute the luminal plastocyanin (PC) 
binding site. The PS I antenna is made up of four 
light-harvesting complex I (LHC I) monomers 
that form a crescent-shaped belt around the core 
(Amunts et al., 2007; Qin et al., 2015).

The cyt b6 f complex is the PQH2:PC oxidore-
ductase that bridges the two photosystems in 
the electron transport chain. The cytochrome b6 
subunit binds the two haems that participate in the 
electron transport. It also binds an additional haem, 
haem x, whose function remains uncertain (Kurisu 
et al., 2003; Stroebel et al., 2003). The other major 
subunits of cyt b6 f are subunit IV, cytochrome f 
and the Rieske iron–sulfur protein. Subunit IV 
together with cyt b6 and Rieske protein form the 
two PQ binding sites, Q i and Q o, for the operation 
of the Q-cycle. The cyt f makes up the luminal PC 
docking site and the Rieske protein transfers an 
electron from the Q o-bound PQH2 to cyt f through 
its mobile head. In addition to these four large 
subunits, cyt b6 f also contains four small (~ 3 kDa 
each) single membrane-spanning subunits, PetG, 
-L, -M and -N, which form a ‘picket-fence’ at the 
periphery of the complex (Kurisu et al., 2003). A 
beta-carotene molecule inserts through this and is 
likely to aid in the assembly of the whole complex. 
A chlorophyll a molecule, with an assumed struc-
tural role, is also found within the cyt b6 f (Hasan 
and Cramer, 2012).

The ATPase couples the proton gradient to ATP 
formation through a rotary mechanism ( Junge et 
al., 2009). It comprises a membrane embedded Fo 
and membrane extrinsic F1 portions. The rotor is 
made up of the rod-shaped central gamma subu-
nit and the C-subunit ring, whose ring size varies 
between species. The major components of the 
stator are the catalytic A and B subunits, the stalks I 
and II, and the proton channel forming IV subunit 
(Abrahams et al., 1994). In addition to these four 
major electron transport complexes, chloroplasts 
also contain the NADH dehydrogenase complex, 
homologous to the complex I of mitochondria. It 
seems that the plant NADH dehydrogenase has lost 
the NADH-binding subunit and its NADH dehy-
drogenase function (Shikanai, 2014). Its functional 
role is discussed below.

PS II, cyt b6 f and the PS I participate in the 
linear electron transport from water to NADP+, 
producing ATP and the reducing power NADPH 
for the fixation of CO2 into carbohydrates. The 
vectorial electron transport reactions of photosyn-
thesis generate a proton gradient, required for ATP 
synthesis by the ATPase. Electrons could also flow 
around PS I in cyclic electron transport, produc-
ing just the ATP in the process. This cyclic mode 
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also requires the cyt b6 f complex, with the NADH 
dehydrogenase complex thought to be one arm of 
this pathway (see Chapter 4) (Shikanai, 2014). For 
their efficient functioning in light conversion, elec-
tron transport complexes form supercomplexes. 
Supercomplexes of PS II comprise a PS II core with 
varying numbers of LHC II attached. The most 
abundant supercomplex is C2S2M2, which has a 
dimeric core with two S and M trimers attached 
(Kouril et al., 2012). Plant PS I can form a super-
complex with NADH dehydrogenase, as part of the 
cyclic electron transport (Shikanai, 2014). In the 
green alga C. reinhardtii the cyclic mode utilizes a 
supercomplex that incorporates PS I, LHC II, and 
cyt b6 f (Iwai et al., 2010).

The functional design of the thylakoid mem-
brane reveals it to be anything but static. A 
remarkable dynamism, reminding of the grand 
design of photosynthesis, is built into the fabric of 
the photosynthetic machinery across the phyloge-
netic spectrum (Anderson et al., 1995). This is to 
ensure its smooth functioning and preservation 
in changing environmental and developmental 
conditions. The dynamic responses of thylakoids 
include changes in its structure and function on a 
timescale of seconds to days. Abiotic factors such 
as light stress, drought and salinity are major drains 
on photosynthetic efficiency, contributing to 70% 
of the productivity loss in crop plants (Boyer, 
1982). A thorough understanding of the thylakoid 
acclimatory responses to abiotic factors should 
reveal important pathways and mechanisms that 
could be targets for reengineering photosynthesis 
in crops and biofuel algae. Abiotic stress tolerant 

pathways could also be transferred from tolerant to 
susceptible species. The dynamic design principles 
of the thylakoid membrane may also inspire and 
inform the fabrication of artificial photosynthetic 
membranes and systems.

This chapter gives an account of the struc-
tural and functional flexibility of the thylakoid 
membrane system. It begins by explaining the ultra-
structural and molecular features of the thylakoids, 
and moves onto the evolutionary selection pressure 
for the origin of grana, the problem of molecular 
crowding and its effect on diffusional processes, 
the constancy of grana diameter, the occurrence 
and significance of PS II arrays, the acclimatory 
changes in thylakoid lipid composition, and light 
and nutrient stress acclimations. The chapter 
ends by giving some areas for future pursuit. The 
treatment of some topics is not exhaustive, and if 
this is the case, relevant chapters and sources are 
indicated for a more comprehensive coverage. The 
main thrust is on mechanisms of plant thylakoids. If 
related processes, however, are known in algae and 
cyanobacteria, these are also mentioned.

Architecture of the thylakoid 
membrane
Plant and some green algal thylakoid membranes 
stack up into remarkable cylindrical granal struc-
tures (Fig. 3.1). The thylakoid stacking produces 
four distinct domains: the core grana, the grana 
margins, the end membranes, and the unstacked 
stroma lamellae. PS II is mainly found in the grana 
(Albertsson, 2001; Andersson and Anderson, 
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Figure 3.1 Dimensions and organization of the grana thylakoid membrane, about 4 nm thick; modified from 
(Kirchhoff, 2014). The figure is not to scale.
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1980; Dekker and Boekema, 2005; Staehelin, 2003; 
Staehelin and van der Staay, 1996). The stromal gap 
in grana is about 3.5 nm (Fig. 3.1), resulting in the 
exclusion of PS I and the ATPase from the grana, as 
their protrusions are larger (Abrahams et al., 1994; 
Amunts et al., 2007). This concentrates them in the 
stroma lamellae. The separation of PS II and PS I 
introduces a lateral heterogeneity in the thylakoid 
membrane of plants and green algae. Cyanobacte-
rial thylakoid membranes, in contrast to plants and 
green algae, show almost no membrane stacking 
or lateral heterogeneity (Mullineaux, 2005). The 
width of the plant thylakoid lumen is 4.5 nm in 
moderate light (Fig. 3.1), and this is variable under 
different light conditions. This variability represents 
an important aspect of the functional flexibility of 
the thylakoid membrane. The significance of the 
lumen width will be addressed in later sections 
10. In contrast to the photosystems, the location 
of the cyt b6 f complex is still under debate. It was 
initially assumed to be evenly distributed across the 
thylakoid membrane (Allen and Forsberg, 2001; 
Staehelin and van der Staay, 1996). A recent study 
using a semi-quantitative proteomics approach, 
however, shows an enrichment of cyt b6 f complexes 
in stroma lamellae (Tomizioli et al., 2014). Another 
recent study, using a PC-functionalized atomic 
force microscopy (AFM) probe, finds cyt b6 f in 
nanodomains with PS II in granal regions ( Johnson 
et al., 2014). An immunolocalization of the cyt b6 f 
using an anti-Rieske antibody, shows an enrichment 
of cyt b6 f in grana margins instead, contradicting 
these other reports (Puthiyaveetil, unpublished 
data). Where exactly the cyt b6 f occurs in the 
thylakoid membrane thus remains inconclusive, 
though its precise location is significant for long-
range diffusional processes as discussed below (see 
‘Macromolecular crowding in grana membranes – a 
challenge for diffusional processes’).

Why do thylakoid membranes 
form grana?
Interestingly, the sophisticated grana membrane 
structure of plants is not essential for oxygenic pho-
tosynthesis, raising the question of the functional 
advantage of grana stacks. Perhaps as an extreme 
example in granal stacking, the low light grown 
Alocasia macrorrhiza has as much as 160 thyla-
koids per granum (Chow et al., 1988a). An earlier 

suggestion is that grana formation facilitates light 
harvesting and its regulation via non-photochem-
ical quenching (NPQ), thus protecting PS II from 
photo-damage (Anderson, 1999; Horton, 1999). 
The membrane stacking has also been described as 
a way to physically separate the slow-working PS II 
from the fast-working PS I, hence avoiding a spillo-
ver of excitation energy (Trissl and Wilhelm, 1993). 
It is further suggested that the lateral heterogeneity, 
by grana formation, avoids competition between 
linear and cyclic electron flow (Albertsson, 2001), 
since the induction of cyclic electron flow requires 
a strong regulatory input (Bendall and Manasse, 
1995). However, most of the cyanobacterial 
thylakoids do not show lateral heterogeneity nor 
extensive stacking and have efficient NPQ mecha-
nisms (Bailey et al., 2005; Cadoret et al., 2004). 
Hence, preventing spillover and optimizing light 
harvesting are not sufficient reasons for grana evolu-
tion (Mullineaux, 2005). Another observation that 
speaks against the link between grana formation 
and efficient light harvesting is the demonstration, 
using artificially destacked grana membranes, that 
transversal energy transfer between membranes 
is not significant but the energy transfer is mainly 
lateral along the membrane plane (Kirchhott et al., 
2004a). It has thus been speculated (Mullineaux, 
2005) that the evolution of stacked grana mem-
branes might represent a compromise between 
efficient light harvesting with a relatively large 
LHC  antenna and the diffusional freedom of PQ 
in the PS II-enriched membrane, since the lateral 
packing of LHC II around PS II would restrict PQ 
diffusion.

For many species the fraction of grana mem-
branes, including grana core and grana margins, is 
80% of the thylakoid membrane and is remarkably 
constant (Anderson et al., 1995). The grana diam-
eter in different plant species of higher plants is also 
remarkably constant, varying only slightly in non-
stressed conditions within 400–500 nm (Fig. 3.1) 
(Anderson et al., 2008; Kaftan et al., 2002; Kirch-
hoff, 2008a). Thus it seems that the grana diameter 
is evolutionarily constant, though the significance 
of this consistency is not known. Grana harbour 
80% of the chlorophylls in thylakoid membrane 
and are densely packed with proteins. The latter 
has a major effect on diffusional processes that are 
required for diverse photosynthetic functions, as 
discussed in detail below.
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Macromolecular crowding in 
grana membranes – a challenge 
for diffusional processes
LHC II–PS II supercomplexes alone and LHC II–
PS II supercomplexes with additional loosely bound 
LHC II trimers (approximately three per PS II RC) 
occupy around 50% and 80% of the total grana 
membrane area, respectively (Kirchhoff, 2008a). 
EM and AFM studies verify these data (Kirchhoff 
et al., 2002, 2004b; Tremmel et al., 2003), revealing 
the protein area of grana to be remarkably constant 
between 70 and 80%.

For the entire thylakoid membrane protein 
density is about 69% (Kirchhoff et al. 2002). Pre-
cise data for the protein density in stroma lamellae 
is lacking, but is assumed to be one-third lower 
than that of grana. Dense protein packing in grana 
membranes is advantageous for light harvesting as 
sunlight is a dilute energy source on the molecular 
scale (Blankenship, 2002). High pigment con-
centration and protein densities are beneficial in 
terms of efficient light absorption and harvesting, 
respectively, maintaining the required ultrafast 
energy transfer and the high quantum yield of 
PS II (Kirchhoff, 2008; Haferkamp et al. 2010). 
Interestingly, dilution of the protein density from 
80% to about 70% increases light harvesting by PS 
II and the connectivity of PS II reaction centres, 
indicating that native grana membranes adjust their 
protein density to about 70% to ensure efficient 
light harvesting (Haferkamp et al., 2010). A further 

dilution of the protein density with lipids, however, 
causes a separation of PS II and LHC II complexes. 
A decreased excitonic coupling of these complexes 
led to a lower PS II quantum efficiency, pointing 
towards the significance of molecular crowding and 
an optimal protein packing density of 70% (Hafer-
kamp and Kirchhoff, 2008; Haferkamp et al., 2010).

Molecular crowding can be disadvantageous as 
well, as it hampers lateral diffusion processes (Ellis, 
2001). The diffusion space available for molecules 
is determined by the amount of obstacles in a 
definite (membrane) area and the size of the diffu-
sion particles (Minton, 2001). In grana membrane 
bilayers, PS II and LHC II cause crowding, whereas 
in the lumen, the water splitting complexes of PS 
II represent obstacles for diffusion (Fig. 3.2). Thus, 
diffusion of PQ and xanthophylls through the 
membrane and of PC through the thylakoid lumen 
are hindered.

Diffusion of PQ through the grana 
membrane is challenged by 
macromolecular crowding
PQ diffusion is central for photosynthetic energy 
conversion as it is the electronic connection 
between PS II and the cyt b6 f complex. The signifi-
cance of PQ is not confined to electron transport 
(Kirchhoff, 2008b), but its redox state also medi-
ates the expression of photosynthetic genes as well 
as the redistribution of antennae proteins (LHC II) 
in a process known as state transitions (Allen et al., 
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Figure 3.2 Macromolecular crowding in the grana membrane and lumen. Modified from Kirchhoff (2014). 
Crowding by PS II with its LHC II in the grana membrane is represented by dark green PS II-LHC II complexes 
occurring as microdomains. Microdomains are also formed in the lumen by the water splitting complex of PS II, 
depicted in orange for the lower membrane and violet for the upper membrane. Figure is not to scale.
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1981; Pfannschmidt et al., 1999). An overreduced 
PQ pool can also trigger photo-inhibition, the light-
induced loss of photosynthetic activity.

A theoretical consideration, assuming randomly 
distributed proteins in the grana area, predicts 
restricted PQ diffusion (Tremmel et al., 2003). PQ 
diffusion through a pure lipid membrane is faster 
approximately a thousand-fold than through a 
thylakoid membrane (Kirchhoff et al., 2002). This 
implies that many thylakoid proteins, considered 
as ‘diffusion obstacles’, hinder PQ diffusion and 
consequently the linear electron transport becomes 
diffusion-limited. The formation of protein com-
plexes such as the dimeric cyt b6 f, trimeric LHC II, 
dimeric PS II-LHC II and monomeric PS I-LHC I 
(Nelson and Ben-Shem, 2004) has been considered 
to facilitate energy transfer between LHC II com-
plexes and PS II (Haferkamp et al., 2010), and to 
be a strategy on the molecular scale to decrease the 
problem of limited diffusion (Kirchhoff, 2008a).

Another hierarchy of organization has been 
predicted in the microdomain concept, which 
states that small lipid microdomains occur in close 
proximity to active PS II (Fig. 3.2) (Lavergne et al., 
1992). Within these domains only a few PS II and 
cyt b6 f complexes share a small PQ pool, allowing 
fast, short distance electron shuttling between PS II 
and cyt b6 f complexes and thereby avoiding convo-
luted diffusion paths (Kirchhoff et al., 2000, 2002).

On a supramolecular level, the chiral arrange-
ments of PS II and LHC II complexes in grana can 
result in LHC II-containing macrodomains that 
exclude PS I (Garab and Mustárdy, 2000; Garab et 
al., 1991). They are considered to not only ensure 
lateral segregation of the two photosystems but 
also provide the basis for a controlled, yet, flex-
ible light-harvesting machinery (Anderson and 
Andersson, 1988; Garab and Mustárdy, 2000). It 
was shown that LHC II-containing macrodomains 
have a long-range order. Based on the evidence of 
long distance migration of energy in lamellar aggre-
gates of LHC II (Barzda et al., 1996), large arrays 
with long-range order were assumed to represent 
a structure for long-distance energy migration in 
membranes (Garab and Mustárdy, 2000). It was 
later shown by Boekema et al that PS II–LHC II 
arrange in well-ordered crystalline arrays, with PS 
II–LHC II supercomplexes in one membrane, and 
the LHC II-only complex in the adjacent part of the 

opposing membrane (Boekema et al., 2000; Dekker 
and Boekema, 2005). The authors also speculate 
that this array formation and structural organiza-
tion of macrodomains might allow efficient energy 
transfer from LHC II to PS II (Boekema et al., 
2000). The structure and flexibility of macrodo-
mains depends on the lipid content (Simidjiev et 
al., 1997) as well as light conditions. Light induced 
structural changes appear as partial destacking of 
membranes, followed by a detachment of particles 
or complexes from macrodomains, and diffusion of 
the free particles such as damaged PS II and LHC 
II to stroma lamellae (Garab and Mustárdy, 2000). 
This arrangement thus allows a dynamic response 
to ever changing light conditions. The formation 
of protein supercomplexes and their organization 
into macrodomains could further help to minimize 
the obstruction of PQ diffusion (Tremmel et al., 
2003). This will be discussed in more detail below 
(‘Formation of protein arrays under diverse stress 
conditions – a mechanism to overcome diffusion 
limitation?’).

The mobility of xanthophylls is 
restricted by macromolecular 
crowding
Another process that is diffusion dependent 
and expected to be restricted in crowded grana 
membranes is the conversion of violaxanthin to 
zeaxanthin, a process that is crucial for the proton-
gradient-dependent photo-protective quenching of 
excess excitation energy in PS II (qE). The violax-
anthin de-epoxidase, required for the conversion of 
vioalxanthin to zeaxanthin, is found in the lumen 
( Jahns et al., 2009). The induction of qE therefore 
involves the unbinding of violaxanthin from LHC 
II, its migration to the luminal VDE, and the back 
migration of zeaxanthin to the LHCII complexes 
( Jahns et al., 2009). Since this process requires 
long-distance diffusion, the induction of qE may 
also be diffusion limited (Macko et al., 2002).

The diffusion of PC can be restricted 
by the water splitting complex of 
PS II
Another electron carrier, PC, electrochemically 
connects the cyt b6 f complex and PS I by its dif-
fusion through the luminal space. In dark-adapted 
plants the width of the luminal space in thylakoid 
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membranes is 4.5 nm (Fig. 3.1). Considering the 
size of 3 × 3 × 4 nm of the reduced PC (Guss et al., 
1986), it scarcely fits in the luminal space. Further, 
considering the protrusions of the PS II water split-
ting complex (Fig. 3.2), the available diffusion space 
for PC is similarly restricted to microdomains as for 
PQ. These PC microdomains seem to be depend-
ent on light conditions (Kirchhoff et al., 2011), and 
disappear at higher light intensities. This aspect is 
further discussed in ‘High light acclimation of the 
thylakoid membrane’, below. Diffusion-dependent 
processes include not only mobile carriers like PQ 
and PC, but also protein complexes like LHC II and 
PS II.

The protein complexes PS II and 
LHC II need to diffuse through the 
crowded grana membrane
Compared to PC and PQ, PS II is rather immobile 
(Kirchhoff et al., 2008). Though PS II resides in 
stacked grana, its repair takes place in unstacked 
regions of the membrane. This requires long-range 
diffusion of PS II. PS II should therefore be mobi-
lized from the granal regions. Phosphorylation 
of PS II subunits, partial destacking of the granal 
stacks, and the swelling of thylakoid lumen may all 
contribute to the mechanism of PS II mobilization 
(Kirchhoff, 2014). The ultrastructural and molecu-
lar logistics of PS II repair are further discussed in 
‘High light acclimation of the thylakoid membrane’, 
below. Diffusion coefficients of photosynthetic 
antenna proteins in plants and cyanobacteria are 
100 times faster than PS II (Consoli et al., 2005; 
Kirchhoff et al., 2008). A light quality acclimation 
requires the diffusion of LHC II between PS II and 
PS I through the stacked and the unstacked mem-
brane regions. This aspect of antenna migration is 
further discussed in ‘Low light acclimation of the 
thylakoid membrane’, below.

Why is the grana diameter 
constant?
As mentioned earlier the grana diameter is 
remarkably constant in several species across the 
evolutionary scale. Why the grana diameter is 
constant is an open question. Theoretical consid-
erations show that a grana diameter smaller than 
400 nm would lead to high statistical fluctuations 

of the LHC II:PS II and the PS II:cyt b6 f ratios 
(Kirchhoff 2008a). This could lead to an inefficient 
transfer of excitation energy from LHC II to PS II. 
Further, random distribution of PS II complexes 
could reduce the efficiency of electron transport 
(Tremmel et al., 2003) or lead to an overreduction 
of the PQ Pool that in turn causes, among other 
things (see section ‘Macromolecular crowding in 
grana membranes’), photo-inhibition. By contrast, 
a larger grana diameter would lead to longer dif-
fusion times. Hence a grana diameter of 500 nm 
might reflect a compromise between optimal 
protein composition and efficient lateral diffusion 
processes such as that of PQ (Kirchhoff, 2008a). 
This computer simulation-derived hypothesis was 
difficult to test, given the lack of a suitable biologi-
cal model system. This changed recently with the 
availability of a mutant plant for the Curvature thy-
lakoid1 (CURT1) protein in Arabidopsis thaliana.

CURT1 is a highly conserved family of thy-
lakoid proteins found enriched in grana margins 
(Armbruster et al., 2013). They enable tight 
membrane curvature at the grana margins. An A. 
thaliana quadruple knockout mutant, in which all 
four CURT1 proteins (A, B, C and D) are missing, 
has a grana diameter three times larger, with fewer 
grana stacks, than the wild-type plants (Armbruster 
et al., 2013). An overexpressor line of curt1a, on 
the other hand, has a smaller grana diameter with 
more stacked membranes per granum (Armbruster 
et al., 2013). Curt1abc knockout plants have lower 
photosynthetic efficiency and a more reduced PQ 
Pool. Fluorescence induction kinetics measure-
ments and single turnover flash measurements of 
P700 indicate that due to a larger grana diameter, 
the diffusion-distance of PQ to the cyt b6 f complex 
becomes too long to be efficient (Höhner et al., 
unpublished data). Impaired diffusion therefore 
increases the reduction level of the PQ pool. The 
overexpressor line, in contrast, has a lower quan-
tum efficiency of PS II and a reduced biomass. It is 
tempting to speculate that these defects arise from 
a non-optimal grana diameter. However, the PQ 
Pool is slightly more oxidized and the reduction 
efficiency of the PQ pool in the overexpressor is 
slightly higher than in the wild type. In conclusion 
the grana diameter seems to determine the effi-
ciency of PQ mediated electron transport (Höhner 
et al., unpublished data).
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Formation of protein arrays 
under diverse stress conditions 
– a mechanism to overcome 
diffusion limitation?

Semi-crystalline arrays are formed 
under different abiotic stresses
As plants are sessile, it is challenging for them to 
adapt to ever-changing environmental conditions. 
Studies investigating acclimation processes in 
spinach under low light conditions reveal a down-
regulation of PS II and cyt b6 f complexes and an 
increase in the functional antenna size of up to 
60% to allow efficient light harvesting (Anderson, 
1986; Kirchhoff et al., 2007). In the same light 
condition, highly ordered semi-crystalline pro-
tein arrays form in the stacked grana membranes 
(Kirchhoff et al., 2007), comprised exclusively 
of LHC II-PS II supercomplexes (Daum et al., 
2010). Based on computer calculations, diffusion 
processes are hindered more in membranes with 
smaller obstacles than in membranes with larger 
obstacles (Saxton, 1993; Tremmel et al., 2003). 
Hence, array formation of LHC II-PS II super-
complexes might overcome the potential diffusion 
problems arising from the increase in smaller LHC 
II complexes and the decrease in PS II and cyt b6 f 
complexes. In the same membrane, a fraction of 
the thylakoid lipids (MGDG) form a non-bilayer 
phase known as the HII phase (further discussed 
in ‘Thylakoid membrane lipids determine protein 
assembly and function’). This lipid phase transi-
tion could increase the protein density in the 
thylakoid membrane, contributing to array forma-
tion. Additionally, the exclusion of the MGDG 
from the bilayer as HII phases has been suggested 
to reduce the lateral membrane pressure and thus 
permit array formation of PS II (Kirchhoff et al., 
2007). It is interesting to note that arrays are more 
abundant in low-light thylakoids than in moderate 
light thylakoids, probably to improve the diffusion 
of PQ and xanthophylls (Kirchhoff et al., 2007; 
Kouřil et al., 2013). Arrays are, however, also 
induced by certain buffers (Miller et al., 1976; 
Tsvetkova et al., 1995) or when exposed to low 
temperature (4oC) (Garber and Steponkus, 1976; 
Semenova, 1995). Sznee and co-authors (Sznee 
et al., 2011) also interpret this as a mechanism to 
facilitate long-range diffusion in a crowded mem-
brane.

Mutations that affect the abundance 
of semi-crystalline arrays
The importance of the ability of PS II to form 
ordered arrays is demonstrated with an antisense 
plant of A. thaliana. This plant is unable to synthe-
size proteins that form LHC II trimers but harbours 
PS II supercomplexes with almost the same abun-
dance as the wild-type plant (Ruban et al., 2003). 
This antisense plant compensates for the absence 
of LHC II by synthesizing more CP26, and forms 
arrays with the same frequency and structural fea-
tures as the wild type (Ruban et al., 2003). Another 
protein with an important role in array formation 
is PsbS. PsbS is a LHC II-like thylakoid protein 
involved in NPQ formation. In its absence the 
arrays are more abundant, which is consistent with 
a role of PsbS in controlling the macroorganization 
of the grana membrane (Kereïche et al., 2010). 
When PsbS is overexpressed, arrays do not exist 
at all and the fluidity of the thylakoid membrane 
increases. This might allow the reorganization of 
the PS II macrostructure necessary for efficient 
NPQ (Goral et al., 2012). This is in line with a 
recent study showing non-existence of arrays and 
a more random arrangement of PS II supercom-
plexes in high light-acclimated A. thaliana plants 
(Kouřil et al., 2013). An A. thaliana mutant lacking 
the minor antenna CP24 (de Bianchi et al., 2008) 
and the barley mutant zb63 that lacks PS I (Morosi-
notto et al., 2006) have an increased fraction of 
grana membranes that form arrays. Counterintui-
tively, these mutants show a compromised electron 
transport and an impaired PQ diffusion (de Bianchi 
et al., 2008; Morosinotto et al., 2006). The reason 
for this turns out to be a difference in the compo-
sition of LHC II–PS II supercomplexes that form 
the arrays. A. thaliana wild type predominantly 
forms arrays using the C2S2M2 supercomplexes 
(Dekker and Boekema, 2005), whereas the mutants 
with increased array formation utilize the C2S2 
supercomplexes. This suggests that the array com-
position and structure determine their functional 
consequence for photosynthesis.

Significance of semi-crystalline 
arrays
The significance of the highly ordered semi-crys-
talline arrays is not fully understood. It is currently 
assumed that the lipid-filled gap inside the protein 
arrays provides a ‘diffusion channel’ for lipophilic 
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molecules such as PQ or xanthophylls. Since pro-
tein density is higher in arrays, array formation may 
reduce macromolecular crowding in disordered 
regions elsewhere in the membrane. The mobil-
ity of PS II in array regions, however, might be 
restricted, leading to a slowdown of the PS II repair 
cycle. Depending on the acclimatory needs, abiotic 
factors might thus select the non-array arrangement 
to favour PS II repair cycle or the array arrangement 
for fast electron transport and induction of NPQ. 
This notion is supported by a recent study on the A. 
thaliana fad5 mutant that constitutively forms PS II 
arrays (Tietz et al., 2015).

Thylakoid membrane lipids 
determine protein assembly and 
function
Although lipids occupy only about 20–30% of the 
grana membrane area, they are of high structural 
and functional significance (see Chapter 1). Lipids 
form bilayers thereby separating the two aque-
ous phases, the cellular interior and the external 
world. Membranes not only provide a protective 
barrier for the cell by insulating it from the harsh 
conditions of the outside world, but also allow a 
controlled exchange of water, ions and organic 
molecules necessary for cellular homeostasis 
(see Chapter 10). Lipid bilayers further allow the 
embedding of proteins and provide the matrix for 
supercomplex formation. At the same time lipids 
prevent non-specific protein aggregations. Moreo-
ver, as discussed earlier, lipids also provide the 
diffusion medium for mobile carriers such as PQ.

Significance of thylakoid lipids 
for protein stability, function and 
membrane integrity
Galactolipids are the most abundant lipid class 
in thylakoid membranes. They are rich in poly-
unsaturated fatty acyl chains, which significantly 
contribute to membrane fluidity and flexibility 
(Nishio et al., 1985). Digalactosyl-diacylglycerol 
(DGDG), sulfoquinovosyl-diacylglycerol (SQDG) 
and phosphatidyl-diacylglycerol (PG) are bilayer 
forming galactolipids that make about 30%, 12% 
and 12% of the lipid content in thylakoid mem-
branes, respectively (Garab et al., 2000; Simidjiev 
et al., 2000). PG binds to LHC II and is involved 
in LHC II trimer formation in C. reinhardtii 

(Dubertret et al., 2002). Though SQDG has a simi-
lar fatty acid composition as PG, it does not seem to 
bind to LHC II. A study in C. reinhardtii indicates 
that SQDG might afford structural protection for 
PS II and help with its recovery from heat stress 
(Sato et al., 2003). A DGDG-deficient mutant of 
A. thaliana shows not only stunted growth and pale 
leaves but also an altered thylakoid membrane ultra-
structure, a compromised photosynthetic capacity 
(Dörmann et al., 1995), and a reduced stability of 
PS I as the PS I subunits PsaD and PsaE become 
susceptible to removal by chaotropic agents in the 
absence of DGDG (Guo et al., 2005).

Importance of MGDG and HII phases
MGDG occupies about 50% of the total lipid 
area and is the most abundant galactolipid in the 
thylakoid membrane. It is, however, a non-bilayer 
lipid. Due to its conical shape, a small head group, 
and bulky fatty acids, isolated MGDG does not 
form planar bilayer phases in the presence of 
water. There is however a long-standing interest in 
the role of non-bilayer lipids like MGDG, as the 
relative amount of non-bilayer lipids changes in 
response to environmental conditions (Harwood, 
1998). The variability in non-bilayer lipid content 
allows acclimation to extreme environmental 
stresses such as high light and drought (Garab 
et al., 2000). MGDG has the tendency to form 
rod-like aggregates packed in hexagonal arrays 
(Lee, 2000). In the rods the polar head group of 
MGDG either faces the centre, in which case the 
structure is called HII phase, or outwards as the HI 
phase (reviewed in Lee, 2000). The ‘lateral pres-
sure model’ suggests that non-bilayer lipids that 
are forced into a bilayer exist in a state of ‘physical 
frustration’ leading to an increase in membrane 
surface tension (Lee, 2000). This surface tension 
can influence the protein packing and protein 
function in the membrane (Gruner, 1989). LHC 
II complexes, in fact, force MGDG into a bilayer 
structure (Simidjiev et al., 2000). It is well known 
that LHC II complexes enable membrane stacking 
through transversal LHC II-LHC II interaction 
from adjacent membranes. Magnesium ions are 
also important for this process, since they mask 
the negative surface charge of LHC II (Barber, 
1982; McDonnel and Staehelin, 1980). Membrane 
stacking, however, does not occur in the absence 
of MGDG (Simidjiev et al., 1998), pointing to the 
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crucial role of MGDG in the stacking process. 
How precisely MGDG contributes to membrane 
stacking is not understood. The significance of HII 
phases in the thylakoid membrane is still unclear, 
decades after it has been observed and described 
for thylakoid membranes (Larsson, 1989). Jahns 
et al suggest that HII phases in the thylakoid mem-
brane are sites of non-protein-bound violaxanthin 
in the membrane and the docking site of the VDE. 
The hydrophobic areas of segregated MGDG 
phases are in direct contact with the membrane 
bilayer and its proteins. Such an arrangement 
could be a strategy to minimize diffusion times 
of xanthophyll cycle pigments to LHC II and back 
(see the section above), allowing efficient and fast 
photo-protection (Jahns et al., 2009).

Light stress acclimation of 
thylakoids
Although abundant as an energy source, light 
often becomes limiting for photosynthesis. Only 
half of the solar radiation that reaches the earth is 
photosynthetically active radiation, falling within 
the 400–700 nm wavelength range. Of this in-
band wavelength, some of the energy of the short 
wavelength blue light does not produce any useful 
photochemistry. This is due to the fact that the blue 
light excites the chlorophyll to a higher singlet state 
(S2) and that this results in the loss of the excita-
tion as heat. In essence, before accounting for the 
losses due to respiration, plants and algae are able 
to use only about 10% of the energy from sunlight 
to fix carbon. This meagre efficiency can further 
be eroded by profound gradients of light quantity 
and quality that exist in terrestrial and aquatic 
habitats on a time scale of seconds to seasons. Pho-
tosynthetic organisms have evolved a number of 
strategies to optimize light harvesting and conver-
sion in changing light conditions (Croce and van 
Amerongen, 2014). They involve changes in the 
ultrastructure, organization and composition of the 
photosynthetic thylakoid membrane.

Low light acclimation of the 
thylakoid membrane
Low light conditions predominate in canopy under-
stories and under cloud cover and shading. Even 
within a single plant or algal culture, self-shading 

can produce low light intensities for the lower 
leaves or low-lying algal cells. At the ultrastructural 
level, low light condition produces thylakoid mem-
branes with more stacks per grana. As discussed 
earlier one advantage of the granal stacks may 
be to enable the vertical connectivity between 
light harvesting antenna and PS II from adjacent 
membranes of the stack and thus a larger effective 
antenna cross-section, without hindering the dif-
fusion of PQ (Mullineaux, 2005). In low light, at 
the molecular level, PS II supercomplexes tend to 
form protein arrays and the array formation may be 
a strategy to evade molecular crowding (Kirchhoff 
et al., 2007). The lipidic channels within the arrays 
might facilitate the diffusion of the small lipophilic 
electron carrier PQ and the photo-protective 
xanthophyll species in the membrane (Tietz et al., 
2015). At low light conditions, the photosynthetic 
antenna becomes larger due to de novo synthesis 
and assembly of antenna proteins. As harvesting 
every photon becomes a priority in low light, this 
antenna size adjustment is a universal feature of low 
light acclimation in all photosynthetic organisms.

State transitions: an acclimation to 
changes in light quality
Due to reflection of the short wavelength green 
and preferential absorption of blue, yellow, orange 
and red by the upper layers of leaves, the light that 
reaches the lower leaves becomes enriched in longer 
wavelength far-red light. Conversely, in aquatic eco-
systems longer wavelength light is absorbed as the 
light penetrates through the water column, and the 
transmitted light is mainly of shorter wavelength. 
Low light conditions thus often have pronounced, 
and dependent on the ecosystem, different gra-
dients of light quality, which poses a particular 
challenge for the photosynthetic machinery. This 
challenge comes from the unique pigment environ-
ment, pigment composition and function of the two 
photosystems in oxygenic photosynthesis. With its 
chlorophyll b-rich antenna, PS II prefers shorter 
wavelength light and is inefficient in energy con-
version with wavelengths beyond 680 nm (Myers, 
1971). The antennae of PS I, on the other hand, 
are enriched with chlorophyll a, especially the so-
called far-red chlorophylls that absorb wavelengths 
beyond 700 nm (Qin et al., 2015). PS I is therefore 
the long wavelength photosystem. Under far-red 
light, PS I thus works faster than PS II. Since the 
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two photosystems are wired in tandem for linear 
electron transport, they should absorb and convert 
light energy at equal rates. Light quality gradients 
reconfigure the light harvesting antenna of photo-
systems through an acclimatory process known as 
state transitions (Allen, 2003; Bonaventura and 
Myers, 1969; Murata, 1969). Under preferential 
illumination of PS II with a short wavelength light, 
light 2, a fraction of LHC II that is loosely bound 
to the PS II core (L-form) is phosphorylated and 
drifts away from PS II (Fig. 3.3) (Galka et al., 2012). 
The detached LHC II then associates with PS I as 
its light harvesting antenna. Since PS I struggles 
in a PS II illumination, the newly associated LHC 
II diverts some of the absorbed excitation energy 
towards PS I at the expense of PS II. This acclima-
tory state to light 2 is known as state 2. Conversely, 
if PS I is selectively excited with a long wavelength 
light, light 1, LHC II becomes dephosphorylated 
and returns to PS II to assist it with light harvest-
ing in an illumination condition that favours PS I. 

This acclimatory state to light 1 is state 1 and the 
transitions between these states are called state 
transitions.

State transitions unequivocally alters the 
antenna cross-section of PS II and PS I in a com-
plementary way, and this can be monitored by 
fluorescence changes at 77K. The physiological 
relevance of this response, however, has been ques-
tioned by some studies, especially the existence of a 
light 2 illumination condition in nature (Tikkanen 
and Aro, 2012; Wientjes et al., 2013a). Sun flecks 
and a sudden transition from dark to light and 
low light to high light will favour PS II transiently, 
reduce the PQ pool and promote state 2. These 
light conditions therefore should be considered as 
light 2. Electron sink limitation and some altered 
metabolic pathways, which make the PQ pool 
over-reduced, could also induce state 2 transition. 
In principle, any light or metabolic conditions that 
momentarily reduce the PQ pool should activate 
the LHC II kinase and promote state 2. Another 
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Figure 3.3 A schematic representation of plant state transitions and photosystem stoichiometry adjustment. 
The approximate contours of PS II, PS I, and their antennae are shown. The mobile LHC II trimer in state 
transitions is marked as ‘L’. The LHC II kinase STN7 drives state 1 to state 2 transition and the LHC II 
phosphatase TAP38/PPH1 initiates state 2 to state 1 transition. The oxidized PQ regulates the transcription 
of plastid-encoded PS I reaction centre genes through the CSK-SIG1 signalling system. ‘SIG1P’ is a putative 
phospho-SIG1 phosphatase. The PQ pool also regulates, through an unknown pathway, nuclear cab genes 
encoding the PS II antenna.
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apparent inconsistency was that plants grown in 
green houses and growth cabinets tend to have a 
significant proportion of LHC II associated with 
PS I, as if they are in state 2 (Wientjes et al., 2013a). 
This observation has led to the suggestion that the 
LHC II serves both photosystems as antennae in 
most of the natural light conditions and there is no 
clear-cut state 1 or 2 in nature. A simple explanation 
for the growth-light induced LHC II-PS I associa-
tion may be the fact that the fluorescent lamps that 
lit plant growth facilities are conspicuously defi-
cient in the far-red light component and are likely 
to act as light 2. As an alternative explanation one 
could imagine a continuum in state transitions, i.e. 
‘in-between’ states, with varying amounts of LHC 
II getting phosphorylated and associated with PS 
I in a variety of light conditions. The two extreme 
ends of this continuum will be complete phos-
phorylation, state 2, and dephosphorylation of all 
the LHC II in the mobile fraction, state 1. In such 
a scenario, prolonged incubation in far-red light 
should completely dephosphorylate all the LHC II, 
and the LHC II is then the exclusive antenna of PS 
II; this is what one actually observes in far-red light.

Plant and green algal state transitions differ in 
certain respects. In C. reinhardtii, some of the minor 
antenna are also phosphorylated and move along 
with the trimeric LHC II to PS I in state 2 (Kargul 
et al., 2005; Takahashi et al., 2006), while in plants 
there is no evidence for the migration of the minor 
antenna. In algae, two LHC II trimers seem to 
associate with PS I in state 2, while in plants there 
is evidence for only one trimer association (Drop et 
al., 2014). In plants, some of the S and M LHC II 
trimers are also phosphorylated in state 2, but it is 
not clear whether it is part of their state transitions 
(Wientjes et al., 2013b). In C. reinhardtii, as much 
as 80% of the total LHC II dissociates from PS II in 
state 2, as opposed to a smaller percentage in plants 
(Delosme et al., 1996). This large-scale detachment 
of LHC II from PS II has been taken as evidence 
for an extensive remodelling of PS I antenna in state 
2. Recent algal research, however, shows that only 
a small proportion of the detached LHC II associ-
ates with PS I in state 2 as in plants, and the rest of 
the dissociated LHC II occurs in a quenched state 
to protect PS II from photo-damage (Nagy et al., 
2014; Ünlü et al., 2014). In algae, the transition to 
state 2 has been thought to promote cyclic electron 
transport around PS I to generate ATP (see Chapter 

4) (Finazzi et al., 2002). Recent research, however, 
suggests that the switch to cyclic electron flow and 
state 2 transition are two independent yet parallel 
processes that depend on the redox state of the elec-
tron transport chain (Takahashi et al., 2013).

The role of PQ as the regulatory signal that con-
trols the reversible phosphorylation of LHC II is 
well established (Allen et al., 1981). PS II-specific 
illumination causes transient reduction of the PQ 
pool, and the reduced PQ (PQH2) promotes the 
kinase activity of the LHC II kinase. PS I-specific 
illumination, in contrast, results in oxidation of the 
PQ pool, as electrons leave the pool faster than they 
arrive from PS II. The LHC II kinase is inactive 
under this condition. The phosphatase activity of 
the LHC II phosphatase is believed to be slow and be 
overwhelmed by the kinase activity in state 2 condi-
tion. This results in a net phosphorylation of LHC 
II. While the kinase becomes inactive during state 1 
transition, the constant activity of the phosphatase 
tips the equilibrium towards dephosphorylation of 
LHC II (Puthiyaveetil et al., 2012). The identities 
of the LHC II kinase and the phosphatase have 
come to light. Known as Stt7 in C. reinhardtii or as 
Stn7 in A. thaliana, the LHC II kinase is a highly 
conserved serine/threonine kinase (Bellafiore et 
al., 2005; Depege et al., 2003). It consists of a trans-
membrane helix, a luminal stretch of amino acids 
and a stromally-located kinase domain. The LHC 
II phosphatase is a PP2C-type phosphatase that is 
found in both green algae and plants and is known 
as TAP38 or as PPH1 (Pribil et al., 2010; Shapigu-
zov et al., 2010). A recent crystal structure of this 
protein reveals why it is specific in dephosphoryl-
ating only the phospho-LHC II (Wei et al., 2015). 
Thylakoid-associated kinases (TAKs) are a family of 
three plant protein kinases that exhibit striking sim-
ilarity to the transforming growth factor receptors 
of metazoans (Snyders and Kohorn, 1999). TAK1 
is chloroplast localized and was initially believed 
to have a role in state transitions, but its precise 
function remains uncertain (Snyders and Kohorn, 
2001). TAK2 and 3 turn out not to be chloroplast 
proteins after all (Armbruster et al., 2009).

The mechanism of LHC II kinase 
regulation
How exactly the PQH2 activates the Stn7 kinase 
is unclear. The PQH2 acts on the kinase from the 
quinol oxidation site (Q o pocket) of the cyt b6 f 
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complex and the kinase is closely associated with 
subunits of the cyt b6 f, especially the Rieske iron 
sulfur protein (Lemeille et al., 2009). It has been 
suggested that the quinol promotes the reduc-
tion of a disulfide bridge in the kinase, formed 
through the conserved luminal cysteine motif, 
and that this results in a conformational change 
that ripples across the membrane to the stromally-
located catalytic domain to promote kinase activity 
(Puthiyaveetil, 2011). It is likely that the confor-
mational change on the luminal side results from 
a quinol-mediated conversion of an intramolecular 
disulfide bridge in the kinase into an intermolecular 
one. Transient dimerization of Stn7 monomers is 
indeed correlated with an increased kinase activity 
(Wunder et al., 2013a). An alternate model posits 
that the kinase is activated by conformational 
changes in the cyt b6 f complex, caused by the to-
and-fro movement of the Rieske iron sulfur protein 
during Q-cycle (Zito et al., 1999). Both of these 
models await experimental tests.

High light inhibits the plant LHC II kinase 
through the thioredoxin system, an observation 
consistent with state transitions as a low light phe-
nomenon (Rintamaki et al., 2000). How precisely 
thioredoxin inhibits the kinase is not currently 
understood. The luminal cysteines have been sug-
gested as the target site of thioredoxin (Depege et al., 
2003). An additional conserved, stromally-located 
cysteine motif occurs in the ATP-binding domain of 
the kinase. This stromal site, instead of the luminal 
site, has been suggested as to where the thioredoxin 
acts to prevent the kinase activity, through inter-
ference with the binding of ATP (Puthiyaveetil, 
2011). Indeed the removal of luminal cysteines 
does not affect the thioredoxin interaction, sup-
porting the role of the stromal cysteine motif as the 
real thioredoxin target site (Wunder et al., 2013b). 
The C. reinhardtii’s Stt7 curiously lacks the stromal 
cysteine motif, and it is unclear whether the kinase 
is inhibited in high light by the thioredoxin system. 
The high level of LHC II phosphorylation and its 
large-scale detachment from PS II in state 2 as a 
photo-protective mechanism are consistent with 
the lack of inhibition of the Stt7 by thioredoxin in 
high light (Ünlü et al., 2014). Recently, however, 
hydrogen peroxide has been suggested to inactivate 
Stt7 under prolonged high light condition through 
the oxidation of Stt7’s luminal cysteines (Roach et 
al., 2015). The structure of the Micromonas LHC II 

kinase catalytic domain is now known and should 
inform the experiments that test different models of 
kinase regulation (Guo et al., 2013). Neither LHC 
II nor the LHC II kinase is found in cyanobacteria 
or red algae, which also undergo state transitions. 
In these organisms the movement of the large 
extrinsic antenna, phycobilisome, accounts for 
state transitions. The PQ redox state, as in green 
algae and plants, is the all-important regulatory 
signal that shuttles the phycobilisome between 
PS II and PS I (Mullineaux and Allen, 1986). The 
precise post-translational modification that drives 
the movement of the phycobilisome, however, is 
unknown.

Photosystem stoichiometry 
adjustment: tackling light gradients 
with photosystem numbers
Photosystem stoichiometry adjustment is another 
remarkable acclimatory response that corrects 
imbalanced excitation of photosystems in light 
quality gradients. In this acclimatory response 
the relative abundance of the two photosystems 
is adjusted so as to correct the imbalance in their 
excitation in light conditions that favour one pho-
tosystem over the other (Chow et al., 1990). It is a 
fundamental acclimatory mechanism that is essen-
tial for the efficient operation of the linear electron 
transport – the Z-scheme (Hill and Bendall, 1960). 
Found in all oxygenic photosynthesizers, photo-
system stoichiometry adjustment improves the 
quantum yield of photosynthesis in light quality 
environments. Stoichiometry adjustment is initi-
ated not only as a response to light quality changes 
but also by a differing requirement for NADPH 
and ATP from the non-cyclic and cyclic electron 
transport pathways. Both cyanobacteria and 
chloroplasts achieve photosystem stoichiometry 
adjustment through regulation of the abundance 
of PS I and the PS II light harvesting antenna (Fig. 
3.3) (Murakami et al., 1997a,b; Pfannschmidt et 
al., 1999). Whether the amount of PS II reaction 
centres also changes in some species as part of their 
stoichiometry adjustment is unclear (Pfannschmidt 
et al., 1999). In response to light 2 illumination, the 
amount of PS I increases and that of PS II antenna 
decreases. While in the opposite light condition, 
light 1, the synthesis of PS I is repressed and that of 
PS II antenna is induced. These light quality accli-
mations shift the PS II/PS I ratio far from unity. 
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For example, in barley, PS I light shifts the ratio to 
2.7 and PS II light to 1.4 (Kim et al., 1993). The 
complete stoichiometry changes take from days to 
as much as a week in many plants species. It is not 
difficult to envisage how an abundance of PS I in 
light 2 will also promote cyclic electron transport 
and a concomitant generation of ATP.

For photosystem stoichiometry adjustment, 
plants modulate the de novo synthesis of both PS 
I and LHC II by transcriptional regulation of their 
chloroplast and nuclear-encoded genes (Escoubas 
et al., 1995; Pfannschmidt et al., 1999; Puthiyaveetil 
and Allen, 2008). As in state transitions, PQ redox 
state is the signal that initiates the photosystem 
stoichiometry adjustment (Pfannschmidt et al., 
1999). The reduced PQ, in PS II light, activates PS I 
gene transcription and represses cab genes (encod-
ing LHC II). Conversely the oxidized PQ, in PS I 
light, represses PS I genes and activates cab genes. 
The biogenesis and breakdown of photosystems 
may require the PQ redox regulation of photo-
system gene transcription to act in conjunction 
with a translational autoregulation known as the 
control by epistasy of synthesis (CES) (Choquet 
and Vallon, 2000). The sequential assembly of pho-
tosystems and other electron transport complexes 
require the CES autoregulatory feedback loop 
in which the translation of key subunits depends 
on the assembly state of the complex. This means 
that photosystems can rapidly be made or broken 
down by controlling the abundance of key subunits, 
which act as the ‘pacemakers’ for photosystem bio-
genesis (Nickelsen and Rengstl, 2013). Long-term 
decrease in photosystem and antenna abundance 
may also entail degradation of the already-existing 
protein complexes. The degradation of LHC II is 
especially important for PS II light acclimation 
(Lindahl et al., 1995).

How is the PQ redox state 
communicated to chloroplast gene 
transcription?
PS I core reaction centre proteins PsaA and PsaB 
are invariably chloroplast-encoded and which 
mechanism connects PQ redox state with psaAB 
gene transcription has been a fascinating question. 
Two important discoveries seem to provide the 
answer. One was the discovery of a bacterial-type 
two-component sensor histidine kinase known 
as the chloroplast sensor kinase (CSK), which is 

conserved from cyanobacteria to plants (Puthi-
yaveetil et al., 2008). The paradigm signalling 
elements in bacteria are two-component systems, 
comprising a sensor histidine kinase and a response 
regulator as signal transduction units (Stock et 
al., 2000). A. thaliana knock-out mutants of csk 
are unable to repress psaAB gene transcription in 
PS I light (Puthiyaveetil et al., 2008). The second 
discovery was that the major sigma factor subunit 
of chloroplast RNA polymerase, SIG1, becomes 
phosphorylated in PS I light and the phosphoryl-
ated SIG1 represses transcription from the psaAB 
gene (Shimizu et al., 2010). The sigma factor helps 
the RNA polymerase to recognize, melt DNA, and 
initiate transcription from the bacterial-type pro-
moter (Paget and Helmann, 2003).

A signalling scheme that incorporates CSK and 
SIG1 has been suggested for the plant and green 
algal photosystem stoichiometry adjustment (Fig. 
3.3) (Puthiyaveetil et al., 2010, 2012, 2013). Its 
essence is that in PS I light, the oxidized PQ activates 
CSK, which then phosphorylates SIG1 on one or 
more serine/threonine residues in its N-terminus. 
The SIG1 N-terminus contains a latent region 1.1, 
whose function is to discourage transcription initia-
tion from weaker promoter elements (Vuthoori et 
al., 2001). The phosphorylation-mediated unmask-
ing of SIG1 region 1.1 in PS I light causes selective 
repression of transcription from the weaker PS I 
gene promoter, while leaving transcription from 
the stronger PS II gene promoter unaffected. 
This decreases PS I amount and the PS I/PS II 
stoichiometry. In PS II light, CSK is inactive; and an 
as-yet-unidentified phosphatase dephosphorylates 
phospho-SIG1, de-activating the region 1.1 switch 
and releasing the repression on PS I transcription. 
This increases PS I amount and the PS I/PS II ratio.

Many aspects of the CSK-SIG1 scheme and the 
SIG1 gene regulatory phosphoswitch remain to 
be experimentally validated. The full spectrum of 
CSK’s functional role is also unknown. Whether 
the CSK homologue in cyanobacteria, the histidine 
kinase 2 (Hik2), also regulates photosystem stoi-
chiometry remains to be determined. It interacts 
with Rre1 and RppA, two response regulators 
with roles in reaction centre and phycobilisome 
gene transcription (Ibrahim et al., 2016). Hik2 
also competitively transfers phosphoryl groups to 
these response regulators. Many non-green algae 
retain Rre1 as the Ycf29 response regulator, along 
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with CSK homologues (Puthiyaveetil and Allen, 
2009). How this system regulates photosystem 
stoichiometry in these algae is an open question. 
The conserved nature of the reaction centre gene 
regulation by PQ and its signalling circuit in both 
cyanobacteria and chloroplasts bears heavily on the 
question of why genes still remain in bioenergetics 
organelles (Allen, 2015).

Some authors have placed the state transi-
tion kinase Stn7 in the regulatory scheme of 
photosystem stoichiometry adjustment (Dietzel 
et al., 2008; Pesaresi et al., 2009). It is not clear 
why and how this is necessary. stn7 knockout 
mutants seemingly have an aberrant photosystem 
gene expression (Bonardi et al., 2005). This may 
simply be a consequence or a pleiotropic effect of 
an overreduced PQ pool. Unlike CSK, Stn7 has 
no homologue in cyanobacteria. Stn7’s proposed 
transcriptional regulatory role has therefore no 
phylogenetic continuity. It might still be possible 
that Stn7 and especially its algal homologue Stt7 
influence the steady state of psaAB transcript 
accumulation by affecting the transcript stability 
through phosphorylation of an RNA-binding pro-
tein. If this turns out be the case, it qualifies only 
as a post-transcriptional regulation.

PS I content is down-regulated in certain oce-
anic diatoms and cyanobacteria due to severe iron 
deficiency, resulting in an extremely low PS I/
PS II ratio (see ‘Influence of iron content on the 
thylakoid membrane and its protein complexes’) 
(Guikema and Sherman, 1983). Whether this 
regulatory response shares signalling components 
with the light quality-driven photosystem stoichi-
ometry changes is unknown. It is also not clear 
how the PQ signal is transduced to the nuclear-
encoded cab genes in algae and plants as part of the 
light quality and quantity acclimations. The tran-
scription of cab genes in algae responds robustly 
especially to light quantity changes, with high 
transcription in low light and low transcription 
in high light (Escoubas et al., 1995). Experiments 
with electron transport and kinase inhibitors 
strongly support the role of the PQ pool as the 
regulatory signal and protein phosphorylation as 
the likely signal transduction mechanism. Studies 
in C. reinhardtii implicate calcium as a signalling 
molecule for a related up-regulation of the photo-
protective antenna (Petroutsos et al., 2011). It is 
unclear whether the transcriptional arm of the cab 

gene expression also occurs in plants, but there 
is evidence for its post-transcriptional regulation 
(Flachmann and Kühlbrandt, 1995). Recently, the 
reduced PQ pool has also been shown to regulate 
the alternative splicing of nuclear-encoded genes 
and this response is important for proper plant 
response to the light environment (Petrillo et al., 
2014). The signalling network that transmits the 
PQ signal to the nuclear splicing machinery is 
unclear.

Stoichiometry adjustment of non-
photosystem complexes
The abundance of electron transport complexes 
other than photosystems also varies according to 
light quality and intensity. Their stoichiometry 
regulation is important for the flux control of elec-
trons through the photosynthetic chain (Schöttler 
and Tóth, 2014). The stability of the pea petB gene 
transcript, coding for the cytochrome b6 of the cyt 
b6 f complex, responds to light quality changes, with 
a decrease in stability in PS I light and an unchanged 
stability in PS II light (Alexciev and Tullberg, 
1997). Like pea, the amount of A. thaliana cyt b6 f 
per chlorophyll is low in PS I light. PS II light, how-
ever, increases the amount of A. thaliana cyt b6 f by 
50% (Dietzel et al., 2011). The amount of cyt b6 f 
per PS II can have a major effect on linear electron 
transport, since the oxidation of PQH2 is a limiting 
step in the linear electron transport. When it comes 
to light quantity, the cyt b6 f per chlorophyll is low 
in low light and increases with an increase in light 
intensity (Leong and Anderson, 1984). In response 
to changes in light intensity, the amount of the ATP 
synthase per chlorophyll also changes in parallel 
with the cyt b6 f (Leong and Anderson, 1984). The 
cyclic electron flow around PS I in chloroplasts 
involve two independent pathways, one incorpo-
rating the NADH dehydrogenase and the other, 
PGRL1 protein (Shikanai, 2014). Both pathways 
use the cyt b6 f as a conduit. Varying the amount 
of NADH dehydrogenase may affect the extent 
of cyclic electron transport. Like PS I, the NADH 
dehydrogenase amount may decrease in PS I light 
and increase in PS II light. It may also increase in 
high light. Table 3.1 summarizes how light intensity 
or quality controls the abundance of photosyn-
thetic protein complexes. More study is indeed 
required to see whether stoichiometry changes 
of non-photosystem complexes have a recurring 
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theme and what physiological significance they 
might have.

A remarkable far-red light acclimation has 
been discovered recently in cyanobacteria, which 
involves extensive reconfiguration of photosystems 
and phycobilisomes (Gan et al., 2014). In Leptol-
yngbya sp. strain JSC-1, this remodelling includes 
synthesis of chlorophylls d and f, replacement of 
core subunits of PS II and PS I, and modification 
of the light harvesting antenna phycobilisome core. 
The redesign of the photosynthetic apparatus helps 
this cyanobacterial strain to absorb light and thrive 
in a far-red illumination of 700–750 nm. Unlike the 
PQ-controlled photosystem stoichiometry adjust-
ment, this light quality acclimation is probably 
controlled by a knotless red/far-red phytochrome. 
It is interesting to note that this far-red light accli-
mation operates independent of, and in addition 
to, the well-known cyanobacterial light quality 
response known as the complementary chromatic 
adaptation (CCA).

High light acclimation of the 
thylakoid membrane
High light conditions occur under direct sunlight 
and on top of the canopy. An immediate concern 
for plants, algae and cyanobacteria growing in high 
light is the photo-damage to the D1 subunit of PS 
II, since photo-damage is a function of the photon 
flux density (Mattoo et al., 1984; Ohad et al., 1984). 
In plants and algae, a highly efficient repair mecha-
nism known as the PS II repair cycle replaces the 
damaged D1 with a newly synthesized copy and 
maintains photosynthetic efficiency in high light. 
The damage, however, can exceed the rate of repair 

in the midday sun, resulting in the characteristic 
midday depression of photosynthesis.

Thylakoid ultrastructural changes in 
high light
An efficient operation of the PS II repair cycle 
entails many ultrastructural changes in the thy-
lakoid membrane system. First of all, the number 
of stacks per grana goes down in the long term 
(Anderson et al., 1988). This decreases the connec-
tivity between LHC II from adjacent membranes, 
relieving the excitation pressure on PS II and pre-
venting further damage to D1. Less stacking also 
means less absorbance and more transmission of 
light by chloroplasts and leaves. In high light, as a 
short-term measure, the granal stacks destack par-
tially at the lateral plane, resulting in the shrinkage 
of grana diameter (Herbstova et al., 2012). The 
shrinkage of grana, in fact, results from an inter-
conversion of core grana regions to grana margins 
(Puthiyaveetil et al., 2014). This membrane inter-
conversion is advantageous for the repair since PS 
II residing in former core granal regions now find 
themselves in the margins and directly accessible to 
the repair machinery. A decrease in grana diameter 
also reduces the diffusion distance of PS II in core 
grana, since the repair cycle depends on a brisk pro-
tein trafficking between appressed and unappressed 
regions of the membrane (Herbstova et al., 2012). 
It is not clear which forces unstack the membrane 
in high-light. Since LHC II trimers act as the glue 
between adjacent membranes, their migration out 
of the core grana may simply result in unstacking. 
An unusual bending of the membranes in the grana 
periphery and preferential swelling of the lumen 
in the grana margins accompany the unstacking 

Table 3.1 Light quality and quantity-driven stoichiometry changes in plant photosynthetic complexes, 
expressed as complexes per chlorophyll. The upwards arrow indicates higher abundance, and the downwards 
arrow lower abundance. ‘UA’ stands for unaltered or unresponsive abundance. The dash indicates an unknown 
response. Only general tendencies are shown; species-specific differences may occur for some complexes.
Protein complex PS II light PS I light Low light High light

PS II UA UA ↓ ↑

PS I ↑ ↓ UA UA
LHC II ↓ ↑ ↑ ↓

Cyt b6f ↑ ↓ ↓ ↑

ATPase ‒ ‒ ↓ ↑

NADH dehydrogenase ‒ ‒ ‒ ‒
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(Puthiyaveetil et al., 2014; Yoshioka-Nishimura et 
al., 2014).

The lumen swelling may involve water influx, but 
it is not clear why swelling is more prominent in the 
grana margins. It will be interesting to see whether 
this has anything to do with the high light-depend-
ent phosphorylation of the membrane-bending, 
margin-localized CURT proteins. Phosphorylation 
of CURT may loosen the tight curvature of the 
membrane, allowing it to bulge. Lumen swelling 
has also been noted in core granal regions in both 
moderate and high light (Kirchhoff et al., 2011; 
Tsabari et al., 2015). The high light, however, seems 
to further widen the lumen than the moderate light. 
Lumen swelling facilitates the diffusion of the PC 
and thereby increases the inter-photosystem elec-
tron transport in high light (Kirchhoff et al., 2011). 
When the high light stress, however, is combined 
with a CO2 and O2 depleted condition, the luminal 
width decreases (Tsabari et al., 2015). This might 
restrict the electron flow and protect the photosyn-
thetic machinery when the lack of the electron sink 
accentuates the effect of the high light stress.

Recent research shows a hitherto unknown 
level of organization and division of labour in the 
PS II repair machinery, which probably accounts 
for the high efficiency of the repair cycle (Puthi-
yaveetil et al., 2014). The localization of repair cycle 
components and reactions show a high degree of 
heterogeneity in the membrane, with the three 
thylakoid membrane domains – core grana, grana 
margin, and stroma lamellae – seem to have very 
distinct roles in the repair cycle. The margin com-
partment especially is pivotal in the repair in that it 
harbours the membrane-intrinsic D1 protease FtsH 
(Puthiyaveetil et al., 2014; Yoshioka et al., 2010). 
This together with the concerted ultrastructural 
changes of margin expansion and margin lumen 
swelling allow controlled access of the damaged 
D1 to the high light-activated proteases. In an 
expanded margin lumen the luminal D1 protease 
DegP may find more room for degradation, given 
its location in the unstacked regions (Suorsa et al., 
2013). The stromal partition gap between adjacent 
granal membranes (Fig. 3.1) does not widen in 
high light, as indicated by the electron micrographs 
and the unchanged FtsH concentration in core 
grana after high light (Puthiyaveetil et al., 2014). 
This steric constraint probably occludes FtsH from 

going towards the core granal regions where it 
might indiscriminately degrade D1 of active PS II.

Molecular remodelling of the 
thylakoid membrane in high light
At the molecular level, the high light response 
involves remodelling of the photosynthetic 
complexes. In high light, the priority must be for 
relieving the excitation pressure on PS II. Induction 
of the NPQ by the photosynthetic antenna is cer-
tainly an overriding response (Ruban, 2015). The 
amount of the PsbS protein, an essential regulator 
of NPQ in plants, goes up in high light (Li et al., 
2000). PsbS is believed to be a luminal pH sensor 
that couples the proton gradient to NPQ (Li et al., 
2004). A recent crystal structure of this protein 
offers new insights into its photo-protective func-
tion (Fan et al., 2015). LhcSR is another high light 
inducible protein involved in NPQ formation in 
green algae and diatoms (Peers et al., 2009). Early 
light-inducible proteins (ELIPs) are a family of 
widespread chlorophyll-binding proteins that 
accumulate in high light and other stressful condi-
tions (Meyer and Kloppstech, 1984). The precise 
mechanism by which ELIPs dissipate light energy 
is not clear. Orange Carotenoid Protein (OCP) is a 
cyanobacterial carotenoid binding protein that pro-
tects the photosystems in high light by triggering 
thermal dissipation of the excitation energy at the 
level of phycobilisomes (Kirilovsky and Kerfeld, 
2013).

A cyclic electron flow around PS II has been 
suggested to mitigate the excitation pressure on 
PS II and photo-inhibition (Miyake and Yokota, 
2001). The components of this pathway remain to 
be clarified. The better known cyclic flow around 
PS I is also important for preventing overreduction 
of the PQ pool and protecting both PS II and PS 
I from photo-inhibition in high light (Shikanai, 
2014). The wate–water cycle – Mehler reaction 
– is an additional electron pathway that induces 
NPQ for photo-protection in high light (Asada, 
2000). Plastid terminal oxidase (PTOX) is a 
chloroplast PQH2 oxidase that shares homology 
with the mitochondrial alternate oxidase (Wu, 
1999). PTOX bypasses both cyt b6 f and PS I in 
electron transport by directly oxidizing the PQH2 
produced by PS II. It prevents the overreduction 
of PQ pool and thereby supplies oxidized PQ for 
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carotenoid biosynthesis during chloroplast devel-
opment. The lack of oxidized PQ, with which to 
oxidize phytoene, a carotenoid intermediate, stalls 
carotenoid biosynthesis and causes leaf variegation 
(Nawrocki et al., 2015). In the absence of photo-
protective carotenoids, photo-damage ensues in 
the photosynthetic apparatus. Since the PQ pool 
becomes overreduced in high light, its re-oxidation 
by PTOX restores the redox poise of the thylakoid 
membrane. This is especially pertinent in develop-
ing chloroplasts which, when lacking PTOX, fail 
to form fully organized thylakoid membranes in 
high light (Foudree et al., 2012). The rerouting of 
electrons through PTOX is also crucial for high 
light-acclimation in marine phytoplankton (Cardol 
et al., 2008).

The extent of photo-damage directly correlates 
with the antenna size of PS II (Baroli and Melis, 
1998). Reducing the antenna size must therefore be 
an important strategy in high light. The antenna size 
decreases in high light either by degradation of the 
existing antenna or by repression of new antenna 
synthesis. In high light the Stn8 kinase phosphoryl-
ates PS II core, which causes antenna dissociation 
from the core (Fristedt and Vener, 2011; Puthi-
yaveetil and Kirchhoff, 2013; Tikkanen et al., 
2008). This early step in the PS II repair cycle has an 
interesting functional parallel with state transitions, 
which also depends on phosphorylation for antenna 
dissociation. Given the paralogous nature of the 
Stn kinases and redundancy in their substrates, 
it has been suggested that the antenna dissocia-
tion by phosphorylation is a common theme that 
unites state transitions and PS II repair cycle, with 
both processes trying to minimize the excitation 
pressure on PS II (Puthiyaveetil and Kirchhoff, 
2013). In line with this, the Stn7-mediated phos-
phorylation of the CP29 monomeric antenna is 
important for both green algal state transitions and 
high light-dependent disassembly of plant PS II 
supercomplexes (Fristedt and Vener, 2011; Kargul 
et al., 2005; Takahashi et al., 2006). The photo-
protective role of Chlamydomonas state 2 transition 
also underscores this functional unity (Ünlü et al., 
2014). Cyanobacteria also suffer D1 photo-damage 
in high light. The replacement of the D1 protein 
by a high light resistant version is an interesting 
aspect of the PS II repair cycle in cyanobacteria. 
The degradation of the phycobilisome antenna and 

down-regulation of its synthesis further relieves the 
excitation pressure on PS II.

The stoichiometry of photosystems also changes 
in response to light intensity in both cyanobacteria 
and plants. The PS II/PS I ratio is close to unity in 
low light grown plants, while it is 2.2 for high light-
acclimated plants (Chow et al., 1988b). Only the PS 
II reaction centre seems to increase with increasing 
light intensity in plants. In cyanobacteria, however, 
regulation of the PS I content, rather than the PS 
II, forms the main component of the light quan-
tity-driven photosystem stoichiometry changes 
(Murakami and Fujita, 1991). Down-regulation of 
electron flow to minimize free radical generation 
seems to be the main incentive for cyanobacterial 
photosystem stoichiometry adjustment in high 
light.

Signalling circuits underlying high 
light acclimation
The signalling pathways that mediate the high light 
response are not fully elucidated. Reactive Oxygen 
Species (ROS), generated during high light stress, is 
clearly involved in some responses (Li et al., 2009). 
Some components of the ROS signalling pathway 
have been identified in algae and plants. The signal-
ling pathway that mediates light quantity-driven 
plant photosystem stoichiometry adjustment is 
unclear, but may operate independent of the light 
quality-driven pathway. Due to differences in pro-
moter strengths, the intrinsic transcriptional rate of 
PS II genes is higher than that of PS I genes. This, 
in conjunction with the progressive inhibition of 
chloroplast gene regulatory protein kinases PTK 
and CSK by the stromal reductants thioredoxin or 
glutathione in high light, may generate more PS II 
than PS I (Puthiyaveetil et al., 2012).

The sensor kinase Hik33 and the response regu-
lator RpaB are important for the cyanobacterial light 
quantity-responsive photosystem stoichiometry 
adjustment (Kappell and van Waasbergen, 2007). 
In low light, the RpaB binds to high light regulatory 
1 (HLR1) elements in PS I and high light-inducible 
(hli) genes. This has a positive regulatory effect on 
PS I gene transcription and an inhibitory effect 
on hli genes. In high light the same system down-
regulates PS I genes and up-regulates hli genes. It 
is likely that these differential effects in low and 
high light arise from a combinatorial control that 



Structural and Functional Dynamics of the Thylakoid Membrane System | 77

uses the unique positioning of the HLR1 elements 
on the target genes and by RpaB phosphorylation 
level (Seino et al., 2009). Hik33-RpaB system has 
survived in certain non-green algae, but whether its 
function is also conserved remains to be seen. The 
high light-dependent photosystem stoichiometry 
adjustment in cyanobacteria also requires PmgA, 
a transcriptional regulator (Hihara et al., 1998). 
It remains to be clarified whether PmgA protein 
works with the Hik33-RpaB system or on its own. 
NblR is another one-component system that gov-
erns cyanobacteria’s high light response (Kato et al., 
2014). It rapidly induces the accumulation of the 
NblA peptide that targets the phycobilisomes for 
degradation in high light and under nutrient stress, 
resulting in the characteristic bleaching response of 
cyanobacteria.

Nutrient deficiencies affect 
thylakoid membrane structure 
and function
Nutrient availabilities profoundly affect the struc-
ture and function of the photosynthetic apparatus. 
Plant growth and photosynthesis require micronu-
trients such as iron (Fe), copper (Cu), zinc (Zn), 
and manganese (Mn) (Palmer and Guerinot, 2009). 
Due to their ability to accept and donate electrons, 
that is, to exist in different redox states, Fe, Mn and 
Cu play crucial roles in the photosynthetic electron 
transport chain.

Influence of iron content on the 
thylakoid membrane and its protein 
complexes
Both nutrient deficiencies and excesses should be 
avoided, since many nutrients have deleterious 
effects when in surplus. Fe is one of the most abun-
dant elements on earth. An excess of iron leads to 
a significantly lower photosynthetic efficiency in 
the aquatic plant Spirodela polyrhiza (Xing et al., 
2010). Nevertheless, iron deficiency is a prevalent 
problem in natural environments of plants, algae, 
and cyanobacteria as the bioavailability of iron 
is restricted. Chlorosis is a widespread symptom 
of iron deficiency in photosynthetic organisms 
(Moseley et al., 2002; Spiller et al., 1982). The main 
cause of chlorosis is severe degradation of PS I. As 
PS I exhibits a high iron content, containing 12 

iron atoms per complex (Sandmann and Malkin, 
1983), it is the primary target of iron deficiency in 
the photosynthetic electron transport chain. Iron 
deficiency causes particular degradation of the PS 
I subunits PsaC, PsaD, and PsaE. The synthesis 
of PsaC is compromised in this condition as it 
contains terminal 4Fe–4S clusters (Yadavalli et 
al., 2012). PsaC protein in turn is required for the 
stable binding of PsaD and PsaE (Yu et al., 1995), 
and in its absence they too will be degraded. A con-
sequence of PS I degradation is a decreased PS I/PS 
II ratio. This has been reported in iron deficient C. 
reinhardtii (Naumann et al., 2007) and cyanobacte-
ria (Guikema and Sherman, 1983). In iron deficient 
C. reinhardtii, a remodelling and uncoupling of the 
LHC I complex results in an impaired transfer of 
excitation energy from LHC I to PS I. The first step 
in the iron deficiency-induced remodelling of LHC 
I complex is the N-terminal processing of Lhca3. 
A consequence of this remodelling process is a 
characteristic blue-shifted maximum fluorescence 
emission signal of PS I at 77K (Naumann et al., 
2005). Cyanobacteria have a different response to 
iron deficiency; they express the iron stress-induced 
A (isiA) gene (Leonhardt and Straus, 1994). IsiA 
codes for the iron stress induced protein A (ISIA). 
This protein has sequence similarity with the CP 43 
subunit of PS II (Burnap et al., 1993; Laudenbach 
and Straus, 1988). ISIA arranges itself into a belt, 
composed of up to 18 molecules, around the trim-
eric PS I and increases its light harvesting ability by 
~ 70%, compared with PS I in iron-sufficient condi-
tions (Bibby et al., 2001). This was interpreted as a 
strategy to compensate for a reduction in light har-
vesting phycobilisomes (Guikema and Sherman, 
1983) and PS I during iron deficiency (Leonhardt 
and Straus, 1994). The alga Dunaliella salina 
expresses the thylakoid protein of 45 kDa (Tidi) 
to increase PS I antenna size during iron limita-
tion. Tidi protein has high sequence similarity with 
the LHC I chlorophyll a/b-binding proteins from 
higher plants (Varsano et al., 2003, 2006).

Iron deficiency results in a severe decrease in 
the photosynthetic parameters Fv/Fm and PS 
II operating efficiency in light (ϕPS II), which has 
been reported for sugar beet (Larbi et al., 2004) 
and C. reinhardtii (Naumann et al., 2007; Terauchi 
et al., 2010). Iron deficiency leads not only to the 
reorganization of protein complexes but at the 
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same time affects the ultrastructure of the thylakoid 
membrane. The formation of grana is hindered, and 
a reduction of grana and stroma lamella per chlo-
roplast and the number of thylakoids per granum 
have been reported (Spiller and Terry, 1980). In 
iron deficient C. reinhardtii, decreased levels of 
MGDG and an increase in triacylglyceride (TAG) 
could be shown (Urzica et al., 2013). This decrease 
in MGDG, which occurs also in higher plants 
during iron starvation (Nishio et al., 1985), affects 
membrane stacking and the photo-stability of PS II 
(Wu et al., 2013).

Influence of the copper content on 
the thylakoid membrane
Copper is another important micronutrient for 
photosynthesis. However, copper in excess leads 
to thylakoid swelling and a decrease in lipid con-
tent and changed lipid composition (Quartacci 
et al., 2000). Copper deficiency has deleterious 
effects on photosynthesis, as PC, which contains 
copper, becomes less abundant. This leads to a 
decreased electron flow between cyt b6 f and PS 
I (Ayala and Sandmann, 1988). Furthermore, in 
sugar beet the internal membrane system of chlo-
roplasts greatly decreases under copper deficiency 
(Henriques, 1989). Interestingly C. reinhardtii can 
survive copper deficiency by replacing PC with 
the cytochrome c6 protein, which contains haem as 
the redox active cofactor (Merchant and Bogorad, 
1986; Wood, 1978). Plants do contain a homologue 
of cytochrome c6, but there are conflicting reports 
whether it can replace PC. Moseley and co-workers 
(Moseley et al., 2000) further identified the cdr1 
gene, whose protein product is thylakoid-localized 
and seems to be required for the maintenance of PS 
I and LHC I in copper-deficient C. reinhardtii. This 
implies that copper is not only important for PC 
but also for the maintenance of chlorophyll-binding 
proteins (Moseley et al., 2002).

Significance of the manganese 
content for thylakoid function
For Vigna unguiculata, a 250-fold increase in 
manganese concentration leads to a reduced abun-
dance of the Mn-stabilizing subunit PsbO of the 
water splitting complex, the likely explanation for 
Vigna’s compromised electron transfer rate (Führs 
et al., 2008). If the manganese concentration falls 
below 0.1 µM, no phototrophic growth occurs in 

C. reinhardtii (Merchant et al., 2006). This growth 
defect is the result of a severe decrease in the D1 
protein, which binds the Mn4Ca cluster and the 
related proteins of the water splitting complex 
(Allen et al., 2007). Along these lines, a freeze frac-
ture micrograph of the manganese deficient spinach 
thylakoids reveals the specific loss of three-quarters 
of the appressed, PS II containing thylakoids 
(Simpson and Robinson, 1984).

Nitrogen and sulfur deprivation and 
their biotechnological significance
Sulfur deprivation, for instance in Oryza sativa, 
leads to a decline not only in chlorophyll content 
but also in the entire photosynthetic apparatus, 
with the PS II efficiency decreasing by about 30%, 
and the ability of PS I to reduce NADP+ decreased 
by 60% (Lunde et al., 2008). A similar trend is also 
seen for C. reinhardtii. Under sulfur deprivation 
the PS II shuts down oxygen evolution, generating 
an anaerobic condition (Melis et al., 2000). This 
manipulation is now used to study (and tune) the 
hydrogen production through the oxygen-sensitive 
hydrogenase (Ghirardi et al., 2000). In C. reinhardtii, 
nitrogen starvation is used for the biotechnological 
application of increasing the starch or lipid (TAG) 
content (Hu et al., 2008), the accumulation of the 
latter may increase if the starch biosynthesis is 
inhibited or absent (Wang et al., 2009; Work et al., 
2010). CHT7 is a key genetic switch that couples 
nutrient starvation with lipid accumulation in C. 
reinhardtii (Tsai et al., 2014). In contrast to the 
severe PS II deactivation effect of sulfur deficiency, 
nitrogen deprivation leads to a specific degrada-
tion of the cyt b6 f complexes (Bulté and Wollman, 
1992) through NO production from intracellular 
nitrites (Wei et al., 2014).

Conclusions
In this chapter we discussed diverse strategies that 
plants and algae use to optimize photosynthetic 
efficiency in an ever changing environment. Fine-
tuning of photosynthesis happens at different levels, 
which include changes in the architecture, organi-
zation and composition of thylakoid membranes. 
Compositional changes involve changes in protein 
and lipid abundance or their rearrangements in 
the thylakoid membrane. The interaction between 
proteins and lipids is also essential for membrane 
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integrity and function. These acclimatory responses 
operate on a timescale of seconds to days. Under-
pinning many responses is the diffusional freedom 
of electron carriers, photo-protective pigments, 
and light harvesting complexes in a highly crowded 
thylakoid membrane. Optimizing light energy 
harvesting and conversion is also an overwhelm-
ing response under light and nutrient stresses. 
The redox state of the PQ pool seems to be an 
important signal for initiating many of the acclima-
tory responses and its signalling pathways are just 
beginning to be unravelled. It should be noted that 
many of the acclimatory responses discussed here 
are studied under controlled growth conditions in 
the laboratory. In fact, in the natural environment 
plants are exposed to a combination of different 
stresses such as fluctuating light, drought, salinity 
and biotic factors. This combination of stresses may 
result in complex plant responses, underlined by 
diverse signalling pathways, which could interact or 
inhibit each other (Suzuki et al., 2014). Investigat-
ing these complex environments and their effects 
on photosynthesis should be an important goal of 
future investigations.

Future trends
The molecular mechanisms that give thylakoids 
their enormous flexibly will certainly be the focus of 
intense investigations in years to come. A complete 
understanding of the dynamic design principles 
of the thylakoid membrane will illuminate efforts 
to engineer crops and biofuel algae for increased 
photosynthetic efficiency. The design principles of 
thylakoids could also be incorporated in artificial 
photosynthetic membranes and systems. Since 
photosynthesis is a highly efficient process, with a 
quantum efficiency of nearly 100% in converting 
solar energy into chemical energy, mimicking the 
photosynthetic processes is of high interest (Blank-
enship, 2002; Blankenship et al., 2011; Calkins et 
al., 2013). In recent years, the conversion of light 
into electricity by artificial photosynthetic systems 
has emerged as an important pursuit. One early 
study was the design of artificial reaction centres 
embedded in a liposome bilayer (Steinberg-Yfrach 
et al., 1997). More recently, artificial photosyn-
thetic antenna complexes (Gust et al., 2012) have 
been designed, with some of them containing 
photo-protective functions that are similar to NPQ. 

Further, the artificial oxidation of water with a cata-
lyst similar to PS II has been the subject of intensive 
research (Young et al., 2012). However, Calkins et 
al. (2013) emphasize the advantage of using intact 
thylakoid membranes or whole organelles for 
electrochemical applications. With a potential for 
photo-fuel production, they have developed the 
thylakoid-carbon nanotube with high photo-elec-
trochemical activity. The ‘artificial leaf ’ highlights 
the importance of mimicking natural photosyn-
thesis and having the same overall energy storage 
efficiency (Nocera, 2012).
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4Distinct Energetics and Regulatory 
Functions of the Two Major Cyclic 
Electron Flow Pathways in Chloroplasts
Deserah D. Strand, Nicholas Fisher and David M. Kramer

Abstract
The output of the light reactions of photosynthesis, 
i.e. ATP and NADPH, must be finely controlled 
to meet the varying metabolic demands of the 
plant. Deleterious side reactions, including the 
production of reactive oxygen species (ROS), 
can occur if this balance is not maintained. In this 
chapter, we review recent advances in understand-
ing of cyclic electron flow around photosystem I 
(CEF), a process that evolved to correct for such 
energy imbalances. CEF in higher plants has 
been proposed to function primarily through two 
pathways: the ferredoxin:plastoquinone reductase 
(FQR) and the NADPH dehydrogenase complex 
(NDH). Because these pathways appear to sup-
port the same function, they are often thought 
to be redundant. However, it was recently shown 
that the NDH complex is a type I proton pumping 
quinone reductase, making the complex a more 
efficient route for ATP generation via CEF than the 
FQR. In addition, these pathways are differentially 
regulated, the FQR through chloroplast redox 
status, and the NDH thermodynamically and, in 
part, by hydrogen peroxide. These observations 
imply that the two pathways are distinct in terms of 
their energetics and regulation and thus it is clear 
that the FQR and the NDH work under different 
conditions to provide with rapid or efficient energy 
balancing of the chloroplast. Specifically, we suggest 
a CEF model in which the FQR is rapidly activated 
to restore balance when an ATP deficit leads to a 
build-up of reducing power in the stroma, and the 
NDH activated when a prolonged deficit leads to 
closure of the PSI acceptor side with associated 
ROS production.

Introduction
Photosynthetic organisms obtain all their ener-
getic requirements from sunlight. This energy is 
stored in two distinct forms, redox potential in 
the NADPH(+H+)/O2 couple and the phospho-
rylation potential in the ATP/ADP+Pi couple, 
both of which are essential for photosynthesis and 
maintenance of cellular processes. These ‘energy 
currencies’ are used to drive endergonic biochemi-
cal reactions, but act in distinct ways in different 
reactions. The distribution of energy in the two 
forms must be finely and dynamically balanced 
to sustain efficient photosynthesis (Kramer and 
Evans, 2011; Eberhard et al., 2008; Cruz et al., 
2005; Strand and Kramer, 2014). It is not clear how 
this balancing is accomplished, but it is likely that 
a process called cyclic electron flow around photo-
system I (CEF) plays a critical role.

To understand CEF and its importance in 
energy balance, we must first start with the basic 
wiring of oxygenic photosynthesis, through a pro-
cess called linear electron flow (LEF) [reviewed in 
Allen (2002), Ort and Yocum (1996) and Chapter 
5]. In LEF, light energy is harvested by light har-
vesting pigments and transferred to the reaction 
centres of photosystem I (PSI) and photosystem 
II (PSII) where it drives the initial electron trans-
fer reactions of photosynthesis. Excitation of PSII 
with a photon results in transfer of an electron 
from a reaction centre chlorophyll molecule (P680) 
through a series of electron carriers to reduce plas-
toquinone (PQ) to plastoquinol (PQH2) through a 
stabilized semi-quinone intermediate. The oxidized 
P680 is re-reduced by electrons extracted from 
water at the oxygen-evolving complex. PQH2 is 
oxidized at the Q o (quinol oxidation) site of the 
cytochrome bf complex (bf), with one electron 
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reducing plastocyanin (PC) and the other reducing 
a chain of cytochromes leading to reduction of PQ 
at the Q i (quinol reduction) site via the Q-cycle 
mechanism (reviewed in Kramer et al. 2009; Cape 
et al. 2006). Similarly, excitation of P700 promotes 
charge separation in PSI that results in oxidation 
of PC and reduction of ferredoxin (Fd). From Fd, 
electrons are fed into several metabolic pathways, 
including the Calvin–Benson–Bassham (CBB) 
cycle in the form of NADPH (Chapter 5), and the 
multiple thioredoxin-dependent processes in the 
chloroplast [Buchanan and Balmer (2005), Moto-
hashi et al. (2001) and Chapter 9]. Completing the 
pathway, electrons from PQH2 are transferred to 
oxidized PC by the cytochrome bf complex.

Certain electron transport reactions in LEF 
are coupled to proton deposition in the lumen. 
Excitation of PSII with four photons results in the 
extraction of four electrons (from water) with the 
concomitant deposition of four protons into the 
lumen. The electrons from water are transferred 
across the thylakoid membrane and directed to the 
PSII Q B site where PQ is reduced, taking up two 
protons from the stromal side of the thylakoid. 
Then, at the bf complex, 2 protons are released into 
the lumen during PQH2 oxidation at the Q o site 
and taken up from the stroma during PQ reduction 
at the Q i site. This redox loop results in two protons 
released into the lumen per electron transferred to 
PC. Overall, six proton are transferred to the lumen 
per pair of electrons transferred from water to Fd 
by the LEF pathway. The resulting electrochemical 
gradient of protons (Δ !µH+), or protonmotive force 
(Δp), drives ATP synthesis by the CFOF1-ATP syn-
thase. Within the ATP synthase, a proton is thought 
to be translocated across the thylakoid membrane 
via a rotary ring composed of 14 c-subunits in 
higher plants (Seelert et al., 2000). According to 
current models, one complete rotation of the c-ring 
requires 14 protons, resulting in the condensation 
of three ATP molecules within the α3β3 F1 domain 
of the enzyme [i.e. the H+:ATP ratio is 4.67 (Seelert 
et al., 2000; von Ballmoos et al., 2008)].

The need for chloroplast energy 
balance
The energy products of the light reactions are 
consumed by multiple metabolic processes, which 
have different demands for ATP and NADPH and 

are activated to different extents under different 
conditions. Since ATP and NADPH production 
are tightly coupled in LEF, the associated stoichi-
ometry for output of ATP:NADPH should be fixed 
at ~1.3:1. This is a problem because any mismatch 
in the production and consumption can lead to 
metabolic congestion (i.e. the build-up of products 
or depletion of substrates leading to slowing of the 
overall process). For instance, if ATP:NADPH 
production were too high compared to the ratio 
of consumption, the chloroplast may accumulate 
excess ATP, leading to high ΔGATP and increased 
thylakoid Δp, with the resulting protonic backpres-
sure leading to lumen over-acidification, inhibiting 
plastoquinol deprotonation and oxidation at the 
Q o site of the bf complex or in extreme cases leading 
to acid-induced destruction of the photosynthetic 
apparatus (Krieger and Weis, 1993; Kramer et al., 
1999). On the other hand, if the light reactions pro-
duce a deficit of ATP, relative to NADPH, excess 
reductant will accumulate, while the light-driven 
Δp will decrease (Kramer et al., 2003), leading to 
the production of potentially damaging reactive 
oxygen species (ROS) (Rutherford et al., 2012).

Photosynthetic organisms have multiple mecha-
nisms to avoid these types of energy imbalances 
through a series of alternative electron transfer 
pathways (Asada, 1999; Scheibe, 2004; Houille-
Vernes et al., 2011; Bendall and Manasse, 1995; 
Strand and Kramer, 2014; Eberhard et al., 2008; 
Kramer and Evans, 2011; see also Chapter 5).

We focus here on a set of mechanisms termed 
cyclic electron flow around photosystem I (CEF), 
and specifically on new results that show that dif-
ferent CEF pathways likely serve different roles and 
are regulated by different signals.

Energy balance through 
activation of cyclic electron flow 
around photosystem I (CEF)
In its most basic form, CEF catalyses the transfer 
of electrons from the pool of soluble PSI acceptors 
in the stroma into the PQ/PQH2 pool via a plasto-
quinone reductase (Fig. 4.1). This reduction allows 
photochemically excited electrons to pass through 
the PQ pool and back to PSI through the bf complex 
and plastocyanin. During this processes, protons 
are taken up from the stroma and deposited into the 
lumen via the Q o site of the bf complex, generating 
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Δp, and therefore ATP. In contrast to LEF, CEF 
operates with no net generation of stromal reduct-
ants, thus increasing the ratio of ATP:NADPH. 
As will be discussed below, the efficiency of CEF 
is dependent on the nature of the plastoquinone 
reductase (PQR) utilized, the identity of which is 
still being debated.

The activity of CEF has been proposed to 
contribute to chloroplast energy balancing by 
increasing the ratio of ATP/NADPH produced 
by the light reactions (Kramer and Evans, 2011; 
Bendall and Manasse, 1995; Eberhard et al., 2008). 

In addition, the Δp generated by CEF should also 
acidify the thylakoid lumen, leading to activation 
of the photoprotective qE (exciton quenching) 
response, preventing build-up of electrons on the 
acceptor side of PSII (Kramer et al., 2004a; Müller 
et al., 2001).

Comparing the major pathways 
for CEF in vascular plants
There have been at least three proposed CEF 
pathways in higher plants (Fig. 4.1). In vascular 
plants, the most studied routes of PQ reduction 
include (1) a type I (analogous to complex I of 
mitochondria) NADPH dehydrogenase (NDH, 
Fig. 4.1A) (Sazanov et al., 1998; Burrows et al., 
1998), (2) the Q i site of bf through haem ci (Fig. 
4.1B) (Baniulis et al., 2008), and (3) an antimycin 
A-sensitive, Fd-dependent plastoquinone reductase 
(FQR, Fig. 4.1C) (Tagawa et al. 1963; Bendall and 
Manasse 1995; Munekage et al. 2002; DalCorso et 
al. 2008). An additional CEF pathway is likely to 
be present in algae, catalysed by a single-subunit, 
non-protonmotive NADPH:PQ oxidoreductase 
(NDA2), homologous to the type II NDH dehy-
drogenases widespread in bacteria, and plant and 
fungal mitochondria (Melo et al., 2004; Desplats et 
al., 2009; Jans et al., 2008). This latter CEF pathway 
is unlikely to be present in plant plastids, although 
a homologous enzyme [chloroplast-associated 
(non-protonmotive) NADPH:plastoquinone 
oxidoreductase (NDC)] has been proposed to 
participate in plastid plastoglobule metabolism 
(Ytterberg et al., 2006).

In the following, we review recent work on 
NDH and FQR, specifically towards understand-
ing why both CEF pathways are conserved in most 
vascular plants.

The FQR pathway
Much research has focused on the antimycin 
A-sensitive pathway involving the FQR (Tagawa et 
al. 1963; Arnon and Chain, 1977, 1979; Cleland 
and Bendall, 1992; Bendall and Manasse, 1995) 
that has yet to be unambiguously identified. In 
recent years two proteins have been postulated 
as participating in the FQR route of CEF, PGR5 
(proton gradient regulation 5) and PGRL1 
(PGR-like 1) (Fig. 4.1C) (Munekage et al., 2002; 
DalCorso et al., 2008; Hertle et al., 2013). These 
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were originally identified in plants, but have 
functional homologues in algae (Iwai et al., 2010; 
Terashima et al., 2012; Alric, 2014; Johnson et al., 
2014). The current model posits that PGR5 and 
PGRL1 form a complex capable of oxidizing Fd 
and reducing PQ in a non-protonmotive manner 
(Hertle et al., 2013). While multiple lines of 
evidence point to the involvement of PGR5 and 
PGRL1 in CEF, the identification of this complex 
as a direct quinone reductase is problematic, as 
the acceptor used in the study by Hertle et al. 
(2013) was a highly soluble (non-physiological) 
quinone species, and the authors were unable to 
demonstrate steady-state Fd:plastoquinone oxi-
doreductase activity in the recombinant complex. 
In addition, the reaction was only shown to be 
inhibited with a concentration of antimycin A 
three orders of magnitude higher than has been 
shown previously, making interpretation of this 
experiment ambiguous. With these results in 
mind, the hypothesis that a PGR5–PGRL1 com-
plex is the FQR requires further investigation. 
Further complicating FQR research is the increase 
of proton conductance of the thylakoid membrane 
in PGR5-deficient mutants, resulting in a large 
decrease in Δp and pH-dependent mechanisms 
of photoprotection (Suorsa et al., 2012; Avenson 
et al., 2005a). Interpretation of experiments using 
mutants must be considered carefully, as many 
have secondary effects. For example, the assertion 
that CEF is necessary for the accumulation of qE is 
from data showing that the pgr5 mutant is greatly 
diminished in qE; however, this may also be due 
increased activation state of the ATP synthase 
(Avenson et al., 2005a). In fact, flux analysis of 
pgr5 shows a much larger decrease in the rate con-
stant of Δp decay and overall Δp than the decrease 
in H+/e– (Avenson et al., 2005a), indicating that 
while CEF may be decreased in this mutant, the 
~10% loss of CEF does not account for the ~90% 
loss in qE. This may be due to a prolonged ATP 
deficit due to the absence of CEF altering the 
ΔGATP, but an alternative hypothesis may be that 
PGR5 is a regulatory protein and may interact 
with the ATP synthase (Avenson et al., 2005a,b; 
Kramer et al., 2004b). Similarly, the recent report 
of increased PSI photodamage and insufficient 
lumen acidification in field-grown PGR5 can also 
be understood as due to altered membrane con-
ductivity (Suorsa et al., 2012).

Many of the in vitro studies used to investigate 
the PGR5 phenotype have utilized a chlorophyll 
fluorescence assay that is considered to reflect the 
non-photochemical reduction (i.e. Fnpr) of the PQ 
pool on addition of Fd and NAD(P)H to thylakoid 
preparations (Munekage et al., 2002, 2004; Cour-
teille et al., 2013). The sluggish kinetics of the Fnpr 
(t½ ~ 20s) have proved contentious, and it has 
been argued that the observed rate is too slow to 
support a physiologically useful rate of CEF in vivo 
(see reviews in Kramer and Evans, 2011; Fisher and 
Kramer, 2014). A recent systematic re-examination 
of the nature of this fluorescence phenomenon 
(Fisher and Kramer, 2014) concluded that it arose 
from direct reduction of a low potential variant of 
QA within a subpopulation of PSII centres by Fd, 
and as such is not an appropriate assay for in vitro 
CEF activity. This conclusion was drawn from the 
following observations: (i) the Fnpr is still observed 
in thylakoid preparations in which PSII variable 
fluorescence has been abolished by treatment with 
hydroxylamine and DCMU; (ii) quenching of the 
Fnpr by far-red illumination is unaffected by satu-
rating amounts of tridecylstigmatellin, a Q-cycle 
blocker; and (iii) the kinetics of the Fnpr and rate 
of (FNR-mediated) reduction of the PQ pool by 
NADPH + Fd differ, indicative of redox disequi-
librium between these two processes. As such, the 
Fnpr-based studies of PGR5, and its assignment as 
a direct participant in CEF, are worthy of reassess-
ment in the light of the new understanding of the 
biochemical basis of this fluorescence phenom-
enon.

Regulation of FQR
In recent years, evidence has been seen for regulation 
of both the FQR related proteins and formation of 
the PSI-bf supercomplex by chloroplast redox state 
(Breyton et al., 2006; Hertle et al., 2013; Takahashi 
et al., 2013a). The FQR related PGRL1 has multiple 
redox-sensitive thiol groups that may signal for the 
formation of the PGRL1–PGR5 complex (Hertle et 
al., 2013). More recently, FQR activity has recently 
been demonstrated to be redox labile and redox 
controlled in Spinacia oleracea chloroplast prepara-
tions (Strand et al., 2016). It was shown that FQR 
activity is irreversibly lost when thylakoids are iso-
lated in the absence of thiol reductant (in this case 
dithiothreitol at a concentration of 2 mM) (Strand 
et al., 2016). This observation provides a partial 
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solution to the long-standing problem of main-
taining active CEF in chloroplast preparations for 
in vitro enzymatic investigation. A further, revers-
ible regulation of FQR activity was observed in 
thylakoids with active CEF, wherein FQR activity 
requires the reduction of a two electron component 
with an apparent midpoint potential of ~ −310 mV, 
consistent with a thiol-disulfide exchange, possibly 
reflecting the redox potential of the NAD(P)H/
NADP+ couple in vivo (Strand et al., 2016).

The NDH pathway
The chloroplast NAD(P)H:plastoquinone oxidore-
ductase (NAD(P)H dehydrogenase, NDH; Fig. 
4.1A) is a multisubunit complex, orthologous to 
respiratory complex I, encoded in both the nuclear 
and chloroplast genomes (Suorsa et al., 2009). 
Despite extensive work on the characterization of 
NDH (Burrows et al. 1998; Hashimoto et al. 2003; 
Casano et al. 2004; Rumeau and Peltier 2005; Peng 
et al. 2009; Suorsa et al. 2009; Yamamoto et al. 2011), 
there are still many open questions, partly because 
of challenges in isolating sufficient amounts of the 
active complex in C3 plants for physicochemical 
investigation, in which the content of this protein 
is low (i.e. the ratio of NDH:PSII in Arabidopsis 
thaliana has been estimated to be 1:20) (Peng et al., 
2009). However, NDH content has been shown to 
be greatly increased in C4 plants (Takabayashi et al., 
2005), in which NDH thought to play a key role in 
producing ATP for the CO2 concentrating mecha-
nisms, as well as in mutants of Arabidopsis that show 
elevated CEF (Livingston et al., 2010a).

The recent crystal structures of the respiratory 
Complex I from Thermus thermophilus and Yarrowia 
lipolytica offer mechanistic insights that may be used 
to formulate hypotheses about the function of plas-
tid NDH (Kaila et al., 2014; Efremov et al., 2010; 
Efremov and Sazanov, 2011; Friedrich, 2014). 
Genetic and proteomic studies on the subunit com-
position of NDH have identified approximately 
20 nuclear and plastid encoded genes, several of 
which are plant specific (Suorsa et al., 2009). The 
plastid encoded subunits are sufficiently similar 
to those of Complex I to suggest conserved func-
tions. Significantly, residues shown to be essential 
for protonmotive activity in respiratory Complex 
I are also conserved in higher plant plastid NDH 
(Strand, Fisher, and Kramer, submitted). Ongoing 
research by a number of groups continues to lend 

insight into assembly, association, and expression 
of NDH (Hashimoto et al., 2003; Peng et al., 2009; 
Zandueta-Criado and Bock, 2004).

Functional understanding of NDH has been 
hindered by the difficulty of measurement of the 
activity of the complex. Activity has been assessed 
variously in enriched thylakoid preparations and by 
ferricyanide reduction, in-gel reduction of nitroblue 
tetrazolium in the presence of NADH, and chloro-
phyll a fluorescence changes (Casano et al., 2001; 
Sazanov et al., 1998; Burrows et al., 1998; Rumeau 
and Peltier, 2005), none of which are likely to fully 
represent activity under physiological conditions. 
NAD(P)H:quinone oxidoreductase assays with the 
partially purified complex have also been attempted 
using soluble quinones as the electron acceptor, 
but these are likely not physiologically relevant 
(Sazanov et al., 1998). As such, the turnover rate of 
NDH is not known with certainty, however, rates 
of ~ 200 e–/s are reported for respiratory complex 
I. Similar activity for the plastid NDH would be 
capable of supporting electron transport through 
CEF of ~10–13% of LEF required to maintain ATP 
balance (Avenson et al., 2005a) (even less would 
be required with a protonmotive NDH, discussed 
below), despite the apparent low abundance of this 
enzyme.

Recently, we presented evidence that NDH is 
an authentic proton pumping enzyme, through 
(i) in vivo spectroscopic analysis of the Arabi-
dopsis mutant hcef1, which displays a high CEF 
phenotype, and has been shown to be enriched in 
NDH, and (ii) systematic in vitro investigation of 
the post-illumination chlorophyll fluorescence rise 
(a phenomenon associated with NDH activity) 
in spinach, Arabidopsis and Amaranthus hybridus 
chloroplast preparations. (Strand, Fisher and 
Kramer, submitted) Consequentially, we demon-
strated that NDH operates with a proton pumping 
stoichiometry of 2H+ for each electron transferred 
from ferredoxin to plastoquinone (i.e. 4H+/2e–), 
double the efficiency of that proposed for the FQR 
pathway (2H+/2e–).

Regulation of NDH
The protonmotivity of NDH has profound con-
sequences for the regulation of its activity as it is 
subject to (and constrained by) thermodynamic 
back-pressure from the proton gradient across the 
energized thylakoid membrane. The relationship 



Strand et al.94 |

at equilibrium between protons translocated (n) 
into the lumen against Δp per electron traversing a 
redox span of ΔEh mV is given by equation (4.1), 
the ‘gearing ratio’ for protonmotivity:

ΔEh ≥ nΔp (4.1)

Assuming midpoint potentials of −430, −335 and 
+80 mV for the Fd3+/Fd2+, NADP+/NADPH and 
PQ/PQH2 couples, respectively, at a stromal pH 
of 7.5, the protonmotive activity and directional-
ity of a 2H+/2e– NDH would be unconstrained 
by physiological extents of Δp. Working from the 
assumption that the NADPH and Fd pools are 
in rapid redox equilibrium due to FNR activity, 
NDH operating with a 4H+/2e– pumping ratio 
would be constrained at Δp values > ~180 mV. 
This was demonstrated experimentally in spinach 
and Amaranthus chloroplast preparations where it 
was shown that the extent of the post illumina-
tion chlorophyll fluorescence rise was increased 
on addition of protonic uncouplers, alleviating 
the Δp-induced thermodynamic back-pressure 
on the system. Under conditions of high [such 
as may be found during photosynthetic induc-
tion, for example ( Joliot and Johnson, 2011)], 
NDH would be expected to run in reverse as a 
plastoquinol:NADP+ reductase, consuming and 
effectively interconverting ATP and NADPH. This 
is likely to be of considerable import for the fine-
tuning of the energy budget within the chloroplast. 
It should be noted that the proposed NADP+ 
reductase activity of NDH is not unprecedented, 
and has been widely observed in respiratory NDH 
homologues ( Jackson and Crofts, 1968; Hirst, 
2013).

In addition to thermodynamic control, multiple 
lines of evidence indicate a role for ROS, specifi-
cally hydrogen peroxide (H2O2), in the regulation 
of the NDH complex. Sabater and co-workers 
(Lascano et al., 2003; Casano et al., 2001) showed 
that both in vitro activity and accumulation of the 
complex increases after exposure to H2O2, and sug-
gested that NDH is controlled by phosphorylation 
in response to a signal cascade likely involving Ca2+ 
(discussed further below). Recent in vivo work 
showed rapid activation of NDH-mediated CEF 
after exposure to H2O2 (Strand et al. 2015). In 
addition, mutants deficient in a type m thioredoxin 
had increased CEF through NDH and the FQR 

(Courteille et al., 2013). It was thus proposed that 
TRX-M4 was a negative regulator of CEF, however, 
it was later shown these mutants accumulate signifi-
cant levels of H2O2 (Wang et al., 2013), suggesting 
CEF in these mutants may be a secondary, rather 
than a direct result of the loss of TRX-M4.

Calcium has been suggested as a signalling inter-
mediate in the activation of NDH. In plants, Ca2+ 
could be an intermediate in the ROS signalling of 
NDH activation, as infiltration with a Ca2+ chelat-
ing agent inhibited the increase in activity of NDH 
in response to H2O2 (Lascano et al., 2003). As with 
algae, the role of Ca2+ in regulating CEF in plants 
is unclear.

The CEF pathways in algae
Although this chapter is focused on the two major 
CEF pathways in vascular plant chloroplasts, it 
is worthwhile to cover recent advances in green 
algal CEF, partly because these systems are often 
considered to be models for plants. We emphasize 
here, though, that CEF in the model system Chla-
mydomonas reinhardtii, appears to be distinct from 
that seen in plants. For example, Chlamydomonas 
chloroplasts do not possess an NDH complex, but 
appear to rely on either a type II (non-proton pump-
ing) NAD(P)H:plastoquinone oxidoreductase 
(NDA2) (Desplats et al., 2009; Jans et al., 2008) or 
a supercomplex of the bf complex, photosystem I, 
PGRL1 and other components (Iwai et al., 2010). 
The role of NDA2 in chloroplast energy balance is 
still unclear, but it may be utilized for H2 production 
under conditions of nutrient deprivation (Mignolet 
et al., 2012). As a non-protonmotive enzyme, and 
in contrast to NDH, the plastoquinone reductase 
activity of NDA2 is irreversible.

The PSI-bf supercomplex was originally discov-
ered under conditions that favoured a transition to 
state 2, where LHCII is associated with PSI (Iwai et 
al., 2010). However, recent data suggest that a redox 
signals, rather than state transitions, are responsible 
for the signalling of PSI-bf supercomplex formation 
(Takahashi et al., 2013a). It may be that the regu-
lation of the PSI-bf supercomplex and FQR is the 
same switch, because the FQR associated protein, 
PGRL1, associates with the PSI-bf supercomplex 
(Iwai et al., 2010), and experimental evidence for 
this has been presented in vitro (Strand et al., 2016). 
Redox regulation of CEF would allow for a rapid 
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response to fluctuations in metabolic demands, and 
may represent a short-term response.

Aside from the associated Q-cycle activity of 
the bf complex, FQR in itself is generally assumed 
to be non-protonmotive. As such, and in contrast 
to NDH, it is likely to operate unidirectionally and 
unconstrained by Δp. Nevertheless, FQR activity 
will be governed by the availability of oxidized PQ, 
which may become limiting under conditions of 
high ΔpH, slowing the PQ oxidase activity of the 
bf Q o site.

Ca2+ has been proposed to be involved in CEF 
signalling in algae (Terashima et al., 2012). Under 
anaerobic conditions in algae, which favours the 
formation of the PSI-bf supercomplex, both PGR5 
and PGRL1 are necessary for full activation of CEF 
(Alric, 2014; Terashima et al., 2012). The PSI-bf 
supercomplex further associates with a Ca2+ sensor 
(CAS) and an anaerobic response protein (ANR1) 
(Terashima et al., 2012). While these proteins have 
been tied to the CEF response, their role in Ca2+ 
signalling is still not clearly defined.

Overall, like vascular plants, algae appear to pos-
sess multiple CEF pathways that involve separate 
complexes are independently regulated, possible to 
provide energy balancing over different time scales 
or under diverse physiological conditions (e.g. 
Lucker and Kramer, 2013).

The haem ci pathway: 
possibilities and open questions
Relatively little research has been conducted specifi-
cally on the putative ‘direct’ mechanism of reduction 
of PQ by Fd oxidase activity of the bf complex, 
despite proposal that this mechanism is active in 
both plants and algae (Iwai et al., 2010; Takahashi 
et al., 2013b; Szymańska et al., 2011). Structurally, 
haem ci appears to be well placed to accept electrons 
from the stromal side of the complex (Stroebel et 
al., 2003; Kurisu et al., 2003).The model presented 
by Iwai et al. (2010) suggested that the CEF-super-
complex operated via this pathway, especially as 
flash activation of PSI resulted in transient reduction 
of a b-type cytochrome, suggesting that electrons 
flowed from Fd, through FNR, and eventually to 
cytochrome bH. However, another possibility is that 
a fraction of supercomplexes contained reduced 
plastoquinone, which could be oxidized through 
the normal Q-cycle, resulting in oxidant-induced 

reduction of cytochrome b. There has been, to our 
knowledge, no direct test to discriminate between 
these possibilities. The Fd-dependent reduction of 
cytochrome b by NADPH was reported in early 
studies with higher plant thylakoid preparations 
(Chain and Malkin, 1979; Furbacher et al., 1989), 
although this rate was observed to be extremely 
slow (Kramer, 1990), in apparent contradiction 
with CEF operating via the direct reduction of 
cytochrome ci, because any electrons on haem ci 
should equilibrate with cytochrome bH Thus, under 
the conditions of these earlier works, haem ci does 
not appear to be a kinetically viable route for CEF. 
However, the slow transfer of electron from Fd to 
haem bH could also reflect regulatory processes 
that switch off this pathway in isolated thylakoids, 
as suggested by more recent work showing regula-
tion by supercomplex formation (Iwai et al., 2010), 
redox status (Takahashi et al., 2013b; Strand et al., 
2016) and other factors such as Ca2+ activation 
(Terashima et al., 2012). Clearly, further studies are 
needed to address these open questions.

Contribution of the CEF 
pathways to the plastid energy 
budget
The contribution of the NDH- and FQR CEF 
pathways to the chloroplast photosynthetic energy 
budget is not yet fully known. Net ATP generation 
from each proposed pathway is dependent on their 
relative contribution to Δp. FQR, if composed of 
a PGR5-PGRL1, and the PSI-bf supercomplex, 
would only contribute protonmotively by PQH2 
oxidation at Q o at the bf complex, catalysing a CEF 
pathway with an overall H+/e– ratio of 4/2. In con-
trast, NDH, operating as a 4H+/2e– proton pump, 
would be capable of catalysing a CEF pathway with 
an overall H+/e– ratio of 8/2, a potential 2-fold 
increase in ATP yield per 2e– compared to the FQR 
pathway (i.e. 1.71 ATP/2e– c.f. 0.86 ATP/2e–).

These observations taken together suggest that 
a redundancy of pathways exists. Although sharing 
a common redox pool, these routes are expected 
to be energetically separated. As discussed above, 
the directionality of NDH activity is likely to be 
subject to thermodynamic constraints. We might 
expect under extreme metabolic imbalance, and 
high driving force, higher rates of the Mehler reac-
tion due to the closure of the PSI acceptor side (and 
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accumulation of the water–water cycle intermediate 
H2O2) (Asada, 1999), and therefore increased CEF 
through the NDH complex. However, application 
of exogenous H2O2 (Lascano et al., 2003; Casano 
et al., 2001; Strand et al., 2015), or generation of 
H2O2 independent of energy imbalance (Strand et 
al., 2015) led to rapid activation of NDH, indicat-
ing that H2O2 does indeed have a signalling role.

Conclusion: why are there 
multiple CEF pathways?
There is strong evidence that chloroplasts utilize 
multiple alternative electron pathways, some which 
directly contribute to the formation of thylakoid 
Δp, including CEF, and others that do not (i.e. the 
water–water cycle and malate shunt) (reviewed in 
Eberhard et al., 2008; Kramer and Evans, 2011; 
Strand and Kramer, 2014).

Of CEF, multiple seemingly redundant pathways 
exist, so which one is the most vital? Due to the large 
defect on qE in pgr5, an observation not made in the 
NDH deficient mutants, the case has been made 
that the FQR is the main route of CEF (Munekage 
et al., 2004, 2002). However, as discussed above, 
this mutant has a much larger defect on thylakoid 
proton conductivity, which could also explain the 
inability to maintain a ΔpH (Avenson et al., 2005a). 
In early studies, cyclic photophosphorylation was 
completely abolished with antimycin A (Tagawa et 
al. 1963; Arnon and Chain 1975; Arnon and Chain, 
1979; Bendall and Manasse, 1995), suggesting a 
major role for the FQR. The idea of a second route 
of CEF was only realized when NDH, a functional 
Complex I analogue (which had also been hypoth-
esized to function in chlororespiratory pathways; 
Bendall and Manasse, 1995; Bennoun, 2002) was 
identified in chloroplast genome sequence data and 
shown to be enzymatically active (Burrows et al., 
1998; Sazanov et al., 1998).

The seemingly redundant nature of the path-
ways may also be explained temporally. Most FQR 
observations were made during the induction of 
photosynthesis, or in the dark, which may differ 
significantly in metabolic demands from the steady 
state. Technology now exists, and is commercially 
available, to measure Δp in the steady state or 
pseudo steady state (Klughammer et al., 2013). 
Using these in vivo methods to identify mutants 
with high rates of CEF, the NDH pathway has been 

the favoured route of all of this class of mutant 
(Strand et al., 2015; Livingston et al., 2010a,b; 
Gotoh et al., 2010).

Additionally, these routes are likely different 
in their efficiencies for generating ATP. A PGR5-
PGRL1-dependent pathway would only generate 
Δp by quinol oxidation at the bf complex (Fig. 4.2A). 
Nevertheless, the importance of the FQR pathway 
for photosynthetic electron flow should not be 
underestimated. Aside from contributing to ATP 
generation, its utility is likely to lie in its capabil-
ity for rapidly generating Δp for photoprotective 
down-regulation of antenna excitation. NDH is an 
independently protonmotive system (discussed 
above, Strand, Fisher, and Kramer, submitted), 
with double the proton-pumping stoichiometry 
of the FQR-CEF pathway (Fig. 4.2B). By virtue of 
the nature of its protonmotivity, the Δp-dependent 
reverse (plastoquinol oxidase) activity of NDH 
would be expected to effectively interconvert ATP 
and NADPH, for further balancing of the system 
(Fig. 4.2C). Therefore, the two distinct routes of 
CEF, with different efficiencies, would give the 
chloroplast added flexibility in the metabolic 
output of the light reactions.

Future trends
In the seminal review of Bendall and Manasse 
(1995), cyclic electron flow is described as the 
‘Cinderella of chloroplast energetics’, but the 
authors note that it has been gaining increased 
attention. Arguably, this description is still appro-
priate 20 years on. Although significant progress 
in CEF research has been achieved since, much 
remains to be determined. The identity of the FQR, 
and the redox effectors acting upon it, remain in 
question, likewise the mechanism of the signalling 
cascade for H2O2-mediated NDH activation. More 
generally, the importance of CEF to photosynthetic 
organisms experiencing fluctuating environmental 
conditions and challenges, as might be experienced 
in the field, as opposed to static laboratory condi-
tions, requires attention.
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5Modelling Electron and Proton Transport 
in Chloroplasts
Alexander N. Tikhonov

Abstract
Mathematical modelling of photosynthesis 
provides a framework for in-depth analysis of 
light energy transduction and feedbacks in the 
network of plant cell metabolism. In this chapter, 
mathematical models of oxygenic photosynthesis 
are considered in the context of light-induced 
regulation of photosynthetic electron and proton 
transport in chloroplasts, the energy-transducing 
organelles of the plant cell. After a brief overview 
of electron and proton transport processes in chlo-
roplasts and basic mechanisms of their regulation, 
general approaches to mathematical description 
of photosynthetic processes are outlined. As an 
example of computer modelling of oxygenic pho-
tosynthesis, a generalized mathematical model of 
electron and proton transport in chloroplasts is 
described. The model includes key stages of linear 
electron transport, alternative pathways of electron 
transfer around photosystem I, transmembrane 
proton transport and ATP synthesis. The model 
also takes into account pH-dependent mechanisms 
of the intersystem electron transport control and 
the light-induced activation of the Calvin–Benson 
cycle. Some peculiarities of diffusion-controlled 
reactions of electron and proton transport in 
chloroplasts are described within the framework 
of the model, which takes into account lateral het-
erogeneity of thylakoid membranes. At the end of 
the chapter, future trends in modelling electron and 
proton transport in chloroplasts are analysed.

Introduction
Photosynthesis represents a unique set of molecular 
events that unite different kinds of energy transduc-
ing processes: light capture and energy migration 

to photoreaction centres, charge separation in pho-
toreaction centres, electron and ion transport, and 
biochemical reactions of organic substances synthe-
sis from atmospheric CO2 and water (Edwards and 
Walker, 1983; Ruban, 2012; Skulachev et al., 2013). 
The light-induced processes of photosynthesis are 
initiated by light absorption in the light-harvesting 
antenna, followed by migration of energy and 
charge separation in photoreaction centres. Pho-
tosynthetic organisms of oxygenic type (higher 
plants, algae, cyanobacteria) have two multisubunit 
pigment–protein complexes, photosystem I (PSI) 
and photosystem II (PSII), which are intercon-
nected via the cytochrome (Cyt) b6 f complex and 
mobile electron carriers, plastoquinone (PQ) and 
plastocyanin (Pc). Electron transport complexes 
are embedded into lamellar membranes of thyla-
koids, closed vesicles situated under the chloroplast 
envelope. Fig. 5.1 depicts a scheme of electron 
transport pathways in chloroplasts. The operation 
of PSII provides the cleavage of water by the water-
oxidizing complex (WOC) and PQ reduction to 
plastoquinol (PQH2). Decomposition of one H2O 
molecule in the WOC leads to the release of two 
protons into the thylakoid lumen (H2O → ½O2 + 
2H+

in + 2e-); the light-induced formation of PQH2 
is accompanied by the uptake of two protons from 
stroma (PQ + 2e− + 2H+

out → PQH2). Diffusing in 
the thylakoid membrane, PQH2 reaches the Cyt b6 f 
complex, which mediates the intersystem electron 
transport by oxidizing PQH2 and reducing Pc. The 
oxidation of PQH2 by the Cyt b6 f complex occurs 
at the quinone-binding centre Q o on the luminal 
side of the thylakoid membrane. Oxidation of one 
PQH2 molecule is accompanied by dissociation 
of two protons into the lumen. Photoexcitation of 
PSI provides the oxidation of Pc (or cytochrome 
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c6 in cyanobacteria) and reduction of ferredoxin 
(Fd), a mobile electron carrier on the stromal side 
of the membrane. Ferredoxin reduces NADP+ to 
NADPH via the ferredoxin-NADP-oxidoreductase 
(FNR). Thus, acting in tandem, PSII and PSI 
provide electron transfer along the linear electron 
transport chain (ETC) from water to NADP+, the 
terminal electron acceptor of PSI (H2O → PSII → PQ 
→ b6 f → Pc → PSI → Fd → FNR → NADP+).

Electron transfer along the chloroplast ETC 
leads to generation of the transthylakoid difference 
in electrochemical potentials of protons, Δ !µH+, 
which serves as the proton motive force (pmf) used 
to drive ATP synthesis from ADP and Pi by the 
membrane-bound ATP synthase (Mitchell, 1966; 
Skulachev et al., 2013). Two components of Δ !µH+, 
the pH difference (ΔpH = pHstroma – pHlumen) and the 
transmembrane difference in electric potentials, 
Δψ = ψlumen – ψstroma, are shown to be competent 
as the sources of energy for driving the ATP syn-
thases (Gräber, 1982; Junesche and Gräber, 1991). 
In chloroplasts, steady-state ΔpH value is usually 

considered as a major component of the pmf ( John-
son and Ruban, 2014), although under certain 
conditions one cannot ignore the contribution 
of Δψ (Cruz et al., 2005). The products of the 
light-induced stages of photosynthesis, ATP and 
NADPH, are used in reductive biosynthetic reac-
tions in the Calvin–Benson cycle (CBC) (Edwards 
and Walker, 1983).

Photosynthetic apparatus of chloroplasts rep-
resents a highly flexible system, which provides 
its efficient performance under variable natural 
conditions. Rapid response of photosynthetic 
ETC to fluctuations in the light environment and 
variations in atmospheric CO2 should facilitate sus-
tainable development of photosynthetic organisms 
and their survival under light stress and inclement 
environment conditions (for review, see Demmig-
Adams et al., 2012; Kaiser et al., 2015). Elucidation 
of molecular mechanisms of the feedback control of 
electron transport and adaptation of photosynthetic 
apparatus to varying environment is a challenge to 
biochemistry and biophysics of photosynthesis. 

Figure 5.1 A scheme of photosynthetic electron transport pathways and the arrangement of protein complexes 
(Photosystem I, Photosystem II, cytochrome b6f, LHCI, LHCII, FNR, and NDH) in the thylakoid membrane. 
Modified from Figure 1 in Tikhonov (2015). See the list of abbreviations and text for notations and other details.
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A deep insight into the regulatory network of 
oxygenic photosynthesis is complicated by a large 
number of interacting components, entangled with 
numerous regulatory feedbacks that act over differ-
ent time scales (Tikhonov, 2015). Mathematical 
modelling is increasingly recognized as an efficient 
tool to understand structural and functional organi-
zation of photosynthetic systems, providing an 
instrument for analysis of regulatory processes in 
the complex network of photosynthetic processes. 
Computer models has long been used for analysing 
the regulatory mechanisms of different photosyn-
thetic processes (see, for example, Kukushkin et 
al., 1973; Laisk and Walker, 1986; Karavaev and 
Kukushkin, 1993; Shinkarev, 1998; Fridlyand and 
Scheibe, 1999; Berry and Rumberg, 2000; Lazar, 
2003, 2009; Laisk et al., 2006, 2009; Nedbal et 
al., 2007a,b; Lavergne, 2009; von Caemmerer et 
al., 2009; Lazar and Schansker, 2009; Rubin and 
Riznichenko, 2009; Vershubskii et al. 2011; Zaks 
et al., 2012; Xin et al., 2013; Zhu et al., 2013, and 
references therein). For the state-of-the-art in the 
field of mathematical modelling of photosynthetic 
processes, one can see the book Photosynthesis in 
silico. Understanding Complexity from Molecules to 
Ecosystems (Laisk, Nedbal, and Govindjee, eds., 
2009) and Special issue of the BioSystems journal 
(Igamberdiev, ed., 2011). Recent reviews on com-
puter modelling of electron and proton transport 
in chloroplasts has been presented in (Rubin and 
Riznichenko, 2014; Tikhonov and Vershubskii, 
2014). The above-mentioned publications dem-
onstrate how mathematical approaches can be 
used for understanding the regulatory feedbacks 
in complex photosynthetic systems. It should be 
noted that chloroplasts represent very attractive 
objects for mathematical modelling of metabolic 
processes, because they are largely separated from 
other subsystems of the plant cell. In the meantime, 
there may be complexity of theoretical description 
of photosynthetic processes in chloroplasts, which 
results from their complex topology. In particular, 
modelling electron and proton transport in chloro-
plasts is complicated by non-uniform distribution 
of electron transport and ATP synthase complexes 
between spatially segregated domains of laterally 
heterogeneous thylakoid membranes.

In this chapter, mathematical models of electron 
and proton transport in chloroplasts are consid-
ered in the context of light-induced regulation of 

oxygenic photosynthesis. After an overview of 
light-induced processes of photosynthesis, general 
approaches to mathematical description of photo-
synthetic electron transport are briefly outlined. 
In order to exemplify the use of mathematical 
approaches to the study of regulatory events in chlo-
roplasts, a number of partial and general models of 
electron and proton transport have been described, 
including the models that take into account lateral 
heterogeneity of thylakoid membranes.

Photosynthetic electron 
transport and its regulation in 
chloroplasts
Let us consider some peculiarities of structural and 
functional organization of the chloroplast ETC 
that form the basis for constructing mathematical 
models of electron and proton transport processes 
and the feedback mechanisms of their regulation.

The intersystem electron transport
Fig. 5.1 schematically depicts the ETC of chloro-
plasts. Electron flow from H2O to NADP+ (linear 
electron flow, LEF) provides the formation of 
NADPH at the expense of electrons donated by 
PSII to PSI via the intersystem ETC. In chlo-
roplasts, electron transport and ATP synthase 
complexes are distributed non-uniformly between 
the granal and stroma-exposed thylakoids. Closely 
stacked thylakoids of grana are enriched with PSII 
and the light-harvesting complex of PSII (LHCII); 
whereas most of PSI and ATP synthase complexes 
are localized in the membranes of unstacked 
stroma-exposed thylakoids, grana margins, and 
grana end membranes (Andersson and Anderson, 
1980; Murphy, 1986; Albertsson, 2001; Dekker 
and Boekema, 2005). The Cyt b6 f complexes are 
distributed almost uniformly throughout all the 
domains of the thylakoid membrane (Albertsson, 
2001).

There are two diffusion-controlled stages of 
long-range communication between PSII and PSI: 
(i) electron transport from PSII to the Cyt b6 f com-
plex mediated by PQH2 molecules diffusing in the 
thylakoid membrane, and (ii) electron transfer from 
the Cyt b6 f complex to PSI mediated by Pc diffusing 
within the thylakoid lumen. It is well-known fact 
that the rate of the intersystem electron transport is 
determined by PQ turnover as a shuttle connecting 
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PSII and Cyt b6 f complexes (Witt, 1979; Haehnel, 
1984). The amount of PQ molecules is about 5–10 
times higher than that of PSI or PSII (Stiehl and 
Witt, 1968, 1969; Siggel et al., 1972). The rate of 
PQ turnover is determined by several events: (i) 
the reduction of the secondary quinone PQ B to 
PQ BH2 (PQ B + 2e− + 2H+

out → PQ BH2), (ii) dis-
sociation of PQ BH2 from PSII into the thylakoid 
membrane (PQ BH2 → PQH2), (iii) PQH2 diffusion 
towards the Cyt b6 f complex, and (iv) PQH2 oxida-
tion at the Q o-site of the Cyt b6 f complex.

The light-induced reduction of PQ to PQH2 in 
PSII (t½ ≈ 0.6 ms) occurs much more rapidly than 
PQH2 oxidation (t½ ≥ 4-20 ms). Thoroughly scruti-
nizing the light-induced turnover of PQ in spinach 
chloroplasts, Stiehl and Witt demonstrated that the 
electrons of the reduced plastoquinone (PQH2) 
were accepted by P+

700 centres (via intermediates) 
with the half-time t½ ≈ 15-17.5 ms (Stiehl and Witt, 
1968, 1969). Note that the rate of the intersystem 
electron transport, as evaluated in terms of half-
time for PQH2 molecules oxidized per second, was 
almost the same at different capacities of the pool of 
reduced PQH2 molecules. These works are of par-
ticular interest, because the redox transients of PQ 
were measured directly, by monitoring absorption 
changes of PQ in the UV region. Similar rates of 
PQH2 oxidation and P+

700 reduction were reported 
by Haehnel, who also observed that the reduction 
of Cyt f (PQH2 e  … e  Cyt fox) occurred 
with the half-time t½ ≈ 17-20 ms (Haehnel, 1973, 
1976a,b). Further electron transfer from the Cyt b6 f 
complex to P+

700 (Cyt fred e  Pc e  P+
700) occurs 

rapidly as compared to PQH2 oxidation. Charac-
teristic times of electron transfer from Cyt f to Pc 
and from reduced Pc to P+

700 are ~ 35-350 μs and 
~ 20-200 μs, respectively (Haehnel, 1984; Hope, 
2000). Taken together, the oxidation of PQH2 by 
the Cyt b6 f complex is the rate-limiting event in the 
chain of electron transport between PSII and PSI.

The question arises: which stage of PQH2 oxida-
tion determines the rate of the intersystem electron 
transport, either the lateral diffusion of PQH2 in 
the membrane between spatially separated electron 
transport complexes or PQH2 oxidation after its 
binding to the Cyt b6 f complex? There are indica-
tions that under certain experimental conditions 
the long-range lateral diffusion of PQH2 restrains 
electron transfer between PSII and PSI (Lavergne 
and Joliot, 1991; Kirchhoff, 2008, 2014). Diffusion 

of PQH2 may be retarded due to slow percolation 
of PQH2 molecules through the lipid domains of 
the membrane over-crowded with densely packed 
protein complexes. However, the distribution of 
Cyt b6 f complexes among PSII supercomplexes 
located in granal membranes minimizes the average 
distance traversed by PQ molecules in the crowded 
membrane environment, providing rapid exchange 
of PQ between the Cyt b6 f and PSII complexes. 
Obstructed diffusion of Pc within the narrow 
thylakoid lumen may also restrict, under certain 
conditions, communication between the Cyt b6 f 
and PSI complexes (Kirchhoff et al., 2011).

In the meantime, there are good reasons to 
believe that over a wide range of experimental con-
ditions the light-induced formation PQH2 in PSII 
and its diffusion within the membrane do not limit 
the overall rate of the intersystem electron trans-
port. Although significant amounts of PSI and PSII 
complexes are laterally segregated, most of them 
are in close contact with the Cyt b6 f complexes 
(Albertsson, 2001). There is conclusive experi-
mental evidence that PQH2 formation in PSII and 
its lateral diffusion in the thylakoid membrane, as 
well as Pc movement within the lumen, should not 
limit the overall rate of electron transfer between 
PSII and PSI (Haehnel, 1976a; Tikhonov et al., 
1984). In isolated chloroplasts, over a wide range 
of pH, ionic strength, and temperature, the light-
induced reduction of PQ to PQH2, its dissociation 
from PSII, and PQH2 diffusion towards to the Cyt 
b6 f complex occur much more rapidly than PQH2 
oxidation in the Cyt b6 f complex (for review, see 
Tikhonov, 2013, 2014). The conclusion that the 
major rate-limiting step in the intersystem chain of 
electron transport is not diffusion of PQH2, but its 
oxidation in the Q-cycle, has been supported by the 
study of temporal kinetics of electron transport in 
intact leaves (Laisk et al., 2014).

Interaction of PQH2 with the Cyt b6f 
complex
The rate of PQH2 turnover is determined mainly 
by the redox processes taking place after its bind-
ing to the Q o-centre of the Cyt b6 f complex. This 
complex is usually considered as a functional 
homodimer of multisubunit monomers (Fig. 
5.2A). Each monomer consists of eight polypeptide 
subunits, including four major subunits: the iron–
sulfur protein (ISP), the Cyt b6 and Cyt f proteins, 
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and subunit IV (for review, see Cramer et al., 2006, 
2011). The overall rate of PQH2 oxidation can be 
influenced by several constituent reactions. Accord-
ing to the Q-cycle mechanism (Mitchell, 1976), the 
oxidation of PQH2 in the Q o-centre proceeds as 
two concerted reactions: one electron is transferred 
to a high-potential redox chain and the other to a 
low-potential chain (Fig. 5.1):

PQH2 + ISPox → PQH∙ + ISPred + H+
in (5.1)

PQH∙ + Cyt(b6
L)ox → PQ + Cyt(b6

L)red + H+
in (5.2)

where PQH∙ denotes the semiquinone species of 
PQ formed in reaction (5.1). The first electron is 
further transferred to Pc through the ISP and Cyt 
f proteins: (PQH2)o e  ISP e  Cyt f e  Pc. 
The second electron is directed through the low- 
and high-potential haems bL

6 and bH
6 to reduce 

PQ at the Q i-site on the stromal side of the thy-
lakoid membrane: (PQH∙)o e  bL

6 e  bH
6 e  

(PQ)i. Since PQH2 oxidation is accompanied by 
the release of two protons into the thylakoid lumen, 
the rate of this process appears to be under the 
control of the intrathylakoid pHin (Rumberg and 
Siggel, 1969; Witt, 1979; Tikhonov et al., 1984; 
Nishio and Whitmarsh, 1993).

The endergonic reaction (equation 5.1) has 
been identified as the rate-limiting step of quinol 
oxidation (for review, see Crofts, 2004; Crofts et 
al., 2013; Tikhonov, 2014). In the Cyt b6 f complex, 
the ISP occupies a cleft between the large and small 
domains of the Cyt f protein (Kurisu et al., 2003; 
Stroebel et al., 2003). It is likely that after the reduc-
tion of ISP its mobile extrinsic domain, containing 
the redox cluster (FeS)2, moves from the Q o-site 
towards the haem f; thereby, the ‘tethered’ diffu-
sion of the (FeS)2 cluster enables electron transfer 
to Cyt f. There are several lines of evidence for a 
high mobility of the extrinsic domain of the ISP 
within the Cyt b6 f complex (Breyton, 2000; Yan 
and Cramer, 2003; de Vitry et al., 2004; Hasan et al., 
2013). Therefore, the flip-flop movements of the 
(FeS)2 cluster between the Q o-site and the haem f 
may occur more rapidly than the immediate step of 
electron transfer from PQH2 to (FeS)2.

It should be noted that the literature data for 
the rates of partial reactions of electron transport 
in the Cyt b6 f complex are scattered, depending on 
the system investigated and its metabolic state. As 
noted above, Stiehl and Witt reported that a fast 
phase of post-illumination oxidation of PQH2 in 
isolated spinach chloroplasts, which can be related 
to PQH2 interaction with the Cyt b6 f complex, 
was about 15-17.5 ms (Stiehl and Witt, 1969). The 
half-times of post-illumination reduction of Cyt f in 
different species of intact leaves ranges from 20 ms 
to 28 ms for the entire range of light intensities up 
to 2800 µmol/m2/s (Kramer et al., 1999). These 

Figure 5.2 (A) Side view of the dimeric Cyt b6f 
complex from Chlamydomonas reinhardtii (PDB entry 
1Q90 (Stroebel et al., 2003)). Figure was produced 
using Accelrys DV visualizer software package (http://
www.accelrys.com). (B) Quantum chemical part of 
the model system, which includes trimethylquinol 
(TMQH2, the analogue of PQH2), the (FeS)2 cluster, 
and surrounding them amino acid residues of the 
Cyt b6f complex (Cys134–Thr135–His136–Leu137–
Gly138–Cys139, Cys152, Cys154–His155–Gly156–
Ser157, Tyr159) as described in (Frolov and Tikhonov, 
2009). (C) Energy profile for the first step of proton-
coupled oxidation of TMQH2 by the ISP. The plot of 
energy vs the reaction coordinate R(H-Ne) describes 
changes in the potential energy of the model system 
upon the displacement of the H atom from TMQH2 
to the Ne atom of His155. Modified from Figure 2 in 
Frolov and Tikhonov (2009) and Figure 12 in Tikhonov 
(2014).

http://www.accelrys.com
http://www.accelrys.com
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values correspond to the rates of Cyt f reduction 
in isolated chloroplasts reported in earlier works 
(Velthuys, 1979; Nishio and Whitmarsh, 1993) 
and in the cyanobacterium Synechocystis PCC sp. 
6803 (Schneider et al., 2001). Otherwise, several 
authors have demonstrated that the rate of the Cyt 
b6 f complex turnover in intact leaves (measured on 
the basis of post-illumination reduction of P+

700) 
becomes more rapid when illumination is increased 
(Harbinson and Hedley 1989; Laisk et al., 2005). 
Relatively short apparent times of Cyt f and Cyt b 
reduction (t½ ≈ 3-6 ms), indicating a rapid turnover 
of the Cyt b6 f complex, are typical of intact C. rein-
hardtii cells (Soriano et al., 1996; Ponamarev and 
Cramer, 1998) and the cyanobacterium Synechococ-
cus sp. PCC 7002 (Yan and Cramer, 2003).

There may be several reasons for the dispersion 
of kinetic data in terms of half-time, t½. One of the 
reasons might be related to differences between 
the species. For instance, variable stoichiometry 
between PSII, Cyt b6 f, and PSI complexes (Schöt-
tler et al., 2015) might influence the apparent rate 
of post-illumination reduction of P+

700. Variability 
of electron capacities of interacting donor and 
acceptor species may manifest itself in the kinetic 
behaviour of the system, exaggerating or underesti-
mating the contributions of rapid and slow phases 
of electron transport reactions. Another reason for 
scattering kinetic data may be associated with the 
uncertainty of the redox status of electron carriers. 
For instance, in C. reinhardtii cells, the low redox 
poise (Eh ≈ −380 mV) of the stroma suggests that 
the high-potential ISP centres are maintained in 
the reduced state even in the dark (Alric, 2014), 
thereby accelerating partial reactions of electron 
transport in the Cyt b6 f complex. Besides, transient 
kinetics of redox changes, when the oxidation of 
cytochromes take place concurrently with their 
reduction (Cyt fred → Cyt fox → Cyt fred, and Cyt box 
→ Cyt bred → Cyt box), will result to underestimation 
of half-times (Velthuys, 1979). This may explain 
why the apparent rates of partial reactions of PQH2 
oxidation in the Cyt b6 f complex may exceed the 
overall rate of the electron flow from PQH2 to P+

700. 
An accelerated post-illumination reduction of P+

700 
may also result from the contribution of reduced 
Pc (Pc− + P+

700 → Pc + P+
700 and/or due back reac-

tions in PSI (P+
700F–

X → P700FX, P+
700F–

A/B → P700FA/B) 
with characteristic times ~ 2-80 ms (Brettel, 1997). 
These factors will manifest themselves upon the 

slowing down of electron drain from PSI. At any 
rate, however, we can safely state that the oxidation 
of PQH2 in the Cyt b6 f complex comprises the 
rate-limiting step in the chain of electron transport 
between PSII and PSI.

Alternative pathways of electron 
transport
The feedback regulation of photosynthetic elec-
tron transport is associated with redox-dependent 
redistribution of electron fluxes, which provides 
flexibility of photosynthetic apparatus and its 
efficient interaction with other metabolic systems. 
Apart from the mainstream electron flow from PSI 
to NADP+, electrons may be diverted to alterna-
tive pathways: (i) cyclic electron flux around PSI 
(CEF1) (for more details see Chapter 4); (ii) the 
water–water cycle (WWC), in which electrons 
from PSI reduce O2 to H2O (Mehler, 1951; Asada, 
1999); (iii) the malate shunt, in which electrons 
from LEF are shuttled to oxidative phospho-
rylation in mitochondria (Scheibe, 2004). Proton 
pumping into the thylakoid lumen coupled to elec-
tron transport along the CEF1 and WWC routes 
supports the ATP synthesis without net reduction 
of NADPH, thereby increasing the ATP/NADPH 
ratio. Switching between alternative routes helps to 
sustain required ratio between ATP and NADPH 
(ATP/NADPH = 3/2) used for CO2 accumulation 
in the CBC (Edward and Walker, 1983). Electrons 
from PSI may return into the ETC between PSII 
and PSI via illusive ferredoxin-quinone reductase 
(FQR) (Bendall and Manasse, 1995; Iwai et al., 
2010); this way will be called as a ‘short’ CEF1. 
Also, there may exist a ‘long’ route of CEF1, where 
electrons from NADPH return to the intersystem 
ETC via the NAD(P) oxidoreductase (NDH) (Shi-
kanai, 2007; Johnson, 2011). Electron flow from 
PSI to O2 represents additional channel of electron 
drain from PSI (Asada, 1999; Badger et al., 2000; 
Heber, 2002). When O2 rather than NADP+ acts as 
a terminal electron acceptor in PSI, it is eventually 
reduced to water during the operation of pseu-
docyclic WWC (H2O → PSII → PSI → O2 → H2O). 
Summing up, electron transfer along CEF1 and 
WWC pathways is accompanied by proton trans-
location into the lumen, supporting the ATP 
formation without the reduction of NADP+ and 
providing an optimal stoichiometry of NADPH 
and ATP used in the CBC.
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pH-dependent and redox-regulation 
of photosynthetic electron transport
Among the diversity of regulatory processes that 
serve to optimize electron and proton transport 
in chloroplasts, noteworthy are the feedbacks 
associated with the light-induced changes in the 
lumen and stroma pH. The intersystem electron 
transport is governed by the light-induced changes 
in the lumen pHin. There are two main mechanisms 
of pHin-dependent control of electron transport 
caused by lumen acidification (pHin): (i) decel-
eration of PQH2 oxidation, and (ii) attenuation of 
PSII activity. A decrease in pHin causes the slowing 
down of PQH2 oxidation by the Cyt b6 f complex, 
thereby reducing electron flow from PQH2 to PSI 
(for review, see Tikhonov, 2012, 2013, 2014). At 
the same time, photochemical activity of PSII 
decreases with the light-induced generation of 
ΔpH. This occurs due to an enhancement of ther-
mal dissipation of absorbed light energy in LHCII 
known as non-photochemical quenching (NPQ) 
of chlorophyll a excitation (for review, see Li et al. 
2009; Demmig-Adams et al., 2012; Horton, 2012; 
Ruban, 2012). The development of NPQ, caused by 
energization of thylakoid membranes (the so-called 
qE component of NPQ), induces conformational 
changes in LHCII, creating a quenching channel for 
dissipation of excess light energy. pH-Dependent 
mechanisms of electron transport control play 
important protective role, precluding too strong 
acidification of the lumen (for review, see Kramer 
et al., 1999, 2003; Tikhonov, 2012, 2013, 2014) 
and decreasing the probability of damage to the 
photosynthetic apparatus under the solar stress 
conditions (Demmig-Adams et al., 2012; Ruban, 
2012).

In dark-adapted chloroplasts, activities of the 
CBC enzymes and FNR are low (Buchanan, 1980; 
Edwards and Walker, 1983; Woodrow and Berry, 
1988). Immediately after the light onset, a low rate 
of NADPH consumption in the CBC will cause the 
over-reduction of electron carriers on the acceptor 
side of PSI. This would divert electrons from PSI 
to alternative routes of electron flow (CEF1 and 
WWC) and to thioredoxin (Tr). The light-induced 
activation of the CBC stimulates regeneration of 
NADP+, promoting the outflow of electrons from 
PSI. Activation of the CBC enzymes is associated 
with the redox- and pH-dependent modulation 
of electron transport on the acceptor side of PSI 

(Werdan et al., 1975; Mott and Berry, 1986; 
Andersson, 2008). Redox-dependent activation 
of photosynthetic enzymes occurs via the thiore-
doxin/thioredoxin reductase (TrR) system: at the 
excess of reductants on the acceptor side of PSI, the 
outflow of electron from PSI is diverted from Fd to 
Tr (via the TrR). Reduced Tr will activate, in turn, 
other enzymes, including those of the CBC (Moto-
hashi and Hisabori, 2006; Dietz and Pfannschmidt, 
2011; Michelet et al., 2013).

Alkalization of the stroma is another factor of 
CBC activation. The light-induced increase in stro-
mal pHout (the rise of pHout from 7.0-7.2 to 7.8-8.0; 
Heldt et al., 1973; Robinson, 1985) is associated 
with the proton consumption upon the reduction 
of PQ (PQ + 2e– + 2H+

out → PQH2) and NADP+ 
(NADP+ + 2e– + H+

out → NADPH). The light-
induced rise of pHout induces an increase in stromal 
concentration of Mg2+ (Barber, 1976), which is 
necessary for activation of Rubisco, the key enzyme 
of the CBC (Gardemann et al., 1986).

The rate of electron flow in chloroplasts cor-
relates with the chloroplast metabolic state 
characterized by the so-called ‘phosphate potential’, 
P = [ATP]/([ADP] × [Pi]), where [ATP], [ADP] 
and [Pi] are the concentrations of ATP, ADP, and 
Pi, respectively. Depending on the ADP/ATP ratio, 
the ATP synthase complexes (CF0-CF1) function 
either in the ATP synthase mode (H+

in → H+
out, ATP 

formation) or in the ATPase mode (ATP hydrolysis, 
H+

out → H+
in). According to the terminology coined 

by Chance and Williams, a state of chloroplasts 
upon intensive ATP synthesis (surplus of ADP 
and Pi, low P) should be termed as the ‘metabolic 
state 3’ (Chance and Williams, 1956). A state of 
photosynthetic control (exhausted pool of ADP or 
Pi, high P, when the net production of ATP is zero) 
would be termed as the ‘metabolic state 4’. In state 
3, the rate of the intersystem electron flow is usu-
ally high, because ATP synthesis is accompanied by 
stoichiometric drain of protons from the lumen to 
stroma, thus precluding too strong acidification of 
the lumen (pHin ≈ 6–6.2; for review, see Tikhonov, 
2012, 2013). In this case, chloroplasts retain a high 
rate of electron transport, which is comparable with 
accelerated electron flow in uncoupled chloroplasts 
(pHin ≈ pHout, ‘metabolic state 5’). More significant 
acidification of the lumen (pHin < 6) occurs in the 
state 4 (exhausted pool of ADP or Pi, and significant 
surplus of ATP, high P), when the overall proton 
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flux through CF0-CF1 and ATP production virtu-
ally tend to zero. In state 4, the intersystem electron 
flow decelerates.

Light energy partitioning between 
PSI and PSII
Another mechanism of electron transport regula-
tion in chloroplasts is associated with redistribution 
of light energy between PSI and PSII (‘state tran-
sitions’; for review, see Lemeille and Rochaix, 
2010; Minagawa, 2011; Tikkanen and Aro, 2012, 
2014). The over-reduction of the PQ pool induces 
activation of a protein kinase that catalyses phos-
phorylation of LHCII, thereby initiating structural 
changes in photosynthetic apparatus and enhanc-
ing the light energy delivery to PSI at expense of 
PSII (state I → state II transition). These events are 
triggered by PQH2 binding to the Q o-site of the 
Cyt b6 f complex. According to traditional point of 
view, supported by biochemical and structural data 
(Kouril et al., 2005; Hofmann, 2012), the loosely 
bound form of phosphorylated LHCII dissociates 
from the PSII–LHCII supercomplex and migrates 
to PSI, thereby increasing the light harvesting 
capacity of PSI. Novel insights into LHCII phos-
phorylation and state I ↔ state II transitions in 
higher plants have been suggested in (Tikkanen et 
al., 2011; Tikkanen and Aro, 2012, 2014).

General principles of computer 
simulation of electron transport 
in chloroplasts

Deterministic approach to modelling 
electron transport in chloroplasts
Deterministic approach to mathematical descrip-
tion of molecular interactions in photosynthetic 
systems is based on the use of differential equa-
tions, which establish relationships between 
the interacting species. Classical approaches of 
chemical kinetics are based on the mass action 
law and equations of Michaelis–Menten kinetics. 
In the majority of traditional models of photo-
synthetic electron transport, concentrations of 
electron carriers are considered as the variables 
independent of spatial coordinates. However, in 
order to describe diffusion-controlled reactions 
of electron transport in spacious systems with the 
non-uniform distribution of electron transport 

complexes in the thylakoid membrane, differential 
equations with partial derivatives should be used. 
The question arises: is it correct to describe the 
interaction between distant electron transport 
complexes using the approximation based on the 
mass action law?

The application of the mass action law for 
diffusion-controlled processes can be approved 
if the pools of mobile electron carriers provide 
rapid interconnections between electron transport 
complexes (the so-called ‘lake model’). This may 
be true for chloroplasts, if the mobile electron 
carriers (i.e. PQ and Pc) rapidly mediate electron 
transport between distant PSII, Cyt b6 f, and PSI 
complexes. Titration of chloroplasts by DCMU 
(an inhibitor which selectively blocks PSII activ-
ity) demonstrated that even ~10% of active 
(DCMU-untreated) PSII complexes were able 
to donate electrons to almost all Cyt b6 f and PSI 
complexes (Siggel et al., 1972). This result suggests 
that spatially segregated PSII, Cyt b6 f, and PSI 
complexes are interconnected via the common 
pool of mobile electron carriers. By other words, 
PQ and PQH2 molecules behave as a pool of freely 
diffusing mediators of electron transport dissolved 
in the lipid bilayer, which connect the PSII and Cyt 
b6 f complexes (at least within the microdomains 
where PQH2 molecules are channelled from PSII 
to the Cyt b6 f complexes (Kirchhoff et al., 2008)). 
The Cyt b6 f complexes, which are dispersed over 
the granal and stromal domains of the thylakoid 
lamellas, can communicate with PSI due to high 
mobility of Pc within the lumen. Taken together, 
the pool type behaviour of PQH2 and Pc mole-
cules sets the basis for the widely accepted random 
diffusion model of electron transport processes 
in chloroplasts. This model tacitly implies that 
integral protein complexes, including the basic 
electron transport complexes and ATP synthases, 
are randomly dispersed in the fluid domains (or 
microdomains) of the thylakoid membrane. The 
interactions between spatially segregated com-
plexes are mediated by mobile electron carriers, 
PQH2 and Pc.

If electron flow from PSII to the b6 f complex 
and further electron transfer to PSI are not limited 
by diffusion of PQH2 and Pc molecules (the ‘lake’ 
type model), then one may use (as a first approxi-
mation) a conventional approach of chemical 
kinetics based on the mass action law. In this case, 
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the reaction rate Jik is proportional to the product 
of concentrations of reacting components, ci(t) 
and cj(t):

Jij(t) ~ kij × ci(t) ×cj(t) (5.3)

where kij is the apparent rate constant. Rigorously 
speaking, concentrations of reagents, ci(t) and cj(t), 
should be considered as local concentrations of 
interacting reagents. However, in the vast majority 
of kinetic models, concentrations of electron carri-
ers are considered as the variables independent of 
spatial coordinates. This approach may be valid for 
the ‘lake’ type models, if we assume that the pro-
cesses considered are independent of the reaction 
vessel geometry.

In the meantime, for correct description of 
diffusion-dependent reactions in chloroplasts, 
one cannot ignore the spatial heterogeneity of the 
lamellar membranes. Integral protein complexes 
may present the obstacles that can cause significant 
decrease in the apparent coefficient of PQ diffusion 
(Kirchhoff, 2008, 2014). The long-range percola-
tion of PQH2 through the overcrowded areas of 
thylakoid membranes and slow diffusion of Pc 
within the narrow domains of the thylakoid lumen 
may hinder in the intersystem electron flow. Lateral 
diffusion of protons inside the narrow compart-
ments confined by the thylakoid membranes may 
also be decelerated. In these cases, electron and 
proton processes should be described by differ-
ential equations with partial derivatives similar to 
heat-transfer equations:

∂ci
!r ,t( )
∂t

=Di ×∇
2ci
!r ,t( )+ Fik ci

!r ,t( ) ,ck
!r ,t( )[ ]

k
∑

 (5.4)

where ci(r→ ,t) stands for the local concentration of a 
species ‘i’ in the space with coordinate r→ , Di is the 
apparent diffusion coefficient, and Fik[ci(r→ ,t),ck(r→ ,t)] 
is the function, which describes the interaction 
of ‘i’ and ‘k’ components in the vicinity of spatial 
point r→. Applications of deterministic approach 
to computer simulation of diffusion-controlled 
processes of electron and proton transport in 
chloroplasts have recently been reviewed by Rubin 
and Riznichenko (2014) and Tikhonov and Ver-
shubskii (2014). Another approach to modelling 
diffusion-controlled reactions is associated with 

the use of random walk models; this approach is 
outlined below.

Intersystem electron transport: 
random walk models of PQ and Pc 
diffusion
Complex topology of the lamellar system and 
non-uniform distribution of electron transport 
complexes in thylakoids pose a considerable chal-
lenge to everyone who applies traditional apparatus 
of mathematical physics for numerical descrip-
tion of light-induced processes in chloroplasts. 
Mathematical difficulties in modelling diffusion-
controlled reactions in the systems with complex 
architecture may be obviated by using the Monte 
Carlo method for simulation of random walks of 
mobile molecules. This method became one of the 
efficient tools for analysis of diffusion-controlled 
processes in supramolecular biological struc-
tures with complex architecture (Blackwell and 
Whitmarsh, 1990; Drepper et al., 1993; Blackwell 
et al., 1994; Kirchhoff et al., 2000, 2002, 2008; 
Shorten and Sneyd, 2009; Aliev and Tikhonov, 
2011; Rubin and Riznichenko, 2014). Potential 
advantages of using the random walk simulations 
of electron transport reactions are evident; this 
method presents an efficient tool for modelling 
the diffusion-controlled processes in over-crowded 
domains of thylakoid membranes and can shed a 
new light on long-range communications between 
segregated electron transport complexes.

Let us consider electron transfer between PSII 
and Cyt b6 f complexes mediated by PQ. Rapid 
turnover of PQ as a shuttle in the intersystem 
electron transport chain implies sufficiently high 
lateral mobility of PQ in over-crowded thylakoid 
membranes. In the membranes of granal thyla-
koids, protein complexes occupy at least 70% of the 
total membrane area (Albertsson, 2001; Dekker 
and Boekema, 2005; Kirchhoff et al., 2008). Col-
lisions of PQ molecules with impermeable protein 
obstacles would restrict their lateral traffic in the 
membrane. The coefficient of obstructed PQ diffu-
sion in photosynthetic membranes was found to be 
at least two or three orders of magnitude less than in 
pure lipid membranes free of proteins (Blackwell et 
al., 1994). The question arises whether the restricted 
diffusion of PQ in the thylakoid membrane may 
provide an efficient long-range communication 
between PSII and Cyt b6 f complexes? According to 
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percolation theory (Saxton, 1987, 1989; Kirchhoff, 
2008, 2014), an apparent diffusion coefficient of 
low-molecular species significantly declines in the 
membrane crowded by impermeable obstacles. If an 
occupation of the thylakoid membrane by integral 
protein complexes is higher than critical value cP 
(‘percolation threshold’), macromolecular obsta-
cles will restrict the long-range diffusion of PQ, 
confining random walks of PQ within enclosed dif-
fusion domains. The two-dimensional percolation 
threshold is defined as the surface fraction above 
which the long-range diffusion of small objects is 
restricted. In thylakoid membranes, integral pro-
teins may occupy an area close to 70%, which is 
close to the percolation threshold (cP ≈ 0.7–0.75). 
This suggests that rapid diffusion of PQ may be 
restricted to relatively small areas of the thylakoid 
membrane (‘microdomains’).

According to the microdomain concept of 
structural organization of thylakoid membranes 
(Lavergne and Joliot, 1991; Lavergne et al., 1992, 
Kirchhoff et al., 2000, Kirchhoff, 2014), rapid dif-
fusion of PQ occurs within small lipid areas near 
active PSIIs surrounded by other protein com-
plexes. The average distance between PSII and Cyt 
b6 f complexes within the microdomains of grana 
thylakoids has been evaluated as r ~ 15-20 nm 
(Tremmel et al., 2003). Diffusion of PQH2 and PQ 
within each microdomain does not limit electron 
transport between PSII and the Cyt b6 f complex. 
Typical diameter of grana falls in the range of 300-
600 nm (Dekker and Boekema, 2005; Kirchhoff, 
2014). PQ diffusion in the lipid areas is very fast. 
Therefore, if PQH2 is not trapped inside the micro-
domain, it could migrate over a large area within 
PQ turnover time (~ 20 ms). Is it possible that 
PQH2 molecules may be efficient in the long-range 
traffic between the grana thylakoid domains and 
stroma lamellae? Lateral diffusion coefficients for 
PQ-9, decyl PQ and PQ-2 in soybean phosphati-
dylcholine liposomes and in spinach thylakoid 
membranes have been estimated in the range of 
(0.1-3) × 1 0-9 cm2/s (Blackwell et al., 1994). PQ 
turnover is determined by PQH2 oxidation, which 
is characterized by the half-time t1/2 ≈ 20 ms (Stiehl 
and Witt, 1969; Haehnel, 1984). For random walk 
motions in two-dimensional systems, the mean 
square displacement of particles may be evaluated 
using the Einstein equation: <r2> = 4D × Δt, where 
<r2> is the mean square of the particle displacement 

during the time interval Δt, and D is the diffusion 
coefficient. If DPQ ~ (0.1-3) × 10-9 cm2/s, PQH2 
would traverse a distance about ~ 30-150 nm 
within the time interval Δt = 20 ms. It is important 
to note that numerical experiments (Tremmel 
et al., 2003) suggest that mobility of macromo-
lecular obstacles in the membrane increases the 
percolation threshold cP. In this case, the apparent 
diffusion coefficient for PQ should also increase, 
allowing the long-range diffusion of PQ within the 
overcrowded membrane. According to simulations 
by Tremmel et al. (2003), the apparent coefficient 
of the long-range diffusion of PQ in the thylakoid 
membrane approaches to DPQ ≈ 2.1×10-8 cm2/s. 
This means that PQ could travel farther than 
400 nm in 20 ms, suggesting that PQ migration in 
the thylakoid membrane from PSII to the Cyt b6 f 
complex would not limit electron transfer between 
PSII and PSI.

Let us now consider Pc diffusion within the 
thylakoid lumen. Electron transfer from the Cyt 
f haem to Pc, and further from Pc− to P+

700, occurs 
rapidly. Characteristic times of these processes 
(~ 5–350 μs, and ~ 20–200 μs, respectively) are 
significantly shorter than PQ turnover time 
(~ 4-20 ms), suggesting that Pc diffusion between 
the Cyt b6 f and PSI complexes occurs rapidly and, 
therefore, should not limit the intersystem electron 
transport. How the latter statement could be recon-
ciled with a relatively small volume for Pc diffusion 
within the over-crowded granal lumen? The face-
to-face distance between the inner surfaces of the 
opposite thylakoid membranes is relatively short, 
li ~ 10–20 nm (Dekker and Boekema, 2005; Kirch-
hoff, 2014). The WOC domain of PSII protrudes 
from the membrane to the thylakoid lumen, thereby 
limiting the space available for Pc diffusion inside 
the lumen. According to Kirchhoff et al. (2011), 
diffusion of Pc within the granal thylakoid lumen of 
dark-adapted thylakoids is highly restricted because 
of relatively narrow interthylakoid gap. However, 
the grana lumen undergoes significant (~ 100%) 
expansion in the light, thereby considerably 
increasing the space available for Pc diffusion and 
providing conditions for facilitated lateral traffic of 
Pc. Takano et al. (1982) evaluated the coefficient of 
Pc diffusion in the thylakoid lumen as DPc ≈ 2 × 10-9 
cm2/s. This yields the Pc displacement r ≈ 130 nm 
during Δt = 20 ms. Taking together, Pc movement 
inside the thylakoid lumen, as well as the lateral 
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diffusion of PQH2 in the thylakoid membrane, can 
influence the intersystem electron transport. How-
ever, under a wide range of experimental conditions, 
the diffusion-dependent steps of electron transport 
mediated by PQ and Pc may not be the limiting fac-
tors (for review, see Tikhonov 2013, 2014). In this 
case, the rate of electron transfer between PSII and 
PSI is determined predominantly by PQH2 oxida-
tion after its binding to the Cyt b6 f complex.

Computer modelling of electron transport on 
the basis of Brownian diffusion approximation 
has found its applications in biophysics of photo-
synthesis. Mobile electron transport proteins are 
usually considered as rigid bodies, which, diffusing 
in the lumen (Pc and Cyt c6) or in the stroma (Fd), 
collide with immobilized multienzyme complexes, 
thus mediating electron transport in chloroplasts 
(see, for instance, Haddadian and Gross, 2006; 
Riznichenko et al. 2010; Kovalenko et al. 2011). 
Consideration of these models is beyond the 
frames of this chapter; for more information, see 
Rubin and Riznichenko (2014).

Modelling electron transport in 
multiprotein complexes
Electron transport reactions within each individual 
complex occur independently of the immediate 
states of other electron carriers in the ensemble of 
electron transport complexes. Therefore, for mod-
elling electron transport in multienzyme complexes 
one cannot use traditional models of the ‘lake’ 
type based on the mass action law. Description of 
electron transfer processes within the multiprotein 
complexes is usually based on the ‘master equation’ 
method, when the catalytic cycle is described as a 
sequence of transitions between different states of 
the multiprotein complex (Rubin and Riznichenko, 
2009, 2014). A complete number of states in each 
individual complex is determined by the numbers 
of electron carriers in the complex and possible 
states of each electron carrier (reduced or oxidized, 
excited or in the ground state, protonated or depro-
tonated). Let pi is the probability of finding the 
multiprotein complex in the state ‘i’{i = 1, 2 … N}. 
Then the evolution of the system will be described 
by a set of ordinary differential equations (master 
equations):

dpi
dt
= kji p j −kij pi( )

j=1

N

∑  (5.5)

where kij is the rate constant of the transition from 
the state ‘i’ to state ‘j’.

The ‘master equation’ approach has been suc-
cessfully used for modelling electron transport 
and related processes in photosynthetic electron 
transport complexes. One of the first applica-
tions of the master equation theory to description 
of primary stages of photosynthesis belongs to 
Shinkarev and Venedictov (1977). Paillotin et al. 
(1983) successfully employed the master equation 
technique for modelling fluorescence induction, 
photochemical yield, and singlet-triplet exciton 
quenching in photosynthetic systems. Energy 
relaxation in the exciton transfer in photosynthetic 
antenna complexes have been studied theoreti-
cally using various models formulated in terms of 
generalized master equations (Singh and Brumer, 
2012). The master equation approach has been 
widely used for detailed theoretical analysis of 
light-induced processes of electron transport in 
reaction centres of PSII and numerical description 
of the induction of chlorophyll a fluorescence in 
PSII (Stirbet et al. 1998; Lazar, 2003; Belyaeva 
et al., 2008, 2011; Lazar and Schansker, 2009; 
Rubin and Riznichenko, 2009; Vredenberg and 
Prášil, 2009). For illustration of this approach, we 
consider Fig. 5.3, which shows a typical diagram 
of transitions between discrete states of the reac-
tion centre of PSII. These states differ from each 
other with respect of redox states of electron car-
riers, protonation of the primary and secondary 
quinones, and excitation of chlorophyll molecules. 
Fitting the results of ‘numerical’ experiments to 
experimental data, it is possible to evaluate of rate 
constants of elementary steps of electron transfer, 
dissipative processes, and to calculate a yield of 
chlorophyll a fluorescence. Theoretical models 
based on this approach provide a rather well simu-
lation of chlorophyll a fluorescence induction (the 
so-called OJIP curve), which characterizes the 
photochemical activity of PSII and performance of 
other photosynthetic processes (see for references 
Rubin and Riznichenko, 2014).

Quantum chemical modelling 
of proton-coupled electron 
transfer reactions
Contemporary methods of quantum chemistry 
provide an efficient tool for deep insight into the 
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energy-transducing processes at molecular level. 
Quantum chemical methods have been used for 
in-depth analysis of proton-coupled electron 
transport in PSII and other photosynthetic pro-
cesses (for review, see Sproviero et al., 2008, 2009; 
Blomberg and Siegbahn, 2010). In this section, 
the use of quantum chemical approach to assay 
partial reactions of electron transport is exempli-
fied for the reaction of PQH2 oxidation in the Cyt 
b6 f complex, which is the rate-limiting step in the 
intersystem electron transport. There are convinc-
ing experimental data indicating that the rate of 
quinone turnover in the Cyt complexes of bc type 
is determined by the endergonic reaction of elec-
tron transfer from the quinol molecule (PQH2 or 

ubiquinol, UQH2) to the (FeS)2 cluster of the ISP 
(for review, see Crofts, 2004; Crofts et al. 2013; 
Tikhonov, 2014). Quantum chemical modelling of 
PQH2 oxidation in the Cyt b6 f complex (Frolov and 
Tikhonov, 2009) supports the notion that the first 
step of this reaction includes the endergonic step, 
which hampers the overall rate of the intersystem 
electron transport.

Electron transfer from PQH2 to the ISPox is 
tightly coupled to proton transfer from PQH2 to 
appropriate proton-accepting group at the Q o-site. 
The Ne atom of the histidine residue (His155) 
liganding to the Fe atom of the (FeS)2 cluster 
(Fig. 5.2C) is the prime candidate for the role of 
the primary recipient of the proton donated by 

Figure 5.3 Diagram of catalytic cycle of Photosystem II, which depicts transitions between different states of 
the reaction centre associated with excitation of Chlorophyll (Ch1), oxidation/reduction of P700, primary and 
secondary PQ molecules (QA and QB, respectively). Modified figure adapted from Belyaeva et al. (2008, 2011).
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PQH2 (PQH2 + ISPox → PQH· + ISPred
∙ H+). The 

second step of PQH2 oxidation is associated with 
electron transfer to the low-potential haem bL

6. 
Thus, the overall process of PQH2 oxidation to PQ 
includes two sequential electron transfer steps:

ISPox … PQH2 … (bL
6)ox → ISPred

∙ H+ … PQH∙ 
… (bL

6)ox → ISPred
∙ H+ … PQ … (bL

6)red + H+
in (5.6)

Then, after oxidation of ISPred
∙ H+ by Cyt fox, its 

affinity for the proton decreases, and the proton 
releases into the lumen (via a proton-conducting 
channel): ISPred

∙ H+ + Cyt fox → ISPox + Cyt fred + H+
in. 

The energy profile of the first step of PQH2 oxida-
tion (the transfer of the H atom from PQH2 to 
the ISPox) has been calculated using the density 
functional theory (DFT) method (Frolov and 
Tikhonov, 2009). The model system used for DFT 
computations is shown in Fig. 5.2B. This system 
has two local minima of potential energy, which 
correspond to two positions of the H atom: one 
at the –OH group of the quinol molecule, and 
another at the imidazolate ring of His155 of the 
ISP (Fig. 5.2C). As one can see, the transloca-
tion of the H atom from the quinol molecule to 
the ISPox (the first step of quinol oxidation) is the 
endergonic reaction (~ 11 kcal/mol) with a rather 
high energy barrier Ea. The energy for realization 
of this energy-accepting process is regained due 
to the second (energy-donating) step of quinol 
oxidation, that is the electron transfer from plas-
tosemiquinone (PQH·) to the low-potential haem 
bL

6 (Tikhonov, 2014). The overall balance of free 
energy changes for two steps of PQH2 oxidation 
should be energy-favourable, ΔG1 + ΔG2 ≤ 0. From 
biophysical point of view, the tight coupling of the 
energy-accepting (ΔG1 > 0) and energy-donating 
(ΔG2 < 0) reactions can be realized provided both 
reactions occur as concerted (almost simultane-
ous) processes (Blumenfeld and Tikhonov, 1994). 
Using the Moser–Dutton ruler for evaluation of the 
rate of electron tunnelling between redox centres 
(Page et al., 1999), expanded by Crofts (2004) 
for proton-coupled electron transfer reactions, we 
evaluated the rate constant of PQH2 oxidation in 
our model system as k1 ~ 40–170 s-1. These values 
of the rate constant k1 reasonably agree with the 
experimental data for electron transfer from PQH2 
to P+

700 (t1/2 = ln2/k1 = 4–17.5 ms).

A generalized kinetic model of 
electron and proton transport in 
chloroplasts
For illustration of applications of deterministic 
approach to modelling electron transport in chlo-
roplasts, consider a generalized model developed in 
our earlier works (for review, see Vershubskii et al., 
2011; Tikhonov and Vershubskii, 2014). The model 
mimics the typical patterns of electron transport 
kinetics, generation of ΔpH, ATP synthesis, and 
CO2 uptake in chloroplasts. At first approximation, 
we have assumed that electron transport complexes 
and ATP synthases are randomly dispersed in the 
thylakoid membrane, neglecting the spatial hetero-
geneity of the chloroplast lamellar system. Peculiar 
effects of lateral heterogeneity of thylakoid mem-
branes on electron and proton transport processes 
are considered below in the separate section.

Description of the model
A scheme of the processes modelled is depicted 
in Fig. 5.4. For numerical description of these 
processes, the following variables were considered: 
[P+

700] and [P+
680], concentrations of oxidized pho-

toreaction centres P700 and P680 (electron donors in 
PSI and PSII, respectively); [Pc], concentration of 
oxidized electron donor for P+

700 (Pc in chloroplasts 
and/or Cyt c6 in cyanobacteria); [PQ], concentra-
tion of oxidized plastoquinone; [Fd], concentration 
of oxidized ferredoxin; [N+] and [NH], concentra-
tions of NADP+ and NADPH; [O2], concentration 
of O2. The amount of PQ molecules, which connect 
PSII with the Cyt b6 f complexes, is about 10 times 
higher than that of PSI or PSII. Variable [ATP] is 
the concentration of ATP; [H+

in] and [H+
out] are the 

concentrations of hydrogen ions in the lumen and 
in the stroma, respectively. The intensities of the 
light exciting photoreaction centres of PSI and PSII 
are described by parameters L1 and L2. The model 
comprises the set of eleven ordinary differential 
equations. Apparent rate constants for partial elec-
tron transport reactions have been found by fitting 
calculated kinetic curves to relevant experimental 
data as described in (Vershubskii et al., 2001, 
2004a,b, 2011).

For description of proton transport processes, 
we considered three compartments (Fig. 5.5A): the 
intrathylakoid lumen (pHin), stroma (pHout), and 
cytoplasm (pHcyt). Three transmembrane fluxes 
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of protons were taken into account: (i) JATP (the 
proton flux through CF0–CF1 coupled to ATP syn-
thesis), (ii) Jpas (passive drain of protons from the 
lumen to stroma) and (iii) Jcyt (exchange of protons 
between stroma and cytoplasm). Equations for JATP, 
Jpas and Jcyt were derived from the model for the 
transmembrane flow of protons as a set of proton-
exchange processes through the membrane-bound 
acid-base groups (Fig. 5.5B; for details see Dubin-
skii and Tikhonov, 1995). Buffer capacities of the 
lumen and stroma compartments are taken into 
account by the pools of proton-accepting species 
Bin and Bout, respectively.

The rate of ATP synthesis, which is tightly cou-
pled to the proton through CF0-CF1 (Fig. 5.5B), 
was calculated as the following function:

J ATP =kATP × ADP[ ]× Pi[ ]( )×
Hout

+⎡⎣ ⎤⎦× 10ΔpH −1⎡⎣ ⎤⎦
α+ Hout

+⎡⎣ ⎤⎦× 10ΔpH +β⎡⎣ ⎤⎦

 (5.7)

Here, kATP is the normalizing coefficient, 
ΔpH = pHout − pHin, [ADP] and [Pi] are the 
concentration of ADP and Pi. The total con-
centration of adenine nucleotides is fixed, 
[ADP] + [ATP] = const; we assume, at first approx-
imation, that Pi is present in large excess. The model 
implies that the ATP synthase is maintained in the 
activated state, because the processes of the redox-
dependent regulation of photosynthetic enzymes 
were not considered within the framework of the 
model described. The last factor in equation 5.7 
describes the proton flux through the membrane 
part of the ATP synthase (CF0). Constants α and 
β are interrelated model parameters, α = 10–pKa 
(1 + β), where pKa stands for an apparent pK value 
of the carboxyl group of the subunit c involved 
into the H+ transfer through CF0 (for more details 
see Vershubskii et al., 2004a, 2011; Tikhonov and 
Vershubskii, 2014). This model of ATP synthase 
is based on the well-known fact that the carboxyl 

Figure 5.4 A scheme of electron and proton transport processes considered in the model. Two electrons 
extracted from the water molecule in PSII are transferred to PQ, reducing PQ to PQH2. Electrons from PQH2 are 
transferred to reduce plastocyanin (Pc). Oxidation of water molecule and PQH2 is accompanied by dissociation 
of protons into the thylakoid lumen. PSI oxidizes Pc on the luminal side of the thylakoid membrane and reduces 
a mobile electron carrier ferredoxin (Fd) on the stromal side of the membrane. Reduced Fd molecules donate 
electrons to NADP+. Reduced and protonated NADPH molecules are consumed in the CBC. Along with the 
linear electron flow from H2O to NADP+, the model takes into account alternative electron transport routes 
around PSI: NADPH- and Fd-mediated return of electrons to the PQ pool (CEF1) and O2 reduction (WWC).
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Figure 5.5 (A) A cartoon illustrating the modelled compartmentalization of hydrogen ions and transmembrane 
proton fluxes. (B) A sketch illustrating the mechanisms of proton transfer through the ATP synthase (flux JATP) 
and passive proton flow through the membrane (flux Jpas). (C) The dependence of the proton flux through the 
CF0 fragment of ATP synthase vs the transthylakoid pH difference (ΔpH) calculated for three values of the model 
parameter β (adapted from Tikhonov and Vershubskii, 2014). See text for other details.
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groups of n hydrophobic subunits c, which form 
the membrane-bound cn-ring (n = 13–15 (Pogo-
ryelov et al., 2007)), are directly involved into the 
proton transfer through the membrane segment of 
the CF0–CF1 complex. The carboxyl group, which 
is exposed to the acidic reservoir (lumen) through 
the lumen-exposed ‘semi-channel’ A, becomes 
protonated (–COO– + H+

in → –COOH), because its 
value pKa ≈ 7.1–7.5 (Assadi-Porter and Fillingame, 
1995; Vollmar et al., 2009) is higher than pHin in 
energized thylakoids (pHin ≤ 6.2–6.5). The car-
boxyl group of the subunit c, which is exposed to 
the alkaline reservoir (pHout ≈ 7.8–8.0) through 
the stroma-exposed ‘semi-channel’ B, becomes 
deprotonated (−COOH → −COO− + H+

out). Rotat-
ing in the membrane, each subunit c periodically 
contacts either with the acid or with the alkaline 
reservoir, providing the translocation of the 
proton from the lumen to stroma: −COO− + H+

in 
→ −COOH → −COO− + H+

out. The transmem-
brane pH difference (ΔpH) would support the 
directional rotation of the cn-ring, provided the 
condition pHin ≤ pKa ≤ pHout is fulfilled. Rotating 
in the membrane, the cn-ring will turn the subunit 
γ of CF1, thereby driving the ATP formation from 
ADP and Pi. Despite its simplicity, the model can 
properly describe main peculiarities of ATP syn-
thesis in chloroplasts. The bottom panel in Fig. 5.5 
shows the force–flux relationships (the proton flux 
through CF0 vs. ΔpH) calculated for pKa = 7.3, 
pHout = 8.0, and three values of the model param-
eter β. As one can see, the proton flux reveals the 
S-type dependence with a characteristic thresh-
old (ΔpHth), which is peculiar to experimental 
dependences of the rate of ATP synthesis vs ΔpH 
(Gräber, 1982; Junesche and Gräber, 1991). The 
model adequately describes the pH-dependence 
of ATP synthesis in chloroplasts (Versubskii et al., 
2004a, 2011).

Passive proton flux Jpas through the thylakoid 
membrane (H+

lumen ↔ H+
stroma) was described within 

the framework of a simple kinetic model (Dubinsky 
and Tikhonov, 1995) based on the assumption that 
the proton from the lumen first binds to the acid-
base group M− and then dissociates to the stromal 
compartment (Fig. 5.5B). The proton exchange 
between the stroma and cytoplasm (Jcyt) was 
described within the framework of the same model. 
The model parameters used for calculation of fluxes 
JATP, Jpas and Jcyt were fitted using experimental data 

on pHout and pHin values measured in stroma and in 
the lumen in metabolic states 3 and 4 as described 
earlier (Vershubskii et al., 2004a, 2011).

For description of pHin-dependent oxida-
tion of PQH2 we used a semiempirical function 
kQ([Q],[Pc],[H+

i]) = 1/τQ, where τQ is a charac-
teristic time of electron transfer from PQH2 to Pc 
(Dubinskii and Tikhonov, 1997; Vershubskii et al., 
2001, 2011). For simulation of non-photochemical 
losses of energy in PSII, we treated the model 
parameter L2 (a number of light quanta exciting P680 
centres per time unit) as a function which decreases 
with the lumen acidification (Kuvykin et al., 2009). 
The value of pKNPQ = 6.0 was taken on the basis of 
experimental data (Pfündel and Dilley, 1993). pH-
dependent activation of the CBC was modelled as 
described in (Frolov and Tikhonov, 2007).

Induction events and alternative 
pathways of electron transport
Let us consider few examples illustrating the appli-
cability of the model for simulation of induction 
events in chloroplasts. A general term ‘induction 
events’ usually relates to transient photosynthetic 
processes observed after a dark-to-light transition 
(Edwards and Walker, 1983). Fig. 5.6A shows typi-
cal patterns of experimental and calculated kinetics 
of P700 photooxidation in dark-adapted chloroplasts. 
Immediately after switching on illumination, a 
concentration of oxidized centres P+

700 rapidly 
rises to the transient level A, and then declines to 
the intermediate level B, demonstrating a certain 
lag-phase prior to significant rise of [P+

700] towards 
the steady-state level C. A relatively low level of P+

700 
at the initial phase of the induction curve may be 
explained by two main factors: (i) slow outflow 
of electrons from PSI to the CBC that causes the 
over-reduction of the pool of electron carriers on 
the acceptor side of PSI, and (ii) recycling of elec-
trons from PSI to the intersystem ETC (CEF1). 
The model predicts (Fig. 5.6B) that immediately 
after switching the light on, during the lag period 
(phase A-B), the acceptor side of PSI becomes 
over-reduced, because the efflux of electrons 
from PSI is limited owing to slow consumption of 
NADPH in the CBC. The PQ pool also becomes 
over-reduced. The light-induced changes in relative 
concentrations of PQH2, Fd, and NADPH follow 
non-monotonic kinetic patterns: after initial reduc-
tion, these carriers reoxidize due to activation of 
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the CBC. This stimulates the efflux of electrons 
from PSI and the subsequent growth of [P+

700] to 
the steady state level C (Fig. 5.6A). Acceleration 
of electron efflux from PSI to the CBC, induced by 
alkalization of stroma (Fig. 5.7A), is accompanied 
by temporal acceleration of LEF and concomitant 
decrease in CEF1 (Fig. 5.7B). The deceleration of 
electron fluxes with illumination represents a gen-
eral trend, which can be explained by attenuation of 
PSII photochemical activity due to NPQ and slow-
ing down of PQH2 oxidation caused by the lumen 
acidification.

Alternative pathways of electron flow on the 
acceptor side of PSI may be essential for balancing 
the ATP/NADPH output ratio. Although electron 
flows through cyclic and pseudocyclic chains do 
not reduce NADP+, they generate pmf needed to 
drive the ATP synthase complexes. Thus, the stoi-
chiometric ATP/NADPH ratio of 3:2 required for 

the CBC is attained. Fig. 5.7B compares computed 
kinetics of electron flux through PSII (JPSII) and 
electron fluxes on the acceptor side of PSI (JLEF, 
JCEF1, and JWWC). The model predicts that after sig-
nificant initial jump, the overall electron flux from 
PSII to the PQ pool (JPSII) decays non-monotoni-
cally to a steady state level. A decrease in JPSII can be 
explained by down-regulation of PSII activity due 
to enhanced NPQ in the result of acidification of 
the lumen (pHin↓). The light-induced decrease in 
pHin also causes deceleration of PQH2 oxidation by 
the b6 f complex. To add, the light-induced alkaliza-
tion of stroma (pHo↑) may hinder protonation of 
PQ reduced by PSII (PQ + 2e– + 2H+

out → PQH2), 
thereby further reducing electron flux form PSII to 
PSI.

A substantial redistribution of electron fluxes 
occurs in the induction period. On the initial stage, 
there is a noticeable contribution of alternative 
electron fluxes JCEF1 (cyclic electron flow around 
PSI) and JWWC (the Mehler reaction) to the efflux 
of electrons from PSI. Electron fluxes JCEF1 and 

Figure 5.6 (A) Comparison of computed time-course 
of P700 photooxidation with experimental kinetics of 
P+

700 induction in dark-adapted (10 min) Hibiscus 
rosa-sinensis leaves. Modified from Figure 11 in 
Kuvykin et al., 2011). (B) Computer simulations of 
redox transitions of NADP, Fd, and PQ. Modified from 
Figure 6A inTikhonov and Vershubskii (2014).
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Figure 5.7 (A) Computed light-induced changes in 
the lumen and stromal pH. Modified from Fig. 6B 
in Tikhonov and Vershubskii (2014). (B) Computed 
time-courses of electron fluxes JPSII, JLEF, JCEF, and 
JWWC. Modified from Figure 18 in Tikhonov (2015). 
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JWWC show their maximal values when the linear 
electron flow to the CBC (JLEF) is restricted owing 
to over-reduction of NADP+ at low activity of the 
CBC enzymes. This is consistent with the current 
notion that CEF1 and the Mehler reaction provide 
a bypass to avoid ‘over-reduction’ on the acceptor 
side of PSI. After a certain lag, when the CBC acti-
vates and the linear electron flux JLEF increases, the 
relative contributions of alternative fluxes JCEF and 
JWWC gradually decline.

Taken together, the kinetic model described 
here can portray some general features of induc-
tion events in photosynthesis. In particular, it 
reproduces the appearance of the lag-phase in the 
kinetics of P700 photooxidation and redistribution 
of electron fluxes between alternative pathways 
(linear, cyclic, and pseudocyclic electron fluxes) 
after the dark-to-light transition.

Effects of CO2 and O2 on 
photosynthetic electron transport
Direct influence of atmospheric gases (CO2 and 
O2) on photosynthetic electron transport is deter-
mined by their interaction with Rubisco, the key 
enzyme of the CBC. Mathematical modelling of the 
CBC reactions has a long story. For more than 50 
years ago, Chernavskaya and Chernavskii (1961) 
presented a rather simple model that predicted 
oscillations of metabolite concentrations in the 
CBC. Oscillations of gas-exchange reactions and 
chlorophyll a fluorescence in leaves are well-docu-
mented experimental facts (Walker, 1992; Rovers 
and Giersch, 1995).

The most general description of the CBC reac-
tions includes the stages of carboxylation, reduction 
and regeneration (Hahn, 1984; Pettersson and 
Ryde-Pettersson, 1988; Karavaev and Kukushkin, 
1993; Fridlyand and Scheibe, 1999; Igamberdiev 
and Lea, 2006; Laisk et al., 1989, 2006, 2009; von 
Caemmerer et al., 2009; Dubinsky et al., 2010; 
Igamberdiev and Kleczkowski, 2011), which can 
be divided into more elementary processes, down 
to the level of single reactions (Farquhar et al., 
1980; Farazdaghi, 2011). A comprehensive critical 
review of the existing mathematical models of the 
CBC has been presented by Arnold and Nikoloski 
(2011). They scrutinized 15 models and identified 
those models that provided quantitatively accurate 
predictions for the levels of CBC intermediates 
and could be used in metabolic engineering and 

in the design of synthetic metabolic pathways 
for improved carbon fixation, growth, and yield. 
Detailed analysis of mathematical models of the 
CBC is beyond the scope of this chapter.

For illustration of the regulatory events associ-
ated with activation of the CBC, let us consider 
the results of simulations performed within the 
framework of the model outlined above. The 
consumption of NADPH and ATP in the CBC 
reactions was calculated using a phenomenologi-
cal approach described in (Frolov and Tikhonov, 
2007; Kuvykin et al., 2009). Assimilation of CO2 
was modelled by the following function:

fgas CO2[ ] , O2[ ]( )= CO2[ ]−Γ
CO2[ ]+KC 1+ O2[ ] / KO( )

 (5.8)

This formula describes the consumption of CO2 in 
the CBC (photosynthesis) and the uptake of O2 
due to oxygenase activity of Rubisco (photorespira-
tion), taking into account the competition between 
CO2 and O2 for Rubisco. Parameter Г corresponds 
to CO2 concentration at the compensation point 
(Г = 35 ppm); parameters KC and KO stand for the 
Michaelis constants of carboxylation and oxygena-
tion reactions catalysed by Rubisco, respectively 
(Sharkey et al. 2007; von Caemmerer et al., 2009).

The model provides a reasonably good simula-
tion of CO2 consumption and photorespiration. For 
instance, the model reproduces with fair accuracy 
effects of CO2 on photosynthesis and photorespi-
ration reported by André (2011) for wheat leaves 
(Fig. 5.8). Assimilation of CO2 increases with the 
rise of CO2 concentration, saturating at high levels 
of CO2; photorespiration decreases with the rise of 
CO2. Due to photorespiration, at atmospheric con-
centration of O2 (21%) the yield of photosynthesis 
is lower than under the oxygen-deficient conditions 
(2% O2). Thus, the model adequately portrays the 
Warburg effect (Turner and Brittain, 1962): de-
aeration increases photosynthesis and decreases 
the oxygen uptake by chloroplasts.

The model describes the effects of CO2 and 
O2 on electron transport in chloroplasts. At low 
level of CO2, when the Rubisco turnover limits 
the rate of electron efflux from PSI, molecular 
oxygen plays the role of electron sink supporting 
the operation of PSI. Fig. 5.9 demonstrates that de-
oxygenation causes a marked decrease in the levels 
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of P+
700 in fair agreement with experimental data. 

At sub-saturating concentrations of CO2, just as in 
experiment, depletion of O2 also causes a decrease 
in JPSII (Kuvykin et al., 2011). The inhibitory effect 
of oxygen depletion (2% O2) disappears at satu-
rating concentrations of CO2. These results agree 
with experimental data (Munekage et al., 2002), 
suggesting that the outflow of electrons from PSI to 
O2 stimulates the overall electron flux through PSII.

Summing up, the model considered adequately 
describes the effects of CO2 and O2 on pho-
tosynthetic electron transport in chloroplasts. 
Down-regulation of LEF with lowering atmos-
pheric CO2 and depletion of O2 can be explained by 
several reasons: (i) impediments to electron trans-
fer on the acceptor side of PSI, (ii) deceleration of 
PQH2 oxidation caused by the lumen acidification, 
and (iii) pH-dependent enhancement of energy 
losses in PSII (Kuvykin et al. 2011).

Modelling the proton transport 
processes in chloroplasts

Topological aspects of proton 
transport in chloroplasts
Structural peculiarities of the lamellar system may 
have an impact on photosynthetic capacity of chlo-
roplasts. As noted above, PSI, PSII, and CF0–CF1 

complexes are distributed non-uniformly between 
the grana stacks and stroma lamellae. Significant 
amounts of PSI and PSII complexes are laterally 
segregated, whereas the Cyt b6 f complexes are 
distributed almost uniformly along the granal and 
stromal membranes (Albertsson, 2001). These 
peculiarities of structural organization of photosyn-
thetic apparatus raise two awkward questions about 
electron and proton transport in chloroplasts: (i) 
how may the obstructed diffusion of PQH2 and 
restricted mobility of Pc affect the intersystem 
electron transport? and (ii) what is the influence 
of restricted diffusion of protons within the lumen 
and in the narrow gap between adjacent grana thy-
lakoids on the operation of the chloroplast ETC?

Here we will consider the proton transport 
processes associated with PQ reduction to PQH2 
in PSII. The formation of PQH2 requires two 
electrons donated by PSII and two protons taken 
from the chloroplast stroma (PQ B + 2e− + 2H+

out→ 
PQ BH2). Under the normal physiological condi-
tions, the light-induced raise of pHs in the bulk of 
stroma does not exceed pHs ≈ 7.8–8.0 (Heldt et al., 
1973; Robinson, 1985). Such a moderate elevation 
of pHs should not effect on the rate of PQ reduction 
to PQH2. However, the formation of PQH2 may 
be strongly affected by more significant rise of pH 
in the local vicinity of PSII complexes located in 
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Figure 5.8 CO2 consumption (photosynthesis) and 
O2 uptake (photorespiration) at two concentrations 
of atmospheric O2. Results of numerical experiments 
(open symbols) are compared with experimental data 
(solid symbols) obtained on wheat plant (data points 
are taken from Andre, 2011). Modified from Figure 8 
in Tikhonov and Vershubskii (2014).

Figure 5.9 Effects of atmospheric O2 on the steady-
state level of P+

700 in Hibiscus rosa-sinensis leaves 
(solid circles) and calculated for two concentrations 
of CO2 (open symbols) within the framework of the 
model. Modified from Figure 5 in Kuvykin et al. (2011).
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granal thylakoids, as it predicts the model described 
by Vershubskii et al. (2001, 2004b, 2011). Most 
of PSII complexes are spatially separated from 
the stroma, their outer parts protrude from the 
membrane into the partition between appressed 
thylakoids of grana. The gap between the adjacent 
thylakoids is ~ 2.5-3.5 nm; the protein molecules 
protruding from oppositely located membranes 
are in close contact with each other. The interthy-
lakoid partition contains a lot of buffering groups, 
mostly of the large proteins which cover ~75-80% 
of the thylakoid membrane area (Murphy, 1986; 
Kirchhoff, 2008; Kirchhoff et al., 2008, 2011). The 
protons percolating through the interthylakoid gap 
from stroma to PSII will interact with the buffering 
groups. It is not surprising, therefore, that an effi-
cient coefficient of proton diffusion within the gap 
may be significantly smaller than in the bulk water 
(Polle and Junge, 1986, 1989; Junge and Polle, 
1986; Junge and McLauphlin, 1987). Slow diffu-
sion of protons within the narrow gap would retard 
to pH levelling in the gap and in the stroma. Therein 
lies the reason why the proton consumption upon 
the PQ reduction in PSII might cause significant 
alkalization of the gap (pHgap > pHstroma).

The light-induced alkalization of the inter-
thylakoid partition may turn to disadvantage in 
the formation of PQH2. This is the case when 
pHgap exceeds pKa values of acid-base groups 
involved in protonation of the secondary quinol 
(PQ B + 2e− + 2H+

gap → PQ BH2). Analysis of experi-
mental data reported in the literature suggests that 
pKa values of the acid–base groups involved in 
PQBH2 formation are about 8.5-9.0 (for references, 
see Tikhonov and Vershubskii, 2014). Therefore, 
upon sufficiently strong alkalization of the gap 
(pHgap ≥ pKa) the reduction of PQ to PQH2 should 
be retarded.

Lateral profiles of proton potential in 
chloroplasts
The existence of non-uniform lateral profiles of 
ΔpH has been discussed in the literature for a 
long time (Haraux et al., 1983; Tikhonov and 
Blumenfeld, 1985) in the context of alternative 
(‘local’ or ‘non-local’) mechanisms of the proton 
delivery from the proton pumps to ATP synthases 
(Kell, 1979; Westerhoff et al., 1984; Dilley, 1991; 
Blumenfeld and Tikhonov, 1994). Mathematical 
analysis of the problem predicts that obstructed 

lateral diffusion of protons in the lumen (Dubinskii 
and Tikhonov, 1997) or in the invaginations of 
mitochondrial membranes (Kara-Ivanov, 1983) 
might be one of the reasons for non-uniform lateral 
profiles of pmf in energy-transducing organelles. 
Direct measurement of pH profiles in small com-
partments is a very arduous experimental task. In 
the absence of reliable experimental data about the 
lateral profiles of pHgap and pHin, computer model-
ling becomes a useful tool for quantitative analysis 
of pH distribution along the chloroplast lamellae. 
Mathematical models, which take into account 
the lateral heterogeneity of thylakoids, predict the 
establishment of non-uniform lateral profiles of pH 
and significant alkalization of the interthylakoid 
gap. The latter might be one of the factors of down-
regulation of electron transport in chloroplasts (for 
review, see Vershubskii et al., 2011; Tikhonov and 
Vershubskii, 2014).

Below we will consider the results of computer 
simulation of proton transfer within the framework 
of our model, which takes into account non-uni-
form partitioning of PSI and PSII in thylakoids. Fig. 
5.10A depicts the spatial arrangement of electron 
transport complexes in the membranes of granal 
and stromal thylakoids in the model system. Granal 
thylakoids are modelled by flattened cylinders of 
radius a; stroma-exposed thylakoids are modelled 
as cylinders of radius b, which protrude from the 
thylakoids of grana. The distances between the 
inner surfaces of the thylakoid, li, and the partition 
between the neighbouring thylakoids of grana, 
lo, are geometrical parameters of the model. PSI 
complexes are localized exclusively in the stromal 
domain, PSII complexes are localized in granal 
regions of the thylakoid lamellae. The Cyt b6 f 
complexes are distributed uniformly along the 
membrane. ATP synthase complexes (CF0–CF1) 
are localized in the stroma-exposed membranes. 
Mobile electron carriers, PQ and Pc, can diffuse 
along the membrane and inside the thylakoid lumen, 
respectively. Since the lateral mobility of electron 
transport complexes in the thylakoid membrane 
is of three orders of magnitude lower than that of 
PQ (Kirchhoff, 2008; Kirchhoff et al., 2008; Kaňa, 
2013), PSI, PSII, Cyt b6 f, and CF0–CF1 complexes 
are assumed to be fixed in the membrane.

Restrictions to proton diffusion inside the narrow 
compartments of chloroplasts could influence the 
lateral profiles of variables [H+

in (r→ )] and [H+
out (r→ )]. 
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Figure 5.10 (A) A scheme of non-uniform distribution of electron transport (PSI, PSII, and b6f) and the ATP 
synthase complexes between granal and stroma-exposed thylakoids. (B) Cartoon illustrating non-uniform 
distribution on pH in different compartments of the chloroplast. Since most of the ATP synthase complexes 
are localized in stroma-exposed thylakoids, an efficient drain of protons from the lumen via the ATP synthases 
may lead to the non-uniform profile of the intrathylakoid pH (pHgrana

in < pHstroma
in ). Significant alkalization of 

the interthylakoid gap (pHgrana
out > pHstroma

out ) is caused by limitations in the proton diffusion along the narrow 
interthylakoid gap. Non-uniform distribution of pH may cause circulation of proton fluxes: a ‘proton pressure’ 
developed in granal regions of the lumen will divert the protons to CF0-CF1, while the consumption of protons by 
PSII will support the proton flux from the stroma to the interthylakoid gap. Modified from Figure 14 in Tikhonov 
and Vershubskii (2014). (C) The influence of the gap width (variations of parameter l0 at li = const) on calculated 
activity of PSII. Curves 1 and 2 correspond to different values of diffusion coefficient for protons, DH+ = 0.02D0 
(curve 1) and DH+ = 0.1D0 (curve 2), where D0 = 10-5 cm2/s. Modified from Figure 5 in Vershubskii et al. (2004b).
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There are good reasons to believe that mobility of 
protons and low-molecular electron carriers nearby 
the thylakoid membrane may be significantly 
lower than in the aqueous bulk phase (Nesbitt 
and Berg, 1982; Junge and Polle, 1986; Polle and 
Junge, 1989; Trubitsin and Tikhonov, 2003). Slow 
percolation of protons through the gap between 
appressed thylakoids of grana was demonstrated 
by Polle and Junge (1986). They observed that 
stacking/unstacking of granal thylakoids strongly 
affected the rate of proton uptake by thylakoids. 
The rate of proton diffusion within the interthy-
lakoid gap increased dramatically after unstacking 
of granal thylakoids. Comparison of theoretical 
and experimental data suggests that the apparent 
coefficient of proton diffusion in the intrathyla-
koid lumen and in the narrow partitions between 
grana thylakoids may decrease by a factor of ~500 
as compared to proton mobility in the aqueous 
bulk phase (for more details see Vershubskii et al., 
2004b, 2011).

One of the most interesting theoretical pre-
dictions concerns significant alkalization of the 
interthylakoid gap (pHgap ≥ 9.5-10) caused by the 
proton consumption upon the PQ reduction to 
PQH2. Restricted diffusion of protons from the 
stroma to PSII (H+

stroma → H+
gap) cannot compensate 

a significant rise of pH in the partition between 
appressed granal thylakoids. Fig. 5.11 shows 
lateral profiles of pH inside the lumen and in the 
interthylakoid gap. In state 4 (when the overall 
proton flux through CF0-CF1 is virtually zero), 
pHlumen decreases more significantly than in state 
3 (when protons can escape from the lumen via 
active CF0–CF1 complexes). In state 3, there may 
establish non-uniform profile of pHlumen, which 
shape depends on the model parameter lo. In the 
case of a narrow gap (stacked thylakoids), the 
lumen in the centre of granum is more acidic than 
at the periphery enriched with CF0-CF1 complexes. 
Destacking of granal thylakoids (widening the 
gap) influences the pH-profiles: pHgap decreases, 
the lumen becomes more acidic and the lateral 
profile of pHlumen straightens (data not shown; see 
Vershubskii et al., 2011). Significant alkalization 
of the gap should hinder to protonation of double-
reduced form of PQ (PQ 2–

B + 2H+
gap → PQ BH2), 

thus slowing down the operation of PSII. Accelera-
tion of proton diffusion inside the gap, either due 
to destacking of granal thylakoids (as modelled by 

the rise of parameter l0) or due to an increase in 
the diffusion coefficient DH+, accelerates electron 
transport from PSII to PSI, thereby magnifying 
the proton pumping into the lumen. These results 
are explained by acceleration of PSII turnover and 
more intensive proton pumping into the lumen 
caused by rapid diffusion of protons to PSII in 
unstacked thylakoids.

Let us discuss energetic and regulatory aspects 
of non-uniform lateral profiles of proton potentials 
in chloroplasts. Since most of CF0-CF1 complexes 
are localized in stroma-exposed thylakoids, the 
efficient drain of protons from the lumen via CF0-
CF1 would lead to the non-uniform lateral profile 
of ΔpH in state 3, when ΔpH difference across the 
stromal membrane is lower than ΔpH in grana. 
Note that the steady state value of ΔpH ≈ 1.8-2.5 
across the stromal thylakoids (Fig. 5.11) is suffi-
cient to support efficient ATP synthesis (for review, 
see Tikhonov, 2012, 2013). It is also interesting to 
note that there may be lateral circulation of proton 
fluxes (Fig. 5.10B): the ‘proton pressure’ developed 
inside the granal thylakoids (pHin

grana < pHin
stroma) will 

divert the protons to the lumen of stroma-exposed 
thylakoids, where CF0-CF1 complexes act as a sink 
for protons; otherwise, the operation of PSII sup-
ports the influx of protons from the bulk of stroma 
to the interthylakoid gap (pHout

grana > pHout
stroma).

Apart from its energy role in ATP synthesis, 
ΔpH plays important regulatory role: the light-
induced decrease in the lumen pH decelerates 
PQH2 oxidation by the Cyt b6 f complex and 
induces the attenuation of PSII activity due to the 
NPQ mechanism of energy dissipation in LHCII. It 
is interesting to note that the model described also 
predicts another mechanism of down-regulation 
of PSII activity. This mechanism is associated with 
the light-induced alkalization of the interthylakoid 
gap, which may hinder in protonation of fully 
reduced plastoquinol, PQ2–

B, thereby slowing down 
the formation of PQH2. The model predicts that 
unstacking of granal thylakoids, which releases 
the constraints to protons diffusion towards PSII, 
would stimulate the turnover of PSII (Fig. 5.10C). 
This prediction is in a good agreement with experi-
mental data on the influence of osmotic conditions 
on electron transport in chloroplasts. Kirchhoff et 
al. (2000) reported that in destacked tobacco chlo-
roplasts nearly all PQ molecules became reduced by 
a 120 ms light pulse (about 11 electrons were stored 



Modelling Electron and Proton Transport in Chloroplasts | 123

in the ETC, equivalent to 5–6 PQH2 molecules). 
Otherwise, in stacked thylakoids, a large fraction of 
PQ molecules (about 40-50%) remained oxidized 
after the light pulse. The authors concluded that 
their observations could be explained by inability of 
PQ to migrate rapidly throughout the membrane. 
Results of computer simulations suggest alternative 
explanation of experimental data: in stacked mem-
branes the light-induced formation of PQH2 may 
be limited by slow diffusion of protons throughout 
the narrow interthylakoid gap; unstacking of granal 
thylakoids stimulates diffusion of protons, thereby 
promoting the light-induced formation of PQH2. 
Summing up, computer experiments suggest 
that along with the NPQ mechanism of attenu-
ation of PSII activity and deceleration of PQH2 
oxidation by the Cyt b6 f complex, the intersystem 
electron transport may be down-regulated due to 

the light-induced alkalization of the interthylakoid 
partition.

Transthylakoid proton transport 
coupled to ATP synthesis
Transthylakoid transfer of protons through the 
membrane-bound ATP synthase (CF0-CF1) rep-
resents one of the last but not least events on the 
stage of photosynthetic performance collectively 
termed as the ‘light-induced stages of photosyn-
thesis’. It is not surprising that Paul Boyer, who 
was first to suggest that the ATP synthase oper-
ates as the macromolecular device with the γ shaft 
rotating in the central part of the F1 fragment of 
the enzyme, wrote: ‘All enzymes are beautiful, but 
the ATP synthase is one of the most beautiful as well 
as one of the most unusual and important’ (Boyer, 

Figure 5.11 Modelled pathways of proton transfer (top panel) and calculated lateral profiles of pH inside the 
thylakoid lumen and in the interthylakoid gap in steady states 3 and 4 (bottom panel). Stromal pH was assumed 
to be constant, pHs 8. Modified from Figures 12 and 13 in Tikhonov and Vershubskii et al. (2014).
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1997). Below, some of the works on mathematical 
modelling of the transthylakoid proton transport 
through the ATP synthase complex are briefly 
outlined.

Dynamic models of proton ATP 
synthases as rotating molecular 
machines
The ATP synthase of the Fo-F1 type represents a 
reversible macromolecular machine, which com-
prises two rotary motors in one. The Fo motor, 
using an energy stored up in the form of pmf, gener-
ates a rotary torque, providing the operation of the 
enzyme in the ATP synthesis mode. The F1 motor, 
using the energy released upon the ATP hydrolysis, 
can generate a mechanical torque, which provides 
turning the γ shaft in the opposite direction and 
proton pumping from the stroma to lumen. Bio-
chemical and structural studies of ATP synthases 
of Fo-F1 type give a wealth of experimental mate-
rial for mathematical modelling of this complex. 
Mathematical modelling is a convenient tool for 
the analysis of various scenarios underlying the 
work of ATP synthase and the assessment of their 
energetic and dynamic properties (for review, see 
Romanovsky and Tikhonov, 2010).

The first comprehensive models for adequate 
description of ATP synthase functioning were sug-
gested by Oster and collaborators, who constructed 
dynamic models for simulations of rotations of 
Fo and F1 motors (Elston et al., 1998; Wang and 
Oster, 1998; reviewed in Oster and Wang, 2000). 
Their works are based on the use of the stochastic 
Langevin approach for modelling dynamic systems. 
The most general form of the Langevin equation for 
numerical description of the rotor rotations in ATP 
synthase is the following:

ζ
dθ
dt
= FE θ ,s( )+FM θ ,s( )−τ + f t( )  (5.9)

where θ is the angle characterizing the rotation 
of the rotor (cn-ring), ζ is the drag coefficient, 
FE(θ,s) is the electrostatic force moment acting on 
the rotor from the membrane-bound subunit a, 
FM(θ,s) is the ‘hydrophobic’ force moment acting 
on the cn-ring from the membrane, τ is the torque 
acting on the subunit γ from the α3β3 hexamer, f(t) 
is the moment of random force with the ‘amplitude’ 
2ζkBT , symbol s characterizes discrete states of 

the system, which differ with respect of occupation 

of the proton-binding sites of the membrane part of 
the Fo motor. The models constructed in (Elston et 
al., 1998; Wang and Oster, 1998) describe rotations 
of both rotors: the ring cn of n subunits c buried into 
the lipid membrane, which unidirectional rotation 
is driven by pmf, and rotations of the subunit γ 
revolving inside the central cavity of the hexamer 
α3β3 (see cartoon in Fig. 5.5B). The model sug-
gested by Elston et al. (1998) predicts that biased 
rotational diffusion, augmented by electrostatic 
forces, does indeed generate sufficient torque to 
account for ATP production. The motor shows 
reversibility: ATP hydrolysis in the F1 fragment 
generates a torque, which converts the motor into 
an efficient proton pump. The model described in 
(Wang and Oster, 1998) accounts for mechano-
chemical behaviour of the enzyme in both modes, 
rotations of the F1 motor in the hydrolysing or 
synthesizing directions. The authors conclude that 
the F1 motor achieves high mechanical torque and 
almost 100% efficiency because it converts the free 
energy of ATP binding into elastic strain.

The reader can find in the literature other math-
ematical models of ATP synthases (Cherepanov 
et al., 1999; Pänke and Rumberg, 1999; Pänke et 
al., 2001; Pogrebnaya et al., 2005; Nartsissov and 
Mashkovtseva, 2006), which describe the unidi-
rectional revolutions of Fo-F1 molecular motors 
driven by the transmembrane pmf (see for refer-
ences Romanovsky and Tikhonov, 2010). A rather 
simple model for the ATP synthase, which depicts 
how the rate of ATP synthesis depends on ΔpH 
(Fig. 5.5C), is outlined above. Our general model 
of electron and proton transport, supplemented 
by the ATP synthase module, properly describes 
induction events in chloroplasts upon the dark-to-
light transitions (Vershubskii et al. 2011; Tikhonov 
and Vershubskii, 2014).

Small bioenergetic systems: 
methodological aspects of their 
thermodynamic description
At the end of this chapter, it would be reasonable to 
point out to some peculiarities of thermodynamic 
description of small bioenergetic systems related 
to proton transport processes. First of all, it should 
be noted that complex multienzyme systems, 
including energy-transducing organelles, usually 
function in metabolic states which are far from 
thermodynamic equilibrium (Nelson and Cox, 
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2012). Consider, for instance, the energy coupling 
between the chloroplast pmf (the driving force for 
ATP synthesis) and ‘phosphorylation potential’ 
P = [ATP]/([ADP] × [Pi]), which determines 
the energy needed for ATP formation. The P and 
pmf (Δ !µH+) values are interconnected. In order 
to provide efficient ATP synthesis, the relation-
ship n × Δ !µH+ ≥ ΔGATP must be fulfilled. Here, 
ΔGATP = ΔG0

ATP + RT × lnP is the Gibbs free energy 
change for ATP synthesis, Δ !µH+ is the transthylakoid 
difference of electrochemical potentials of protons, 
and n is the H+/ATP ratio. There is experimental 
evidence, however, that the pmf generated in intact 
chloroplasts is out of equilibrium with the ‘phos-
phorylation potential’ P (Kobayasi et al., 1979a, 
1979b). For systems which are far from thermo-
dynamic equilibrium, conventional approaches of 
equilibrium and non-equilibrium thermodynamics 
to numerical description of ‘force–flux’ relation-
ships should be used with precautions (Westerhoff 
and Van Dam, 1987). In this case, the use of kinetic 
models may have an obvious advantage, because 
kinetic description can be applied to bioenergetic 
systems that are far from equilibrium.

Thermodynamic description of bioenergetic 
systems in terms of the proton potential difference, 
ΔpH, raises a question about the physical meaning 
of the hydrogen ion concentration (activity) inside 
small vesicles (Blumenfeld et al., 1991; Blumenfeld 
and Tikhonov, 1994). Is it correct to speak about 
pH inside small vesicles in conventional terms of 
physical chemistry when we consider, for instance, 
hydrogen ions inside a single thylakoid? The very 
essence of this question becomes clear when we 
calculate a number of free hydrogen ions in the bulk 
phase of the vesicle. Trivial estimates show that at 
moderate pHin a number of free (unbound) protons 
within a single thylakoid of internal volume Vin may 
be only a few. For instance, Nin = Vin × 10–pHin ~ 0.6–
3.6 at pHin = 6.0 (Tikhonov and Blumenfeld, 1985). 
Is it correct to speak about pHin if the mean numbers 
of free (unbound) hydrogen ions Nin are only a few 
or a probability of detecting even of one unbound 
hydrogen ion is < 1? Scrutinizing a reaction of the 
PQ ↔ P + Q type (an analogue of the dissociation 
reaction H2O ↔ H+ + OH–) by the methods of sta-
tistical thermodynamics, Blumenfeld et al. (1991) 
concluded that fluctuations in a number NP of 
unbound particles P would sharply increase if inter-
nal volume Vin of the vesicle becomes sufficiently 

small, when NP ~ 1. Due to strong fluctuations in 
NP, the law of mass action may be violated dramati-
cally. It should be stressed, however, that the Nernst 
equation for the free energy change ΔGP, related to 
particle P transfer from the vesicle to the external 
volume, remains valid, if we deal with the mean 
number of free particles, <NP>, or their mean con-
centration <Cin>. Regardless of a number of free 
particles inside the vesicle, ΔGP = −kBTln(<Cin>/
Cout), where kB is the Boltzmann constant, T is 
temperature, <Cin> = <NP>/Vin is the mean con-
centration of free particles P within a vesicle, Cout is 
the external concentration of free particles P. Note 
that the presence of a large number of buffer groups 
has to damp fluctuations in a number of free pro-
tons inside the thylakoids. In chloroplasts, almost 
all protons taken up by illuminated chloroplasts 
(~99%) are bound to proton-accepting groups of 
the thylakoid membrane and buffer groups of the 
molecules dissolved in the lumen (Masarova and 
Tikhonov, 1989).

Conclusions
Mathematical modelling of photosynthetic elec-
tron and proton transport provides a framework 
for in-depth analysis of feedbacks in the network 
of plant cell metabolism and creates a platform 
for investigation of regulatory mechanisms that 
provide plasticity and optimal functioning of 
photosynthetic apparatus. The reader can find in 
the literature a number of excellent examples of 
computer models that describe a variety of photo-
synthetic processes, from light capture to sucrose 
synthesis (see, for instance, Laisk et al., 2006, 2009; 
Nedbal et al., 2007a,b; Zaks et al., 2012; Zhu et al., 
2013; Rubin and Riznichenko, 2014; and refer-
ences therein). In this chapter, as an example of 
computer modelling of oxygenic photosynthesis, 
a generalized model of electron and proton trans-
port in chloroplasts has been described. The model 
includes key stages of the linear electron transport, 
alternative pathways of electron transfer around 
PSI, transmembrane proton transport and ATP 
synthesis. The model also takes into account pH-
dependent regulatory processes: modulation of the 
intersystem electron transport, down-regulation 
of PSII activity due to the NPQ mechanism, and 
the light-induced activation of the CBC. Results 
of numerical experiments performed within the 
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framework of this model show that the model ade-
quately reproduces a variety of experimental data 
on induction events in intact chloroplasts observed 
under different experimental conditions (variations 
of CO2 and O2 concentrations in atmosphere), 
including a complex kinetics of P+

700 induction, CO2 
consumption and photorespiration. Simulation 
of diffusion-controlled photosynthetic reactions 
of electron and proton transport in laterally het-
erogeneous thylakoids suggests that along with the 
NPQ mechanism of attenuation of PSII activity 
and deceleration of PQH2 oxidation by the Cyt b6 f 
complex, the intersystem electron transport may 
be down-regulated due to the light-induced alkali-
zation of the narrow partition between adjacent 
thylakoids of grana. The model considered may 
provide a basic module for a comprehensive model 
of oxygenic photosynthesis.

Future trends in modelling 
electron and proton transport in 
chloroplasts
The models of electron and proton transport in 
chloroplasts, a few examples of which have been 
outlined above, might be integrated into com-
prehensive models of photosynthesis. Further 
development of these models will provide reliable 
and workable platforms for profound analysis of 
photosynthetic energy conversion in nature rang-
ing from seconds to seasons. Putative prospects of 
mathematical modelling photosynthetic processes 
in chloroplasts, as one can expect, will be associated 
with two general trends: first, the expansion, and, 
second, the refinement of current models of pho-
tosynthesis at molecular level. Chloroplasts are the 
organelles integrated into the complex network of 
metabolic processes in the plant cell. The construc-
tion of comprehensive models of photosynthetic 
electron transport should take into account inter-
actions of chloroplasts with mitochondria and 
various metabolic cycles. In particular, it will be 
necessary to consider the interaction of chloro-
plasts with mitochondria via common metabolites, 
which are closely related to photophosphorylation 
and electron transport in chloroplasts. Generalized 
models should also describe the influence of vari-
able environment conditions (fluctuations of light 
intensity, atmosphere gases, nutrition, seasonal 
and round-the-clock variations of temperature) 

on oxygenic photosynthesis (Kaiser et al., 2015). 
These demands will need the integration of current 
models of photosynthetic electron transport with 
the computer models of other metabolic processes. 
Putative ways of expansion and refinement of cur-
rent models of oxygenic photosynthesis are briefly 
outlined below.

Refinement and generalization of 
the models of electron transport 
processes in chloroplasts
The refinement of molecular models of partial 
reactions of electron transport may be important 
for realistic modelling of electron transport in chlo-
roplasts. For instance, development of advanced 
models of PSI might shed new light on the problem 
concerning the contribution of A- and B-branches 
to electron transport in PSI. Another problem 
concerns the nature of the rate-limiting step in 
the chloroplasts ETC. As noted above, the rate of 
electron transfer from PSII to the Cyt b6 f complex 
is determined by two factors, formation of PQH2 in 
PSII and its diffusion in the thylakoid membrane, 
on the one hand, and direct interaction of PQH2 
with the Cyt b6 f complex, on the other hand. Alter-
ations in structural organization of the membrane 
(over-crowding of the membrane with protein 
complexes, fluidity of the lipid domains) can affect 
the PQH2 mobility and its ability in the long-range 
percolation through the membrane domains over-
crowded with densely packed protein complexes. 
An adequate description of long-range diffusion of 
mobile electron carriers (PQ, as well as Pc and Fd) 
based on the use of deterministic approach faces 
with very complex mathematical problems, because 
of sophisticated architecture of chloroplasts and 
non-uniform distribution of electron transport 
complexes. The problem becomes more complex 
in view of light-induced structural changes in chlo-
roplasts (see Chapter 3). The use of the Brownian 
diffusion approach to simulation of interactions of 
mobile electron carriers with electron transport 
complexes may offer several advantages for model-
ling the long-range percolation of mobile electron 
carriers through the overcrowded membrane (dif-
fusion of PQ) or within the narrow thylakoid lumen 
(diffusion of Pc). Taking into account realistic 
topology of chloroplasts, the random walk models 
will shed new light on regulation of photosynthetic 
electron transport in plants.
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Significant progress in the computer science 
and technology inspires further development of 
quantum chemical and molecular dynamics simula-
tions of photosynthetic processes (see, for example, 
Blomberg and Siegbahn, 2010; Postila et al., 2013; 
Milanovsky et al., 2014). Detailed analysis of elec-
tron and proton transfer reactions in the Cyt b6 f 
complex with the use of combined quantum chem-
istry/molecular mechanics (molecular dynamics) 
methods will clarify the mechanisms of the rate-
limiting step of the intersystem electron transfer 
and pH-dependent control of electron transport in 
chloroplasts. Another interesting trend in theoreti-
cal study of oxygenic photosynthetic is associated 
with the development of quantum chemical models 
of proton-coupled electron transport reactions in 
PSII, including the operation of the WOC (Sprovi-
ero et al., 2008, 2009).

Efficient regulation of photosynthesis is asso-
ciated with the redox-dependent modulation 
of electron transport processes mediated by Tr 
reduced by PSI (for instance, activation of the FNR 
and CBC enzymes, triggering the state I ↔ state 
II transitions, activation/deactivation of CEF1). 
The consideration of redox-dependent regulation 
of photosynthetic electron transport and related 
metabolic cycles will be of fundamental importance 
for the construction of comprehensive e-models of 
photosynthesis.

Architectural dynamics of 
chloroplasts, remodelling thylakoids 
and protein–pigment complexes
Architectural switches in chloroplasts induced 
by dark-to-light transitions and variations of 
metabolic conditions (see Chapter 3) may have a 
dramatic impact on electron transport mediated by 
mobile carriers (diffusion of PQ in the thylakoid 
membrane, Pc mobility within the lumen, and Fd 
diffusion in the stromal volume). A further devel-
opment of current models of electron and proton 
transport would need to update them by taking into 
account the light-induced remodelling of thylakoids 
(swelling/shrinkage of thylakoids, lateral transloca-
tion of electron transport and LHCII complexes). 
Appropriate consideration of structural changes in 
chloroplasts seems to be important task for crea-
tion of comprehensive models of photosynthetic 
electron transport.

Proton and ion transport in 
chloroplasts
Advanced models of oxygenic photosynthesis 
should include a module of ion transport processes. 
However, the non-uniform partitioning of the 
proton- and ion-accepting groups between the 
membrane and the aqueous bulk phases inside 
and outside the thylakoids adds complexity to 
realistic description of ion transport processes in 
chloroplasts. In particular, there may be seques-
tered buffering groups and different pathways for 
the proton sink to ATP synthases related to the 
so-called ‘localized’ circuits of proton transfer 
to ATP synthases (Kell, 1979; Westerhoff et al., 
1984; Dilley, 1991). Switches between ‘delocal-
ized’ and ‘localized’ routes of proton transport 
should be incorporated into advanced models of 
chloroplasts. Related problem of proton transport 
in chloroplasts concerns the peculiarities of kinetic 
and thermodynamic description of energy trans-
duction in the systems of small sizes (Blumenfeld et 
al., 1991). Realistic modelling of the ion transport 
processes, which would take into account local/
nonlocal mechanisms of proton transport, non-
uniform distribution of proton-accepting groups, 
and peculiarities of energy transduction within 
small systems, is a serious challenge to biophysicists 
who would like to solve the task of creating a com-
prehensive model of the chloroplast.
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6New Players for Photoprotection and 
Light Acclimation
Denis Jallet, Michael Cantrell and Graham Peers

Abstract
Light is the source of energy for oxygenic photosyn-
thesis. Large variations in light availability expose 
photoautotrophic organisms to low fluxes that 
limit net photosynthesis and high fluxes that are 
in great excess of photosynthetic capacity. Plants, 
algae and cyanobacteria need to adjust their pho-
tosynthetic apparatus over the time scales of light 
variability – from seconds to seasons – to balance 
the energy needs of the organism and to avoid the 
photooxidative damage associated with excess light 
energy absorption (photoprotection). This chapter 
reviews recent discoveries regarding the light accli-
mation and photoprotective processes within the 
chloroplast and cyanobacteria. We focus on energy 
dissipation pathways and the signalling pathways 
associated with the response to excess light stress.

Introduction
The predictable but also mercurial nature of light 
in natural environments offers many challenges to 
oxygenic photoautotrophs. On the one hand, natu-
ral environments present slow cycles of changing 
light (Demmig-Adams et al., 2012). These are rep-
resented by the yearly progression of seasons and 
the associated changing photoperiod. The 24 hour 
cycle of night and day also exposes organisms to 
darkness and full sunlight in a regular periodic pat-
tern. On the other hand, rapid changes in the local 
environment can cause unpredictable and substan-
tial fluctuations in light fluxes (Demmig-Adams et 
al., 2012; Falkowski and Raven, 2013). These rapid 
changes can be due to a diverse set of factors includ-
ing change in cloud cover and variations associated 
with the immediate setting of a plant, algal or cyano-
bacterial cell, such as sun flecks underneath a leaf 

canopy or the rapid mixing of turbid water column. 
Combining these two categories results in a highly 
dynamic light environment, which places distinct 
demands on photosynthetic organisms (Fig. 6.1).

Oxygenic photosynthesis takes place in thylakoid 
membranes. It relies on two photosystems (PSII, 
PSI) connected by cytochrome b6/f and mobile 
electron transporters. Each photosystem contains 
pigment-protein inner antennae for light harvest-
ing plus a reaction centre where electron transport 
related cofactors are localized. Additionally, acces-
sory antennae associate with the photosystems, 
forming large pigment-protein supercomplexes. 
Light energy is collected by antennae pigments and 
funnelled towards the reaction centres that perform 
the first step of energy conversion. Photochemistry 
in the PS reaction centre liberates electrons from 
water and ultimately they are delivered to NADP+. 
This also generates a proton gradient across the thy-
lakoid membrane that is used to generate adenosine 
triphosphate (ATP). NADPH and ATP produced 
through these reactions are then used to drive 
cellular metabolism, including the Calvin–Benson–
Bassham cycle.

The light-dependent reactions of photosynthe-
sis are precarious metabolic processes. The light 
excited states of photosynthetic pigments and the 
highly reducing (and oxidizing) intermediates of 
electron transport are necessary for the removal of 
electrons from water and their ultimate delivery to 
NADP+. However, these same high-energy states 
and intermediates potentially react with oxygen 
to create reactive oxygen species (ROS) that can 
damage photosynthetic components.

The probability of damage increases when 
the absorption of light energy is greater than the 
capacity for electron transport or for utilization of 
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reducing equivalents/ATP. Singlet oxygen (1O2) 
appears when the triplet states of antennae chlo-
rophylls or P680 of the PSII reaction centre pass 
their energy to molecular oxygen (Krieger-Liszkay 
2005). This reactive species can readily damage 
lipids, proteins and pigments within the chloroplast 
(Laloi and Havaux, 2015) and it is the primary 
ROS generated by photosynthesis in excess light 
(Triantaphylides et al., 2008). Superoxide (O2

–), 
hydrogen peroxide (H2O2) and hydroxyl radicals 
(HO·) are also produced in excess light conditions 
(Apel and Hirt, 2004; Asada, 2006; Foyer and 
Shigeoka, 2011).

The photosynthetic apparatus has many strate-
gies for reducing the formation of ROS. These will 
be discussed in more detail within the main body of 
this chapter, such as the rapidly inducible dissipa-
tion of excess light excitation as heat (qE, Derks et 
al., 2015), the redistribution of antenna complexes 
between the photosystems to maintain a balanced 
excitation pressure (state transitions; Minagawa, 
2011) and alternative electron transfer routes that 
remove excess reductant from the chloroplast 
(Peltier et al., 2010) (Fig. 6.1B). These processes all 
reduce the probability of forming ROS, but these 
first lines of defence against ROS can be over-
whelmed and oxidative stress can occur.

Chloroplasts and cyanobacteria contain a large 
diversity of antioxidant molecules to scavenge ROS. 

Specific enzymes play key roles in ROS detoxifica-
tion including the superoxide dismutases (SODs) 
and ascorbate peroxidases (APXs) in the chloro-
plast (Mallick and Mohn, 2000; Mittler, 2002). 
The genes encoding these stress-related enzymes 
are in the nucleus and their transcription level is 
controlled by retrograde signalling pathways from 
the chloroplast to nucleus (Foyer and Shigeoka, 
2011; Mittler et al., 2011). A variety of metabolites 
also contribute to the antioxidant system includ-
ing carotenoids (Ramel et al., 2012c), tocopherols 
(Falk and Munne-Bosch, 2010), ascorbate and 
glutathione (Foyer and Noctor, 2011).

Collectively all of these processes are consid-
ered important aspects of photoprotection – the 
avoidance of oxidative stress due to light-induced 
photodamage. In many cases, after exposure to 
extended excess light fluxes, many plants, algae 
and cyanobacteria exhibit a reduction of carbon 
fixation/uptake or oxygen evolution. This is termed 
photoinhibition. This term is also used to describe 
damage to PSII, as measured by the Fv/Fm param-
eter of chlorophyll fluorescence.

The efficiencies of light energy capture versus 
excess light energy dissipation must be balanced to 
maintain high fitness in a natural light environment.

Plants, algae and cyanobacteria are able to 
regulate this balance at the physiological and at the 
genetic level. Light acclimation is the process by 

Figure 6.1 Illustration showing the complexity of environmental factors that affect light supply to photosynthetic 
organisms (A) and the complexity of the biological responses to changes in light (B) that are discussed in 
this chapter. Note that time scales, changes in light flux and modulation of photosynthetic efficiency (as % 
absorbed photons converted to biomass) are all approximate. Abbreviations are defined in the main text.
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which plants respond to the changing light environ-
ment in an attempt to balance photosynthesis and 
photoprotection. This acclimation is reflective of 
the light history of the organism and is queued by 
changes in gene expression.

Given the detrimental effects of excess light to 
the overall fitness and productivity of plants, algae 
or cyanobacteria, it is not surprising that the major-
ity of studies investigating light acclimation thus far 
have focused on the stress aspects of shifting from 
low light to excess light. These studies continue to 
reveal novel components of photoprotection, stress 
mitigation and signalling processes that modulate 
photosynthesis.

This chapter reviews and summarizes recent 
additions to our understanding of the light accli-
mation process and protection from oxidative 
damage associated with excess light. Particularly, 
we focus on proteins and regulators discovered 
since 2011. We also will expand on the recent 
discoveries that help explain, or change our view 
of, well-characterized aspects of photoacclimation 
and photoprotection. There are several chapters 
contained within this volume that overlap with 
this subject matter. These include chapters on the 
structure/function of thylakoids, the photosystem 
II repair cycle and chloroplast redox regulation – all 
of which are involved in photoprotection and pho-
toacclimation processes. The reader is referred to 
these chapters for specifics regarding these topics.

Light-harvesting antennae-based 
mechanisms of photoprotection

qE
Simplistically, light energy that is absorbed by the 
antenna complex of PSII can be either passed on 
to the reaction centre where this energy is used for 
photochemistry, it can be lost as fluorescence or it 
can be dissipated as heat.

The phenomena associated with excitation-
dependent quenching of light energy as heat (qE) 
have received the most attention over the past few 
decades. Efficient qE is required for plant and algal 
fitness in rapidly changing light regimes (Kulheim 
et al., 2002; Peers et al., 2009). qE is quickly 
induced upon exposure to excess light and also 
relaxes within minutes in the dark. Cyanobacterial 
based qE mechanisms are described beginning in 

the ‘Orange carotenoid protein’ section. Plants and 
algae that contain chlorophyll a/b or a/c-based 
light-harvesting complex (LHC) antenna systems 
require acidification of the chloroplast lumen 
to induce qE. It also requires the activation of a 
xanthophyll cycle that accumulates de-epoxidized 
xanthophylls including zeaxanthin (Zea), antherax-
anthin, lutein and diatoxanthin. The accumulating 
xanthophyll depends on the species of eukaryote. 
Readers interested in greater detail about the 
diversity of non-photochemical quenching (NPQ) 
processes and particularly qE mechanisms are 
referred to an excellent recent review on this sub-
ject (Derks et al., 2015). However, here we note 
that the exact biophysical mechanism associated 
with quenching in LHCII has been a matter of 
great debate. It may involve the transfer of energy 
from chlorophyll to a carotenoid in one (or more) 
of the LHCII components or it may involve the 
internal conversion of energy by chlorophyll 
within LHCIIs (Derks et al., 2015). Some recent 
single particle analyses suggest that there could be 
multiple dissipative pathways within the LHCII 
(Kruger et al., 2012; Schlau-Cohen et al., 2015). 
Regardless of the quenching model of qE, it is clear 
that there is a conformational change associated 
with the thylakoid membranes and the proteins 
therein that switches PSII–LHCII complexes 
from a light-harvesting state to a photoprotective, 
quenching state.

PsbS
PsbS is required for qE in plants and mosses 
(Alboresi et al., 2010; Li et al., 2000; Niyogi and 
Truong, 2013). It is an unusual member of the 
LHC family of proteins in that it contains four 
membrane-spanning helixes and does not appear 
to bind pigments in vivo (Dominici et al., 2002). It 
is highly unlikely that PsbS is the direct site of qE-
related excitation quenching (Ruban et al., 2012). 
PsbS does have a demonstrated role in sensing 
luminal pH. This facilitates changes in the confor-
mation of the thylakoids and the proteins located 
therein (Brooks et al., 2014). Goral et al. (2012) 
found that the absence of PsbS in the npq4 mutant 
of Arabidopsis reduced the mobility of LHCs within 
the grana. Two other recent studies have provided 
evidence that PsbS facilitates qE quenching. Wilk 
et al. (2013) found that efficient quenching of 
LHCs in reconstituted proteoliposomes required 
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the presence of both PsbS and Zea. They also 
found that LCHIIs could form heterodimers with 
PsbS, suggesting this interaction could occur in 
vivo. Sylak-Glassman et al. (2014) performed fluo-
rescence lifetime experiments on whole leaves of 
wild-type (WT), npq4 and Zea-accumulating npq1 
Arabidopsis plants. They found that the presence/
absence of PsbS alone did not influence the rate 
of excited chlorophyll relaxation. But its presence 
changes the magnitude of quenching and the speed 
with which it was activated. These data all suggest 
that PsbS is essential for modifying the thylakoidal 
membrane structure and allowing the PSII–LHCII 
supercomplex to enter into a quenching conforma-
tion.

LHCSR/LHCX
Most eukaryotic algae (and moss) share one 
distinct family of LHC relatives (Neilson and 
Durnford, 2010) despite the large evolutionary 
distances between these eukaryotic supergroups. 
This family of LHCs falls into a clade that includes 
LHCSR and LHCX which have been shown to 
play a role in qE in Chlamydomonas (Peers et al., 
2009), Physcomitrella (Alboresi et al., 2010) and 
the diatom Phaeodactylum (Bailleul et al., 2010). 
LHCSR binds to the PSII–LHCII supercomplex 
isolated from excess light-grown Chlamydomonas 
(Tokutsu and Minagawa, 2013). These isolated 
complexes had reduced fluorescent lifetimes at 
a pH of 5.5 and this pH effect was abolished by 
inhibitor-mediated blocking of acidic residues and 
in PSII-complexes isolated from the LHCSR3 
mutant npq4. This suggested a direct role for 
LHCSR in sensing and transducing the luminal 
pH change to energy quenching. Recombinant 
LHCSR3 has been reconstituted with chlorophylls 
and xanthophylls. These proteins display fast fluo-
rescence lifetime components of less than 100 ps 
compared to 3.5–4.5 ns for other LHC proteins, 
suggesting they are indeed involved in energy 
dissipation versus energy transfer (Bonente et al., 
2011). Further experiments on LHCSR3 revealed 
that it forms a transient lutein cation radical that 
quenches chlorophyll energy transfer (Bonente et 
al., 2011). This is distinct from LHCs from higher 
plants, where a zeaxanthin appears to play the role 
of energy quencher (Ahn et al., 2008). Finally, the 
C-terminal domain of LHCSR appears to be the pH 
sensor. Replacement of approximately 20 amino 

acids near the C-terminus with neutral residues in 
a synthetic LHCSR reduced quenching capacity in 
vitro (Liguori et al., 2013). All LHCSR transcripts 
are accumulated in Chlamydomonas in response to 
excess light (Peers et al., 2009). LHCSR3.1 and -3.2 
share near identical promoter sequences and their 
transcriptional induction is suppressed by DCMU 
(leading to an oxidized plastoquinone (PQ) pool) 
and also by a calmodulin inhibitor (Maruyama 
et al., 2014). These stimuli did not affect the tran-
scription of LHCSR1, which instead appears to 
be influenced by a singlet oxygen accumulation 
signal (Wakao et al., 2014). Other components of 
the Chlamydomonas LCHII antenna appear to be 
required for efficient qE in addition to LHCSR. 
These include the Lhcbm5 peptide (Elrad et al., 
2002) and now Lhcbm9 appears to be required for 
effective NPQ as well. Lhcbm9 is up-regulated in 
response to nutrient stress and it also appears to 
play a role in PSII stabilization and NPQ (Grewe et 
al., 2014). The exact role of these LHCs has not yet 
been determined.

Orange carotenoid protein
Cyanobacteria and red algae possess unique acces-
sory antennae, the phycobilisomes (PBSs). PBSs 
appear as highly organized complexes made of 
phycobiliproteins associated with colourless linker 
polypeptides. They typically present a hemidis-
coidal arrangement, where rods of phycocyanin 
(PC) radiate from an allophycocyanin (APC) core. 
Located on thylakoid membranes, they are opti-
mized for a directional energy transfer towards the 
photosystem reaction centres (Adir, 2005; Wata-
nabe and Ikeuchi, 2013). They can absorb orange 
and green lights that are poorly absorbed by chlo-
rophyll containing antennae. PBSs play important 
roles in photoprotection and photoacclimation 
processes.

Because the phycobilisomes and LHC antenna 
systems are quite different it is therefore not surpris-
ing that their mechanisms of excitation quenching 
are also quite distinctive. qE in cyanobacteria does 
not depend on a pH gradient or the xanthophyll 
cycle. Instead, qE in well-characterized cyanobacte-
ria relies on a soluble Orange Carotenoid Protein 
(OCP) (Wilson et al., 2006). The sequencing of 54 
cyanobacterial strains in 2013 revealed that most of 
them possess ocp orthologues (Kirilovsky and Ker-
feld, 2012; Shih et al., 2013). OCP non-covalently 
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attaches a ketocarotenoid – either echinenone or 
hydroxyechinenone in Synechocystis (Wilson et 
al., 2010). OCP primarily exists in the dark as an 
orange, stable form (OCPo) and upon illumination 
with strong blue-green light, it gets photoconverted 
to a red, metastable form (OCPr) (Wilson et al., 
2008). OCPr – but not OCPo – can bind to PBS 
cores, triggering the quenching of excess excitation 
energy and a drop in fluorescence emission (Gwiz-
dala et al., 2011). Energy transfer from PBSs to 
both PSI and PSII decreases upon binding of OCPr 
(Rakhimberdieva et al., 2010; Tian et al., 2011). 
Accordingly, OCP-deficient Synechocystis mutant 
strains appear more sensitive to photoinhibition 
(Wilson et al., 2006).

The molecular mechanism for how the conver-
sion from OCPo to OCPr allows binding to PBSs 
has only lately been elucidated. Hydrogen bonds 
situated at the N- and C- terminal domains inter-
face in OCPo might get disrupted upon OCPr 
formation (Wilson et al., 2012). Several aspartate 
and glutamate residues situated at the same inter-
face also become more accessible to solvent (Liu 
et al., 2014). The N-terminal domain was isolated 
following tryptic digestion and it retained a bound 
carotenoid and appeared red. It was able to inter-
act with PBSs in vitro and induced fluorescence 
quenching (Leverenz et al., 2014). The crystal 
structure of this protein domain revealed a major 
shift of carotenoid position compared to OCPo 
N-terminal domain (Leverenz et al., 2015). These 
results indicate that photoconversion to OCPr 
causes a conformation change that exposes amino 
acids on the N-terminal domain and that this facili-
tates OCPr binding to PBSs.

In the dark, fluorescence recovery protein (FRP) 
triggers the reconversion of OCPr to OCPo (Boulay 
et al., 2010) making OCP-related NPQ reversible. 
FRP’s 3D structure was recently solved (Sutter et 
al., 2013). Site-directed mutagenesis coupled to 
co-immunoprecipitation studies showed that FRP 
interacts with OCP’s C-terminal domain which 
could be available for interaction when OCPr is 
bound to PBSs. More has to be done to characterize 
the molecular mechanism associated with FRP in 
order to understand how OCP-mediated NPQ is 
reversed.

The exact site of OCP-related NPQ inside PBSs 
remains uncertain. Spectrally resolved picosecond 
fluorescence spectroscopy indicated that it could 

be one of the major allophycocyanin (APC) forms 
(ApcA, ApcB), with maximum emission at 660 nm 
(Tian et al., 2011). Synechocystis mutant strains 
deficient in some of the minor APC forms (ApcD, 
ApcF) retained normal OCP-related NPQ induc-
tion upon high light exposure ( Jallet et al., 2012; 
Stadnichuk et al., 2012). Cross-linking of OCPr to 
PBSs followed by LC-MS/MS analysis showed that 
ApcB and ApcE might participate in OCP binding 
(Zhang et al., 2014). These data position OCP’s 
carotenoid in close vicinity to ApcB’s bilin, desig-
nating ApcB as the quenching site.

The mechanism allowing heat dissipation of 
excess excitation energy has not been solved. 
Tian and co-workers derived a quenching rate of 
240 ± 60/fs using spectrally resolved picosecond 
fluorescence on whole cells of Synechocystis. Their 
modelling suggested that quenching was medi-
ated by charge transfer between a bilin in the APC 
core and the OCP carotenoid (Tian et al., 2011). 
Another model, based on in vitro transient absorp-
tion spectroscopy on isolated OCP, suggests that 
there is direct energy transfer from APC to OCP 
(Berera et al., 2012). However, neither mechanism 
has been validated.

Other systems that may reveal new qE 
mechanisms
Physiological studies of algae with diverse light 
harvesting antenna systems suggest that there 
may be slight variations on the themes discussed 
above. The cryptomonad alga Rhodomonas salina 
has an unusual antenna system in that it has both 
phycobiliproteins and chlorophyll a/c binding 
LHCs. Kana et al. (2012) found a rapidly induc-
ible and relaxing NPQ in this alga that is induced 
by ΔpH with no change in xanthophyll cycle pig-
ments. It appeared that quenching responding to 
low pH occurred in purified LHCs and not in the 
phycobillisomes. The exact nature and location of 
this quenching has not been elucidated. Chromera 
velia is an alveolate alga related to the apicompl-
exan parasites. Induction of NPQ in this organism 
is correlated with a rapid formation of Zea, with 
no detectible accumulation of antheraxanthin 
(Kotabova et al., 2011) suggesting a novel type of 
violoxanthin de-epoxidase. Interestingly, violaxan-
thin has a light-harvesting role in this alga, which is 
not the case for our more established model photo-
synthetic organisms.
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Symbiodinium, a dinoflagellate known for its 
symbiotic associations with corals and cnidairans, 
also possesses a potential novel mechanism 
of NPQ. Many dinoflagellates, including Sym-
biodinium, contain unique antennae made up of 
water-soluble perdinin–chlorophyll a proteins and 
chlorophyll a–chlorophyll c2–peridinin–protein 
complexes (acpPC, Maruyama et al., 2015). The 
mechanism for their NPQ is also unresolved as yet, 
but it appears that the diatoxanthin/diadinoxanthin 
cycle and lumen pH change lead to quenching in 
the acpPC complex (Kanazawa et al., 2014). The 
intriguing observation that an AcpPC-encoding 
transcript related to LHCSR increases in high light 
grown Symbiodinium suggests this protein may also 
play a role in NPQ in the dinoflagellates (Xiang et 
al., 2015).

Additionally, some PBS containing cyanobac-
teria possess neither OCP nor FRP orthologues, 
for example Synechococcus elongatus PCC7942 or 
Thermosynechococcus elongatus (Kirilovsky and 
Kerfeld, 2012) and their photoprotective capacity 
has not been studied. Explorations of light energy 
dissipation mechanisms in diverse algae and cyano-
bacteria over the next decade will likely reveal new 
mechanisms for the dissipation of excess light.

Ions
Trafficking of inorganic ions into the chloroplast 
stroma and lumen is required to maintain efficient 
photosynthetic activity and chloroplast homeosta-
sis (Finazzi et al., 2014). Ion transport activity turns 
out to be particularly important for modulating the 
proton motive force associated with qE. Mutants 
of Arabidopsis without a stromal lamellae-localized 
K+ transporter (TPK3) are unable to export K+ 
from the lumen. This leads to an imbalance in the 
electrical potential across the thylakoid mem-
branes during light-driven electron transport and 
reduces the capacity to build a pH gradient. This 
results in plants that are deficient in qE and also 
have decreased photosynthetic rates (Carraretto 
et al., 2013). Furthermore, the thylakoid-localized 
KEA3 H+/K+ antiporter of Arabidopsis may play 
an important role in the dark/low light recovery 
of qE and increased light harvesting efficiency by 
facilitating the re-equilibrium of these ions upon 
the release of stress (Armbruster et al., 2014; Kunz 
et al., 2014).

Miyaji et al. (2015) have recently discovered 

a chloroplast envelope ascorbate transporter in 
Arabidopsis (AtPHT4;4), that is a member of the 
SLC17 family of transporters. Knockout of this 
protein decreases the accumulation of Zea and 
antheraxanthin in high light, because violaxanthin 
de-epoxidase requires ascorbate as a co-factor. 
This phenotype correlates with a decrease in NPQ 
capacity when compared to WT. The investigators 
propose that AtPHT4;4 is a required component of 
the ascorbate transport from its point of synthesis 
(the mitochondria) into the chloroplast.

The phosphate anion is required in the chloro-
plast for extensive post-translation modifications of 
photosynthetic enzymes in addition to its essential 
role in the production of ATP. The Arabidopsis PHT 
4;1 transporter, localized in the thylakoids, appears 
to have an essential role for maintaining high ATP 
synthesis rates, but its absence has little effect on 
the phosphorylation status of PSII, LHCII and 
the PSII repair cycle (Karlsson et al., 2015). Inter-
estingly, the differences seen in thylakoid proton 
conductivity between the mutant and WT in low 
light lessens in high light. This suggests that there is 
a complementary mechanism for phosphate trans-
port that is not yet discovered.

Antenna-based quenching of 
photosystem I
While considerable attention has been paid to the 
modulation of photoprotection and light harvest-
ing of PSII, very little has been paid to the same 
processes in PSI. PSI shows little fluorescence at 
room temperature suggesting a low probability 
that triplet states of chlorophyll and singlet oxygen 
will be formed. However, PSI photoinhibition is 
observed when high light stress is coupled with 
cold temperatures (Sonoike, 2011). This damage 
is caused by O2

– and H2O2 produced by reduc-
tion of oxygen by PSI. Alboresi et al. (2009) found 
that photoprotection of PSI required a complete 
PSI–LHCI complex in vitro and violaxanthin and 
Zea were already known to be associated with the 
LHCI antenna proteins (Wehner et al., 2004). Bal-
lottari et al. (2014) utilized the Zea-accumulating 
npq2 mutant of Arabidopsis to show that Zea also 
plays a role in regulating functional antenna size of 
PSI. Furthermore, they also showed that the Lhca4 
protein with Zea was capable of generating a carot-
enoid radical cation that could explain chlorophyll 
excitation quenching in the PSI antenna.
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Yokono et al. (2015) recently have suggested 
that light energy can be effectively transferred from 
PSII directly to PSI and that this is mediated by 
megacomplexes of the two photosystems. First, 
they used delayed fluorescence spectroscopy to 
show that energy released by charge recombination 
at PSII can be transferred to PSI at −196°C. Then 
they isolated a megacomplex containing both PSI 
and PSII from Arabidopsis. It appears that half the 
PSII are functionally attached to PSI such that 
light energy that cannot be effectively used by PSII 
is transferred to PSI. This connection appears to 
increase in high light conditions and reverts back 
to a low light state within a minute of transfer to 
low light. The phenomenon likely interacts with 
PSI quenching mechanisms described above and 
may provide a distinct path for light energy dissipa-
tion independent of state transitions. This research 
suggests that the assumptions of chlorophyll 
fluorometry methods that typically assume PSI flu-
orescence yields remain constant should be refined 
(Giovagnetti et al., 2015; Pfuendel et al., 2013).

State transitions – flexible light 
harvesting capability between PSII 
or PSI

State transitions associated with LHC 
antenna systems
State transitions in plants and green algae are a 
phosphorylation dependent alteration of the PSII-
associated light harvesting antenna (LHCII) that 
results in a change in the functional absorption 
cross section of the photosystems. These changes 
occur to balance the flux of energy through electron 
transport in response to changing light quantity 
and quality (Allen, 1992; Minagawa, 2011). A chlo-
roplast in state 1 has an oxidized PQ pool and the 
relative light harvesting capacity of PSII is increased 
while a chloroplast in state 2 has a reduced PQ pool 
and an increase in the relative light harvesting capa-
bility of PSI. This behaviour is typically observed as 
an increase or decrease in PSII chlorophyll fluores-
cence and it was believed to represent changes of 
15–25% of light-harvesting capacity in plants (Allen 
1992) and 80% in Chlamydomonas (Delosme et al., 
1996). It is well established that the PQ pool and 
cytochrome b6 f are essential players in this process 
(Zito et al., 1999). Phosphorylation state of LHCII 
also dictates the migration of antennae between the 

photosystems. The identity of the kinase (such as 
STN7, Bellafiore et al., 2005) and the phosphatase 
(e.g. PPH1/TAP38, Pribil et al., 2010; Shapiguzov 
et al., 2010) that control this process in Arabidopsis 
are also known.

The traditional model of state transitions in Chla-
mydomonas involved a large migration of LHCII 
complexes to PSI in state 2 conditions (Minagawa, 
2011). However, we now know that this may not 
reflect the true rearrangement of the PSII super-
complex. A new model of state transitions predicts 
that phosphorylated LHCIIs remain associated 
with PSII or are detached from either photosystem 
(Minagawa and Tokutsu, 2015; Nagy et al., 2014). 
Phosphorylation would repel the membrane faces 
within the granal stacks, moving the thylakoids and 
photosynthetic complexes apart. This is supported 
by data from small angle neutron scattering and cir-
cular dichroism observations of cells in state 1 and 
state 2. Only ~10% of the LHCII actually migrate to 
increase the absorption cross section of PSI, similar 
to what is observed in plants (Drop et al., 2014; 
Minagawa and Tokutsu, 2015; Nagy et al., 2014; 
Unlu et al., 2014).

There has also been progress in our understand-
ing of the role of individual components of the 
LHCII trimers in state transitions. LHCII in Arabi-
dopsis are made up of three closely related proteins 
– Lhcb1, -2 and -3. Lhcb2 is phosphorylated to 70% 
of maximum within 10 s of illumination favour-
ing state 2 conditions and the PSI-supercomplex 
becomes enriched in phosphorylated Lhcb2 (Leoni 
et al., 2013). The generation of specific antibodies 
for the phosphorylated forms of Lhcb2 and Lhcb1 
were essential for resolving these changes. Further-
more, mutant plants lacking Lhcb2 do not perform 
state transitions at all, despite hyperphospho-
rylation of Lhcb1, showing the necessity of this one 
LHCII component for this process (Pietrzykowska 
et al., 2014). Meanwhile, Lhcb1 is required for the 
proper ultrastructural rearrangements associated 
with state transitions (Pietrzykowska et al., 2014; 
Pribil et al., 2010). Each of these LHCII compo-
nents play complementary roles in this process.

The role of LHCII components for state transi-
tions in Chlamydomonas seems to be less specific. 
Biochemical analysis of purified PSI-LHCI-LHCII 
supercomplexes isolated in state 2 Chlamydomonas 
showed that the CP29 inner antenna complex 
and all the classes of the PSII associated LhcbMs 
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can be also be found with PSI (Drop et al., 2014). 
But only LhcbMI, -II and IV classes appeared to 
be phosphorylated. Single particle analysis via 
electron microscopy suggested that these large PSI–
LHCI–LCHII complexes contain one monomer 
(perhaps CP29) and two LHCII trimers and this 
represents the largest PSI supercomplex observed 
in eukaryotes thus far (Drop et al., 2014). Thus, the 
heterogeneity of the protein composition of the 
LHCII trimers appears to play an important role in 
how light harvesting is regulated in plants and green 
algae.

The studies described above also highlight 
how a conserved strategy of photoprotection 
is manifested by slightly different mechanisms 
within the embryophytes and chlorophytes. How-
ever, there is one major difference. The detached 
phosphorylated LHCII complexes observed in 
state 2 Chlamydomonas have a shortened excited 
state lifetime, suggesting that they are effectively 
quenched (Unlu et al., 2014). State transitions have 
been clearly shown to be an efficient mechanism 
to protect PSII from overexcitation during a rapid 
change in light levels (Allorent et al., 2013) and the 
quenching described by Unlu et al. (2014) may be 
the mechanism of photoprotection.

State transitions associated with 
phycobilisomes
In cyanobacteria, state transitions rely both on PBS 
movement and photosystem rearrangements to 
balance the redox state of the PQ pool (Kirilovsky, 
2014; Kirilovsky et al., 2014; Mullineaux and 
Emlyn-Jones, 2005). Regulator of phycobilisome 
association C (RpaC) is required for the PBS-related 
component (Emlyn-Jones et al., 1999; Mullineaux 
and Emlyn-Jones, 2005). PBSs remained attached 
to PSII (State I) in Synechocystis ΔrpaC strains, even 
under conditions that would normally trigger their 
partial reallocation to PSI (state II, Emlyn-Jones et 
al., 1999). The rpaC mutants grew normally under 
high light conditions, showing that cyanobacterial 
state transitions do not play a photoprotective role 
under saturating illumination. However, the rpaC 
mutants had a 30% longer doubling time than 
WT under 2 μmol photons/m2/s white light and a 
40% longer doubling time under 2 μmol photons/
m2/s yellow light, absorbed preferentially by PBSs 
(Emlyn-Jones et al., 1999). Unlike LHC-based 
state transitions, that appear to be involved in 

photoprotection, PBS-based state transitions play a 
physiological role at very low light to balancing the 
excitation pressure on PSI and PSII.

Current research focuses on describing the 
molecular interactions between PSI/PSII and PBSs. 
Liu and co-workers combined protein cross-linking 
and LC-MS/MS to identify subunits responsible 
for PBS-photosystem contacts in Synechocystis (Liu 
et al., 2013). They found that ApcD, situated in the 
PBS core, can interact with the PsaA subunit of PSI. 
ApcE, another PBS core component, appeared to 
interact with PsbC, PsbD and PsbI subunits of PSII. 
Furthermore, they showed that excitation energy 
from the PBS could effectively be transferred to 
either photosystem. This leads to a variation on 
the state transition model whereby the PBS may 
facilitate the formation of a megacomplex contain-
ing both PSI and PSII. Further work on both the 
structural aspects of state transitions and the physi-
ological importance of these in natural light regimes 
should be extended to red algae (rhodophytes) to 
examine the diversity of PBS related state transi-
tions or quenching (e.g. Kana et al., 2014).

Alternative electron transport
NPQ represents the dominant pathway by which 
oxygenic photosynthesis can dissipate excess energy. 
But this can still be insufficient to avoid ROS gen-
eration and associated photodamage. Alternative 
electron transport (AET) pathways remove excess 
reductant from the chloroplast, thus preventing 
over-reduction of the inter-photosystems transport 
chain. AET mutants show increased sensitivity to 
high light intensities, as exemplified by flavodii-
ron (Flv)-deficient strains of the cyanobacterium 
Synechocystis (Allahverdiyeva et al., 2011, 2013) or 
plastid terminal oxidase (PTOX) knockout lines 
of the green alga Chlamydomonas (Houille-Vernes 
et al., 2011). Recent advances have revealed the 
diversity of AET components, capacities and physi-
ological roles in oxygenic photosynthesis.

Flavodiiron proteins
Flavodiiron proteins (Flv) are present in anaerobic 
organisms where they act as O2 detoxifiers. They 
contain a core made of a metallo β-lactamase-like 
domain as well as a flavodoxin domain. Homolo-
gous proteins are found in cyanobacteria (Helman 
et al., 2003) and some photosynthetic eukaryotes 
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(Peltier et al., 2010). In these organisms, Flvs 
present a supplementary C-terminal flavin reduc-
tase domain that potentially catalyses NADPH 
oxidation (Zhang et al., 2009). It has recently been 
shown that Flvs play photoprotective roles in pho-
tosynthetic organisms.

Flvs are best characterized in the model cyano-
bacterium Synechocystis PCC6803, which has four 
homologous genes encoding for Flvs. Flv1 and Flv3 
form heterodimers (Allahverdiyeva et al., 2011). 
Recombinant Flv3 oxidizes NADH and reduces 
O2 to water in vitro (Vicente et al., 2002). In vivo, 
Flv1Flv3 participates in a Mehler-like reaction 
that uses the reducing power generated by PSI 
(NADPH) to convert O2 to water (Helman et al., 
2003). This helps avoiding an over-reduction of 
the inter-photosystem electron transfer chain, 
particularly under conditions of inorganic carbon 
(Ci) deprivation or fluctuating light conditions 
(Allahverdiyeva et al., 2011, 2013). In contrast to 
the Mehler reaction, no reactive oxygen species are 
generated by Flv1Flv3. Flv1/Flv3 homologues are 
found in all sequenced cyanobacterial genomes, 
plus green algae and mosses where they potentially 
catalyse similar Mehler-like reactions (Dang et al., 
2014; Peltier et al., 2010). The reason why embryo-
phytes aside from bryophytes have lost the Flv gene 
family remains an open question.

Flv2 and Flv4 form heterodimers accumulated 
under conditions of Ci deprivation, whereas they 
are barely detected under high Ci conditions 
(Zhang et al., 2009). Orthologues of this group are 
only found in PBSs containing cyanobacteria where 
they appear to play a novel role in photoprotection 
compared to the Flv1/3 group.

Studies of flv4 and flv2 mutants revealed that 
the heterodimer plays a specific role in PSII pho-
toprotection (Zhang et al., 2009, 2012). These 
strains displayed a lower PSII photochemical yield 
as well as a higher sensitivity to photoinhibition 
under Ci deprivation. Flash-induced chlorophyll 
fluorescence kinetics studies also indicated that 
they maintained a more reduced PQ pool than the 
WT (Bersanini et al., 2014; Zhang et al., 2012). 
This suggests that Flv2Flv4 acts in an alternative 
electron route, which takes electrons either from 
the acceptor side of PSII or directly from PQH2 to 
reduce a yet-to-identify acceptor. Current research 
focuses on unravelling the underlying mechanism. 
Bersanini et al. (2014) used artificial electron 

acceptors to show that Flv2Flv4 can receive elec-
trons directly at the Q B-binding pocket of PSII. 
Recently, it has been shown that recombinant Flv4 
can transfer electrons from NADH to O2 in vitro 
(Shimakawa et al., 2015). In vivo, the Flv2Flv4 
heterodimer could then alleviate over-reduction 
of the PQ pool by creating an AET route from 
PSII to O2. Moreover, thermoluminescence stud-
ies revealed a modified redox potential for Q B in 
the Flv2/4 deficient mutant under Ci deprivation 
(Chukhutsina et al., 2014). The Flv2Flv4 heter-
odimer, when binding to the Q B pocket, might 
also modify the redox properties of PSII to avoid 
possible charge recombinations leading to 1O2 
production.

Further support for the roles of Flv2Flv4 came 
from studies on Synechococcus PCC7942, which 
lacks Flv2 and Flv4 orthologues. Shimikawa et 
al. (2015) found that alternative electron flow 
under Ci deprivation conditions was mediated by 
Flv2Flv4 in Synechocystis, agreeing with the model 
presented above, but that Synechococcus PCC7942 
was highly photoinhibited during low CO2 stress. 
They interpret these data as support for the role of 
Flv proteins and associated AET in protecting the 
photosynthetic apparatus.

Flv2, Flv4 and Sll0218 are encoded within 
one operon in Synechocystis (Zhang et al., 2012). 
Eisenhut et al. (2012) found that an antisense 
RNA directed against flv4 helps modulate the 
accumulation of FLV4 during a low CO2 shift. 
AET is essential for photoprotection in long term 
Ci deprivation stress, but it appears that the activa-
tion of this pathway is suppressed during a transient 
response to avoid overall reductions in carbon fixa-
tion rates.

Interestingly, the oxygen-consuming function of 
Flvs also appears to play a role in nitrogen fixation. 
Nitrogenase requires an anaerobic environment 
and the specialized N2-fixing cells of Anabaena, 
the heterocysts, must maintain low oxygen for its 
proper function. Flv1a and Flv3b are exclusively 
expressed in the heterocysts (Ermakova et al., 
2013) and Δflv3b mutants were unable to grow effi-
ciently in oxic environments, where they displayed 
nitrogen-deficient characteristics and had reduced 
levels of nitrogenase (Ermakova et al., 2014). This 
shows that respiratory oxygen consumption is 
unable to compensate for the reduced levels of AET 
associated with Flvs in these cells.
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Plastiquinol terminal oxidase
The clear photoprotective role of AET in cyano-
bacteria has not been shown in plants. However, 
the IMMUTANS protein has PTOX function, 
maintaining an oxidized PQ pool during chlorores-
piration (Carol et al. 1999), and it was proposed 
that PTOX could also have a photoprotective 
function in excess light. Despite some contrasting 
results in the literature, it appears as though the 
presence/absence of PTOX does not significantly 
influence photoprotection in Arabidopsis (Rosso 
et al., 2006) but its role in releasing excitation 
pressure on photosystem II in other species is still 
a matter of open debate. For instance, the role of 
PTOX becomes more prevalent under temperature 
stress in a wide variety of plants and can function as 
a significant sink of electrons in mutants unable to 
fix CO2 (McDonald et al., 2011).

However, the role of PTOX in relieving pho-
toinhibition in the green alga Chlamydomonas is 
much clearer. Houille-Vernes et al. (2011) isolated 
a knockout mutant of PTOX2 (PTOX1 was still 
intact) by screening for mutants that illustrated a 
post-illumination rise in chlorophyll fluorescence 
yields. This suggests that, in the absence of light-
driven linear photosynthesis, the PQ pool cannot 
be oxidized by chlororespiration. Most importantly, 
the ptox2 mutant had reduced fitness in moderate 
light levels compared to WT cells showing that 
AET is important for photoprotection in this alga. 
Interestingly, because the ptox2 mutant maintains a 
more reduced PQ pool in the dark, they also found 
that cells remained in State 2.

PTOX activity may become more important 
when electron transport is unbalanced. gun4 
mutants of Chlamydomonas show a reduced 
PSI:PSII ratio and an apparent uncoupling of linear 
electron transport compared to WT (Formighieri 
et al., 2012). PTOX was estimated to account for 
20% of electron transport versus 2% in WT. This 
was determined by comparing measurements of 
the quantum yield of PSII under actinic illumina-
tion, with and without the addition of the PTOX 
inhibitor propylgallate. In this case, PTOX activity 
was important to reduce the excitation pressure on 
PSII.

The role of PTOX or Flv in other eukaryotes 
is currently unknown. Genes encoding PTOX 
homologues are found in most lineages of oxygenic 
photoautotrophs including cyanobacteria, plants 

and algae that evolved from secondary endosym-
biosis such as diatoms (McDonald et al., 2011). 
Genes encoding Flv homologues have been found 
in Chlorophytes, Prasinophytes and mosses. Many 
algae exhibit significant light dependent oxygen 
consumption in high light conditions (Helman et 
al., 2005; Waring et al., 2010; Weger et al., 1990), 
suggesting that AET may be an important mecha-
nism to release excess electrons in the chloroplast.

Other terminal oxidases
Lea-Smith et al. (2013) made a mutant of Syn-
echocystis without the thylakoid membrane-located 
cytochrome c oxidase (COX) and quinol oxidase 
(Cyd). These mutants were most sensitive to rapid 
fluctuations in light (square wave light/dark cycles 
or rapid on/off cycles) but tolerated sine-wave 
changes in irradiance, albeit with reduced growth 
rates. Mutants displayed greater photoinhibition, 
more oxidative stress damage products and a 
reduced ability to utilize glycogen. This suggests 
that these oxidases play an important role not only 
in the light, but also in dark metabolism.

Malate valve
The malate valve is proposed to be a significant 
mechanism for chloroplasts to dissipate excess 
electrons. NADP-malate dehydrogenase (NADP-
MDH) consumes NADPH to reduce oxaloacetate 
to malate. The malate is then exported from the 
chloroplast to the cytoplasm through a dicarbo-
xylate transporter (Scheibe, 2004), where it can 
be oxidized by a cytosolic NAD-MDH. NADP-
MDH knockout mutants of Arabidopsis show the 
importance of this pathway for maintaining redox 
balance in the chloroplast. They display reduced 
growth and accumulate more NADPH in the chlo-
roplast compared to WT in excess light (Heyno 
et al., 2014). Earlier studies found little change in 
photosynthesis and oxidative stress parameters 
in this mutant (Hebbelmann et al., 2012), which 
raised the issues of where the excess reductant 
could be shunted. Deeper investigations of metabo-
lism found increases in photorespiration capacity, 
the NTRC/2-Cys peroxiredoxin system and an 
increase in proline content, all of which could con-
sume excess reductant (Hebbelmann et al., 
2012). Increases in chlorophyll fluorescence after 
illumination also suggested that NADPH can be 
oxidized by the NADPH dehydrogenase complex 



New Players for Photoprotection and Light Acclimation | 145

of chlororespiration, reducing the PQ pool instead 
of oxaloacetate (Heyno et al. 2014). In whole, these 
results show the multiple strategies that plants have 
to consume excess reductant. It also suggests a sig-
nificant amount of electrons can flow through the 
malate valve in C3 plants. Additionally, Heyno et 
al. (2014) proposed that the malate valve plays an 
important signalling role between the chloroplast 
and mitochondria.

The transporter component of the malate valve 
has only recently been discovered. A plastidic 
2-oxoglutarate/malate transporter (AtpOMT1) 
had been previously shown to have a role in link-
ing carbon and nitrogen metabolism. Kinoshita et 
al. (2011) found that isolated chloroplasts from 
the AtpOMT1 mutant of Arabidopsis were unable 
to import oxaloacetate to be used as a substrate 
for NADP-MDH. The plants, in turn, had greater 
photoinhibition in high light. However, these data 
should not be interpreted as due to the lack of a 
malate valve alone. The lack of 2-oxoglutarate trans-
port also explains the observed decreases in amino 
acid biosynthesis and photorespiration seen in this 
mutant. It is likely that the bifunctionality of this 
transporter creates these phenotypes (see below).

Photorespiration
Ribulose-1,5-bisphosphate carboxylase/oxygenase 
(RuBisCO) can generate 2-phosphoglycolate 
(2-PG) because of its dual activity as an oxygenase 
(Bauwe et al., 2010). 2-PG inhibits several meta-
bolic reactions and needs to be detoxified through 
photorespiration. This process consumes excess 
reducing power generated by photosynthesis thus 
contributing to photoprotection (Niyogi, 2000). It 
also regenerates substrate for the Calvin–Benson–
Bassham cycle. The underlying enzymatic steps are 
well described, taking place in various cellular com-
partments: chloroplast, cytoplasm, peroxisome 
and mitochondria (Bauwe et al., 2010; Eisenhut 
et al., 2013). However, the molecular transporters 
that allow intermediates to transit from one com-
partment to another remain largely unidentified 
(Eisenhut et al., 2013, 2014).

A recent study in Arabidopsis showed that 
chloroplastic 2-oxoglutarate malate transporter 1 
(AtpDMP1) acts as both a 2-oxoglutarate/malate 
transporter and as a malate/oxaloacetate trans-
porter (Kinoshita et al., 2011), which is discussed 

further above. The plastidic glycolate glycerate 
transporter 1 (AtPLGG1) was identified in a for-
ward genetics screen and its activity is required for 
photorespiration in Arabidopsis (Pick et al., 2013).

Transporters might differ from one organism 
to another. For example, diatoms possess plastids 
that arose from a secondary endosymbiosis event 
and are surrounded by four membranes instead 
of two (Prihoda et al., 2012). Specific, undiscov-
ered transporters might thus be required to allow 
metabolite traffic between chloroplasts and cytosol 
in diatoms (Weber and Linka, 2011). Transport 
of metabolites between organelles may represent 
important control points for metabolism (Tegeder 
and Weber, 2008; Weber and Linka, 2011) and a 
full understanding on the controls of carbon flow 
out of and into the chloroplast is an essential part of 
understanding its biology.

New proteins that scavenge or 
reduce the formation of 1O2
The mechanisms described above are effective at 
reducing the excitation pressure exerted on pho-
tosynthesis in excess light, but, even so, 1O2 is still 
produced. Several carotenoid-binding, water solu-
ble proteins appear to contribute to 1O2 quenching. 
For instance, the cyanobacterial OCP acts as an 
excellent 1O2 quencher in vivo and in vitro, indepen-
dently of its photoactivation state (Sedoud et al., 
2014). Another example is in the microalga Scened-
esmus. It produces a soluble protein called AstaP 
which binds astaxanthin under stress conditions 
(Kawasaki et al., 2013). AstaP shows no sequence 
homology to OCP (discussed above). In vitro, 
AstaP quenches 1O2 but its subcellular localization 
and quencher activity in vivo remain to be assessed. 
In order to be effective 1O2 quenchers, these pro-
teins need to be located immediately next to the 
site of 1O2 generation, but outside of the thylakoid 
membranes.
Synechocystis produces several high light-inducible 
proteins (HLIPs), namely HliA-D (Komenda and 
Sobotka, 2015). HLIPs are single-helix transmem-
brane proteins that share sequence similarity with 
eukaryotic LHCs. HLIPs are proposed to play an 
important role in the early steps of PSII assembly, 
binding chlorophyll a and transporting it to its 
incorporation site on newly synthesized reaction 
centres (Knoppova et al., 2014; Komenda and 
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Sobotka, 2015). HliD was recently shown to bind 
both chlorophyll a and β-carotene in vivo (Staleva 
et al., 2015). Interestingly, transient absorption 
spectroscopy revealed that the excited states of 
the bound chlorophyll a are physically quenched 
by β-carotene in vitro, minimizing 1O2 formation. 
This mechanism probably reduces oxidative stress 
during the synthesis of the photosystems.

Sensing and responding to light 
quality
Photoreceptors allow living organisms to perceive 
light intensity and quality. They can transcription-
ally activate or repress target genes, thus driving 
metabolic changes in response to illumination 
status (Galvão and Fankhauser, 2015; Kianian-
momeni and Hallmann, 2014). New insights into 
how photosynthetic organisms sense light suggest 
that various families of photoreceptors are impor-
tant players in this process.

Phytochromes absorb light through their 
covalently bound bilins, consequently triggering 
signalling cascades involving phosphorylation or 
dephosphorylation events of response regulators. In 
plants, they primarily exist as inter-convertible red/
far-red light absorbing species. Recent advances 
include the discovery that several post-translational 
modifications, including phosphorylation and 
SUMO-ylation (small ubiquitin-like modifier), 
modulate phytochrome activity in Arabidopsis 
(Medzihradszky et al., 2013; Nito et al., 2013; Sad-
anandom et al., 2015). The potential effects on 
photoprotection and/or photoacclimation have yet 
to be assessed.

Phytochromes are also present in algae and 
cyanobacteria (Duanmu et al., 2014; Kehoe and 
Grossman, 1996), which might appear surpris-
ing because red light is strongly attenuated under 
water. However, it was recently demonstrated that 
isolated algal and cyanobacterial phytochromes 
display absorption maxima spanning the whole vis-
ible spectrum (Kehoe, 2010; Rockwell et al., 2014). 
Algal and cyanobacterial phytochromes thus con-
stitute powerful molecular tools for the perception 
of changes in light quality and quantity.

Cyanobacteriochromes (cyanobacterial 
phytochromes) have been shown to control com-
plementary chromatic adaptation (CCA). CCA is 
a molecular process where cyanobacteria modify 

the proportion of red absorbing (phycocyanin, 
PC) and/or green absorbing (phycoerythrin, PE) 
phycobiliproteins in their phycobilisomes as a 
function of light quality (Demarsac, 1977; Kehoe 
and Gutu, 2006). It adjusts the action spectrum 
of photosynthesis to incident light. The deletion 
of rcaE, encoding for a cyanobacteriochrome, led 
to intermediate PC/PE accumulation both under 
green and red illumination in Fremyella diplosiphon 
(Terauchi et al., 2004). A similar phenotype was 
observed in Nostoc punctiforme when the gene 
encoding for CcaS, another cyanobacteriochrome, 
was deleted (Hirose et al., 2010). CcaS exists as a 
red light-absorbing form (Pr) with kinase activ-
ity and a green light-absorbing one (Pg) with 
phosphatase activity, as revealed by in vitro assays 
(Hirose et al., 2008, 2010). CcaS Pr, present under 
green illumination, phosphorylates the response 
regulator CcaR that subsequently activates PE 
related genes transcription and the appropriate 
light quality adaptation.

Interestingly, CcaS homologues are found in 
many cyanobacteria that do not perform obvi-
ous chromatic adaptation, including Synechocystis 
(Hirose et al., 2008). In this species, CcaS activates 
transcription of the CpcG2 encoding gene under 
green light illumination. CpcG2-containing PBSs 
associate preferentially with PSI and might help 
maintaining a balanced excitation pressure between 
PSII and PSI (Watanabe et al., 2014).

A new kind of chromatic adaptation was 
described in the filamentous cyanobacterium 
Leptolyngbia sp. JSC-1 (Gan et al., 2014b). Upon 
far-red light illumination, cells extensively remodel 
their photosynthetic apparatus and they produce 
alternative photosystems subunits that can bind 
chlorophyll d and f. This remodelling process also 
produces alternative PBSs subunits, with red-
shifted absorbance maxima. The whole process, 
called far-red light photoacclimation (FaRLiP), 
improves the absorption and utilization of far-red 
light. It results from the transcriptional activation 
of at least two gene clusters. One of these clusters 
contains genes encoding for the cyanobacteri-
ochrome RfpA and the response regulators RfpC/
RfpB. These probably regulate FaRLiP but more 
characterization has to be done. Interestingly, 
FaRLiP might be present in strains from all sec-
tions of the cyanobacterial phylum (Gan et al., 
2014a).
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As highlighted above, cyanobacteriochromes 
have shifted absorbance maxima compared to plant 
phytochromes. They play a key role in controlling 
chromatic adaptation. Some algal phytochromes 
displays similar shifts (Rockwell et al., 2014) but 
their potential modulatory roles in photoprotec-
tion or photoacclimation responses remain largely 
uncharacterized.

Cryptochromes are photoreceptors that bind 
flavin adenine dinucleotide (FAD) as a cofactor 
and absorb blue light (Chaves et al., 2011; Galvão 
and Fankhauser, 2015). They appear closely related 
to photolyases, enzymes used for the repair of 
DNA after UV exposure, but have essentially lost 
this repair function (Chaves et al., 2011). Cryp-
tochromes modulate diverse processes such as the 
establishment of circadian rhythms or the priming 
of developmental transitions. They are present in 
plants, animals, fungi, algae and prokaryotic organ-
isms (Chaves et al., 2011).

Recent studies have shown that cryptochromes 
also regulate the expression of photosynthesis 
related genes. In the diatom Phaeodactylum tri-
cornutum, overexpression of PtCPF1 led to the 
differential expression of various LHC encoding 
genes and chlorophyll/carotenoid biosynthesis 
genes under blue light (Coesel et al., 2009). Inter-
estingly, this cryptochrome maintains some DNA 
repair activity as well.

A few more studies show the importance of 
cryptochromes in regulating the photosynthetic 
apparatus in diverse organisms. aCRY is an animal-
type cryptochrome found in Chlamydomonas that 
is capable of sensing blue, red and yellow light 
(Beel et al., 2012). aCRY mutants have reduced 
accumulation of a diverse set of transcripts 
involved in photosynthesis, such as Lhcbm6 and 
various chlorophyll and carotenoid biosynthesis 
genes (Beel et al., 2012). In the purple bacterium 
Rhodobacter sphaeroides, a cryB insertional mutant 
displayed lower accumulation of pigment binding 
proteins under blue illumination (Hendrischk et 
al., 2009). Altogether, these results indicate that 
cryptochromes can elicit changes in the photosyn-
thetic apparatus according to incident light quality. 
The underlying signalling pathways remain largely 
unknown and might partially overlap or compete 
with the phytochrome related signals.

There are other kinds of photoreceptors 
that might modulate photoacclimative or 

photoprotective processes, such as blue light 
sensing phototropins in plants and green algae or 
aureochromes in diatoms (Galvão and Fankhauser, 
2015; Kianianmomeni and Hallmann, 2014; 
Lepetit and Dietzel, 2014).

Retrograde signals from plastid 
to nucleus
Chloroplasts are responsible not only for photosyn-
thesis and the biosynthesis of many essential plant 
and algal compounds, but also for the perception of 
and acclimation to various environmental stresses 
such as high irradiance (Dietz, 2015; Neuhaus and 
Emes, 2000). The chloroplast organelle of Archae-
plastidae (including plants) is the remnant of an 
ancient endosymbiosis between a cyanobacterium 
and a heterotrophic eukaryote. Plastids of other 
algae found in the eukaryotic tree of life are the result 
of independent and different endosymbiosis where 
separate heterotrophs enslaved a phototrophic 
eukaryote (Keeling, 2013). This complex evolu-
tionary history has led to a complex coordination 
of chloroplast and extra-chloroplast metabolism. 
This is complicated by the chloroplasts’ depend-
ence on the nucleus for, on average, over 95% of 
their proteins (Barbrook et al., 2006). In plants and 
algae, this coordination is achieved by intracellular 
signalling from the chloroplast to the nucleus, so-
called retrograde signalling (Chi et al., 2013; Dietz, 
2015; Pogson et al., 2008). Recent advances in our 
understanding of retrograde signalling have led to 
an emerging appreciation of the sheer diversity of 
signals involved in triggering light acclimation.

Plastoquinone pool-dependent 
signalling
The redox state of the PQ pool, the electron 
acceptor of PSII, has historically been considered 
a major initiation point in transcriptional regula-
tion of photoacclimation. It is easily manipulated 
experimentally by adding the inhibitors DCMU 
(3-(3,4-dichlorophenyl)-1,1-dimethylurea) 
to induce an oxidized PQ pool and DBMIB 
(2,5-dibromo-3-methyl-6-isopropyl-p-benzoqui-
none) to reduce the PQ pool. The application of 
these inhibitors has been instrumental in unequivo-
cally linking the expression of petE, lhcb, and apx 
to the redox state of the PQ pool (Escoubas et al., 
1995; Fey et al., 2005). Manipulation of PQ pool 
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has demonstrated that some LHCs required for 
qE, LHCSR3 from Chlamydomonas and LHCX1 
and LHCX2 from Phaeodactylum, are induced in 
response to PQ reduction (Lepetit et al., 2013; 
Maruyama et al., 2014).

The PQ redox signal controls more than just 
genes involved directly in photosynthesis. Alter-
native splicing is a form of post-transcriptional 
regulation that involves processing a single pre-
mRNA into multiple mRNAs, which can either 
encode a different protein isoform or lead deg-
radation of mRNA through nonsense mediated 
decay (McGlincy and Smith, 2008). Petrillo et al. 
(2014) used DCMU/DBMIB to illustrate that the 
Arabidopsis nuclear serine arginine rich splicing 
factor, AtRS31, undergoes alternative splicing in 
response to a reduced PQ pool. AtRS31 belongs 
to a large family of serine arginine splicing factors 
involved in constitutive and alternative splicing 
(Reddy et al., 2013) and the mRNA encoding 
this gene was already known to be alternatively 
spliced in response to temperature stress (Palusa et 
al., 2007). Several other light-dependent splicing 
events were observed under a light/dark treatment. 
These spliced transcripts mainly encoded proteins 
involved in RNA-binding and processing as well 
as DNA binding proteins (Petrillo et al., 2014). 
Interestingly, RuBisCO activase was the only 
photosynthetic protein shown to undergo alterna-
tive splicing in response to a light/dark regime. 
Surprisingly, light-dependent AtRS31 splicing was 
observed in both leaves and roots, with roots show-
ing at least a 2-hour time delay response (Petrillo 
et al. 2014). This suggests that an uncharacterized 
signal reporting the plastoquinone pool redox 
state can be transmitted across plant tissues. These 
observations highlight the complexity and critical 
importance of alternative splicing in light response 
within the whole plant. Future studies focused on 
the impact of these splicing events on the restruc-
turing of the chloroplast proteome under different 
light regimes could reveal their overall importance 
to metabolism.

Systems-level responses to PQ manipulation, 
measured by RNAseq and proteomics focused on 
posttranslational modification, will undoubtedly 
lead to the identification of genes under the control 
of the PQ pool, and possibly even some of the tran-
scription factors that control gene expression.

Reactive oxygen species
The build-up of excitation pressure on PSII by 
the over reduction of the electron transport chain 
increases the probability of 1O2 production by 
excited chlorophyll at PSII (Krieger-Liszkay, 2005) 
and superoxide and subsequent hydrogen perox-
ide production through oxygen reduction by PSI 
(Asada, 2006). 1O2 is proposed to be the major ROS 
generated in excess light (Gonzalez-Perez et al., 
2011), but both 1O2 and H2O2 act as potent signals 
for retrograde signalling. This mediates acclima-
tion to light stress through the expression of genes 
controlling the production of ROS scavenging pig-
ments, proteins, and metabolites or by instigating 
programmed cell death (Chi et al., 2013).

New components of the excess light stress-sens-
ing pathway have been isolated from mutants that 
show unusual responses to exogenous 1O2 expo-
sure. The singlet oxygen-resistant 1 (sor1) mutant 
was isolated from a UV-mutagenized population of 
Chlamydomonas that was screened for constitutive 
tolerance to the 1O2-photosensitizer Rose Bengal 
(Fischer et al., 2012). The SOR1 gene encodes a 
putative basic leucine zipper domain transcription 
factor. In the sor1 line, a gain of function mutation 
led to constitutively higher expression of both 
SOR1 and oxidative stress response genes. Intrigu-
ingly, an 8-bp palindromic sequence element was 
enriched in many of these genes. This element was 
shown to be required for the transcriptional induc-
tion of the σ-class glutathione-S-transferase gene 
GSTS1 in response to increased levels of reactive 
electrophile species such as oxylipins (Fischer et al., 
2012). These findings implicate SOR1 in regulating 
genes associated with detoxification of 1O2-induced 
lipid peroxidation and that these genes may also 
play a part in acclimation to 1O2 (see discussion 
of oxylipins in ‘Integrating complex retrograde 
signals’).

SAK1 is another putative basic leucine zipper 
domain transcription factor involved in the 1O2 
response in Chlamydomonas (Wakao et al., 2014). 
In WT cells, the SAK1 protein is accumulated 
6- to 10-fold in the cytosol and is phosphorylated 
in response to 1O2. sak1 mutants show increased 
sensitivity to 1O2 exposure (Wakao et al., 2014). 
sak1 mutants showed a reduction in transcript 
accumulation of two important high light stress-
related proteins; glutathione peroxidase (GPX5), 



New Players for Photoprotection and Light Acclimation | 149

which responds specifically to 1O2 challenges (Led-
ford et al., 2007) and LHCSR1, which is involved 
in qE response (Truong et al. unpublished). All 
these pieces together point towards SAK1 acting as 
an intermediary in the 1O2-dependent retrograde 
signal.

Methylene blue sensitivity (MBS) is a con-
served zinc finger protein that is also required for 
singlet oxygen-dependent retrograde signalling 
(Shao et al., 2013). mbs mutants in Chlamydomonas 
and Arabidopsis are hypersensitive to photooxida-
tive stress while overexpression in plants leads to 
increased tolerance. MBS accumulates in distinct 
RNA granules in the cytosol during exposure to 
oxidative stress. Perhaps MBS affects mRNA sta-
bility, translation of a specific mRNA or another 
intermediary factor controlling 1O2 acclimation 
(Shao et al., 2013).

Brzezowski et al. (2012) isolated a GPX5 regula-
tion mutant of Chlamydomonas that had increased 
sensitivity to exogenously generated 1O2. This 
mutant was missing a paralogue of the PSBP1 
protein (PSBP2) (Brzezowski et al., 2012). PSBP1 
is involved in the water-splitting reactions of the 
oxygen-evolving complex (Ifuku et al., 2008). The 
PSPB2 peptide may be targeted to the chloroplast 
but its role in 1O2 detection or signal transduction 
remains unclear at this time.

Unlike 1O2, H2O2 generated in the chloroplast 
can diffuse to the cytosol (Mubarakshina et al., 
2010). While no responsive element has been iden-
tified in the H2O2 retrograde signalling cascade, 
H2O2 accumulation in the cytosol also appears 
to regulate excess light stress responses. Work in 
Chlamydomonas has shown that H2O2 transiently 
accumulates during the first 10 min following a 
shift from dark to high light and this accumulation 
occurs concurrently with a decrease in catalase 
activity (Michelet et al., 2013). This transient rise 
in H2O2 was shown to activate the expression of the 
nuclear encoded genes for the antioxidant enzymes 
ascorbate peroxidase (APX) and GPX, enzymes 
involved in chloroplast H2O2 defence response 
(Michelet et al., 2013).

Pigment-related metabolites 
participating in retrograde signalling
Contemporary studies of retrograde signalling have 
also highlighted the importance of ROS-dependent 

oxidative products, chlorophyll biosynthetic inter-
mediates and chloroplast metabolites as potential 
signalling molecules.

Carotenoids have received extensive study 
for their role in quenching 1O2 generated by PSII 
(Telfer, 2014). The reaction of 1O2 with β-carotene 
results in the generation of a number of volatile 
short-chain compounds, including β-cyclocitral, 
and these are accumulated in light-stressed Arabi-
dopsis (Ramel et al., 2012a). Five different 1O2 stress 
marker transcripts were up-regulated in Arabidopsis 
leaves after exposure to exogenous β-cyclocitral. 
Specific markers for H2O2 stress were not affected 
by exogenous β-cyclocitral (Ramel et al., 2012b). 
These results suggest that oxidative damage prod-
ucts derived from carotenoids can also serve as a 
retrograde signal.

Metabolic intermediates involved in tetrapyrrole 
biosynthesis exert control over the transcription of 
photosynthetic nuclear genes during dark to light 
transitions. Four classes of tetrapyrroles – chloro-
phyll, haem, sirohaem, and phytochromobilin – are 
generated in the chloroplast from a common bio-
synthetic pathway (Tanaka and Tanaka, 2007). The 
genome uncoupled 4 (GUN4) mutants have been 
instrumental for the characterization of tetrapyr-
roles in retrograde signalling. Lately, Brzezowski et 
al. (2014) proposed a modified model for the role of 
GUN4 in retrograde signalling in Chlamydomonas 
whereby it is the protein itself, and not a metabolite 
alone, that senses the accumulation of chlorophyll 
biosynthesis intermediates and mediates the singlet 
oxygen signal to the retrograde pathway.

Haem has also been shown to be a retrograde 
signal in Chlamydomonas and Arabidopsis (von 
Gromoff et al., 2008; Woodson et al., 2011). Haem 
can be converted to linear bilins through the action 
of two enzymes, a haem oxygenase (HMOX1) and 
a ferredoxin-dependent bilin reductase (PCYA). 
These bilins are then integrated into phytochromes 
in plants (Quail, 2007). Phytochromes are absent 
in Chlamydomonas, but the production of bilins 
occurs nonetheless. They are required for efficient 
growth in the light and are proposed to be a retro-
grade signal (Duanmu et al., 2013) A multifactor 
RNAseq experiment found a set of genes that 
were induced during a dark to light shift were 
also repressed by exogenously added bilins. These 
included high light stress response genes such as 
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LHCSR1, PSBS1, ELI3, GPX, HSP70 and others 
(Duanmu et al., 2013). Bilins clearly play some role 
in dampening the excess light response, but it is not 
clear how.

Other chloroplast metabolites 
involved in retrograde signalling
Finally, recent studies have suggested a series of 
unexpected chloroplastic metabolites may also 
serve as signals for retrograde gene regulation in the 
nucleus. The first is dihydroxyacetone phosphate 
(DHAP), an intermediate of the Calvin–Benson–
Bassham cycle that is exported to the cytosol by the 
triose phosphate/phosphate translocators. Vogel 
et al. (2014) proposed a model where mitogen-
activated protein kinase 6 is activated by the 
exported DHAP in excess light. Within 10–45 min, 
the kinase influences the transcription of high light 
stress acclimation Apetala2/ethylene response 
factors (Dietz et al., 2010; Lata and Prasad, 2011; 
Vogel et al., 2014).

The second signal appears to be an isoprenoid 
precursor (MEcPP, methylerythritol cyclodiphos-
phate) produced in the chloroplast. This, and other 
isoprenoids, accumulate in leaves during light and 
heat stress (Xiao et al., 2012). A ceh1 mutant that 
accumulates MEcPP along with pharmacologi-
cal manipulations of MEcPP levels convincingly 
demonstrated that the molecule increases nuclear 
transciption of a high light stress reponse gene 
encoding a plastid localized hydroperoxide lyase. 
Interstingly, MEcPP did not affect any of the gun 
responsive genes, indicating independent signalling 
pathways (Xiao et al., 2012).

Finally, the nucleotide precursor metabolite, 
3′-phosphoadenosine 5′-phosphate (PAP), regu-
lates retrograde signalling in high light and drought 
stress through the likely inhibition of a nuclear 
5′ to 3′ exoribonuclease (XRNs, Estavillo et al., 
2011). PAP is produced by sulfation reactions in 
the chloroplast and high light induces a 20-fold 
accumulation of PAP, which can move out of the 
chloroplast (Estavillo et al., 2011). This accumula-
tion correlated with the increased expression of 
the high light responsive gene ELIP2 and drought 
tolerance. PAP in yeast is known to inhibit XRNs 
(Dichtl et al., 1997) and Estavillo et al. (2011) 
showed that mutants lacking XRNs showed similar 
nuclear gene expression to mutants with altered 
PAP levels. Clearly, these three examples, along 

with the examples provided above, reveal an incred-
ible complexity in the signals that influence light 
acclimation state.

Calcium
Calcium is an essential nutrient that plays structural 
roles in photosynthetic proteins and cell walls as 
well as signalling functions in both development 
and environmental stress response (Gilroy et al., 
2014; Hochmal et al., 2015). Calcium binding 
proteins like calmodulin are important actors in the 
calcium-dependent signalling cascades involved in 
activating transcriptional regulation. Recent work 
in Chlamydomonas on the chloroplast localized, 
calcium sensor CAS demonstrated that both CAS 
and Ca2+ are involved in the nuclear regulation of 
LHCSR3 during acclimation to high light (Petrout-
sos et al., 2011). CAS-RNAi knockdown lines 
displayed reduced LHCSR3 protein accumulation, 
which was rescued by a 10-fold increase in Ca2+ 
concentration. This together with the repression of 
LHCSR3 protein accumulation and gene expres-
sion by calmodulin inhibitors indicates that Ca2+ 
play a central role in the light-dependent retrograde 
regulation of LHCSR3 (Maruyama et al., 2014). 
The role of this possible retrograde signalling path-
way in other photoacclimation responses remains 
uncharacterized.

Integrating complex retrograde 
signals
Efficient high light acclimation requires a range of 
temporally separated responses that occur across 
multiple signalling pathways (Dietz, 2015). Sys-
tems wide characterization of retrograde signals 
responding to high light stress observed some of 
the metabolites described above in addition to 
the oxylipins oxophytodeinoic acid and jasmonic 
acid, and redox cues as critical components in 
light-dependent retrograde signalling (Alsharafa et 
al., 2014; Oelze et al., 2012). Their accumulation 
and effects are temporally separated. The overlap 
of these retrograde signalling pathways agrees with 
the ‘cross tolerance hypothesis’ where multiple 
retrograde signals lead to synergistic co-activation 
of non-specific and specific stress responsive path-
ways enabling tolerance to both biotic and abiotic 
stresses (Bartoli et al., 2013). This hypothesis is 
supported by a meta-analysis of retrograde signal-
ling research on Arabidopsis that found a core 
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response module consisting of 36 transcripts 
(Gläßer et al., 2014). This core module consists of 
a variety of pathways including genes involved in 
transcriptional regulation, biotic defence response, 
cell wall establishment and cell wall synthesis. 
There was a distinct lack of chloroplast generated 
signals in regulating general plant physiology. Con-
trary to the findings of Alsharafa et al. (2014), this 
analysis found that auxin-based signalling, and not 
oxylipins, is the key secondary component integrat-
ing plastidial signals in the response cascade. This 
contradiction highlights the complexity of deter-
mining the specific signalling mechanisms involved 
in high light acclimation.

Conclusions
Photoprotection and light acclimation respond to 
excess light stress over a wide variety of time scales. 
This is fitting for a resource whose supply can vary 
by orders of magnitude within seconds or be slowly 
modulated on and off over a day. The staggeringly 
complex physiological coordination of photopro-
tection strategies while maintaining efficient carbon 
fixation represents one of biology’s most complex 
problems. Many of the new players mentioned in 
this review play a role in regulating this complex-
ity and we are only just beginning to understand 
how the system is coordinated by post-translational 
changes within the thylakoids, chloroplast or whole 
cell. Our recent advances in understanding how 
chloroplast biology controls genetic regulation in 
the nucleus suggests that a vast number of signals 
communicate light, energetic status and stress.

Future prospects
While assembling our ideas for this chapter, one 
thing became abundantly clear: we know very 
little about the mechanisms associated with low 
light acclimation and how photoprotective and 
light acclimation strategies behave in natural light 
systems. There is a clear physiological and genetic 
regulation of photosynthesis associated with grow-
ing in these environments (Demmig-Adams et al., 
2012). We will need to think ‘out of the chloroplast’ 
and consider how the ecophysiology of an entire 
organism influences the essential, but integrated, 
metabolism of the cell (see also Demmig-Adams et 
al., 2014).

However, there are still obviously more impor-
tant players waiting to be discovered. Forward and 
reverse genetic screens in single-shift experiments 
will continue to reveal new regulators of metabo-
lism, increasing our catalogue of alternate energy 
dissipation pathways and the transcriptional and 
post-translational factors that regulate them. We 
believe that systems-based inquiries into whole 
organism responses to light will provide unex-
pected insights into photosynthetic metabolism in 
changing light. An excellent example of this is the 
recent work investigating the systems response of 
Chlamydomonas during a low light to moderate light 
shift (Mettler et al., 2014). They found short-term 
(< 0.5 h) changes in catabolic metabolism fuelled 
increased growth, independent of photosyn-
thetic rate. Importantly, many proteins associated 
with photosynthesis changed independently of 
transcript abundance and post-translational modi-
fications likely played a strong role in metabolism 
changes. Applying this same approach to some of 
the mutants described in this chapter and the meta-
analyses of these data will draw us closer to a full 
understanding of the regulation of light harvesting 
in a variable light environment.
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7Photoinhibition and the Damage Repair 
Cycle of Photosystem II
Yasusi Yamamoto and Miho Yoshioka-Nishimura

Abstract
Excessive illumination of photosystem II in 
oxygenic photosynthetic organisms, such as 
cyanobacteria, algae and higher plants, causes 
photoinhibition and blocks electron transport in 
photosystem II. In this event, the reaction centre 
D1 protein is damaged primarily by reactive oxygen 
species or other endogenous radicals produced by 
the photochemical reaction, and degradation and/
or irreversible aggregation of the damaged proteins 
occur subsequently. When the D1 protein is photo-
damaged under moderate high light or weak light, 
the damaged protein is proteolysed and replaced 
by a newly synthesized copy. The photoinhibition 
under these conditions is reversible and photo-
system II activity recovers rapidly in the dark. In 
contrast, irreversible aggregation of the D1 protein, 
which is caused by excessive illumination, prevents 
proper D1 turnover. Once the aggregated products 
accumulate in photosystem II complexes their 
removal by proteases is hampered. The photoinhibi-
tion observed under these conditions is irreversible. 
In higher plant chloroplasts, illumination with high 
light leads to dynamic changes in the structure of 
the thylakoids at the molecular and membrane 
levels. It has become clear recently that these struc-
tural changes are necessary so that photosystem II 
can endure the effects of light stress effectively.

Introduction: response of 
photosystem II to excessive 
light
Light intensity from the sun is dependent on the 
time of day and weather conditions. Light condi-
tions also vary over a longer period because of 
seasonal fluctuations. To capture light energy 
efficiently under fluctuating light conditions 

photosynthesizing cells that move freely in water 
change their location, whereas terrestrial plants 
reorient their leaves or grow in a light-dependent 
direction. Conversely, when these cells or leaves 
receive excessive light from the sun, they either 
avoid or tolerate the light stress using both 
short and long term strategies. These protective 
mechanisms work even at the level of the thylakoid 
membranes (Fig. 7.1). Under the conditions where 
light intensity is excessive but not extremely high 
photosystem II (PSII) complexes and the light-
harvesting complexes of PSII (LHCII), which are 
usually associated with each other, dissociate and 
change their location and/or orientation in the 
thylakoid membranes to avoid light stress (Goral et 
al., 2010; Herbstova et al., 2012; Yamamoto et al., 
2014). During excessive illumination local mem-
brane fluidity may increase in the grana where the 
PSII–LHCII supercomplex is abundant. Aggrega-
tion of LHCII is a well-known phenomenon and 
it is a reversible process related to efficient dissipa-
tion of excessive excitation energy captured in the 
PSII–LHCII supercomplexes as heat (Horton et 
al., 1991; Niyogi, 1999). This mechanism has been 
conventionally monitored using a pulse amplitude 
modulation (PAM) fluorometer (Walz, Germany) 
(Schreiber et al., 1986) as the energy-dependent 
quenching (qE) in the non-photochemical quench-
ing of chlorophyll fluorescence (NPQ) (Horton et 
al., 1996; Niyogi, 1999). In this step, the so-called 
xanthophyll cycle is activated through de-epoxi-
dation of xanthophyll pigments (Demmig-Adams, 
1990; Yamamoto et al., 1972). A PsbS protein in 
land plants (Li et al., 2000) and a LHCSR in green 
algae (Peers et al., 2009), which are both members 
of the LHC gene family, sense the luminal pH and 
may induce specific aggregated forms of LHCII 
through protonation of the sensor proteins.
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Photoinhibition of PSII takes place when the 
light intensity increases further and avoidance of 
the light stress becomes difficult (Kyle et al., 1984; 
Powles, 1984), and then the tolerance mechanism 
activates. A typical way to tolerate the light stress 
is preferential damage to and specific degradation 
of the reaction centre D1 protein (Aro et al., 1993; 
Barber and Andersson, 1992; Mattoo et al., 1981; 
Ohad et al., 1984). The PSII–LHCII supercom-
plexes are disorganized and the photodamaged D1 
protein is quickly replaced by a newly synthesized 
copy in PSII. Thus, the photoinhibition is revers-
ible and is referred to as ‘reversible photoinhibition’ 
herein. The mechanism of damage to the D1 pro-
tein under light stress has been studied extensively 
at the molecular level (Aro et al., 1993; Barber and 
Andersson, 1992; Yamamoto et al., 2008). Through 
reversible photoinhibition a dynamic change in 
the distribution and orientation of PSII–LHCII 
supercomplexes and of the components related 
to the repair of the photodamaged PSII occurs on 
the thylakoids (Goral et al., 2010; Herbstova et al., 
2012; Hind et al., 2014; Yoshioka-Nishimura et al., 
2014). Changes in the structure of the thylakoids 
at a larger scale, such as stacking/unstacking and 
shrinkage/swelling of the thylakoids, are also pos-
tulated (Herbstova et al., 2012; Yamamoto et al., 
2013; Yoshioka-Nishimura et al., 2014). Phospho-
rylation of PSII was shown to regulate the stacking 

and unstacking of the thylakoids in Arabidopsis 
(Fristedt et al., 2009).

Extremely high light intensity under physiologi-
cal temperatures causes irreversible aggregation of 
the damaged D1 protein and neighbouring proteins 
(Ishikawa et al., 1999; Yamamoto et al., 2008). The 
protein aggregates prevent smooth movement of 
the proteins and lipids on the thylakoid membrane. 
Since membrane fluidity and protein movement 
are essential for maintaining homeostasis of PSII, 
accumulation of these protein aggregates induces 
photoinhibition of PSII that cannot be repaired 
by the conventional repair system (Yamamoto 
et al., 2013). Hereafter, this kind of photoinhibi-
tion is referred to as ‘irreversible photoinhibition’. 
Irreversible photoinhibition may eventually cause 
dysfunction of chloroplasts and cell death. Here, we 
describe in detail the various tolerating responses 
of PSII and the thylakoid membranes against high 
light exposure.

Mechanism of photodamage to 
PSII

Acceptor-side photoinhibition
Photoreaction under excessive illumination of PSII 
induces several different events in PSII, which are 
dependent on the ambient temperature. Under 

Figure 7.1 Light response curve for PSII activity and the events that occur when the thylakoids are not exposed 
to or avoid and tolerate light stress. Under low light, PSII activity increases with increasing light intensity. PSII 
activity gradually decreases and reaches a plateau when the light intensity increases further. Chloroplasts first 
try to avoid the light stress by dissipating the excessive light energy as heat (qE of NPQ). However, when the 
light intensity increases, photoinhibition of PSII is apparent. Irreversible aggregation of PSII proteins occurs 
under severe light stress conditions.
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physiologically normal temperatures, exces-
sive illumination may induce over-reduction of 
the acceptor side of PSII and thereby two non-
physiological electron transport pathways become 
prominent. One pathway is the consecutive one-
electron reduction of oxygen by the over-reduced 
electron acceptors of PSII. This reaction leads to 
the formation of superoxide anion radicals (O2

•-). 
Many components at the acceptor side of PSII can 
donate an electron to molecular oxygen, including 
the reduced primary electron acceptor pheophytin 
(Pheo-), the reduced plastoquinone acceptor QA

-, 
plastosemiquinone and plastoquinol, and even 
reduced cytochrome b559 (Pospisil, 2009). The 
other pathway is reversed electron flow from Pheo- 
to the oxidized primary electron donor P680+ and 
through this charge recombination process ground-
state chlorophylls are excited to semi-stable triplet 
state chlorophylls, which in turn react with molecu-
lar oxygen, forming singlet oxygen (1O2) molecules 
(Telfer, 2014). Extensive studies carried out over 
decades indicate that 1O2 produced becomes the 
major cause of the acceptor-side photoinhibition 
(Barber and Andersson, 1992).

The 1O2 molecules produced here have short 
lives, indicating that they react immediately at 
the site of production, namely with the reaction 
centre proteins. The D1 protein is very vulnerable 
to light stress. The D2 protein has been reported 
to be occasionally photodamaged as well, but it is 
more stable than D1 ( Jansen et al., 1999). The site 
of photodamage to the D1 protein is probably on 
the stroma-exposed DE-loop that connects the 
membrane spanning helices D and E (Aro et al., 
1993; Barber and Andersson, 1992). The acceptor 
side photoinhibition of PSII has been well studied 
in vitro using isolated PSII membranes and PSII 
complexes (Yamamoto et al., 2008), but the con-
tribution of this photoinhibition mechanism in vivo 
under natural light conditions is not completely 
resolved and requires further investigation.

Donor-side photoinhibition
Endogenous cationic radicals are produced at the 
donor-side of PSII by illumination at unusually 
high or low temperature conditions or under other 
anomalous conditions such as Cl depletion or 
bicarbonate depletion (Klimov et al., 1997), and 
these radicals may also contribute to the photoda-
mage of the D1 protein. Under these conditions, 

oxygen-evolving activity of PSII is impaired and 
electrons are not efficiently transferred from 
the Mn4O5Ca complex to the oxidized primary 
electron donor P680+. This leads to stabilization 
of P680+ and the oxidized form of the secondary 
electron donor Tyr Z, and they may oxidatively 
damage the donor side of PSII. For donor-side pho-
toinhibition strong light is not necessary and weak 
illumination is sufficient because the quantum 
efficiency of photoinhibition is high. The site of the 
donor-side photoinhibition is proposed to be the 
lumen-exposed loops of the D1 protein connecting 
the membrane-spanning helices (Aro et al., 1993; 
Barber and Andersson, 1992).

Malfunction of the oxygen-evolving process of 
PSII under various stress conditions also induces 
various ROS (Pospisil, 2009). These ROS may 
react immediately with the neighbouring proteins 
at the donor-side of PSII and inevitably damage 
them. Like the acceptor-side photoinhibition, 
the donor-side photoinhibition has been studied 
extensively in vitro (Blubaugh and Cheniae, 1990; 
Klimov et al., 1990; Yamamoto et al., 2008), but 
how much the donor-side photoinhibition mecha-
nism contributes to photoinhibition under natural 
conditions remains unclear. Weak light-induced 
photoinhibition at higher temperature (35-40°C) 
in spinach leaves is one of the rare examples show-
ing donor-side photoinhibition in vivo (Ohira et al., 
2005).

Other mechanisms of photoinhibition
Besides the two mechanisms of photoinhibition 
of PSII described above, other mechanisms of 
photoinhibition have been proposed. Absorption 
of visible light at the Mn cluster in the oxygen-
evolving complex of PSII is suggested to inactivate 
PSII. Comparison between the action spectrum of 
photoinhibition and the absorption spectrum of 
PSII components lends support for this concept 
(Hakala et al., 2005; Ohnishi et al., 2005). As Mn 
compounds show absorbance in the visible and 
UV regions, Mn may contribute to photoinhibi-
tion under visible light. However, the details of 
the possible involvement of the Mn cluster in pho-
toinhibition are still under debate. Another group 
suggested participation of singlet oxygen produced 
by cytochrome b6 f in photoinhibition (Suh et al., 
2000).
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Disassembly of the PSII 
complexes in reversible 
photoinhibition
To remove the photodamaged D1 protein from the 
PSII complex, a coordinated and regulated disas-
sembly of the PSII complex is essential (Fig. 7.2). 
Initially, PSII–LHCII supercomplexes disassemble, 
where the central PSII dimers and the surrounding 
LHCII timers and minor LHCs dissociate. The 
PSII dimers containing the photodamaged D1 

protein then dissociate. Earlier biochemical analy-
ses showed that CP43 is the first component to be 
released from the PSII complex containing the pho-
todamaged D1 protein (Aro et al., 2005; Barbato et 
al., 1992). In the cyanobacterium Synechocystis sp. 
PCC6803, Psb27 assembly factor was shown to 
bind and stabilize unassembled CP43 during dis-
assemble process of PSII complexes by high light. 
PsbK may also form a complex with CP43. CP43 is 
one of the several phosphoproteins in the core part 

Sequence of events in the damage-repair cycle of PSII in higher 
plant chloroplasts (1)

Light stress

Phosphorylation of the PSII core subunit
Photodamage to the D1 protein

Disassembly of the PSII-LHCII super complex 

Monomerization of the PSII dimer

Dislocation of the damaged D1 protein from the PSII complex 

Dephosphorylation of the D1 protein

Degradation of the D1 protein by FtsH and Deg proteases

Figure 7.2 Flow of events occurring in the damage-repair cycle of PSII under light stress. Because the light 
stress on PSII is moderate, photoinhibition is reversible and the photodamaged D1 protein is removed from the 
PSII complex and replaced by a newly synthesized copy.

Sequence of events in the damage-repair cycle of PSII in higher 
plant chloroplasts (2)

Singlet oxygen-stimulated gene expression of PsbA gene

De novo synthesis of the D1 protein

Insertion of the new D1 copy into the PSII complex

Reassembly of the PSII dimer

Reassembly of the PSII-LHCII super complex
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of PSII. Other phosphoproteins in the PSII core 
include the D1 protein, D2 protein, the PsbH subu-
nit and the TSP9 protein (Bennett, 1980; Vener, 
2007). PSII core proteins are strongly phosphoryl-
ated under high light conditions (Rintamaki et al., 
1996). The PSII core proteins are phosphorylated 
mainly by STN8 kinase (Bonardi et al., 2005); 
although, the STN7 kinase also shows minor activ-
ity (Vainonen et al., 2005). The use of stn7 and 8 
mutants has enabled a clear relationship between 
protein phosphorylation and disorganization of the 
PSII complex to be established (Tikkanen and Aro, 
2012). Phosphorylation of the core part of the PSII 
complex under excessive illumination was shown 
to help disassembly of the damaged PSII complex 
(Fristedt and Vener, 2011; Tikkanen et al., 2008). 
After CP43 is removed from the PSII complex, 
the damaged and phosphorylated D1 protein is 
dislocated and moved to the membrane area to be 
dephosphorylated by a phosphatase(s) and then 
digested by a protease(s). Phosphatases involved in 
these steps have been identified (Samol et al., 2012; 
Sirpio et al., 2008; Vener et al., 1999).

Degradation of the D1 protein in 
reversible photoinhibition
Accumulation of photodamaged proteins in PSII 
complexes is a potential hazard to PSII, and the 
damaged D1 protein is removed promptly by 
degradation with the aid of specific proteases. How-
ever, before proteases can break down the damaged 
D1 protein, the photodamaged D1-containing 
PSII complexes must disassemble and through this 
process the damaged D1 proteins are released from 
the PSII complexes as described above. Several 
proteases are considered to target damaged D1 pro-
tein and currently the likely two candidates are the 
ATP-dependent zinc-metalloprotease FtsH (fila-
mentation temperature-sensitive H) (Komenda et 
al., 2006; Silva et al., 2003) and an ATP-independ-
ent serine protease Deg (degradation of periplasmic 
proteins) (Itzhaki et al., 1998; Kapri-Pardes et al., 
2007; Kato et al., 2012; Sun et al., 2007). FtsH is 
a thylakoid membrane-bound processive endo-
peptidase and Deg is a thylakoid lumen-localized 
endopeptidase (actually in the four Deg proteases 
present in Arabidopsis chloroplast, Deg1, 5 and 8 are 
located in the lumen, whereas Deg2 is attached to 

the stroma side of the thylakoids). The D1 proteins 
that are damaged by ROS or endogenous cationic 
radicals are recognized by either of the two pro-
teases, with recognition likely to be defined by the 
location of the site, namely the donor side (luminal 
side) or the acceptor side (stromal side) of the D1 
protein. The proteases cleave the damaged protein 
into primary fragments (Yoshioka-Nishimura and 
Yamamoto, 2014). These primary fragments are 
further digested to smaller fragments and these 
fragments are subsequently broken down to amino 
acids. The details of the actions of these proteases 
are currently under debate.

There remains disparity about where the deg-
radation of the photodamaged D1 protein occurs 
in the thylakoid membranes. The degradation is 
believed to occur at the stroma thylakoids where the 
thylakoids are not stacked and membrane-bound 
oligomeric protease complexes can access the 
damaged proteins easily from the stroma-exposed 
thylakoids to the grana where PSII complexes 
are abundant. For this postulate, PSII complexes 
retaining the photodamaged D1 must move from 
the grana core to the stroma thylakoids even though 
the grana are crowded with PSII complexes and 
other proteins. In a recent study, however, it was 
shown that the grana margins and also the grana 
end membranes are the actual sites of D1 degrada-
tion (Yoshioka et al., 2010). In this case, the PSII 
complexes containing the damaged D1 proteins 
do not need to move a long distance through the 
grana to reach the degradation sites. When degra-
dation of the D1 protein occurs at the luminal side 
of the protein by lumen-localized Deg proteases, 
the grana stack will not be impeded in accessing 
the damaged PSII complexes; although, extrinsic 
proteins such as PsbO, P and Q shield the D1 pro-
tein from being directly accessible to the proteases 
and this may limit access of the lumen proteases to 
the damaged D1 protein. In such a case, release of 
these extrinsic proteins from PSII is necessary for 
dislocation of the damaged D1 protein and sub-
sequent degradation of the protein (Henmi et al., 
2004). More recently, macromolecular crowding in 
the lumen of stacked grana has been specified with 
concrete evidence, and it is strongly suggested that 
light-induced increase in size of the lumen is neces-
sary for the access of the luminal proteases to the 
damaged proteins.
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De novo synthesis and insertion 
of the D1 protein to the D1-
depleted PSII complex and 
reassembly of the PSII complex
After degradation of the D1 protein, a new 
copy of the D1 protein is synthesized on the 
thylakoid-bound ribosomes (Baena-Gonzalez and 
Aro, 2002). It is not clear what the signal is that 
induces the expression of the psbA gene encod-
ing the D1 protein. The 1O2 and the other ROS 
produced by strong light are good candidates for 
the signals (Fischer et al., 2013; Krieger-Liszkay 
et al., 2008; Laloi et al., 2007). Upon initiation 
of translation of the D1 protein, the elongating 
polypeptide chain is directly inserted into the 
thylakoid membrane and associates with the 
PSII core. The elongation step of the D1 protein 
translation has been suggested to be susceptible to 
ROS and that this inhibition of the repair of the 
D1 protein is responsible for photoinhibition of 
PSII (Nishiyama et al., 2004).

Formation of the multisubunit PSII complex 
usually starts with accumulation of the D2 protein, 
followed by incorporation of the D1 protein and 
then antenna chlorophyll-binding protein CP47 
associates to form the core of the PSII complex 
(Baena-Gonzalez and Aro, 2002; Komenda et 
al., 2004). The α-subunit of cytochrome b559 
also appears at a relatively early stage of PSII 
assembly (Hashimoto A, 1993; Morais et al., 
1998). Considering all these facts, intactness of 
the D2 protein and other core subunits during 
photoinhibition is important for reassembly of 
PSII complexes. As already described, CP43 is 
removed first with some association factors when 
the PSII complex disassembles under light stress, 
and the converse may be true when the PSII 
complex is organized: CP43 is the last protein to 
complete the formation of the core part of PSII 
in the reassembly process. Extrinsic proteins of 
PSII are partly located in the pool in the thyla-
koid lumen as stable free forms (Hashimoto et al., 
1996) and they bind to the PSII core at specific 
times points in the assembly process (Hashimoto, 
1993; Hashimoto et al., 1997). This elaborate 
turnover process of the D1 protein ensures that 
PSII activity is quickly restored after its impair-
ment by photoinhibition.

Aggregation of the D1 protein 
and neighbouring proteins in 
PSII irreversible photoinhibition
By contrast to the reversible process observed in 
PSII under moderate light stress described above, 
the aggregation of the D1 protein with nearby poly-
peptides in the PSII complexes under extreme high 
light creates a situation that is more prohibitive to 
PSII activity. The aggregation corresponds to cova-
lent cross-linking between the photodamaged D1 
protein and the neighbouring polypeptides, includ-
ing the D2 protein, CP43 and the α-subunit of 
cytochrome b559 (Yamamoto et al., 2008). This pro-
tein aggregate was identified by SDS/urea-PAGE 
and Western blot analysis with specific antibodies, 
but there is the possibility that aggregation is not 
limited to these polypeptides. A broader spectrum 
of irreversible protein aggregates may be involved 
in photoinhibition. Since the protein aggregates are 
not removed readily by proteases, the formation of 
aggregates is fatal to the activity of PSII.

Dynamic changes to the 
thylakoids under light stress
A photodamaged D1 protein must be removed 
immediately from the PSII complex, otherwise 
damaged proteins accumulate and inhibit the repair 
cycle of PSII. The proteins involved in the PSII 
repair, including specific proteases, should there-
fore move freely between the grana core and the 
stroma thylakoids when the thylakoids are irradi-
ated with excessive light. In the degradation of the 
damaged D1 protein by FtsH protease, extrusion 
of the hydrophilic part of FtsH may limit its move-
ment from the stroma thylakoids to the grana. FtsH 
protease is anchored to the thylakoid membrane 
and has a large hydrophilic domain at the C-ter-
minus, which is 6.5 nm in height and is exposed 
to the stroma. Since the width of the stromal gap 
between the two adjacent grana membranes is only 
~3.5 nm (Daum et al., 2010; Kirchhoff et al., 2011), 
the FtsH protease is thought to be excluded from 
the grana thylakoids. To answer the question how 
the FtsH protease gains access to the damaged D1 
protein in the grana core, a relationship between 
structural changes to the thylakoid membranes and 
movement of the FtsH protease has been studied 
recently. Estimation of the contents of the grana 
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by digitonin treatment of spinach thylakoids and 
subsequent centrifugation (Chow et al., 1980) 
revealed that grana stacking decreases irrevers-
ibly under strong light (Khatoon et al., 2009). In 
accordance with this observation, transmission 
electron microscopy (TEM) showed dynamic 
structural changes to the thylakoids following 
intense illumination of spinach leaves (Yoshioka-
Nishimura et al., 2014). Thylakoid membranes 
bent outward at both ends of the grana and the gap 
between the grana margins widened. Distribution 
of FtsH proteases in the thylakoid membranes was 
assayed with immunoelectron microscopy before 
and after strong illumination for 30 min, and the 
FtsH proteases labelled with gold particles were 
observed in the stroma thylakoids and the grana 
margins in the dark, whereas subsequent strong 
illumination increased immunogold in the grana 
stacks. Degradation of the D1 protein occurred in 
parallel. The conclusion drawn from these results 
was that under light stress the FtsH protease can 
migrate to the grana and degrade damaged D1 pro-
teins in the grana with the aid of structural changes 
to the thylakoids, in particular in the grana margins. 
Recently, 3D tomography has revealed that when 
spinach thylakoid membranes are exposed to strong 
light for an hour, the stacked grana loosen not only 
at the grana margins but also throughout the entire 
thylakoid membranes (Yoshioka-Nishimura et al., 
2014). The unstacking of the thylakoids should 
facilitate free migration of proteins in the thylakoid 
membranes. Thus, the unstacking of the thylakoid 
membranes is initiated from the grana margins and 
the whole thylakoid membranes might unstack 
eventually.

Conclusions
Excessive illumination of photosystem II (PSII) 
in oxygenic photosynthetic organism causes 
photoinhibition and blocks electron transport in 
PSII. During these processes, the reaction centre 
D1 protein of PSII is photodamaged by reactive 
oxygen species or other radicals produced by the 
photochemical reaction of PSII. This photodamage 
leads to degradation and/or irreversible aggrega-
tion of the damaged proteins, and the extent and 
type of damage is dependent on the intensity of the 
light. Under moderate photoinhibitory conditions 

or weak light, the damaged protein is proteolysed 
and replaced by a newly synthesized copy. Through 
this turnover of the D1 protein, PSII activity recov-
ers rapidly in the dark. In contrast, irreversible 
aggregation of the D1 protein, which is caused by 
strong excessive illumination, prevents proper D1 
turnover. Aggregation of the D1 protein with neigh-
bouring proteins in PSII creates protein aggregates 
that accumulate in PSII complexes and are not 
eliminated readily by proteases. The photoinhibi-
tion observed under such a condition becomes 
irreversible. When the ambient temperature is 
higher than physiological temperatures, this irre-
versible photoinhibition occurs easily even under 
weak illumination. Accompanying these revers-
ible and irreversible photoinhibition processes are 
dynamic changes to the thylakoids. They occur 
both at the molecular and membrane levels. It has 
become clear recently that these structural changes 
to the thylakoids are necessary for PSII to endure 
light stress effectively. All these processes take place 
in the thylakoid membranes to maintain optimal 
activity of the PSII under light stress.

Future trends
Repair of photodamaged PSII is a dynamic process 
that includes dissociation and reorganization of 
PSII complexes, and is highly dependent on the 
mobility of many proteins and protein complexes 
as well as lipids in the thylakoid membranes. Future 
research in this field will focus on elucidating 
various changes in the molecular arrangement of 
PSII–LHCII protein complexes and movement of 
other components essential for the repair process 
under light stress. Visualization of the process is 
probably most important to realize the dynamism 
of the thylakoid membranes and many sophis-
ticated methods and current technology will be 
applied for this purpose.
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Abstract
Plastoglobules (PG) are lipid droplets that are 
structurally and functionally associated with the 
thylakoid membranes of chloroplasts. PG thus 
effectively form a thylakoid membrane micro-
domain. The thylakoid membranes provide the 
environment for the photosynthetic light reactions. 
The thylakoid membranes in majority consist of 
bilayer forming galactolipids and also harbour 
neutral lipids, including carotenoids, chlorophylls, 
prenylquinones (plastoquinone, phylloquinone, 
tocopherols), and others. The neutral lipids partici-
pate directly in the photosynthetic light reactions, 
act as anti-oxidants or are metabolic products, 
respectively. The biosynthesis, abundance, redox 
state and other parameters of these compounds are 
tightly controlled. PG store these compounds but 
also actively participate in their metabolism. PG 
thereby contribute to continuous remodelling of 
the thylakoid membrane. This depends on the pres-
ence of an assortment of enzymes and regulatory 
kinases at PG that are involved in a wide range of 
processes affecting thylakoid membrane composi-
tion. Here, we review the current state of the PG 
field.

Discovery of PG

Ultrastructure of the chloroplast 
reveals osmiophilic bodies, the 
plastoglobules
In the middle of the twentieth century, electron 
microscopy gave scientists a new tool to visualize 
plant subcellular organization. Soon, scientists 
began to describe the details of chloroplast ultra-
structure in different photosynthetic organisms 

(Cohen and Bowler, 1953; Wolken and Palade, 
1952). Among the discoveries were spherical par-
ticles that are ubiquitous in plastids. Owing to the 
presence of unsaturated lipids they were intensely 
contrasted by osmium tetroxide and therefore ini-
tially termed osmiophilic globules (Greenwood et 
al., 1963). Their diameter varied from 10 to 500 nm 
depending on the plastid origin and developmen-
tal state (Greenwood et al., 1963; Lichtenthaler, 
1968). The globules consist of a polar membrane 
lipid monolayer on the outside and neutral lipids 
on the inside (Hansmann and Sitte, 1982). In addi-
tion, proteins coat the surface of globules (Kessler 
et al., 1999; Pozueta-Romero et al., 1997). There-
fore, structurally, the osmiophilic globules, now 
termed plastoglobules (PG), were categorized as 
lipoprotein particles or lipid droplets. Typical for 
lipid droplets, the lipid to protein ratio of PG is high 
resulting in a very low buoyant density. Due to their 
identification as lipid storing particles, the compo-
sition of the isolated PG became a topic of interest.

Plastoglobule lipid composition
In order to determine lipid composition, plasto-
globules needed to be isolated. Taking advantage of 
their low density, plastoglobules could easily be iso-
lated and separated from the denser envelope and 
thylakoid membranes by floatation centrifugation 
using sucrose density gradients. Lipid composition 
of isolated PG was then analysed by thin-layer chro-
matography. First studies of the lipid composition 
of plastoglobules revealed the presence of triacyl-
glycerol (TAG), plastoquinone/-ol, α-tocopherol 
(vitamin E), galactolipids, but chlorophyll was 
notably absent (Bailey and Whyborn, 1963; Green-
wood et al., 1963). Follow up investigations of the 
PG lipid composition largely confirmed the earlier 
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results while adding some new compounds such as 
phylloquinone (vitamin K1) (Lichtenthaler, 1966; 
Lichtenthaler and Peveling, 1967; Lichtenthaler 
and Sprey, 1966). Recently, fatty acid phytyl esters 
(FAPE) were added to the PG lipid list (Gaude et 
al., 2007) (Table 8.1). Triacylglycerol was found 
to be the major lipid constituent of chloroplast 
PG, whereas carotenoids and their esters were the 
most abundant in chromoplast PG (Hansmann and 
Sitte, 1982; Lichtenthaler, 1969a; Steinmüller and 
Tevini, 1985; Tevini and Steinmüller, 1985). So far, 
a complete PG lipidome using state of the art mass 
spectrometry techniques has not been determined. 
Therefore, additional, presumably less abundant 
lipid species may still be discovered. Apart from 
lipids some early studies on PG composition also 
hinted at the presence of proteins (Hansmann 
and Sitte, 1982; Steinmüller and Tevini, 1985). In 
those days, however, the technology to identify and 
analyse the proteins was not yet sufficiently well 
developed.

Lipid trafficking between PG and the 
thylakoid membrane
Given the common nature of lipids in thylakoids 
and PG, an important question concerns the pos-
sibility and mechanism of lipid exchange between 
the two compartments. An electron tomographic 
study of plastoglobules revealed that PG are 
normally in contact with the margins of stromal 
thylakoids. High-resolution image analysis showed 
that the outer lipid leaflet of PG is contiguous 
with that of the thylakoid membrane (Austin et 
al., 2006). The contact sites between PG and thy-
lakoid membranes therefore result in a tight patch 
that connects the interior hydrophobic phase of 
PG with the thylakoid bilayer. This configuration 

could therefore allow the simultaneous transfer of 
polar membrane lipids and hydrophobic molecules 
between the two compartments thereby providing 
a physical basis for molecular trafficking between 
the two compartments and explanation for their 
molecular cooperation.

PG morphological changes in 
response to developmental 
transitions and stress adaptation
Using electron microscopy on various plant tis-
sues, developmental states and stress conditions, 
plastid ultrastructural modifications implicating 
both PG and thylakoid membranes were observed. 
These changes provide striking visual evidence of 
physical membrane remodelling. For instance, the 
presence of numerous PG in proplastids and etio-
plasts that decrease in number during chloroplast 
formation while thylakoids emerge (Lichtenthaler, 
1968; Sprey and Lichtenthaler, 1966) led to the 
hypothesis of an involvement of PG in thylakoid 
membrane formation. During chloroplast senes-
cence PG become supersized while the thylakoids 
progressively disappear (Lichtenthaler, 1969b; 
Tuquet and Newman, 1980) suggesting that PG 
participate in thylakoid disassembly. Similarly, 
during chromoplast development in red pepper 
fruit maturation, the disappearance of the thylakoid 
membranes concomitantly with the proliferation 
and enlargement of PG was observed. Ultimately, 
pigment-filled fibrils, derived from globular PG 
emerged (Deruère et al., 1994). The chloroplast 
to chromoplast transition in other species follows 
an analogous pattern but the PG themselves serve 
to store the pigments. In summary, the electron 
microscopic evidence implicates PG in several 
types of plastid developmental transitions: from 

Table 8.1 Main lipids found in plastoglobules of different plastids
Plastids Lipid References 

Chloroplast α-Tocopherol (vitamin E); fatty acid phytyl 
esters (FAPE); galactolipids; phylloquinone 
(vitamin K1); plastoquinone/ol (PQ/PQH2); 
triacylglycerol (TAG)

Bailey and Whyborn (1963), Gaude et al. (2007), 
Greenwood et al. (1963), Lichtenthaler and Peveling 
(1967), Lichtenthaler and Sprey (1966), Steinmüller 
and Tevini (1985), Zbierzak et al. (2010)

Chromoplast α-Tocopherol (vitamin E); carotenoids; 
carotenoid esters; plastoquinone (PQ); 
triacylglycerol (TAG)

Deruère et al. (1994), Hansmann and Sitte (1982), 
Steinmüller and Tevini (1985)

Gerontoplast Fatty acid phytyl esters (FAPE); 
triacylglycerol (TAG)

Gaude et al. (2007), Tevini and Steinmüller (1985)
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etioplast to chloroplast, from chloroplast to ger-
ontoplast and from chloroplast to chromoplast, 
respectively.

Electron microscopic observation of plas-
tids after various stress treatments showed that 
ultrastructural changes in PG and the thylakoid 
membrane are not limited to developmental 
transitions. Various stress types such as high salt, 
drought, nitrogen deprivation, heat, high light as 
well as heavy metals increase the size and number 
of PG (Ben Salem-Fnayou et al., 2011; Gaude et 
al., 2007; Locy et al., 1996; Rey et al., 2000; Zhang 
et al., 2010). The aforementioned stress types 
result in leaf bleaching and altered photosynthetic 
parameters, which in turn reflect chlorophyll deg-
radation and thylakoid membrane perturbation 
and disassembly. Thus, the various stress types to 
some extent reiterate senescence related pheno-
types. As for the plastid developmental transitions, 
ultrastructural changes during stress adaptation 
provide evidence for the implication of PG in thy-
lakoid lipid remodelling. One particularly striking 
example is Arabidopsis under nitrogen-depleted 
conditions (Gaude et al., 2007): by electron 
microscopy, thylakoids appear strongly diminished 
whereas PG become supersized. Here, the visible 
physical remodelling correlates with a reduction 
of chlorophyll and monogalactosyldiacylglyerol 
(MGDG) levels and an increase of triacylglycerol 
and fatty acid phytyl esters (Lippold et al., 2012).

For a long time, however, the metabolic 
roles of PG (apart of course from lipid storage 
(Lichtenthaler, 1968; Lichtenthaler and Peveling, 
1967; Sprey and Lichtenthaler, 1966)) in plastid 
developmental transitions and in stress adapta-
tions were unknown. Only with advent of modern 
molecular biology techniques evidence started to 
emerge indicating that it is the protein complement 
of PG that enables the active participation of PG in 
thylakoid membrane remodelling (Fig. 8.1).

PG protein composition
In the 1980s, proteins were detected in PG (Hans-
mann and Sitte, 1982; Steinmüller and Tevini, 
1985). In red pepper chromoplasts, carotenoids are 
stored in globulo-tubular structures termed fibrils 
that contain an abundant 30 kDa protein that was 
termed fibrillin (Deruère et al., 1994; Knoth et al., 
1986). The amino acid sequence of fibrillin was 
determined by Deruère et al. 1994 making it the 

first known PG protein. Related proteins, called 
PAP (Plastid-lipid Associated Proteins) belonging 
to the emerging fibrillin family were also identified 
and found to be major PG proteins in chloroplasts 
and chromoplasts of several species (Kessler et al., 
1999; Pozueta-Romero et al., 1997).

In the meantime, the PG proteomes from 
chloroplasts have been determined and refined 
revealing thirty consensus proteins (Table 8.2) 
(Lundquist et al., 2012). In addition, the proteome 
of red pepper chromoplast PG has been deter-
mined (Ytterberg et al., 2006). PG proteins can 
be classified in three main groups: (1) structural 
proteins (PAP/Fibrillins), (2) chloroplast meta-
bolic enzymes and (3) unknown proteins (Vidi 
et al., 2006). Genome-wide coexpression analysis 
of the genes encoding PG proteins resulted in 
a modular network consisting of four distinct 
modules each containing PG proteins. Specific 
functional enrichment in each of the modules was 
attributed to chlorophyll degradation/senescence, 
isoprenoid biosynthesis, plastid proteolysis, redox 
regulators and phosphoregulators of electron flow 
(Lundquist et al., 2012).

The discovery of a surprising variety of associated 
proteins resulted in the new hypothesis proposing 
that PG do not only serve in lipid storage but also in 
lipid metabolism. Moreover, it appears that PG pro-
teomes are functionally tailored to the plastid type. 
In chromoplast PG, for instance, enzymes involved 
in the synthesis and accumulation of coloured 
carotenoids are specifically recruited (Ytterberg et 
al., 2006). In the following, we will review the iden-
tified and characterized PG proteins as well as their 
implication in lipid metabolism and remodelling of 
the thylakoid membrane during plastid develop-
mental transitions and stress adaptation.

PG proteins and metabolic 
activities

Fibrillins
Fibrillin was originally discovered through its asso-
ciation with carotenoid-sequestering fibrils of red 
pepper (Capsicum annuum) chromoplasts (Der-
uère et al., 1994). Despite their fibrillar appearance, 
fibrils are structurally closely related to plastoglob-
ules having an outer polar lipid monolayer lined 
with proteins and enclosing a hydrophobic core 



Pralon and Kessler174 |

containing coloured carotenoids. Fibril carotenoids 
are mostly present as esters, capsanthin diester 
being the most abundant at more than 50% in 
red pepper (Deruère et al., 1994). It is interesting 
to note that in tomato chromoplasts no fibrils are 
present and plastoglobules take over their func-
tion (Simkin et al., 2007). The precise structure of 

carotenoid-containing structures has been attrib-
uted to the lipid to protein ratio. A high proportion 
of protein favours the formation of fibrillar rather 
than globular structures (Wuttke, 1976). Fibrillin 
is the most abundant protein of carotenoid fibrils. 
Purified fibrillin protein was able to reconstitute 
fibrils when it was mixed with polar lipids and 

Figure 8.1 Lipid metabolism in plastoglobules. (A) Prenylquinone biosynthesis and metabolism in chloroplast 
plastoglobules. NDC1 is required for phylloquinone biosynthesis. NDC1 is also implicated in plastochromanol 
(PC-8) biosynthesis and in tocopherol recycling by reducing substrates, plastoquinol and TMPBQ, to 
their quinol forms. VTE1 uses reduced substrates for the biosynthesis of plastochromanol and tocopherol 
recycling. ABC1K1 kinase is required for increased tocopherol production under highlight. ABC1K3 kinase 
is required for normal PC-8 accumulation and tocopherol recycling. Both ABC1K1 and -K3 do so by acting 
on VTE1 activity, presumably by phosphorylation. (B) During senescence-induced thylakoid disassembly, 
fatty acid phytyl esters and triacylglycerols are synthetized by phytyl ester synthase 1 and 2 (PES1 and -2) 
in gerontoplast plastoglobules. (C) In chromoplast plastoglobules LCY, CHY, ZDS are recruited to promote 
carotenoid biosynthesis and accumulation. CCD4 participates in flower colour production and volatile 
emission. ABC1K, activity of bc1-like kinase; α-TQH2, α-tocopherol-quinol; α-TQ, α-tocopherol-quinone; 
α-TR, α-tocopheroxyl-radical; CCD4, carotenoid cleavage dioxygenase 4; CHY, β-carotene β-hydroxylase; 
DMPBQ, dimethylphytylbenzoquinone; FAPE, fatty acid phytyl ester; FBN, fibrillins; HST, homogentisate 
prenyl transferase; LCY, lycopene β-cyclase; MenG, demethylmenaquinone methyl transferase; MPBQ, 
methylphytylbenzoquinone; MSBQ, methylsolanesylbenzoquinone; NDC1, NAD(P)H dehydrogenase C1; 
P, phosphorylation; PC-8, plastochromanol-8; PES, phytyl ester synthases; PQ, plastoquinone-9; PQH2, 
plastoquinol-9; TAG, triacylglycerol; VTE1, tocopherol cyclase, vitamin E deficient 1; VTE2, homogentisate 
phytyl transferase, vitamin E deficient 2; VTE3, tocopherol methyltransferase, vitamin E deficient 3; VTE4, 
γ-tocopherol methyltransferase, vitamin E deficient 4; ZDS, ζ-carotene desaturase.
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carotenoids at their natural stoichiometric ratio. 
The highest yields were achieved with the esterified 
xanthophylls, zeaxanthin diester and capsanthin 
diester (Deruère et al., 1994). Reconstitution did 

not occur in the absence of fibrillin. Based on the 
above findings, fibrillins were attributed a structural 
role in fibril formation. Overexpression of fibrillin 
in tobacco leaves led to an increase of plastoglobule 

Table 8.2 Refined PG proteome according to Lundquist et al. (2012) and containing three carotenoid metabolic 
enzymes from chromoplast PG. Ytterberg et al. (2006)
Accession Common name Symbol Function(s)

Known and characterized plastoglobule proteins
At4g04020 Fibrillin 1a FBN1a; PGL35 PG structure
At4g22240 Fibrillin 1b FBN1b; PGL33
At2g35490 Fibrillin 2 FBN2; PGL40
At3g23400 Fibrillin 4 FBN4; PGL30.4
At4g32770 Tocopherol cyclase VTE1 Tocopherol biosynthesis and regeneration
At5g08740 NAD(P)H dehydrogenase C1 NDC1 Phylloquinone biosynthesis

PC-8 biosynthesis
PQ redox state regulation

β-Carotene β-hydroxylase CHY; CrtR-β Carotenoid metabolism (identified in red 
pepper chromoplast PG)ζ-Carotene desaturase ZDS

Lycopene β-cyclase LCY; LYC-β
At4g19170 Carotenoid cleavage dioxygenase 4 CCD4; NCED4
At1g54570 Phytyl ester synthase 1 PES1; DGAT3 TAG and FAPE biosynthesis
At3g26840 Phytyl ester synthase 2 PES2; DGAT4
At4g31390 Activity of bc1-like kinase 1 ABC1K1 Prenylquinone biosynthesis and metabolic 

regulationAt1g79600 Activity of bc1-like kinase 3 ABC1K3
At3g07700 Activity of bc1-like kinase 7 ABC1K7

Uncharacterized plastoglobule proteins
At3g58010 Fibrillin 7a FBN7a; PGL34 PG structure
At2g42130 Fibrillin 7b FBN7b; PGL30
At2g46910 Fibrillin 8 FBN8
At1g71810 Activity of bc1-like kinase 5 ABC1K5 Regulation of metabolic process
At3g24190 Activity of bc1-like kinase 6 ABC1K6
At5g05200 Activity of bc1-like kinase 9 ABC1K9
At1g32220 Flavin reductase-related 1 Unknown
At2g34460 Flavin reductase-related 2  

At1g78140 UbiE methyltransferase-related 1 Prenyl lipid biosynthesis
At2g41040 UbiE methyltransferase-related 2  

At3g10130 SOUL domain protein  Tetrapyrrole metabolism
At1g06690 Aldo/keto reductase  Unknown
At4g39730 PLAT/LH2–1  Lipase, lipoxygenase 
At3g27110 M48 protease  Protein homeostasis
At5g41120 Esterase 1  TAG/FAPE biosynthesis
At1g73750 Unknown SAG  Participation in senescence associated 

processes
At4g13200 Unknown 1  Unknown
At3g43540 Unknown 2 DUF1350 Unknown
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numbers and clusters reinforcing the idea of struc-
tural role (Rey et al., 2000). Homologues of fibrillin 
exist in many other species such as potato (plastid 
lipid associated proteins, PAP) (Langenkämper et 
al., 2001) and pea (plastoglobulins, PGL) (Kessler 
et al., 1999).

In Arabidopsis, quantitative proteomics indi-
cated that fibrillins are the most abundant proteins 
of chloroplast PG, four homologues (FBN1a, -1b, 
-2 and -4) (At4g04020, At4g22240, At2g35490, 
At3g23400) making up almost 50% of the PG 
protein mass (Lundquist et al., 2012). Interestingly 
also, the same study indicated that different fibrillin 
homologues partition to varying and predictable 
degrees between the plastoglobules and the thy-
lakoid membrane. Low isoelectric points and a 
higher hydrophobicity index favoured PG over 
thylakoid association.

A study on the apple fib4 (the orthologue of 
Arabidopsis FBN4) knock down mutant revealed 
reduced accumulation of plastoquinone in PG 
while the total cellular plastoquinone remained 
constant. Fib4 contains a conserved lipocalin motif 
(DLDKLQGKWRLLY) that could potentially 
facilitate binding and transport of lipids (Singh et 
al., 2012; Singh et al., 2010). These findings led to 
the hypothesis that fibrillins apart from a structural 
role may also have a role in metabolite trafficking 
between the thylakoid membrane and plastoglob-
ules. Fibrillins such as Fib4 would therefore be 
expected to be present at the neck-like structure at 
the interface between PG and the thylakoid mem-
brane.

The databases indicate that fibrillins are ancient, 
evolutionarily conserved proteins originating from 
cyanobacteria. Fibrillins may therefore be omni-
present in photosynthetic species (Cunningham 
et al., 2010). While Arabidopsis has many fibril-
lin homologues, Synechocystis sp. PCC 6803 has 
only two. Therefore, this cyanobacterial strain is 
an interesting model to test fibrillin function. The 
deletion of the two homologues of Synechocystis sp. 
PCC 6803 fibrillin (PGL1 and -2) was viable and 
photosynthetically active. However, the carotenoid 
composition was altered suggesting compromised 
resistance to high light stress (Cunningham et al., 
2010). In cyanobacteria lipid globules are rather 
rare, so their association with the fibrillins PGL1 
and -2 was not readily apparent. It was therefore 
suggested that fibrillins in cyanobacteria may 

function in neutral lipid sequestration outside the 
PG context.

It is not known how proteins are targeted to PG 
but they do not have apparent targeting sequences. 
It has been shown for Arabidopsis PGL34/FBN7a 
(At3g58010) (Vidi et al., 2007) that the entire 
protein with the exception of a small C-terminal 
sequence is required for assembly on PG. As PG 
are frequently observed at the stromal margins of 
thylakoids it has been proposed that the membrane 
curvature together perhaps with ‘lipid-associated 
proteins’ such as the fibrillins may facilitate the 
budding of PG.

NDC1, a type II NAD(P)H 
dehydrogenase required for 
phylloquinone biosynthesis
NDC1 (At5g08740) was identified as a bona 
fide PG protein in three independent proteomics 
studies (Lundquist et al., 2012; Vidi et al., 2006; 
Ytterberg et al., 2006). NDC1 belongs to the family 
of monomeric Type II NAD(P)H-dependent 
dehydrogenases (NDH-2). Type II NAD(P)
H-dependent dehydrogenases serve as an alterna-
tive to the multi-subunit respiratory complex I 
(type I NADH dehydrogenase (NDH-1)) to cata-
lyse electron transfer from NADH to ubiquinone 
in the mitochondrial respiratory chain (Feng et al., 
2012). In Arabidopsis, a family of seven NDH-2 
homologues exists. Six of these are located in mito-
chondria (Michalecka et al., 2003), but only one, 
NDC1, is present in chloroplasts.

NDC1 is conserved from cyanobacteria, which 
provides an evolutionary explanation for its pres-
ence in chloroplasts, although NDC1 was originally 
localized in mitochondria (Michalecka et al., 2003). 
There is also evidence for dual mitochondrial and 
chloroplast localization of the protein (Carrie et al., 
2008; Eugeni-Piller et al., 2011). In chloroplasts, not 
only proteomics but also fluorescence localization 
and subfractionation indicate that NDC1 sublocal-
izes to PG (Eugeni-Piller et al., 2011). Ubiquinone, 
the usual substrate of NDH-2 enzymes, is not 
present in chloroplasts. But it was shown that 
NDC1 is a multifunctional enzyme accepting as 
substrates a variety of quinone derivatives such 
as decyl-ubiquinone and decyl-plastoquinone as 
well as isolated PG (Eugeni-Piller et al., 2011). As 
NDC1 should well be able to use plastoquinone as 
substrate for NAD(P)H-dependent reduction, it is 
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imaginable that NDC1 functions in cyclic electron 
flow around photosystem I (PSI). In Arabidopsis, 
however, mutant analysis has revealed that the 
contribution of NDC1 to cyclic electron flow 
around PSI is negligible and that the chloroplast 
NDH complex is responsible for this task. But, in 
Chlamydomonas the chloroplast NDH complex is 
lacking and an NDH-2 homologue (Nda-2) has 
been implicated in cyclic electron flow ( Jans et al., 
2008).

Despite the lack of involvement in cyclic elec-
tron flow NDC1 affects the plastoquinone redox 
equilibrium: total plastoquinone in the ndc1 mutant 
is significantly more oxidized than in the wild 
type (Eugeni-Piller et al., 2011). Plastoquinone is 
distributed between the thylakoids and plastoglob-
ules. The photochemically active plastoquinone 
pool is localized in the thylakoid membrane but a 
large proportion of the plastoquinone is present 
in plastoglobules. Presumably, the plastoglobule-
localized plastoquinone is selectively reduced by 
NDC1 without interfering with the plastoquinone 
participating in photosynthetic electron transport. 
This suggests that the thylakoid plastoquinone pool 
and the PG plastoquinone reservoir are well sepa-
rated and do not rapidly equilibrate. The redox state 
of the plastoquinone pool is known to control the 
level of phosphorylation of the chloroplast light-
harvesting complex II (LHCII) (Allen et al., 1981). 
It will therefore be interesting to test whether and if 
to what extent NDC1 together with PG-localized 
plastoquinone contributes to plastoquinone redox 
regulation.

In a surprising twist, phylloquinone was com-
pletely absent from the ndc1 mutant which instead 
accumulated demethylphylloquinone, lacking the 
3-methyl group (Eugeni-Piller et al., 2011). It is 
unclear why demethylphylloquinone accumulates 
in the ndc1 mutant because the methylation step is 
known to be carried out by the AtMenG enzyme 
in Arabidopsis (Lohmann et al., 2006). AtMenG is 
normally expressed in the ndc1 mutant background. 
Despite the lack of phylloquinone, the ndc1 mutant 
has no visible phenotype. In Synechocystis (Sakuragi 
et al., 2002) and Arabidopsis (Lohmann et al., 2006) 
menG mutant’s demethylphylloquinone effectively 
replaces phylloquinone. In Arabidopsis, however, 
the maximal photosynthetic efficiency was reduced 
in atmenG plants grown under high light. It therefore 
needs to be noted that despite the similarities the 

molecular phenotypes of atmenG and ndc1 are not 
identical. Several hypothetical explanations for the 
role of NDC1 in phylloquinone synthesis may be 
proposed. One is that AtMenG-dependent meth-
ylation prefers reduced demethylphylloquinone 
as its substrate and the reduction of demethyl-
phylloquinone depends on NDC1. As we will 
see later, substrate reduction by NDC1 is also of 
importance for reactions catalysed by tocopherol 
cyclase (VTE1, At4g32770). Another possibil-
ity is that NDC1 regulates AtMenG activity. For 
example, NDC1 could serve as platform to recruit 
AtMenG to the PHYLLO metabolon (Gross et al., 
2006). The PHYLLO metabolon consists of MenF, 
MenD, MenC, and MenH in a single polypeptide 
and catalyses the preceding steps of phylloquinone 
biosynthesis. In support of this possibility, like 
NDC1-YFP both PHYLLO-DsRed and AtMenG–
GFP fusion proteins gave punctate fluorescence 
within chloroplasts that were reminiscent of PG. 
To test this, it will be interesting to see whether 
the punctate patterns of the latter two fluorescent 
fusion proteins is disrupted in the ndc1 mutant 
background.

Implication of PG in tocochromanol 
biosynthesis and metabolism

Role of PG in tocopherol biosynthesis
Tocochromanols (including tocopherol, tocotrien-
ols and plastochromanol-8 (PC-8)) are important 
lipid antioxidants in the chloroplast protecting thy-
lakoid membrane lipids from oxidation (Dörmann, 
2007; Mène-Saffrané and DellaPenna, 2010). All 
of the enzyme activities of the tocopherol biosyn-
thesis pathway were originally localized to the inner 
chloroplast envelope membrane where biosynthe-
sis is thought to occur (Schultz and Soll, 1980). The 
tocopherol cyclase VTE1 (At4g32770) catalyses 
the second to last step in a-tocopherol synthesis by 
introducing the chromanol ring. Surprisingly, how-
ever, proteomics studies indicated that the majority 
of VTE1 protein is localized in PG. This finding was 
confirmed by expression of a fluorescent VTE1-
fusion protein, immunoelectron microscopy 
(Austin et al., 2006) and membrane fractionation 
studies (Vidi et al., 2006). In the vte1 mutant, the 
substrate of VTE1 dimethylphytylbenzoquinone 
(DMPBQ) accumulated to a large extent in plasto-
globules providing evidence for the implication of 
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PG as a reaction site in the tocopherol cyclase step 
(Eugeni-Piller et al., 2012).

PG and VTE1 in the tocopherol redox 
cycle
The thylakoid membrane is exposed to the produc-
tion of reactive oxygen species due to the presence 
of the photosynthetic apparatus. Tocopherols act as 
antioxidants by rescuing membrane lipids from oxi-
dation. Tocopherols scavenge lipid peroxy radicals 
yielding a tocopheroxyl radical followed by chro-
manol ring opening that results in α-tocoquinone. 
In the tocopherol repair cycle, α-tocoquinone is 
dehydrated resulting in trimethylphytylbenzo-
quinone (TMPBQ) before the re-introduction of 
chromanol ring by VTE1. The tocopherol redox 
cycle is believed to occur at the thylakoid membrane 
and in plastoglobules. In favour of this scenario, 
α-tocoquinone can be detected under high light 
conditions (Kobayashi and DellaPenna, 2008) 
and accumulates to much higher levels in the ndc1 
mutant background (Eugeni-Piller et al., 2014). 
This finding suggests that VTE1 preferentially acts 
on a reduced substrate in the tocopherol repair 
cycle.

PG and VTE1 in plastochromanol-8 
synthesis
While tocopherols and tocotrienols have been well 
studied, knowledge on plastochromanol-8, that is 
derived from plastoquinol by tocopherol cyclase 
activity, is rather scarce despite its wide pres-
ence in crop species (Kruk et al., 2014). Together 
with tocopherol, PC-8 protects Arabidopsis seed 
oil from oxidation and is essential for seed lon-
gevity (Mène-Saffrané et al., 2010). PC-8 has a 
chromanol-containing headgroup identical to that 
of γ-tocopherol but the longer solanesyl side chain 
of plastoquinone. Surprisingly, overexpression of 
VTE1 led to the accumulation of large quantities 
of PC-8 rather than tocopherol. A large proportion 
of the plastochromanol accumulated in PG (Zbier-
zak et al., 2010). In the VTE1 overexpressing line, 
plastoglobules were more numerous and present in 
larger clusters than in the wild type. Interestingly 
also, PC-8 levels were reduced in ndc1 mutant 
background. This suggests that also in the case of 
PC-8, VTE1 prefers reduced plastoquinol as the 
substrate.

PG and metabolite trafficking within the 
chloroplast
Localization of VTE1 at PG while the other 
enzymes of the tocopherol pathway are localized 
at the inner envelope membrane suggests that 
metabolites are trafficked from the inner envelope 
membrane to PG and back to complete the path-
way. This would particularly concern DMPBQ, the 
substrate of VTE1 and γ-tocopherol, the substrate 
of the VTE4 methylase that is localized at the inner 
envelope membrane (Zbierzak et al., 2010). How 
likely is this to occur? Fascinating experimentation 
in Arabidopsis, fittingly described as transorganellar 
complementation, demonstrated that VTE1 when 
targeted to the endoplasmic reticulum (ER) is still 
able to complement the vte1 mutant (Mehrshahi et 
al., 2013). The work by Mehrshahi et al. (2013) thus 
indicates that metabolites are sufficiently mobile 
for DMPBQ to reach the ER and γ-tocopherol to 
return to the chloroplast. Presumably, this does not 
implicate specific transport proteins localized at the 
chloroplast envelope membrane but an interorga-
nellar pathway relying on membrane connections 
between the ER and the chloroplast outer envelope 
membrane that allows to complete the tocopherol 
cyclase reaction outside the chloroplast (Mehrshahi 
et al., 2013). These connections may implicate a 
shared outer lipid layer between the chloroplast and 
the ER (Mehrshahi et al., 2013) not unlike the one 
observed between PG and the thylakoid membrane. 
If DMPBQ can reach the ER, it appears likely that 
DMPBQ can also reach PG to complete the tocoph-
erol cyclase reaction. Still, the question remains why 
the tocopherol cyclase reaction would be located in 
PG and not at the inner envelope membrane. One 
reason may lie in the fact that VTE1 catalyses chro-
manol ring formation also in other molecules than 
DMPBQ. This concerns TMPBQ, that is recycled 
to α-tocopherol at the end of the tocopherol redox 
cycle (Eugeni-Piller et al., 2014) and plastoquinone 
that is converted to plastochromanol-8 by VTE1 
(Zbierzak et al., 2010). It has been shown that chro-
manol ring formation preferentially occurs in the 
reduced state of the substrate in the case of tocoph-
erol (Grütter et al., 2006). NDC1 which is present 
in PG has the ability to reduce a variety of quinolic 
substrates. Owing to the presence of NDC1, PG 
may present a favourable, reductive reaction envi-
ronment in which chromanol ring formation by 
VTE1 may readily occur.
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Roles of PG in carotenoid 
metabolism
PG play a key role in chloroplast to chromoplast 
transition. During this transition chlorophyll 
is degraded, thylakoids are disassembled and 
replaced by large carotenoid-containing plasto-
globules in tomato (Simkin et al., 2007) or fibrils 
in red pepper fruit (Deruère et al., 1994), to give 
two examples. In red pepper chromoplasts, four 
enzymes implicated in carotenoid biosynthesis are 
specifically recruited to PG: these are ζ-carotene 
desaturase (ZDS), lycopene β-cyclase (LCY) and 
two β-carotene β-hydroxylases (CHY) (Ytterberg 
et al., 2006). ZDS introduces conjugated double 
bonds in ζ-carotene contributing to the synthesis of 
lycopene, a red pigment of tomato fruit (Ben-Shaul 
and Naftali, 1969). LCY catalyses the formation of 
ionone rings at either ends of lycopene resulting 
in α- or β-carotene. CHY catalyses the addition 
of hydroxyl groups to the ionone rings giving the 
xanthophyll derivatives lutein and zeaxanthin, 
respectively (Liu et al., 2015; Nogueira et al., 2013; 
Ruiz-Sola and Rodríguez-Concepción, 2012). 
Hypothetically, the PG location of these enzymes 
may facilitate substrate channelling and subsequent 
accumulation of the carotenoid products within 
PG.

Carotenoids are subject to oxidative cleavage by 
carotenoid cleavage dioxygenases (CCDs) giving 
rise to a large variety of so-called apocarotenoids 
(Auldridge et al., 2006). Apocarotenoids take on a 
multitude of physiological functions including those 
of phytohormones (abscisic acid, strigolactones), 
pollinator attracting volatiles (β-ionone, geranial) 
and chloroplast to nucleus retrograde signalling 
(β-cyclocitral) (Gomez-Roldan et al., 2008; Hiray-
ama and Shinozaki, 2007; Jia et al., 2013; Ramel 
et al., 2012). Of the known CCDs only CCD4 
(At4g19170) has been identified in PG (Lundquist 
et al., 2012; Vidi et al., 2006; Ytterberg et al., 2006).

Homologues of CCD4 carry out a variety of 
cleavage reactions in different species and tis-
sues. For instance the Chrysanthemum morifolium 
homologue CmCCD4 produces white colour in 
chrysanthemum flowers. It presumably does so by 
degrading lutein that is abundant in cmccd4 mutant 
yellow flowers (Zhu et al., 2010). Although the 
association of chrysanthemum CmCCD4 with 
PG has not been demonstrated it appears likely 
that its products accumulate in the chromoplast 

PG (Yoshioka et al., 2012). Similarly, CitCCD4 
in the Satsuma mandarin fruit is responsible for 
the accumulation of the orange-coloured pigment 
β-citraurin by specific cleavage of β-cryptoxanthin 
and zeaxanthin (Ma et al., 2013). During Crocus 
sativa stigma development CsCCD4 cleaves 
β-carotene into β-ionone and β-cyclocitral (Rubio-
Moraga et al., 2014; Rubio et al., 2008).

In an elegant genetic screen, Arabidopsis 
AtCCD4 was found to degrade carotenoids 
during seed maturation as well as leaf senescence 
(Gonzalez-Jorge et al., 2013). ccd4 mutant seeds 
accumulate β-carotene which consequently was 
identified as a probable substrate of AtCCD4. Lack 
of β-carotene (provitamin A) in food is the lead-
ing cause for vitamin A deficiency that may cause 
xerophthalmia and total blindness (Sommer, 1990). 
In the past, genetic engineering has been used to 
introduce the β-carotene biosynthetic pathway into 
the ‘Golden rice’ endosperm (Ye et al., 2000). The 
research on Arabidopsis CCD4 opens up exciting 
new perspectives for provitamin A biofortification 
using smart breeding in seed crops (Gonzalez-Jorge 
et al., 2013).

AtCCD4 is strongly induced during senescence 
and degrades β-carotene under dark-induced senes-
cence conditions (Gonzalez-Jorge et al., 2013). 
While many steps of chlorophyll degradation have 
been elucidated, this is an essential enzyme known 
to be implicated in carotenoid degradation. It will 
be interesting to see whether and which CCD4 
homologues are implicated in the colour produc-
tion in the fall foliage of perennials.

Phytol ester synthases: mediators 
of thylakoid remodelling during 
senescence and nitrogen deprivation
During senescence and under stress conditions 
such as nitrogen deprivation PG become super-
sized while the extent of thylakoid membranes is 
reduced (Besagni and Kessler, 2013). Typically 
chlorophyll and galactolipids are catabolized under 
these conditions. In the second step of chloro-
phyll degradation, free phytol is liberated from 
pheophytine by the pheophytine pheophorbide 
hydrolase (PPH) (Schelbert et al., 2009; Zhang et 
al., 2014). Free phytol is considered toxic and does 
not accumulate. In a salvage pathway, free phytol 
is converted to phytol diphosphate by phytol 
kinase (VTE5) and incorporated into tocopherols 
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(Ischebeck et al., 2006). Alternatively free phytol 
may be incorporated into fatty acid phytyl esters 
(FAPE) by esterification with free fatty acids stem-
ming from galactolipid hydrolysis (Gaude et al., 
2007). Free fatty acids may also be used to synthe-
size triacylglycerol. Together FAPE and TAG may 
account for PG supersizing during senescence and 
under nitrogen stress (Besagni and Kessler, 2013). 
Therefore, the two conditions present a striking 
case for thylakoid lipid remodelling, both at the 
biochemical and ultrastructural levels.

Interestingly, two enzymes, phytyl ester syn-
thases 1 and 2 (PES1 and -2) (At1g54570 and 
At3g26840) largely responsible for the formation 
of FAPE and TAG were identified as components 
of the PG proteome. PES1 and -2 are both able 
to transfer fatty acids from galactolipids directly 
to free phytol and diacylglycerol. PES1 and -2 
belong to the seven-member diacylglycerol acyl-
transferase (DGAT) family in Arabidopsis and 
are both strongly induced during senescence and 
nitrogen starvation. The pes1pes2 double mutant 
had strongly reduced levels of phytyl esters 
under nitrogen starvation indicating that the two 
enzymes are predominant in FAPE synthesis (Lip-
pold et al., 2012). Complementation of the H1246 
yeast strain lacking acyltransferase activity showed 
that both PES1 and -2 restored TAG and sterol 
ester synthesis. 14:0 Acyl-CoA was the preferred 
substrate in the yeast system, but monogalactosyl-
diacylglycerol also worked as an acyl donor (Pan 
et al., 2013). Finally, chlorophyll degradation and 
thylakoid membrane disassembly were delayed 
in the pes1pes2 double mutant. In summary the 
evidence makes a compelling case for the par-
ticipation of PES1 and -2 in thylakoid membrane 
remodelling during senescence and under nitrogen 
starvation.

Homologues of phytyl ester synthase also play 
an important role in carotenoid ester biosynthesis 
and chromoplast biogenesis in flower organs. It 
has recently been demonstrated in tomato that 
PYP1 (Pale Yellow Petal 1) is required for the 
accumulation in petals and anthers of high levels of 
xanthophylls that were mostly neoxanthin and vio-
laxanthin esterified with myristic and palmitic acids 
(Ariizumi et al., 2014). Xanthophyll esters were 
absent from pyp1 mutant alleles, which also had 
a reduced total carotenoid content and perturbed 
chromoplasts.

ABC1-like kinases, metabolic 
regulators in PG
The plant kinase family is very large, but surpris-
ingly few kinases are known to reside in chloroplasts 
(Bayer et al., 2012). Of the chloroplast kinases, the 
family of ABC1-like kinases constitutes the largest 
group: nine homologues are known or predicted 
to be in chloroplasts, six of which were localized 
to PG using proteomics. Next to the fibrillins the 
ABC1-like kinases are the most abundant group of 
PG proteins both in number and in contribution to 
total PG protein mass (Lundquist et al., 2012).

The first ABC1-like kinase was discovered in 
yeast mitochondria and is required for the activity 
of the cytochrome BC1 complex (Bousquet et al., 
1991). It is also known as COQ8 (coenzyme Q 
biosynthesis). The abc1/coq8 mutant is respiration 
deficient and was found to lack ubiquinone (Do et 
al., 2001). An analogous phenotype was caused by 
mutation of the bacterial ubiB gene, a homologue 
of ABC1/COQ8 that also lacks ubiquinone and 
instead accumulates the octaprenylphenol biosyn-
thetic intermediate (Poon et al., 2000). In humans, 
the mutation of the ABC1/COQ8 homologues 
ADCK3 and ADCK4 (ABC1 domain-containing 
kinase) are linked to disease such as cerebellar ataxia 
(Lagier-Tourenne et al., 2008) and steroid-resistant 
nephrotic syndrome (Ashraf et al., 2013). The 
symptoms have been attributed to reduced ubiqui-
none levels and in some cases can be alleviated by 
ubiquinone supplementation. COQ8 probably 
functions as a regulatory kinase in the ubiquinone 
biosynthesis pathway. In favour of this hypothesis, 
COQ3, -5 and -7 of the ubiquinone biosynthesis 
pathway were phosphorylated in an ABC1/COQ8-
dependent manner (Xie et al., 2011).

Given the known role of ABC1-like kinases 
in mitochondrial ubiquinone biosynthesis, the 
strong presence of ABC1-like kinases in chloro-
plasts (termed ABC1Ks) seems surprising and 
begs the question of their function. By analogy to 
mitochondrial ABC1-like kinases an implication 
in chloroplast prenylquinone metabolism may be 
proposed. Reverse genetic analyses provided con-
firmatory evidence for this hypothesis: in the abc1k1 
mutant (At4g31390), α-, γ- and δ-tocopherol 
levels were lower after high light treatment than in 
the wild type (Martinis et al., 2014). At the same 
time, α-TQ, the α-tocopherol oxidation product 
was increased suggesting a defect in the tocopherol 
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repair cycle. In the abc1k3 mutant (At1g79600), 
no effect was observed on α-tocopherol levels, but 
PC-8 was reduced and α-TQ increased (Martinis et 
al., 2013) suggesting a defect in VTE1-dependant 
metabolic steps but excluding tocopherol biosyn-
thesis. The common denominator of the abc1k1 
and -k3 molecular phenotypes is their dependence 
on VTE1 activities. In fact, the observed mutant 
effects could be explained by deregulation of 
VTE1. Indeed, VTE1 behaves as an in vitro sub-
strate of recombinant ABC1K1 as well as ABC1K3 
(Martinis et al., 2013). In addition, VTE1 is an 
experimentally confirmed phosphoprotein having 
a phosphorylation hotspot near its N-terminus 
(PhosphAt database, University of Hohenheim, 
http://phosphat.uni-hohenheim.de/).

However, the activities of the ABC1K family 
extend beyond plastid prenylquinone metabo-
lism. In the abc1k1 mutant, β-carotene levels were 
reduced even under moderate light conditions. 
After exposure to highlight and return to moderate 
light conditions, the abc1k1 mutant failed to accu-
mulate starch normally producing higher amounts 
of soluble sugars instead (Martinis et al., 2014).

The ABC1K1 was initially identified as pgr6 
(Proton Gradient Regulator 6) in a genetic screen 
for Arabidopsis mutants with reduced NPQ and 
hence increase chlorophyll fluorescence. pgr 
mutants are defective in photosynthetic electron 
transport and in pH gradient generation across the 
thylakoid membrane (Shikanai et al., 1999). Cur-
rently it is not clear why the abc1k1 mutant has a pgr 
phenotype. Potentially, the pgr phenotype may be a 
consequence of the metabolic perturbation occur-
ring in the abc1k1 mutant. Alternatively, ABC1K1 
may directly phosphorylate target(s) participating 
in the photosynthetic electron transport chain up 
to the level of the cytochrome b6 f complex.

The existence of additional targets of the ABC1-
like kinases is supported by a study showing that 
ABC1K1 and -K3 form a complex (Lundquist et 
al., 2013). The study consequently focused on 
the double mutant and found the double mutant 
to degreen under different types of stress and to 
senesce prematurely. This phenotype was accompa-
nied by remodelling of the PG proteome and the 
recruitment of lipoxygenases 3 and 4 (At1g17420 
and At1g72520) to PG. These two enzymes partici-
pate in the jasmonate biosynthetic pathway that is 
highly active during senescence and nitrogen stress 

conditions. This may reflect the increased galac-
tolipid turnover that would be expected under the 
aforementioned conditions.

As a consequence of the reduced ability of 
abc1k1/abc1k3 to adapt to stress, reactive oxygen 
species (ROS) production may be elevated. This 
notion is supported by the increased levels of 
β-cyclocitral that in turn mediate retrograde signal-
ling from the chloroplast to the nucleus (Lundquist 
et al., 2013; Ramel et al., 2012).

ABC1K8/OSA1 is located at the chloroplast 
envelope membrane and is up-regulated upon 
cadmium exposure. abc1k8 mutants (At5g64940) 
are more sensitive to a variety of stress types includ-
ing cadmium and high light. The ABC1K7/SIA1 
homologue has been implicated in salt stress toler-
ance (Yang et al., 2012), overexpression resulting 
in higher tolerance. The abc1k7 (At3g07700) and 
abc1k8 mutants also synthesized lower levels of 
highly unsaturated DGDG and MGDG (Manara 
et al., 2015). ABC1K7 and ABC1K8 were previ-
ously implicated in oxidative stress resistance as 
the respective mutants accumulated more ferritin, 
superoxide and had reduced tolerance to ROS. 
Interestingly, abc1k8 and particularly the abc1k7/
abc1k8 double mutant accumulated increased 
levels of DGDG oxylipins that are product of ROS 
and a source for the synthesis of jasmonate. In this 
context it is interesting to note that the jasmonate 
pathway is recruited to PG in the abc1k1/abc1k3 
double mutant. It is therefore possible that the 
ABC1K1, -3, -7 and -8 cooperate in the regulation 
of thylakoid membrane disassembly and jasmonate 
production during senescence.

Uncharacterized PG proteins
Despite the advances made in recent years, PG still 
hold numerous secrets. A good number of the PG 
proteins have not been characterized so far and may 
hold clues to currently unidentified PG functions. 
Combinations of reverse genetics with –omics tools 
have proven to be very successful in the functional 
analysis of PG proteins and will probably continue 
to do so in the future.

Among the uncharacterized PG proteins are sev-
eral fibrillins (FBN7a, FBN7b, FBN8) (At3g58010, 
At2g4213, At2g46910). The functions of fibril-
lins in the chloroplast remain poorly understood. 
Therefore the characterization of additional fibril-
lins may reveal precious new information on their 

http://phosphat.uni-hohenheim.de
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specific roles role in development and under vari-
ous stresses. In particular it will be interesting to see 
whether the classification of fibrillins as structural 
proteins holds up to experimental scrutiny and to 
test whether fibrillins play a larger role in metabolite 
trafficking between the PG and thylakoid compart-
ments.

Recent research on the ABC1-like kinases pro-
vided evidence for the role of ABC1K1, -K3, -K7 
and -K8 in regulation of range of chloroplast meta-
bolic pathways. Three ABC1-like kinases (ABC1K5, 
-K6, -K9) (At1g71810, At3g24190, At1g05200) 
associated with PG remain to be explored. Their 
characterization may well reveal other aspects of 
chloroplast metabolism and organellar processes 
that are under the control of the ABC1-like kinase 
family. Phosphorylation is a reversible process and 
therefore phosphatases may be expected to play a 
role in ABC1-like kinase regulatory cycles. While 
no phosphatases were found in the PG proteome, 
they exist elsewhere in the chloroplast.

A number of uncharacterized and predicted 
metabolic enzymes also remain in the PG proteome. 
Among these are two UbiE-related methyltrans-
ferases (At1g78140, At2g41040). UbiE (known as 
CoQ5 in yeast) is a methyltransferase required for 
ubiquinone biosynthesis in bacteria and mitochon-
dria. Based on the analogy between ubiquinone 
and the chloroplast prenylquinones, it is tempting 
to hypothesize, that the UbiE-related methyltrans-
ferases participate in an unrecognized methylation 
step in PG prenyl lipid metabolism.

A third predicted esterase/lipase/thioesterase 
(At5g41120) highly homologous to PES1 and 
PES2 is present in the PG proteome. This protein 
is an excellent candidate for a third phytyl ester 
synthase, responsible for the residual accumulation 
of FAPE in the pes1pes2 double mutant (Lippold et 
al., 2012).

Two uncharacterized PG proteins, an unknown 
SAG (senescence-associated gene) (At1g73750) 
and a predicted M48 protease (At3g27110) are 
highly up-regulated during senescence and may 
shed new light on PG functions during senescence 
(Lundquist et al., 2012).

Yet other uncharacterized proteins, such as 
PLAT/LH2–1 (At4g39730), are likely to be 
involved in lipid metabolism in PG. Furthermore, 
additional undiscovered PG proteins may exist. 
Some of these proteins may associate with PG 

only under specific conditions. Others may only 
loosely associate with PG and dissociate during 
the purification procedure. The advances in mass 
spectrometric technology may also allow the detec-
tion of very low abundance PG proteins in the near 
future.

Future applications

Recombinant protein production
Plants have the potential for almost unlimited pro-
duction of recombinant proteins (Ma et al., 2005). 
In particular, the transformation of the chloroplast 
genome and protein expression inside chloroplasts 
of so-called transplastomic plants results in high 
protein yields (Bock, 2014). Plastoglobules have 
also been explored for their potential as a destina-
tion for recombinant proteins (Vidi et al., 2007). 
The proposed advantage of PG is their low density 
that would allow enriching a recombinant protein 
in PG by floatation centrifugation before proceed-
ing to protein purification. Transplastomic plants 
have been engineered to produce chimeric proteins 
of the mature form of the fibrillin PGL35/FBN1a 
fused to HIV p24 (PGL35–HIVp24) as well as 
hepatitis C virus core protein (PGL35-HCV) 
(Shanmugabalaji et al., 2013). The PGL35–
HIVp24 fusion protein partitioned between PG 
and thylakoid membranes. Targeting proteins to 
PG and thylakoids by the means of transplastomic 
fibrillin fusion proteins may be optimized in the 
future to become an effective tool in plant biotech-
nology.

Metabolic engineering in fruit and 
leaves
Several PG lipid components are vitamins (toco-
pherols and phylloquinone) or commercially 
important pigment crop traits such as lycopene 
and other carotenoids. Enzymes implicated in 
their biosynthesis and metabolism reside at the PG 
surface. It may therefore be possible to modify the 
nature and abundance of PG lipid components in 
leaves, flowers and fruit. An example of metabolic 
engineering is CCD4 in chrysanthemum flowers. 
The chrysanthemum flowers are normally white. 
The chrysanthemum ccd4 mutant of has yellow 
instead of white flowers due to the accumulation of 
lutein. The Arabidopsis ccd4 mutant has enhanced 
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carotenoid levels. Engineering or selecting crop 
varieties with reduced CCD4 activity represents a 
potential short cut to new ‘golden’ crop varieties that 
hold promise to combat xerophthalmia in develop-
ing countries. Systematic tilling of PG genes crop 
species will very likely turn up new alleles of poten-
tial commercial interest. For instance, mutants in 
the regulatory ABC1-like kinases are known to 
affect prenyl lipid levels as well as senescence. It 
may therefore be possible to identify ABC1K-like 
alleles that are enhanced for tocopherol and carot-
enoid content or feature delayed senescence and 
therefore accumulate more biomass.
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Abstract
The reversible oxidation of cysteine (Cys) residues 
is commonly used to regulate a range of cellular 
processes throughout biology. Modification of 
regulatory Cys alters protein solubility and activ-
ity and, under control conditions, ultimately 
results in the fine-tuning of processes in response 
to metabolic demands. In oxyphotosynthetic 
organisms, the reversible modification of protein 
thiols is a major mechanism for direct regulation of 
chloroplast enzymes in a light-dependent manner 
and in response to different types of stress. The 
main redox regulatory system in chloroplasts is the 
ferredoxin-dependent thioredoxin system (FTS) 
which coordinates metabolic pathways of oxygenic 
photosynthesis via thioredoxin-mediated dithiol/
disulfide (SH/S-S) transitions. NADP-linked 
thioredoxin reductase C and the glutathione/
glutaredoxin systems complement the FTS in 
maintaining redox balance under certain environ-
mental conditions.

Introduction
In chloroplasts, the coordinated activities of two 
specialized protein–pigment complexes within the 
thylakoid membrane, termed the photosystems, 
catalyse light-driven electron transfer from water 
to ferredoxin (Fdx) – a small electronegative iron–
sulfur protein in the stroma (Nelson and Ben-Shem, 
2004; Nevo et al., 2012). Reduced Fdx distributes 
reducing power to a number of metabolic pathways 
via specific interactions with enzymes functional in 
NADP+ reduction, and nitrogen and sulfur assimila-
tion (Fig. 9.1) (Hanke and Mulo, 2013). During the 
light-driven electron transfer reactions, an electro-
chemical potential difference of protons generated 

across the thylakoid membrane drives ATP syn-
thesis in the stroma (Fig. 9.1). Photosynthetically 
generated NADPH and ATP are used to produce 
sugar-phosphates, amino acids, and numerous 
other metabolites needed by the plant cell. During 
photosynthesis, a fraction of the fixed CO2 accu-
mulates transiently as starch in the stroma (Weise 
et al., 2011). At night, chloroplasts operate as het-
erotrophs, using the oxidative pentose phosphate 
pathway (OPP) to generate reducing power (in the 
form of NADPH) and mobilize starch as carbon 
source to sustain the plant until light is restored 
(Kruger and von Schaewen, 2003). Chloroplasts 
are also the site of other metabolic processes that 
include the synthesis of amino acids, lipids, and 
secondary metabolites needed for growth and sur-
vival of the plant (Lunn, 2006; Rolland et al., 2012). 
To coordinate their diverse functions, chloroplasts 
have developed sophisticated regulatory mecha-
nisms linked to the diurnal activity of the plant that 
bring about reversible changes in the redox state 
of cysteine (Cys) thiol groups of selected proteins 
(Balsera et al., 2014). In particular, thiol-disulfide 
exchange in proteins linked to light via the Fdx-
thioredoxin (Trx) system (FTS) (Fig. 9.2) acts as a 
signalling element, affecting carbohydrate metabo-
lism, nitrogen assimilation, tetrapyrrole synthesis, 
and lipid metabolism among others (Schürmann 
and Buchanan, 2008).

Photosynthesis not only provides the energy and 
reducing power – in the form of ATP and NADPH, 
respectively –to fix carbon and perform other meta-
bolic reactions, but also produces molecular oxygen 
as a by-product. As a consequence of the spatial and 
temporal concurrence of electron and energy trans-
fer reactions with photosynthetic oxygen evolution 
within the thylakoid membrane significant amounts 
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of reactive oxygen species (ROS) are produced 
(Galvez-Valdivieso and Mullineaux, 2010). Light-
dependent ROS generation in chloroplasts includes 
superoxide (O2

–), hydrogen peroxide (H2O2), and 
singlet oxygen (O2

1) molecules (Apel, 2004) (Fig. 
9.3). Because ROS participate in key signalling 
events on one hand, but may cause irreversible 
injury to proteins and membranes on the other, 
chloroplasts have developed an antioxidant protec-
tion system to control intracellular redox changes 
and ROS accumulation in response to develop-
mental and environmental changes. The system 
consists of soluble hydrophilic antioxidants – such 
as ascorbate, carotenoids and glutathione (GSH; 
g-l-glutamyl-l-cysteinylglycine) – and enzymatic 

scavenging mechanisms that include superoxide 
dismutase, ascorbate peroxidase, and catalase 
(Apel, 2004). Most amino acids in proteins are 
susceptible to ROS, but the ease of oxidation of the 
sulfur-containing amino acids, Cys and methionine 
(Met), makes them major sites for change. It has 
been found that the FTS, together with the GSH/
glutaredoxin (Grx) system, can restore the activity 
of certain enzymes following oxidative deactiva-
tion by ROS (Meyer et al., 2012; Schürmann and 
Buchanan, 2008).

The regulation of biochemical processes by light 
and dark is a distinct feature of oxygenic photosyn-
thesis of both prokaryotes and eukaryotes. Initially 
identified in the 1960s in studies on photosynthetic 

Figure 9.1 Oxygenic photosynthesis and associated metabolic processes in chloroplasts. Chloroplasts have 
the capacity to perform oxygenic photosynthesis, that is, to convert light energy into reducing power (NADPH) 
and ATP with the concomitant evolution of molecular oxygen. The photosynthetic machinery is made up of 
four protein complexes, namely photosystem II (PSII), cytochrome b6f, photosystem I (PSI) and ATP synthase, 
whose coordinated activities couple electron transport to the chemiosomotic process. Fdx acts as the central 
distributor of photosynthetically derived-electrons to different partner proteins, particularly ferredoxin–NADP 
reductase (FNR), nitrite reductase (NiR) and sulfite reductase (SR). Most of the NADPH and ATP are used in 
the CB cycle. The triose phosphates produced are either exported to the cytosol by the Pi-triose phosphate 
translocator or used within the chloroplast. A fraction of the fixed CO2 accumulates as transitory starch. During 
the day, the OPP is deactivated. The malate valve (NADP-MDH) controls the export of reducing equivalents via 
metabolic exchange during the day.
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Figure 9.2 Ferredoxin plays a central role in enzyme regulation by light-dependent redox transitions. In addition 
to its metabolic function above (also Fig. 9.1), Fdx is important in regulating numerous enzymes of chloroplasts. 
On illumination, photosynthetic electrons from Fdx are transferred to Trx via FTR. Trx, in turn, reduces target 
enzymes thereby modifying their activity.

Figure 9.3 Regulatory cysteines of chloroplast enzymes are modified by different types of oxidation/reduction 
reactions. Since molecular oxygen production and electron transport are linked in thylakoids, photosynthetic 
cells have to cope continuously with the inevitable formation of ROS. The nucleophilic side chain of Cys is 
susceptible to several types of oxidative modifications linked to ROS in addition to thiol/disulfide changes. The 
Trx and Grx systems maintain the redox state of thiols in proteins.
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carbon fixation, redox-based regulation in chloro-
plasts has been extended to form a sophisticated 
network of processes based on light and ROS 
(Buchanan, 1980; Buchanan and Balmer, 2005; 
Buchanan et al., 2012).

Oxidative Cys modifications in 
chloroplast proteins
It is well known that cells apply post-translational 
modification reactions (PTMs) in proteins to a 
variety of amino acid residues and thereby dynami-
cally regulate cellular processes and physiological 
states. Among the effective amino acid residues, 
Cys is by far the most reactive since its sulfur 
atom is nucleophilic and thus prone to oxidation, 
leading to a number of reversible and irreversible 
PTMs (Astier et al., 2011; Dalle-Donne et al., 2009; 
Klomsiri et al., 2011; Poole et al., 2004). In addition 
to serving as structural stabilizers, participating 
in catalysis and coordinating metal ions, Cys can 
function as a redox switch, thereby affecting the 
activity of enzymes and other proteins (Fomenko 
et al., 2008). However, not all Cys residues of a pro-
tein are equally sensitive to chemical modification 
(Marino and Gladyshev, 2012). The reactivity of a 
particular Cys is largely dependent on ionization 
to the thiolate anion (RS–) that is determined by a 
number of factors including its pKa, itself affected 
by the microenvironment of the thiol group in 
a protein, and solvent accessibility (Roos et al., 
2013). In chloroplasts in particular, the reversible 
oxidation of selected Cys residues in redox sensing 
protein targets has been evolutionarily exploited 
to alter function and, with that, regulate metabolic 
processes in coordination with environmental con-
ditions and needs of the cell (Balsera et al., 2014; 
Lindahl et al., 2011; Zaffagnini et al., 2012b). In 
other cases, enzymes use the reversible formation 
and breaking of disulfide bonds of Cys as part of 
their catalytic cycle.

The possibilities for the chemical modification 
of reactive Cys residues in proteins are diverse (Fig. 
9.3) (Couturier et al., 2013; Kim et al., 2015). In 
chloroplasts, the activities of specific enzymes are 
subject to regulation by reversible thiol/disulfide 
exchange reactions via the Trx system in a light-
dependent manner (Fig. 9.2) (Schürmann and 
Buchanan, 2008). Classical examples of light/
dark regulation through redox modulation include 

enzymes of the Calvin–Benson cycle (CB) and 
associated processes, such as the OPP, NADP-
dependent malate dehydrogenase (NADP-MDH), 
and the gamma-subunit of ATP-synthase. Addi-
tionally, the thiol side chain of redox sensitive Cys 
(Cys-SH) is a major target of ROS (particularly 
H2O2 and ROOH) in biological systems. The pri-
mary oxidation product of Cys by ROS is sulfenic 
acid (Cys-SOH), that can be further oxidized to 
sulfinic acid (Cys-SO2H), or react with GSH or 
other Cys residues resulting in glutathione-protein 
mixed disulfides (termed glutathionylation; 
Cys-SSG) or intra/intermolecular disulfides (Dalle-
Donne et al., 2009; Poole et al., 2004) (Fig. 9.3). 
Protein glutathionylation is reversible primarily 
through the action of the GSH/Grx system (see 
below). In chloroplasts, sulfenic acids have been 
identified in the catalytic cycle of enzymes, such 
as 2-Cys peroxiredoxin (Prx) (Hall et al., 2009). 
Sulfinic acid can undergo further oxidation to sul-
fonic acid (Cys-SO3H), or be reduced back to the 
sulfhydryl form by sulfiredoxins (Iglesias-Baena et 
al., 2010) (Fig. 9.3). The formation of sulfonic acid 
in biological systems is, however, irreversible and 
leads to protein degradation (Fig. 9.3). In undergo-
ing redox change, thiols can also covalently attach 
a nitrogen monoxide group in a reaction termed 
S-nitrosylation (Cys-SNO) (Lindermayr et al., 
2005; Lindermayr, 2009) (not shown in Fig. 9.3). 
It has been proposed that S-nitrosylation of redox 
sensitive Cys residues promotes conformational 
changes that prevent irreversible protein carbonyla-
tion triggered by ROS.

Regulation of proteins in 
chloroplasts by thiol redox 
transitions linked to thioredoxin 
and glutaredoxin
Two types of oxidoreductases, Trx and Grx, are 
largely responsible for controlling the redox state 
of Cys groups in proteins of most eukaryotes and 
many prokaryotes (Meyer et al., 2009, 2012). 
Although the two proteins are structurally similar, 
amino acid sequence and active site differences 
result in dissimilar catalytic reactions and typically 
substrate specificity (Carvalho et al., 2006).

Trxs participate in dithiol/disulfide exchange 
reactions in a manner that may result in different 
changes in individual target proteins (Meyer et al., 
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2005; Schürmann and Buchanan, 2008). Canonical 
members of the Trx family contain a common motif 
in the active site, WC(G/P)PC, with two strictly 
conserved Cys involved in a disulfide bridge that 
is maintained in the reduced state by a Trx reduc-
tase (TR) ( Jacquot et al., 2009). In chloroplasts, 
canonical Trxs link the activity of selected enzymes 
to diurnal changes. The redox-active site of Trxs is 
positioned in a structural framework that confers 
special properties to the most N-terminal Cys, 
known as catalytic Cys (Cyscat or CysN). Under 
physiological conditions, Cyscat is deprotonated 
and carries out a nucleophilic attack on the disulfide 
bond of a target protein. The ensuing mixed 
disulfide is resolved by a second Cys in Trx, called 
resolving Cys (Cysres or CysC), resulting in oxidized 
Trx and reduced target (Fig. 9.4A). Chloroplasts 
have five major types of canonical Trxs, namely Trx 
f, m, x, y and z (Chibani et al., 2009; Collin et al., 
2003; Gelhaye et al., 2005) (Fig. 9.5). Additionally, 
a number of so-called atypical Trxs are present in 
chloroplasts – a group consisting of redox-active 
proteins with a Trx-fold, but with variations in the 
canonical active site (CxxC/S) (Cain et al., 2009; 
Chibani et al., 2009). Atypical chloroplast Trxs 
include CDSP32 (chloroplast drought-induced 
protein of 32 kDa), Trx, like 2.1 (or WCRKC pro-
tein) and lilium Trx [or ACHT (atypical Cys and 
histidine rich Trx) protein], is implicated in the 
oxidative stress response.

In chloroplasts, reduction of canonical Trxs 
relies on Fdx-dependent TR (FTR), which cataly-
ses the transfer of photosynthetic electrons from 
Fdx to Trx (Fig. 9.2) (Schürmann and Buchanan, 
2008). Composed of a catalytic (FTRc) and a vari-
able subunit (FTRv), FTR is a unique enzyme that 
utilizes a 4Fe–4S centre and a redox-active disulfide 
to mediate electron transfer from a one-electron 
donor (Fdx) to a two-electron acceptor (Trx) (Dai 
et al., 2007). In eukaryotic and most prokaryotic 
cell types, as well as the cytosol and mitochondria of 
plants, Trx is reduced not by FTR, but by a flavoen-
zyme, an NADP-dependent TR (NTR) (Fig. 9.6) 
( Jacquot et al., 2009). In chloroplasts, FTR coexists 
with a third type of TR (NTRC) – a unique NTR 
present exclusively in oxyphototrophs (Serrato et 
al., 2004) (Fig. 9.5). The unique feature of NTRC 
is the presence of two distinct functional domains, 
namely an NTR and a Trx domain, fused in a single 
polypeptide chain. Because the activity of NTRC 

depends on NADPH, the enzyme can function in 
both light and dark by receiving electrons, respec-
tively, from photosynthetic electron flow or the 
OPP. Although NTRC has enzymatic activity char-
acteristic of each of its two domains, the enzyme 
reduces its own Trx and has little interaction with 
other chloroplast Trxs, thus ensuring that the plant 
is able to distinguish and differentially regulate 
diurnal and nocturnal processes (Bohrer et al., 
2012; Serrato et al., 2004). Thus, while the Fdx- and 
NADP-dependent systems can act in a complemen-
tary manner (as with the regulation of ADP-glucose 
pyrophoshorylase), they are basically independent 
of one another as seen with the CB cycle where 
the FTS serves as the primary regulator (Lepistö et 
al., 2009). NTRC plays an important role in anti-
oxidant metabolism such that chloroplasts must 
coordinate the activities of the complementary 
FTS and NTRC redox systems (Cejudo et al., 2012; 
Perez-Ruiz et al., 2006). It has been proposed that 
chloroplast proteins named CBSX1 and CBSX2, 
with a cystathionine b-synthase (CBS) domain, can 
modify Trx activities (Yoo et al., 2011). However, 
details of the mechanism responsible and the effect 
on Trx redox state are scanty.

The Grx system confers additional reducing 
capacity in chloroplasts, namely, in deglutath-
ionylation and in the assembly of iron–sulfur 
clusters in appropriate proteins (Couturier et 
al., 2011; Rouhier et al., 2007, 2008). Grxs con-
tain a specific catalytic motif CxxC/S and are 
grouped in different classes based on amino acid 
sequences (Couturier et al., 2009a). Chloroplasts 
contain representatives of class I Grxs (GrxS12 
and GrxC5) and class II (GrxS14 and GrxS16). 
Class I Grxs are dependent on GSH and typi-
cally follow a monothiol mechanism for target 
deglutathionylation (Fig. 9.4B). The monothiol 
mechanism involves the glutathionylation of 
the most N-terminal Cys in Grxs (Cyscat) upon 
reduction of a GSH-target protein adduct. Glu-
tathionylated Cys is resolved by a second GSH 
that results in oxidized glutathione (GSSG) and 
reduced Grx; GSSG is then reduced by NADP-
dependent GSH reductase (GR) (Bandyopadhyay 
et al., 2008; Couturier et al., 2009b). Class II Grxs 
employ a dithiol mechanism – that is, a dithiol/
disulfide exchange – that involves a second Cys 
(Cysres) that competes with GSH to regenerate 
the glutathionylated Grx (Zaffagnini et al., 2008) 
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Figure 9.4 Mechanisms for reaction of thioredoxin and glutaredoxin with target proteins. Due to different 
physico-chemical redox properties, Trxs are mainly involved in protein disulfide reduction, whereas Grxs are 
primarily active in deglutathionylation reactions and Fe–S cluster assembly. (A) In illuminated chloroplasts, Trx 
is reduced by FTR. Under physiological conditions, the thiolate form of the catalytic Cys (CysN) of the CxxC 
active site initiates a nucleophilic attack on the disulfide bond in a target protein. Due to local conformational 
perturbations, the transient intermolecular disulfide formed is resolved by the resolving Cys in Trx (CysC), 
resulting in the formation of an intramolecular disulfide in Trx and the release of reduced target. (B) In Grx, 
the nucleophilic Cys of Grx forms a heterodisulfide with GSH upon reaction with the mixed disulfide of a 
glutathionylated target. Typically, a second GSH resolves the enzyme-glutathione mixed disulfide bond to 
generate the reduced Grx (e.g., GrxS12 and GrC5). GSH is kept reduced by the action of GR. (C) Some Grxs, 
such as GrxS14 and Grx3 – with the catalytic motif CxxC and CxxS, respectively – can also follow a mechanism 
in which the heterodisulfide in Grx is resolved by a second Cys (Cysres), resulting in reduced target and oxidized 
Grx. In chloroplasts, GrxS14 is believed to be reduced via FTR.
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(Fig. 9.4C). The disulfide formed between Cyscat 
and Cysres is reduced back by FTR.

The ferredoxin/thioredoxin 
system: a light-dependent redox 
mechanism regulating Calvin–
Benson cycle and associated 
enzymes in chloroplasts
The light-dependent regulatory role of Trx in chlo-
roplasts was originally uncovered by measuring the 
activity of key CB cycle enzymes of chloroplasts. 
Aside from fructose 1,6-bisphosphatase (FBPase), 

the first enzyme found to be activated by Trx 
(Buchanan et al., 1967, 1971), target enzymes were 
selected by virtue of their catalysing irreversible 
reactions. These enzymes were found to be reduc-
tively activated by light via the FTS, whereas another 
enzyme, glucose 6-phosphate dehydrogenase 
(G6PDH), an enzyme of the OPP, was reductively 
deactivated under illumination and oxidatively acti-
vated in the dark (Buchanan, 1980; Schürmann and 
Buchanan, 2008). Other chloroplast enzymes, such 
as NADP-MDH, and ATP-synthase were also light 
activated. It was found that most target enzymes in 
the stroma are activated and modulated according 

Figure 9.5 Thioredoxin redox systems of chloroplasts. (A) Inventory of canonical (f, m, x, y and z) and non-
canonical (CDSP32, like 2.1, lilium) Trxs in chloroplasts. FTR, composed of catalytic (c) and variable (v) 
subunits, transfers reducing equivalents from photoreduced Fdx to chloroplast Trxs (Fig. 9.2). The bifunctional 
NADPH-thioredoxin reductase C (NTRC) receives reducing equivalents from NADPH generated either via 
FNR in the light (or by OPP in the dark; not shown). The evidence suggests that the ferredoxin- and NADP-
dependent systems function independently of one another. Recent studies have demonstrated the existence 
of proteins in thylakoids that may participate in the transport of reducing equivalents from the stroma to the 
lumen. HCF164 contains a luminal Trx-like domain that seems to accept reducing equivalents from stromal 
Trx m via the polytopic membrane protein Ccda (cytochrome c defective A). LTO1 (lumen thiol oxidoreductase 
1) – composed of a transmembrane domain with two pair of Cys fused to a soluble Trx-like domain – has been 
localized in thylakoids, adding a new participant in regulating thiol/disulfide formation in proteins within the 
lumen. (B) Multiple protein sequence alignment of canonical chloroplast Trxs from Arabidopsis.
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to light intensity, whereas participants of the OPP 
and proteins in the lumen were active when oxi-
dized (Buchanan and Luan, 2005).

Redox regulation of Trx-linked enzymes is pos-
sible due to the presence of a pair of redox-active 
Cys residues in target proteins (Balsera et al., 2014; 
Schürmann and Buchanan, 2008). No common 
principle has been found for the molecular mecha-
nisms by which redox modulates the activity of 
particular target enzymes. The reversible modifica-
tion of regulatory Cys can either alter the catalytic 
properties of the interacting enzyme, modify the 
binding of activators and inhibitors, or lead to a 
conformational change with subsequent modula-
tion of activity or protein–protein/protein–ligand 
interactions. In addition to modulating protein 
function, the reversible oxidation of Cys under 
physiological conditions serves to protect proteins 
from further oxidation. In most cases, the enzymes 
are regulated at multiple levels – change in light-
induced pH or binding of substrates or allosteric 
effectors in response to metabolic changes.

Enzymes of the CB cycle turned out to be 
highly regulated by Trx to coordinate carbon 
assimilation with the availability of CO2 and light. 
In chloroplasts, five central members of the cycle 

– Rubisco via Rubisco activase (RCA), glyceral-
dehyde-3-phosphate dehydrogenase (GAPDH), 
phosphoribulokinase (PRK), FBPase and sedohep-
tulose-1,7-bisphosphatase (SBPase) – are diurnally 
regulated by Trx. In RCA and GAPDH (Fig. 9.7A), 
C-terminal extensions harbouring two conserved 
redox-active cysteine residues act as an auto-inhib-
itory domain in the oxidized state (Fermani et al., 
2007; Portis et al., 2008; Sparla et al., 2002; Zhang 
and Portis, 1999). On the other hand, FBPase 
(Fig. 9.7C), SBPase and PRK have internal inser-
tions in their amino acid sequences that contain 
the regulatory conserved cysteines (Balsera et al., 
2013; Chiadmi et al., 1999; Dunford et al., 1998; 
Miziorko, 2000). With these enzymes, reduction 
induces conformational changes with effects on 
their activity. In other cases, reversible changes in 
the redox and activation states are accompanied 
by the formation of transient complexes. The small 
protein CP12 turned out to be a central regulatory 
element in oxygenic photosynthesis (Balsera et al., 
2014; Graciet et al., 2003; Marri et al., 2014). CP12 
is a disordered protein in solution that contains one 
or two regulatory disulfides (Pohlmeyer et al., 1996; 
Wedel et al., 1997). The formation of a disulfide pro-
motes a conformational change in the protein that 

Figure 9.6 Fdx- and NADP-dependent thioredoxin reductases. In most organisms, the intramolecular disulfide 
bond of Trx receives reducing equivalents from NADPH via a specific Trx reductase (NTR). During evolution, 
oxyphotosynthetic organisms linked the reduction of Trx to light via FTR (see Fig. 9.2). In chloroplasts, FTR 
coexists with a special type of NTR (NTRC) which has the NTR and Trx domains fused in a single polypeptide 
chain.
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Figure 9.7 Models for activation of selected regulatory enzymes by FTS. (A) Chloroplasts contain two types of 
GAPDH subunits, A and B, that differ by the presence of a C-terminal tail in the B subunit harbouring a regulatory 
Cys that undergoes reversible diurnal redox changes in response to Trx. In chloroplasts, the homotetramer A4–
GAPDH and the heterotetramer A2B2–GAPDH coexist. Structural studies have shown that in the A2B2–GAPDH 
complex, the oxidized C-terminal tail of the B subunit packs into a cleft between a pair of A/B subunits and 
occupies the catalytic site, deactivating the enzyme (left). In this conformation, a negatively charged residue 
at the C-terminus of the B subunit (–) interacts with a conserved positively charged residue of the A-subunit 
(+). On reduction by Trx, the C-terminal tail unfolds, allowing access to the catalytic site and activating the 
enzyme. (B) The oxidation of the regulatory peptide CP12 deactivates PRK and A4-GAPDH by forming a ternary 
complex (left). Complex dissociation depends mainly on the reduction of CP12 by Trx. Following dissociation, 
PRK must be further activated by reduced Trx. (C) In FBPase, the oxidation of a redox-sensitive loop involves a 
disorder-order transition that stabilizes its inactive conformation (left); following reduction, the enzyme assumes 
a conformation in which the enzyme is active. (D) In NADP-MDH, the oxidized N-terminal disulfide is inserted in 
a cleft at the subunit interface of the dimer, distorting the catalytic site; the oxidized C-terminal disulfide loops 
the extension back into the active site, inhibiting access of the substrate. On reduction the enzyme unfolds, 
allowing the substrate to access the active site.
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increases its affinity initially for GAPDH and sub-
sequently for PRK (Fermani et al., 2012; Howard et 
al., 2008; Matsumura et al., 2011; Trost et al., 2006) 
(Fig. 9.7B). The ternary complex that oxidized 
CP12 forms with PRK and GAPDH in the dark 
results in the reversible inhibition of these enzymes. 
Complex dissociation is mainly dependent on the 
reduction of CP12 by the FTS (Marri et al., 2009). 
Trx is also linked to the activation of NADP-MDH, 
a central metabolic enzyme that functions as a 
malate valve (Lemaire et al., 2005; Ocheretina et 
al., 2000). The enzyme contains N- and C-terminal 
extensions that each harbour a regulatory disulfide 
(Fig. 9.7D). The N-terminal disulfide inserts into a 
cleft at the subunit interface in the dimer, distorting 
the catalytic site. As a consequence of its disulfide, 
the C-terminal end of the enzyme is trapped inside 
the active site, acting as an internal inhibitor by 
obstructing substrate access ( Johansson et al., 
1999; Krimm et al., 1999). Chloroplast Trxs also 
influence ATP synthesis via modification of regula-
tory Cys in an insertion loop of the gamma subunit 
of ATP synthase. It seems that formation of the 
disulfide promotes a conformational change in the 
regulatory loop that directly influences rotation of 
the enzyme during catalysis (Hisabori et al., 2013; 
Samra et al., 2006). It has been proposed that the 
catalytic activity of CF1 is tightly redox-regulated 
to prevent futile ATP hydrolysis in the dark, when 
ATP synthesis is inactive. In a unique mechanism 
the formation of the regulatory disulfide of G6PDH 
activates the enzyme due to increased ability of 
substrate to access the active site and ability to bind 
NADP cofactor (Nee et al., 2014).

Owing to the sessile nature of plants, chloro-
plasts must adjust to environmental changes. To 
obtain insight into chloroplast processes regulated 
by Trx under different light conditions, Yoshida et 
al (2014) carried out a comparative study of the 
in vivo redox dynamics of several Trx-linked chlo-
roplast enzymes in Arabidopsis. They found that 
the enzymes responded to light differently. ATP 
synthase was rapidly activated, via the reduction 
of its gamma subunit, even under low-light condi-
tions, likely to enable the enzyme to function early 
on during the induction of photosynthesis (Konno 
et al., 2012; Yoshida et al., 2014). Other enzymes 
such as FBPase and SBPase were gradually reduced 
in accord with increase in light intensity (Yoshida 
et al., 2014). The authors hypothesized that this 

distinct redox behaviour might result from the 
different localization of the enzymes within the 
organelle, thus allowing efficient adaptation to the 
light environment.

Trx-redox regulation beyond the 
Calvin–Benson and oxidative 
pentose phosphate pathways
Light-dependent Trx-regulation in chloroplasts is 
not restricted to carbon fixation. It is now evident 
that this mechanism applies to the regulation of 
enzymes and proteins functional in many chloro-
plast processes (Balmer et al., 2003; Montrichard 
et al., 2009; Motohashi et al., 2001). These include 
the regulation of starch metabolism, fatty acid and 
chlorophyll synthesis, plastid gene expression and 
photosystem II (PSII) assembly and state-transi-
tions among others.

As discussed above, chloroplasts are effective 
in coordinating electron transfer reactions in thy-
lakoids with stromal enzymes functional in CO2 
fixation by the CB cycle. The phosphorylated 
intermediates formed are either exported to the 
cytosol as triose phosphates or are used within the 
chloroplast for synthesizing transient starch from 
fructose-6-phosphate formed by FBPase of the CB 
cycle. A body of evidence has shown that starch 
synthesis is controlled by light and coordinated 
with CO2 fixation (Glaring et al., 2012). The com-
mitted step of starch biosynthesis is catalysed by 
ADP-glucose pyrophosphorylase (AGPase), a het-
erotetramer composed of two large and two smaller 
subunits. The enzyme is activated by reduction of 
an intermolecular disulfide bridge between the two 
smaller subunits via FTS (Ballicora et al., 2000; 
Hendriks et al., 2003; Thormählen et al., 2013). 
The regulation of starch metabolism is, however, 
complex as the enzyme is also subject to allosteric 
regulation, being activated by the first product of 
the Calvin–Benson cycle, 3-phosphoglyceric acid 
(3-PGA), and inhibited by inorganic phosphate 
(Pi) (Hwang et al., 2005). Additionally, AGPase is 
also regulated by NTRC, thereby complementing 
the FTS in the dark when the OPP, in effect, replaces 
the CB cycle for certain reactions (Michalska et al., 
2009). There is evidence that allosteric and redox 
regulation act synergistically on AGPase to ensure 
that starch synthesis is efficiently controlled in 
the light and dark. In line with this behaviour, it 
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has recently been reported that the metabolism of 
trehalose, which influences starch accumulation in 
chloroplasts, particularly under stress conditions, is 
linked to Trx and the FTS via trehalose 6-phosphate 
phosphatase isoform D (TPPD) (Krasensky et al., 
2014). The activity of the enzyme is controlled by 
formation of an intramolecular disulfide bridge 
that leads to deactivation. TPPD is reactivated on 
reduction by Trx.

Plastids are the site of de novo fatty acid synthesis 
in plants. In chloroplasts, these reactions consume 
intermediate CB cycle products as well as photosyn-
thetically generated ATP and NADPH (Ohlrogge 
and Browse, 1995). The activity of acetyl-CoA 
carboxylase (ACCase), which catalyses the first 
committed step of fatty acid synthesis, is stimulated 
by light via FTS (Kozaki and Sasaki, 1999; Sasaki 
et al., 1997). In chloroplasts ACCase is a multi-
enzyme complex composed of four subunits: the 
biotin carboxylase, biotin carboxyl carrier protein 
and carboxyltransferase which is made up of the 
nuclear-encoded a- and the chloroplast-encoded 
b-subunits. The reversible formation of an intermo-
lecular disulfide bond between the two subunits of 
the carboxyltransferase seems to be responsible for 
the regulatory properties of the ACCase complex 
(Kozaki et al., 2001).

The biosynthesis of chlorophyll takes place in 
the chloroplast. Due to the phototoxicity of inter-
mediates of the pathway, chlorophyll synthesis 
is strictly regulated in photosynthetic cells. The 
Mg–chelatase complex is a heterotrimeric enzyme, 
composed of CHLI, CHLD and CHLH subunits, 
that catalyse the insertion of Mg2+ into proto-
porphyrin IX. The FTS was found to reductively 
activate the ATPase activity of the CHLI subunit 
(Balmer et al., 2003; Ikegami et al., 2007; Luo et 
al., 2012). In related studies, NTRC has also been 
linked to enzymes of chlorophyll synthesis (Pérez-
Ruiz et al., 2014; Richter et al., 2013). It is envisaged 
that NTRC regulates enzymatic activity during 
light/dark growth periods or temporally under 
light-limiting conditions.

In addition to regulation at the protein level, 
chloroplasts use light and redox transitions to 
control the expression of specific genes linked 
to changes in development and environment 
(Arsova et al., 2010; Rochaix, 2013; Wang et al., 
2014). The FTS has been found to participate in 
the plastid-encoded polymerase (PEP)-dependent 

expression of chloroplast genes through the 
regulation of two components of a transcriptionally 
active chromosome (TAC) complex in plastids – 
namely fructokinase-like proteins 1 and 2 (FLN1 
and FLN2) (Arsova et al., 2010). In another 
experimental approach, AtECB1 (Arabidopsis early 
chloroplast biogenesis 1) protein was identified as 
a regulator of PEP-dependent expression (Yua et 
al., 2014). Interestingly, AtECB1 has an SxxC motif 
in a predicted Trx-like fold; in vitro experiments 
suggested that the protein has disulfide reductase 
activity. A putative interaction with Trx z led the 
authors to propose a role for Trx in signalling (Yua 
et al., 2014). However, further experiments are 
needed for assigning this function.

There is also evidence for a role for Trx in 
translation. Several nuclear-encoded factors have 
been found to act as redox-sensor components that 
modulate chloroplast translation via FTS (Barnes 
and Mayfield, 2003; Steiner et al., 2009). Light-
dependent reduction of regulatory disulfides in 
mRNA-binding proteins, such as RB60, RB47 and 
TBA1, has been reported to activate the translation 
of psbA and psbD mRNAs in plastids in Chla-
mydomonas (Danon and Mayfield, 1994; Fong et 
al., 2000; Kim and Mayfield, 1997; Somanchi et al., 
2005; Trebitsh et al., 2000). It has been proposed 
that NTRC also enables the regulation of plastid 
gene expression by redox transitions during the 
night (Schwarz et al., 2012).

A role for the FTS at yet another level is emerg-
ing – namely, the biogenesis of the photosynthetic 
apparatus. It has been shown that Trx plays a role 
in assisting the proper assembly of CP47 into the 
PSII core complex by modulating the redox state of 
intermolecular disulfide bridges in PSII subunits. 
The mechanism of activation is largely unknown 
and future experiments are needed to identify the 
thiol acceptors in PSII (Wang et al., 2013). Further, 
there is evidence that Trx functions in regulating 
state transition – that is, the reversible phospho-
rylation of proteins of light harvesting complex II 
(LHCII) that enables LHCII to migrate from PSII 
to photosystem I (PSI). It was found that LHCII 
kinase, STN7, is inactivated on reduction of a 
regulatory disulfide bridge by high light in a process 
mediated by FTS (Rintamäki et al., 2000; Wunder 
et al., 2013). The mechanism of regulation likely 
involves a redox-dependent conformational change 
that interferes with ATP binding by the kinase.
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During the last decade, redox-active proteins 
have also been detected in the thylakoid lumen, 
opening an area previously unexplored (Buchanan 
and Luan, 2005). Unlike their stromal counterparts, 
the luminal redox-active proteins examined so far 
are active in the oxidized state and less active when 
reduced – a change compatible with a role for light 
in regulation. Thus, while enzymes of the stroma 
recognize light by sensing reduced Fdx, those 
of the lumen appear to respond to photochemi-
cally generated oxygen. So far, the immunophilin 
FKBP13, the oxygen-evolving complex extrinsic 
subunit OE33 (or OEE1/PsbO), violaxanthin 
de-epoxidase (VDE), and plastidic type I signal 
peptidase have been identified as candidate Trx (or 
Trx-like) targets of the lumen (Gopalan et al., 2004; 
Hall et al., 2010; Midorikawa et al., 2014; Roberts et 
al., 2012). Whereas the lumen does not appear to 
contain free Trx (or Grx), recent work has revealed 
the presence of a thiol–disulfide exchange system 
in the compartment (Karamoko et al., 2013; Moto-
hashi and Hisabori, 2006). HCF164, a thylakoid 
protein containing a soluble Trx-like domain with 
redox-active Cys exposed to the lumen, has been 
proposed to act as transmembrane transducer of 
reducing equivalents from stromal Trx m via the 
polytopic membrane protein Ccda (cytochrome 
c defective A) (Motohashi and Hisabori, 2006) 
(Fig. 9.5A). Luminal targets of HCF164 are also 
surfacing, for example PsaN, a PSI protein facing 
the lumen. Further, a protein containing a vitamin 
K epoxide oxidoreductase (VKOR) domain fused 
to a lumen-exposed Trx-like domain containing 
redox-active Cys (lumen thiol oxidoreductase 1 or 
LTO1) has been localized in thylakoids (Fig. 9.5A) 
(Feng et al., 2011; Furt et al., 2010; Karamoko et 
al., 2011). The latter is proposed to introduce a 
disulfide bond into PsbO in the biogenesis of PSII.

Light/dark versus oxidative 
regulation
The chloroplast thioredoxin system is not only 
associated with diurnal regulation, it also functions 
in an oxidative type of regulation displayed by chlo-
roplast proteins that respond to ROS (Balmer et al., 
2003; Buchanan and Balmer, 2005). A number of 
Trx-linked chloroplast enzymes and other proteins 
are sensitive to low ROS concentrations. For exam-
ple, H2O2 is recognized as a potent inhibitor of 

photosynthesis, because even at low concentrations 
CO2 fixation is inhibited by more than 50% due to 
the oxidation of thiol-modulated enzymes of the 
CB cycle (Muthuramalingam et al., 2013). It has 
been found that Trx may reactivate oxidized targets 
after an oxidative event as found recently in a meth-
anogenic archaeon (Susanti et al., 2014). Rubisco 
has been detected as a primary oxidation target in 
chloroplasts (Moreno et al., 2008; Muthuramal-
ingam et al., 2013). The enzyme was identified as 
a recurrent target in Trx-affinity chromatography 
approaches, although it lacks regulatory Cys. An 
oxidative type of regulation is envisaged (Balsera 
et al., 2014). Current evidence suggests that the 
activity of several subunits of the protein import 
apparatus in chloroplasts is linked to redox by way 
of Trx in response to oxidative events (Balsera et al., 
2009, 2010).

Specificity for thioredoxin
Based on their mode of interaction, Trx target 
proteins can be categorized into two groups (Hara 
and Hisabori, 2013): (i) regulatory proteins, 
whose activity is modulated by the reversible 
oxidation of Cys in response to perturbations of 
the cellular redox state; (ii) catalytic targets, in 
which proteins undergo thiol/disulfide exchange/
disulfide bond formation during a catalytic cycle, 
such as antioxidant enzymes Prx and Met sul-
foxide reductase (MSR). Because of the diversity 
of types of Trx in chloroplasts, the specific role 
of each isoform has been under investigation. 
Except for Trx f, evolutionary studies indicate 
that chloroplasts inherited their suite of canonical 
Trxs from cyanobacteria, the putative ancestors of 
plant chloroplasts (Balsera et al., 2014; Hartman 
et al., 1990; Lemaire et al., 2007; Sahrawy et al., 
1996). The Trx f gene was likely acquired from the 
eukaryotic host after the endosymbiotic event. 
The reductant for canonical plastid Trxs seems to 
be FTR, although the reduction of Trx z remains 
controversial (Bohrer et al., 2012; Schürmann and 
Buchanan, 2008). Whereas some experiments 
link Trx z directly to the reduction of FTR, others 
suggest that different plastid Trxs are able to 
reduce Trx z, at least in vitro (Bohrer et al., 2012; 
Chibani et al., 2011).

The high similarity in their protein sequences 
(Fig. 9.5B) suggests some degree of functional 
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redundancy among the different chloroplast Trx 
isoforms. Over the years, the specific role of each 
Trx has been addressed. The conclusions from a 
number of studies indicate that Trxs f and m are 
involved mainly in the light-dependent regulation 
of chloroplast enzymes, whereas Trxs x and y serve 
as a reductant for enzymes performing antioxidant 
functions. Trx z participates in the redox regulation 
of plastid gene expression (Arsova et al., 2010; 
Schröter et al., 2010) while NTRC plays a key role 
in antioxidant metabolism as well as in chloroplast 
processes still being explored. The mechanism by 
which Trxs recognize individual target proteins is 
still largely unknown. A combination of specific 
structural recognition motifs such as surface charge 
plus subcellular localization and expression patterns 
seem to be key in this regard (Collin et al., 2003; 
Michelet et al., 2005; Schürmann and Buchanan, 
2008; Yoshida et al., 2015).

Several reports suggest that Trxs f and m have 
distinct non-overlapping functions in plants. Likely, 
Trx f became more specific for a regulatory role as 
chloroplasts developed after the endosymbiotic 
event – i.e. when the regulation of FBPase, SBPase, 
Rubisco activase and AGPase was linked to light 
(Balsera et al., 2013; Schürmann and Buchanan, 
2008). Whereas most plants contain a single Trx 
f gene, some species such as Arabidopsis have two 
Trx f isoforms, Trx f1 and f2, likely as the result 
of a recent gene duplication event (Meyer et al., 
2005). Trx f seems to be most effective in regulat-
ing enzymes of CO2 fixation via the CB cycle in 
chloroplasts, a function that is more restricted 
in cyanobacteria. Due to its eukaryotic origin, 
cyanobacteria lack Trx f, dictating that Trx m and 
possibly other Trxs fills a major regulatory role 
(Balsera et al., 2014). Loss of function of Trx f1 in 
Arabidopsis was found to impair light activation of 
ADP-glucose pyrophosphorylase (Thormählen et 
al., 2013), while overexpression of the enzyme in 
tobacco chloroplasts resulted in excessive starch 
accumulation (Sanz-Barrio et al., 2013). Surpris-
ingly, the overexpression of Trx f in tobacco had no 
significant effect on photosynthesis or growth (Rey 
et al., 2013). Similar findings have been reported in 
Arabidopsis and pea (Luo et al., 2012; Thormählen 
et al., 2013).

By contrast, changes in photosynthetic activity 
and oxidative stress tolerance have been detected 
in tobacco plants overexpressing Trx m (Rey et al., 

2013). These plants, however, failed to show sig-
nificant change in starch content. Recent evidence 
suggests that Trx m acts in a broader range of physi-
ological functions than Trx f (Rey et al., 2013). Trx 
m is the only type common to all oxyphotosyn-
thetic organisms. During evolution, the number of 
Trx m isoforms was expanded in plants: Arabidopsis 
contains four isoforms of Trx m (Trx m1, m2, m3 
and m4) and tomato two (Trx m1 and m2/m4). 
Trx m3 – not common to all plants – has unique 
properties (Benitez-Alfonso and Jackson, 2009; 
Collin et al., 2003). In Arabidopsis, the predomi-
nant expression of Trx m3 in non-green plastids has 
been related to a putative role in the redox regula-
tion of symplastic protein trafficking and meristem 
development (Benitez-Alfonso and Jackson, 2009). 
Structurally similar, Trx m1, m2 and m4 have been 
found to be peripherally associated with the thyla-
koid membrane at the stromal side in chloroplasts 
(Friso et al., 2004; Peltier et al., 2002). No obvious 
phenotype was observed in Arabidopsis plants lack-
ing Trx m1 or m4, and functional compensation 
for the three isoforms has been suggested (Collin 
et al., 2003; Laugier et al., 2013; Wang et al., 2013). 
There is, however, evidence that Trx m4 functions 
in cyclic electron transport (Courteille et al., 2013) 
and that the knock-down of Trx m in rice resulted 
in abnormal chloroplast development and impaired 
growth (Chi et al., 2008). It has been argued that 
this discrepancy might originate from the fact that 
Trx m isoforms fulfil redundant functions in Arabi-
dopsis, but not in rice.

Trxs x and y mainly serve as electron donors 
to catalytic targets. In particular, Trx x is an effec-
tive reductant for 2 Cys-Prx (Collin et al., 2003), 
and Trx y reduces Q-type Prxs (Prx-Q) and type 
II Prxs (Prx II) (Collin et al., 2004; Navrot et 
al., 2006). Prxs are thiol-based peroxidases that 
detoxify hydrogen and organic peroxides (Dietz, 
2011; Lamkemeyer et al., 2006). Their catalytic 
mechanism involves the oxidation of a Cyscat (or 
peroxidatic Cys) by hydroperoxides to sulfenic 
acid. Depending on the type of Prx, the enzyme is 
regenerated to its reduced state by the Trx or GSH/
Grx systems (Zaffagnini et al., 2008). For the 2-Cys 
Prx class, sulfenic acid is reduced via the forma-
tion of an intermolecular disulfide bridge using a 
resolving Cys found on another subunit, whereas in 
Prx-Q the resolving Cys is located on the same sub-
unit and forms an intramolecular disulfide bridge 
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(Rouhier and Jacquot, 2002). Trx-y also functions 
as electron donor to plastid MSR with two redox 
active Cys, like MSRB2 and MSRA4 (Laugier et al., 
2013).

Trx z has unique structural properties (Bohrer 
et al., 2012; Chibani et al., 2011). Although Trx 
z has been implicated in the redox regulation of 
PEP-dependent gene expression (Arsova et al., 
2010), recent studies suggest that the redox activ-
ity of thioredoxin z and FLN1 are dispensable for 
the autotrophic growth of Arabidopsis (Wimmel-
bacher and Börnke, 2014). It has been proposed 
that the redox activity might only play a role in the 
fine tuning of PEP function (Wimmelbacher and 
Börnke, 2014).

Certain plastid Trxs have more specialized func-
tions such as CDSP32, an atypical Trx involved in 
the oxidative stress response during environmental 
constraints (Broin et al., 2002; Rey et al., 2005). 
CDSP32 is unusual in being able to directly reduce 
sulfenic acid, a property not shared with any other 
chloroplast Trx. Proteins targeted by CDSP32 
include two Prxs (Q and type II), and 1-Cys MSR 
type B. Trx like2.1, which shows Grx-like activity 
serves as a reductant for plastid thiol peroxidases 
and MSRs, employing a single cysteine residue 
for catalysis in an unusual mechanism involving 
glutathionylation of Cyscat and subsequent regen-
eration of the sulfhydryl bond by the NADPH/
GR/GSH reducing system (Chibani et al., 2012). 
Lilium Trx is mainly associated with thylakoids, 
where it seems to function as an oxidative sensor 
(Dangoor et al., 2009, 2012). Together with 2-Cys 
Prx, lilium Trx regulates photosynthetic electron 
transport by oxidative feedback in response to illu-
mination of dark-adapted plants at low to moderate 
light intensity.

A unique type of Trx is found in NTRC. Here, 
reducing equivalents from NADPH are transferred 
to NTR and then directly to a fused Trx that, in 
turn, reduces selected target enzymes (Bohrer et 
al., 2012; Lee et al., 2012; Perez-Ruiz et al., 2006). 
NTRC turns out to be a highly efficient electron 
donor to 2Cys-Prx (Kirchsteiger et al., 2009; Moon 
et al., 2006). In addition to its role in oxidative stress, 
NTRC has been implicated in the redox control of 
chloroplast processes, including starch synthesis, 
chlorophyll metabolism, and aromatic amino acid 
biosynthesis (Cejudo et al., 2012; Michalska et al., 
2009; Pérez-Ruiz et al., 2014; Richter et al., 2013). 

Loss of NTRC function in Arabidopsis resulted 
in a pale phenotype, impaired photosynthesis 
and increased sensitivity to oxidative stress, high 
temperature and prolonged darkness (Chae et al., 
2013; Lepistö et al., 2009; Perez-Ruiz et al., 2006). 
On the other hand, overexpression of wild-type 
NTRC promoted growth by increasing leaf size and 
biomass yield of the rosettes (Toivola et al., 2013).

Regulation by glutathionylation
The reversible modification of proteinaceous Cys 
by GSH (glutathionylation) has emerged as a 
complementary mechanism of redox regulation 
in chloroplasts (Rouhier et al., 2008; Zaffagnini et 
al., 2012b). Glutathionylation reactions have been 
implicated in protection of proteins against Cys 
over-oxidation, regulation and redox signalling 
(Dalle-Donne et al., 2009; Zaffagnini et al., 2012c).

GSH is the predominant non-protein thiol in 
chloroplasts (Noctor et al., 2012). Either prompted 
by ROS or as a mandatory step of the catalytic 
cycle, GSH can react with susceptible Cys in pro-
teins, resulting in the formation of a mixed disulfide 
bridge. Subsequent deglutathionylation involves 
the participation of Grxs (Fig. 9.4B and C). One of 
the targets modulated by glutathionylation is Trx 
f (Michelet et al., 2005). This feature is made pos-
sible by the presence of a surface-accessible ‘third’ 
Cys, outside the CxxC active site. It was found that 
glutathionylated Trx f is not efficiently reduced by 
FTR, and, consequently, its capacity to activate CB 
enzymes by light was decreased (Michelet et al., 
2005).

Other glutathionylated chloroplast enzymes tar-
geted by Grx include PRK and GAPDH isoform A. 
It has been proposed that glutathionylation accom-
panying the oxidation of PRK is a major mode 
for regulating the enzyme under oxidative stress 
(Rouhier et al., 2005; Zaffagnini et al., 2012a). 
GAPDH isoform A, a Trx-independent isoform 
of GAPDH, was found to be inhibited by glutath-
ionylation (Zaffagnini et al., 2007, 2008). Several 
studies support the possibility that the activity 
of CB cycle enzymes decreases due to glutathio-
nylation under oxidative stress, thus constituting 
a mechanism for down-regulating carbohydrate 
metabolism in plants. Recently, the putative regu-
lation of chloroplast fatty acid synthesis has been 
linked to glutathionylation. Proteomic studies 



Redox Regulation in Chloroplasts | 201

have provided evidence for glutathionylation of 
biotin carboxyl carrier and biotin carboxylase – the 
Trx-independent subunits of ACCase (Dixon et 
al., 2005; Michelet et al., 2008). In short, glutath-
ionylation reactions seem to play an active role in 
the redox regulatory network of chloroplasts by 
modulating of the activity of signalling proteins, 
protecting metabolic enzymes and regenerating 
the activity of stress-specific enzymes, particularly 
during an oxidative event.

Conclusions
Plants have evolved regulatory mechanisms to coor-
dinate chloroplast activities with the diurnal cycle. 
One way this mode of regulation is achieved is with 
redox-active Cys that enable the modification of 
selected enzymes in direct response to light and 
dark via the FTS. The reversible oxidation of Cys is 
used to stabilize proteins in their active (or inactive) 
conformation, to modify the catalytic properties of 
enzymes or promote protein–protein associations. 
The Trx regulation of chloroplast enzymes is further 
refined by fine-tuning mechanisms through inter-
mediary metabolites or ATP/ADP and NADPH/
NADP ratios, enabling cellular reactions to proceed 
efficiently in a highly controlled fashion. Moreover, 
because plants have to cope with environmental 
fluctuations that can compromise metabolism as 
well as growth and development, redox-based regu-
lation was extended to dynamically change proteins 
in response to oxidative stress. ROS-mediated Cys 
oxidation activates antioxidant enzymes, such as 
Prxs, or decreases the activity of enzymes linked to 
carbon fixation or ATP utilization. The capability to 
coordinate biochemical processes with the diurnal 
cycle and in response to oxidative stress was likely 
critical to the evolutionary development of oxy-
genic photosynthesis.

Future trends
Our understanding of the redox signalling pathways 
functional in chloroplasts has greatly increased in 
past few years, thereby opening new opportunities 
for manipulating photosynthesis, particularly under 
variable environmental conditions. However, the 
function of the Trx system has been studied mainly 
in in vitro experiments, most recently in Arabidopsis. 
More in-depth in vivo studies should be undertaken 

and include plants of agronomic interest. A com-
parative study of the proteins showing oxidative 
cysteine modification, including specificity of 
the type and sites of modification remains to be 
undertaken. It would be of interest to elucidate, at 
the structural level, the redox-based modifications 
relevant for protective and signalling purposes 
under normal conditions and under different types 
of stress, including oxidative stress. This would 
include describing the extent of thiol oxidation 
and how the different oxidative modifications are 
coordinated in response to various stimuli. Finally, 
recent evidence that manipulation of the expres-
sion level of selected components of the Trx system 
in chloroplasts enhances biomass yield should be 
extended with obvious implications for agriculture 
and bioenergy production. In particular, under-
standing the mechanisms by which modified plants 
accumulate increased levels of starch deserves fur-
ther investigation.
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Abstract
Plastids are the hallmark organelles of all photosyn-
thetic eukaryotes and are the site of major anabolic 
pathways. Metabolic pathways within chloroplasts 
are highly connected with pathways occurring in 
the surrounding cytosol and in other organelles, 
which mandates a massive flux of organic solutes 
across the chloroplast envelope membranes. In 
addition, inorganic ions, taken up by the roots 
and transported to the other plant organs, have 
to be distributed within the cell to the different 
organelles, including plastids. Hence, a plethora of 
metabolite and ion transport systems that mediate 
these fluxes are found in plastids. During the evolu-
tion of chloroplasts from a cyanobacterial ancestor, 
the majority of the chloroplast envelope membrane 
transporters were recruited from the pre-existing 
repertoire of host transporters whilst only few are 
of cyanobacterial provenance. We will review the 
current knowledge on chloroplast metabolite and 
ion transporters from an evolutionary perspective 
and for some discuss their physiological functions.

Introduction
A specific feature of all photosynthetic eukaryotic 
cells, in contrast to primary non-photosynthetic 
eukaryotes, is that they contain plastids, which are 
semi-autonomous organelles of endosymbiotic 
origin (Reyes-Prieto et al., 2007). Plastids play 
essential roles in plants since they represent the sites 
of photosynthesis and a multitude of other essential 
metabolic routes. They provide, for example, the 
building blocks for a wide variety of primary and 
secondary metabolites as well as phytohormones. 
Moreover, plastids play an essential role in plant 
nitrogen and sulfur assimilation. The compounds 

synthesized in plastids can be either downstream 
products of photoassimilates, e.g. phosphorylated 
sugars, fatty acids, amino acids and nucleotides, 
or are derived from chloroplast components, e.g. 
membrane lipids or pigments that are backbones 
for vitamins and plant hormones such as oxylipins 
and abscisic acid. Fixed carbon, nitrogen and sulfur 
in the form of sugar phosphates, amino acids, fatty 
acids, nucleotides and phytohormones are essential 
for other organelles, and thus have to be exported. 
At the same extent as the chloroplast provides sub-
strates to the rest of the cell, it also relies on import 
of metabolites to fuel several plastid biosynthesis 
pathways which are dependent on precursors from 
the cytosol. Pyruvate uptake for instance is crucial 
for fatty acid, terpenoid, and branched-chain amino 
acid biosynthesis (Furumoto et al., 2011), while 
glucose-6-phosphate imported into non-green plas-
tids is the substrate for starch biosynthesis and the 
oxidative pentose phosphate pathway (Niwiadom-
ski et al., 2005). In addition, several biochemical 
pathways involve coordinated catalytic steps in dif-
ferent organelles. One prominent example is the 
photorespiration pathway, which is split between 
chloroplasts, peroxisomes, and mitochondria (see 
below). For this integration of plastids into the 
cell, plastid metabolism is intertwined with that 
of the surrounding cytosol and the other cellular 
compartments, which causes considerable traffic 
of metabolites across the plastid envelope mem-
branes (Weber, 2004; Weber and Fischer, 2007). 
Moreover, plastids have to take up several inorganic 
cations and anions, which are important for pho-
tosynthesis and other processes within plastids. 
Since most of these small inorganic and organic 
molecules are charged or polar and hence cannot 
pass the envelope membrane by passive diffusion, 
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various transporters are required to enable their 
directional transport across the plastid membranes. 
Understanding metabolite transport between 
plastid and cytosol is thus of crucial importance 
for understanding plant metabolism (Weber, 2004; 
Weber and Fischer, 2007).

Plastids of higher plants are bounded by two 
concentric membranes, the inner and outer plastid 
envelope membranes. Transport across the outer 
envelope membrane is enabled by a set of β-barrel 
proteins (e.g. OEP16, 21, 23, 24, and 37) that form 
pores that are cation or anion selective and in some 
cases are regulated by metabolites (Bölter and Soll, 

2001; Goetze et al., 2015). The role the outer enve-
lope membrane and its pores play in the regulation 
of transport into and out of plastids has been inten-
sively discussed and the interested reader is referred 
to Flügge (2000) and Soll et al. (2000) for an 
overview. The transport across the inner envelope, 
in contrast, is catalysed by a large set of α-helical 
membrane transporters, which are highly specific 
for their substrates (Fischer, 2011). Based on in 
silico analyses and data from proteomics projects 
the ‘permeome’ of the inner envelope membrane of 
higher plants has been predicted to comprise about 
150 different transporters (Weber et al., 2005). Up 
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to now, about 40 of these transporters have been 
analysed at the molecular level and have an ascribed 
physiological function (Figs. 10.1 and 10.2 and 
Table 10.1).

Because a number of excellent reviews about 
various aspects of plastid transport were published 
in the last years (e.g. Weber and Fischer, 2007; 
2009; Facchinelli and Weber, 2011; Fischer, 2011; 
Rolland et al., 2012) here we will discuss only the 
most recent progress in understanding the meta-
bolic connections between plastid and cytosol. In 
particular, we will focus on three different topics:

1 the endosymbiotic origin and evolution of 
plastids and the role plastid transporters have 
played in these processes;

2 the structure and function of some recently 
identified and characterized organic metabo-
lite transporters;

3 the importance of different transport systems 
for inorganic ions.

We will mainly discuss transporters from flowering 
plants, especially Arabidopsis thaliana, and focus 
on their physiological and biochemical functions, 

i.e. their functions in the context of the cellular 
metabolism.

Establishment of endosymbiosis 
and the role of transporters

Plastids evolved from cyanobacteria
Since the ground-breaking publication by Mere-
schkowsky (1905; for an English translation 
see: Martin and Kowallik, 1999), who suggested 
that the chloroplasts of plant cells evolved from 
cyanobacteria, the ‘endosymbiont’ theory is now 
generally accepted (Margulis, 1971; Bhattacharya 
et al., 2004). The endosymbiont theory states that 
a primitive eukaryotic cell that already contained 
mitochondria and other cellular compartments 
took up a photosynthetic cyanobacterium that 
eventually evolved into a novel organelle, the 
plastid, bounded by two envelope membranes, a 
process now called primary endosymbiosis (Reyes-
Prieto et al., 2007). This endosymbiont-containing 
‘protoalga’ gave rise to the Archaeplastida, i.e. the 
three photosynthetic eukaryotic lineages contain-
ing primary plastids: red and green algae (including 
land plants), and the glaucophytes (Bhattacharya et 
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plants. Only transporters which were characterized at the molecular level are shown. All names of transporters 
refer to the proteins in Arabidopsis thaliana. The origin of the transporters is indicated by a colour code. Blue, 
Host cell; green, cyanobacterium; pink, horizontal gene transfer; black, unknown.



Fischer et al.212 |

al., 2004). Additional photosynthetic eukaryotes 
evolved through higher order endosymbiosis in 
which either a red or green alga, or protists contain-
ing plastids of secondary endosymbiotic origin, 
were engulfed by other eukaryotic cells. These 
new endosymbionts were subsequently reduced 
to secondary or higher order plastids, which, in 
contrast to primary plastids, are enveloped by three 
to four membranes (Gibbs, 1978; Cavalier-Smith, 
2000; Yoon et al., 2002; Weber and Fischer, 2009). 

The plastid envelope membranes are thus relics of 
the evolutionary origin of plastids: the first, inner-
most envelope membrane has evolved from the 
cyanobacterial plasma membrane while the second 
envelope membrane (i.e. the outer membrane of 
primary plastids) has a chimeric origin, being rem-
nant of both the cyanobacterial outer membrane 
and a host membrane derived from the endomem-
brane system (Cavalier-Smith 2000, 2003). In 
secondary plastids, the third membrane is derived 

Table 10.1 Transporters of the inner envelope membrane of plastids from higher plants. Only transporters 
discussed in the text are included. HGT, Horizontal gene transfer
Name Activity Substrates Gene ID Ocurrence Origin Identification

PLGG1 Plastid glycollate/
glycerate transporter 1

Glycollate, 
Glycerate

At1g32080 Plants, 
Bacteria

HGT Co-expression 
analysis

PHT4.2 Phosphate transporter (Na+)-PO4
2– At2g38060 Eukaryotes Host cell Sequence 

homology
PHT4.3 Phosphate transporter (Na+)-PO4

2– At3g46980 Eukaryotes Host cell Sequence 
homology

PHT4.5 Phosphate transporter (Na+)-PO4
2– At5g20380 Eukaryotes Host cell Sequence 

homology
PHT4.4 Phosphate transporter (Na+)-PO4

2–

Ascorbate
At4g00370 Eukaryotes Host cell Sequence 

homology
BT1 Brittle 1 protein (Zea 

mays)
ADP-Glucose, 
AMP

BT016796 Eukaryotes Host cell Forward 
genetics

BT1 Brittle 1 protein ATP, ADP, AMP At4g32400 Eukaryotes Host cell Sequence 
homology

PLUTO Plastid nucleobase 
transporter

Adenine, Guanine, 
Uracil

At5g03555 Eukaryotes
Prokaryotes

Unknown Sequence 
homology

EDS5 Enhanced disease 
susceptibility 5

Salicylic acid At4g39030 Eukaryotes
Prokaryotes

Unknown Forward 
genetic screen

G3Pp4 G3P permease 4 Glycerol-3-P At4g17550 Plants, 
Bacteria

Unknown Sequence 
homology

KEA1 K+ efflux antiporter 1 K+/H+ At1g01790 Plants, 
Bacteria

Unknown Sequence 
homology

KEA2 K+ efflux antiporter 2 K+/H+ At4g00630 Plants, 
Bacteria

Unknown Sequence 
homology

NHD1 Na+/H+ antiporter D Na+/H+ At3g19490 Plants, 
Bacteria

HGT Sequence 
homology

PIC1 Permease in 
chloroplasts 1

Fe2+/H+ At2g15290 Plants Cyanobacterium Sequence 
homology

MAR1 Multiple antibiotic 
resistance 1

Fe2+, antibiotics At5g26820 Plants Unknown Forward 
genetic screen

Mfl1 MitoFerrinlike1 Fe2+ At5g42130 Eukaryotes Unknown Sequence 
homology

HMA1 Heavy metal ATPase 1 Cu2+, Zn2+, Co2+, 
Ca2+, Cd2+

At4g37270 Plants
Chlamydia

HGT Proteomics

PAA1 Copper P-type ATPase Cu2+ At4g33520 Plants, 
Bacteria

Cyanobacterium Forward 
genetics
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from the plasma membrane of the eukaryotic endo-
symbiont while the fourth membrane (if existing), 
is (in many cases) continuous with the endomem-
brane system of the host (Stork et al., 2013).

Extensive phylogenetic and phylogenomic work 
in the last decade showed that the plastids of the 
Archaeplastida are of monophyletic origin, that is, 
they can be traced back to a single endosymbiotic 
event (Reyes-Prieto et al., 2007; Price et al., 2012). 
This work also revealed a molecular timeline for the 
origin of the photosynthetic eukaryotes, with the 
primary endosymbiotic event having taken place 
about 1.6 billion years ago (BYA), followed by the 
split into red algae, green algae and glaucophytes 
between 1.6 and 1.5 BYA. The secondary endo-
symbiosis involving a red alga occurred about 1.3 
BYA (Yoon et al., 2004). Thus, these data support 
an ancient origin of photosynthetic eukaryotes, i.e. 
next to the origin of eukaryotes. The transformation 
of the bacterial endosymbiont to a bona fide cellular 
organelle was driven by several processes, namely:

a The loss of the bacterial cell wall in red and 
green algae and their descendants. Only the 
glaucophytes maintained a peptidoglycan 
layer between the plastid envelope membranes 
(Pfanzagl et al., 1996).

b The reduction of the former bacterial genome 
by about 95%, achieved by outright gene losses 
and a massive transfer of genes into the nuclear 
genome of the host cell, a process called endo-
symbiotic gene transfer (EGT) (Leister, 2003; 
Qiu et al., 2013).

c The establishment of a sophisticated protein 
import apparatus in both envelope membranes 
that permits the specific and efficient uptake of 
now nuclear encoded proteins, which are tar-
geted to plastids as their final location. In fact, 
the majority of plastid proteins is encoded on 
the nuclear genome and post-translationally 
imported into plastids (Soll and Schleiff, 2004; 
Gutensohn et al., 2006).

d The rebuilding of the membranes surrounding 
the endosymbiont, i.e. the transformation of 
bacterial membranes facing the environment 
into organellar membranes facing the cytosol, 
achieved by the loss of many bacterial trans-
porters and the integration of new transport 
systems.

Metabolite transporters played an 
important role in the establishment of 
the endosymbiosis
The importance of EGT and protein import for 
the evolution of the endosymbiotic relationship 
is extensively discussed in the literature (e.g. 
Bhattacharya et al., 2007; Archibald, 2009). Both 
processes enabled the host cell to get the endos-
ymbiont under control, i.e. to adapt division of the 
endosymbiont to the host cell cycle and to change 
and control the metabolism of the endosymbiont. 
Finally, the former bacterium completely lost the 
ability to survive without its host preventing the 
‘escape’ of the endosymbiont. However, the role of 
transporters in this process has been ignored for a 
long time but came into focus in the last two dec-
ades. It has been proposed that the integration of 
new transporters was a critical and very early step in 
plastid evolution (Cavalier-Smith, 2000) based on 
the following arguments:

1 The merger of two free-living organisms 
required the integration and coordination of 
two previously independent metabolic enti-
ties, in this case a photoautotrophic primary 
producer and a heterotrophic organism. The 
stabilization of this relationship would require 
an ‘immediate’ benefit for (at least) one or both 
of the partners, otherwise the endosymbiont 
would have been lost again.

2 The host cell derives benefits from the comple-
mentation or extension of its limited metabolic 
capabilities by the biochemical versatility of 
the endosymbiont (Nowack and Melkonian, 
2010). In the case of plastids, the endosym-
biont introduced the capacity for oxygenic 
photosynthesis into eukaryotic cells, a process 
that converted a heterotrophic eukaryotic cell 
into a photoautotrophic organism.

3 To benefit from photosynthesis, the host cell 
somehow must have been able to tap into the 
cyanobacterial carbon pool, i.e. into the prod-
ucts of photosynthetic carbon fixation. This 
had to be achieved in a controlled manner to 
guarantee survival of the newly obtained orga-
nelle.

4 Since contemporary cyanobacterial genomes 
(and most likely also those of the cyanobac-
terial ancestor of chloroplasts) do not encode 
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for transporters that permit the export of 
Calvin cycle intermediates across their plasma 
membranes, it is likely that transporters 
exporting metabolites from the endosymbiont 
were provided by the host cell (or a third 
organism; see below).

Assuming that the presented arguments are correct, 
it can be expected that the host already owned a set 
of metabolite transporters that was (re)targeted to 
the membrane surrounding the cyanobacterium. 
What kind of transporters would that be? Insights 
gained from research on metabolite transport in 
flowering plants are very helpful in this respect. 
It is known for decades that triose phosphates 
represent the most important metabolites of the 
Calvin–Benson cycle that are exported to the 
cytosol (Flügge, 1999; Heldt, 2002). In land plants, 
the triose phosphate export is mediated by a triose 
phosphate/phosphate antiporter (TPT) (Flügge 
et al., 1989). The TPT is a member of the plastid 
phosphate translocator family (pPTs), which can 
be further divided into four subfamilies (TPT, PPT, 
GPT, XPT). The names are according to their main 
transport substrates, which are, besides triose phos-
phates, phosphoenolpyruvate (Fischer et al., 1997), 
glucose 6-phosphate (Kammerer et al., 1998) and 
xylulose 5-phosphate (Eicks et al., 2002). The pPTs 
connect the primary (and secondary) metabolism 
of plastids with that of the cytosol (for an overview 
see Flügge et al., 2003). Recent progress in genom-
ics showed that pPT proteins are not only found in 
green land plants, but in almost all photosynthetic 
eukaryotes for which genome or comprehensive 
EST information is available, including photosyn-
thetic organisms containing secondary plastids, 
such as diatoms, or non-photosynthetic parasites 
like the Apicomplexa which evolved from algae 
(with the notable exception of glaucophytes (see 
below)) (Weber et al., 2006; Brooks et al., 2010; 
Price et al., 2012). Extensive analysis of genomic 
and EST-sequence data from a broad range of organ-
isms showed that the pPTs evolved from transport 
proteins of the eukaryotic endomembrane system, 
specifically from nucleotide sugar transporters 
(NSTs) of the ER and Golgi membranes (Knappe 
et al., 2003; Weber et al., 2006). Genes encod-
ing NSTs are ubiquitously present in eukaryotic 
genomes but absent from prokaryotes. This means, 
a metabolite transporter originally residing in the 

host endomembrane system was routed to the 
bacterial plasma membrane (i.e. the plastid inner 
envelope membrane) and thus enabled the host to 
connect to the photosynthetic carbon pool of the 
endosymbiont.

The model described here proposes that nucleo-
tide sugars were the first substrates exported from 
the endosymbiont to feed the carbohydrate metab-
olism of the host cell. By analysing the starch and 
sugar metabolism of contemporary plants and algae 
Ball and co-workers (Ball et al., 2011) reconstructed 
the metabolism of the common ancestor of Archae-
plastida showing that starch synthesis originally 
occurred in the cytosol. They suggested that ADP-
glucose export defined the original metabolic flux 
by which the endosymbiont provided photosyn-
thate to its host. Recently, however, the sequencing 
of the genome of the first glaucophyte alga, Cyan-
ophora paradoxa, revealed that this species lacks 
pPT proteins but possesses instead two bacterial 
type UhpC hexose phosphate translocators which 
are closely related to proteins in chlamydiae (Price 
et al., 2012). This led to the hypothesis that a hexose 
phosphate transporter represents the first carbon 
exporter of the endosymbiont. Although the 
nature of the first transporters integrated into the 
endosymbiont membrane is still an open question, 
comprehensive analysis of the phylogeny of plastid 
envelope-localized transporters of plants and algae 
showed that most of the envelope ‘permeome’ 
evolved from pre-existing host proteins whereas 
only a small portion (< 15%) was contributed by 
the endosymbiont (Tyra et al., 2007; see Fig. 10.1). 
Most of the cyanobacterial transporters are involved 
in the transport of inorganic ions or metabolites 
of secondary metabolism while all of the plastid 
transporters involved in primary metabolism were 
derived from the host cell (Figs. 10.1 and 10.2). 
This clearly shows that integration of plastid and 
host metabolism was predominantly a host-driven 
process, a fact that corroborates the theory that the 
relationship between the cyanobacterium/plastid 
and the host cell was and is not mutualism, but 
helotism (slavery) (Cavalier-Smith, 2000).

A surprisingly large share of plastid envelope 
membrane transporters (Fig. 10.1), such as the ade-
nine nucleotide transporters (NTTs; Kampfenkel et 
al., 1995), the dicarboxylate translocators (DiTs; 
Weber et al., 1995), metal-transporting ATPases 
(Seigneurin et al., 2006), the Na+/H+ antiporter 
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(Müller et al., 2014) and the above mentioned 
UhpC transporters have their evolutionary origin 
in prokaryotic intracellular parasites (i.e. Chlamydia 
and/or Rickettsia). Indeed, a comprehensive study 
of genomes from 17 distinct plant species found 55 
genes, which have been introduced into the genome 
of the protoalga by horizontal transfer (HGT) from 
Chlamydiae (Moustafa et al., 2008). Most of these 
genes encode plastid-targeted proteins, includ-
ing transporters. The surprisingly high number of 
Chlamydia-derived genes in all plant genomes let 
to the hypothesis that a Chlamydia-type bacterium 
was directly involved in the establishment of the 
cyanobacterium–host relationship by providing 
important genes/proteins for this process (Huang 
and Gogarten, 2007; Ball et al., 2013; Facchinelli 
et al., 2013). Chlamydiae were originally identi-
fied as a group of obligate intracellular parasites of 
vertebrates, but the phylum now also comprises 
several intracellular endosymbionts of arthropods 
and protists. Although there are no contemporary 
plant-connected Chlamydiae known, it has been 
speculated that primordial – now extinct – para-
sites of plants existed once (Subtil et al., 2014). 
This essential contribution to plastid evolution of 
a third partner in an ‘ménage à trois’ would also 
explain why the successful transformation of a 
phototrophic bacterium to an organelle was such a 
rare event, considering the fact that the uptake of 
(phototrophic) bacteria by eukaryotic protists was 
and still is a very common process.

How was the early integration of 
transporters achieved?
If the theory about the early integration of one or 
more transporters into the membranes of the endo-
symbiont is correct then the question remains how 
this has been achieved without the existence of the 
canonical TOC-TIC protein import pathway found 
in all extant plastids (with the exception of the 
chromatophores of Paulinella) (Soll and Schleiff, 
2004; Gutensohn et al., 2006)? A solution to this 
problem came with the identification of an increas-
ing number of plastid proteins, which are imported 
via a second route, i.e. the import into the Endoplas-
mic Reticulum (ER) and transport within vesicles 
via the Golgi apparatus to the plastids (Kleffmann 
et al., 2004; Villarejo et al., 2005). Although there is 
an ongoing debate which of the two distinct protein 
import pathways is more ancient (Bhattacharya et 

al., 2007; Gagat et al., 2013), it is unlikely that one 
of these sophisticated processes was responsible 
for the early integration of transporters. However, 
there is mounting evidence for a direct physical 
contact of the ER membranes with the envelope 
membranes of plastids:

1 Physical contact, i.e. continuity, between plas-
tids and the ER has been shown frequently in 
light- and electron-microscopical investiga-
tions in plants and algae (e.g. Wooding and 
Northcote, 1965; Whatley et al., 1991; Kaneko 
and Keegstra, 1996).

2 A strong force (> 400 pN) of attraction 
between chloroplasts and the ER has been 
directly determined by using laser scalpels and 
optical tweezers (Andersson et al., 2007). The 
attraction is at least partially mediated through 
protein–protein interactions.

3 In an elegant experimental strategy named 
‘transorganellar complementation’ DellaPenna 
and co-workers also demonstrated a metabolic 
continuity of ER and plastids (Mehrshahi et 
al., 2013). Here, the knock down of a plastid-
localized step in the synthesis of an essential 
hydrophobic compound, e.g. tocopherol, 
was complemented by the expression of 
the corresponding enzyme in the ER. The 
complementation of the mutant phenotype 
shows that the ER localized enzyme had 
access to substrates of the plastid, which 
could be explained by the transport of the 
hydrophobic metabolites to the ER, most 
likely via the contact sites. Interestingly, similar 
contact sites between mitochondria and the 
ER have been found and intensively studied. 
These are involved in a number of processes, 
e.g. mitochondrial division and distribution 
but also biochemical processes like Ca2+ and 
phospholipid transport (Klecker et al., 2014).

Based on these data, a model of the structure of 
these contact sites has been proposed which is 
based on membrane hemifusion (Mehrshahi et al., 
2014). According to this model, the outer leaflets 
of two opposing membranes would merge into one 
chimeric leaflet, while the two inner leaflets would 
form a hemifused bilayer at the contact site. These 
structures would enable the transport of lipids but 
also other hydrophobic compounds between the 
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two organelles. It is tempting to speculate that such 
contact sites not only exist in extant plants but also 
existed in the ancestor of all eukaryotic phototrophs 
and that this contact sites were the port of entry for 
the first transporter proteins. Such an early targeting 
of host proteins has been demonstrated in several 
endosymbiotic relationships between bacteria and 
plants or insects, with the goal to enable the host 
to control and manipulate the endosymbiont. In all 
these cases, the endomembrane system of the host 
was involved in targeting (Nowack, 2014).

Newly discovered transporters 
and their functions

The first transporter involved in 
photorespiration, the glycolate/
glycerate transporter
Photorespiration is the light-dependent consump-
tion of oxygen and release of CO2 in plants, algae 
and cyanobacteria (Hagemann et al., 2013). In the 
1970s it was shown by Ogren and co-workers that 
the cause of the oxygen consumption is the oxy-
genase activity of the CO2-fixing enzyme present 
in all photosynthetic organisms, whereupon the 
enzyme was renamed ribulose 1,5-bisphosphate 
carboxylase/oxygenase (RubisCO) (Bowes et al., 
1971; Somerville, 2001). Obviously, CO2 and O2 
compete for the same binding site of the enzyme. 
Thus, under the conditions of the present atmos-
phere with a 500-fold excess of oxygen (21% versus 
0.04%) RubisCO cannot efficiently discriminate 
between both substrates. Under these conditions, 
carboxylation exceeds oxygenation by about three 
fold, i.e. for every three CO2 one O2 is assimilated. 
However, at higher CO2 concentrations (0.4–1%) 
or lower oxygen concentrations (2%) the oxyge-
nase activity of RubisCO is almost completely 
suppressed.

The transfer of O2 onto the acceptor RuBP leads 
to the production of one molecule 3-phosphoglycer-
ate (3-PGA) and one molecule 2-phosphoglycolate 
(2-PG). While 3-PGA is used in the Calvin–Benson 
cycle, 2-PG has to be removed to avoid both toxic 
effects of this metabolite and the depletion of the 
Calvin–Benson cycle. This is achieved in a series 
of eight reactions, the C2 cycle, that converts two 
2-PG into one 3-PGA and one CO2 (Bauwe et 
al., 2010). In short, 2-PG is de-phosphorylated 

in chloroplasts to glycolate, which is oxidized to 
glyoxylate and further transaminated to glycine, 
both reactions occurring in peroxisomes. After the 
uptake of glycine into mitochondria it is converted 
to serine, a reaction, which leads to the release of 
CO2 and ammonium. Both compounds are re-
assimilated in chloroplasts by the Calvin–Benson 
cycle and the glutamine synthetase/glutamate 
synthase system, respectively. Serine is transported 
back to peroxisomes where it is deaminated to 
hydroxypyruvate, which is then reduced to glycer-
ate. Glycerate is imported into chloroplasts and 
finally phosphorylated to 3-PGA. Taken together, 
the C2 cycle detoxifies 2-PG while recovering 75% 
of the carbon that is contained in 2-PG.

Photorespiration and photosynthesis are essen-
tially linked, i.e. phototrophic organisms cannot 
perform photosynthesis without functional pho-
torespiration under ambient concentrations of CO2 
and O2. This has been clearly shown by the analysis 
of mutants that display a photorespiratory pheno-
type, i.e. stunted growth and chlorotic leaves (and 
eventually plant death) at low CO2 concentrations 
but normal growth at high CO2 concentrations 
(Somerville, 2001). Forward genetics screens 
exploited this phenotype, which successfully led to 
the identification of most of the enzymes of the C2 
cycle and their corresponding genes (Somerville, 
2001).

Because the C2 cycle is distributed to three 
different organelles (chloroplasts, peroxisomes, 
mitochondria) metabolite transporters in the 
organellar membranes are crucial to connect the 
compartments and ensure an efficient metabolite 
flux through photorespiration. A comprehensive 
analysis of the compartmentalization of the C2 
cycle and of tightly associated pathways, namely 
those for recycling of ammonium, for the distribu-
tion of redox equivalents between the organelles, 
and the transport of essential coenzymes, revealed 
nine transport processes in the core cycle and up 
to 16 in the associated pathways (Eisenhut et al., 
2013). The first and only transporters identified so 
far that are involved both in ammonium fixation 
and redox shuttle are the two plastid dicarboxylate 
transporters DiT1 and DiT2 which transport the 
metabolites needed for both processes (2-oxoglu-
tarate, glutamate, malate, oxaloacetate) across the 
plastid inner envelope membrane (reviewed in, 
for example, Weber and Fischer, 2007; Eisenhut 
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et al., 2014). Only recently, the first transporter 
that is part of the core C2 cycle has been identified 
and characterized, namely the plastid glycolate/
glycerate transporter PLGG1 (Fig. 10.1) (Pick et 
al., 2013). Plastid glycolate and glycerate transport 
was initially analysed by Howitz and McCarty 
employing isolated chloroplasts and purified and 
reconstituted proteins to measure transport activi-
ties (Howitz and McCarty, 1985a,b, 1991). The 
obtained data revealed that:

1 Both substrates are transported by the same 
protein.

2 The protein has two different transport 
modes, a glycolate/glycerate antiport and a 
substrate/H+ symport, which explains how 
the transporter manages the export of two 
molecules of glycolate and the import of one 
molecule of glycerate.

However, the molecular identity of the protein and 
the corresponding gene remained elusive because 
it was not identified in the above-mentioned 
genetic screens. Instead, Pick and colleagues used 
a different strategy based on co-expression analy-
sis. This ‘guilty-by-association’ approach is based 
on the concept that genes involved in the same 
process often display similar transcription profiles. 
This phenomenon makes it feasible to identify 
candidate genes in expression databases based on 
their co-expression with genes of known function 
(Eisen et al., 1998). The Arabidopsis thaliana gene 
At1g32080 (PLGG1) was identified due to its co-
expression with almost all known photorespiratory 
genes. The encoded protein has 12 predicted mem-
brane spanning helices, thus most likely represents 
a transporter protein. The actual function of the 
protein was elucidated by the extensive analysis of 
a plgg1 T-DNA insertion mutant (Pick et al., 2013). 
First, the plgg1 mutant displayed a bona fide ‘pho-
torespiratory’ phenotype, i.e. yellow and bleached 
leaves at ambient CO2 concentrations but green 
leaves and normal growth at 0.3% CO2. Second, 
detailed comparative metabolic analyses of mutant 
and WT plants revealed an accumulation of C2 
cycle metabolites, especially glycolate and glycer-
ate, but not glyoxylate at low CO2 concentrations, 
clearly indicating a disturbance in photorespiration. 
The fact that metabolites downstream of glycolate 
(export) accumulate in the plgg1 mutant can be 

explained by a residual passive diffusion of glyco-
late and glycerate through the lipid bilayer. Third, 
both the glycerate-dependent oxygen evolution of 
isolated chloroplasts and the flux through the C2 
cycle were diminished in the mutant plants. Based 
on these data, the authors concluded that PLGG1 
represents the long sought glycolate/glycerate 
transporter of chloroplasts.

Interestingly, the PLLG1 gene had been iden-
tified before by two other groups based on its 
homology to the bacterial LrgB gene (Yang et al., 
2012) and in a screen for A. thaliana mutants with 
albino or pale green leaves (Yamaguchi et al., 2012). 
It was therefore named AtLrgB. Thorough analyses 
of the mutant leaf phenotype and the chloroplasts 
ultrastructure led to the conclusion that this gene 
is involved in chloroplast development, the regula-
tion of cell death and leaf senescence. However, as 
described above, the mutant phenotype can now be 
explained by the accumulation of toxic metabolites 
due to severe reduction of photorespiration (Pick 
et al., 2013). Nonetheless is the homology to the 
bacterial LrgB gene very interesting. LrgB and LrgA 
are encoded on the same operon in Staphylococcus 
aureus. This operon is part of a holin/antiholin 
system controlling cell death and lysis in many bac-
teria (Rice and Bales, 2008). Holins are membrane 
proteins believed to form pores in the bacterial 
plasma membranes that enable export of murein 
hydrolases. The activity of the murein hydrolases 
destabilizes the bacterial cell wall and induces cell 
lysis (Rice and Bales, 2008). Antiholins are also 
membrane proteins and somehow inhibit holin 
activity. However, the actual function at the molec-
ular level still remains unknown. Holin/antiholin 
systems are involved in processes such as the release 
of bacteriophages from infected cells, control of cell 
death and sporulation, lysis in response to oxygen 
availability and glucose concentration, and biofilm 
establishment (Rice and Bales, 2008).

In S. aureus, holins are encoded by the CidA and 
CidB genes, while LrgA and LrgB encode antiholins. 
Strikingly, the CidA/LrgA and CidB/LrgB genes 
share a considerable degree of homology and might 
have evolved from single genes (Saier and Reddy, 
2015). LrgB genes have been found in a large 
number of bacterial species but surprisingly not in 
cyanobacteria, which means that LrgB sequences 
found in plants and algae were not derived by EGT 
from the endosymbiont but by HGT from a yet 
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unknown bacterial species or from a eukaryotic 
source (Tyra et al., 2007; Yang et al., 2012). It has 
been proposed that plant PLLG1 evolved by fusion 
of the bacterial LrgA and LrgB genes, i.e. LrgA and 
LrgB encode the N-terminal and C-terminal part 
of PLLG1, respectively (Yang et al., 2012). To 
summarize, the glycolate/glycerate transporter in 
chloroplasts have evolved from a protein export 
system in bacteria after HGT and adoption of a new 
function, namely metabolite transport.

Vitamin C and nucleobase 
transporters

Vitamin C – synthesis and transport
Ascorbate (vitamin C) is an essential compound in 
a wide range of organisms including plants where 
it has multiple functions, e.g. it is involved in the 
control of cell division and plant growth, cell wall 
synthesis, regulation of gene expression and hor-
mone synthesis, and pathogen defence (Toth et al., 
2013). In chloroplasts, ascorbate is, together with 
glutathione, the major redox buffer. In the stroma, 
it participates in the enzymatic scavenging of Reac-
tive Oxygen Species (ROS) that are produced in 
the ‘Mehler reaction’ by photosystem I. ROS are 
in a first step detoxified by superoxide dismutase 
to hydrogen peroxide, which is further reduced to 
water by ascorbate peroxidase (Foyer and Noctor, 
2011). The electron donor ascorbate is thereby 
oxidized to monodehydroascorbate (MDHA) that 
disproportionates into ascorbate and dehydroascor-
bate (DHA). In the thylakoid lumen ascorbate is 
the electron donor for violaxanthin de-epoxidase 
(VDE), which converts violaxanthin to zeaxanthin. 
The latter is an important factor in non-photochem-
ical quenching (NPQ) of chlorophyll fluorescence, 
a process by which excess excitation energy is 
dissipated as heat to prevent photoinhibition of 
photosynthesis (Demmig-Adams and Adams, 
2006). Because of its numerous functions in plants, 
ascorbate is present in all cell compartments, accu-
mulating to concentrations of 20 mM or higher 
in chloroplasts and the cytosol (Zechmann et al., 
2011). In plants, ascorbate is synthesized de novo 
via three different pathways: the l-galactose path-
way (Wheeler et al., 1998), the l-gulose pathway 
(Wolucka and Van Montagu, 2003) and the myo-
inositol pathway (Lorence et al., 2004). In addition, 
in ripening fruits a fourth salvage pathway has been 

detected that starts with d-galacturonic acid, a 
product of pectin degradation (Agius et al., 2003). 
However, analysis of deletion mutants determined 
the Smirnoff–Wheeler pathway as the physiologi-
cal most relevant one (Dowdle et al., 2007). All 
pathways are located in the cytosol, with the excep-
tion of the last, common step, which is located in 
the mitochondrial inner membrane (Millar et al., 
2003). This implies the need for ascorbate transport 
systems across all internal cellular membranes but 
also across the plasma membrane for long-distance 
transport via the phloem (Franceschi and Tarlyn, 
2002).

Transport activities for ascorbate have been 
measured in the plasma membrane (reviewed in 
Horemans et al., 2000) and in isolated chloroplasts 
(Beck et al., 1983; Foyer and Lelandais, 1996) 
from different plants. Across the plasma membrane 
ascorbate and DHA transport occurs via different 
transport systems, namely facilitated diffusion, 
proton driven co-transport and an ascorbate/DHA 
antiport (Horemans et al., 2000). Uptake of ascor-
bate into chloroplasts is achieved by a low affinity 
carrier (KM ≈ 20 mM), which most likely functions 
as an ascorbate/DHA antiporter (Beck et al., 1983; 
Foyer and Lelandais, 1996). These data indicated 
that the ascorbate/DHA transport in plants differ 
from that in animals. In the latter, DHA is taken up 
by a plasma membrane localized facilitative glucose 
transporter (GLUT), that accepts both glucose 
and DHA as substrates, but not ascorbate (Vera 
et al., 1993). In contrast, the plant glucose trans-
porters analysed so far do not transport DHA (or 
ascorbate) (Beck et al., 1983; Foyer and Lelandais, 
1996). Ascorbate on the other hand is imported 
into mammalian cells by two homologous sodium-
driven ascorbate carriers (SVCT1, 2; now renamed 
SCL23A1, A2) (Daruwala et al., 1999; Tsukaguchi 
et al., 1999; May, 2011). Both proteins belong 
to the family of nucleobase-ascorbate transport-
ers (NAT), also known as the nucleobase:cation 
symporter-2 family (NCS2) or, in the newest 
nomenclature, the SLC23 family. The NAT family 
is found in all domains of life, i.e. prokaryotes, 
protists, fungi, plants and animals (de Koning and 
Diallinas, 2000). In contrast to the mammalian NAT 
proteins, those in bacteria and fungi, e.g. Aspergillus 
nidulans, transport nucleobases like xanthine, uric 
acid and, with lower capacities, other purines, but 
not ascorbate (de Koning and Diallinas, 2000).
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Families of 11–12 NAT proteins have been 
identified in Arabidopsis, rice and tomato (Maurino 
et al., 2006; Cai et al., 2014). These proteins show 
significant homology to NATs from both fungi and 
animals. All proteins analysed so far are located in 
the plasma membrane (Maurino et al., 2006; Nio-
pek-Witz et al., 2014). A first hint at the function 
of plant NAT proteins came from the analysis of a 
homologue from maize, the LPE1 protein, which 
turned out to transport the purine nucleobases xan-
thine and uric acid, but not ascorbate (Argyrou et 
al., 2001). A detailed analysis of NAT3 and NAT12 
from Arabidopsis also revealed their functions as 
nucleobase transporters, in this case for adenine, 
guanine and uracil (Niopek-Witz et al., 2014).

Thus, the molecular identity of the ascorbate 
transporters in plants has remained elusive until 
very recently when Miyaji et al. (2015) character-
ized the first ascorbate transporter in Arabidopsis, 
which belongs to the PHT4 family of phosphate 
transporters. So far, four families of inorganic phos-
phate transporters have been identified (PHT1–4). 
While PHT1 and PHT3 represent phosphate carri-
ers of plasma membranes and mitochondria, PHT2 
is located in the inner envelope membrane of plas-
tids (see Fig. 10.2; Versaw and Harrisson, 2002). 
The PHT4 family, first described in plants by Roth 
and co-workers (Roth et al., 2004), consists of six 
members (PHT4;1 to PHT4;6) in Arabidopsis, 
with five of them being located in plastids, while 
PHT4;6 is located in the Golgi (Guo et al., 2008). 
All members of the family catalyse the transport 
of phosphate and are thus involved in phosphate 
homeostasis in chloroplasts, amyloplasts and the 
Golgi (see Fig. 10.2; Guo et al., 2008; Hassler et 
al., 2012; Miyaji et al., 2015). In amyloplasts, for 
example, PHT4;2 mediates the export of excess 
phosphate that otherwise would inhibit starch syn-
thesis (Irigoyen et al., 2011). Plant PHT4 proteins 
possess substantial homology to members of the 
solute carrier family 17 (SLC17) found in animals 
and other eukaryotes. These proteins mainly reside 
in the plasma membrane, but also in endomem-
branes, especially Golgi derived vesicles (Reimer, 
2013). In animals, SLC17 represents a functionally 
diverse family of proteins that mediate the trans-
port of a wide spectrum of different organic anions 
(besides the transport of phosphate and chloride), 
e.g. glutamate (Omote et al., 2011), urate (Miyaji 
et al., 2013), sialic acid, and nucleotides (Reimer, 

2013). Substrate transport is Cl–-dependent and 
in most cases driven by the membrane potential 
∆ψ. Based on the broad substrate specificities 
of the animal transporters, Miyaji et al. (2015) 
hypothesized that members of the plant PHT4 
family might also function as organic anion trans-
porters. To prove their hypothesis, one member 
of each of the four subgroups of the PHT4 family 
from Arabidopsis (PHT4;3, 4;4, 4;5 and 4;6) was 
expressed in Escherichia coli and the transport activ-
ities of the purified proteins were measured after 
incorporation into liposomes. First, the authors 
showed that all four transporters indeed catalyse a 
Na+-dependent phosphate transport. Thus, these 
proteins represent a second sodium-driven trans-
port system in the inner envelope membranes of 
plastids, the Na+-pyruvate carrier being the other 
one (Furumoto et al., 2011). One of the proteins, 
PHT4;4, exhibited a significant ascorbate transport 
activity while the others did not. Ascorbate trans-
port activity required millimolar concentrations 
of Cl– and was triggered by a membrane potential 
but not by a proton or sodium gradient. Thus, the 
transport kinetics resembled those of the homolo-
gous mammalian transporters. Ascorbate transport 
was not inhibited by other organic anions like 
glutamate or ATP or by DHA, indicating a high 
specificity for ascorbate. To elucidate its physiologi-
cal function the authors analysed pht4;4 deletion 
mutants of Arabidopsis. The mutant plants did not 
show any visible phenotype, neither under condi-
tions of low light nor under high light when the 
antioxidant properties of ascorbate would be most 
needed. However, pht4;4 plants had a decreased 
amount of ascorbate in leaves and showed a lower 
capacity for NPQ. The lack of significant physi-
ological differences between the deletion mutants 
and wild-type plants may be due to a redundancy 
in antioxidant systems in chloroplasts and plants. 
First, PHT4;4 might represent only the high affinity 
uptake system (KM = 1.2 mM) since measurements 
on isolated chloroplasts point to the existence of an 
additional system with lower affinity (Beck et al., 
1983) which has not been identified at the molecu-
lar level. Second, other antioxidant compounds like 
glutathione might compensate for a reduction in 
the ascorbate system.

In summary, animals and plants possess differ-
ent transport systems for the transport of ascorbate 
and DHA, although surprisingly the different 
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transporter families involved are found in both 
kingdoms. In animals, ascorbate and DHA are 
transported by proteins of the NAT and glucose 
transporter families, respectively, while in plants 
ascorbate transport is catalysed by a member of the 
PHT4 family.

Nucleobase transporters are essential 
for the distribution of purines and 
pyrimidines
Purine and pyrimidine nucleobases are the defining 
part of nucleotides which themselves constitute a 
central part of the metabolism of every living cell as 
building blocks of DNA and RNA and as the ‘energy 
currency’ of the cell. Because of their importance 
for life almost all organisms (with the exception of 
some parasitic species) are able to synthesize nucle-
obases and nucleotides de novo. In addition, more 
energy efficient salvage pathways exist in which 
nucleobases are converted to their corresponding 
nucleosides and nucleotides. The enormous impor-
tance of these compounds is also reflected by the 
large number of transporters responsible for their 
distribution within and between cells. The Arabi-
dopsis genome, for example, encodes for 49 proteins 
that are capable of transporting nucleobases (and 
nucleosides). These belong to six different trans-
porter families (Girke et al., 2014).

In purine de novo synthesis, inosine monophos-
phate (IMP) is the first product with a complete 
purine ring. IMP is then converted to AMP, GMP 
and other nucleotides or nucleobases (Zrenner et 
al., 2006). In plants, purine biosynthesis is exclu-
sively located in plastids (Smith and Atkins, 2002), 
which implies that the resulting nucleotides have to 
be exported from plastids for use in other compart-
ments. Although plastids possess an ATP/ADP 
transporter, this protein functions as an antiporter, 
i.e. its activity does not lead to a net transport of 
nucleotides (Reiser et al., 2004). Ten years ago, 
however, a first uniporter providing the cytosol 
and other compartments with adenine nucleotides 
(AMP, ADP, ATP) synthesized in plastids was 
identified (Leroch et al., 2005; see Fig. 10.1). This 
transporter belongs to the Brittle1 (BT1) proteins 
which are named after the Brittle-1 maize mutant 
that has kernels with a collapsed angular appear-
ance (Wentz, 1926), a phenotype that is caused by 
a severely reduced starch content in the endosperm. 
It has been shown that maize BT1 transports 

ADP-glucose (ADP-Glc), the substrate for plastid 
starch synthesis, in strict counter exchange with 
ADP (or AMP) (Kirchberger et al., 2007). This 
transport system is necessary in the endosperm of 
maize and other cereals because ADP-Glc synthesis 
takes place in the cytosol in the seed storage tissue 
of these plants. In all other mono- and dicotyledon-
ous plants, including the non-endosperm tissue 
of maize and other cereals, ADP-Glc synthesis is 
located in the plastid stroma. Here, the BT1 pro-
teins have a different physiological function, the 
above-mentioned export of adenine nucleotides. 
This is a striking finding because it means that these 
closely related transporters not only have different 
substrate specificities but also show different trans-
port mechanisms (uniport versus antiport).

In contrast to purine biosynthesis, the pyrimi-
dine synthesis in plants is distributed to three 
different compartments. While the first two steps 
occur in plastids, the remaining reactions are 
located in mitochondria and the cytosol (Witz et 
al., 2012). The last step forming uridine monophos-
phate (UMP) occurs in the cytosol. In contrast, the 
salvage pathway for pyrimidine nucleotides, i.e. the 
conversion of the pyrimidine nucleobases to their 
corresponding nucleotides, is located in plastids 
(Mainguet et al., 2009). Based on the compart-
mentation of these pathways, Witz et al. (2012) 
proposed a model where UMP in the cytosol is 
hydrolysed to uracil, which is then taken up by 
plastids where it serves as substrate for pyrimidine 
nucleotide synthesis. To confirm their hypothesis 
the authors first showed that isolated plastids from 
Cauliflower indeed possess an uptake system for 
uracil. The uracil transporter protein in Arabidopsis, 
encoded by the gene At5g03555, was then identi-
fied by its homology to the uracil transporter FUR4 
from yeast ( Jund et al., 1988). These genes belong to 
the nucleobase:cation symporter family 1 (NCS1), 
also known as purine-related transporters. The 
NCS1 family consists of more than 1000 proteins 
from bacteria, archaea, fungi and plants (Girke et al., 
2014). However, At5g03555 and its homologues 
found in maize, grapevine, and poplar seemed 
to be the sole members of the NCS1 family in 
plants. Because the protein encoded by At5g03555 
contains a predicted N-terminal plastid targeting 
sequence Witz and co-workers determined the 
intracellular localization by transient expression 
of a protein–GFP fusion. The NCS1 protein was 
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indeed targeted to chloroplasts in Arabidopsis and 
was therefore named PLUTO (for plastidic nucle-
obase transporter). The substrate specificity of 
PLUTO was analysed by expression of the protein 
in an E. coli mutant lacking the endogenous uracil 
permease uraA. It turned out that PLUTO not only 
transports uracil, but also the purine nucleobases 
adenine and guanine (Witz et al., 2012), confirming 
results achieved by expression of the transporter in 
yeast (Mourad et al., 2012). Recently, a homology 
model of the tertiary structure of PLUTO based on 
the crystal structure of the MPH1 transporter from 
Microbacterium liquefaciens was proposed (Witz 
et al., 2014). According to that model PLUTO 
consists of 12 transmembrane helices, ten of them 
forming a compact core. In addition, four amino 
acid residues, which form the substrate-binding 
site, were identified and their function was verified 
by mutational analysis (Witz et al., 2014).

To date, PLUTO represents the only plant nucle-
obase transporter clearly located in plastids (Girke 
et al., 2014). Two other transporters for adenine 
and guanine (Azg1 and 2) with homology to fungal 
Azg nucleobase transporters have been identified in 
Arabidopsis (Mansfield et al., 2009). Although both 
are predicted to be targeted to plastids no experi-
mental evidence for their plastid localization has 
been presented so far.

Plastid transport and pathogen 
defence – a new connection
Plants have developed diverse defence mechanisms 
against an enormous number of different viral, 
bacterial, fungal and animal pathogens. Systemic 
acquired resistance (SAR) is a defence mechanism 
in which infection in one part of the plant acti-
vates resistance not only at the infection site but 
throughout the plant which results in a broad and 
durable resistance to subsequent pathogen infec-
tions (Durrant and Dong, 2004). This is achieved 
by the generation of mobile signals at the infec-
tion site, which are translocated to distal tissues 
and activate defence programs there. A number 
of mobile compounds involved in SAR have been 
identified including methyl salicylic acid (MeSA), 
the diterpenoid dehydroabietadiene (DA), the 
lysine catabolite pipecolic acid, azelaic acid (AzA), 
glycerol-3-phosphate (G3P) and the DIR1 protein 
that shows homology to lipid transfer proteins 
(Shah et al., 2014 and references therein). Some 

of these metabolites are synthesized in plastids, 
i.e. this organelle and its transporters are obviously 
involved in plant defence. Here we focus on the two 
metabolites salicylic acid (SA) and G3P because 
plastid transporters for both compounds have been 
identified and characterized recently. In addition, 
we will highlight the transport of two other hor-
mones across the envelope membranes, namely 
jasmonic acid and abscisic acid.

Export of salicylic acid from plastids
SA is a key regulator of plant defence against 
biotrophic pathogens. It achieves its function by 
binding to NPR proteins in the cytosol, which, 
after import into the nucleus, induce a large set of 
defence genes (Shah et al., 2014). Despite its enor-
mous importance the synthesis of SA in plants is 
still not fully resolved. However, efforts to elucidate 
the SA biosynthetic pathway uncovered evidence 
for two distinct pathways, the isochorismate (IC) 
route and the phenylalanine ammonia lyase (PAL) 
route (Dempsey et al., 2011). The latter one starts 
with the conversion of phenylalanine to cinnamic 
acid that is further converted to SA by up to three 
different, not completely resolved routes. In the 
IC pathway, chorismate, the end product of the 
shikimate pathway, is converted to isochorismate, 
from which SA is directly generated. The first step is 
catalysed by isochorismate synthase (ICS), which 
in Arabidopsis is encoded by two genes (ICS1, 2) 
(Wildermuth et al., 2001; Garcion et al., 2008) 
while the second step is proposed to be catalysed 
by a so far unidentified enzyme. Analysis of several 
mutants with disturbed SA metabolism showed 
that the ISC1 pathway is the main contributor to 
SA production both in infected and non-infected 
plants. Both ICS isoforms are located in plastids 
while the location of the second step of the path-
way is unknown (Strawn et al., 2007; Garcion 
et al., 2008). Interestingly, plants expressing a 
plastid-localized SA hydroxylase from Pseudomonas 
putida are unable to accumulate SA in response to 
biotic stress, indicating that SA synthesis occurs 
exclusively in plastids (Fragniere et al., 2011). 
Thus, the different localization of biosynthesis and 
physiological activity requires an export of SA from 
plastids into the cytosol.

Indeed, a plastid SA transporter has been char-
acterized recently (Serrano et al., 2013). The gene 
encoding this transporter was initially discovered 
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in a forward-genetic screen for Arabidopsis plants 
with enhanced disease susceptibility. The 12 inde-
pendent loci detected were thus named EDS1–12 
(Glazebrook et al., 1996). The EDS5 gene was 
isolated by positional cloning and shown to encode 
a MATE transporter (which stands for Multidrug 
and Toxin Extrusion) (Nawrath et al., 2002). The 
expression of EDS5 is induced by UV-C light, 
SA treatment and after pathogen inoculation of 
WT plants, corroborating its involvement in the 
response to abiotic and biotic stress. Recently, 
Yamasaki et al. (2013) showed that the EDS5 pro-
tein is localized to the inner envelope membrane of 
plastids, a result that was verified by Serrano et al. 
(2013). Importantly, these authors demonstrated 
the function of EDS5 as SA transporter by dif-
ferent methods. First, isolated chloroplasts from 
WT Arabidopsis plants and from transgenic plants 
overexpressing EDS5 accumulated radiolabelled 
SA, while esd5 mutants did not. Second, yeast 
expressing EDS5 showed an import activity for SA. 
Third, the authors chose a genetic strategy to verify 
the transport function of EDS5. Here, transgenic 
plants in WT or eds5 mutant background were 
constructed with a constitutively active IC pathway, 
both resulting in high levels of SA in the absence of 
stimuli but with a different subcellular distribution. 
In the WT background the chloroplasts contained 
only low levels of SA due to the export activity of 
EDS5, whereas in the eds5 mutant background 
chloroplast accumulated high levels of SA. These 
data clearly indicated that EDS5 represents the long 
sought SA exporter of plastids.

MATE transporters form a very large protein 
family, with members found in all phylogenetic 
groups, i.e. bacteria, Archaea, animals, fungi and 
plants. The first MATE transporters were identi-
fied in Vibrio parahaemolyticus and E. coli (Morita 
et al., 1998) and shown to transport a number of 
organic cations (reviewed in Omote et al., 2006). 
They were named according to their function in 
bacteria and animals, the extrusion of drugs and 
toxic compounds. All MATE transporters char-
acterized so far catalyse an antiport of an organic 
cation against either a proton or sodium ion, 
depending on the type of protein. In most cases, 
they have broad substrate specificities accepting a 
wide range of different organic molecules. While 
bacteria and animals only possess a few MATE 
proteins, plants usually have large gene families, e.g. 

the Arabidopsis genome contains 57 MATE-like 
genes (see: aramemnon.botanik.uni-koeln.de). The 
first plant MATE transporters analysed were ALF5 
and DTX1 from Arabidopsis that are located in the 
plasma membrane and catalyse the efflux of xenobi-
otics, thus conferring resistance to toxins (Diener et 
al., 2001; Li et al., 2002). Other MATE transporters 
are located in the tonoplast membrane and medi-
ate the transport of flavonoids (e.g. Marinova et 
al., 2007) and nicotine (Morita et al., 2009), i.e. 
these transporters are involved in the sequestra-
tion of secondary metabolites into the vacuole. 
Thus, the existence of these large number of plant 
MATE transporters might reflect the necessity of 
transporting the enormous variety of secondary 
metabolites synthesized by plants.

To summarize, EDS5 is the first MATE trans-
porter found in plastids and the second family 
member involved in phytohormone transport. 
Previously, abscisic acid efflux across the plasma 
membrane was shown to be facilitated by AtDTX/
MATE50 (Zhang et al., 2014).

Transport of jasmonic acid and abscisic 
acid
Jasmonic acid (JA) and abscisic acid (ABA) 
represent important phytohormones involved 
in responses to biotic and abiotic stress. Inter-
estingly, although their signals are perceived 
in the cytosol or nucleus, respectively, both 
compounds are derived from nonpolar precur-
sors synthesized in chloroplasts. Already 30 min 
after physical wounding of a plant leaf or upon 
herbivore attack JA accumulates in green tissues. 
In the JA biosynthesis pathway α-linolenic acid is 
converted via three enzymatic steps in the stroma 
to oxo-phytodienoic acid (OPDA), while the final 
biochemical steps of this pathway occur exclu-
sively in peroxisomes. Therefore, OPDA has to 
be released from chloroplasts and shuttled via the 
cytosol into peroxisomes. It has been suggested 
that OPDA can be stored while esterified to the 
glycerol backbone and/or the galactose headgroup 
of chloroplast membrane galactolipids. This buffer 
would help to guarantee the prompt JA biosynthe-
sis upon perception of a stress trigger. However, 
it still remains elusive what gene(s) encode the 
chloroplasts OPDA exporter. In the peroxisomal 
membrane the full-size ABC-transporter PXA1/
CTS facilitates fatty acid import and most likely 
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also OPDA uptake into the organelle. PXA1 pos-
sesses a homologue designated as PMP1 that was 
found in multiple independent proteomic stud-
ies in plastid membranes (Zybailov et al., 2008; 
Takabayashi et al., 2013). Thus PMP1 may play a 
role in OPDA release from chloroplasts. However, 
most likely other OPDA transport mechanisms 
exist in both organelles since a complete loss of 
JA biosynthesis results in male sterile plants. 
pxa1/cts mutant plants are not compromised in 
fertility and show only reduced JA accumulation 
after wounding. If only one locus would encode 
a chloroplast and peroxisomal OPDA carrier, 
respectively, forward genetics screens that were 
successfully in identifying other major players of 
the JA pathway, e.g. OPR3, should have also led 
to the transporter genes. Therefore it is possible, 
that gene families may encode multiple homo-
logues with partially overlapping substrates or 
that an independent transport mechanism may 
exist which might be related to fatty acid trans-
port systems. Using unicellular prokaryotic and 
eukaryotic systems it was shown that free fatty 
acids cannot be imported into mutant cells that 
lack acyl-activating enzymes (Pulsifer et al., 2012; 
von Berlepsch et al., 2012). In A. thaliana, up to 63 
loci encode acyl-activating enzymes with different 
subcellular localizations (Shockey et al., 2003). A 
study with A. thaliana mutants showed that two 
long-chain acyl-CoA synthetases, LACS4 in the 
endoplasmic reticulum and LACS9 in the outer 
chloroplast envelope membrane, are involved 
in lipid trafficking from ER to plastids (Jessen 
et al., 2015). Because LACS9 facilitates fatty 
acid import, the fatty acid export mechanism of 
chloroplasts remained enigmatic for a long time. 
Recently, a gene designated as FAX1 (At3g57280) 
that potentially encodes the long-sought exporter 
was discovered in A. thaliana (Li et al., 2015). The 
fax1 mutants are compromised in male fertility, 
growth rate and accumulate plastid-produced 
lipid species. Loss of function fax1 mutants might 
still be partially rescued by a putative second 
homologue fax2 (At2g38550) that was identified 
many times in the chloroplast proteome. Given 
the fact that fatty acids and the JA precursor 
OPDA are imported into peroxisomes via the 
same mechanism, FAX1 and its homologue may 
also contribute to some extend to the plastid 
OPDA release. It is therefore tempting to test JA 

levels in plastid fax single or higher-order mutants. 
It is possible that the reduced fertility of fax1 is 
partially due to decrease in JA production.

The situation for the other aforementioned 
phytohormone ABA is similarly elusive. ABA is 
produced in chloroplasts from carotenoids (Finkel-
stein, 2013). In the later steps of ABA biosynthesis, 
zeaxanthin is produced by two β-carotene hydroxy-
lase homologues (BCH1 and BCH2). Zeaxanthin 
is further metabolized to violaxanthin by zeax-
anthin epoxidase (ZEP). This represents a very 
interesting step because zeaxanthin to violaxanthin 
conversion is also an essential component of NPQ 
via the xanthophyll cycle to adapt to high-light con-
ditions (see above). In other words, phytohormone 
production and an independent physiological 
feature, i.e. photosynthetic acclimation, is partly 
interrelated. After two further enzymatic reactions 
the last plastid product of ABA biosynthesis, xanth-
oxin, is formed. The last two remaining enzymatic 
steps occur in the cytosol (Ma et al., 2009; Park et 
al., 2009). Thus, it has been postulated for years that 
a xanthoxin export mechanism in the chloroplast 
envelope membrane exists, but no genes encoding 
this transporter(s) have been identified so far (Floss 
and Walter, 2009).

So far three transporter families were shown 
to be involved in either ABA import or release 
at the plasma membrane. These are ABC trans-
porters (ABC-G22, 25, 40), a nitrate/peptide 
transporter (NRT1.2/AIT1) and a MATE carrier 
(DTX/MATE-type 50) ( Jarzyniak and Jasinski, 
2014). However, none of these carriers has close 
homologues with strong in silico predictions for 
chloroplast targeting and it is uncertain if any of 
these members could potentially accept xanthoxin 
as a transport substrate at all. Again genetic func-
tional redundancy could be involved here. Due 
to the ease of detecting ABA signalling-related 
mutants, e.g. germination mutants, most ABA 
deficient mutants in the last thirty years were iden-
tified using extensive forward genetic screening. 
However, although all ABA-deficiency mutants 
isolated so far lack proteins downstream of zeaxan-
thin synthesis, a chloroplast transporter was never 
amongst them (Floss and Walter, 2009; Finkelstein, 
2013). Therefore, it is possible that a protein family 
of unknown function in the chloroplast envelope 
membrane awaits discovery for the plastid xanth-
oxin export.
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Glycerol-3-phosphate, its transport and 
physiological function
Glycerolipids consists of two (polar lipids) or 
three (triacylglycerol, TAG) fatty acids bound to a 
glycerol backbone. While polar lipids constitute the 
lipid bilayers of membranes, TAGs serve as storage 
reserves in many organisms. In most plant species, 
including Arabidopsis, glycerolipids are derived 
from two different pathways, the plastid-localized 
(prokaryotic) and the ER-localized (eukaryotic) 
pathway (Ohlrogge and Browse, 1995). In both, 
glycerolipids are synthesized by the transfer of fatty 
acids onto glycerol-3-phosphate (G3P) as acceptor 
molecule. G3P can be synthesized in plants by two 
reactions. First, glycerol is phosphorylated to G3P 
by a cytosolic glycerol kinase (Eastmond, 2004). 
Second, G3P is produced by the reduction of dihy-
droxyacetone phosphate (DHAP), a metabolite 
of glycolysis and the Calvin cycle. This reaction is 
catalysed by DHAP reductases, which are found 
in plastids, mitochondria and the cytosol of plant 
cells.

However, G3P is not only involved in lipid 
biosynthesis but is also a major player in plant path-
ogen defence. Initial evidence for this role of G3P 
came from analysis of an Arabidopsis mutant with 
increased susceptibility to a variety of bacterial and 
fungal pathogens that normally do not infect wild-
type Arabidopsis plants (Kang et al., 2003). This 
mutant is obviously impaired in ‘non-host disease 
resistance’, which refers to the phenomenon that 
most plant species are resistant to the pathogens of 
other plant species. The nonhost1 (nho1) mutant 
has a single nucleotide substitution in the NHO1 
gene (At1g80460) leading to a premature stop 
codon in the second exon of the gene. The single 
copy NHO1 gene encodes the cytosolic glycerol 
kinase indicating that G3P or metabolites derived 
from it are necessary for non-host disease resistance 
(Kang et al., 2003). Shortly thereafter, Nandi and 
coworkers (Nandi et al., 2004) demonstrated that 
the Arabidopsis SFD1 gene, also known as GLY1, 
is required for the induction of SAR. SFD1/GLY1 
codes for a plastid-localized DHAP reductase. The 
loss of this enzyme activity not only leads to an 
altered lipid composition of plastids but also to a 
compromised SAR-conferred pathogen resistance 
(Nandi et al., 2004; Lorenc-Kukula et al., 2012). 
A detailed analysis of nho1 and sfd1/gly1 single 
and double mutants revealed that G3P acts as an 

important inducer of SAR in plants (Chanda et al., 
2011). This conclusion was drawn from data show-
ing that the synthesis of G3P at the infection site 
and the transport to distal tissues of a compound 
derived from G3P is necessary for SAR. The trans-
port depends on the cooperative interaction of G3P 
and DIR1, i.e. G3P is necessary for the transport of 
DIR1. However, it should be emphasized that it 
is not G3P itself that is transported together with 
DIR1 but a metabolite derived from it, most likely a 
lipid (derived) compound. Interestingly, feeding of 
exogenous G3P restores SAR in the G3P synthesis 
mutants indicating the existence of a G3P transport 
system in the plasma membrane.

In plants, G3P transport has first been shown in 
isolated spinach chloroplasts (Fliege et al., 1978), 
although at that time the molecular identity of 
the transporter remained elusive. In bacteria, in 
contrast, the G3P transporter (GlpT) from E. coli 
(Larson et al., 1982) and later from several other 
bacteria, e.g. Haemophilus influenzae (Song et al., 
1998), has been cloned and extensively studied. 
GlpT, a close homologue of the bacterial glucose-
6-P transporter UhpT, catalyses the exchange of 
G3P against inorganic phosphate and thus enables 
the bacteria to grow on G3P as sole carbon source 
(reviewed in Lemieux et al., 2004). The GlpT pro-
tein has been crystallized and its three-dimensional 
structure has been determined (Huang et al., 2003). 
The protein consists of twelve transmembrane heli-
ces, which form two N- and C-terminal domains. 
Between both domains, a substrate-translocation 
pore exists. GlpT operates via a single binding site 
with alternating access of substrates from both sides 
of the membrane. Plant P3G transporters have been 
identified based on their homology to bacterial 
and animal transporters. Arabidopsis possesses five 
G3P permeases (AtG3Pp1–5) while the genomes 
of other plants contain four to six genes encoding 
potential G3P transporters (Ramaiah et al., 2011; 
see also aramemnon.botanik.uni-koeln.de). The 
G3Pp genes in Arabidopsis exhibited differences 
in tissue-specific expression and also differed in 
their response to phosphate starvation. A loss-of-
function mutant of G3Pp4 showed an enhanced 
growth of lateral roots and a lower seed lipid con-
tent suggesting a role both in root development and 
lipid synthesis (Ramaiah et al., 2011; Kawai et al., 
2014). This relatively moderate mutant phenotype 
might indicate some degree of redundancy within 
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the family or compensation by other biochemical 
mechanisms. The G3Pp4 transporter is localized to 
plastids while the localization of the other family 
members have not been experimentally verified 
(Kawai et al., 2014). The transport activity of G3Pp4 
was analysed by expression in an E. coli ∆glpT strain 
lacking the internal G3P permeases. G3Pp4 indeed 
catalysed an import of G3P into the E. coli cells, thus 
this protein represent the first characterized plastid 
G3P transporter (Kawai et al., 2014). The effect 
of the absence of plastid G3P transport on plant 
defence has not been analysed thus far. Therefore, 
the significance of plastid G3P transport for plant 
defence remains to be determined.

Ion transport processes, 
recent discoveries and future 
directions
In the last years a lot of research activity has been 
dedicated to chloroplast ion transport. The field 
covers ion flux across the envelope membranes 
and ion distribution within the plastid sub-
compartments, i.e. stroma and thylakoid lumen, 
respectively. Chloroplast ion transport has a high 
relevance for proper organelle function since the 
plastid ion homeostasis is linked to pH homeosta-
sis and osmoregulation. Ion and proton gradients 
across the envelope and thylakoid membranes are 
used to store energy, to fuel ATP production and 
to drive transport processes. Thus it is obvious that 
perturbation of ion homeostasis has a major impact 
on the biochemical processes in the chloroplast 
and specifically on photosynthesis. Recently, the 
first reviews on the topic have summarized findings 
from the last years either by focusing on the macro 
and micronutrient function of ions in the organelle 
(Hanikenne et al., 2014) or on the link between 
ion transport and photosynthesis (Checchetto et 
al., 2013; Finazzi et al., 2014; Pfeil et al., 2014). 
When comparing the reports it becomes obvious 
that open questions still remain regarding involved 
ion transporter genes and the transport directions 
of characterized carriers. With a few exceptions we 
will focus here on the ion traffic across the chloro-
plast envelope membrane (Fig. 10.2).

Chloroplasts have a high metabolic activity and 
many of the enzymatic reactions require ions as 
cofactors or for full activation. Because of the high 
demand for various ions several different carriers in 

the inner envelope membrane are expected to func-
tion in the ion import and export business of the 
chloroplast. Their role is to prevent ion starvation 
on one hand and toxic over-accumulation of specific 
ions on the other hand. The plastid ion homeostasis 
is a carefully fine-tuned process balancing the free 
levels of the individual metals (Cu2+, Fe2+, Mn2+, 
Zn2+, K+, Mg2+, Ca2+, Na+) and inorganic ions (Cl–, 
PO4

2–, SO4
2–, NO3

–) that vary significantly from 
nano- to millimolar range. In addition, the ionic 
composition found in the thylakoid lumen is sig-
nificantly different from the plastid stroma.

Metal ion transport I – the 
monovalent ions K+ and Na+

K+ is the most abundant ion in plant tissues and 
with a concentration of 100–200 mM also repre-
sents the dominating ion in chloroplasts (Robinson 
et al., 1983; Schroppelmeier and Kaiser, 1988). 
Unfortunately, information on sub-organellar K+ 
concentrations, i.e. stroma vs thylakoid lumen is 
not available thus far but would be highly desirable. 
K+ functions in the organelle in osmoregulation, 
plays an essential role for enzyme activation, as a 
pH buffer and as a counter ion. The significance of 
proper K+ supply for plants was recognized a long 
time ago. K+ starvation results in chlorophyll loss, 
leaf necrosis and poor photosynthesis (Marschner, 
1995). During salt stress toxic Na+ ions also build 
up in chloroplasts and outcompete K+, which 
results in similar phenotypes (Schroppelmeier and 
Kaiser, 1988; Stepien and Johnson, 2009). Because 
of the relevance of K+ for chloroplasts, scientists 
early on performed physiological experiments on 
isolated intact chloroplasts or on reconstituted 
chloroplast membranes to measure K+ transport 
and to determine the transport characteristics. 
The data revealed a K+ channel activity in both the 
envelope (Mi et al., 1994; Heibert et al., 1995) and 
thylakoid membranes (Tester and Blatt, 1989) and 
a K+/H+ antiport activity in the envelope mem-
branes (Huber and Maury, 1980; Demmig and 
Gimmler, 1983; Wu and Berkowitz, 1992; Wang 
et al., 1993). However, although these data were 
published decades ago, no genes encoding these 
channels and transporters could be identified. First 
evidence for the molecular identity of the thylakoid 
K+ channel came from the discovery of the SynK 
locus in cyanobacteria (Zanetti et al., 2010). In 
A. thaliana TPK3 and TPK5 represent the closest 
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homologues of SynK and both carry an in silico pre-
dicted N-terminal transit peptides for trafficking to 
the chloroplast. Indeed, an antibody raised against a 
TPK3/TPK5 epitope detected the protein(s) in the 
A. thaliana thylakoid membranes. The signal was 
verified to stem from TPK3, since no significant 
signal reduction was detected in tpk5 T-DNA inser-
tion lines (Zanetti et al., 2010). To overcome the 
lack of T-DNA insertion lines in the TPK3 locus, a 
tpk3-RNAi knock-down approach was carried out. 
The isolated transgenic lines revealed light sensitiv-
ity only under moderate light conditions (90 μmol 
photons/m2/s) and modified proton motive force 
(pmf) portioning (Carraretto et al., 2013). The 
pmf which drives ATP production is thought to 
be equally split in higher plants into the chemical 
potential ΔpH (about Δ3) and the transmembrane 
electric potential ΔΨ. The thylakoid channel TPK3 
is therefore supposed to release K+ from the lumen 
into the stroma and to act as a modifier of the pmf 
composition via ion counterbalancing.

Although a K+ influx transport activity was 
detected many times in chloroplast envelope 
membranes, no gene encoding the corresponding 
channel(s) has been identified thus far. The most 
recent study on this subject, performed on intact 
pea chloroplasts, suggested a rather unspecific 
ion channel, designated as fast-activating channel 
(FAAC) to be responsible for the K+ loading into 
chloroplasts (Pottosin et al., 2005). Interestingly, 
the channel also showed permeability for Na+ ions 
and might therefore be a main contributor of Na+ 
accumulation in chloroplasts during salt stress. 
In addition, also the Na+-dependent transporters 
of the BASS (Furumoto et al., 2011) and PHT 
families (Miyaji et al., 2015) might play a role in 
this process (see above). To balance the K+ influx 
into plastids and to avoid a dramatic increase in 
osmotic potential electro neutral K+/H+ exchang-
ers in chloroplast envelope membranes were 
proposed years ago (Bernardi, 1999). The author 
compared the situation at the inner envelope 
membrane with the mitochondrial inner mem-
brane and concluded that similar systems should 
be in place in both organelles to prevent osmotic 
bursting. Indeed, K+/H+ exchange activities were 
detected by independent groups (Huber and 
Maury, 1980; Demmig and Gimmler, 1983; Wang 
et al., 1993) but the actual proteins responsible 
for this process remained elusive.

The electro neutral cation/proton antiporters 
(CPA) in A. thaliana represent a large superfam-
ily with 44 predicted genes (Mäser et al., 2001). 
The group can be further divided into the CPA1 
and CPA2 families. CPA1 consists of the Na+(K+)
(Li+)/H+ exchangers (NHX, eight members) that 
play an important role in salt stress tolerance. 
The CPA2 family covers two subfamilies, which 
include Cation/H+ exchangers (CHX, 28 mem-
bers) and putative K+-efflux antiporters (KEA, 
six members). Interestingly, no NHX or CHX 
subfamily members have ever been detected in 
chloroplast or mitochondrial proteomic studies. 
However, CHX23 was thought to be a chloroplast 
Na+(K+)/H+ antiporter based on the analysis of 
a chx23RNAi line and an EMS TILLING line 
(Song et al., 2004). Although both lines revealed 
pale green phenotypes which may indicate a loss 
of chloroplast function, later two independent 
studies carried out on viable homozygous T-DNA 
insertion lines did not confirm these earlier obser-
vations (Lu et al., 2011; Evans et al., 2012). In both 
mutant lines no leaf paleness or compromised 
chloroplast function was detected. Moreover, the 
CHX23 carrier was found to localize to the endo-
plasmic reticulum and is preferentially expressed 
in pollen.

Three KEA members (KEA1–3) carry chlo-
roplast transit peptides and were identified in 
proteomics studies. The KEA transporters origi-
nate from a bacterial transport system known as 
KefC/B. In E. coli their transport activities were 
studied extensively. KefC/B were shown to 
release K+ for proton uptake to lower the pH 
of the cytosol upon electrophilic stress (Munro 
et al., 1991; Ferguson et al., 1995; Fujisawa et 
al., 2007; Roosild et al., 2009). Using a KEA2 
fragment from A. thaliana Aranda-Sicilia and 
colleagues were able to confirm a K+/H+ activ-
ity for the plant homologue (Aranda-Sicilia et al., 
2012). Interestingly, the KEA2 fragment was also 
able to exchange Na+ ions for protons, albeit with 
less affinity. Briefly thereafter, T-DNA insertion 
mutants of KEA genes were isolated and described 
for the first time (Kunz et al., 2014). Higher-order 
kea1kea2 mutant plants, but not single mutants, 
displayed dramatic growth phenotypes along 
with poor photosynthesis. Chloroplasts in these 
mutants were found to be swollen and often 
disrupted pointing to the proposed role of these 
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carriers in balancing the massive K+ influx of the 
unknown K+ channel (Aranda-Sicilia et al., 2012; 
Kunz et al., 2014). In the light, a pH gradient of 
one unit was detected across the envelope mem-
brane (Werdan et al., 1975). This gradient should 
ensure K+ efflux form the chloroplast via KEA1 
and KEA2 carriers. Since KEA transport activ-
ity is H+ dependent, loss-of-function kea1kea2 
double mutant also revealed perturbed plastid pH 
homeostasis.

Interestingly, a third plastid member of the 
KEA-family, KEA3, resides in the thylakoid 
membrane (Armbruster et al., 2014; Kunz et 
al., 2014; Tomizioli et al., 2014). The K+ efflux 
channel TPK3 calls for a luminal K+ loading 
system. KEA3 driven by the steep ΔpH in the 
light may facilitate this task. However, the trans-
port activity would need strict regulation to avoid 
an uncoupling of the pmf. Recently, Armbruster 
and colleagues discovered that KEA3 functions 
to adjust photosynthesis under fluctuating light 
conditions (Armbruster et al., 2014). Upon rapid 
shifts from high-light to low-light kea3 mutants 
revealed prolonged phases of non-photochemical 
quenching. This effect was attributed to a less 
efficient H+ release from the lumen, which is 
needed to quickly adapt to changing light condi-
tions that plants experience every day in nature. 
It still remains to be shown what mechanisms are 
in place to ensure precise transport regulation via 
KEA3. In the case of TPK3 it was demonstrated 
that Ca2+ and H+ activate the channel (Carraretto 
et al., 2013). The evolutionary origin of chloro-
plast KEAs is not entirely clear. A symbiont origin 
for all three plastid KEA members found in A. 
thaliana was suggested, although only KEA homo-
logues with low similarity to plant proteins exist 
in some cyanobacteria, e.g. Gloeobacter violaceus 
(Chanroj et al., 2012; Pfeil et al., 2014).

The next chloroplast ion carrier discussed in 
the context of plastid ion transport is NHD1. 
Since the activity of Na+-dependent carriers of the 
BASS and PHT families results in Na+ import, a 
plastid Na+ efflux carrier was postulated (Furu-
moto et al., 2011; Miyaji et al., 2015). Indeed, it 
was shown that NHD1 from A. thaliana works 
in concert with the pyruvate carrier BASS2 if 
expressed simultaneously in a heterologous E. coli 
system (Furumoto et al., 2011). Recently, in an 
independent work the Na+/H+ antiport of NHD1 

was confirmed in vitro and in vivo in A. thaliana 
nhd1 T-DNA insertion lines (Müller et al., 2014). 
Interestingly, mutant seedlings revealed increased 
sensitivity towards salt-stress or salt-shock treat-
ments. However, under normal growth conditions 
mutant plants grew similar to WT plants and did 
not respond in a similar fashion to salt treatments. 
NHD1–VENUS fusion proteins were found to 
localize to the chloroplast envelope membrane. 
KEA1 and KEA2 also reside in the envelope 
membrane and the KEA2 fragment was found to 
also facilitate Na+/H+ exchange (Aranda-Sicilia 
et al., 2012; Kunz et al., 2014). This motivated 
a further study in which kea1kea2nhd1 triple 
mutants were isolated (Kunz et al., 2014). Indeed, 
a strong increase in phenotype intensity was 
observed if KEA-mediated function across the 
inner envelope membrane was lost in the nhd1 
mutant background. Given the fact that all three 
transporters are energized by the light-dependent 
proton gradient across the envelope membrane it 
can be hypothesized that they all share the same 
transport direction, i.e. K+/Na+ efflux from the 
chloroplast in exchange for H+. However, it would 
be interesting to investigate if the transport direc-
tion switches in the absence of light or in plastids 
from heterotrophic tissues in which the pH of the 
stroma is similar to the cytosol (Heldt et al., 1973; 
Werdan et al., 1975). KEA1 and KEA2 were found 
in the envelope proteome of cauliflower proplas-
tids and thus might also have important functions 
in non-green plastids, e.g. in plastid development 
(Bräutigam and Weber, 2009). Lastly, it should 
be noted that an in-depth thylakoid proteomic 
study found NHD1 proteins also in the thylakoid 
stroma-lamella fraction indicating a dual localiza-
tion of NHD1 in plastids (Tomizioli et al., 2014). 
Interestingly, a dual-targeting within chloroplasts 
was suggested for another plastid transporter 
(TAAC/PAPST1; At5g01500). Initially the pro-
tein was characterized as an ADP/ATP exchanger 
in thylakoids (Thuswaldner et al., 2007). However, 
later an independent study showed that TAAC/
PAPST1 also functions as an antiporter for 
3′-phosphoadenosine 5′-phosphosulfate (PAPS) 
in exchange with 5′-phosphoadenosine 3′-phos-
phate (PAP) or ATP across the inner envelope 
membrane (Gigolashvili et al., 2012). To confirm 
a similar dual-targeting phenomenon for NHD1 
more detailed studies are needed.
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Metal ion transport II – the divalent 
ions Cu2+, Fe2+ and Ca2+

Iron represents an essential nutrient in plants 
with major roles for chloroplast function and 
photosynthesis. In fact, the two photosystems, the 
cytochrome b6–f complex, and ferredoxin belong 
to the most iron-enriched systems found in plant 
cells (Duy et al., 2007). Depending on the plant 
species and its nutrient status 80–90% of the iron in 
leaves is located in chloroplasts where it is found in a 
variety of haem and Fe–S cluster proteins. Because 
of their capacity as transient electron acceptors 
these proteins participate in several vital reactions, 
such as electron transport in photosynthesis 
(Rieske proteins), as redox partners in nitrogen and 
sulfur assimilation but also in non-redox reactions, 
gene expression regulation and in cellular O2 and 
iron status sensing (Abdel-Ghany et al., 2005b; 
Pilon et al., 2006). Under conditions of iron star-
vation, predominantly younger leaves show iron 
deficiency symptoms that involve chlorosis due to 
loss of chlorophyll pigments (mainly Chlorophyll 
a), poor photosynthetic efficiency and decreased 
CO2 fixation rates. This underpins the immense 
importance of iron for chloroplasts. Several differ-
ent Fe2+ uptake systems in chloroplasts have been 
proposed or identified over the last years. The first 
biochemical studies regarding iron uptake revealed 
that illuminated barley chloroplasts accumulate 
more Fe2+ than those kept in darkness, which 
indicated a light-depended transport mechanism 
(Bughio et al., 1997). Later Shingles and colleagues 
demonstrated a proton dependent symport (most 
likely light-depended) of Fe2+ into isolated pea 
chloroplasts (Shingles et al., 2002).

In A. thaliana, permease in chloroplasts 1 (PIC1, 
At2g15290) was the first transporter discovered 
to facilitate the majority of plastid import of this 
transient metal (Duy et al., 2007). The PIC1 gene 
was identified in comparative genome studies of 
Arabidopsis with cyanobacteria and was grouped 
within the family of high-affinity Fe2+/Pb2+ per-
meases. Heterologous expression of PIC1 in the 
yeast fet3fet4 double mutant that lacks both low- 
and high-affinity iron uptake systems was able to 
rescue the mutant growth phenotype on low-iron 
media. In addition, pic1 loss-of-function mutants 
(Duy et al., 2007) and PIC1 overexpressing lines 
(Duy et al., 2011) were found to display typical iron 
related phenotypes, i.e. iron-deficiency symptoms 

or plastid Fe2+ and ROS accumulation, respectively. 
However, the actual transport mechanism of PIC1 
is still unknown and thus PIC1 remains to be 
confirmed as the major H+-dependent Fe2+ mecha-
nism that has been described for pea chloroplasts 
(Shingles et al., 2002). It should also be mentioned 
that PIC1 (also designated as TIC21) might be 
part of the TIC/TOC protein import machinery 
(Teng et al., 2006) and that it interacts with the 
putative nickel/cobalt transporter NiCo/AtZN1 
(At2g16800) (Duy et al., 2011). It was therefore 
suggested that PIC1 and NiCo might work in close 
cooperation. However, although AtZN1 and its 
close homologue AtZN2 (At4g35080) both carry 
an in silico predicted transit peptide, the rice homo-
logue zebranecrosis1 (ZN1) was found to reside in 
the thylakoid membrane fraction (Li et al., 2010). 
Thus it is obvious that the model for a PIC1 and 
NiCo/ZN1 interaction needs further verification.

Three other transporters were also suggested 
to be involved in iron uptake into chloroplasts. 
However, their involvement in the process is less 
well understood. These are MAR1 (Conte et al., 
2009), Mfl1 (Tarantino et al., 2011) and NAP14 
(Shimoni-Shor et al., 2010). MAR1 was first 
described as an unspecific influx carrier for anti-
biotics into chloroplasts. Because chlorotic mar1 
mutants could be rescued by exogenous iron, an 
involvement in chloroplast iron homeostasis was 
also discussed (Conte et al., 2009). Mfl1 was found 
in independent chloroplast proteomics studies 
and has homology to Mitoferrin2 (MFRN2), a 
mitochondrial iron importer from zebrafish. Two 
atmfl1 loss-of-function mutants had significantly 
lower iron levels in leaf tissues than WT plants after 
exogenous iron application. However, no other 
mutant phenotypes were observed (Tarantino et 
al., 2011). The authors suggest that Mfl1 could play 
a role in chloroplast Fe2+ influx or efflux, i.e. adjusts 
chloroplast iron concentrations depending on 
the H+-gradient across the envelope membranes. 
NAP14 is a non-intrinsic ABC protein. It was shown 
to reside in the chloroplast envelope membranes 
both in proteomics studies and by expression of a 
NAP14–GFP fusion protein. The loss-off-function 
nap14 mutant displayed a severe albino-like 
phenotype and over-accumulated Fe2+ in shoot 
tissues which led to the conclusion that it plays a 
role in plastid iron transport (Shimoni-Shor et al., 
2010). Thus it is hard to pinpoint the actual main 
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plastid Fe2+ transporter. For PIC1 at least a robust 
complementation of an iron transporter deficient 
yeast mutant could be shown. To better understand 
the exact contribution of the different proteins to 
plastid Fe2+ import direct transport studies in an in 
vitro system, e.g. purified protein reconstituted in 
liposomes, would be highly desirable.

Copper represents another redox active 
transition metal with essential function for the 
chloroplast. Similarly to iron, many plastid proteins 
require Cu2+ as a cofactor, such as enzymes with 
major function in photosynthesis (plastocyanin) 
and ROS protection (superoxide dismutase). 
Around 50% of the more than 100 different Cu-
containing proteins are localized in the chloroplast 
(Marschner, 1995). This calls for efficient plastid 
Cu2+ uptake carriers and for further distribution 
to the plastid sub-compartments. In A. thaliana 
mainly three carriers were identified to be respon-
sible for the copper transport. HMA1 (At4g37270) 
and HMA6/PAA1 (At4g33520) both reside in the 
inner chloroplast envelope membrane (Shikanai 
et al., 2003; Seigneurin-Berny et al., 2006) and 
HMA8/PAA2 (At5g21930) in the thylakoid mem-
branes (Abdel-Ghany et al., 2005a; Tapken et al., 
2012; Tomizioli et al., 2014). The HMA proteins 
belong to the family of P1B-type ATPases. These 
primary active transporters can possess rather 
broad substrate specificity for divalent heavy metal 
cations. By employing yeast mutants perturbed 
in Ca2+ homeostasis or lacking heavy metal car-
riers, HMA1 was shown to transport Cu2+ but 
also Zn2+, Ca2+, Cd2+, and Co2+ (Moreno et al., 
2008). HMA6/PAA1 seems to be more specific 
and accepts only copper and silver ions (Catty et 
al., 2011). Plant mutants that lack HMA6/PAA1 
remain pale if grown without the addition of 
exogenous Cu2+. However, this is not the case for 
hma1 mutants which behave similarly to wild-type 
plants under normal growth conditions (Kim et 
al., 2009). HMA1 and HMA6/PAA1 have distinct 
but partially overlapping functions in Cu2+ uptake 
into chloroplasts but, most likely a third alternative 
route for copper import across the inner envelope 
may exist and awaits discovery (Boutigny et al., 
2014). However, both hma6/paa1 and hma8/paa2 
loss-off-function mutants reveal high chlorophyll 
fluorescence and defects in photosynthetic elec-
tron transport. A complete loss of both carriers in 
hma6hma8 double mutants results in early seedling 

lethality underpinning the importance of copper 
for the chloroplast and for plant development.

The important role of calcium signalling for 
chloroplasts has been recently highlighted and 
reviewed by others (Stael et al., 2012; Nomura 
and Shiina, 2014). The stroma has to maintain 
a very low concentration of free calcium (below 
150 nM) and thus the majority of plastid Ca2+ is 
stored in the thylakoid lumen where it is bound to 
the negatively charged thylakoid membranes or to 
calcium-binding proteins (~15 mM) (Nomura and 
Shiina, 2014). Early biochemical studies suggested 
a light-dependent Ca2+ uptake mechanism across 
the inner envelope membrane (Roh et al., 1998). 
However, not much is known about Ca2+ import 
into plastids or into the thylakoid lumen. Two can-
didates for envelope membrane transporters cited 
in the literature are HMA1 (which is discussed 
above) and ACA1 (Huang et al., 1993). HMA1 has 
broad substrate specificity for divalent cations but 
most likely is rather needed for heavy metal traf-
ficking and is thus unlikely to play a major role for 
Ca2+ import (Moreno et al., 2008; Kim et al., 2009). 
Chloroplast localization of ACA1 was never con-
firmed experimentally. In fact, ACA1 localization to 
the ER, vacuole or the plasma membrane is much 
more likely according to proteomics data (Tanz et 
al., 2013). For the Ca2+ import into the thylakoid 
lumen a light- or ATP-dependent Ca2+/H+ antiport 
was detected in isolated thylakoid membranes but 
no transporters have been identified to facilitate 
the transport thus far (Ettinger et al., 1999). Since 
understanding plastid Ca2+ import is key to unravel 
the many roles of calcium (signalling) not only for 
biochemical processes within the organelle but 
also for the entire plant cell, more research activity 
should be focusing on this important biological 
question in the future.

Conclusions
The central role of plastids in plant cells calls for a 
high degree of connectivity between the different 
organelles under all physiological conditions, as 
well as in response to abiotic and biotic stresses. 
The envelope membranes represent the interface 
controlling metabolite and ion fluxes into and out 
of plastids. Since both membranes are imperme-
able for ions and polar compounds, a variety of 
specialized membrane transporters and channels 
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facilitate the import and export of compounds from 
plastids. In classic physiological studies on isolated 
intact plastids or reconstituted plastid membranes 
transport activity across the envelope membrane 
was demonstrated for a wide range of substrates. 
To date, approximately 40 of these transport pro-
cesses have been analysed in detail (Figs. 10.1 and 
10.2), i.e. the responsible transport proteins have 
been identified and characterized biochemically 
and the corresponding genes have been cloned 
and sequenced. This has been achieved by differ-
ent approaches, namely biochemical techniques of 
protein purification, forward and reverse genetics, 
‘omics’ techniques (proteomics, transcriptomics, 
genomics), and bioinformatics (reviewed in Fis-
cher, 2011).

However, the functions of the majority of genes 
coding for plastid transporters are still unknown. 
The percentage of well-investigated or described 
membrane transporters of plastids is still fairly low 
and estimated to be only approximately 25% of the 
total permeome (Weber et al., 2005; Fischer, 2011). 
This number only reflects the situation in the model 
organism A. thaliana. Given the considerable dif-
ferences in metabolism between different plant 
species, in particular the variety of secondary com-
pounds produced by plants, it is expected that many 
more specialized chloroplast transporters exist in 
other plant species that are barely investigated due 
to the lack of genome information or genetic tools. 
Another aspect that adds complexity to the issue 
is variation in substrate specificity for paralogous 
proteins from different plant species, for example 
the Brittle1 carrier (see above). These differences 
in substrate specificities have obviously a major 
impact on the physiological relevance of these car-
riers, which is reflected by the diverse phenotypes 
in knock-down mutants in different plant species. 
In a recent review Pick and Weber (2014) discussed 
this still unknown plastid permeome, e.g. the still 
missing carbamoyl aspartate transporter (pyrimi-
dine de novo synthesis), the unknown amino acid 
transporters and several others.

Phylogenomics approaches have revealed the 
evolution of the plastid transporters. Chloroplast 
metabolite transporters have multiple evolutionary 
origins, having evolved from transporter proteins of 
the host endomembrane system, from members of 
the mitochondrial carrier family, or cyanobacterial 
ancestors. Some have been introduced by horizontal 

gene transfer. Thus the transporter proteome of the 
plastid envelope membrane has a mosaic origin, i.e. 
genes encoding these proteins have been recruited 
from multiple sources. In addition, the potential 
role of plastid transporters in the establishment of 
the symbiotic relationship between endosymbiont 
and host cell has become clear. The integration of 
transporters connecting endosymbiont to cytosolic 
metabolism, a process primarily driven by the host 
cell, was an early and crucial event in chloroplast 
evolution.

Future trends
Although considerable progress has been made 
in unravelling the molecular nature of compo-
nents of the plastid permeome over the past two 
decades, the topic is still far from being fully 
understood. Plastid (and plant) metabolism can 
only be mechanistically understood once all of the 
involved transporters and channels have been iden-
tified and characterized. However, despite the high 
importance of metabolites and ions for chloroplast 
function the molecular identity of several of the 
essential transport mechanisms remains unknown. 
One reason for this limited knowledge is that many 
plastid transporters are encoded by gene families. 
As illustrated by the envelope K+/H+ exchang-
ers, genetic functional redundancy does occur in 
chloroplast transport systems, which limits the pos-
sibilities of gene discoveries by employing forward 
genetic-screens (Kunz et al., 2014). To overcome 
these pitfalls combinations of old and new tools for 
the identification and molecular characterization 
of plastid transporters are needed to pave way for 
future discoveries.

Next generation sequencing technologies will 
increase throughput and decrease cost of genomic 
sequencing, thus allowing for genomes to be 
sequenced not just from model organisms but also 
from any source from which DNA can be isolated. 
This massive increase in DNA sequence informa-
tion will not only enable the identification of most 
of the plastid transporters throughout the plant 
kingdom but will also help to elucidate the physi-
ological function of genes and proteins and thus 
will generate a new understanding in fundamental 
aspects of biology and evolution. In combination 
with other data sources, such as transcriptome, 
metabolome, and protein interaction data, multiple 
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associations can be generated that provide valu-
able clues about protein function. A higher-order 
goal would be to deduce the metabolic network 
of a recently sequenced organism or of its cellular 
organelles from its genome sequence, i.e. ab initio 
metabolic reconstruction. Fundamental to the 
function of proteins is their localization which can 
be determined by computer algorithms and prot-
eomic analysis of cellular compartments. However, 
the discovery of non-canonical protein targeting 
to the plastid through the endomembrane system 
and proteomics data showing dual-targeting of 
proteins to multiple cellular destinations require a 
re-assessment of the plastid transporter proteome, 
primarily by deep proteomic analysis of envelope 
membranes from various plastid subtypes and from 
all phyla of the photosynthetic eukaryotes.

Targeting gene families by artificial micro RNAs 
(Hauser et al., 2013) or multiple target CRISPR/
Cas9 systems (Xing et al., 2014) are new meth-
ods that are expected to unleash such a positive 
impulse. Artificial micro RNAs have been used 
for the alteration of gene expression for some time 
and have proven many times as valuable tools for 
genetic studies in a broad variety of plant spe-
cies and algae (Schwab et al., 2006; Tiwari et al., 
2014). High expectations for plant science are 
connected to the recently discovered CRISPR/
Cas9 technique (Feng et al. 2013; Li et al. 2013). 
The advantage of CRISPR/Cas9 is that it results in 
situ genome editing events, i.e. the alteration of the 
genome directly in the nucleus of the cell. It either 
allows for introducing early-stop/miss-sense muta-
tions or the introduction of external DNA. This 
overcomes unwanted expression silencing effects 
that are known to occur over generations when 
employing post-transcriptional gene silencing 
systems, such as artificial micro RNAs (Alvarez et 
al. 2006; Hauser et al. 2013). On the other hand, 
CRISPR/Cas9-induced mutations have to be 
established in the germline, which makes detailed 
genotyping, backcrossing and propagation of seed-
lings for several generations necessary (Gao and 
Zhao 2014). This obviously becomes more of an 
issue if multiple gene family members are targeted. 
Depending on the application, gene family target-
ing by artificial micro RNAs that allow for mutant 
screening already in the T1 generation might be a 
better choice (Hauser et al. 2013).
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Abstract
The most recent GreenCut (GreenCut2) represents 
a collection of 597 proteins in Chlamydomonas and 
other green lineage photosynthetic organisms, 
but not in non-photosynthetic (heterotrophic) 
organisms. GreenCut2 proteins have diverse func-
tions, with many involved in chloroplast processes 
including photosynthesis and various biosynthetic 
pathways. GreenCut2 proteins also have roles in 
assembly and maintenance of chloroplasts, as well 
as in plant and algal regulatory processes. This 
chapter focuses on how GreenCut2 bioinformatic 
analyses were performed, discusses new insights 
into GreenCut2 proteins that have recently been 
characterized, suggests new ways to group these 
proteins based on their known or inferred biologi-
cal functions, and re-examines potential functions 
of some GreenCut2 ‘unknowns’ for which there is 
now experimental information.

Introduction: brief history of 
photosynthesis and the study of 
chloroplasts
The characteristics of photosynthetic organisms 
have been examined for centuries. Many features 
of plants and algae were appreciated well before 
chloroplasts were discovered and their complex 
nature understood. Aristotle suggested that plants 
obtain nutrients from the earth and water, while 
in 1774 Priestley discovered that gases released 
by plants and those exhaled by animals differed in 
their ability to maintain the burning of a candle 
in a closed container (Priestley, 1774). In 1783, 
Lavoiser named this active component of air oxygen 
(Greek: ‘acid former’) (reviewed in Govindjee 

and Krogmann, 2004). Subsequently, Ingenhousz 
suggested that green plants absorb carbon dioxide 
(CO2) and release oxygen (O2) during the day 
(Ingenhousz, 1779).

During the nineteenth century, scientists contin-
ued to examine morphological and physiological/
biochemical features of plants. In 1818, Pelletier and 
Caventou isolated the green pigment in leaves and 
named it chlorophyll (Greek: ‘green leaf ’) (Pelletier 
and Caventou, 1818), while in 1845 Mayer hypoth-
esized that plants transform energy from sunlight 
into chemical energy (Mayer, 1845). A few decades 
later, Boussingault made the first accurate measure-
ments of gas exchange, which eventually led to the 
equation describing photosynthesis: 6 CO2 + 6 
H2O + solar energy → C6H12O6 + 6 O2 (Boussin-
gault, 1864). During the late 1800s, instruments 
such as microscopes and prisms allowed scientists 
to probe photosynthetic organisms in novel ways. 
Schimper was among the first to observe chloro-
plast division in algae (Schimper, 1883), which set 
the stage for developing the endosymbiotic theory 
of eukaryotic cell evolution and the origins of chlo-
roplasts (see ‘Evolutionary Perspective’, below). At 
around the same time, Engelmann discovered that 
the most effective light wavelengths for O2 produc-
tion were in the blue and red regions of the visible 
spectrum (Engelmann, 1882).

The twentieth century brought major advances 
to our understanding of photosynthetic processes. 
In 1906, Tswett developed chromatographic meth-
ods for separating leaf pigments (Tswett, 1906), 
while a few decades later Warburg and Negelein 
developed spectrophotometry (Warburg and Nege-
lein, 1922). In the 1930s, van Niel demonstrated 
that some (anoxygenic) bacteria could assimilate 
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CO2 in the light without evolving O2 (van Niel, 
1931), while Hill showed that isolated chloroplasts 
could split water (produce O2) in a light-dependent 
process that did not require CO2 (Hill, 1937, 
1939). In 1945, Calvin, Benson and Bassham began 
their work using radioactive 14CO2 to determine 
the biochemical pathway by which CO2 is assimi-
lated and converted into carbohydrates, and it was 
ultimately shown that ribulose 1,5-bisphosphate 
carboxylase/oxygenase (Rubisco) catalyses the 
formation of two molecules of 3-phosphoglycerate 
(3-PGA) from CO2 and ribulose 1,5-bisphosphate 
(Calvin et al., 1950). In 1951, Burk and Warburg 
proposed that photosynthetic energy capture and 
conversion to fixed carbon involved two processes; 
one process a light-dependent liberation of O2, 
and the other a set of light-independent reactions 
(‘dark reactions’) that use the products formed in 
the light to fix or reduce CO2 (Burk and Warburg, 
1951). In the mid-1950s, Frenkel observed the 
formation of adenosine triphosphate (ATP) from 
adenosine diphosphate (ADP) by isolated chlo-
roplast membranes (Frenkel, 1954), after which 
Arnon formulated the principle of photophos-
phorylation (Arnon 1954a,b). Shortly thereafter, 
Arnon’s group showed that chloroplast grana mem-
branes are the sight of light-dependent ATP and 
NADPH formation, while light-independent CO2 
assimilation occurs in the stroma (Allen et al., 1955, 
1958). Finally, the same group discovered cyclic 
photophosphorylation and proposed that it was a 
mechanism to provide additional ATP (above the 
level synthesized as a consequence of linear elec-
tron flow) needed for CO2 fixation (Arnon et al., 
1958).

The 1950s were noteworthy for the pioneer-
ing work of Emerson, Kok, Duysens and others 
that demonstrated the existence of two integral 
membrane photochemical reaction centres [pho-
tosystems I and II (PSI and PSII, respectively)] 
in thylakoid membranes (Emerson and Lewis, 
1943; Emerson et al., 1957; Emerson and Chalm-
ers, 1958), while Hill and Bendall synthesized this 
information into the concept of the Z-Scheme of 
electron transport, in which the two photosystems 
operate in series (Kok, 1959; Hill and Bendall, 
1960; Duysens et al., 1961; Duysens and Amesz, 
1962). In the late 1950s, work in Arnon’s laboratory 
led to the discovery of ferredoxin and the idea that 

ATP formation was coupled to light-driven elec-
tron transfer from water to NADP+ (Tagawa and 
Arnon, 1962). Finally, work by Mitchell, Jagendorf 
and Uribe in the 1960s showed that electron trans-
port generates a proton gradient across thylakoid 
membranes, which ultimately drives the activity 
of the ATP synthase (Mitchell, 1961a,b; Jagendorf 
and Uribe, 1966). Additionally, Joliot and Kok in 
the latter part of the 1960s gained key insights into 
the sequential nature of photosynthetic H2O oxida-
tion ( Joliot et al., 1969; Kok et al., 1970). During 
this period there were also advances in genetic and 
molecular analyses, with the discovery of plastid 
DNA by Ris and Plaut (1962).

The work described above laid the foundation 
for further analysis of photosynthetic electron 
transport and the fixation of CO2 by algae and 
plants, and also led to the initiation of genetic 
and molecular technologies for dissecting photo-
synthetic processes. In the 1950s, Sager’s group 
understood the power of using Chlamydomonas 
reinhardtii, a unicellular, haploid green alga 
with defined genetics, for dissecting biological 
processes through tetrad analyses (Sager and 
Ishida, 1963), while Levine and colleagues real-
ized that since photosynthesis is not obligate for 
Chlamydomonas (Chlamydomonas can grow on 
acetate in the dark), this organism could serve 
as a model for analysing photosynthesis through 
the generation of mutants. Indeed, Levine’s group 
was the first to isolate and analyse Chlamydomonas 
mutants defective for photosynthesis (Levine, 
1960; Ebersold et al., 1962), and to use these 
mutants to delineate the order of specific electron 
carriers in the photosynthetic electron transport 
chain (Levine, 1969). Chlamydomonas has contin-
ued to be used as a model system for elucidating 
various aspects of photosynthesis ranging from 
the components of reaction centres (reviewed 
in Wollman et al., 1999) to an understanding of 
state transitions (reviewed in Wollman, 2001; 
Minagawa, 2011; Rochaix, 2014), non-photo-
chemical quenching (reviewed in Müller et al., 
2001; Niyogi and Truong, 2013), protein trans-
port into chloroplasts (reviewed in Li and Chiu, 
2010), chlororespiration (reviewed in Peltier and 
Cournac, 2002; Nawrocki et al., 2015) and other 
regulatory processes (reviewed in Eberhard et al., 
2008; Grossman et al., 2010).
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The GreenCut: proteins 
conserved among green lineage 
organisms
With an increasing ability to perform large-scale 
genome sequencing, analyses of gene expression 
and comparative genomics, new strategies are 
being developed to explore photosynthetic pro-
cesses. Within the last 10 years the Chlamydomonas 
and Arabidopsis genomes have been sequenced, 
annotated and characterized in several ways. Com-
parative genomic analyses using Chlamydomonas, 
Arabidopsis and other fully sequenced genomes 
has led to the identification of a set of proteins (the 
GreenCut) that are conserved among green lineage 
organisms and absent from (or highly diverged in) 
heterotrophic organisms; these proteins also may 
be present in other photosynthetic organisms that 
are not included in the green lineage (Merchant et 
al., 2007). The GreenCut was originally identified 
based on the establishment of a complete set of 
proteins encoded by the Chlamydomonas nuclear 
genome, as predicted from gene models. These 
proteins were used to identify orthologous pro-
teins present in other photosynthetic eukaryotes 
of the green lineage or Viridiplantae (included in 
the group were the green alga Ostreococcus tauri, 
the angiosperm Arabidopsis thaliana, and the 
moss Physcomitrella patens), but absent in non-
photosynthetic organisms (Merchant et al., 2007). 
Originally, the GreenCut included 349 proteins, 
with many known to have roles in chloroplast pro-
cesses including photosynthetic electron transport, 
carbon fixation, and scavenging of reactive oxygen 
species. This group also contained proteins involved 
in chloroplast and thylakoid membrane biogenesis, 
redox homeostasis, and other metabolic processes. 
Of the original 349 Chlamydomonas GreenCut pro-
teins, 214 had no known function, although many 
contained domains or other signatures from which 
a function/activity could be inferred (Merchant et 
al., 2007).

An additional level of analysis was performed to 
determine which GreenCut protein families were 
also present in the diatoms Thalassiosira pseudonana 
and Phaeodactylum tricornutum (Merchant et al., 
2007). This DiatomCut (CGLD – Conserved in 
Green Lineage and Diatoms) includes 150 of the 
original 349 GreenCut proteins. A similar analy-
sis identified GreenCut proteins in the red alga 
Cyanidioschyzon merolae, designated the PlantCut 

(CPL – Conserved in Plant Lineage; 117 of the 
349 GreenCut proteins) (Merchant et al., 2007). 
Finally, the PlastidCut (CPLD – Conserved in 
Plant Lineage and Diatoms) included GreenCut 
proteins that were shared between the DiatomCut 
and the PlantCut, representing an inventory of 
proteins conserved in plastid-containing organisms 
(Merchant et al., 2007).

There were several issues with the way in which 
the original GreenCut analysis was performed, 
especially as new information became available 
and better gene models were developed. First, the 
number of full genomes used in the analysis was 
limited. At the time, only a handful of plant and 
algal genomes were available. Second, the require-
ment that a GreenCut protein must be present in 
Chlamydomonas, Arabidopsis, Physcomitrella, and 
Ostreococcus (in addition to being absent in non-
photosynthetic organisms) limited the output 
(Karpowicz et al., 2011). Ostreococcus tauri is a 
highly specialized green alga with a very small 
genome (12.6 Mb) (Derelle et al., 2006); many 
gene families have a reduced membership and 
many pathways and proteins were optimized to its 
niche in the marine environment (Derelle et al., 
2006). Therefore, a number of nucleus-encoded 
proteins present in Chlamydomonas, Arabidopsis, 
and Physcomitrella were excluded from the initial 
GreenCut collection because they were absent or 
highly diverged in Ostreococcus.

The above-mentioned issues were addressed, 
and with improved sets of gene models a revised 
GreenCut (GreenCut2) that included 597 Chla-
mydomonas proteins was generated (Karpowicz et 
al., 2011). The GreenCut2 inventory includes the 
Chlamydomonas nucleus-encoded proteins that 
have orthologues in Arabidopsis thaliana, Physcom-
itrella patens, Oryza sativa, Populus trichocarpa, and 
one or more of three Ostreococcus species (O. tauri, 
O. lucimarinus, or Ostreococcus sp. RCC809) for 
which there is full genome sequence information, 
and that are absent from or have become highly 
diverged in heterotrophic (non-photosynthetic) 
organisms (Karpowicz et al., 2011). Similar to 
the original analysis (Merchant et al., 2007), 
orthologues of many GreenCut2 proteins are also 
present in cyanobacteria and other non-green 
lineage organisms (e.g. diatoms and red algae). 
Furthermore, ~70% of these proteins are predicted 
to be targeted to chloroplasts where they may 
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function in various biological processes ranging 
from photosynthetic and metabolic functions to 
chloroplast biogenesis/assembly and the regula-
tion of photosynthetic processes. Some GreenCut2 
proteins were either demonstrated or predicted to 
localize to other cellular compartments, including 
the nucleus (~8%), cytosol, secretory system, and 
mitochondrion (~14%) (Karpowicz et al., 2011).

Many GreenCut2 proteins either lack informa-
tive domains or await validation of potential 
function (designated unknowns). Functions/activ-
ities of the unknowns are sometimes inferred from 
studies of gene expression, subcellular localization, 
proteomics, and/or mutant analysis in model 
photosynthetic organisms. A major assumption in 
the use of GreenCut2 information is that the func-
tion of a member protein of an orthologue group 
is conserved among all organisms within the green 
lineage. However, because of the long evolutionary 
distances, the functions of putative orthologues 
among the different organisms may have diverged. 
Indeed, even a limited number of changes in a 
coding sequence may result in major alterations 
in protein function (Ikeda et al., 1997; Broun et 
al., 1998). Divergent functionalities may reflect 
niche specialization (e.g. marine versus freshwater 
systems), the evolution of distinct developmental 
and morphological features (e.g. single celled alga 
versus multicellular plant), divergent reproduc-
tive strategies (e.g. sexual versus asexual) and the 
expansion of gene families coupled to the evolution 
of new functionalities. Furthermore, two closely 
related proteins that have the same or similar activi-
ties may operate in distinct physiological contexts. 
Such proteins may be part of different metabolic 
pathways or networks, may be differentially regu-
lated with respect to tissue type or environmental 
conditions, may be localized to different subcellular 
compartments or have a role under a set of environ-
mental conditions that may vary among organisms. 
Therefore, the loss of a specific GreenCut protein 
in one organism will not always result in the same 
phenotype as the analogous loss in another organ-
ism.

Evolutionary perspective
The endosymbiosis theory offers an explanation 
for the origin of eukaryotic cells from prokaryotes. 
The theory suggests that eukaryotic organelles 

such as mitochondria and plastids arose from the 
engulfment of bacterium/cyanobacterium by 
an ancestral eukaryote (Mereschkowsky, 1910), 
although this is likely a gross oversimplification of 
a long and complex process. The once free-living 
bacterium lost the ability to grow independently of 
the host (endosymbiont) and a significant portion 
of its genome was either lost or transferred to the 
host nucleus. Plastids in eukaryotic photosynthetic 
organisms arose from one or more engulfment 
events (reviewed in Keeling, 2010). The uptake 
of a cyanobacterium by a heterotrophic eukaryote 
represents the initial endosymbiotic event that 
eventually gave rise to different lineages harbouring 
a primary plastid, which include the Rhodophytes, 
Glaucophytes, and Chlorophytes. Over evolution-
ary time, the Chlorophytes evolved into both 
non-vascular (Bryophytes) and vascular (Traceo-
phytes) land plants, which dominate the terrestrial 
environment. Secondary endosymbiotic events 
also occurred and involved the transfer of primary 
plastids from red or green algae to other lineages 
(e.g. diatoms).

The establishment of a plastid from an endos-
ymbiont involved many processes, including the 
transfer of genetic material from the endosym-
biont to the genome of the host organism. This 
phenomenon, referred to as endosymbiotic gene 
transfer, afforded the host greater control over gene 
expression and the activities of the symbiont, but 
also facilitated the evolution of regulatory and sig-
nalling factors to coordinate expression of nuclear 
and plastid encoded proteins that function together 
(e.g. part of the same protein complex) within plas-
tids. In plants and algae, plastids are predicted to 
contain several thousand proteins, while the chlo-
roplast genomes of these organisms often contain 
only ~100 genes.

GreenCut2 functional categories
The categorization of GreenCut2 proteins is based 
on their validated or predicted functions. In many 
cases, these proteins are binned into groups encom-
passing broad biological processes, with little detail 
concerning their precise functions. For example, 
the GreenCut2 ‘Protein’ category contains a range 
of polypeptides known or predicted to function as 
proteases, tRNA synthetases, and chaperones, as 
well as factors involved in transcriptional regulation, 
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translation initiation, and post-translational modi-
fication. In other instances, proteins span multiple 
functional categories, making their assignments to 
specific groups arbitrary. For example, the STT7/
STN7 kinase, which is involved in state transitions, 
could be placed in the categories ‘Protein’, ‘Signal-
ling’ or ‘Photosynthesis’. To achieve a clearer sense 
of the function of a specific GreenCut2 protein, 
each of the classification categories used can be 
subdivided into groups that provide more detail 
with respect to potential function. We decided to 
examine three categories of GreenCut2 proteins, 
‘Photosynthesis’, ‘Redox’ and ‘Signalling’, in more 
detail (Fig. 11.1). A comprehensive regrouping of 
all GreenCut2 proteins is beyond the scope of this 
review, so we chose three diverse groups with some 
functional overlap. The ‘Photosynthesis’ category 
contains a large number of proteins with known 
functions, while many proteins in the ‘Redox’ and 
‘Signalling’ categories have no assigned function, 
although they may be involved in regulatory events, 

an area that we are currently exploring in more 
detail.

Photosynthesis
The 597 Chlamydomonas proteins of the Green-
Cut2 inventory have been divided into 14 
functional categories, including those with vague 
descriptions (‘Other’, ‘No Prediction’, ‘Uninforma-
tive’). Of these 14 categories, the ‘Photosynthesis’ 
category consisted of 62 proteins, of which only 3 
were of unknown function. Since 2011, when the 
GreenCut2 inventory was published, a number of 
proteins have been characterized. Some of these 
proteins previously belonged to other groups, but 
because of new evidence that supports a role in 
photosynthesis, they are now considered ‘known’ 
proteins in the category ‘Photosynthesis’. Further-
more, the ‘Photosynthesis’ category itself can be 
further divided into subcategories based on specific 
processes to which each protein can be assigned 
(Fig. 11.1 and Table 11.1).

Total = 28

Thioredoxin
Ascorbate Metabolism
Ferredoxin
Oxidoreductase
Pyridoxamine 5'-phosphate oxidase
Haem
Glutathione
Other
Glutaredoxin

Total = 70

Photosynthetic Complex Assembly & Stability
Photosynthetic Complex Subunits
Carbon Fixation
Light Harvesting
Electron Transport
Stress Response, Acclimation
Lumen-targeted Proteins
Photosystem II-associated Proteins

Total = 25

Protein Kinases
Protein Phosphatases
Immune Response
Oxidative Stress Response
Other

Redox 
5 (1) 

4 (0) 

4 (2) 
4 (4) 

3 (3) 

3 (1) 

2 (1) 
2 (1) 

1(0) 

Photosynthesis 

25 (0) 

14 (1) 
8 (2) 

6 (0) 

6 (1) 

5 (0) 
5(3) 

Signalling 
6 (4) 

5 (4) 
4 (1) 

4 (0) 

6 (3) 

3(1) 

Figure 11.1 Sub-categorization of GreenCut2 proteins in the ‘Photosynthesis’, ‘Redox’, and ‘Signalling’ 
categories. The GreenCut2 categories were subdivided into groups based upon additional levels of detail 
regarding their biological functions. Numbers within a pie slice indicate the total number of proteins within the 
sub-category and the number of proteins of unknown function (in parentheses). For specific proteins in each 
category, refer to Tables 11.1–11.3.
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Table 11.1 Subcategories of GreenCut2 proteins belonging to the ‘Photosynthesis’ category
Category Cre Name Cre v5.5 ID Ath Name TAIR ID Known Function

Photosynthetic 
Complex 
Subunits

PETC Cre11.g467689 PETC At4g03280 þ Rieske iron–sulfur cluster 
subunit of cytochrome b6f 
complex

PSAD Cre05.g238332 PSAD-1 At4g02770 þ Stromal ridge subunit D of PSI

PSAD-2 At1g03130 þ

PSAE Cre10.g420350 PSAE-2 At2g20260 þ Stromal ridge subunit E of PSI 
PSAF Cre09.g412100 PSAF At1g31330 þ Subunit F of PSI
PSAG Cre12.g560950 PSAG At1g55670 þ Subunit G of PSI
PSAH Cre07.g330250 PSAH-1 At3g16140 þ Subunit H of PSI

PSAH-2 At1g52230 þ

PSAK Cre17.g724300 PSAK At1g30380 þ Subunit K of PSI
PSAL Cre12.g486300 PSAL At4g12800 þ Subunit L of PSI
PSAO Cre07.g334550 PSAO At1g08380 þ Subunit O of PSI
PSBW Not found* PSBW At2g30570 þ Possible subunit W of PSII
PSB28 Cre10.g440450 PSB28 At4g28660 ¨ Similar to PSBW subunit of 

PSII
PSBO Cre09.g396213 PSBO-1 At5g66570 þ Oxygen-evolving enhancer 1
PSBP Cre12.g550850 PSBP-1 At1g06680 þ Oxygen-evolving enhancer 2

PSBP-2 At2g30790 þ

PSBQ Cre08.g372450 PSBQ-1 At4g21280 þ Oxygen-evolving enhancer 3
PSBQ-2 At4g05180 þ

ATPG Cre11.g481450 PDE334 At4g32260 þ ATP synthase subunit II
Photosynthetic 
complex 
assembly and 
stability

CGL102 Cre02.g142146 HCF244 At4g35250 þ PSII assembly
CPLD10 Cre13.g578650 HCF173 At1g16720 þ PSII assembly
CGL54 Cre02.g073850 LPA19 At1g05385 þ PSII assembly

EFG10 Cre03.g165000 LPA1 At5g08650 þ PSII assembly
CPLD47 Cre07.g329000 PAM68 At4g19100 þ PSII assembly
CPLD28 Cre03.g184550 LPA3 At1g73060 þ PSII assembly
CPLD41 Cre12.g493150 LTO1 At4g35760 þ PSII assembly
RBD1 Cre07.g315150 RBD1 At1g54500 þ PSII assembly
TEF5 Cre09.g411200 PSB33 At1g71500 þ PSII assembly
TEF30 Cre01.g031100 MET1 At1g55480 þ PSII supercomplex formation/

repair
PSBP3 Cre12.g509050 PPL1 At3g55330 þ PSII assembly/repair
CCB1 Cre16.g662150 CCB1 At3g26710 þ Cytochrome b6f complex 

assembly
CCB2 Cre12.g537850 CCB2 At5g52110 þ Cytochrome b6f complex 

assembly
CCB3 Cre01.g052400 CCB3 At5g36120 þ Cytochrome b6f complex 

assembly
CCB4 Cre08.g382300 CCB4 At1g59840 þ Cytochrome b6f complex 

assembly
CCS1 Cre13.g575000 na At1g49380 þ Cytochrome b6f complex 

assembly
CCS5 Cre17.g702150 HCF164 At4g37200 þ Cytochrome b6f complex 

assembly
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Category Cre Name Cre v5.5 ID Ath Name TAIR ID Known Function

CPLD38 Cre01.g000850 DAC At3g17930 þ Cytochrome b6f complex 
assembly

CGL71 Cre12.g524300 PYG7 At1g22700 þ PSI assembly
CGL59 Cre06.g280650 Y3IP1 At5g44650 þ PSI assembly
PSBP4 Cre08.g362900 PPD1 At4g15510 þ PSI assembly
ZNJ1 Cre11.g475850 PSA2 At2g34860 þ PSI assembly
CGL160 Cre01.g049600 CGL160 At2g31040 þ ATP synthase assembly
SRP43 Cre04.g231026 CPSRP43 At2g47450 þ Chlorophyll a/b light-harvesting 

complex assembly
CGL129 Cre05.g233950 CURT1A At4g01150 þ Thylakoid membrane curvature, 

structural organization
Light harvesting LHCA1 Cre06.g283050 LHCA1 At3g54890 þ Light-harvesting protein of PSI

LHCA3 Cre11.g467573 LHCA3 At1g61520 þ Light-harvesting chlorophyll a/b 
protein of PSI, type III

LHCA4 Cre10.g452050 LHCA4 At3g47470 þ Light-harvesting protein of PSI
LHCB4 Cre17.g720250 LHCB4.3 At2g40100 þ Minor LHCII protein CP29
LHCB5 Cre16.g673650 LHCB5 At4g10340 þ Minor LHCII protein CP26
LHCB7 Cre02.g110750 LHCB7 At1g76570 þ Chlorophyll a/b binding protein

Electron 
transport

PETF Cre14.g626700 Fd3 At2g27510 þ Ferredoxin 

FNR1 Cre11.g476750 RFNR1 At4g05390 þ Ferredoxin-NADP reductase
RFNR2 At1g30510 þ

PCY1 Cre03.g182551 PETE1 At1g76100 þ Plastocyanin
CYC4 Cre16.g670950 CYTC6A At5g45040 ¨ Cytochrome c family member
PGR5 Cre05.g242400 PGR5 At2g05620 þ Proton gradient regulation 

5 involved in cyclic electron 
transport

PGRL1 Cre07.g340200 PGRL1A At4g22890 þ PGR5-like protein involved in 
cyclic electron transport

PGRL1B At4g11960 þ

Carbon fixation RBCS1 Cre02.g120100 RBCS1A At1g67090 þ Rubisco small subunit 1
RBCS1B At5g38430 þ

RBCS2 Cre02.g120150 RBCS2B At5g38420 þ Rubisco small subunit 2
RCA1 Cre05.g229300 RCA At2g39730 þ Rubisco activase
RCA2 Cre17.g718950 na At1g73110 ¨ Rubisco activase-like protein
RBCMT1 Cre16.g551350 LSMT-L At1g14030 þ Rubisco large subunit 

N-methyltransferase
PRK1 Cre12.g554800 PRK At1g32060 þ Phosphoribulokinase
RPI2 Cre07.g314600 na At5g44520 ¨ Ribose-5-phosphate 

isomerase-related protein
CGL41 Cre01.g030350 RBCX1 At4g04330 þ RbcX domain-containing 

protein with chaperone-like 
function assisting in the folding 
of Rubisco

Stress response, 
acclimation

STT7 Cre02.g120250 STN7 At1g68830 þ Protein kinase required for 
state transitions

APE1 Cre16.g665250 APE1 At5g38660 þ Protein involved in acclimation 
of photosynthesis to 
environment

Table 11.1 Continued
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Subunits of photosynthetic complexes
In eukaryotes, the major photosynthetic complexes 
are PSI, PSII, the cytochrome b6 f complex, and 
the chloroplast ATP synthase. The GreenCut2 
contains a number of nucleus-encoded subunits 
of these major photosynthetic complexes. For the 
cytochrome b6 f complex, among the four major 
subunits of the complex, only PETC1 [Cre11.
g467689; At4g03280], or the Rieske iron–sulfur 
cluster subunit, is present in the GreenCut2 inven-
tory; it is the only major subunit encoded in the 
nuclear genome (reviewed in Wollman et al., 1999).

PSI subunits that are included in the Green-
Cut2 are the stromal ridge subunits PSAD [Cre05.
g238332; At1g03130, At4g02770], PSAE [Cre10.
g420350; At2g20260], but not PsaC because it is 
chloroplast encoded. Several other PSI intrinsic 
membrane proteins are also conserved in the 
green lineage, including PSAF [Cre09.g412100; 
At1g31330], PSAG [Cre12.g560950; At1g55670], 
PSAH [Cre07.g330250; At3g16140, At1g52230], 

1 In keeping with conventional nomenclature 
described by Dutcher and Harris (1998), proteins 
encoded by nuclear genes are designated with 
uppercase letters (e.g. PETC), while proteins encoded 
by chloroplast genes have only the first letter capitalized 
(and often the last letter if there is one) with none of 
the letters italicized (e.g. PetA). Proteins encoded by 
chloroplast genes are not included in the GreenCut2.

PSAK [Cre17.g724300; At1g30380], PSAL 
[Cre12.g486300; At4g12800], and PSAO [Cre07.
g334550; At1g08380].

In contrast to PSI subunits, the majority of PSII 
subunits are encoded by chloroplast genes. PSII 
subunits included in the GreenCut2 are PSBW 
and the related PSB28 protein [Cre10.g440450; 
At4g28660]. PSBW was originally identified in 
spinach as a small (6.1 kDa), nuclear-encoded 
subunit of PSII (Schröder et al., 1988; Lorković et 
al., 1995). In Arabidopsis, a knockdown of PSBW 
[At2g30570] prevented stabilization of the dimeric 
PSII complex, which led to a reduction in the 
total number of PSII complexes per cell (Shi et al., 
2000). A separate Arabidopsis TDNA knockout line 
failed to accumulate PSII–LHCII supercomplexes, 
suggesting an important structural role for PSBW 
(Garcia-Cerdán et al., 2011). In Chlamydomonas, 
PSBW was also shown to be a subunit of PSII 
(Bishop et al., 2003). Interestingly, a gene model 
for PSBW is not given in the most recent Chla-
mydomonas genome browser (Phytozome 10.2, 
Chlamydomonas v5.5).

PSB28 is one of the few GreenCut2 proteins 
in the ‘Photosynthesis’ category for which there is 
little experimental information concerning func-
tionality. It is annotated as a PSBW-like protein 
and is localized to thylakoid membranes based 

Category Cre Name Cre v5.5 ID Ath Name TAIR ID Known Function

ELI3 Cre09.g394325 ELIP2 At4g14690 þ Early light-inducible protein 
possibly involved in the 
regulation of chlorophyll 
biosynthesis

ELI7 Cre03.g199535 LIL3:1 At4g17600 þ LHC-like protein required for 
Chlorophyll and tocopherol 
biosynthesis

HLIP Cre02.g109950 HLIP At5g02120 þ Single helix LHC-like protein 
induced by high light

Photosystem 
II-associated 
proteins

PSBS1 Cre01.g016600 PSBS At1g44575 þ Chloroplast PSII-associated 
protein; luminal pH sensor in 
Arabidopsis

PSBS2 Cre01.g016750 na At1g44575 ¨ Chloroplast PSII-associated 
protein

PSBY2 Cre10.g452100 PSBY At1g67740 ¨ Ycf32-related protein of PSII
Lumen-targeted CGL158 Cre10.g446350 PPD3 At1g76450 ¨ PSBP domain protein
PSBP-related CGL30 Cre03.g198950 PPD4 At1g77090 ¨ PSBP domain protein
Proteins PSBP9 Cre06.g280150 PPD6 At3g56650 ¨ PSBP domain protein

þ Function known or inferred; ¨ Function unknown; na: not available.

Table 11.1 Continued
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on Arabidopsis proteomic studies (Peltier et al., 
2004). In cyanobacteria, Psb28 may function in the 
biogenesis of the PSII core antenna protein CP47 
and may also have a role in regulating chlorophyll 
(Ch1) synthesis (Dobáková et al., 2009).

The oxygen–evolving complex (OEC) is integral 
to PSII activity. The three major subunits of this 
complex, all included in GreenCut2, are PSBO 
[Cre09.g396213; At5g66570], PSBP [Cre12.
g550850; At1g06680, At2g30790], and PSBQ 
[Cre08.g372450; At4g05180, At4g21280].

Finally, ATPG [Cre11.g481450; AtPDE334; 
At4g32260] represents the only GreenCut2 protein 
that functions as a subunit of the chloroplast ATP 
synthase complex. ATPG (or subunit II) is one of 
two peripheral stalk proteins that associate with 
both the catalytic CF1 portion and the membrane-
bound CF0 proton channel (reviewed in Wollman 
et al., 1999). It is critical for both accumulation and 
function of the chloroplast ATP synthase. This was 
demonstrated in an Arabidopsis T-DNA insertion 
mutant; the atpG mutant was unable to grow pho-
toautotrophically (Kong et al., 2013). When grown 
on sucrose, the mutant also displayed disorganized 
thylakoid membrane structure, as well as altered 
accumulation of the CF1–CF0 complex (Kong et 
al., 2013).

Assembly and stability
The assembly of photosynthetic complexes within 
the chloroplast requires coordinated expression of 
subunits encoded by both the nucleus and chloro-
plast genomes. Several proteins have recently been 
identified as having roles in the assembly and/or 
stability of such complexes. At least two GreenCut2 
proteins are known to have a post-transcriptional 
role in PSII assembly. HCF244 [At4g35250; 
CrCGL102; Cre02.g142146] and HCF173 
[At1g16720; CrCPLD10; Cre13.g578650] are 
members of the atypical short-chain dehydroge-
nase/reductase family of proteins that have evolved 
functions in translation initiation of psbA mRNA 
(Link et al., 2012). HCF173 has an additional role 
in stabilizing psbA transcripts and is speculated to 
be an RNA-binding factor that assists in delivery of 
psbA transcripts to ribosomes (Schult et al., 2007).

LPA19 [At1g05385; CrCGL54; Cre02.
g073850] is a homologue of PSB27, a PSII-asso-
ciated protein thought to have a critical role in the 
early stages of PSII assembly (Wei et al., 2010). In 

accord with this function, Arabidopsis LPA19 was 
demonstrated to interact with both mature and 
precursor D1 protein (PsbA), potentially facilitat-
ing the processing of the D1 precursor prior to 
integration into PSII reaction centres (Wei et al., 
2010). The function of the LPA19 orthologue 
in Chlamydomonas has not been determined. A 
number of other PSII assembly factors have been 
identified. Several of these factors interact with D1 
during de novo PSII biogenesis, including LPA1 
[At5g08650; CrEFG10; Cre03.g165000], which 
is a tetratricopeptide (TPR) repeat-containing 
protein previously placed in the ‘Protein’ category 
of the GreenCut2. LPA1 is an integral thylakoid 
membrane chaperone that appears to facilitate 
efficient PSII assembly through interactions with 
D1 (Peng et al., 2006). An additional PSII assembly 
factor, PAM68 [At4g19100; CrCPLD47; Cre07.
g329000], interacts with several PSII reaction 
centre subunits (D1, D2, CP43, CP47) and with 
other assembly factors including LPA1 (Arm-
bruster et al., 2010). An Arabidopsis pam68 mutant 
exhibited reduced PSII content, high levels of Ch1 
fluorescence and defects in the formation of PSII 
dimers and supercomplexes (Armbruster et al., 
2010).

LPA3 [At1g73060; CrCPLD28; Cre03.
g184550] was previously placed in the ‘Uninforma-
tive’ category of the GreenCut2. However, this 
protein is believed to participate in assembly of 
CP43 within PSII, and is therefore better placed in 
the ‘Photosynthesis’ category (Cai et al., 2010). An 
Arabidopsis mutant lacking LPA3 exhibited reduced 
levels of several PSII subunits, including the core 
proteins D1, D2, CP47 and CP43 (Cai et al., 2010). 
The mating-based split ubiquitin system (mb-SUS) 
demonstrated an interaction between LPA3 and 
CP43, but not D1, D2, or CP47 (Cai et al., 2010). 
Additionally, LPA3 was shown to interact with 
LPA2 and Alb3, two non-GreenCut2 assembly fac-
tors that participate in CP43 integration into PSII 
(Ma et al., 2007).

LTO1 [At4g35760; CrCPLD41; Cre12.
g493150], or Lumen Thiol Oxidoreductase1, 
functions in disulfide bond formation within the 
chloroplast lumen (Karamoko et al., 2011). An 
Arabidopsis lto1 mutant displayed severe pho-
toautotrophic growth defects including limited 
linear electron transport, which was correlated to 
a significant loss of PSII subunits (Karamoko et 
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al., 2011). LTO1, suggested to associate with the 
PSBO subunit of OEC based on yeast two–hybrid 
interactions, had an in vitro capacity to introduce a 
disulfide bond in PSBO (Karamoko et al., 2011). 
Together, these results highlight a crucial role for 
thiol-disulfide chemistry in the assembly/stability 
of thylakoid membrane photosynthetic complexes. 
Little is known about the function of the LTO1 
orthologue in other green lineage organisms.

RBD1 [Cre07.g315150; At1g54500], an iron–
sulfur containing rubredoxin, is essential for the 
proper accumulation of PSII in a diverse set of 
oxygenic photoautotrophic organisms including 
cyanobacteria, green algae, and plants (Calderon et 
al., 2013). While the specific function of this protein 
has yet to be determined, some evidence suggests 
that it could function in electron transport, oxygen 
tolerance, or in promoting photosynthetic complex 
assembly or stability (Calderon et al., 2013). RBD1 
was moved from the ‘Redox’ category to the ‘Pho-
tosynthesis’ category.

Recently, Arabidopsis PSB33 [At1g71500; 
CrTEF5; Cre09.g411200] was shown to have a 
role in the organization of PSII–LHCII supercom-
plexes (Fristedt et al., 2014a). A psb33 mutant was 
originally identified in the ‘Chloroplast 2010: A 
Database for Large-Scale Phenotypic Screening 
of Arabidopsis Mutants’ project and was found to 
have altered Ch1 fluorescence after several hours of 
photoinhibiting light (Ajjawi et al., 2010). PSB33 is 
an integral thylakoid membrane protein thought to 
be a component of PSII based on interactions with 
D1, D2, CP43 and LHCII (Fristedt et al., 2014a). 
A psb33 mutant displays reduced levels of LHCII-
containing PSII–LHCII supercomplexes and a 
lower capacity for non-photochemical quenching 
under high light conditions, all of which suggest that 
PSB33 has a critical role in the structural organiza-
tion of the photosynthetic apparatus (especially 
PSII) in response to changes in environmental 
conditions (Fristedt et al., 2014a).

Another GreenCut2 protein MET1 
[At1g55480], previously placed in the ‘Signalling’ 
category, was recently determined to have a role 
in PSII supercomplex formation in Arabidopsis 
(Bhuiyan et al., 2015). MET1 contains a TPR 
domain and is localized to thylakoid membranes 
where it may associate with the PSII core compo-
nents CP43 and CP47, and is especially important 
for PSII repair (Bhuiyan et al., 2015). MET1, also 

called ZKT because of its PDZ, K-box, and TPR 
domains, is suggested to be regulated by phospho-
rylation during the Arabidopsis wounding response 
(Ishikawa et al., 2005).

Finally, a member of the PSBP-like (PPL) family 
of proteins, PPL1 [At3g55330; CrPSBP3; Cre12.
g509050] is likely localized to the thylakoid lumen 
where it assumes a role in the repair of photodam-
aged PSII (Ishihara et al., 2007). PPL1 mRNA 
is co-expressed with other genes up-regulated in 
response to high light, and high light grown Arabi-
dopsis ppl1 mutant plants have compromised PSII 
activity as well as accelerated turnover of the D1 
PSII reaction centre protein (Ishihara et al., 2007). 
Additional members of the PSBP family of proteins 
are described below.

A number of GreenCut2 proteins have func-
tional roles in the assembly and stability of the 
cytochrome b6 f complex. One defining feature 
that distinguishes the photosynthetic cytochrome 
b6 f complex from its mitochondrial counterpart, 
the ubihydroquinone:cytochrome c oxidoreduc-
tase (bc1 complex), is a c’ haem that is covalently 
bound to cytochrome b6. The GreenCut2 includes 
four CCB proteins [cofactor assembly, complex C 
(b6 f), subunit B (PetB)]. These proteins catalyse 
the covalent attachment of c’ haem to cytochrome 
b6 during protein maturation. CCB1 [Cre16.
g662150], CCB2 [Cre12.g537850], CCB3 [Cre01.
g052400], and CCB4 [Cre08.g382300] were each 
able to functionally restore a mutant strain with 
a defect attributed to the lack of haem binding to 
cytochrome b6 (Kuras et al., 1997; Kuras et al., 
2007). All four Chlamydomonas CCBs are localized 
in chloroplasts and contain at least one transmem-
brane domain; they are thought to function on the 
stromal side of thylakoid membranes (Kuras et al., 
2007). In Arabidopsis, the orthologous proteins 
CCB1 [At3g26710], CCB2 [At5g52110], CCB3 
[At5g36120] and CCB4 [At1g59840] also local-
ize to chloroplasts, with CCB1, CCB2, and CCB4 
necessary for c’ haem binding to cytochrome b6 
(Lezhneva et al., 2008).

The cytochrome f subunit of the cytochrome b6 f 
complex also contains covalently bonded haem. In 
Chlamydomonas, four nuclear genes (CCS1-CCS4) 
and one chloroplast gene (ccsA) encode proteins 
required for haem attachment to apocytochrome 
f (Xie et al., 1998). CCS1 [Cre13.g575000; 
At1g49380] was originally shown to complement 
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a Chlamydomonas mutant (abf3) that exhibited 
defective accumulation of the cytochrome b6 f 
complex (Inoue et al., 1997). CCS1 was previously 
placed in the ‘Other’ category of the GreenCut2. 
More recently, an additional GreenCut2 protein, 
CCS5 [Cre17.g702150], was shown to have a 
similar function in Chlamydomonas (Gabilly et al., 
2010). The orthologue of CCS5 in Arabidopsis, 
HCF164 [At4g37200], is a membrane-anchored 
thioredoxin-like protein that accepts electrons 
from the stromal m-type thioredoxin and is capable 
of donating electrons to the PSAN subunit of PSI 
as well as to the cytochrome f and Rieske iron–
sulfur proteins of the cytochrome b6 f complex 
(Motohashi and Hisabori, 2006). Like HCF164 
in Arabidopsis, which participates in chloroplast 
redox chemistry, CCS5 in Chlamydomonas physi-
cally interacts with apocytochrome f and is capable 
of reducing its haem-binding site (Gabilly et al., 
2010). The disulfide reductase activity of CCS5/
HCF164 is a critical prerequisite to haem ligation 
and necessary for normal accumulation of the 
cytochrome b6 f complex (Motohashi and Hisa-
bori, 2006; Gabilly et al., 2010).

CPLD38 [Cre01.g000850; AtDAC; 
At3g17930] was previously placed in the ‘No 
Prediction’ category of the GreenCut2 because 
it lacked any informative domain or motif. 
However, recent publications suggest that this 
protein is essential for proper accumulation of the 
cytochrome b6 f complex in both Chlamydomonas 
(Heinnickel et al., 2013) and Arabidopsis (Xiao et 
al., 2012). The CPLD38/DAC polypeptide is local-
ized to thylakoid membranes, has two predicted 
transmembrane domains, and contains a hydro-
philic C-terminal region that protrudes into the 
chloroplast stroma (Xiao et al., 2012; Heinnickel 
et al., 2013). While there is some evidence that in 
Arabidopsis DAC interacts with the PetD subunit of 
the cytochrome b6 f complex (Xiao et al., 2012), the 
precise mechanism(s) of CPLD38/DAC function 
is not known.

GreenCut2 proteins required for the proper 
assembly and/or stability of PSI include PYG7, 
Y3IP1, PPD1, and PSA2. In Arabidopsis, PYG7 
[At1g22700; CrCGL71; Cre12.g524300] is critical 
for assembly of PSI subunits into a functional com-
plex. The absence of PSI in the pale yellow green7–1 
(pyg7) mutant is manifest as severe growth defects, 
leaf discoloration, and irregular chloroplast 

ultrastructure (Stöckel et al., 2006). PYG7 is a thy-
lakoid membrane TPR protein that co-purifies with 
PSI and is thought to function post-translationally 
during the early stages of PSI assembly (Stöckel et 
al., 2006). A similar TPR-containing PSI assembly 
factor is encoded by ycf3, a gene conserved in the 
chloroplast genome of algae and vascular plants 
(Boudreau, et al., 1997). Y3IP1 [At5g44650; 
CrCGL59; Cre06.g280650] was identified as a 
nucleus-encoded protein that interacts with Ycf3 
(Albus et al., 2010). A knockdown of this thylakoid-
membrane GreenCut2 protein caused a significant 
reduction in the level of PSI in both Arabidopsis and 
tobacco (Nicotiana tabacum) (Albus et al., 2010).

PPD1 is one of a number of PsbP-related proteins, 
several of which are included in GreenCut2 (see 
‘Lumen-targeted PSBP-related proteins’ below). In 
Arabidopsis, PPD1 [At4g15510; CrPSBP4; Cre08.
g362900] is required for the formation of stable 
PSI (Liu et al., 2012). Similar to the pyg7 mutant, 
the ppd1 mutant does not exhibit defects in tran-
scription or translation of PSI subunits, and is thus 
thought to act at the post-translational level (Liu et 
al., 2012). PPD1 was demonstrated to interact with 
the luminal loops of PsaA and PsaB, and potentially 
assist in folding and membrane integration of these 
reaction centre proteins during assembly (Liu et al., 
2012).

Recently, a GreenCut2 protein belonging to 
the ‘Protein’ category and predicted to contain a 
DNAJ-like Zinc-finger domain was shown to be 
involved in PSI assembly (Fristedt et al., 2014b). 
This protein, PSA2 [At2g34860; CrZNJ1, Cre11.
g475850], was identified from a forward genetic 
screen in maize (Zea mays), but much of the char-
acterization was performed with an Arabidopsis 
psa2 mutant (Fristedt et al., 2014b). PSA2 in 
Arabidopsis localizes to the thylakoid lumen and is 
part of a multimeric ~250 kDa complex contain-
ing the PSI subunit PSAG (Fristedt et al., 2014b). 
This interaction appears to be specific to PSAG as 
other PSI subunits were not detected in this large 
protein complex. PSA2 also has disulfide reductase 
activity, suggesting that it might participate in thiol 
transactions during the assembly of PSI (Fristedt et 
al., 2014b).

Recent work shows that CGL160 [At2g31040; 
Cre01.g049600] functions in assembly of the 
chloroplast ATP synthase (cpATPase) in Arabi-
dopsis (Rühle et al., 2014). CGL160 is integral to 
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thylakoid membranes, interacts with the c-subunit 
of the cpATPase, and is speculated to function 
specifically in the incorporation of this subunit into 
the complex (Rühle et al., 2014). Not surprisingly, 
the absence of CGL160 results in acidification of 
the thylakoid lumen, which triggers an increase in 
the xanthophyll cycle and energy-dependent non-
photochemical quenching (Rühle et al., 2014).

SRP43 [Cre04.g231026; At2g47450] is unique 
among GreenCut2 proteins in that it is the only 
protein necessary for proper accumulation of light 
harvesting complex proteins (Kirst et al., 2012). 
The tla3 (for truncated light harvesting antenna 
size3) mutant of Chlamydomonas has both reduced 
Ch1 per cell and an elevated Ch1 a/b ratio relative 
to its parental strain (Kirst et al., 2012). The reduced 
Ch1 antenna size in this mutant correlates with the 
need for much higher light fluence rates to saturate 
photosynthesis (measured as O2 evolution) (Kirst 
et al., 2012). The disrupted gene in the tla3 mutant 
[Cre04.g231026 or g5047] encodes a protein with 
similarity to SRP43 of the signal recognition par-
ticle, is localized to chloroplasts, and participates 
in assembly of peripheral components of the light 
harvesting antenna (Kirst et al., 2012). The exact 
molecular mechanism by which SRP43 facilitates 
integration of proteins into thylakoid membranes 
is not known.

The GreenCut2 likely contains many additional 
proteins involved in chloroplast assembly and organ-
ization of the photosynthetic apparatus, although 
their functions are only beginning to be eluci-
dated. One example of such a protein is CURT1A 
[At4g01150; CrCGL129; Cre05.g233950;], a 
member of a family of proteins enriched in the thy-
lakoid grana margins that is thought to play a role in 
inducing membrane curvature (Armbruster et al., 
2013a).

Light harvesting proteins
Chlorophyll-binding light harvesting antenna pro-
teins associate with PSI and PSII in green lineage 
organisms, but each organism possesses a unique 
combination of such light harvesting complex 
(LHC) proteins. A number of these LHC proteins 
are similar in Chlamydomonas and Arabidopsis 
(reviewed in Rochaix, 2014). In Chlamydomonas, 
there are 12 LHCII proteins, all of which are 
encoded by the nuclear genome, while Arabidopsis 
has 11 LHCII proteins, with several that exist as 

different isoforms. Only a few LHCII and LHCI 
proteins are included in the GreenCut2. These are 
the minor LHCII proteins LHCB4 [CP29; Cre17.
g720250; At2g40100] and LHCB5 [CP26; Cre16.
g673650; At4g10340], as well as the rarely expressed 
LHCB7 [Cre02.g110750; At1g76570] (Klimmek 
et al., 2006). Chlamydomonas and Arabidopsis also 
differ in the number of PSI-associated LHCI pro-
teins; Chlamydomonas has nine and Arabidopsis 
six. LHCI proteins included in the GreenCut2 are 
LHCA1 [Cre06.g283050; At3g54890], LHCA3 
[Cre11.g467573; At1g61520], and LHCA4 
[Cre10.g452050; At3g47470]. Many of the LHC 
proteins are not in the GreenCut2 because they do 
not exhibit a mutual best BLAST hit with an LHC 
in at least one green lineage organism used to gener-
ate the GreenCut2; this has been a limitation in the 
strategy used to generate GreenCut2 membership, 
but can be at least partially remedied by bringing in 
all protein family paralogues or generating mem-
bership using similarity cut-offs.

Electron transport
The photosynthetic electron transport chain com-
prises both membrane-bound, hydrophobic, and 
soluble, hydrophilic electron carriers. The Green-
Cut2 includes several conserved proteins that 
participate in electron transport reactions, includ-
ing the PSI electron acceptor ferredoxin 1 [PETF; 
CrFDX1, Cre14.g626700; AtFd1, At2g27510], 
ferredoxin-NADP+ reductase (FNR; see below), 
plastocyanin [PCY1; Cre03.g182551; At1g76100], 
and a member of the cytochrome c family 
(CYTC6A; see below). PGR5 [Cre05.g242400; 
At2g05620] and PGRL1 [Cre07.g340200; 
At4g11960; At4g22890] have received attention 
for their roles in cyclic electron transport around 
PSI and their association with photosynthetic 
supercomplexes (Munekage et al., 2002; DalCorso 
et al., 2008; Iwai et al., 2010; Suorsa et al., 2012; 
Hertle et al., 2013; Johnson et al., 2014).

In Chlamydomonas, the GreenCut2 contains a 
single ferredoxin-NADP+ oxidoreductase protein 
[FNR1; Cre11.g476750]. There is some evidence 
suggesting that this protein exists as both a soluble, 
stromal protein and thylakoid membrane-associated 
protein, and that the difference in location facili-
tates the partitioning of electrons between different 
acceptors and donors (Yacoby et al., 2011; Peden et 
al., 2013). In Chlamydomonas, FNR1 catalyses the 
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FDX1-dependent reduction of NADP+ (Peden et 
al., 2013). FNR1 may also interact with and reduce 
FDX2 (Peden et al., 2013). There are two paral-
ogues of FNR1 in Arabidopsis, which are designated 
RFNR1 [At4g05390] and RFNR2 [At1g30510]. 
Both paralogues are root-type FNRs (Hanke et 
al., 2005) that are present in non-photosynthetic 
plastids in Arabidopsis and other vascular plants. 
The root-type FNRs are significantly less efficient 
at reducing NADP+ than their leaf counterparts 
(LFNRs) (Hanke et al., 2005), and have special-
ized roles in utilization (oxidation) of NADPH for 
bioassimilation and biosynthetic processes rather 
than in NADP+ reduction. Chlamydomonas, which 
contains a single photosynthetic plastid, may use 
FNR1 for both anabolic (NADPH-oxidizing) and 
catabolic (NADP+-reducing) processes depending 
on the redox environment of the chloroplast and 
the energetic requirements of the cell.

CYTC6A [At5g45040; CrCYC4; Cre16.
g670950] is related to cytochrome c6, which in 
many cyanobacteria and algae accepts electrons 
from cytochrome f (of the cytochrome b6 f com-
plex) and transfers them to oxidized P700 (P700+, 
reaction centre of PSI) (Hervás et al., 2003). Some 
algae have both the Cu-containing plastocyanin 
and the Fe-containing cytochrome c6. Plastocyanin 
is the predominant soluble protein that transfers 
electrons to PSI under normal growth conditions, 
while under Cu-limitation, cytochrome c6 can 
functionally replace plastocyanin (Wood, 1978). 
Cytochrome c6 has not been identified in vascular 
plants, but the related protein CYTC6A in Arabi-
dopsis is suggested to oxidize dithiol/disulfide 
groups of thylakoid lumen proteins (Marcaida et al., 
2006). Likewise, a specific role for CYC4 in Chla-
mydomonas has not been determined, leaving these 
orthologous proteins among the few GreenCut2 
‘Photosynthesis’ proteins that still have unknown 
functions.

Carbon fixation
Photosynthesis has often been divided into the 
‘light’ reactions, those involving solar energy 
capture and conversion into chemical energy, and 
the ‘dark’ reactions, those involving the use of that 
chemical energy for the fixation of inorganic carbon 
into metabolites and storage molecules (i.e. carbo-
hydrates). Since the so-called ‘dark’ reactions also 
occur in the light, they are now collectively referred 

to as the ‘carbon fixation’ reactions. A major enzyme 
involved in carbon fixation, Rubisco, is comprised 
of two subunits. The large subunit, RbcL, is encoded 
on the chloroplast genome in Chlamydomonas and 
other green lineage organisms, and thus does not 
fit the criteria of the GreenCut2. The small subu-
nit, RBCS, however, exists as multiple isoforms 
including RBCS1 [Cre02.g120100; At1g67090, 
At5g38420, At5g38430], and RBCS2 [Cre02.
g120150; At1g67090, At5g38410, At5g38420, 
At5g38430]. Several proteins are involved in the 
regulation of Rubisco, including Rubisco activase 
[RCA1; Cre05.g229300; At2g39730], a protein 
similar to Rubisco activase [RCA2; Cre17.g718950; 
At1g73110)] and Rubisco N-methyltransferase 
[RBCMT1; Cre16.g661350; At1g14030]. Another 
known component of the Calvin–Benson-Bassham 
cycle and in the GreenCut2, phosphoribulokinase 
[PRK1; Cre12.g554800; At1g32060], catalyses the 
conversion of d-ribulose 5-phosphate to d-ribulose 
1,5-bisphosphate. Finally, this group also includes 
a protein related to ribose-5-phosphate isomerase 
[RPI2; Cre07.g314600; At5g44520].

Homologues of the RBCMT1 methyltrans-
ferase, such as PsLSMT, which is involved in 
methylation of the Rubisco large subunit (RbcL) 
in pea (Pisum sativum), are encoded on all plant 
genomes, although RbcL methylation is not 
conserved (Mininno et al., 2012). In Arabidopsis, 
the AtLSMT orthologue [At1g14030] trimethyl-
ates 1,6-bisphosphate aldolase rather than RbcL 
(Mininno et al., 2012). There is still little known 
about the role of protein (specifically lysine) 
methylation in photosynthetic carbon fixation and 
chloroplast carbon metabolism.

Stress response, acclimation
A number of GreenCut2 proteins function in 
acclimation responses to stress or changes in 
environmental conditions. These include the 
protein kinase STT7 [Cre02.g120250; AtSTN7, 
At1g68830] (Depège et al., 2003; Bellafiore et al., 
2005), which is involved in phosphorylation of 
mobile LHCII proteins during state transitions, 
as well as APE1 [Cre16.g665250; At5g38660], 
an Arabidsopsis protein of unknown function 
that is necessary for acclimation to high light 
(Walters et al., 2003). Other GreenCut2 proteins 
involved in acclimatory processes include several 
members of the light harvesting complex (LHC) 
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protein superfamily: the early light-inducible pro-
teins (ELIPs) and a high light-inducible protein 
(HLIP).

ELIPs were first identified in pea as nucleus-
encoded thylakoid membrane proteins that were 
rapidly and transiently expressed upon transfer of 
plants between different light conditions (Meyer 
and Kloppstech, 1984). It was later realized that 
ELIPs have transmembrane domains (TMDs) sim-
ilar to those of LHC proteins (Grimm et al., 1989); 
both LHCs and ELIPs have three transmembrane 
α-helices. However, these proteins differ in that 
ELIPs are only expressed transiently in develop-
ing thylakoid membranes or during exposure of 
the plant to high light conditions (Grimm et al., 
1989). In Chlamydomonas, there are a number of 
ELIPs, but only ELI3 [Cre09.g394325; AtELIP2, 
At4g14690] and ELI7 [Cre03.g199535] were 
identified in the most recent GreenCut2 analysis. 
ELI7, which appears to be orthologous to Arabi-
dopsis LIL3:1 [At4g17600], showed a decrease in 
the abundance of its mRNA following transfer of 
the cells to high light (Teramoto et al., 2004). This 
is in contrast to other ELIPs whose mRNA levels 
show a rapid, transient increase upon transfer to 
high light. Arabidopsis has a second LIL3 (LIL3:2), 
although only LIL3:1 is included in the GreenCut2. 
An Arabidopsis double mutant lacking both LIL3 
isoforms does not synthesize mature phytylated 
Ch1 molecules and is defective in α-tocopherol 
synthesis (Tanaka et al., 2010). LIL3 was shown 
to interact with geranylgeranyl reductase (GGR), 
an enzyme required for Ch1, tocopherol and phy-
loquinone biosynthesis, and it was suggested that 
LIL3 functions to stabilize GGR (Tanaka et al., 
2010).

Surprisingly, the physiological functions of 
many ELIPs are still largely unknown. In Arabi-
dopsis, overexpression of ELIP2 [At4g14690] 
caused a drastic decrease in Ch1 content with a 
corresponding reduction in PSI and PSII (although 
those complexes that were present were correctly 
assembled) (Tzvetkova-Chevolleau et al., 2007). 
ELIP2 may control Ch1 levels so as to prevent 
accumulation of reactive Ch1 intermediates during 
the assembly of the photosynthetic apparatus, and 
especially when light levels are high (Tzvetkova-
Chevolleau et al., 2007).

HLIPs contain a single transmembrane α-helix 
and are thought to be the ancestral precursor of 

the LHC and ELIP families, which collectively 
comprise one of the largest and most defining pro-
tein superfamilies of the green lineage (Montané 
and Kloppstech, 2000). HLIP [Cre02.g109950; 
AtOHP, At5g02120] was originally identified in 
cyanobacteria (Dolganov et al., 1995; Teramoto et 
al., 2004). The exact function of HLIP is not well 
understood, but some have suggested that it may 
be a pigment carrier (binding Ch1 or carotenoids), 
while others assign it a potential role in energy dis-
sipation (photoprotection) ( Jansson et al., 2000; 
He et al., 2001; Xu et al., 2002; Havaux et al., 2005). 
Similar to LHC and ELIP mRNA levels, it does 
appear that there is diurnal variation in expression 
of HLIP ( Jansson et al., 2000).

PSII-associated proteins
There are at least three GreenCut2 proteins that 
are predicted to be associated with PSII, including 
PSBS [At1g44575; CrPSBS1; Cre01.g016600;] 
and the Chlamydomonas co-orthologue PSBS2 
[Cre01.g016750], as well as PSBY1 [Cre10.
g452100; At1g57740]. PSBS was first identified 
in spinach as a PSII subunit belonging to the LHC 
protein superfamily (Kim et al., 1992), but differing 
from most LHCs in that it contains four transmem-
brane α-helices. In Arabidopsis, PSBS was shown 
to be critical for non-photochemical quenching 
(NPQ) (Li et al., 2000) and to specifically function 
in the feedback de-excitation (qE) component of 
NPQ by acting as a sensor of luminal pH (Li et al., 
2000). Indeed, there is a stoichiometric correlation 
between qE and the amount of PSBS protein (Li et 
al., 2000, 2002). The Chlamydomonas orthologues 
of PSBS (PSBS1 and PBSB2) do not likely func-
tion as pH sensors, nor are they thought to have a 
role in NPQ under a range of laboratory conditions 
(Bonente et al., 2008). Instead, LHCSR3 [Cre08.
g367500], which is not included in GreenCut2, 
is critical for the qE component of NPQ (Peers et 
al., 2009). Unlike PSBS in vascular plants, Chla-
mydomonas LHCSR3 binds Ch1 and xanthophylls, 
and is itself both a pH sensor and energy quencher 
(Bonente et al., 2010).

Lumen-targeted PSBP-related proteins
The GreenCut2 also includes several proteins 
related to PSBP, the luminal oxygen evolving 
enhancer2 (OEE2) protein associated with PSII. 
PSBP proteins are divided into the PSBP-like 
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(PPL) proteins and the PSBP domain (PPD) pro-
teins, with the former having higher similarity to 
PSBP than the latter. Arabidopsis contains 2 PPLs 
(PPL1–2) and 7 PPDs (PPD1–7) (reviewed in 
Ifuku et al., 2010). Chlamydomonas has orthologues 
for all of these proteins except PPL2. The PSBP 
protein family is diverse among photosynthetic 
organisms, but most family members, including 
PPL1, and PPD1–6, are conserved in GreenCut2 
organisms. PPL1 and PPD1 function in recovery 
of PSII from photodamage and in the biogenesis 
of PSI, respectively (Ishihara et al., 2007; Liu et 
al., 2012). Since PPD5 [At5g11450; CrPSBP6; 
Cre07.g32820] has a potential role in strigolac-
tone biosynthesis and Arabidopsis development 
(Roose et al., 2011), we propose that it be moved 
from the GreenCut2 ‘Photosynthesis’ category to 
‘Other’. Arabidopsis PPD2 [At2g28605; CrPSBP2; 
Cre16.g678851] should not be confused with a 
pyruvate phosphate dikinase [At4g15530] of the 
same name in Chlamydomonas. PSBP2 may be 
involved in singlet oxygen (1O2

*) sensing in Chla-
mydomonas, and therefore this protein has been 
moved to the ‘Signalling’ category (see ‘Signalling’ 
category below). Finally, the functions of PPD3 
[At1g76450; CrCGL158; Cre10.g446350], PPD4 
[At1g77090; CrCGL30; Cre03.198950], and 
PPD6 [At3g56650; CrPSBP9; Cre06.g280150] 
are not known. Given the diversity of this family of 
proteins, it is likely that the uncharacterized PPDs 
have key regulatory roles associated with the lumi-
nal surface of the thylakoid membranes.

Redox
In the GreenCut2 (Karpowicz et al., 2011), the 
‘Redox’ category contains 32 proteins, includ-
ing proteins that participate in electron transfer 
reactions (ferredoxins), redox regulation (thiore-
doxins), and sensing and responding to redox cues. 
In contrast to the ‘Photosynthesis’ category, the 
‘Redox’ category is much smaller, but contains a 
larger proportion of proteins of unknown function. 
In fact, only half (16) of the GreenCut2 ‘Redox’ pro-
teins were previously regarded as having a known 
or inferred function. A number of the unknown 
‘Redox’ proteins have been characterized over the 
past several years. Based on updated information 
regarding their functions, we have moved four of 
these proteins to the ‘Photosynthesis’ category. 
These include LTO1 (CPLD41), PSB33 (TEF5), 

RBD1, and CCS5 (HCF164), all of which have 
been shown to be necessary for proper assembly or 
stability of photosynthetic protein–pigment com-
plexes (see ‘Photosynthesis’ category above). Of 
the 28 proteins remaining in the ‘Redox’ category, 
13 are still uncharacterized, including four oxidore-
ductases and three pyridoxamine 5′-phosphate 
oxidases (Fig. 11.1 and Table 11.2).

Ascorbate metabolism
Ascorbate, or vitamin C, is an important, versatile 
metabolite in plants and algae. Ascorbate has criti-
cal functions in growth and cellular development, 
cell wall synthesis, and modulating levels of sig-
nalling molecules (reviewed in Tóth et al., 2013). 
In chloroplasts, ascorbate functions as a major 
redox buffer that scavenges reactive oxygen species 
(ROS), as well as a redox regulator of gene expres-
sion and enzyme activity (reviewed in Foyer and 
Noctor, 2011).

SAPX [At4g08930], or stromal ascorbate 
peroxidase, is one of eight ascorbate peroxidases 
in Arabidopsis (three are chloroplast-localized) 
(Kangasjärvi et al., 2008). A mutant devoid of 
SAPX showed increased levels of photooxidative 
stress, including bleaching during the early green-
ing process, although in mature leaves the loss of 
SAPX appears to be compensated for by the thyl-
akoid-bound ascorbate peroxidase, APX (TAPX) 
(Kangasjärvi et al., 2008). In Chlamydomonas, 
APX1 transcript levels increase in response to 1O2

* 
in photoautotrophically grown cells (Ledford et al., 
2007). APX6 [At4g32320], one of three cytosolic 
ascorbate peroxidases in Arabidopsis, functions in 
protecting desiccating and germinating seeds from 
oxidative damage and may have a role in ROS sig-
nalling (Chen et al., 2014).

In Arabidopsis, there is evidence that MDAR1 
[At3g52880] functions as an NADH-dependent 
monodehydroascorbate reductase within peroxi-
somes (Lisenbee et al., 2005). In Chlamydomonas, 
MDAR1 transcript and protein [Cre17.g712100] 
levels increase when the cells are Fe-limited, part of 
the cellular response to increased hydrogen perox-
ide (H2O2) levels resulting from compromised PSI 
function (Urzica et al., 2012).

GDP-mannose 3′,5′-epimerase, or GME1 
[At5g28840], also appears to function in ascorbate 
synthesis. Arabidopsis GME1 catalyses the NADP+-
dependent epimerization of GDP-d-mannose to 
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Table 11.2 Subcategories of GreenCut2 proteins belonging to the ‘Redox’ category

Category
Cre 
Name Cre v5.5 ID

Ath 
Name TAIR ID Known Function

Ascorbate APX1 Cre02.g087700 SAPX At4g08390 þ Ascorbate peroxidase
Metabolism APX2 Cre06.g285150 APX6 At4g32320 þ Putative l-ascorbate peroxidase

MDAR1 Cre17.g712100 MDAR1 At3g52880 þ Monodehydroascorbate reductase 
involved in ascorbate recycling

SNE1 Cre01.g019250 GME1 At5g28840 þ Sugar nucleotide epimerase 
involved in ascorbate biosynthesis

Oxidoreductase CPLD49 Cre16.g666050 na At1g50450 ¨ Saccharopine dehydrogenase-like 
protein

PNO4 Cre17.g744997 PDE327 At4g30720 ¨ FAD-dependent oxidoreductase
FAO3 Cre02.g109800 na At2g22650 ¨ Conserved FAD-dependent 

oxidoreductase
OXR1 Cre01.g000350 na At1g15140 ¨ Possible oxidoreductase

Glutaredoxin GRX6 Cre01.g047800 GRXS16 At2g38270 þ Glutaredoxin

Haem SOUL2 Cre13.g566850 HBP2 At2g37970 þ SOUL haem-binding domain
SOUL4 Cre06.g304400 HBP5 At5g20140 þ SOUL haem-binding domain
SOUL5 Cre06.g292400 na At2g46100 ¨ SOUL haem-binding domain

Glutathione CPLD58 Cre06.g261500 na At5g03880 ¨ Glutathione S-transferase-like 
protein

GSH1 Cre02.g077100 GSH1 At4g23100 þ Gamma-glutamylcysteine 
synthetase

Thioredoxin TRX1 Cre01.g052250 THX At1g50320 þ Thioredoxin x
TRX2 Cre03.g157800 ACHT1 At4g26160 þ Atypical cysteine-, histidine-rich 

thioredoxin 
TRX11 Cre14.g624201 CDSP32 At1g76080 þ Plastidic thioredoxin-like protein
TRX10 Cre01.g027450 na At3g53220 ¨ Thioredoxin-like protein with 

unusual active site
TRX13 Cre02.g142800 TRXZ At3g06730 þ Thioredoxin-related protein 

Ferredoxin FDX4 Cre07.g334800 FDC1 At4g14890 þ Ferredoxin with possible function 
in glycolysis or the oxidative stress 
response

FDX6 Cre03.g183850 FDC2 At1g32550 ¨ Ferredoxin of unknown function
FDX11 Cre06.g291650 na At4g32590 ¨ Atypical ferredoxin of unknown 

function
FTR3 Cre03.g193950 na At2g04700 þ Ferredoxin thioredoxin reductase 

catalytic subunit
Pyridoxamine 5′- 
phosphate oxidase

PPO2 Cre02.g095100 na At2g46580 ¨ Pyridoxamine 5′-phosphate 
oxidase-like protein

PPO3 Cre02.g098250 na At3g03890 ¨ Pyridoxamine 5′-phosphate 
oxidase-like protein

PPO5 Cre12.g520200 na At3g21140 ¨ Pyridoxamine 5′-phosphate 
oxidase-like protein

Other CPLD30 Cre12.g510400 ENH1 At5g17170 þ Rubredoxin domain protein 
involved in oxidative stress 
response

CPLD66 Cre14.g628500 na At1g19690 ¨ Possible NAD-dependent 
epimerase

þ Function known or inferred; ¨ Function unknown; na: not available.
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GDP-l-galactose, a reaction immediately upstream 
of the committed step for ascorbate biosynthesis 
(Wolucka and Van Montagu, 2005). Additionally, 
GME1 was shown to catalyse the conversion of 
GDP-d-mannose to GDP-l-gulose, which could 
serve as an ascorbate precursor (Wolucka and Van 
Montagu, 2005). The exact mechanism(s) control-
ling whether GME1 converts GDP-d-mannose to 
GDP-l-galactose or GDP-l-gulose is not known, 
but is thought to involve the redox state of the cell 
and perhaps the GDP-sugar demand for cell wall 
biosynthesis (Wolucka and Van Montagu, 2005). 
In Chlamydomonas, SNE1 [Cre01.g019250] is 
the GME1 orthologue. Its activity appears to be 
limited to epimerization of GDP-d-mannose to 
GDP-l-galactose, based on the absence of enzymes 
that convert GDP-l-gulose to l-gulono-1,4-lactone 
(the substrate for guluno-lactone dehydrogenase 
and the synthesis of ascorbate) (Urzica et al., 2012).

Oxidoreductase
Within the GreenCut2 ‘Redox’ category are sev-
eral putative oxidoreductases that remain largely 
uncharacterized. One such protein, CPLD49 
[Cre16.g666050], is predicted to contain a sac-
charopine dehydrogenase domain. Saccharopine 
dehydrogenase catalyses the condensation of 
α-aminoadipate-δ-semialdehyde and glutamate to 
saccharopine, which is then hydrolysed to form 
lysine and α-ketoglutarate (Broquist and Trupin, 
1966). Arabidopsis has three saccharopine dehy-
drogenase/saccharopine dehydrogenase-like 
proteins that have distinct subcellular localizations: 
At4g33150 in the cytosol, At5g39410 in mito-
chondria, and At1g50450 in chloroplasts. Only the 
cytosolic protein has been experimentally demon-
strated to have saccharopine dehydrogenase activity 
(Tang et al., 1997). CPLD49, the Chlamydomonas 
orthologue of the chloroplast-localized At1g50450, 
may function as an allyl-alcohol:NADP+ oxidore-
ductase (Cunningham and Gantt, 2011). A similar 
protein in Adonis aestivalis (summer pheasant’s eye) 
participates in the conversion of β-carotene to asta-
xanthin (Cunningham and Gantt, 2011). These 
alternative annotations of CPLD49 make it difficult 
to suggest a function for this protein.

Chlamydomonas PNO4 [Cre17.g744997] is 
a predicted flavin adenine dinucleotide (FAD-
dependent oxidoreductase. Its orthologue 
in Arabidopsis, PDE327 [At4g30720], is a 

chloroplast-localized protein speculated to have a 
role in efficient photosynthetic electron transport 
by ensuring accumulation of proper levels of PSI 
and PSII (Vlad et al., 2010). Finally, there is no 
evidence as yet to suggest a function for FAO3 
[Cre02.g109800; At2g22650] or OXR1 [Cre01.
g000350; At1g15140].

Glutaredoxin
Glutaredoxins (GRXs) are small redox proteins 
that are reduced by glutathione and participate in 
thiol/disulfide exchange reactions. GRXs typically 
function at more positive redox potentials than 
thioredoxins (Aslund et al., 1997). There is still 
limited information about glutaredoxin function in 
green lineage organisms. In Arabidopsis, the Green-
Cut2 protein GRXS16 [At2g38270; CrGRX6, 
Cre01.g047800] has a N-terminal domain with an 
endonuclease motif that can function in chloroplast 
DNA cleavage, and a C-terminal Grx module (Liu 
et al., 2013) that potentially links redox conditions 
with nucleic acid metabolism.

Haem
SOUL/haem-binding proteins (HBPs) were first 
identified in animals in a screen for mRNAs spe-
cifically expressed in the retina (Zylka and Reppert, 
1999). SOUL/HBPs were shown to bind haem and 
were suggested to function in light signalling (Zylka 
and Reppert, 1999). Five SOUL/HPBs have been 
identified in Chlamydomonas, but the specific bio-
logical function of these proteins is still unknown 
(Merchant et al., 2007). The GreenCut2 contains 
three proteins with SOUL haem-binding domains. 
These include SOUL2 [Cre13.g566850; AtHBP2; 
At2g37970], SOUL4 [Cre06.g304400; AtHBP5; 
At5g20140], and SOUL5 [Cre06.g292400; 
At2g46100]. Similar to results with animals, 
Chlamydomonas SOUL3 [Cre16.g666550], a non-
GreenCut2 protein, was identified in proteomic 
studies of the Chlamydomonas eyespot (Schmidt et 
al., 2006) and shown to localize to pigment glob-
ules of the eyespot, bind haemin, and potentially 
be involved in regulating eyespot size, organization, 
and position within the cell (Schulze et al., 2012). 
In Arabidopsis, there are six haem-binding proteins 
(HBP). The mRNA for the SOUL2 orthologue in 
Arabidopsis, HBP2 [At2g37970], primarily accu-
mulates in root tissue, with the cytosol-localized 
HBP2 protein able to bind haem and other 
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porphyrins (Takahashi et al., 2008). Several HBP 
family members may function as tetrapyrrole car-
riers, delivering cytosolic haem to apoproteins 
(Takahashi et al., 2008). HBP5 [At5g20140], the 
Arabidopsis SOUL4 orthologue, also binds haem 
and likely functions in chloroplasts where it inter-
acts with the haem oxygenase HY1 [At1g69720; 
CreHMOX1; Cre10.g423500], a GreenCut2 pro-
tein in the ‘Pigments’ category (Lee et al., 2012).

Glutathione
Glutathione, a γ-Glu-Cys-Gly tripeptide, is a thiol 
cofactor critical for maintaining redox balance 
and alleviating oxidative stress in photosynthetic 
organisms (Rouhier et al., 2008). At least two 
GreenCut2 proteins are known or predicted to 
be involved in glutathione metabolism. CPLD58 
[Cre06.g261500], which is related to glutathione 
S-transferase, and γ-glutamylcysteine synthetase 
GSH1 [Cre02.g077100; At4g23100], which 
is required for glutathione synthesis (May and 
Leaver, 1994). GSH1 was recently shown to have 
an indirect, yet critical role in the hypersensitive 
response (HR) of Arabidopsis to fungal infection 
(Hiruma et al., 2013). In this case, the synthesis of 
glutathione may be necessary for the production of 
sulfur-containing tryptophan-derived compounds 
that inhibit the growth of invading pathogens 
(Hiruma et al., 2013). This specific role for GSH1 is 
not likely conserved in all green lineage organisms 
(such as Chlamydomonas), but highlights critical 
functions for glutathione that extend beyond redox 
transactions.

Thioredoxin
Thioredoxins (TRXs) are a family of nearly ubiq-
uitous redox proteins that share a characteristic 
structural motif, are enzymatically reduced by 
NADPH or ferredoxins, and participate in reac-
tions involving thiol/disulfide exchange (Buchanan 
and Balmer, 2005). Arabidopsis has at least 20 dif-
ferent thioredoxins, with five different types (f, m, 
x, y, and z) located in the chloroplast. The most well 
characterized plant thioredoxins are thioredoxins 
m and f, which have been linked to light-dependent 
redox regulation of NADP+-malate dehydrogenase 
and fructose 1,6-bisphosphatase, respectively 
(Buchanan, 1980; Jacquot et al., 1997). Thiore-
doxin x, or THX [At2g37970], is a prokaryotic type 
thioredoxin that is phylogenetically distinct from 

other Arabidopsis thioredoxins (Mestres-Ortega 
and Meyer, 1999). Features of its transit peptide 
suggest that it is localized to both mitochondria and 
chloroplasts (Mestres-Ortega and Meyer, 1999), 
while at this point only the chloroplast localization 
has been experimentally confirmed (Zybailov et 
al., 2008). In vitro experiments with recombinant 
THX from Arabidopsis revealed that this protein is 
an efficient substrate for 2-Cys peroxiredoxin, but 
not for NADP+-malate dehydrogenase or fructose 
1,6-bisphosphatase, suggesting that this isoform 
may be specifically involved in oxidative stress 
responses (Collin et al., 2003). The function of 
this THX orthologue in Chlamydomonas [Cre01.
g052250] is not known.

In Arabidopsis, the thylakoid-associated, atypical 
cysteine- and histidine-rich thioredoxin ACHT1 
[At4g26160; TRX2; Cre03.g157800], which is 
also a GreenCut2 protein, has high specificity for 
oxidation by 2-Cys peroxiredoxin under moderate 
light intensities (Dangoor et al., 2012). Similarly, 
CDSP32 [At1g76080; TRX11; Cre14.g624201], 
first identified as a chloroplast drought-induced 
protein of potato (Pruvot et al., 1996), contains 
two thioredoxin domains and can reduce the BAS1 
peroxiredoxin in vitro. These thioredoxins are likely 
involved in mitigating the effects of oxidative stress 
in chloroplasts (Pruvot et al., 1996; Dangoor et al., 
2012).

The GreenCut2 protein TRXZ [At3g06730; 
CrTRX13; Cre02.g142800], or thioredoxin z, 
belongs to a distinct branch of the plastidial thiore-
doxins (Arsova et al., 2010). A trxZ knockout line 
in Arabidopsis exhibits an albino phenotype owing 
to inhibition of normal chloroplast development 
(Arsova et al., 2010). In the absence of TRXZ, there 
was a specific decrease in transcripts dependent 
upon the plastid-encoded RNA polymerase (PEP) 
for expression, a phenotype also observed when the 
levels of two fructokinase-like proteins (FLN1 and 
FLN2) were knocked down (Arsova et al., 2010). 
TRXZ was shown to interact with both FLNs, sug-
gesting that this TRX regulates PEP-dependent 
chloroplast transcription through light/dark redox 
control of the activities of the FLNs (Arsova et al., 
2010).

Functions of thioredoxin/thioredoxin-like pro-
teins in green lineage organisms have been primarily 
inferred from work on Arabidopsis orthologues, 
except for TRX10 [Cre01.g027450; At3g53220]. 
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The physiological role for this thioredoxin is not 
clear (Meyer et al., 2006).

Ferredoxin
Ferredoxins are small, soluble electron carriers 
containing a characteristic iron–sulfur cluster that 
mediates redox exchange in a range of biochemical 
reactions. The most studied ferredoxin is PETF, 
or Fd1 in Arabidopsis (called Fd1 or FDX1 in 
Chlamydomonas), which accepts electrons from 
PSI and donates them to a range of downstream 
acceptor molecules. The functions of most ferre-
doxins are known or inferred from their ability to 
reduce substrates in vitro, although ferredoxins 
can have multiple redox partners. Three members 
of the ferredoxin superfamily are included in the 
‘Redox’ category of GreenCut2; these are FDX4 
[Cre07.g334800], FDX6 [Cre03.g183850], and 
FDX11 [Cre06.g291650; At4g32590]. The Chla-
mydomonas genome encodes six ‘typical’ plant 
type ferredoxins (PETF, FDX2–6) that vary in 
their redox potentials, expression profiles, and 
substrate specificities (Terauchi et al., 2009). Chla-
mydomonas also contains four ‘atypical’ ferredoxins 
(FDX7–10), of which FDX8 is synonymous with 
what has been designated FDX11.

Recently, a yeast two-hybrid screen was per-
formed to identify targets of Chlamydomonas 
ferredoxins (Peden et al., 2013). FDX4 was 
shown to interact with the glycolytic enzymes 
phosphofructokinase (PFK2) and glyceraldehyde-
3-phosphate dehydrogenase (GAP3), as well as 
with peroxiredoxin (PRX1), suggesting that this 
isoform may have diverse functions (Peden et al., 
2013). In Arabidopsis, the orthologue of FDX4 is 
designated FDC1 [At4g14890]. FDCs are related 
to ferredoxins but have extended C terminal 
regions (Voss et al., 2010). FDC1 mRNA and 
the corresponding FDC1 protein increase when 
the cells experience PSI acceptor side limitation 
(knockout or knockdown of Arabidopsis Fd2) 
(Voss et al., 2010). The chloroplast-localized 
FDC1 can accept electrons from PSI, but because 
its redox potential is significantly more positive 
(~–280 mV) than the ferredoxin that is the domi-
nant primary PSI electron acceptor (~–430 mV), it 
would not be able to support reduction of NADP+ 
(Voss et al., 2010). Instead, FDC1 likely acts as an 
alternative electron acceptor under conditions in 
which photosynthetic ferredoxins (e.g. Fd1 and 

Fd2 in Arabidopsis) are reduced and downstream 
acceptors (such as NADP+) are limiting (Voss et 
al., 2010). The ability of FDC1 to serve as a source 
of electrons for other reactions in the cell has not 
been explored.

In yeast two-hybrid studies of Chlamydomonas 
FDXs, FDX6 had the fewest interacting partners, 
and of those that did interact, half were riboso-
mal proteins. These findings make it difficult to 
hypothesize a function for this ferredoxin (Peden 
et al., 2013). It was speculated to have a role in 
the acclimation of cells to Fe limitation since its 
transcript increased ~10-fold when the cells were 
Fe deprived; however the FDX6 protein level 
does not appear to increase during Fe deprivation 
(Terauchi et al., 2009). In Arabidopsis, the ortho-
logue of FDX6, FDC2 [At1g32550], exhibits an 
increase in mRNA abundance when the photo-
synthetic ferredoxin Fd2 is knocked down (Voss 
et al., 2010). The exact function of FDC2 is not 
known.

Interaction among redox proteins is critical for 
maintaining redox homeostasis in chloroplasts. 
The ferredoxin-thioredoxin system, which requires 
the activity of ferredoxin-thioredoxin reductase 
(FTR), plays a critical role in redox regulation of 
many chloroplast enzymes, especially in response 
to light (Buchanan and Balmer, 2005). The FTR 
enzyme has two subunits; a catalytic subunit with 
a 4Fe–4S cluster, and an enzymatically inactive 
subunit that may have a structural role (Schür-
mann, 2002). Chlamydomonas FTR is comprised 
of the FTR3 [Cre03.g193950] catalytic subunit, 
which is a GreenCut2 protein, and a variable subu-
nit [product of Cre16.g687294] that is not part of 
GreenCut2 (Huppe et al., 1990).

Pyridoxamine 5′-phosphate oxidase
The three pyridoxamine 5′-phosphate oxidase-
like proteins in the GreenCut2 are PPO2 [Cre02.
g095100; At2g46580], PPO3 [Cre02.g098250; 
At3g03890] and PPO5 [Cre12.g520200; 
At3g21140]. Pyridoxine/pyridoxamine phosphate 
oxidases catalyse the synthesis of pyridoxal phos-
phate (PLP) from pyridoxine 5′-phosphate (PNP) 
or pyridoxamine 5′-phosphate (PMP) (Sang et 
al., 2007). PLP, the active form of vitamin B6, is 
an essential coenzyme used in many biosynthetic 
pathways, including those for amino acids, lipids, 
and polysaccharides (Drewke and Leistner, 2001). 
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Structural derivatives of vitamin B6 (called vitam-
ers), including PMP and PNP, possess antioxidant 
properties ( Jain and Lim, 2001). In Arabidopsis, the 
non-GreenCut2 protein pyridoxine/pyridoxamine 
phosphate oxidase (PPOX) was shown to catalyse 
PLP synthesis in vitro (Sang et al., 2007). Addition-
ally, PPOX transcript levels showed differential 
responses to stress (up-regulated in response to 
light, heat, abscisic acid and ethylene, and down-
regulated in response to drought and salt), and a 
ppox mutant is sensitive to high light (Sang et al., 
2011). While little is known about the function of 
PPO2, PPO3 and PPO5 in green lineage organ-
isms, it is possible that these proteins modulate the 
synthesis of vitamin B6 and related vitamers to meet 
the metabolic and/or protective requirements of 
the cell. Finally, bioinformatic analyses suggest that 
PPO2 is localized to mitochondria, while PPO3 
and PPO5 may function in chloroplasts (Karpow-
icz et al., 2011).

Other
Two additional GreenCut2 proteins belonging 
to the ‘Redox’ category are ENH1 and CPLD66. 
ENH1 [At4g17170; CrCPLD30; Cre12.g510400] 
is a chloroplast-localized, rubredoxin domain-
containing protein that functions in scavenging 
ROS produced during salt stress (Zhu et al., 2007). 
CPLD66 [Cre14.g628500; At1g19690] is an 
unknown protein with a NAD-dependent epimer-
ase domain.

Signalling
The GreenCut2 ‘Signalling’ category includes 
proteins that sense extracellular and intracellular 
conditions and initiate signal transduction cascades. 
Many of these proteins are known or predicted 
to localize to chloroplasts, although several likely 
function in the cytosol. At the time of the initial 
publication, the GreenCut2 ‘Signalling’ category 
contained 26 proteins, with 10 having known or 
inferred functions. This category contains protein 
kinases and phosphatases and other regulators 
associated with acclimation or stress responses. 
We have removed MPA6 from the ‘Signalling’ cat-
egory because it is likely the same protein as CPL3 
[Cre03.g185200]. The remaining 25 proteins in the 
‘Signalling’ category have been divided into groups 
based on their predicted functions (Fig. 11.1 and 
Table 11.3).

Protein kinases
The GreenCut2 contains a number of proteins 
demonstrated or predicted to function as protein 
kinases. These include three ABC1-related serine/
threonine kinases (AKC2, AKC3, AKC4), a family 
of proteins named for ABC1 (activity of bc1 com-
plex) of Saccharomyces cerevisiae, which has a critical 
role in mitochondrial electron transport (Bousquet 
et al., 1991). The functions of AKC2 [Cre05.
g301700; At4g24810; At5g50330] and AKC3 
[Cre04.g215400; At3g24190] are not known, 
while the function of AKC4 [Cre13.g570350] has 
been inferred from characterization of the OSA1 
orthologue in Arabidopsis [At5g64940] (see ‘Oxi-
dative Stress Response’ below).

In Chlamydomonas, CDPK2 [Cre10.g466350] 
is annotated as a calcium/calmodulin-dependent 
protein kinase, although this has not been experi-
mentally validated. Arabidopsis OST1 [At4g33950] 
(also referred to as SRK2E), the orthologue of 
CDPK2, was identified in a screen that used infra-
red thermography to isolate mutants defective in 
abscisic acid (ABA)-induced stomatal closure, a 
response that minimizes water loss through transpi-
ration during drought (Mustilli et al., 2002). OST1 
functions downstream of the initial ABA signal 
but upstream of ROS production, both of which 
precede stomatal closure (Mustilli et al., 2002). 
In contrast to the prediction that Chlamydomonas 
CDPK2 is a Ca2+-dependent enzyme, Arabidopsis 
OST1 was experimentally shown to possess Ca2+-
independent protein kinase activity, although its 
specific protein substrates are not known (Mustilli 
et al., 2002). OST1 protein kinase activity can be 
activated by the application of exogenous ABA or 
low humidity conditions (Yoshida et al., 2002).

Chlamydomonas CDPK6 [Cre02.g114750] is 
also a predicted Ca2+-dependent protein kinase, 
however, unlike CDPK2, it contains an EF hand 
domain characteristic of Ca2+-binding proteins. In 
Arabidopsis, the CDPK6 orthologue, designated 
CPK34 [At5g19360], along with a functionally 
redundant ‘co-orthologue’ CPK17, participate 
in pollen tube tip growth (Myers et al., 2009). A 
CPK34–YFP fusion protein localizes to plasma 
membranes and growing pollen tubes (Myers et 
al., 2009). Mutants disrupted for both CPK17 
and CPK34 exhibited a drastic reduction in pollen 
transmission (Myers et al., 2009). This near sterile 
phenotype could be rescued by complementation 
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Table 11.3 Subcategories of GreenCut2 proteins belonging to the ‘Signalling’ category

Category
Cre 
Name Cre v5.5 ID Ath Name TAIR ID Known Function

Protein 
Kinases

AKC2 Cre06.g307100 na At4g24810 ¨ ABC1-related serine/threonine 
kinase 

na At5g50330 ¨

AKC3 Cre04.g215400 na At3g24190 ¨ ABC1-related serine/threonine 
kinase

CDPK2 Cre10.g466350 OST1 At4g33950 þ Protein kinase involved in 
hyperosmotic and saline stress 
signalling

CDPK6 Cre02.g114750 CPK34 At5g19360 þ Calcium-dependent protein 
kinase involved in pollen tube tip 
growth

MAPK2 Cre08.g385050 MPK20 At2g42880 ¨ Mitogen-activated protein kinase
CSK4 Cre16.g666200 na At3g03940 ¨ Protein kinase family protein

na At5g18190 ¨

Protein 
phosphatases

PP2C4 Cre01.g030200 na At1g79630 ¨ Protein phosphatase 2C family 
protein

na At1g16220 ¨

PP2C5 Cre17.g715700 VTC3 At2g40860 þ Dual function protein 
kinase::protein phosphatase 
involved in regulating ascorbate 
pool

PP2C6 Cre03.g201400 na At1g68410 ¨ Protein phosphatase 2C family 
protein

CPL3 Cre03.g185200 SLP1 At1g07010 ¨ Shewenella-like protein 
phosphatase 

MPA14 Cre17.g718800 SLP2 At1g18480 ¨ Shewenella-like protein 
phosphatase 

Immune 
response

CPLD33 Cre03.g145207 RPH1 At2g48070 þ Immune response protein of 
unknown function

CGL44 Cre12.g532600 RabGAP22 At5g53570 þ Rab-GTPase-TBC domain 
protein involved in innate 
immunity

CGL91 Cre01.g015500 SS52 At4g34150 þ C2 Calcium-dependent lipid-
binding (CaLB) domain protein 
with possible signalling role in 
the hypersensitive response

MLO3 Cre08.g358575 MLO1 At4g02600 ¨ Transient receptor potential ion 
channel protein possibly involved 
in biotic signalling 

Oxidative 
stress 

AKC4 Cre13.g570350 OSA1 At5g64940 þ ABC1-related serine/threonine 
kinase

Response CGLD21 Cre03.g163500 EX1 At4g33630 þ Mediator of singlet oxygen-
induced programmed cell death

PSBP2 Cre16.g678851 PPD2 At2g28605 þ Possible chloroplast sensor of 
singlet oxygen

CGL151 Cre09.g416500 MBS1 At3g02790 þ Zinc-finger protein required for 
induction of singlet oxygen-
dependent gene expression

Other CGL8 Cre02.g111650 SPX1 At5g20150 þ SPX-domain containing protein
SPX2 At2g26660 þ
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with CPK34-YFP, but not when the kinase or Ca2+-
activating EF hand domains were disrupted (Myers 
et al., 2009).

These findings with respect to CDPK2 (Chla-
mydomonas) and CDPK6 (Arabidopsis) suggest 
that even if proteins exhibit an orthologous rela-
tionship they may perform different functions. 
Clearly, CDPK2 cannot play a role in ABA-medi-
ated stomatal closure in Chlamydomonas (and 
in other unicellular photosynthetic organisms). 
However, there is some evidence that exposure of 
Chlamydomonas to exogenous ABA can increase 
tolerance to oxidative stress, perhaps by regulating 
expression of genes involved in scavenging ROS 
(Yoshida et al., 2003). The conserved function 
of CDPK2/OST1 may be to serve as a signalling 
molecule that links the sensing of a particular stress 
to appropriate cellular responses. Likewise, while 
CDPK6 of Chlamydomonas cannot be involved in 
pollen tube growth, it may be a sensor of intracel-
lular Ca2+ levels, relaying the information through 
its protein kinase domain. Hence, it is likely that 
CDPK2 and CDPK6 have the same or very similar 
biological functions in divergent organisms such 
as Chlamydomonas and Arabidopsis, but that the 
specific pathways in which these proteins operate 
are different.

Chlamydomonas MAPK2 [Cre08.g385050] is 
a member of the mitogen-activated protein kinase 
family. MAPK cascades involve activation (phos-
phorylation of specific threonine and tyrosine 
residues) by MAPK kinases (MAPKKs), which are 
themselves phosphorylated by MAPKK kinases 
(MAPKKKs) (reviewed in Schaeffer and Weber, 
1999). MAPK cascades are involved in a wide range 

of signal transduction pathways in eukaryotes, with 
many associated with sensing an external stimulus 
or environmental perturbation and transmitting 
that information to the synthetic machinery criti-
cal for launching a cellular response. Plants have 
at least 20 MAPKs that can be classified according 
to the amino acid motif TxY, which is phosphoryl-
ated by MAPKKs (Ichimura et al., 2002). Several 
MAPKs containing a TEY motif are important for 
the responses of plants to both environmental and 
hormonal conditions, and may also play a role in 
cell division (reviewed in Ichimura et al., 2002). A 
different subgroup of MAPKs have a TDY motif 
and lack a common docking (CD) domain found 
in TEY motif-containing MAPKs (Ichimura et al., 
2002). Chlamydomonas MAPK2 and its Arabidopsis 
orthologue MPK20 [At2g42880] are examples 
of TDY domain-containing MAPKs; the specific 
functions of these kinases are not known.

Finally, CSK4 [Cre16.g666200] is a predicted 
protein kinase with homology to MUT9p [Cre06.
g281100], a GreenCut2 protein belonging to the 
‘Nucleic Acid’ category. Chlamydomonas MUT9p 
is a serine/threonine protein kinase that phos-
phorylates histones H3 and H2A and is critical for 
heritable epigenetic silencing (Casas-Mollano et al., 
2008).

Protein phosphatases
The GreenCut2 includes several protein phos-
phatases that likely function in sensing and 
signalling. These can be placed into two groups: 
the PP2C phosphatases and Shewenella-like 
protein phosphatases. The PP2C-type protein 
phosphatase family is very large in Arabidopsis (at 

Category
Cre 
Name Cre v5.5 ID Ath Name TAIR ID Known Function

TEF2 Cre12.g497300 CAS At5g23060 þ Rhodanese-like Ca-sensing 
receptor

RDP4 Cre05.g247450 na At3g59780 ¨ Putative rhodanese-like protein
CGL92 Cre03.g208721 CRSH At3g17470 þ Calcium-activated RelA/

spot homologue involved in 
fertilization

CPLD68 Cre13.g607900 na At2g38780 ¨ Possible signal transduction 
protein interacting with CGL80

CGL80 Cre02.g108200 na At1g08530 ¨ Possible signal transduction 
protein interacting with CPLD68

þ Function known or inferred; ¨ Function unknown; na: not available.
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least 76 members), with several members shown 
to function in signal transduction and develop-
ment (Schweighofer et al., 2004). The functions of 
PP2C4 [Cre01.g030200; At1g79630; At1g16220] 
and PP2C6 [Cre03.g201400; At1g68410] are not 
known. Interestingly, VTC3 [At2g40860], the 
Arabidopsis orthologue of Chlamydomonas PP2C5 
[Cre17.g715700], is a dual function protein 
kinase::protein phosphatase originally identified in 
a screen for ascorbic acid-deficient mutants (Conk-
lin et al., 2000). Loss of VTC3 activity results in the 
reduction in the level of the ascorbic acid (AsA) 
pool, and an inability of Arabidopsis to regulate 
levels of AsA in response to light and heat (Conklin 
et al., 2013). It is still unclear how VTC3 controls 
AsA biosynthesis (Conklin et al., 2013).

The GreenCut2 also contains two Shewenella-
like (bacterial) phosphatases, CPL3 [Cre03.
g185200] and MPA14 [Cre17.g718800; SLP2; 
At1g18480] (Andreeva and Kutuzov, 2004) 
(although they are not enough like the Shewenella 
proteins to be excluded from the GreenCut). While 
little is known about the function of these proteins 
in Chlamydomonas, the Arabidopsis CPL3 ortho-
logue, SLP1 [At1g07010], has been experimentally 
localized to chloroplasts, while its homologue SLP2 
[At1g18480], the orthologue of MPA14, is in the 
cytosol (Uhrig and Moorhead, 2011). Both SLP1 
and SLP2 are insensitive to okadaic acid and micro-
cystin, two classic serine/threonine phosphatase 
inhibitors (Uhrig and Moorhead, 2011). Finally, 
SLP1 exhibits Mn2+/Fe3+-dependent phosphatase 
activity while SLP2 displayed high phosphatase 
activity in the presence of Mg2+ and Zn2+ (Uhrig 
and Moorhead, 2011). The specific functions of 
SLP1 and SLP2 are not understood, but differences 
in their subcellular localization and enzymatic 
properties suggest that they have non-overlapping 
functions.

Immune response
At least two GreenCut2 proteins belonging to the 
‘Signalling’ category, RPH1 and RabGAP22, have 
been shown to function in immune responses in 
Arabidopsis. In plants, pathogen infection is often 
associated with the production of ROS (oxida-
tive burst) followed by controlled death of cells 
at the infection site (hypersensitive response). 
An Arabidopsis rph1 [At2g48070] mutant dis-
played increased susceptibility to the water mould 

pathogen Phytophthora brassicae, although it was 
still able to mount a hypersensitive response 
(Belhaj et al., 2009). The rph1 mutant exhibited 
reduced production of ROS and an inability to 
activate genes involved in host defence, suggesting 
that RPH1 is critical for a proper immune response 
(Belhaj et al., 2009).

RabGAP22 [At5g53570] also functions 
in immune response reactions in Arabidopsis. 
RabGAP22 is a Rab GTPase-activating protein that 
functions in host defence against infections by the 
soil-borne fungal pathogen Verticillium longisporum 
(Roos et al., 2014). RabGAP22 appears to also 
participate in brassinolide (BL) signalling based 
reduction of RabGAP22 transcript levels in a bak1 
mutant (defective in brassinosteroid signalling and 
defence), and is important for eliciting a decrease 
in the proliferation of fungal hyphae upon BL pre-
treatment (Roux et al., 2011; Roos et al., 2014).

In Chlamydomonas, orthologues of RPH1 and 
RabGAP22 are CPLD33 [Cre03.g145207] and 
CGL44 [Cre12.g532600], respectively. While 
Chlamydomonas may encounter pathogenic organ-
isms in its native soil environment, it is unlikely to 
mount the same types of immune responses that 
are observed in multicellular plants. For example, 
the oxidative burst ascribed to the functioning of 
RPH1 is not likely to occur in Chlamydomonas, 
where such a response is not confined to a specific 
tissue/cell type. Therefore, the evolutionary con-
servation of this GreenCut2 protein suggests that it 
may have a more general function, such as sensing 
particular physiological changes that may be associ-
ated with biotic or abiotic challenges. Alternatively, 
Arabidopsis RPH1 and Chlamydomonas CPLD33 
could have the same enzymatic or regulatory roles, 
but operate in different biological contexts (e.g. dif-
ferent metabolic pathways or cellular responses).

The GreenCut2 ‘Signalling’ category also 
contains a protein, designated SS52 [At4g34150] 
in Arabidopsis, involved in an immune response 
to viral infection. This protein is localized to the 
plasma membrane via an N-terminal C2 targeting 
domain, where it is believed to negatively regulate 
the plant hypersensitivity response (HR) (Saka-
moto et al., 2009). Interestingly, SS52 mRNA levels 
are induced in response to both viral infection and 
other abiotic stresses such as wounding, but mecha-
nistic details concerning its specific function are 
limited (Sakamoto et al., 2009).
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Oxidative stress response
Oxidative stress is a term used to describe a physi-
ological imbalance between the production and 
detoxification of ROS. An inherent and inevitable 
consequence of photosynthesis is ROS generation, 
which largely results from the absorption of excita-
tion energy beyond the level that can be used for 
photochemistry (electron transport and carbon fix-
ation). A number of photoprotective mechanisms 
have been described including feedback de-exci-
tation (Li et al., 2000), state transitions (reviewed 
in Wollman, 2001; Minagawa, 2011; Rochaix, 
2014), photoinhibition (reviewed in Müller et al., 
2001), and alternative electron transport (reviewed 
in Peltier et al., 2010). Additional mechanisms 
specifically involved in ROS detoxification include 
non-enzymatic scavenging by cellular redox buffers 
(e.g. ascorbic acid, glutathione, tocopherol, and 
carotenoids) as well as enzymatic scavenging by 
proteins such as superoxide dismutase, ascorbate 
peroxidase, glutathione peroxidase and catalase 
(reviewed in Apel and Hirt, 2004).

There are several GreenCut2 proteins in the ‘Sig-
nalling’ category that are associated with oxidative 
stress responses. OSA1 [At5g64940] is a member 
the ABC1-like serine/threonine kinase protein 
family (described above). Disruption of chloro-
plast-localized OSA1 resulted in reduced Ch1 and 
xanthophyll content and a higher Ch1 a:b ratio, 
although photosynthetic electron transport was not 
compromised (Manara et al., 2013). In addition, 
the osa1 mutant exhibited reduced levels of the 
Fe-containing subunits of the cytochrome b6 f com-
plex (PETC or the Rieske protein, and cytochrome 
f) and increased susceptibility to oxidative stress 
( Jasinski et al., 2008; Manara et al., 2013). The 
decreased accumulation of Fe-containing photo-
synthetic proteins and increased levels of ferritin 
(Fe-storage proteins) suggest that OSA1 is involved 
in Fe homeostasis within chloroplasts (Manara et 
al., 2013). Ferritins are also associated with ROS 
production (Buchanan-Wollaston and Ainsworth, 
1997) and the osa1 mutant was shown to be more 
sensitive to H2O2 and maintained elevated levels of 
transcripts encoding oxidative stress response pro-
teins (e.g. ascorbate peroxidase) under non-stress 
conditions (Manara et al., 2013). Together, these 
results suggest that OSA1 functions at the interface 
of Fe metabolism and the acclimation of cells to 
oxidative stress.

EX1 [At4g33630], or EXECUTOR1, was 
selected as a second-site mutation that suppresses 
the conditional Arabidopsis flu mutant, which is 
defective in plastid-initiated stress (1O2*) signalling 
(Wagner et al., 2004; Lee et al., 2007). Inactiva-
tion of the EX1 gene attenuates the up-regulation 
of 1O2*-induced nuclear genes that are involved in 
scavenging ROS (Wagner et al., 2004). Elimination 
of a second plastid-localized protein, EX2, in the 
ex1/flu background, caused near complete suppres-
sion of all 1O2*-responsive genes, suggesting that 
retrograde signalling in response to oxidative stress 
requires the function of both chloroplast localized 
EXECUTOR proteins (Lee et al., 2007).

A Chlamydomonas 1O2*-sensitive reporter 
strain was generated by fusing the glutathione 
peroxidase (GPX5) promoter to the coding region 
of arylsulfatase 2 (ARS2) and introducing the 
construct into wild-type cells; this strain was then 
mutagenized and mutants responding abnormally 
to 1O2* based on arylsulfatase induction were 
identified (Brzezowski et al., 2012). A mutant 
disrupted in GreenCut2 protein PSBP2 [Cre16.
g678851] failed to up-regulate the GPX5–ARS2 
fusion in response to increased levels of 1O2* 
(Brzezowski et al., 2012). PSBP2 is a member of 
the PSBP-related protein family (described in the 
‘Photosynthesis’ section above), and the psbp2 
mutant does not respond to either endogenous 
1O2* (originating from PSII) or exogenous 1O2* 
(generated by exposing cells to neutral red) 
(Brzezowski et al., 2012). Although the specific 
function of PSBP2 is unknown, it is proposed to 
be involved in chloroplast-to-nucleus retrograde 
signalling in response to oxidative stress.

Finally, MBS1 [At3g02790; CrCGL151; Cre09.
g416500], a GreenCut2 protein previously placed 
in the ‘No Prediction’ category, was also shown 
to have a significant role in cellular responses to 
1O2*. MBS1 is a small zinc finger protein required 
for the induction of 1O2*-responsive genes (Shao 
et al., 2013). Arabidopsis mbs (METHYLENE 
BLUE SENSITIVITY) mutants, including mbs1, 
are hypersensitive to oxidative stress, while Arabi-
dopsis lines overexpressing MBS1 are more tolerant 
to high light-induced photooxidative stress (Shao 
et al., 2013). MBS1 changes its cytosolic distribu-
tion by associating with RNA granules (thought 
to sequester untranslated mRNAs) upon 1O2* 
stress, suggesting a role for MBS1 in regulating the 
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stability or translation of mRNAs involved in the 
oxidative stress response (Shao et al., 2013).

Other
Arabidopsis SPX1 [At5g20150] and its co-ortho-
logue SPX2 [At2g26660] were recently shown to 
have a critical role in phosphate (Pi) sensing and 
regulation of PHR1 activity, a transcription factor 
involved in the Pi starvation response (Puga et 
al., 2014). An spx1spx2 double mutant exhibited 
increased PHR1 activity under Pi-replete con-
ditions, with little impact on PHR1 activity in 
Pi-deprived cells (Puga et al., 2014). Furthermore, 
SPX1 and PHR1 were shown to interact in planta 
in a Pi-dependent manner; the association of 
PHR1 with SPX1 competitively inhibited binding 
of PHR1 to its recognition sequence on the DNA 
(Puga et al., 2014). The function of the Chla-
mydomonas orthologue of SPX1/2, CGL8 [Cre02.
g111650], is not known, although it may also have 
role in Pi sensing.

The GreenCut2 ‘Signalling’ category also con-
tains a Ca2+-sensing protein critical for a number of 
biological processes in eukaryotic photoautotrophs. 
In Arabidopsis, the chloroplast-localized Ca2+-
sensor protein CAS [At5g.23060] is involved in 
regulating stomatal closure in response to extracel-
lular Ca2+ levels (Nomura et al., 2008; Weinl et al., 
2008). CAS also plays a pivotal role in chloroplast-
mediated immune signalling (Nomura et al., 2012). 
In Chlamydomonas, CAS [TEF2; Cre12.g497300] 
localizes to thylakoid membranes where it impacts 
expression of LHCSR3 under high light conditions 
(Petroutsos et al., 2011). An RNAi knockdown of 
Chlamydomonas CAS caused diminished activity 
of PSII and severe light sensitivity, but these phe-
notypes could be rescued by increasing the Ca2+ 
concentration in the growth medium (Petroutsos 
et al., 2011). CAS was also demonstrated to form 
a complex with PGRL1 (see ‘Photosynthesis’ cat-
egory above) and the anaerobic response factor 
ANR1, which together are involved in regulat-
ing cyclic electron flow (Terashima et al., 2012). 
These results highlight the conserved, pleotropic 
significance of Ca2+ and CAS in photosynthetic 
organisms.

In Arabidopsis and Chlamydomonas, the C-ter-
minal region of CAS contains a rhodanese-like 
domain. Another GreenCut2 ‘Signalling’ protein 
in Chlamydomonas with a similar domain is RDP4 

[Cre05.g247450]. The functions of RDP4, and that 
of its orthologue in Arabidopsis [At3g49780], have 
still not been explored.

The bacterial stringent response regulates 
changes in gene expression through the produc-
tion of guanosine 5′-diphosphate 3′-diphosphate 
(ppGpp), which is also known as the stringent 
factor (reviewed in Braeken et al., 2006). The strin-
gent response has been well studied and is critical 
for acclimation to a wide range of environmental 
stimuli. It was first shown to be conserved in eukar-
yotes based on work done on the Chlamydomonas 
RSH protein (encoded by Cre03.g159800), which 
is chloroplast-localized and involved in stringent 
factor production (Kasai et al., 2002). In plants, 
the stringent response also occurs in chloroplasts, 
is critical for plant reproduction and involves 
the chloroplast-localized CRSH [At3g17440] 
(Masuda et al., 2008). CRSH, a homologue of 
bacterial ppGpp synthase, has Ca2+-dependent 
ppGpp synthase activity and is necessary to attain 
normal silique size and seed production (Masuda 
et al., 2008). In Chlamydomonas, the orthologue of 
CRSH is CGL92 [Cre03.g208721], which has been 
suggested to have a role in the synthesis of stringent 
factor, although its exact physiological function is 
still to be determined.

The unknowns
Of the 597 GreenCut2 proteins (Karpowicz et al., 
2011), 311 were categorized as ‘unknowns’. Of 
these 311 unknowns, 105 were placed into either 
the ‘No Prediction’ or ‘Uninformative’ categories 
because they did not contain a domain that sug-
gested a function. Various strategies have been 
employed to discover the functions of unknown 
proteins, including the generation and analysis 
of mutants. Chlamydomonas and Arabidopsis are 
excellent model organisms with well-established 
molecular and genetic tools and fully sequenced 
genomes, and are also amenable to both forward 
and reverse genetic screens. The sequencing era 
has enabled large transcriptomic data sets to be 
obtained for both wild-type and specific mutant 
strains under a variety of different growth condi-
tions. Co-expression analyses have also proven 
useful for determining the functions of unknown 
or poorly studied proteins. Finally, for many Green-
Cut2 proteins with orthologues in cyanobacteria, 
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the analysis of operons can provide hints about cel-
lular processes in which the unknowns participate.

No prediction and uninformative
We sought to re-examine the functions of the 105 
proteins in the ‘No Prediction’/’Uninformative’ 
categories. For a number of these proteins, we 
found information from the literature or from 
BLAST searches (NCBI BLAST, http://blast.

ncbi.nlm.nih.gov/Blast.cgi), which includes the 
presence of protein domains, that now makes it 
possible to place these proteins into more specific 
categories (Table 11.4). The largest group of newly 
annotated proteins is enriched for factors associ-
ated with the assembly/stability of photosynthetic 
complexes. This includes Y3IP1 (CGL59), required 
for PSI biogenesis (Albus et al., 2010); DAC 
(CPLD38), necessary for cytochrome b6 f complex 

Table 11.4 GreenCut2 proteins moved from ‘No Prediction’ and ‘Uninformative’ to new categories
Previous 
category

Cre 
Name Cre v5.5 ID New category Known Function

No prediction CGL136 Cre01.g000800 Transport ¨ Protein with homology to mitochondrial 
import inner membrane translocase 
subunit Tim-10

CGL41 Cre01.g030350 Photosynthesis – 
Calvin cycle

¨ RbcX domain-containing protein with 
possible chaperone-like function assisting 
in the folding of Rubisco

CGL129 Cre05.g233950 Photosynthesis – 
complex assembly

þ Orthologue of CURT1A, involved in 
curvature of thylakoid membrane

CGL59 Cre06.g280650 Photosynthesis – 
complex assembly

þ Ycf3-interacting protein1 involved in 
photosystem I assembly

CGL111 Cre03.g174840 Lipids ¨ Lipid-binding START protein 
CGL127 Cre01.g032550 Nucleic acid ¨ Possible DNA- or chromatin-binding 

domain
CGL151 Cre09.g416500 Signalling þ Zinc-finger protein MBS1 required for 

induction of singlet oxygen-dependent 
gene expression.

CGL57 Cre16.g694703 Protein ¨ Mitochondrial inner membrane protease-
related protein

PYK6 Cre10.g426292 Other ¨ Pyruvate kinase. Mg ion-domain
CPLD38 Cre01.g000850 Photosynthesis – 

complex assembly
þ Protein necessary for the accumulation of 

the cytochrome b6f complex
CPLD24 Cre10.g435850 Cofactor ¨ Possible 2-dehydropantoate 2-reductase 

involved in pantothenate (vitamin B5) 
synthesis

Uninformative CGL6 Cre10.g419700 Transport ¨ Possible Mg transporter
CGL149 Cre07.g340650 Other ¨ Homologue of ER membrane protein 

complex subunit 7
CGLD27 Cre05.g237050 Other ¨ Conserved protein of unknown function 

with possible metabolic role under iron 
deficiency 

CPLD28 Cre03.g184550 Photosynthesis – 
complex assembly

þ Protein necessary for the accumulation of 
photosystem II

TPR1 Cre02.g092550 Protein þ Plastid outer envelope chaperone receptor
SUR6 Cre02.g082300 Nucleic acid ¨ Possible nucleic acid binding protein
FAP173 Cre16.g690879 Other þ Hypersensitive response induced protein
RTN1 Cre16.g689087 Other þ Reticulon involved in ER membrane-

shaping

þ Function known or inferred; ¨ Function unknown.

http://blast.ncbi.nlm.nih.gov/Blast.cgi
http://blast.ncbi.nlm.nih.gov/Blast.cgi
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accumulation (Xiao et al., 2012; Heinnickel et al., 
2013); and LPA3 (CPLD28), a PSII assembly 
factor (Cai et al., 2010). Additionally, a role for 
CURT1A (CGL129) in thylakoid membrane cur-
vature was recently proposed (Armbruster et al., 
2013a). Finally, RBCX1 (CGL41) was moved from 
the ‘No Predictions’ category based on its possible 
role as a Rubisco chaperone.

Several other GreenCut2 proteins have been 
characterized since the initial publication. This 
includes MBS1 (CGL151), which was moved to 
the ‘Signalling’ category because of its involvement 
in modulating gene expression in response to 1O2* 
(Shao et al., 2013). Additionally, TPR1 was demon-
strated to function as a chloroplast outer envelope 
chaperone receptor, and was moved to the ‘Protein’ 
category (von Loeffelholz et al., 2011). Finally, two 
proteins moved from the ‘Uninformative’ category 
to the ‘Other’ category are HIR1 (CrFAP173) 
which is involved in the hypersensitive response in 
Arabidopsis (Qi et al., 2011), and RTN1 which is a 
reticulon protein involved in shaping endoplasmic 
reticulum membranes (Sparkes et al., 2010).

Analysis of interaction networks
Biological network analysis is an informatics 
approach that helps ascribe proteins to specific 
biological processes/functions as well as to identify 
‘systems level’ connections among different pro-
teins. Based on transcriptomic data for Arabidopsis, 
it is possible to assemble interaction networks that 
cluster genes (and their encoded proteins) accord-
ing to their specific functions, associated processes, 
mechanisms and pathways, and localization to 
specific subcellular compartments. Such network 
analysis fosters the development of data-driven 
hypotheses about potential functions of unknown 
or uncharacterized GreenCut2 proteins.

PGR5 and PGRL1 are nuclear-encoded proteins 
localized to the chloroplast. They are essential com-
ponents of cyclic electron flow, a process thought to 
balance the ATP/NADPH ratio in photosynthetic 
organisms (DalCorso et al., 2008). An interaction 
analysis using STRING (http://string-db.org; 
Franceschini et al., 2013) suggests that PGR5 and 
PGRL1 are part of a larger network of co-expressed 
genes that may be necessary for specific acclimation 
processes. Of the 44 and 16 genes co-expressed 

A B 
A. thaliana Locus C. reinhardtii Locus Description 

At1g44575 (PSBS) Cre01.g016600 (PSBS1) 
Cre01.g016750 (PSBS2) 

Chloroplast photosystem II-
associated 22 kDa protein 

At4g03280 (PETC) Cre11.g467689 (PETC) Cytochrome b6f complex subunit 

At1g55480 (MET1) Cre01.g031100 (TEF30) Photosystem II assembly factor 

At1g23740 (AOR) Cre06.g297400 
Cre16.g677950 (QOR1) 
Cre16.g674050 (ADH12) 

Alkenal/one oxidoreductase 

At1g68010 (HPR) Cre06.g295450 (HPR1) Hydroxypyruvate reductase 

At1g09340 (CRB) Cre10.g435800 
Cre10.g440050 

NAD-dependent epimerase/
dehydratase 

At3g55800 (SBPASE) Cre03.g185550 (SBP1) Sedoheptulose-1,7-
bisphophatase 

At1g75690 (LQY1) na Protein involved in repair of PSII 

Figure 11.2 Interaction (co-expression) analysis of PGR5 and PGRL1, proteins associated with cyclic electron 
flow. Interactions were analysed using STRING (http://string-db.org; Franceschini et al., 2013), based on the 
Arabidopsis thaliana genome. Parameters were restricted to co-expression, co-occurrence and experimental 
evidence with an output cut-off set to 0.8 (high probability). Following analysis, Arabidopsis proteins were 
used to identify Chlamydomonas reinhardtii orthologues with their corresponding annotations. (A) The numbers 
within each circle are the number of proteins that interact (or are co-expressed) with PGRL1 (grey), PGR5 
(green) and the number of the proteins that show mutual interaction with both PGR5 and PGRL1 (overlapping 
grey-green). The number of GreenCut2 proteins shared between PGRL1 and PGR5 is shown in parentheses. 
(B) List of interacting proteins shared by PRGL1 and PGR5 along with their proposed functions. GreenCut2 
proteins are highlighted in green.

http://string-db.org
http://string-db.org
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with PGRL1 and PGR5, respectively, eight were 
mutually co-expressed. Of these, three (PSBS, 
TEF30, and PETC) are GreenCut2 proteins (Fig. 
11.2). In Arabidopsis, PSBS is involved in the acti-
vation of energy-dependent non-photochemical 
quenching (see ‘Photosynthesis’ category above), 
a process that redirects energy away from PSII (Li 
et al., 2000). Chlamydomonas has 2 PSBS homo-
logues, PSBS1 and PSBS2, but they do not appear 
to be required for NPQ (Bonente et al., 2008), 
and therefore it is difficult to deduce a conserved 
function based on mutual co-expression of these 
genes, although they might facilitate NPQ under 
specific environmental conditions. PETC is a 
nucleus-encoded core subunit of the cytochrome 
b6 f complex, a complex which is critical for cyclic 
electron flow. TEF30 is conserved within the green 
lineage and also present in diatoms. Based on this 
analysis, TEF30 may participate in cyclic electron 
flow. The Arabidopsis orthologue of TEF30, ZKT, 
was hypothesized to serve as a molecular adaptor 
associated with wounding responses (see ‘Photo-
synthesis’ category above). A STRING interaction 
network analysis using ZKT as the query gene iden-
tified other known components of cyclic electron 
transport including components of the cytochrome 
b6 f and NAD(P)H-dehydrogenase (NDH) com-
plexes. Recently, ZKT (also referred to as MET1) 
was demonstrated to act as a PSII assembly factor 
and to have an important role under fluctuating 
light (Bhuiyan et al., 2015). Interestingly, split 
ubiquitin experiments showed strong interactions 
between Arabidopsis MET1 and PSII core subu-
nits CP43 and CP47 and a weak interaction with 
PGR5 (Bhuiyan et al., 2015). This work highlights 
the utility of network/co-expression analyses for 
generating hypotheses about protein functions and 
their interactions.

A similar strategy was successfully used to 
dissect the function of Arabidopsis GreenCut2 
thylakoid proteins PAM68 and its PAM68-like 
(PAM68L) homologue (Armbruster et al., 2010, 
2013b). In this example, co-expression analysis 
helped delineate the different functions of the 
PAM68 homologues. PAM68, a conserved protein 
in plants, green algae and cyanobacteria, facilitates 
early stages of PSII assembly (Armbruster et al., 
2010). PAM68L, which is not conserved through-
out the green linage, was found to function as a 
biogenesis factor for the chloroplast NAD(P)H 

dehydrogenase (NDH) complex (Armbruster et 
al., 2013b).

Cyanobacterial operon analysis
The GreenCut2 analysis (Karpowicz et al., 2011) 
also explored relationships between GreenCut2 
proteins and their homologues in cyanobacteria. 
Comparative analyses reveal that ~30% of Green-
Cut2 proteins are of prokaryotic origin, suggesting 
that they may be fundamental to photosynthesis 
and other related metabolic pathways. A compara-
ble number of GreenCut2 proteins are thought to 
have evolved after the primary endosymbiotic event 
leading to the establishment of photosynthetic 
eukaryotes. The remaining GreenCut2 proteins 
(40%) have a bacterial homologue in at least one 
cyanobacterial genome. Most proteins that are 
evolutionarily conserved from cyanobacteria to 
vascular plants have a known or inferred function, 
although ~30% of those still have no assigned spe-
cific function.

The Integrated Microbial Genomes (IMG, 
www.jgi.doe.h.img.gov) contains 226 sequenced 
cyanobacterial genomes from organisms that grow 
in a range of ecological niches and habitats. IMG 
informatics tools can help predict the function(s) 
of unknown GreenCut2 proteins. Some of these 
tools reveal conserved operons and gene neigh-
bourhoods that may help place an unknown protein 
in a specific biological process and suggest ways to 
experimentally dissect the function of that protein.

PCD4 [Cre14.g616250, previously termed 
CGL9] is an unknown GreenCut2 protein that 
was placed in the ‘Other’ category (Karpowicz et 
al., 2011). PCD4 in Chlamydomonas is predicted to 
localize to chloroplasts based on PredAlgo (http://
giavap-genomes.ibpc.fr/predalgo; Tardif et al., 
2012). BLAST analyses (NCBI BLAST, http://
blast.ncbi.nlm.nih.gov/Blast.cgi) show that PCD4 
is conserved in cyanobacteria and may have a role 
in photosynthetic regulation. It is homologous 
to two proteins encoded on the Synechocystis sp. 
PCC 7407 genome; the one with the most homol-
ogy (E value: 6 E-32) is a polyketide cyclase/
dehydrogenase that is encoded by a gene found in a 
putative operon with a gene encoding a ζ-carotene 
desaturase (Fig. 11.3). Bidirectional best BLAST 
hits suggest that this sequence is also conserved in 
other cyanobacteria, however, in some organisms 
ζ-carotene desaturase is annotated as 7,8-carotene 

http://www.jgi.doe.h.img.gov
http://giavap-genomes.ibpc.fr/predalgo
http://giavap-genomes.ibpc.fr/predalgo
http://blast.ncbi.nlm.nih.gov/Blast.cgi
http://blast.ncbi.nlm.nih.gov/Blast.cgi
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desaturase (Fig. 11.3). In several organisms, the 
PCD4-related gene neighbourhood also contains 
a transcriptional repressor, although the proximity 
and orientation with respect to the carotene desatu-
rase gene is variable. Several hypothetical proteins 
are also encoded in the gene neighbourhoods, one 
of which is consistently positioned immediately 
downstream of the gene encoding the cyanobacte-
rial PCD4 orthologue (Fig. 11.3).

Carotene desaturase is an enzyme that func-
tions in carotenoid biosynthesis. The ζ-carotene 
(also known as 7,7′,8,8′-carotene) and 7,8-carotene 
desaturases catalyse the formation of lycopene. 
Based on our analysis, it is difficult to determine 
whether the PDC4 orthologue in cyanobacteria 
is functionally involved in the same pathway as 
carotene desaturases. Chlamydomonas PDC4, along 
with the cyanobacterial orthologues, do not share 
any similarity with downstream enzymes such as 
lycopene cyclase. Moreover, in contrast to lycopene 
cyclase, Chlamydomonas PCD4 does not contain 
a predicted transmembrane domain, but could 
still function in a reaction that is downstream of 

ζ-carotene desaturation. Interestingly, interaction 
analysis of Chlamydomonas PCD4 suggests co-
expression with a carotenoid cleavage dioxygenase 
enzyme, which cleaves β-carotene to form signal-
ling molecules (Harrison and Bugg, 2014).

Another example of the use of operon asso-
ciations to explore gene function involved the 
GreenCut2 protein CPLD38 (Heinnickel et al., 
2013). CPLD38 is localized to chloroplasts and 
was suggested to be involved in chlororespiration 
because the gene encoding the CPLD38 ortho-
logue in cyanobacteria was found to be in close 
proximity (probably in the same operon) to a gene 
encoding ndhL, a component of the NAD(P)H 
dehydrogenase (NDH) complex that catalyses the 
reduction of the PQ pool during chlororespiration 
(Heinnickel et al., 2013).

In summary, analysis of cyanobacterial operon 
structure is a powerful resource for exploring 
functions of unknown or poorly characterized 
GreenCut2 proteins. This process requires an under-
standing of biological pathways, and is enhanced 
when coupled to other bioinformatic approaches 

Synechocystis sp. PCC 7509  

Geitlerinema sp. PCC 7407 

Gloeocapsa sp. PCC 73106  

Nostoc sp. PCC 7107 

Chrocosphaera watsonii WH 0003

-carotene desaturase 

hypothetical protein 

carotene 7,8 desaturase 

polyketide cyclase 

transcription regulator 

2517696866 

2503608279 

2508647836 

2503743825 

2531848719 

PCD4 Orthologue A B 

Figure 11.3 Analysis of operon structures for the gene encoding the PCD4 orthologue in cyanobacteria. 
Chlamydomonas reinhardtii PCD4 protein (polyketide cyclase) was BLASTED against the database of non-
redundant cyanobacterial genomes (NCBI BLAST, http://blast.ncbi.nlm.nih.gov/Blast.cgi). The gene in 
Synechocystis sp. PCC 7407 encoding the PCD4 orthologue was localized in the genome using the IMG 
database (IMG, www.jgi.doe.h.img.gov); in the figure it is shown with its neighbouring genes (genes potentially 
in the same operon). The gene is annotated as encoding a polyketide cyclase/dehydrogenase and lipid transport 
protein (E value: 6 E-32). (A) The Synechocystis sp. PCC 7407 gene neighbourhood is presented (upper operon) 
along with conserved gene neighbourhoods from 4 different organisms. The gene upstream of the polyketide 
cyclase gene encodes a carotene desaturase. (B) Descriptors of the functions of the encoded proteins in each 
operon.

http://blast.ncbi.nlm.nih.gov/Blast.cgi
http://www.jgi.doe.h.img.gov
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such as subcellular localization, hydrophobicity, 
domain annotation, and interaction analysis.

Perspectives – beyond the 
GreenCut2
Our understanding of chloroplasts and the bio-
logical processes occurring within photosynthetic 
organelles is advancing at a rapid rate. In 2007, 
when the Chlamydomonas genome was published, 
214 (61%) out of the 349 original GreenCut pro-
teins lacked an experimentally validated function. 
In 2011, the GreenCut2 inventory was expanded to 
597 proteins, of which 311 (52%) were unknown. 
In the past 5 years, a significant number of these 
poorly understood proteins have been character-
ized to varying extents. Many have been shown to 
have critical roles in photosynthesis, redox homeo-
stasis, and signalling in response to intracellular 
and environmental cues. An increasing number of 
proteins are also being categorized as ‘regulatory’ 
based on their roles in assembly and maintenance 
of chloroplasts, as well as in fine-tuning plastid 
metabolism.

From an evolutionary perspective, the Green-
Cut2 is an inventory of proteins that is present in 
green lineage organisms, although many in the 
inventory are also present in other photosynthetic 
organisms (e.g. diatoms, red algae). In a number of 
cases, the functions of specific GreenCut2 proteins 
are highly conserved (e.g. subunits of photosynthetic 
protein–pigment complexes), while in other cases 
they have evolved organism- or niche-specific roles 
(e.g. proteins involved in immune responses). The 
GreenCut2 is also a useful bioinformatics resource 
for evaluating functional relationships among pro-
teins. A number of the remaining unknown proteins 
in the GreenCut2 are members of large protein 
families (e.g. PSBP-like proteins, oxidoreductases, 
and protein phosphatases) that await functional 
assignments. Continued efforts are under way to 
predict the functions of these and other unknowns 
of the GreenCut2.

As we move beyond the genomics era, several 
important questions remain: (i) How do Green-
Cut2 proteins interact with one another (and with 
other chloroplast- or nucleus-encoded proteins)? 
(ii) How do GreenCut2 proteins facilitate commu-
nication between chloroplasts and other organelles 
in eukaryotes? (iii) How can the vast assemblage of 

knowledge available from GreenCut2 analyses be 
leveraged in a productive manner? In other words, 
are there synthetic biology, agricultural, or other 
applications that can benefit from understanding 
the physiological roles of GreenCut2 proteins 
with respect to photosynthesis and other chloro-
plast functions as well as extrachloroplastic, green 
lineage-specific functions?
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The chloroplast organelle in plants not only forms the platform for 
photosynthetic energy conversion that fuels life on earth but is also a 
highly dynamic anabolic factory generating a great variety of primary 
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on chloroplast biology ranging from the biophysical principles of 
energy conversion over metabolic regulation and ion transport to 
identification of unique plastid proteins by the systems-biology 
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