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PREFACE

The aim of this volume is to summarize our understanding on the insect nicotinic 
acetylcholine receptors. This area of research received great impetus from the 
identification of the first subunit sequences to be used as neonicotinoid insecticide 
target sites. The first chapter illustrates the finding that the insect central nervous 
system is extremely rich in acetylcholine receptors that have a predominantly nicotinic 
pharmacology. Chapter 2 shows that these receptors have an overall structure that is 
reminiscent of the Cys-loop family of ligand-gated ion channels. In Chapter 3, analysis 
of genome sequences has shown that nAChR gene families remain compact in diverse 
insect species, when compared to their nematode and vertebrate counterparts, containing 
10-12 nicotinic acetylcholine receptor genes. Chapter 4 demonstrates that several amino 
acids that account for ligand binding domain are conserved in the insect nicotinic 
receptor subunit. Pharmacological properties of native insect nicotinic receptors using 
electrophysiological studies are described in Chapter 5, while Chapter 6 indicates the 
types of strategies being used by electrophysiologists to study the subunit composition 
of nicotinic receptor using hybrid receptors. Chapters 7 and 8 provide basic information 
on neonicotinoid insecticides, the most important new class of synthetic insecticides of 
the past three decades and their toxicity on the honeybee colonies. Chapter 9 explores 
the involvement of insect nicotinic receptors in learning and memory processes using 
the honeybee as insect model.

Although a book of this nature can provide the details only of commonly 
published results, it is hoped that it may provide a useful guide to the newcomer to 
the field as well as to point out some of the future challenges. For example, we need 
to determine the precise subunit nomenclature of insect nicotinic receptors. This 
nomenclature varies amongst species and this led to some of the early confusion that 
persists. We need to be precise in identifying the subunit composition of native insect 
nicotinic receptor subtypes, their functional properties and physiological role.

Steeve Hervé Thany, PhD
Laboratoire Récepteurs et Canaux Ioniques Membranaires, RCIM

UPRES EA 2647/USC INRA 2023, IFR 149 QUASAV
Université d’Angers, UFR de Sciences, Angers, France
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Identification of Cholinergic  
Synaptic Transmission in the Insect 
Nervous System
Steeve Hervé Thany,* Hélène Tricoire-Leignel and Bruno Lapied

Abstract

A major criteria initially used to localize cholinergic neuronal elements in nervous  
systems tissues that involve acetylcholine (ACh) as neurotransmitter is mainly based 
on immunochemical studies using choline acetyltransferase (ChAT), an enzyme which 

catalyzes ACh biosynthesis and the ACh degradative enzyme named acetylcholinesterase 
(AChE). Immunochemical studies using anti-ChAT monoclonal antibody have allowed the 
identification of neuronal processes and few types of cell somata that contain ChAT protein. 
In situ hybridization using cRNA probes to ChAT or AChE messenger RNA have brought new 
approaches to further identify cell bodies transcribing the ChAT or AChE genes. Combined 
application of all these techniques reveals a widespread expression of ChAT and AChE activi-
ties in the insect central nervous system and peripheral sensory neurons which implicates ACh 
as a key neurotransmitter.

The discovery of the snake toxin alpha-bungatoxin has helped to identify nicotinic ace-
tylcholine receptors (nAChRs). In fact, nicotine when applied to insect neurons, resulted in 
the generation of an inward current through the activation of nicotinic receptors which were 
blocked by alpha-bungarotoxin. Thus, insect nAChRs have been divided into two categories, 
sensitive and insensitive to this snake toxin. Up to now, the recent characterization and distri-
bution pattern of insect nAChR subunits and the biochemical evidence that the insect central 
nervous system contains different classes of cholinergic receptors indicated that ACh is involved 
in several sensory pathways.

Introduction
The cholinergic pathway is one of the most important excitatory neurotransmission system 

in insect nervous system. The neurotransmitter; acetylcholine (ACh), synthesized by cholinergic 
neurons, is widely distributed throughout the nervous system and plays a key role in the insect 
synaptic neurotransmission (Fig. 1).1,2 Two major types of ACh receptors have been character-
ized in insects: muscarinic ACh receptors (mAChRs) and nicotinic ACh receptors (nAChRs). 
Numerous studies have revealed the pharmacological properties of mAChRs and nAChRs on 
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synapse-free cell bodies as well as on the synapse-neuropile complex.3-5 mAChRs have been re-
ported as crucial element in the regulation of ACh release in insect synaptic neurotransmission. 
If it is well known that ACh interacts with postsynaptic nAChRs, the participation of mAChRs 
at presynaptic level has also been demonstrated electrophysiologically.6,7 In this case, mAChRs 
sharing pharmacological properties very similar to vertebrate M2 mAChR-subtypes are involved 

Figure 1. Schematic representation of the synthesis and hydrolysis of ACh.
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in the modulation of ACh release from presynaptic endings.7 It has been demonstrated, par-
ticularly in cockroach central nervous system, that any means that increase ACh concentration 
within the synaptic cleft result in direct activation of presynaptic mAChRs involved in the 
negative feedback mechanism. At postsynaptic level, nAChRs are of particular interest because 
it has been shown that they are (1) involved in fast excitatory synaptic transmission and (2) are 
target sites for insecticides, particularly neonicotinoid insecticides.8-10

Additional complementary approaches including histochemical and immunocytochemical 
detection, electrophysiology and autoradiographic studies of choline uptake11-15 have charac-
terized the different physiological component of the cholinergic system corresponding to the 
ACh-synthesizing and –degrading enzymes such as choline acetyltransferase (ChAT) and 
acetylcholinesterase (AChE), respectively. Their physiological implications have been clearly 
demonstrated since null mutations in either the ChAT or AChE genes result in the late embry-
onic lethality indicating the essential nature of ACh pathways in the insect.16

Because ChAT and AChE activities confirm the existence of both types of cholinergic receptor 
(i.e., mAChR and nAChR), alpha-bungarotoxin (�-Bgt)-binding studies have also been used to 
further identify, pharmacologically, insect nAChRs as sensitive- and insensitive-nAChR.17 �-Bgt 
is the most useful tool in biochemical and pharmacological studies of putative nAChRs. This 
toxin is a component of the venom of the snake Bungarus multicinctus, which is a highly potent 
antagonist of nAChRs. Furthermore, it has been demonstrated that the insect nervous system 
contains high concentrations of �-Bgt binding sites.18-20 Because �-Bgt blocks ACh-evocked 
excitatory postsynaptic potential (EPSP) in insect ganglia3,21 the central role of nAChR subtypes 
in cholinergic synaptic transmission have been clearly established.17,22 In the following sections 
we will discuss on the identification of cholinergic neurons and their distribution in the insect 
central nervous system (CNS).

Insect Acetylcholinesterase: Catalytic Properties and Tissue 
Distribution

Generally, it is suggested that the enzymes involved in ACh biosynthesis, ChAT and Acetyl 
CoA synthetase, are concentrated in the cytoplasm of cholinergic nerve terminals since ACh is 
thought to be synthesized mostly in these terminals. Conjugated choline is an indirect assay to 
identify cholinergic neurons because it is a metabolic product of ACh hydrolysis by AChE. The 
mode of ACh/AChE interaction is a matter of considerable interests. Generally, AChE is a type 
B carboxylesterase that rapidly hydrolyzes ACh at cholinergic synapses but also neuromuscular 
junctions. The AChE active sites are composed of an esteric region containing a nucleophilic 
serine residue that reacts covalently with acyl esters and an acid group interacting with ether the 
oxygen of ACh by hydrogen binding and an anionic site that interacts electrostatically with the 
onium head.23,24 Hydrolysis of ACh involves an acetylation-deacetylation cycle. It has previously 
been demonstrated that the rate-limiting step is the deacetylation of the enzyme in vertebrates 
whereas it is the acetylation step in insect.25 AChE occurs in several structurally distinct forms 
that can be differentiated by their number and type of subunits. Usually, in vertebrates, there 
are two acetylcholinesterases named AChE and butyrylcholinesterase (BuChE), both char-
acterized by their capacity to hydrolyze very rapidly choline esters. Two main criteria allow 
to distinguish AChE from BuAChE. First, AChE and BuAChE seem to be typically blocked 
by different inhibitors such as carbamates and organophosphates. Second, vertebrates AChE 
hydrolyzes ACh or its analog acetylthiocholine (AcSCh) faster than propionylcholine (PrCh) 
or propionylthiocholine (PrSCh). Furthermore, it seems that AChE has not effect on butyryl-
choline (BuCh) or butyrylthiocholine (BuSCh) while BuChE hydrolyzes BuCh or BuSCh.24,26 
In insects, despite the fact that AChE appeared to hydrolyze BuCh or BuSCh,27 it is the only 
cholinesterase characterized today which is usually distinguished from others esters.
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In vertebrates, the different forms of AChE correspond to different quaternary structures 
and exhibit different anchoring modes. AChE could exist as globular forms corresponding to 
the globular monomeric (G1), dimeric (G2) and tetrameric (G4) forms of catalytic subunits. 
These forms may be hydrophilic or amphiphilic. Asymmetric forms could also exist as one (A4) 
, two (A8) or three (A12) catalytic tetramers attached via a collagenous ‘tail’ (ColQ) or hydro-
phobic protein (P subunit) to the extracellular matrix.28,29 In invertebrates, there are essentially 
globular forms. In insect, the amphiphilic form is generally prevalent. The mode of attachment 
of the amphiphilic forms in many insects is a glycophosphatidylinositol (GPI) anchor. This GPI 
anchor is covalently attached to a hydrophobic domain of the AChE-terminus. It has also been 
demonstrated that AChE possessed a molecular polymorphism with regard to the existence of 
amphiphilic and hydrophilic dimers of catalytic subunits which is present at all developmental 
stages.29 Studies from Musca and Drosophila have suggested that the major form of AChE is an 
amphiphilic dimer which can be converted into a hydrophilic dimer and a hydrophilic mono-
mer.27,30,31 It is widely distributed in the brain, the thoracic and abdominal segments and the 
abdominal ganglia. The preferential distributions included the neuropiles of the CNS such as 
protocerebral and tritocerebral neuropiles, the lobula and medulla of the optic lobes, the central 
body, the internal of the calyces and the antennal glomeruli.14,32-34

Identification and Tissue Distributions of Choline Acetyltransferase 
in Insects

The most reliable marker of cholinergic neurons is the presence of ChAT, the enzyme catalyz-
ing the synthesis of ACh. Cholinergic neurons can be detected by (1) using antibodies against 
ChAT, (2) in situ hybridization to detect the transcript and (3) staining for a reporter gene fused 
to the regulatory sequence of the ChAT gene.35-37 In this case, ChAT has been first identified 
in the larval neuropil, including the larval antennal and optic lobes and in the gustatory target 
regions, which appeared to be due to the terminals of cholinergic afferents.38-44 In Drosophila 
melanogaster, ChAT exists in cholinergic nerve terminals in at least two forms; a soluble and 
membrane-bound form that exhibit the same apparent molecular weight (75 kDa).35 It should 
be noted that purification of locust ChAT results in a band at 65 kDa45 very similar to that of 
reported in the spider Cupiennius salei.46 The main reason that explains such difference may be 
that different forms of the enzyme exist.41

Histochemical detection of esterase activity and immunohistochemical localization of ChAT 
revealed that both enzymes are widely expressed in the insect nervous system. In fact, anti-ChAT 
immunoreactivity is well correlated to regions expressing high esterase activity.14 In the locust 
ocellar visual system for instance, ChAT is also localized within synaptic clefts of L-neurons 
in both of the brain regions where L-neurons make excitatory and inhibitory output synapses. 
This suggests that ACh released by ocellar L-neurons can evoke fast excitatory and inhibitory 
postsynaptic potentials in different postsynaptic neurons.40,41 Nevertheless, caution is needed in 
interpreting the significance of the presence of ChAT and AChE activities because staining of 
AChE has also been found in noncholinergic regions such as glial cells.24,44 It seems that ACh 
in these cells could be involved in the axon guidance and elongation during development.43,47

Identification of Native Neuronal Nicotinic Acetylcholine Receptors
To obtain a first indication of the nAChR subtypes present in the insect CNS, certain 

�-neurotoxins such as �-Bgt was used as tool to identify specific high affinity binding sites. 
Thus, membrane extracts prepared from the insect CNS are rich in specific [125I]-�-Bgt sites, 
exceeding the number of sites probed by the radiolabelled mAChR ligand quinuclidinyl 
benzilate.20,48-50 Specific binding of radiolabelled �-Bgt has also been demonstrated in spe-
cific neuropiles of Drosophila melanogaster, Manduca sexta, Acheta domesticus and Periplaneta 
americana.3,51-54 In fact, Schmidt-Nielsen and its colleagues have detected [125I]-�-Bgt binding 
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in the head and thorax of Drosophila.51 In the honeybee brain, binding sites are confined to 
neuropil areas, particular to those with primary and higher order sensory projections.15 The 
distribution of [125I]-�-Bgt binding resembles to that reported in D. melanogaster and M. sexta. 
In addition, similar distribution has also been identified in the abdominal ganglia of P. ameri-
cana and A. domesticus at sites of synaptic connexion.3,55 In some insects, a single high affinity 
�-Bgt binding site (with similar pharmacological profile) has been identified. These results 
differ from recent findings showing the presence of both high and low affinity binding sites 
in Myzus persicae membranes.56 In fact, data for [125I]-�-Bgt saturable binding are consistent 
with two binding components, one of high affinity (Kd � 1.2 nM) and one of low affinity (Kd 
� 33 nM). This multiple �-Bgt binding sites suggest the presence of either multiple receptor 
subtypes or the cooperativity between nicotinic binding sites on the same receptor56. Because 
of these potential multiple �-Bgt sites, other studies have used additional radioligand binding 
studies with the norditerpenoid alkaloid methyllicaconitine (MLA) isolated from species of 
Delphinium spp (larkspurs) to confirm �-Bgt high affinity binding sites. MLA is a competitive 
nicotinic antagonist which is more discriminating than �-Bgt.57 The distribution of [3H]MLA 
and [125I]-�-Bgt bindings sites have been compared in the brain of Manduca sexta. The pat-
terns of labelling with both ligands are similar in the neuropil areas of the brain with a specific 
[125I]-�-Bgt binding in an external area of the lamina and adjacent to the tapetum, a reflective 
tracheal structure at the base of the retina.58 It is interesting to note that the isotopic dissocia-
tion of [3H]-�-Bgt from Myzus persicae membranes is accelerated when initiated by MLA. 
These dissociation kinetics seem to be consistent with a model in which at least the majority 
of [3H]-�-Bgt high affinity binding sites have two different ligand binding pocket (or domain) 
at each nicotinic receptor.56

Recently, neonicotinoid insecticides such as imidacloprid and azidonicotinoid have been 
used as ligand in order to identify specific nAChR subtypes. In D. melanogaster, the [3H]
IMI binding site is distinct from that for either [3H]EPI and [3H]�-Bgt. Saturable binding 
of [3H]IMI to membranes of the peach potato aphid Myzus persicae revealed the presence of 
both high- and low-affinity [3H]IMI binding sites having distinct dissociation constants and 
maximal binding capacities. Moreover, saturable [3H]IMI binding analyzed on different insects, 
namely, Nephotellix cincticeps (Hemiptera: Cicadellidae), Periplaneta americana (Dictyoptera), 
Lucilia sericata (Diptera: Calliphoridae), Drosophila melanogaster (Canton S) (Diptera: 
Drosophiloidea), Manduca sexta (Lepidoptera: Sphingidae), Heliothis Virescens (Lepidoptera: 
Noctuidae) and Ctenocephalides felis (Siphonaptera: Pulicidae), have demonstrated that only 
aphids and green leaf hoppers (both hemiptera) have very high-affinity binding sites for [3H]
IMI.59 This may indicate that only a single class of binding site is present and/or that there is 
no cooperativity between binding sites.

Insect Nicotinic Acetylcholine Receptors Subunit Localizations
Over the last few years, different type of nAChRs have been discriminated electro-pharma-

cologically and numerous nAChR subunits have been cloned from several insect species.60-64 
Their localization identified from some insect including fly Drosophila melanogaster,65-68 
house fly Musca domestica,69 locusts Locusta migratoria70 cockroach Periplaneta americana21,22 
and honeybee Apis mellifera.63,71,72 Northern blot analysis and in situ hybridization from the 
Drosophila transcripts encoding ALS, D�2, SBD and ARD subunits are detected from 10 
to 12h embryos.73-76 Similar staining of honeybee Apis�3 mRNA have been found in the 
late larvae around day 5 after egg laying71 and in the Locusta migratoria Loc�1, Loc�2 and 
Loc�2 subunits around day 7,70 showing that nAChR subunit expression begin in the earlier 
insect stage. Despite the fact that it is difficult to identify the precise stained structures, it ap-
peared that nAChR subunit expressions are localized into specific regions. In fact, during the 
late embryogenesis, intense staining with an SBD probe is observed in the D. melanogaster  
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sub- and supraosoephageal ganglia and the ventral cord. Hybridization with an ALS-specific 
probe also results in staining of the same parts of the embryonic CNS.77 Similar expression 
is also detected at day 8 after egg laying, in the honeybee suboesophageal ganglion, which is 
found at the origin of the mandibular, maxillar and labial nerves that supply the mouthparts.71 
In the adult, immunohistochemical studies performed with anti-D�3, anti-ARD and anti-D�7 
antibodies show a strong staining into the neuropils of the lamina, the medulla, the lobula 
and the lobula plate.66,67 Similarly, the SBD and ALS subunits have also a distribution in the 
adult optic lobes.65 Because ALS, D�2 and SBD can be copurified by �-Bgt affinity chroma-
tography, this specific colocalization allowed to consider the existence of an nAChR subtype 
including these subunits in the optic lobes. It is interesting to note that similar expression pat-
tern has been identified into the honeybee Apis mellifera optic lobes for Apis�2, Apis�3 and 
Apis�7-2.72 Regarding the subunit expressions in the adult neuropil, it is tempting to consider 
that nAChRs including these subunits have important function in the visual system. This has 
been recently studied using D�7 subunit mutant flies. In this case, mutant flies have a defect 
in the jump circuit. Mutation disrupts sensory input to the giant fibers which thereby alters 
the D. melanogaster escape behavior.67

Conclusion
nAChRs mediate synaptic signal transmission in insect CNS. ACh release from the pre-

synaptic nerve terminal of cholinergic synapses binds to its recognition site at postsynaptic 
AChR and induces conformational changes of the ionotropic receptor proteins. Both AChE 
and ChAT activities expressed at cholinergic synapses demonstrate the key role of ACh in 
the central nervous system of insects, in which ACh is a major excitatory neurotransmitter. 
Nevertheless, the presence of AChE and ChAT in noncholinergic tissues raises the question of 
a possible role of AChE distinct from the classical hydrolysis of ACh. In fact, it has previously 
been reported that this enzyme presents a remarkably wide range of noncholinergic functions 
such as cell adhesion, proliferation and neurite outgrowth.78-80 The use of tritiated nicotinic 
agonists (nicotine, cytisine, methylcarbamylcholine…) or antagonists (�-bungarotoxin and 
methyllicaconitine) have given new insights on the characterisation of high and low affinity 
of nicotinic agonist binding sites. Thus nAChR subtypes have been divided in two categories, 
sensitive and insensitive to the �-Bgt. The hypothesis that the major neuronal nAChR is a 
homomeric molecular structure is advocated by the concordance between [125I]-�-Bgt binding 
sites and presumably vertebrate homomeric �7-like receptors. But, the differences in binding 
studies reported in some insects suggest that they may contain several types of nAChRs, as it 
is the case in vertebrates. Finally, the criteria for identifying nAChR subtypes and functional 
properties of cholinergic pathways will be the isolation of insect nAChR subtypes. Such stud-
ies are now in progress.
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Abstract

Fast, ionotropic neurotransmission mediated by ligand-gated ion channels is essential for 
timely behavioral responses in multicellular organisms. Metazoa employ more ionotropic 
neurotransmitters in more types of synapses, inhibitory or excitatory, than is generally 

appreciated. It is becoming increasingly clear that the adaptability of a single neurotransmitter 
receptor superfamily, the pentameric ligand-gated ion channels (pLGICs), makes the diversity 
in ionotropic neurotransmission possible. Modification of a common pLGIC structure generates 
channels that are gated by ligands as different as protons, histamine or zinc and that pair com-
mon neurotransmitters with both cation and anion permeability. A phylogeny of the pLGIC 
gene family from representative metazoa suggests that pLGIC diversity is ancient and evolution 
of contemporary phyla was characterized by a surprising loss of pLGIC diversity. The pLGIC 
superfamily reveals aspects of early metazoan evolution, may help us identify novel neurotrans-
mitters and can inform our exploration of structure/function relationships. 

Introduction
With the cloning of the alpha subunit of the nicotinic acetylcholine receptor (nAChR), 

the nAChR became the exemplar of a functionally diverse superfamily of neurotransmitter 
receptors, the pentameric ligand-gated ion channels (pLGICs).1 It also marked the beginning 
of the molecular analysis of neurotransmitter receptors and of our ability to understand channel 
structure, function and evolution in a new and enlightening dimension.2,3 More than 25 years 
later, the pLGIC superfamily continues to expand with the discovery of new invertebrate and 
even bacterial pLGICs. Here I briefly summarize what is known about the underlying pLGIC 
structure and its many functional adaptations, I discuss some features of the pLGIC superfam-
ily’s evolution and finally I speculate on the opportunities that such a large and varied family of 
proteins presents for understanding metazoan evolution, neurochemistry and protein structure/
function relationships.

Structure: pLGICs Share an Underlying Structure
One expects members of a protein superfamily to share structural motifs. The pLGIC superfam-

ily combines a seemingly paradoxical lack of conservation at the level of sequence with a highly 
conserved underlying structure. The pLGIC channels are pentamers formed by five homologous 
subunits (Fig. 1). Channels can be homomeric or heteromeric with up to five different subunits 
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required to form a functional channel.4 The amino acid sequence and predicted topology of the 
pLGIC subunits has traditionally defined their inclusion in a superfamily.5-7 Even though the 
more divergent subunits show as little as 10-15% amino acid identity across a �400-500 amino 
acid peptide, in multiple sequence alignments several residues are identical across almost the en-
tire protein superfamily and scores of other residues show a high degree of conservation.7,8 These 
conserved residues are scattered about the polypeptide, which facilitates sequence alignments 
and suggests that a characteristic structure underlies all pLGICs. That said, our criteria for what 
defines a pLGIC continue to be challenged as new pLGICs are characterized. For instance, a 
pair of what had appeared to be absolutely conserved cysteines that form a disulfide bond in the 
extracellular domain of pLGICs—and the reason metazoan pLGICs are referred to as “cys-loop” 
channels—turn out not to be present in bacterial pLGICs nor in at least one nematode pLGIC7 
( J. Dent. unpublished).

Conservation is not uniform throughout the subunit sequence. Based on topology and 
hydrophobicity, subunits can be divided into domains: a signal sequence, an amino-terminal 
extracellular ligand-binding domain, four transmembrane domains that form the transmem-
brane pore and, between the third and fourth transmembrane domains, a large cytoplasmic loop 
(Fig. 1A). The transmembrane domains are the most conserved, followed by the extracellular 
ligand-binding domain. The intracellular loops, even among closely related subunit types, typi-
cally show very little conservation.

In the past two decades we have been treated to increasingly detailed images that reveal the 
underlying pLGIC structure implied by the sequence conservation. These consist primarily of 
the electron diffraction images of quasicrystalline nAChRs from the electric ray Torpedo cali-
fornica,9-13 X-ray crystallographic data from the homopentameric acetylcholine binding protein 
(AChBP)—essentially a soluble pentameric extracellular domain without the transmembrane 
domains—from the snail Lymnea stagnalis,14 crystallographic data of the extracellular domain of 
a mouse �1 nAChR subunit15 and crystallographic data from the complete pentameric channels 
at 2.9-3.3 Å resolution from two bacterial pLGICs.16-18 In these images the subunits traverse the 
membrane perpendicularly and form a ring that defines the transmembrane pore (Fig. 1B). When 
viewed from above, the channels appear much like a simple rose window or oculus. The extracel-
lular domain is globular, extends �30 Å above the lipid bilayer and consists primarily of beta 
sheets in the form of a beta sandwich. The extracellular domains sit atop the four transmembrane 
domains that are largely embedded in the membrane (Fig. 1C). The transmembrane domains 
of each channel subunit are alpha helices that span the lipid bilayer roughly perpendicular to 
the membrane surface. The M2 domains of each subunit line the pore with a stripe of polar 
amino acids on the M2 alpha helix facing the pore lumen. The M2 domains are circumscribed 
by a ring of alternating M1 and M3 domains, with the M4 domains deployed on the outside 
facing the lipid. The pore, starting at the lip of the extracellular domains, is funnel-shaped with 
the spout at the cytoplasmic end of the transmembrane domains. The short loop between the 
M2 and M3 domains on the extracellular side interacts with the disulfide (“cys”) loop of the 
extracellular domains. In low resolution images of the nAChRs, the large intracellular loop, 
absent in bacterial pLGICs, forms a cytoplasmic vestibule through which ions must pass after 
escaping the transmembrane pore (Fig. 1C).11

The action of pLGICs begins when ligand-binding initiates a series of allosteric changes 
that propagate through the protein resulting in movement of the transmembranes domains 
and opening of the pore. Neurotransmitter ligands bind the extracellular domain, which is the 
determinant of ligand specificity.19 We do not yet have a high-resolution structure of a pLGIC 
bound to its native ligand, but AChBP structures with bound agonists20 confirm affinity label-
ing21-26 and site-directed mutagenesis27-31 studies showing that the ligand binding site sits at the 
interface between two subunits near the outer surface of the channel. A channel can have up to 
five ligand-binding sites depending on the how many adjacent subunit pairs bind ligand. The 
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ligand-binding pocket is a cage formed by aromatic side chains. The aromatic residues that form 
the pocket reside on four loops: the A, B and C loops on the (�) face—arbitrarily defined—of 
one subunit and the D loop on the (�) face of an adjacent subunit. Additional loops (E and F) 
on the (�) face also contribute to the binding site. In addition to delimiting the binding pocket, 
residues of the aromatic cage form cation-� interactions with the ligand, residues on different 
loops forming the cation-� interactions in different channels.32-35 Apart from predictions based 
on homology models27,36,37 and the demonstration that a phenylalanine to tyrosine change in 
the B-loop increases the sensitivity of glycine receptors to GABA,38 little else is known about 
how pLGICs discriminate among ligands.

The transmembrane domains form the channel gate and the ion selective filter. The location 
of the gate and how the transmembrane domains move to open and close it remain contro-
versial. Proposed gate locations on the M2 domain include: near the extracellular side18 in the 
middle9,39,40 or near the cytoplasmic side of the pore.41 During gating the M2 domains may tilt or 
rotate.9,17,18 In contrast, structural determinants of ion selectivity are well understood. pLGICs 
are typically selective for monovalent anions or cations. Rings of charged amino acids at the cy-
toplasmic side of the M2 domain, where it links to the M1 domain, determine the ion selectivity 
of the open pore. Changing the ion selectivity of a channel from anion to cation or vice versa is 
as simple as changing a few, or in some cases a single amino acid in the M2 domain.42-45

There has been significant progress tracing the allosteric steps between ligand-binding and 
gating of the pore. Results of mutagenesis experiments agree with predictions from crystal 
structures that the point of allosteric contact between the extracellular domain and the trans-
membrane domains occurs at the interface of the disulfide loop on the extracellular domain and 
the M2-M3 loop.46-48 Using site-directed mutagenesis and single-channel kinetics, Auerbach 
and colleagues proposed a Brownian wave model of channel opening that involves sequential 
movement of four blocks of amino acids.49,50 Thus, in a plausible model of channel gating, 
ligand-induced twisting of the beta sandwich nudges the M3-M4 loop tilting the M2 domains 
and opening the channel.

Even with only a handful of crystals, the conservation of the underlying pLGIC structure is 
striking. The representative extracellular domains from vertebrate, mollusk (AChBP) and bacte-
rial subunits correspond almost perfectly at the level of secondary and tertiary structure despite 
the differences in function (pH response in bacteria51 versus acetylcholine binding in metazoans) 
and scant primary sequence homology (20% amino acid identity in Fig. 1D). Presumably, all 
members of the pLGIC superfamily will adhere closely to the paradigm established by the known 
structures; differences in pLGIC properties will reflect modest adaptations of that paradigm.

Function: pLGICs Can Mediate Many Types of Ionotropic 
Neurotransmission

In metazoa, the biological function of the characterized pLGICs is to link neurotransmitter 
release by a presynaptic cell to ion permeability in a postsynaptic cell, thus converting a chemical 
signal to an electrical signal. However, the neurotransmitters and permeable ions can vary greatly. 
The ionotropic neurotransmitters in vertebrates are acetylcholine, GABA, glutamate, glycine, 
serotonin and adenosine triphosphate (ATP). Vertebrate pLGICs mediate neurotransmission by 
all but glutamate and ATP: glutamate is mediated by the structurally distinct tetrameric AMPA/
NMDA-type receptors and ATP is mediated by trimeric P2X receptors. Vertebrate acetylcholine 
and serotonin receptors are cation-selective and thus excitatory. The GABA and glycine receptors are 
anion selective and typically inhibitory, although under certain conditions—early in development 
or after injury—the reversal potential of chloride, the primary permeable anion, can be high enough 
that GABA and glycine are excitatory.52,53

Compared to vertebrates, invertebrates employ a greatly expanded repertoire of neurotransmit-
ter-ion combinations. In addition to inhibitory GABA receptors and excitatory nAChRs, there is 
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evidence for: glutamate-gated chloride channels in insect muscle and in mollusk and crustacean 
neurons,54-57 excitatory GABA currents in crustacean, mollusk and nematode muscle,58-61 inhibitory 
histamine currents in the insect visual system,62,63 inhibitory acetylcholine and dopamine currents 
as well as both excitatory and inhibitory histamine currents in mollusk neurons.64-68 Although phar-
macological evidence suggested that some of these currents are mediated by pLGICs,69 proof that 
pLGICs are diverse enough to mediate all of these currents awaited cloning of the receptor subunits 
and examination of their primary sequence.

The extent of the corresponding pLGIC diversity is increasingly apparent, largely as a result of 
the sequencing of invertebrate genomes and the discovery of scores of predicted pLGIC subunits 
that are not obvious orthologs of the known vertebrate receptors. Characterization of these orphan 
pLGIC receptors led to the discovery of nematode acetylcholine-gated chloride channels,70 insect 
cation-selective GABA receptors,71 arthropod pH-gated chloride channels,72,73 insect histamine gated 
chloride channels,74,75 the mollusk acetylcholine-gated chloride channel76 and a vertebrate Zn�-gated 
cation channel.77 Other channels found in directed searches for known currents include nematode and 
insect glutamate-gated chloride channels.78,79 In the nematode C. elegans, new pLGICs have turned 
up in genetic screens for mutants affecting neurotransmission. These include the glutamate-gated 
chloride channels,80,81 the GABA-gated cation channel,82 the serotonin-gated chloride channel83 and 
the pH-gated cation channel.84

Because of convergent evolution, a list of channel types based on ligand-ion combinations in 
fact under-represents the full extent of pLGIC diversity. Several channels share neurotransmit-
ter-sensitivity and ion-selectivity but their subunits are clearly not orthologous. Examples include 
the glutamate-gated chloride channels from mollusks and ecdysozoa85 and the acetylcholine-gated 
chloride channels from mollusks and nematodes70,76 (Fig. 2). The mollusk acetylcholine-gated chloride 
channel appears to be a typical, if more divergent, nAChR and even shares with nAChRs a sensitivity 
to bungarotoxin.76 However, its ion selectivity motif is that of an anion channel. In contrast, the 
sequence of the nematode acetylcholine-gated chloride channel subunit is more similar to other 
anion-selective (GABA-type) pLGIC subunits and it appears to have independently evolved the 
ability to bind acetylcholine. In fact, the ligand-binding site of nematode acetylcholine-gated 
chloride channels and nAChRs are not any more similar than any other pair of binding sites, an 
indication that acetylcholine-gated chloride channels evolved a unique structural solution to the 
problem of binding acetylcholine.

The emphasis here has been on pLGIC diversity yet there is significant overlap in the spec-
trum of pLGICs found in the various phyla. pLGIC subunit types that appear to be universal to 
bilateria include two types of nAChRs, the �1- and �7-types, as well as GABA-gated chloride 
channels composed of both �- and �-type subunits (Fig. 2). An obvious question is whether it is 
possible to infer the conservation of a particular circuit or behavior based on the conservation of 
pLGIC types. So far it appears not. �1-type nAChRs act at cholinergic neuromuscular junctions 
in vertebrates and nematodes whereas glutamate is the neuromuscular transmitter in insects.86 
�7-type nAChRs act in the vertebrate central nervous system and in macrophages87 but can act 
at neuromuscular junctions in nematodes.88 Thus, the context in which a given pLGIC type is 
used is highly adaptable.

Although the characterized metazoan pLGICs mediate neurotransmission, the discovery 
of pLGICs in prokaryotes hints at other possible roles. The GLIC (Gloebacter violaceus 
Ligand-gated Ion Channel) and ELIC (Erwinia chrysanthemi Ligand-gated Ion Channel) 
pLGICs are found in Gram-negative bacteria, which regulate pH and ion concentrations in the 
periplasmic space between the inner and outer membrane.89 A reasonable but untested role for 
the bacterial pLGICs would be to maintain periplasmic ion homeostasis. If periplasmic channels 
are chemosensory, responding to cues in the environment, they may represent a first step on the 
path to the evolution of neurotransmitter receptors.8,90 Some metazoan pLGICs may also play 
homeostatic or chemosensory roles that reflect the ancestral pLGIC function.91,92
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Evolution: pLGIC Diversity Appears To Be Ancient
The diversity of pLGICs in metazoa begs the question how a protein superfamily of such 

scope evolved. Conspicuous and in need of explanation is the distinct spectrum of channels 
found in individual phyla.8,85 Vertebrates have glycine receptors but ecdysozoa (nematodes and 
arthropods) and mollusks apparently lack them. Mollusks and ecdysozoa have glutamate-gated 
chloride channels but these are not present vertebrates. Even within the ecdysozoa, insects 
have histamine receptors but nematodes apparently do not, whereas nematodes have acetyl-
choline-gated chloride channels but insects do not. If these phylum- and superphylum-specific 
channels were not present in the common ancestor, when did they evolve? If they were in the 
common ancestor, when were they lost?

A phylogenetic analysis of the metazoan pLGIC superfamily suggests that almost all of the 
metazoan receptor types were likely present in the common ancestor of bilateria (protostomes 
and deuterostomes) and possibly in the common ancestor of the bilateria and cnidaria (jel-
lyfish and anemones) as well8,85,93 (Fig. 2). The evidence consists of the following observation 
and argument: all studied bilateria have pLGIC GABA receptors that are more closely related 
to each other than to any other channel type, i.e., they form a clade. Thus, the common ances-
tor of bilateria expressed a GABA receptor subunit and the divergence of the GABA receptor 
subunits reflects the radiation of the phyla that express them. Moreover, the GABA receptor 
subunit gene in the common ancestor of bilateria had already diverged from genes encoding 
other pLGIC subunit types. It follows that all of the other (nonGABA) pLGIC types found in 
any bilaterian were present in the common ancestor. The first cnidarian genome sequence, that 
of Nematostella vectensis, also appears to encode GABA receptors that diverged from the bila-
terian GABA subunits after the various subunit types diverged,85 which would push the origin 
of pLGIC diversity back to the common ancestor of the bilateria and cnidaria, an organism 
that existed more than 600 million years ago.94,95

The cation channels show a similar evolutionary pattern. There are several distinct types of 
nAChRs. The vertebrate �1- and �-type nAChR subunits typically combine to form obligate 
heteromeric channels.96 In arthropods and nematodes there are two paralogous nAChR-like 
clades whose subunits also form heteromers.4,97 Together, these four clades (two vertebrate and 
two invertebrate) form a larger clade (here referred to as the �1nAChR-like clade), meaning that 
the common ancestor of bilateria had at least one �1-type nAChR subunit.8,98 A separate clade 
includes the vertebrate �7nAChR subunits as well as subunits from arthropods, nematodes, 
mollusks and annelids. Thus, the �7nAChR-like subunits also share an ancestral gene that pre-
dated the divergence of the bilateria. Beyond these shared clades are a number of phylum-specific 
clades: 5HT3 (cationic serotonin) receptors in vertebrates and several clades in invertebrates—
so far primarily in the nematodes but also including the mollusk acetylcholine-gated chloride 
channel.76 The nematode clades are little characterized but among them are the proton-gated 

Figure 2, veiwed on previous page. Evolution of pLGIC subunits. A) A phylogenetic tree 
of representative nAChR-like channel subunits constructed using maximum likelihood. B) 
A phylogenetic tree showing evolutionary relationships of the species used in A and C. 
Ecdysozoa are represented by the clade that includes arthropods (insects) and nematodes, 
Lophotrochozoa by the clade that includes mollusks and annelids and chordates by the clade 
that includes rat and Ciona. C) A phylogenetic tree of representative GABA-like channel 
subunits. Subunits are from: Aplysia californica (Ac, mollusk), Caenorhabditis elegans (Ce, 
nematode), Ciona intestinalis (Ci, primitive chordate), Capitella sp I (Cs, annelid), Drosophila 
melanogaster (Dm, insect), Homo sapiens (Hs, vertebrate), Lymnea stagnalis (Ls, mollusk), 
Lottia gigantea (Lg, mollusk), Nematostella vectensis (Nv, anemone), Rattus norvegicus (Rn, 
vertebrate). Numbers on the branch indicate bootstrap values out of 100. Numbers in paren-
theses indicate subunits in that clade from that organism not shown in the tree. Subunits for 
which the ligand is known are shaded. Note that the list of subunits from Ciona, mollusks, 
annelids and Nematostella is incomplete.
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cation channel84 and a channel that responds most strongly to choline.91 Whether the inverte-
brate cation channel clades are as diverse in ligand specificity as the anion channels remains to 
be seen, but in any case the tree topology supports a model in which the �1nAChR-like and 
�7nAChR-like subunits as well as the other cation channel subunit clades were present in the 
common ancestor of the bilateria.

The argument for a diverse pLGIC superfamily in the common ancestor of bilateria is subject 
to two caveats. The lesser caveat concerns the great phylogenetic/time span covered by trees that 
encompass all bilateria. Phylogenies measure distance in units of sequence change and unequal 
rates of change distort the distances between sequences. Nematodes evolve more rapidly than 
vertebrates99 and therefore rate differences will distort the metazoan pLGIC phylogenies. But 
the argument for early divergence of subunit types depends on the topology of the tree, which 
does not seem to be affected. For instance, GABA receptors from nematodes and vertebrates 
form a clade, as do the nematode and vertebrate �7-type nAChRs, which they would not do 
if the apparently ancient origin of invertebrate-specific channels were an artifact of differences 
in the overall rate of evolution.8 The second caveat is that the observed tree topologies could 
be explained by a recent (	500 myr) horizontal transfer of subunit genes. That explanation is 
difficult to support given the apparent rarity of horizontal gene transfer in metazoan.100

If the common ancestor of the bilateria had a more diverse complement of pLGICs than 
extant metazoa, gene loss must explain the difference. Primitive chordates such as Ciona intes-
tinalis encode the same spectrum of pLGICs as vertebrates, consistent with the loss of inverte-
brate pLGICs before the divergence of the chordates. On the other hand, the modest overlap 
in nematode and arthropod pLGICs may indicate substantial gene loss since the divergence of 
the rapidly evolving ecdysozoa. Culling of pLGIC subunit genes from the various metazoan 
genomes has also not been monotonic. Certain subunit families have expanded substantially in 
some phyla and not others.8,98 The vertebrate �1-type nAChRs appear to have expanded since the 
vertebrate-invertebrate split and even since the divergence of vertebrates from other chordates. 
The complement of GABA receptor subunits expanded substantially in vertebrates; where C. 
elegans and Drosophila have, respectively, two and three �- and �-type GABA receptor subunits, 
mammals have 19. Conversely, vertebrates encode a single �7nAChR subunit where Drosophila 
encodes three and C. elegans encodes nine. It seems the pLGIC superfamily is in constant flux. 
What drives the selective expansion and contraction of pLGIC subunit families is an intriguing 
and unexplored question.

What Good Is pLGIC Diversity?
The pLGIC superfamily is both a resource and an experimental system in which to explore 

questions of protein and nervous system evolution. There are three areas where I see the diversity 
of the pLGICs being exploited:

Pushing Back the Origin of Metazoan pLGICs
The sequencing of additional metazoan genomes raises the prospect of the being able to 

approximately reconstruct the genome of the common ancestor of the metazoa, including the 
component of the genome that encoded the pLGICs. The question is how far back we can 
trace the evolution of the existing channels before the obscuring effects of sequence divergence 
prevent any further deductions. Cnidaria apparently have both fast cholinergic and GABAergic 
neurotransmission and the next step will be to determine whether this neurotransmission is 
mediated by orthologs of the corresponding bilaterian pLGICs.101 The genome sequence of N. 
vectensis will greatly facilitate that task. The next step would be to determine whether nAChRs 
and ionotropic GABA receptors are also present in a basal metazoan, a position proposed for 
the comb jellies.102,103
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Identifying Novel Transmitters
With the advent of complete genome sequences it has been possible to catalog and char-

acterize all of the pLGICs in an organism. The result has been the identification of pLGICs 
that respond to many neurotransmitters that were not previously thought to act on pLGICs. It 
has also resulted in the identification of pLGICs subunits that do not, at least in heterologous 
systems, respond to any known neurotransmitter ( J. Dent unpublished observation). Many of 
these will be subunits that form obligate heteromeric channels and whose partner subunits have 
not been identified. However, where entire clades do not respond to known neurotransmitters,8 
we must consider the possibility that the in vivo ligand for these channels is not among the 
usual suspects. The recent discovery that protons mediate ionotropic neurotransmission via 
pLGICs demonstrates that characterization of orphan pLGIC receptors will lead us to new 
neurotransmitters.84 One systematic approach to identify new neurotransmitters would be to 
use orphan pLGICs in a bioassay to screen candidate compounds.104

The Evolution of Ligand Specificity
The pLGIC superfamily represents at least half a billion years of evolutionary trial and er-

ror with the effect of identifying a large number of functional and physiologically useful neu-
rotransmitter receptors from among the vastly larger number of useless pLGIC structures. The 
subunits that survive the evolutionary filter contain information about functional constraints 
on sequence and structure that can, in principle, be extracted using covariance techniques.105,106 
A rudimentary covariance approach was used to identify the residues that confer ion selectiv-
ity.44 To identify subtler and more variable properties, such as ligand specificity, will require 
large sequence alignments from 
100 functionally characterized channels, but we are rapidly 
approaching that number. Before us is the exciting prospect of combining correlative and crys-
tallographic data to trace the path of amino acid changes that allowed the evolution of novel 
ligand specificities. Learning how to change ligand specificity is likely to be much more difficult 
than changing ion selectivity but also potentially more rewarding as it promises to enhance our 
understanding of the allosteric changes involved in gating. Ultimately, the test of our mastery of 
pLGIC structure, function and evolution will be to engineer channels with ligand specificities 
not found in nature for use as experimental probes, biosensors and medical therapies.
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Abstract

Nicotinic acetylcholine receptors (nAChRs) are ligand-gated ion channels that mediate 
fast synaptic transmission in the insect nervous system and are targets of a major group of 
insecticides, the neonicotinoids. They consist of five subunits arranged around a central ion 

channel. Since the subunit composition determines the functional and pharmacological properties 
of the receptor the presence of nAChR families comprising several subunit-encoding genes provides 
a molecular basis for broad functional diversity. Analyses of genome sequences have shown that 
nAChR gene families remain compact in diverse insect species, when compared to their nematode 
and vertebrate counterparts. Thus, the fruit fly (Drosophila melanogaster), malaria mosquito (Anopheles 
gambiae), honey bee (Apis mellifera), silk worm (Bombyx mori) and the red flour beetle (Tribolium 
castaneum) possess 10-12 nAChR genes while human and the nematode Caenorhabditis elegans have 
16 and 29 respectively. Although insect nAChR gene families are amongst the smallest known, recep-
tor diversity can be considerably increased by the posttranscriptional processes alternative splicing 
and mRNA A-to-I editing which can potentially generate protein products which far outnumber the 
nAChR genes. These two processes can also generate species-specific subunit isoforms. In addition, 
each insect possesses at least one highly divergent nAChR subunit which may perform species-specific 
functions. Species-specific subunit diversification may offer promising targets for future rational 
design of insecticides that target specific pest insects while sparing beneficial species. 

Introduction
Since the groundbreaking sequencing of the first insect genome, that of the fruit fly Drosophila 

melanogaster, several other insect genomes have been sequenced allowing for detailed compari-
sons of gene families. In this chapter we explore the diversity of nicotinic acetylcholine receptor 
(nAChR) gene families in various insect species such as the fruit fly genetic model organism 
(Drosophila melanogaster), the malarial disease vector (Anopheles gambiae), the agriculturally 
beneficial honey bee (Apis mellifera), the commercially important silk worm (Bombyx mori) and 
the red flour beetle (Tribolium castaneum) which is a pest species of stored food. nAChRs are 
part of a ligand-gated ion channel superfamily found in species as diverse as bacteria and human 
and their best known role is molecular signalling in nervous systems and neuromuscular junc-
tions as well as in nonneuronal cells. The central nervous system of insects is rich in nAChRs, 
more so than any other organism apart from the electroplax tissue of the electric fish. Insect 
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nAChRs are therefore of interest for the study of nervous system signalling molecules and as 
targets for several classes of important insecticides.

Nicotinic Acetylcholine Receptors (nAChRs)— 
Structure and Function

Nicotinic acetylcholine receptors (nAChRs) are prototypical members of the Cys-loop 
ligand-gated ion channel (cysLGIC) superfamily1,2 which also includes ionotropic receptors 
for GABA, glycine and serotonin (5-hydoxytryptamine). nAChRs mediate the fast actions of 
acetylcholine (ACh) in the nervous system and at neuromuscular junctions and consist of five 
homologous subunits arranged around a central ion channel (Fig. 1). They act as molecular 
switches which change conformation upon binding to an agonist such as ACh to allow a net 
influx of ions into the cell.3 Each subunit has four transmembrane domains (TM1-4) and pos-
sesses an N-terminal extracellular domain containing the characteristic Cys-loop motif consist-
ing of two disulfide bond-forming cysteines separated by 13 amino acid residues. The Cys-loop 
plays a role in nAChR assembly4 as well the kinetics of ion channel gating.5 The ACh-binding 
site is located at the interface of two adjacent subunits and is formed by six distinct regions 
(loops A-F)6 in the N-terminal extracellular domain with loops A, B and C being contributed 
by an � subunit and loops D, E and F by either an � or non-� subunit. Subunits possessing 
two adjacent cysteine residues in loop C which are important for ACh binding7 are defined as 
� subunits while subunits lacking these vicinal cysteines are classified as non-� (�, �� �or �). 

Figure 1. Structure of the nicotinic acetylcholine receptor. Schematic representation of a het-
eromeric receptor consisting of two � (dark grey) and three non-� subunits (light grey). The 
polypeptide layout of two subunits are shown highlighting the Cys-loop (two white circles 
connected by a white double line), the two vicinal cysteines in loop C defining � subunits 
and four transmembrane domains (TM1-4) with a large intracellular loop between TM3 and 
TM4. The six binding loops (A-F) that contribute to ligand binding are shown and two acetyl-
choline (ACh) molecules are bound to this particular nAChR. The five subunits that make up 
the receptor are arranged around a central cation-permeable channel.
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nAChRs can exist as homomers of � subunits or as heteromers of either two kinds of � subunit, 
or, more commonly, of various combinations of � and non-� subunits.8 The subunit composi-
tion determines the functional and pharmacological properties of the nAChR, thus receptor 
diversity is generated by multiple-subunit-encoding genes in a given organism.

Although no crystal structure of a full nAChR is currently available, the structure of the ma-
rine ray Torpedo marmorata electric organ nAChR has been resolved at 4.0 Å providing valuable 
insights into the three-dimensional structure of a cysLGIC.9 More information has been added 
by further crystal structures such as that obtained at 1.94 Å for the N-terminal extracellular 
domain of the mouse �1 muscle subunit.10 The �1 subunit is bound to �-bungarotoxin, a snake 
toxin which was used in the first purification of a nAChR11 and the crystal structure has provided 
important insights into protein-protein and protein-sugar interactions of the subunit-toxin 
complex.10 In addition, the crystal structure of an ACh binding protein (AChBP) from the pond 
snail Lymnaea stagnalis that shares homology with the extracellular N-terminal region of the 
nicotinic acetylcholine receptor has been determined at 2.7 Å.12 Also, the X-ray structure of a 
bacterial LGIC with a layout of five subunits similar to cysLGICs has been determined at 3.3 Å13 
accelerating the exciting prospect of a crystal structure for a complete eukaryotic nAChR. These 
structures have considerably enhanced our understanding of receptor function by permitting 
the construction of three-dimensional homology models of cysLGICs and the computational 
simulation of receptor dynamics as well as agonist docking in the ligand-binding site.

Nicotinic Acetylcholine Receptors—Roles in Human Disease 
and as Drug Targets

The human nAChR family consists of 16 genes encoding 10 � and 6 non-� subunits.8 
There are separate families of muscle and neuronal nAChRs and the striking differences in 
pharmacological properties of nicotinic receptor subtypes found in different cells and tissues 
are mainly attributed to differences in their subunit composition. The importance of nAChRs 
is highlighted by their involvement in genetic and autoimmune disorders.14 For instance, 
mutations in neuronal nAChR subunits �4 and �2 are associated with autosomal dominant 
nocturnal frontal lobe epilepsy15 while mutations in muscle nAChR subunits (�, �, � and ) 
underlie muscle weakening congenital myasthenia syndromes.16 Examples of autoimmune 
diseases include myasthenia gravis where auto antibodies target muscle nAChRs17 while auto 
antibodies to �7 nAChRs, which function in the central nervous system, result in Rasmussen’s 
encephalitis.18 nAChRs play important roles in brain function and are the focus of research 
investigating them as targets for drugs designed to treat nicotine addiction, Alzheimer’s disease, 
Parkinson’s disease and Schizophrenia.19

Insect Nicotinic Acetylcholine Receptors—Targets  
for Pest Control

Invertebrate nAChRs are of interest as they are effective targets for pest control. Nematode 
(worm) parasites infect a billion people and also cause many serious diseases in livestock as well 
as crop damage. Levamisole, pyrantel and morantel are anthelmintics (drugs used to control 
worm parasites) which target nAChRs functioning in body wall muscles of nematodes20 and 
recently a novel class of drugs (the amino-acetonitrile derivatives) has been developed which 
target a different nAChR subtype of nematodes.21

With ACh being an abundant neurotransmitter in the nervous systems of many insect 
species, including the fruit fly, Drosophila melanogaster,22 nAChRs are targeted by chemicals 
used for insect control, such as neonicotinoids23 which have been the fastest-growing class of 
insecticides in modern crop protection. Imidacloprid [1-(6-chloro-3-pyridylmethyl)-2-ni-
troimino-imidazolidine] and other neonicotinoids now have worldwide annual sales of 
around $US 1.56 billion, representing nearly 17% of the global insecticide market.24 It has 



28 Insect Nicotinic Acetylcholine Receptors

been demonstrated that imidacloprid binds with high affinity to membrane preparations from 
diverse insects.25-27 Radioligand binding and electrophysiological studies have demonstrated 
that imidacloprid shows agonist actions on nAChRs in cockroach neurons and displaces125I 
�-bungarotoxin binding from central nervous system membranes.28 Calcium imaging has 
demonstrated that imidacloprid acts on nAChRs in D. melanogaster cholinergic neurons29 and 
whole-cell patch-clamp studies on the same neurons show imidacloprid to be a partial agonist.30 
The effectiveness of neonicotinoids as safe insecticides has been attributed, at least in part, to 
the selectivity for insect nicotinic receptors over mammalian nAChRs31 and indeed the binding 
affinity of neonicotinoids to nAChRs correlates well with insecticidal efficacy.32

The nAChR Gene Family in a Genetic Model Organism, the Fruitfly 
Drosophila melanogaster
The First Complete Insect nAChR Gene Family To Be Described

The first sequences of nAChR subunits, those of the electric rays Torpedo californica and Torpedo 
marmorata, were published in the early 1980s.33-37 Subsequently, it has been shown that nAChR sub-
units from a variety of organisms are highly homologous sharing considerable amino acid identity.6 
This enabled development of Torpedo DNA probes to isolate D. melanogaster cDNA clones in a 
hybridisation screen which led to the determination of the first insect nAChR subunit sequence.38 
As summarised in Table 1, nine further D. melanogaster nAChR subunits were identified over the 

Table 1. Summary of all 10 D. melanogaster nAChR subunits which are listed in the 
order their sequences were published. The techniques used to determine 
their sequences are included

Subunit Name Technique Used to Identify Subunit Year Published

D�1 or ARD (acetylcholine 
receptor Drosophila)

Hybridisation screen using Torpedo � and � 
nAChR subunit probes

198638

D�1 or ALS (alpha-like 
subunit)

Hybridisation screen using chicken �2 nAChR 
subunit probe

198839

D�2 or SAD (second 
alpha-like subunit Droso-
phila)

Hybridisation screen using D�1 nAChR subunit 
probe41 or conserved 10 amino acid region 
preceding TM444

199041,44

D�2 or SBD (second 
beta-like subunit Drosophila)

Hybridisation screen using genomic clone probe 
isolated in ref.44

199045

D�3 Hybridisation screen using D�1 nAChR subunit 
probe and conserved 10 amino acid region 
preceding TM4

199846

D�4 PCR using primers based on an EST clone 200042

D�3 Sequencing of an EST clone based on a gene 
predicted in the D. melanogaster genome

200243

D�5 BLAST analysis124 against D. melanogaster ge-
nome sequence

200240

D�6 BLAST analysis124 against D. melanogaster ge-
nome sequence

200240

D�7 BLAST analysis124 against D. melanogaster ge-
nome sequence

200240
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next two decades.38-46 During this time the D. melanogaster genome was sequenced47 which greatly 
facilitated the identification of nAChR subunits, changing the strategy of isolating subunits from 
hybridisation screening to genome sequence analysis (Table 1). With the genome sequence avail-
able, it was shown that the complete fruit fly nAChR gene family consists of 10 subunits, seven of 
which are � (D�1-D�7) and three are non-� (D�1-D�3).48 Considering that humans possess 16 
subunits8 and the nematode worm Caenorhabditis elegans has at least 29,49 the nAChR gene family of 
D. melanogaster is rather compact. However, as described in section 4, alternative splicing and RNA 
editing considerably increases the number of insect nAChR gene products.

Distribution and Assembly of Drosophila AChRs
The localisation of many gene products throughout the Drosophila body can be determined 

by immunohistochemistry or in situ hybridisation. These techniques have been used to show 
that several Drosophila nAChR subunits (D�1, D�2, D�3, D�4, D�7,50 D�1 and D�2) have 
overlapping distributions in various regions of the nervous system (for review see ref. 96 and refs. 
therein). A lot is known about the subunit composition of vertebrate nAChRs.8 Unfortunately, 
this is not the case for Drosophila, largely due to the fact that expression of functional receptors 
in heterologous systems has so far been unsuccessful. Several studies, however, have provided 
clues regarding the assembly and functions of certain subunits (for review see ref. 96 and refs. 
therein). Thus, based on immunoprecipitation experiments, overlapping expression patterns 
and pharmacological properties of hybrid receptors consisting of Drosophila � subunits and 
vertebrate non-� subunits, Chamaon et al proposed three possible receptor complexes.51 One 
contains at least D�1 and D�2, another includes D�1 and D�3 whilst in the third at least D�1, 
D�2 and D�2 are present. As noted by the authors, the genes encoding D�1, D�2 and D�2 form 
a directly linked cluster in the Drosophila genome which may facilitate coordinated expression 
and regulation of coassembly of the three subunits. Another report, using radioligand binding 
and co-immunoprecipitation studies in transfected Drosophila S2 cells, has suggested that D�3 
can coassemble with D�2, D�3, D�4 or D�2.43

Role for D�7 in Drosophila Escape Behaviour
The powerful genetic toolkit available in the model organism, D. melanogaster, can yield 

insights into behavioural roles for individual nAChR subunits. This was demonstrated by a study 
which used immunohistochemistry to show that D�7 protein is enriched in the dendrites of the 
giant fiber system which serves as a reflex circuit that triggers escape behaviours.50 A fly strain 
with mutated D�7 showed no obvious abnormalities when compared with wild-type flies but 
mutant adult flies did fail to exhibit the giant fiber-mediated startle response to a sudden change 
in light levels, indicating that D�7 mediates the Drosophila escape response.

Uncovering the Actions of Imidacloprid and Spinosad Using Drosophila 
nAChRs

Work with Drosophila nAChRs has implicated certain subunits as targets of imidacloprid action. 
This has involved the use of heterologous expression systems such as Xenopus laevis (African clawed 
frog) oocytes52 or a D. melanogaster cell line (Schneider S2 cells)53 to study functional receptors. 
Unlike vertebrate nAChRs, reconstituting functional insect nAChRs in heterologous systems has 
proven elusive. Nevertheless, the fact that several Drosophila nAChR subunits can form functional 
nAChRs when co-expressed with a vertebrate �2 subunit in Xenopus oocytes has been exploited 
to identify D�1 and D�2 as candidate imidacloprid targets since D�1/�2 and D�2/�2 hybrid 
nAChRs were more neonicotinoid sensitive than the complete vertebrate �4/�2 receptor.54,55 Also, 
the partial agonist actions of imidacloprid (and super-agonist actions of the second generation 
neonicotinoid clothianidin) reported for native Drosophila receptors are mimicked in the D�2/�2 
hybrid.30 This approach has been extended to study whether vertebrate nAChRs (usually �4/�2 or 
�7) can be rendered more sensitive to neonicotinoids when insect nAChR-specific amino acids or 
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subunit regions have been introduced. In this way, residues in loops C,56 D,57-59 E60 and F58 as well as 
an insertion in loop F56 have been shown to contribute to imidacloprid sensitivity. Also, D�157 and 
D�259 have been highlighted as additional subunits targeted by neonicotinoids. These studies using 
amino acid substitutions have led to the postulation that the formation of hydrogen bond networks 
plays a key role in neonicotinoid interactions.61 Support for this view is also derived from structural 
studies in which snail AChBP bound with neonicotinoids has been crystallised.62,63

Spinosad is an insecticide which is derived from fermentation products of the soil dwelling 
bacterium Saccharopolyspora spinosa.64 It acts on nAChRs but not at the same site as imidaclo-
prid,65 indicating they may act on separate nAChR types.66 Indeed this is likely to be the case as 
a D�6 knockout mutant strain of D. melanogaster was shown to be 1181-fold more resistant to 
spinosad than the control strain, identifying this subunit as a major spinosad target.67

Characterisation of Complete nAChR Gene Families from Five Insect 
Species Spanning Over 300 Million Years of Evolution
A Core Group of nAChR Subunits Is Highly Conserved 
in Different Insect Species

Since the publication of the D. melanogaster genome in 2000,47 the genomes of several 
other insect species have since been sequenced. This information has so far been used to char-
acterise the complete nAChR gene families from Anopheles gambiae (malaria mosquito),68,69 
Apis mellifera (honey bee),70,71 Tribolium castaneum (red flour beetle)72,73 and Bombyx mori 
(silk worm).74,75 These species represent diverse orders which span over 300 million years of 
evolution (Table 2)73 during which the nAChR gene families of these five insect species have 
remained compact consisting of 10 (D. melanogaster and A. gambiae), 11 (A. mellifera) or 12 
(B. mori and T. castaneum) subunits.

Each of the five insect nAChR gene families has seven core groups of subunits that are 
highly conserved between species (Fig. 2).76 Thus, Anopheles, Apis, Bombyx and Tribolium 
have subunit equivalents of D�1-7, D�1 and D�2. The different insect species have the same 
number of core group subunits with the exception of T. castaneum which has an extra D�2-like 
subunit arising most likely through a gene duplication event (Fig. 2).72 D�5, D�6 and D�7 
have been placed into a single group (Fig. 2) due to their considerable sequence homology with 
vertebrate �7 subunits (Table 3).76,77 The presence of �7-like subunits also in nematodes78,79 
and trematodes80 indicates an ancient lineage for this receptor subtype. The remaining insect 

Table 2. Orders and key roles of insect species that have their complete nAChR gene 
family described

Species Order Importance 
Genome Size 
(Mega Bases)

nAChR Subunit 
Gene Number

A. gambiae Diptera malaria vector 278 10

A. mellifera Hymenoptera pollination, honey 
production, social and 
behavioural model

262 11

B. mori Lepidoptera silk production, 
Lepidopteran model

429 12

D. melanogaster Diptera genetic model organism 118 10

T. castaneum Coleoptera pest of stored food, 
Coleopteran model

204 12
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subunits do not have such close sequence relationships with those of vertebrates. Subunit 
homologs have also been found in other species such as Ctenocephalides felis (cat flea),81 
Locusta migratoria (migratory locust),82 Musca domestica (house fly),83-85 Myzus persicae (green 
peach aphid),86,87 Nilaparvata lugens (brown plant hopper)88 and Schistocerca gregaria (desert 
locust),89,90 suggesting that the core groups are common to insects. Generally, equivalent 
nAChR subunits from different insect species have greater than 60% identity in their amino 
acid sequences. In addition to amino acid identity, distinct features are also conserved in core 
group nAChR subunits as summarised in Table 3. Interestingly, insect orthologs of D�2 are 
� subunits (e.g., Agam�8 and Amel�8 in Fig. 2), suggesting a change in functional role of the 
subunit in the Drosophila lineage.

Figure 2. Tree showing the nAChR gene families A. gambiae, A. mellifera, B. mori, D. melano-
gaster and T. castaneum. Based on their high amino acid sequence homology, several insect 
nAChR subunits cluster into groups. Each insect possesses at least one divergent subunit that 
does not fall into any of these groups.
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Insect Species Possess a Distinct Complement of Divergent nAChR Subunits
Analysis of the five complete nAChR gene families has shown that insects possess at least 

one divergent subunit (Fig. 2) that shows low sequence homology to all other known nAChR 
subunits (less than 29% identity). Unlike core group subunits, analogous divergent subunits 
in different insects are difficult to assign. In addition to low sequence homology, divergent 
subunits possess extremely small intracellular domains between TM3 and TM4 and several 
examples, particularly those of B. mori, lack the highly conserved GEK amino acid motif 
preceding TM274 which is important for cation selectivity.91 These subunits do not possess 
amino acid residues known to confer anion selectivity but they may form nAChRs with 
distinct ion channel characteristics. Currently, little is known about divergent nAChR func-
tion although it has been shown that D�3 can co-assemble with other nAChR subunits and 
influence ligand binding.43 Each of the five insect species possesses a different set of divergent 
nAChR subunits. For example, T. castaneum has two divergent subunits which are both �,72 
A. mellifera also possesses two divergent subunits but one is � and the other �70 whilst there 
are three divergent subunits (one � and two �) in B. mori.74 Thus, the divergent subunits may 
perform species-specific roles and therefore be of interest as targets to control insect pests 
while sparing beneficial species.

Table 3. Amino acid sequence features particular to insect nAChR subunits when 
comparing Anopheles, Apis, Bombyx, Drosophila and Tribolium

Group
% Sequence Identity to 
Closest Human Homolog Notable Features

D�1 38-40% to human �2 Polypeptide insert in loop F which is involved in 
ligand binding

D�2 36-38% to human �2 Polypeptide insert in loop F which is involved in 
ligand binding

D�3 28-40% to human �2 Polypeptide insert in loop F which is involved in 
ligand binding. Agam�3 and D�3 have unusually long 
intracellular domains between TM3 and TM4

D�4 38-39% to human �2 Polypeptide insert in loop F which is involved in 
ligand binding. Alternative splicing of exon 4

D�5-7 42-46% to human �7 Apis, 
Bombyx and Tribolium �5 
have lower identity

Insect �6 subunits have alternative splicing of exons 3 
and 8. Insect �6 subunits have conserved and distinct 
RNA A-to-I editing except for Agam�6

D�1 39-40% to human �2

D�2 38-40% to human �2 Polypeptide insert in loop F which is involved in ligand 
binding. Is an � subunit in non-Drosophila species

Divergent 12-22% to human �2 Short intracellular domain between TM3 and TM4. 
Several divergent subunits lack the GEK amino acid 
motif preceding TM2 which is important for cation 
selectivity
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RNA Editing and Alternative Splicing Broadens the Insect Nicotinic 
“Recepterome”
Alternative Splicing

Two Drosophila nAChR subunits (D�4 and D�6)40,42 and their orthologs in other species 
have exons that are alternatively spliced, which effectively substitutes amino acids in regions 
important for receptor function and assembly.69,70,72,74 For example, insect �4 subunits have two 
alternatives for exon 4 (denoted exon 4 and exon 4’)42 with different residues within, or in the 
vicinity of, the Cys-loop, which has been shown to be important for complete receptor assembly 
(Fig. 3).4 Consistent with this, radioligand-binding assays indicate that D�4 containing exon 4’ 
assembles less efficiently than subunits with exon 4.42 Interestingly, RT-PCR analysis revealed 
that the two Amel�4 splice variants are differentially expressed throughout the honey bee life 
cycle with exon 4 variants present at each developmental stage whereas exon 4’ variants were 
detected only in pupae and adults.70 This suggests that exon 4’ subunits may serve to modulate 
receptor assembly in the later stages of honeybee development. Conservation of alternative 
splicing can also be seen in insect �6 subunits for exons 3 and 840,69,70,72,74 although the number 
of alternative exons can vary between species. For example, Agam�6 and Bmor�6 have two 
alternatives for exon 869,92 while Amel�6 and D�6 have three.40,92 Different residues introduced 
in functionally significant regions through alternative splicing can also vary between species. 
In one case, alternative splicing of Agam�6 exon 8 substitutes a valine for a leucine in the TM2 

Figure 3. Examples of different forms of alternative splicing in insect nAChR subunits.  
A) Alternative splicing of exons. D�4 possesses two alternatives for exon 4 (denoted exon 4 
and exon 4’)42 which most likely arose through tandem exon duplication.125 B) Use of different 
splice donor sites (highlighted in grey boxes) in the Amel�3 gene generates two intracellular 
domains differing in size by 13 amino acids.70 The long variant (Amel�3L) has extra protein 
kinase C (PKC) and casein kinase 2 (CK2) phosphorylation sites which may regulate various 
aspects of receptor function.94,95 C) A truncated variant of D�7 is generated by the failure to 
excise intron 5 which introduces a premature stop codon (shown as a dash).40
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domain which lines the ion channel, whereas the leucine residue is conserved in all splice variants 
of Amel�6, Bmor�6, D�6 and Tcas�6.69,92 A mutation of the equivalent leucine in chick �7 to 
valine resulted in nAChRs with a reduced rate of desensitisation and an enhanced sensitivity 
to ACh.93 Thus, alternative splicing may generate nAChR subunit isoforms with functional 
properties particular to certain insect species. Alternative splicing of exons can also be species 
specific. For example, Bmor�8 is the only known member of the D�2 group to have alternative 
splicing of exon 7, which introduces variation in TM2 and TM3 thereby potentially giving rise 
to variants with distinct ion channel properties.74

Species-specific nAChR subunit isoforms can also be generated through the differential 
use of splice sites, as in Amel�3 where two variants (long and short forms) have TM3-TM4 
intracellular loops that differ in length by 13 amino acid residues (Fig. 3).70 The long form has 
two extra putative phosphorylation sites which may have an effect on receptor properties since 
phosphorylation of the TM3-TM4 intracellular loop regulates several aspects of receptor func-
tion such as desensitisation and aggregation and could affect the action of insecticides.77,94,95

For several insect nAChR subunits, truncated transcripts have been detected where an exon 
is missing or where premature stop codons have been introduced either by omission of an exon 
which results in a frame shift or lack of splicing an intron (Fig. 3).40,42,69,70,74,96 It remains to be 
determined whether the truncated transcripts are translated into proteins in vivo and if so it 
will be of interest to determine their role. It has been suggested that they may act as an ‘ACh 
sponge’ serving to terminate cholinergic transmission in a manner similar to that of the mol-
luscan ACh-binding protein40,96,97 although their ability to interact with ACh is questionable 
since all truncated subunits, with the exception of truncated Amel�3,70 lack at least one loop 
involved in ligand binding. Another possible role is to regulate receptor expression similar to 
a truncated variant of the mouse �7 nAChR subunit which acts as a dominant negative when 
cotransfected with full length �7 in HEK 293 cells.98

RNA Editing
RNA A-to-I editing involves the modification of select adenosine (A) residues to inosine (I) 

in pre-mRNA transcripts by adenosine deaminases acting on RNA (ADARs).99 Since inosine is 
interpreted by cellular machineries as guanosine (G), A-to-I editing generates transcripts with a 
nucleotide composition different from that of the corresponding genomic DNA (Fig. 4). This 
has the potential to alter amino acid residues thus generating multiple protein isoforms. RNA 
editing occurs particularly in gene products which are involved in neuronal signaling,100 con-
sistent with neurological phenotypes observed for ADAR-deficient Caenorhabditis elegans,101 
Drosophila melanogaster102 and mice.103

RNA A-to-I editing has been observed in five D. melanogaster nAChR subunits which alter 
amino acid residues in functionally significant regions.40,50,100 For example, editing of D�5, 
D�7 and D�2 alters residues in the TM2, 3 and 4 domains, thereby potentially affecting ion 
channel characteristics.6,104,105 RNA editing may also affect the ligand binding properties of 
two subunits (D�6 and D�1) since residues are altered in the extracellular N-terminal region. 
RNA editing is less widespread in nAChR subunits of other insect species. For instance, two 
T. castaneum nAChR subunits (Tcas�6 and Tcas�1) are edited72 whilst in A. mellifera RNA 
editing was only seen in Amel�6.70 RNA editing of Amel�6 alters nine amino acid residues in 
a confined area located in the vicinity of loop E.70,92 Up to five of these residues are also altered 
through editing in other insects such as B. mori, D. melanogaster, H. viriscens, M. domestica and 
T. castaneum (Fig. 4).85,92 Interestingly, conserved editing in �6 of different species removes an 
N-glycosylation site in loop E which may affect receptor maturation, channel desensitisation 
and conductance.106,107 The reverse appears to be the case for M. domestica where the equivalent 
N-glycosylation site is created through editing of asparagine to serine (Fig. 4).85 Several editing 
sites in Amel�6, however, are not conserved in other insects and no RNA editing at all was 



35Diversity of Insect Nicotinic Acetylcholine Receptor Subunits

Fi
gu

re
 4

. R
N

A
 A

-t
o-

I e
di

tin
g 

re
co

de
s 

th
e 

ge
no

m
e.

 A
) S

ch
em

at
ic

 o
f t

he
 R

N
A

 e
di

tin
g 

pr
oc

es
s.

 S
el

ec
t a

de
no

si
ne

 (A
) r

es
id

ue
s 

in
 p

re
-m

R
N

A
 a

re
 m

od
ifi

ed
 

to
 in

os
in

e 
(I)

 b
y 

ad
en

os
in

e 
de

am
in

as
es

 a
ct

in
g 

on
 R

N
A

 (A
D

A
R

s)
. S

in
ce

 in
os

in
e 

is
 in

te
rp

re
te

d 
by

 c
el

lu
la

r 
m

ac
hi

ne
ri

es
 a

s 
gu

an
os

in
e 

(G
), 

A
-t

o-
I 

ed
iti

ng
 

ge
ne

ra
te

s 
m

R
N

A
 t

ra
ns

cr
ip

ts
 w

ith
 a

 n
uc

le
ot

id
e 

co
m

po
si

tio
n 

th
at

 d
if

fe
rs

 f
ro

m
 t

he
 c

or
re

sp
on

di
ng

 g
en

om
ic

 D
N

A
. 

Th
is

 h
as

 t
he

 p
ot

en
tia

l 
to

 a
lte

r 
am

in
o 

ac
id

 r
es

id
ue

s 
th

us
 g

en
er

at
in

g 
m

ul
tip

le
 p

ro
te

in
 is

of
or

m
s.

 B
) A

 c
om

pa
ri

so
n 

of
 R

N
A

 A
-t

o-
I e

di
tin

g 
in

 D
�

6 
w

ith
 o

rt
ho

lo
gs

 in
 A

. g
am

bi
ae

, A
. m

el
lif

er
a,

 B
. 

m
or

i, 
H

. v
ire

sc
en

s,
 M

. d
om

es
tic

a 
an

d 
T.

 c
as

ta
ne

um
. L

ig
an

d 
bi

nd
in

g 
do

m
ai

ns
 L

pB
, L

pE
 a

nd
 L

pF
 a

re
 in

di
ca

te
d 

an
d 

am
in

o 
ac

id
s 

al
te

re
d 

by
 R

N
A

 e
di

tin
g 

ar
e 

hi
gh

lig
ht

ed
 in

 w
hi

te
 te

xt
.



36 Insect Nicotinic Acetylcholine Receptors

detected in Agam�6 of A. gambiae.69 Thus, RNA editing can generate species-specific nAChR 
subunit isoforms. It has been observed that genomically-encoded guanosines in certain insect 
�6 subunits including Agam�6 are in fact A-to-I editing sites in other species leading to the 
suggestion that RNA editing maintains phylogenetic conservation while broadening protein 
diversity possibly as part of an evolutionary mechanism.92,108 Studies on Drosophila have shown 
that RNA editing is particularly important in the nervous system function of adults.102 This 
may hold true for other insect species since the greatest extent of nAChR RNA editing was 
observed in adults of A. mellifera.70

Conclusion and Prospects
Small Gene Families with Large-Scale Proteome Diversity

Characterisation of the first two complete insect nAChR gene families, those from the dip-
tera D. melanogaster and A. gambiae, revealed a small complement of subunits numbering 10 
in both species.48,69,96 It was surprising that the third insect nAChR gene family to be described, 
that of the hymenoptera A. mellifera, possessed a similar number of subunits (11)70 since the 
honey bee displays a far more complex behavioural repertoire than either the fruit fly or malaria 
mosquito. With the characterisation of B. mori74 and T. castaneum72 nAChR subunits, a con-
sensus emerged that insect nAChR gene families remained compact over 300 million years of 
evolution. However, while the gene numbers are relatively small compared to other organisms, 
the number of insect nAChR gene products can be much larger due to alternative splicing and 
RNA editing which have the potential to generate a receptor proteome with diversity far greater 
than that suggested by the number of genes alone. In addition to broadening the nAChR pro-
teome in a given insect species, alternative splicing and RNA editing generates species-specific 
subunit variants with potentially distinct functional characteristics. Since subunit composition 
determines nAChR pharmacological and functional characteristics, a major goal in determining 
proteome diversity would be to elucidate the stoichiometry of subunits and their isoforms in 
insect nAChRs in vivo.

Upcoming New nAChR Gene Families of Interest
Genome projects have either been completed or are in progress enabling the characterisation 

of nAChR gene families from other insect species. For example, the genome sequences of 12 
Drosophila species were published in 2007109 providing a far greater scope for comparative 
genome data analysis and studying with fine resolution nAChR diversity in a single phyla. The 
yellow and dengue fever mosquito Aedes aegypti genome has also been published110 allowing 
for comparative studies with the malaria mosquito as well as with other species. Genome 
projects currently underway include those of the West Nile virus mosquito Culex pipiens 
(http://www.broad.mit.edu/annotation/genome/culex_pipiens.4/Info.html), the human 
body louse Pediculus humanus humanus,111 the pea aphid Acyrthosiphon pisum (http://www.
hgsc.bcm.tmc.edu/projects/aphid/) which is an agricultural pest and the parasitoid wasp 
Nasonia vitripennis (http://www.hgsc.bcm.tmc.edu/projects/nasonia/) which is an important 
organism in the biological control of insect pests. Sequence information produced from such 
projects will provide further insights into the diversity of insect nAChR gene families. Cross 
hybridisation approaches still nevertheless have an important role to play in determining 
nAChR sequences of insects for which no genome information is currently available. For 
example, the cockroach Periplaneta americana played an important role as an early insect 
neurobiology model providing access to an identified cholinergic synapse and thereby facili-
tating combined biochemical and electrophysiological studies.112-114 This orthopteran species 
is now being explored by Lapied and colleagues to determine the members of the nAChR 
family and their functional roles.
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Behavioural Studies, Forward and Reverse Genetics in Dissecting Functional 
Roles of nAChRs

Genome sequence information and well-characterised nAChR gene families provide an 
invaluable basis for the further study of nAChR functional diversity. As we have illustrated the 
study of D. melanogaster mutants has the potential to pinpoint single nAChR subunits either 
in particular behavioural roles or as insecticide targets. These are examples of forward genetics 
which aim to find the genetic basis of a phenotype or trait. B. mori is the second most widely 
used genetic model insect after D. melanogaster due to the ease of their rearing and the avail-
ability of mutants from genetically homogenous inbred lines serve as a potentially useful tool 
for forward genetic studies.75

Reverse genetics, as the name implies, proceeds in the opposite direction of forward genet-
ics by seeking to determine possible phenotypes arising from a specific DNA sequence. This 
is usually achieved by knocking down the function of a gene of interest. An example involves 
creating D. melanogaster mutants for D�7 by using P-elements to assess the role of the subunit 
in vivo.50 RNA interference (RNAi) is a powerful reverse genetics approach, first characterised 
in C. elegans, involving the introduction of double-stranded RNA which results in silencing of 
the corresponding gene.115 In 2003, a genome-wide RNAi screen was published using C. elegans 
which involved silencing 16,757 genes (corresponding to approximately 86% of the genome) 
in a general survey of gene function.116 More recently, genome-wide screens covering over 90% 
of the D. melanogaster genome have been applied to Drosophila cells to identify genes playing 
roles in specific processes, one example being neural outgrowth.117 No nAChR subunits were 
implicated in this study but a similar screen specifically addressing cholinergic signalling may 
reveal the importance of various nAChR subunits as well as identify novel genes involved in 
nAChR signalling. Parental RNAi, where RNA interference arising from double-stranded RNA 
introduced into the mother also spreads to the offspring, is highly efficient in T. castaneum.73 
Thus, the beetle provides a powerful tool for studying nAChR gene function in an insect pest 
species.

A. mellifera is a key model for social behaviour as well as learning and these features have 
been exploited in studies of the involvement of nAChRs in honey bee behaviour. Injection of 
the nAChR agonist, nicotine, showed that potentiation of the cholinergic system improves 
short-term memory118 and injection of the nAChR antagonist, mecamylamine, inhibited olfac-
tory learning or memory recall depending on the site of injection.119,120 It has also been demon-
strated that one distinct nAChR subtype, which is sensitive to the antagonist �-bungarotoxin, is 
involved in long-term memory, whereas a second subtype, which is insensitive to �-bungarotoxin 
but is affected by mecamylamine, plays a role in retrieving information stored during single-trial 
learning.121 Interestingly, this mirrors to a certain extent the mammalian central nervous sys-
tem where there are two predominant nAChR subtypes, �7 and �4/�2 receptors, that are 
�-bungarotoxin sensitive and insensitive, respectively, both of which play a role in memory.122 
The development of compounds known to target specific honey bee nAChRs will allow these 
behavioural studies to be performed with finer resolution to elucidate the role of particular 
subunits in various aspects of behaviour.

Towards a New Era of Improved, Safer Pesticide Design
The characterisation of complete insect nAChR gene families has shown that while it is evi-

dent that most nAChR subunits are highly conserved between diverse insect species, alternative 
splicing and RNA editing as well as the presence of divergent subunits present species-specific 
isoforms which can perhaps be exploited for the development of compounds that target par-
ticular insects pests such as A. gambiae and T. castaneum while sparing beneficial insects such 
as A. mellifera and B. mori. Computer three-dimensional models of insect nAChRs have been 
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generated based on the snail AChBP which permit docking experiments to assess interactions 
with compounds of interest.96 Also, the T. marmorata nAChR X-ray structure was used to build 
models of five theoretical subtypes of A. mellifera nAChRs (�1/�1, �3/�2, �4/�2, �6/�2 and 
�9).123 Docking simulations showed that both imidacloprid and the insecticide fipronil, which 
blocks GABA-gated chloride channels, bind to the honey bee nAChRs with the involvement of 
numerous hydrogen bonds and hydrophobic interactions, the number of which varied depending 
on receptor subtype. Now that crystal structures are available for AChBP with imidacloprid and 
other neonicotinoids docked,62,63 further improvements of such models can be anticipated.

A major goal yet to be achieved which would greatly facilitate the search for improved/novel 
insecticides is the successful expression of functional insect nAChRs in heterologous systems 
such as Xenopus laevis oocytes or cell lines. This would enable testing of numerous compounds 
on nAChRs of known subunit composition. Together with molecular modelling, this would 
likely prove invaluable in screening for compounds that show selectivity for specific nAChR 
subtypes, thereby enhancing safety and providing guidelines for minimising adverse effects 
on beneficial species, as well as facilitating an improved understanding of insecticide-receptor 
interactions.
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Abstract

Insect nicotinic acetylcholine receptors have been objects of attention since the discovery of 
neonicotinoid insecticides. Mutagenesis studies have revealed that, although the detailed 
subunit composition of insect nicotinic acetylcholine receptors subtypes eludes us, the 

framework provided by mutagenesis analysis makes a picture of the subunits involved in the 
ligand binding and channel properties. In fact, many residues that line the channel or bind to the 
ligand seemed to be strongly conserved in particular in the N-terminal extracellular region and 
the second transmembrane domain which constitutes the ion-conducting pathway supporting 
the flux of ions as well as their discrimination. In fact, the positions are carried by loops B and 
C, respectively, which contain amino acids directly contributing to the acetylcholine binding 
site. Mutation of these residues accounts for insect resistance to neonicotinoid insecticides such 
as imidacloprid or a loss of specific binding. The discovery of the same mutation at homologous 
residues in different insect species or its conservation raises the intriguing question of whether a 
single mutation is essential to generate a resistance phenotype or whether some subunit confer 
insensitivity to ligand. Consequently, recent finding using information from Torpedo marmorata 
�1 subunit and soluble Aplysia californica and Lymnae stagnalis acetylcholine binding proteins 
from crystallization suggest that insect nAChR subunits had contributing amino acids in the 
agonist site structure which participate to affinity and pharmacological properties of these recep-
tors. These new range of data greatly facilitate the understanding of toxin-nAChR interactions 
and the neonicotinoid binding and selectivity.

Introduction
Based on nAChR from electric organ of the marine ray T. marmorata, affinity labelling, 

mutagenesis and structural studies have provided compelling evidence to locate the agonist bind-
ing sites at the interface between subunits. Then, structural information available indicate that 
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vertebrate nAChRs is a 290 kDa, hetero-pentameric glycol-protein consisting of a cation-selective 
membrane-spanning pore. The nAChR subunit genes fall into two main classes: the � subunits 
which possess two adjacent cysteines essential for acetylcholine binding whereas the non-� re-
ferred do not. Consequently, in the line of studies on vertebrate neuronal nAChRs, several insect 
nAChR subunits have been cloned. Nowadays, more than sixty subunits sequences are available 
and alternative splicing and RNA editing mechanisms detected in �4,1-3 �64,5 and �9 subunits6 
increase the number of potential subunits assembly in some insects. Each subunit provides three 
loops of amino acid residues which are involved in acetylcholine binding site: A, B and C for 
the principal part, associated with neighbouring subunit residues contributing to the D, E and 
F loops for the complementary part.7-9 Interestingly, other residues localized outside of the loops 
that define this agonist binding site are also important for the ligand binding and ion selectivity. 
Most of these key residues were identified in the crystal structure of a soluble homopentameric 
acetylcholine binding protein (AChBP), which was solved from the glia cells of the freshwater 
snail Lymnaea stagnalis10,11 and then from the saltwater mollusc Aplysia californica.12 AChBP is 
a soluble protein homologue to the extracellular domain of nAChRs which shares virtually all 
the ligand-binding characteristics with the nicotinic receptors family and revealed a structure 
largely consistent with studies based on electron-microscopy, ligand chemical modifications 
and nAChR and/or ligand mutagenesis. As its sequence shares amino-acid identity with the 
amino-terminal part of vertebrate as insects nAChRs, this AChBP was considered as a reliable 
structure for nAChR homology modelling and docking simulations of nAChR ligands such as 
insecticides and toxins.10,12-17

Toxins—nAChRs Interaction
Identification of toxin specific pharmacophores was well described in vertebrate nAChRs for 

�-conotoxins as well as �-Bungarotoxine (�-Bgt) and �-Cobratoxin (�-CBX).17-21 �-conotoxin 
ImI residues like aspartic acid in 5th location (D5), prolin in 6th location (P6) and arginin in 
7th location (R7) exhibit Van der Waals interactions with the C loop-over-�-leaflet residues as 
tyrosin in 193rd location (Y193) and loop B tryptophan in 147th location (W147) of the �7 
homomeric receptor (Fig. 1).22 However, loop C Y193 needs to be associated to F185 and Y186 
of �-Bgt and �-CBX, so that �7 receptor could bind both toxins.17 Moreover, minus sequences 
variations between toxins from a same animal could modify the targeted nAChR subtype. 
Indeed, depending on the 10th amino-acid of �-conotoxins PnIA and PnIB, ligand-receptor 
binding occurs with loop C Y193 of �7 receptor (ex:PnIB), or with �3 subunit P180 of �3�2 
receptor (ex:PnIA).18 Nevertheless, N11 in �-PnIA combined with �3-subunit I186 seems to 
play a crucial role in the pharmacological characterization of �7 and �3�2 receptors.18 In addi-
tion, �-PIA, a cone produced-toxin (Conus purpuraceus), could discriminate �3�2 and �6�2 
heteromeric receptors.23 Then, in binding sites originated in different subunits combination 
according to the receptor subtype, residues variations could predict the toxin type, which could 
potentially bind the receptor.

Insecticides—nAChRs Interaction: Residues Involved 
in Neonicotinoid Selectivity

In parallel with toxins, neonicotinoids do require specific residues to bind insect nAChRs. 
These residues could be different according to the molecular properties of each active com-
pound and the subunits types engaged in binding sites. In order to enhance insecticide design, 
molecular modeling and virtual docking of insecticides have followed previous pharmacologi-
cal studies based on sequence-modified subunits and/or chemical-modified active insecticide 
compound.
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Neonicotinoid selectivity was attributed to insect-specific regions in � subunits (Fig. 2). Then, 
the loops A-C, the region between the loops B and C and between the loop B and N-terminus 
seem to be crucial for imidacloprid binding.24-26 Acute experiments based on site-directed muta-
genesis reveal that this insecticide binding is dependent from a proline in loop C in drosophila 
�2 subunit.26 Indeed, when glutamate identified in loop C of chicken �4 subunit is substituted 
by the corresponding proline of drosophila �2 subunit, imidacloprid binding occurs in chimeric 
chicken �4�2 nAChR. Moreover, R77 and V79 in loop D of drosophila � subunits enhance 
imidacloprid binding when introduced in loop D of chicken �2 subunit instead of T77 and 
E79.27 These results have been confirmed when the 10 residues-loop D from Myzus persicae 
or Drosophila melanogaster �1 subunit were introduced into the rat �2 subunit in nAChRs 
Nilaparvata lugens �1-Rattus norvegicus �2 chimeras, leading to increased imidacloprid affin-
ity. Using the same approach, the authors underlined new key residues, i.e., Y131 or R131 and 

Figure 1. Extracellular domain partial amino-acid sequence alignment of nAChRs �3 and 
�7 subunits from human (Hsap: Homo sapiens) and seven insect species (Agam: Anopheles 
gambiae, Amel: Apis mellifera, Nvit: Nasonia vitripennis, Hvir: Heliothis virescens, Mper: 
Myzus persicae, Tcas: Tribolium castaneum, Dmel: Drosophila melanogaster). A, B, C, D, E 
and F boxes underline the loops position involved in acetylcholine binding site. Bold residues 
on human sequences correspond to various toxins binding sites (blue: �-ImI, orange: �-PnIB, 
green: �-PnIA, red: �-MII and in grey boxes: �-bgt et �-CBX). Some residues are well-conserved 
between species although others are substituted into unique or several amino-acids in insects. 
A color version of this image is available at www.landsbioscience.com/curie.
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N133 instead of S131 and D133 in rat �2 subunit loop E as well as W191 and K192 instead 
of Y191 and P192 in loop F.28 Moreover, combinatorial mutations affecting loops C and D of 
the chicken �4�2 nAChR enhance the agonist efficacy of imidacloprid, suggesting a synergistic 
effect of the two loops on the interactions with this insecticide when key insect nAChR residues 
replace the vertebrate equivalents.29 This observation was assessed by computational modeling 
of the ligand binding domain of the wild-type and mutant �4�2 nAChRs with imidacloprid 
bound, using Lymnae stagnalis AChBP as template (Fig. 2).

Insecticides—nAChRs Interaction: Residues Involved 
in Neonicotinoid Binding

Because neonicotinoids were wide used to manage most destructive crop pests around the 
world, strong resistance in some of these species appeared. To design novel active molecules 
for crop protection, current neonicotinoid-nAChRs interactions are of considerable interest.30 

Figure 2. Amino-acid alignments of the loops A-F involved in ligand binding domain from 
vertebrates (Ggal: Gallus gallus; Rnor: Rattus norvegicus) and insects (Dmel: Drosophila mela-
nogaster; Mper: Myzus persicae; Nlug: Nilaparvata lugens) in comparison with acetylcholine 
binding protein (AChBP) from Lymnea stagnalis (Lsta) and Aplysia californica (Acal), using 
ClustalW method. Boxes underline key residues in neonicotinoid selectivity; while orange 
bold residues account for neonicotinoid binding throughout the loops, according to mutagen-
esis experiments and insecticides docking on homologous models (see text for references). 
Numbers indicate above the alignments correspond to chicken subunits (�4 in principal part 
and �2 in complementary part). Accession numbers: �4 Ggal: NP990145, �2 Ggal: NP990144, 
�2 Rnor: NP062170, �2 Dmel: CAA36517, �1 Dmel: CAA27641, �2 Mper: CAA57477, �1 
Mper: CAB87995, �1 Nlug: AAQ75737, AChBP Lsta: AAK64377, AChBP Acal: AAL37251.  
A color version of this image is available at www.landsbioscience.com/curie.
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Using brown planthopper populations differing in imidacloprid sensitivity, Liu and its colleagues 
detected a single mutation Y151S in the loop B of the �1 subunit conferring imidacloprid 
resistance. This mutation in loop B prevented imidacloprid binding on heteromeric receptors, 
assessing the key role of this residue in the insecticide binding.31 Moreover, structure-activity rela-
tionship studies led to binding models of neonicotinoids implying H-donating and electron-rich 
sites in nAChRs, namely aromatic residue like tryptophan (W169) and positively charged 
residues like lysine and arginine residues (L78 and R79).30,32 Indeed, recent cocrystallisation of 
the AChBP from Lymnea stagnalis (Ls-AChBP) with imidacloprid and clothianidin reveal that 
the Q55 in loop D of Ls-AChBP hydrogen bonded with the nitro group of imidacloprid and 
that the backbone carbonyl of W143 hydrogen bonds with the NH of the guanidine moiety of 
clothianidin.33 In parallel, cocrystallisation of the AChBP from Aplysia californica (Ac-AChBP) 
with imidacloprid and thiacloprid suggests a neonicotinoid electronegative pharmacophore 
including W147 (loop B), Y188, S189, C190 and Y195 (loop C) from the principal face and 
Y55 (loop D), M116 and I118 (loop E) from the complementary face.34 In order to dock in-
secticide molecules on interfacial agonist binding domain of an insect nAChR and not only a 
mollusk, a structural homology model of the peach-potato aphid �2�1 nAChR was built from 
the crystal structure of the Ac-AChBP, which is sensitive to neonicotinoid.35 Docking simulations 
for several neonicotinoid analogues suggest that relevant amino-acids belonging to �-subunit 
loops B (W174) and C (Y224, C226 and C227) and the � subunit loops D (W79 and R81) 
and E (N131, L141 and I143) represent neonicotinoid binding pockets, which could allow 
discovery of novel insecticides.35,36

Although neonicotinoid compounds are selective for insects and not vertebrate, the side-ef-
fects of wide use in agricultural fields were pointed out namely on useful insects as pollinators 
like honeybees. Recent homology modeling of Apis mellifera �3�2, �4�2, �6�2, �1�1 ligand 
binding domain allowed docking studies for imidacloprid and associated metabolites.37 The 
docked conformations of insecticides are different in each receptor subtype, underlining the 
crucial role of subunits types in the binding site. Indeed, when �4 is included in the binding 
site of imidacloprid, the number of hydrogen bonds reflecting the affinity is higher than �3 or 
�6 binding sites. However, 4OH-imidacloprid for example makes more hydrogen bonds with 
those last nAChR subtypes than in �4 binding site, indicating that some metabolites display 
higher number of hydrogen bonds than their parent compounds.

Amino-Acid Involved in Ionic Selectivity
Mutagenesis and substituted-cysteine-accessibility method (SCAM) studies have allowed 

identification of amino acids that contribute to both determining pharmacological diversity and 
charge selectivity filter.38,39 This peculiar pattern of conservation led us to believe it could repre-
sent structures important for proper function. We therefore examined the conservation of these 
residues in the M1 and M2 transmembrane domains of insect nAChR subunits as these domains 
form the lumen of the channel.8 The alignment of the M1 and M2 transmembrane domains 
reveals conservation of several residues within the M1-M2 loop and in the M2 transmembrane 
domain from vertebrate to insect, particularly, glycine, valine and acid glutamic at position 237, 
251 and 258 respectively. The glycine and acid glutamic residues form the ‘intermediate’ rings of 
negatively charged amino acids as previously shown40 and mutation of these residues to neutral 
amino acids led to functional receptors which are selective for cation,38 demonstrating that this 
change could modify the ion channel properties. The mutation of this single valine V251 by 
threonine in the vertebrate neuronal �7 nAChR subunit (mutation V251T) accounts for the 
changes in apparent affinity for ACh, sensitivity to DH�E, response desensitization and cur-
rent rectification.38 Note that this valine was replaced in methionine in Apis mellifera Apis�2, 
Drosophila melanogaster D�2 and Myzus persicae Mp�1. Moreover, the leucine residue at posi-
tion 247 has been suggested to be conserved in all Ligand Gated Ion Channel Cys-loop family41 



50 Insect Nicotinic Acetylcholine Receptors

and plays a pivotal role in the properties of the receptor.42 Mutation of this leucine in the M2 
transmembrane domain alters the desensitization, Ca2� permeability and pharmacological profile 
of �7 nAChRs.43-45 Interestingly this leucine was mutated in valine in M. persicae Mp�4 and in 
isoleucine in D. melanogaster D�4, Locusta migratoria Loc�1 and M. persicae Mp�5. Although, 
no direct evidence has been done in insect due in part to difficulty to express functional insect 
nAChR subunits in heterologous system, we could suggest that the mutation of these residues 
in insect could account for specific pharmacology. The analysis of naturally occurring mutations 
in insect subunits is an important source of information on structure-function relationship and 
it could explain why imidacloprid bind Periplaneta americana nAChR2 only when the channel 
lumen is open by agonist action.46

Conclusion
Structure-activity relationship studies from last decade were the keys in understanding in-

teraction between ligands as toxins or insecticides and specific nAChRs, as well as key residues 
from the M2 transmembrane segment which delimits the pore region of the cation-selective 
channel. Indeed, methodical amino-acid substitutions in a specific nAChRs subunit from 
homomeric receptor reveal crucial amino-acids for ligand-receptor interaction and ionic 
selectivity. Then, combined data from directed mutagenesis targeting the nAChR allow the 
design of ligand-specific pocket, named as pharmacophore as well as the charge selectivity 
filter. Moreover, the discovery and crystallization of soluble AChBP from Aplysia californica 
and Lymnae stagnalis greatly facilitate the understanding of toxin-nAChR interactions and the 
neonicotinoid binding and selectivity.

The molecular basis for the disparate subunit composition of insect nAChR subtypes is not 
known but it is usually assumed that the ACh binds at the interfaces of the � subunits with 
neighbouring � or non� (�) subunits. The data exposed above highlight the complexity of 
ligand binding pocket, according to the subunit arrangement forming the binding site and the 
agonist molecule, i.e., toxins or insecticides. However, structural features as extracellular loops 
remain involve in binding site, but key residues belonging to N-terminal loops vary according to 
agonist molecule chemical properties as well as engaged subunits in binding sites. Concerning 
insecticide selectivity, Ls-AChBP is less sensitive to neonicotinoid than Ac-AChBP is, suggest-
ing pharmacological profiles reminiscent of vertebrate and insect nAChRs, respectively. As 
these two AChBP subtypes (Ac-AChBP and Ls-AChBP) have distinct pharmacology toward 
agonists when expressed and purified in vitro, comparison of pharmacophores would help us 
understanding the chemical features conferring insecticide selectivity.

The homology modeling using conformational information of both AChBP and marine 
ray �1 subunit give us new perspectives namely in discovering insect nAChRs. Thus, specific 
and exclusive insect binding sites can be created as insect subunits alone are involved in virtual 
arrangement. This was not able in most of hybrid recombinant nAChRs including vertebrate 
subunits, which are expressed in heterologous system as Xenopus oocytes or lineage cells. 
Nevertheless, comparison of data from both techniques will give us a better knowledge of insect 
nAChRs pharmacological properties and diversity.
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Abstract

The existence of several nicotinic acetylcholine receptor genes in insects suggests that 
many nicotinic receptor subtypes are present, but the identification and characterization 
of these subtypes in native neurons has been limited. Their pharmacological properties 

came from electrophysiological studies in which variations in the sensitivity of insect neurons 
were correlated with time course, current amplitudes, desensitization rates occurring in varying 
proportions in different cells. Thus pressure application of agonists on cultured cells induced 
inward currents showing that acetylcholine and nicotine were partial agonists of some cells with 
a lower efficacy while they were full agonists in other neurons. The variation in kinetics appeared 
to be due to differential expression of distinct nicotinic receptor subtypes as corroborated by 
the blocking activity induced by antagonists. In fact, the alpha-bungarotoxin-sensitive nicotinic 
receptor subtypes described as homomeric could be also heteromeric receptors. Interestingly, 
some receptors mediating nicotinic responses have been termed ‘mixed’ receptors because they 
were blocked by a range of nicotinic and muscarinic antagonists.

Following electrophysiological studies, it has been also demonstrated that insect nicotinic 
receptors were modulated by Ca2� pathways. Ca2� permeability through insect nicotinic recep-
tors, voltage-gated Ca2� channels or released from intracellular stores represents an important 
indication of insect native nicotinic acetylcholine receptor modulation. The Ca2� flow may 
trigger a variety of cytosolic Ca2� pathways underlying many cellular processes such Calmodulin 
kinase, PKA and PKC. Most of the studies suggested that the effect of phosphorylation mecha-
nism was dependent on the receptor subtype.

Introduction
The cell body membrane of insect presents a preparation in which the characteristics of insect 

nicotinic neurons can be studied under voltage- and current-clamp techniques. A population of 
alpha-bungarotoxin (�-Bgt)-sensitive and –insensitive nicotinic acetylcholine receptor (nAChR) 
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subtypes have been identified.1 As vertebrate, it has been suggested that �-Bgt-sensitive nAChR 
subtypes were homomeric receptors while �-Bgt-insensitive subtypes were heteromeric receptors 
(Fig. 1). In fact, nicotine when applied to this neuron resulted in the generation of an inward 
current which was blocked by �-Bgt and in some case remained insensitive to this toxin. Based 
on both these two subtypes and several nicotinic antagonists, native neuronal nAChR subtypes 
have been described in several insect species such as honeybees,2-5 cockroaches,6-10 crickets,11 
drosophila12-14 and locusts15 (Table 1). In all cases, the mean current amplitudes suggested that 

Figure 1. Insect nAChR subtypes. As vertebrates there are a pentameric receptors composed of 
five subunits. �-Bgt-sensitive nAChR subtypes can be heteromeric or homomeric receptors.
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nicotinic agonists could act as partial agonist, full or, in some case remained a poor agonist of 
insect nAChRs expressed in the isolated cell. These pharmacological profiles were also highlight 
by behavioral studies using nicotine and nicotinic antagonists16,17 or nicotinic acetylcholine recep-
tor mutant18 which have established that nAChR subtypes are differently involved in behavioral 
processes.18,19 Finally, because several nAChR subunits have been identified in the insects central 
nervous system (CNS) from larval to adult stage,1,20,21 the variable pharmacological properties 
(conductance, ion selectivity, affinity to the ligand) was due to combinatorial assembly of nAChR 
subunits which produce a wide structural diversity of receptors oligomer.

At functional level, insect �7-like subunits (e.g., D�5, D�6 and D�7 subunits of Drosophila) 
which were potential candidates to form �-Bgt-sensitive receptors, could form heteromeric 
receptor in native cells. In addition, D�1, D�2, D�3, D�1 and D�2 subunits can be copurified 
by �-Bgt affinity chromatography suggesting that (1) nAChRs composed to these subunits can 
bind �-Bgt and (2) they can form heteromeric �-Bgt-sensitive receptors.22,23 Thus, insect native 
�-Bgt-sensitive receptors could contribute to either heteromeric and homomeric receptors (Fig. 
1). Functionally, nAChRs are ligand-gated cationic channels with the capacity to elicit local 
changes in cytoplasmic calcium (Ca2�) levels but the cellular mechanisms involved are not fully 
understood. Various Ca2�-dependent proteins may be involved in the mechanisms regulating 
insect nAChR function such as calcium/calmodulin-dependent protein kinase (CaMKII), 
cyclic AMP-dependent protein kinase (PKA), protein kinase C (PKC) and endogenous protein 
tyrosine kinase.8,9,24

In this part, a combination of data on the native cells with electrophysiological findings 
from different species may provide some valuable insights in pharmacological properties and 
intracellular mechanisms regulating insect nAChRs.

Pharmacological Profiles of Native Nicotinic Receptors Associated 
to Specific Neurons

The more comprehensive understanding on the insect native nAChR subtypes and also 
their complexity came from eletrophysiological studies using different nAChR ligands. In vitro 
patch-clamp studies on the somata of different insect neurons showed that, many insect nAChRs 
share several properties with vertebrate neuronal nAChRs, such as their pharmacology, cation 
selectivity and current inward rectification. They are sensitive to nicotinic agonists nicotine, 
cytisine, epibatidine and to the nicotinic antagonists �-bungarotoxin (�-Bgt), methyllycaco-
nitine (MLA), mecamylamine (MEC) and dihydroxy-�-erythroidine (D�HE). Generally, two 
distinct insect nAChR subtypes have been described, sensitive to the snake toxin �-Bgt and 
insensitive to this toxin.2 This suggested that the first subclass was closed to the mammalian 
homomeric �7 receptors and the second was heteromeric receptors (Fig. 1). Nevertheless, 
recent studies gave opportunities to more understand the nAChR subtypes present in distinct 
insect neurons and their complexity. The first studies came from the cockroach Periplaneta 
americana thoracic ganglion neurons. Two �-Bgt-sensitive nAChR subtypes have been identi-
fied as desensitizing (nAChD) selectively inhibitable with imidaclopird and nondesensitizing 
(nAChN), selectively inhibitable with MLA.25 In fact, MLA and �-Bgt preferentially blocked 
the nAChN current, while D�HE showed some selectivity for the nAChD current.25 These two 
�-Bgt-sensitive receptors were distinct from the two �-Bgt-insensitive nAChRs isolated from 
cockroach dorsal unpaired median (DUM) neurons.7-9 Under �-Bgt treatment, two distinct 
nAChR subtypes named nAChR1 and nAChR2 have been characterized.7 They differed in 
their ionic permeability and pharmacology. For example, the antagonist d-tubocurarine (d-TC) 
can block nAChR1 but not nAChR2 which is blocked by MEC and the �7 nAChR-specific 
inhibitor, �-conotoxin.7 These results highlight the finding that insect nAChR subtypes have 
somewhat different pharmacological profiles from mammalian nAChR subtypes and that 
cockroach expressed several nAChR subtypes which were differently expressed on thoracic and 
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abdominal ganglia. This discrepancy was also identify in the honeybee Apis mellifera in which 
Kenyon cells neurons revealed different pharmacological properties to nicotinic agonists and 
antagonists.2-5,26 Using Kenyon cells from honeybee pupae, Goldberg et al, demonstrated that 
approximately 80% of the ACh-induced current was irreversibly blocked by �-Bgt while atro-
pine did not block these currents.2 They concluded that this pharmacological profile defined 
a nAChR in which a large current may flow through �-Bgt-sensitive nAChRs and a smaller 
current through �-Bgt-insensitive nAChRs. Using the same cells, Wüstenberg and Grünewald 
demonstrated that carbamylcholine was a full agonist of the nicotinic receptor with a different 
dose-response relationships as compared to those of ACh-induced currents, while nicotine 
and epibatidine were only partial agonists.4 Each antagonists tested, D�HE, MLA and MEC 
completely blocked the ACh-induced currents with different potencies.4 These results indicated 
the expression of distinct receptor subtypes with differential sensitivity to nicotinic agonists 
and antagonists. Moreover, studies of nAChRs on cultured antennal lobe neurons from adult 
honeybee brains revealed that 90% of the cells responded to ACh application and 10% of the 
cells had low affinity to Ach.5 Nicotine and imidacloprid elicited 45% and 43% of the maximum 
ACh-induced currents, respectively. They suggested that nAChRs from adult antennal lobes 
cells are different to nAChRs on pupal Kenyon cells by their pharmacological profile and ionic 
permeability. In fact, on adult cells the antagonist action of �-Bgt was fully reversible whereas 
on pupal cells it was only partially reversible. Nicotine and imidacloprid induced slightly smaller 
and less variable currents on pupal antennal lobes cells.5,27 Their results were exemplified by the 
finding that depending on the antennal lobe neurons, imidacloprid either acted as a full agonist 
or a partial agonist26 or as a partial agonist of pupal Kenyon cells.3 In addition, in situ hybrida-
tion studies demonstrated that nAChR subunits were differently expressed between pupal and 
adult stages.20 All these results confirmed that there was a specific expression of insect nAChR 
subtypes in some tissue.

Contribution of ‘Mixed’ Nicotinic/Muscarinic Receptor 
to the Complexity of Native Nicotinic Receptors

In insect, a mixed nicotinic/muscarinic acetylcholine receptor has been identified on the 
cell bodies of the fast coxal depressor motoneurons (Df ) and dorsal unpaired median (DUM) 
neurons of the cockroach Periplaneta americana.6,28 The cell body of the Df, third thoracic 
ganglion, displays two distinct types of electrical activity: (1) in response to long-duration depo-
larizing pulses or synaptic stimulation, it can generate plateau potentials and (2) it can generate 
calcium-dependent action potentials.29-33 ACh when applied to this neuron voltage-clamped, 
results in the generation of an inward current which is blocked by �-Bgt. This �-Bgt-sensitive 
receptor was also blocked by a range of muscarinic antagonists such as pirenzepine, atropine 
and scopolamine. The receptors mediating this response have been termed ‘mixed’ cholinergic 
receptor.28 Muscarinic agonists were found to mimic the �-Bgt-resistant component of the 
ACh response, for example the nonselective muscarinic agonist oxotremorine when applied 
to the preparation induced a change in the current/voltage relationship qualitatively similar 
to that caused by ACh in the presence of �-Bgt.28 Cockroach DUM neurons, like motoneu-
ron Df, possesses ‘mixed’ receptors which were sensitive to �-Bgt. In DUM neurons, ACh 
and nicotine induced depolarizing responses in which the slow component was sensitive to 
�-Bgt, d-tubocurarine, pirenzepine and gallamine, whereas the fast component was insensi-
tive to these nicotinic and muscarinic antagonists.6 These two distinct functional receptors, 
a sensitive nicotinic and a ‘mixed’ receptors were components of a nicotine-induced biphasic 
response.6 A physiological role for these cholinergic receptors showing a ‘mixed’ activity could 
be to regulate transmitter release because there is evidence that receptors sensitive to muscar-
inic agonists may be involved in driving rhythmic motor activity, to drive burst of activity and 
rhythmic depolarizations in motoneurons. It seems that neurons from other insects possess a 
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population of nicotinic receptors which are sensitive to both nicotinic and muscarinic agonists. 
In fact, a similar ‘mixed’ receptor has been identified in neurons from the thoracic ganglion of 
the locust Locusta migratoria.34 It was not clear that these ‘mixed’ receptors are composed to 
the same or different subunits. Interestingly, a vertebrate homomeric �9 receptor showing a 
nicotinic and muscarinic pharmacology has been identified in the cochlear outer hair cells.35,36 
The �9 subunit can form an heteromeric receptor with the �10 subunit which displays faster 
and more extensive agonist-mediated desensitization and a biphasic response to changes in 
extracellular Ca2� ions.37 Both �9 and �10 genes exhibited a restricted expression pattern in 
the cochlear and vestibular hair cells suggesting that they participate in the efferent modulation 
of the cochlear amplifier and the control of the dynamic range of hearing.35,38,39 It was noted 
that the pharmacological profiles of homomeric �9 and heteromeric �9�10 nAChRs are es-
sentially indistinguishable.37

Ca2+ and Ca2+ Pathways as Intracellular Regulators of Insect Neuronal 
Nicotinic Receptors

Several studies have shown that the function of neuronal nAChRs is modulated by a variety 
of compounds including Ca2� ions which act as nAChR allosteric modulator.40,41 nAChR stimu-
lation induced Ca2� influx through nAChRs42,43 or indirectly by the activation of voltage-op-
erated Ca2� channels.44 Studies from insect nAChRs described an increase of intracellular Ca2� 
concentration after ACh application which was associated to nAChR subtype. For example, 
down-regulation of MARA1 subunit mRNA significantly affected Ca2� influx suggesting that 
nAChR subtypes composed to this subunit are involved in this mechanism.24,45 Similarly, in the 
cockroach Periplaneta americana DUM neurons, application of nicotine induced an increase 
in intracellular Ca2�-free concentration.46 Because, Ca2� responses to bath-applied nicotine 
were completely blocked by �-Bgt and partially by pirenzepine, this transient increase of Ca2� 
was associated to ‘mixed’ receptor.46 DUM neurons display a pacemaker activity that involves 
a variety of voltage-gated Ca2� currents.47,48 Nicotine in these cells modified the inactivation 
properties of the maintained low-voltage-activated Ca2� currents and this effect was blocked 
when DUM neurons were pretreated with �-Bgt.46 Moreover, it has been found that extracel-
lular calcium influx through plasma membrane calcium channels modulated �-Bgt-insensitive 
nAChR2-mediated nicotine responses.9 These results dedmonstrated that intracellular Ca2� 
changes in DUM neurons could be associated to specific nAChR subtypes.

Ca2� is a ubiquitous intracellular signal responsible for controlling numerous cellular processes 
which interacts with many other signalling pathways.49 Variation in intracellular calcium are detected 
by multiple calcium-sensing proteins such as CaMKII, PKA and PKC.44,49 Investigations performed 
on cockroach DUM neurons demonstrated that nAChR1 is the only one nicotinic receptor modu-
lated by intracellular messenger such as cAMP, PKA or CaMKII.7 Its function has been seen to be 
up- and down-regulated by two PKC that differ in their pharmacological properties and intracellular 
calcium sensitivity. The PKC1 which is activated by the phorbol-12-myristate-13-acetate, insensi-
tive to rottlerin, is dependent on intracellular calcium and the PKC2 activated by the diacylglycerol 
analogue DiC8 and inhibited by rottlerin is calcium-independent.8 These results were consistent 
with vertebrates studies showing the existence of several PKCs.50,51 The PKC family comprised at 
least 11 isozymes divided into 3 subfamilies, conventional, novel and atypical which have distinct 
activation mechanisms and requirements.52 The activation of conventional PKC requires coincident 
elevations of both intracellular Ca2� concentration and diacylglycerol and proceeds via a series of 
sequential reactions.50,51 It seems that PKCs activate via a direct or indirect pathways nAChR1 and 
intracellular Ca2� modulates nAChR2.

In Drosophila, two distinct strains, Dunce which have mutations in the gene encoding the Type 
IV cAMP phosphodiesterase (PDE) and DCO which have mutations in the gene encoding the 
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major catalytic subunit of PKA, were used to study the involvement of the cAMP/PKA cascade in 
the regulation of nicotine-induced effects.53 Single exposure to nicotine dose-dependently inhibited 
the startle-induced climbing response. This effect was stronger in Dunce and wild-type, which have 
defective PDE, whereas it was weaker in DCO and wild-type which have defective PKA.53 Analysis 
of the second messenger system such as calmodulin or protein kinases which up and down-regulate 
insect nAChRs and changes in intracellular Ca2�, known to occur in insect neurons following nAChR 
activation demonstrates that a differential modulation of the excitability of the cell bodies and nerve 
terminals can occur depending on the nAChR subtypes expressed in the insect neurons.

Other Modulators of Insect Native Nicotinic Acetylcholine Receptors
Dopamine, octopamine and 5-hydroxytryptamine (5-HT) are widespread in the central 

nervous system54-56 and have been shown to modulate nAChR responses.57,58 They reversibly 
suppressed ACh responses indicating that they did not act by accelerating ACh degradation 
by acetylcholinesterases but their action was receptor-mediated because it can be blocked by 
pharmacological antagonists of monoamine receptors.57 5-HT was the most modulator which 
exerts its full effect upon ACh responses. This modulatory effect involved phosphorylation 
mechanisms. In fact, protein kinase inhibitors significantly attenuate modulation whereas 
suppression of ACh responses by 5-HT is blocked by specific competitive inhibitors of PKA 
and PKG.58 Interestingly, the magnitude of the modulatory effect of 5-HT was significantly 
reduced by intracellular guanosine-5’-O-(2-thiodiphosphate) (GDP-�-S). GDP-�-S is a GDP 
analogue which prevents G-protein activation by competing with endogenous GTP for the 
guanine nucleotide binding site. The results indicated that 5-HT activate cGMP pathways via 
G-proteins confirming that analogues of both cAMP and cGMP can mimic the effect of 5-HT 
on nACh currents.57,59

An additional dimension of the insect nAChRs modulation was that it could be mediated 
following GABAergic responses. Synaptic inhibition is a major requirement for proper brain 
function and GABA is the major inhibitory neurotransmitter in the central nervous system of 
vertebrates and insects. Bicuculline, a specific GABAA receptor antagonist has been found to 
block neuronal nAChRs.60-63 This effect was shown on both neurite and cockroach cell body 
receptors of giant interneuron and motor neuron Df. From vertebrate studies, it seemed that 
the amines exerted their modulatory effect by one of the three mechanisms. First, they could 
compete for the ACh binding sites on the nAChR.64 Second they could attach to a unique site 
that allosterically altered the effectiveness with which agonists operate the ion channel.65-69 
Third the amines could act at a receptor that is completely separate from the nAChR. This 
was suggested by the finding that the effect of 5-HT on ACh responses was greatly reduced 
following intracellular application of GDP-�-S indicating a possible indirect modulation of 
ACh responses.57

Conclusion
The functional data obtained from electrophysiological studies show that a simple descrip-

tion of nAChR subtypes from �-Bgt-sensitive and –insensitive are not sufficient to describe 
all the nAChR subtypes present in the insect CNS. In fact, in vertebrates, �-Bgt-sensitive 
receptors are shown to be highly permeable to Ca2� while the second class groups heteromeric, 
�-Bgt-insensitive showed lower Ca2� permeability. An extensive analysis of the Ca2� perme-
ability of insect native nAChRs is still lacking, mainly because neurons can express multiple 
nAChR subunits, yielding receptors of unknown composition. In addition, considering that 
distinct nAChR subtypes are present in the insect, recent findings suggested that �-Bgt-sensitive 
nAChRs could be also heteromeric receptors which highlight the complex subunit composition 
of native insect nAChRs.
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Up to now, only sequences of cDNAs encoding calmodulin and CaMKII have been character-
ized on cockroach Blatella germanica70 and Periplaneta americana (Unpublished data). Partial 
cDNA of Apis CaMKII was cloned and its expression pattern in the brain was demonstrated by 
in situ hybridization.71 Nevertheless, there was not direct correlation between its expression and 
nicotinic receptors function.

Results from cockroach DUM neurons suggested that as vertebrate neuronal nAChRs,72,73 
phosphorylation plays a key role in the regulation of insect nAChRs.1 This function may oc-
cur through consensus sequence (Fig. 2), in particular between the transmembrane domain 
TM3-TM4. In fact, most of the intracellular receptor portion is formed by this long cytoplasmic 
loop.74 In the human �7 neuronal nAChR, mutation of conserved tyrosine 386 and 442 by 
alanine account for receptor insensitivity to kinase or phosphatase inhibition.72 These tyrosines 
conserved in vertebrate nAChR subunits are not conserved in all insect nAChR subunits which 
may explain in part the different degree of phosphorylation between vertebrate and insect 
nAChRs. But, some caution are needed because it was known that mutations in the ‘interme-
diate ring’ of negatively charged residues, located at the cytoplasmic end of M2, reduced Ca2� 
permeability without significantly modifying other functional properties such as activation and 
desensitization of the receptor.75

Figure 2. Schematic section of nicotinic receptors from vertebrate studies showing possible 
binding sites. (1) luminal non competitive inhibitors (i.g. chlorpromazine). (2) Non-luminal 
noncompetitive inhibitor binding sites. (3) ACh binding site and multiple allosteric sites 
including the noncompetitive allosteric activator site throughout the extracellular domain. 
Putative binding sites for Ca2� at extracellular and intracellular domains were represented. 
Ext: extracellular domain; Int: intracellular domain.
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Abstract

As with other neurotransmitter receptors and ion channels, characterisation of nicotinic 
acetylcholine receptors (nAChRs) has relied heavily on studies conducted with 
cloned receptors expressed in artificial expression systems. Although much has been 

achieved in recent years by such studies, considerable problems have been encountered in the 
heterologous expression of several nAChR subtypes; problems that have been particularly 
pronounced for insect nAChRs. Here we will review studies that have been conducted 
with nAChRs cloned from insects, with emphasis on experimental strategies that have been 
employed in an attempt to circumvent the problems associated with inefficient heterologous 
expression of insect nAChRs. These approaches include the expression of hybrid nAChRs 
(containing insect nAChR subunit co-expressed with vertebrate subunits), artificial subunit 
chimeras and the co-expression of molecular chaperones such as RIC-3. 

Introduction
Nicotinic acetylcholine receptors (nAChRs) are members of the super-family of ligand-gat-

ed ion channels. In insects, as in vertebrate species, nAChRs are a major subtype of excitatory 
neurotransmitter receptor. Nicotinic receptors are the most abundant excitatory postsynaptic 
receptors in insects,1 where they play an important role in synaptic transmission and are also 
a major target site for commercially important insecticides.2,3

Nicotinic receptors are complex transmembrane proteins in which five subunits co-assemble 
to form an oligomeric complex with a central cation-selective pore.4 In vertebrate species, where 
nAChRs are expressed both within the nervous system and at the neuromuscular junction, seventeen 
distinct subunits have been identified (�1-�10, �1-�4, �, � and ).5,6 In most insect species that 
have been examined by genome sequencing about ten nAChR subunits have been identified.6-11 As 
has been discussed in detail elsewhere,3,6 the nomenclature of insect nAChR subunits is somewhat 
inconsistent amongst different species. In the fruit fly Drosophila melanogaster, the insect for which 
nAChRs have been studied in greatest detail, the ten nAChR subunits are commonly referred to 
as D�1-D�7 and D�1-D�3.3,6 However, an alternative subunit nomenclature has also been used 
extensively in the literature for Drosophila nAChR subunits, for example ALS, SAD, ARD and 
SBD (for D�1, D�2, D�1 and D�2, respectively). As with vertebrate nAChRs, the convention12 
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Table 1. Heterologous expression of insect nAChRs

  Subunit 
  (Alternative 
Species Common Name Nomenclature) References*

Ctenocephalides Cat flea Cf�1 29
Felis  Cf�3 29
Drosophila Fruit fly D�1 (ALS) 19, 31, 33, 61, 65, 67
Melanogaster  D�2 (SAD) 18, 19, 31, 33, 59, 61, 64-70, 73, 74
  D�3 33, 40, 73
  D�4 34, 73
  D�6 53
  D�7 53
  D�1 (ARD) 73
  D�2 (SBD) 31, 73
  D�3 73
Myzus persicae Peach potato aphid Mp�1 20, 32, 41
  Mp�2 20, 32, 41, 74, 75
  Mp�3 32
  Mp�1 41
Nilaparvata lugens Brown planthopper Nl�1 28, 35, 71, 72
  Nl�2 63
  Nl�3 42
Schistocerca Desert locust Sg�1 (�L1) 15-17
gregaria

*References cited are those that report studies in which insect nAChR subunits have been exam-
ined by heterologous expression (specifically, expression of cloned subunits in either Xenopus 
oocytes or cultured cell lines). As is discussed in the text, in almost all cases, such studies have 
involved co-expression of non-insect nAChR subunits (hybrid receptors) or the construction of 
subunit chimeras. Cited references are restricted to those in which evidence of successful heter-
ologous expression has been presented (for example, by electrophysiological, radioligand binding 
or co-immunoprecipitation data). As is discussed in the text, nAChR subunits have been cloned 
from several other insect species for which no data from heterologous expression studies has been 
described. These include nAChR subunits cloned from the honeybee Apis mellifera,21,22 the house 
fly Musca domestica,23-25 the locust Locusta migratoria,30 the red flour beetle Tribolium castaneum,26 
the silkworm Bombyx mori11 and the tobacco hornworm Manduca sexta.27

is for nAChR subunits to be referred to as �-type subunits if they contain two adjacent Cys amino 
acids at positions equivalent to Cys192 and 193 in the nAChR � subunit from the electric organ 
of the marine ray Torpedo.13 The original assumption was that � subunits were ‘agonist binding’ 
subunits, whereas non-� subunits were structural subunits. However, it is now widely accepted that 
agonists bind at subunit interfaces and, typically, at interfaces between an � and a non-� subunit. 
Some nAChRs subunits (always � subunits) are capable of forming functional homomeric receptors; 
the most extensively studied example being the vertebrate �7 subunit.14 However, more commonly, 
nAChRs are heteromeric complexes containing both � and non-� subunits.

Characterization of Insect nAChRs by Heterologous Expression
There have been very few reports of the functional expression of insect nAChRs other than 

studies of ‘hybrid’ receptors in which insect nAChR subunits have been co-expressed with ver-
tebrate nAChR subunits (Table 1; see below for details of studies with hybrid receptors). One 
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of the few examples of successful functional expression of insect recombinant nAChRs is the 
expression in Xenopus oocytes of a nAChR � subunit (Sg�1, also referred to as �L1) cloned from 
the locust Schistocerca gregaria.15-17 When this nAChR subunit is expressed alone in Xenopus 
oocytes, dose-dependent whole-cell responses to agonists can be detected which are blocked by 
nicotinic antagonists such as �-bungarotoxin, d-tubocurarine and methyllycaconitine.15-17

There have been reports of the functional expression in Xenopus oocytes of homomeric 
nAChRs containing the D�2 (SAD) subunit from the fruit fly Drosophila melanogaster, al-
though agonist-evoked responses were detected only with very high agonist concentrations.18 In 
contrast, other studies have failed to detect functional nAChRs in Xenopus oocytes when D�2 
is expressed alone.19 The Mp�1 and Mp�2 subunits, cloned from the aphid Myzus persicae, have 
also been reported to generate functional homomeric nAChRs in Xenopus oocytes,20 although 
agonist-evoked responses were small and were expressed inefficiently.20

The cloning of nAChR subunits has been reported from several insect species. However, 
in most cases successful functional expression has either not been reported (for example with 
nAChRs cloned from the honeybee Apis mellifera,21,22 the house fly Musca domestica,23-25 the red 
flour beetle Tribolium castaneum,26 the silkworm Bombyx mori11 and the tobacco hornworm 
Manduca sexta27), or attempts to generate functional recombinant nAChRs have been reported 
as being unsuccessful (for example, with nAChR subunits cloned from the brown planthopper 
Nilaparvata lugens,28 the cat flea Ctenocephalides felis29 and the locust Locusta migratoria,30). 
Thus, there have been only very limited examples of the successful heterologous expression 
of functional insect nAChRs and, in all cases where functional expression has been reported, 
this has been achieved with the Xenopus oocyte expression system. Attempts have been made 
to express insect nAChRs cloned from several insect species in a variety of cultured cell lines, 
including both mammalian and insect cell lines, but so far these approaches have proved to 
be unsuccessful.29,31-35 This is both puzzling and frustrating, particularly since other insect 
ligand-gated ion channels (such as the GABA-gated RDL receptor from Drosophila) generate 
functional recombinant receptors readily in a variety of cultured cell lines.36-38

As is discussed below, despite the problems that have been encountered in the heterologous 
expression of insect nAChRs, several insect � subunits have been successfully co-expressed in 
artificial expression systems as hybrid recombinant nAChRs, in which insect � subunits are 
co-assembled with vertebrate non-� subunits.19,28,31,32,35 It was widely assumed that these difficul-
ties might be a consequence of a requirement for an as-yet unidentified insect non-� subunit.39 
However, with the completion of several insect genome projects, this possibility seems less likely. 
Another possibility is that insect nAChRs have a requirement for specific accessory proteins 
or molecular chaperones. Indeed, as will be discussed later, several recent lines of evidence have 
provided support for this latter conclusion.

Characterization of Hybrid nAChRs
Problems associated with the heterologous expression of insect nAChRs (as described 

above) have prompted the use of several experimental strategies aimed at overcoming these 
problems. One of the most successful approaches has been to generate hybrid recombinant 
nAChRs by the co-expression of insect � subunits with vertebrate non-� subunits. This approach 
has permitted the functional expression in Xenopus oocytes of hybrid nAChRs containing a 
Drosophila nAChR � subunit (D�1, D�2 or D�3) co-assembled with the chicken nAChR �2 
subunit.19,40 A similar approach, in which the Drosophila D�1, D�2, D�3 or D�4 subunits 
were co-expressed with the rat �2 subunit, has enabled the expression of hybrid nAChRs in 
cultured cell lines.31,33,34 Although functional expression of these hybrid receptors (by electro-
physiological techniques) has not been reported in cultured cell lines, high affinity binding of 
nicotinic radioligands has been detected and has permitted the pharmacological properties 
of these hybrid nAChRs to be examined.31,33,34 In addition, studies with Drosophila nAChR � 
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subunits have demonstrated that hybrid nAChRs can be formed by co-expression with a variety 
of vertebrate non-� subunits (�2, �4, � and �) and has helped to demonstrate the influence 
of subunit composition upon pharmacological properties of nAChRs.31,33 A similar approach 
(in which insect � subunits are co-expressed with the vertebrate �2 subunit) has been used 
successfully for the characterization of hybrid nAChRs containing � subunits cloned from a 
variety of insect species. This has included nAChR � subunits cloned from the aphid Myzus 
persicae,32,41 the brown plant hopper Nilaparvata lugens28,35,42 and the cat flea Ctenocephalides 
felis.29 Where such studies have been performed in Xenopus oocytes (see, for example, refs. 19, 
40), functional expression of hybrid nAChRs has been observed. In contrast, where studies have 
been performed in cultured cell lines (see, for example, refs. 31, 33), hybrid nAChRs have been 
characterised by radioligand binding.

Interestingly, although high affinity binding of nicotinic radioligands can be detected with 
hybrid (Drosophila/rat) nAChRs in a Drosophila cell line maintained at 25˚C, specific binding 
in mammalian cells (which are normally maintained at 37˚C) has been detected only after mam-
malian cells are cultured at a lower temperature.31 A plausible explanation for this observation 
appears to be that insect nAChR subunits are unable to fold efficiently at 37˚C,31 an observation 
which has been made previously for nAChRs cloned from the marine ray Torpedo.43

Characterization of Chimeric nAChR Subunits
An alternative strategy, aimed at circumventing problems associated with heterologous 

expression of insect nAChRs, is the construction and expression of nAChR subunit chimeras. 
This is an approach which was originally pioneered with the vertebrate nAChR �7 subunit.44 
The nAChR �7 subunit efficiently forms functional homomeric nAChRs when expressed in 
Xenopus oocytes,14 but fails to do so in many cultured mammalian cell lines, where neither 
functional expression nor specific radioligand binding can be detected.45-47 Despite these 
difficulties in the expression of �7 nAChRs in mammalian cells, a subunit chimera contain-
ing the N-terminal domain of the �7 subunit fused to the C-terminal domain of the mouse 
5-HT3 receptor 3A subunit has been shown to generate functional receptors very efficiently 
in a wide range of mammalian cell types,44,45 a finding which has been extended by the con-
struction of similar subunit chimeras containing the N-terminal domain of other vertebrate 
nAChR subunits.48-52

Expression studies with the Drosophila D�6 and D�7 subunits in a cultured Drosophila cell 
line failed to generate nAChRs which could be detected by radioligand binding.53 In addition, 
co-expression of D�6 and D�7 with vertebrate non-� subunits (an approach that had been 
successful with the D�1-D�4 subunits31,33,34) also failed to alleviate this problem. However, 
construction of subunit chimeras in which the N-terminal region of either D�6 and D�7 were 
fused to the C-terminal domain of the 5-HT3 receptor 3A subunit, results in the formation of 
chimeric subunits that are able to assemble into complexes that can be characterized by radio-
ligand binding techniques.34

In some cases, an even more convoluted approach has been adopted to characterize insect 
nAChR subunits, for example, combining both artificial subunit chimeras with the co-expres-
sion with non-insect nAChR subunits. In cases where only partial insect nAChR � subunit 
cDNA sequences were available, for example in the case of subunits cloned from the cat flea, 
subunit chimeras have been constructed in which the N-terminal ligand binding domain of 
cat flea nAChR subunits were fused to the C-terminal domain of a Drosophila � subunit.29 
Co-expression of these insect � subunit chimeras, together with the rat �2 subunit, has been 
employed to facilitate pharmacological characterization of these chimeric and hybrid nAChRs 
by radioligand binding.29
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Co-Expression of Molecular Chaperones
There is increasing evidence that some of the problems associated with heterologous ex-

pression of insect (and also of vertebrate) nAChRs may be a consequence of a requirement for 
molecular chaperones such as the recently identified protein RIC-3.54 RIC-3 is a transmembrane 
protein that was originally identified in the nematode Caenorhabditis elegans.55 It has been shown 
to enhance levels of functional expression of vertebrate nAChR, such as homomeric �7 recep-
tors in Xenopus oocytes55 but, perhaps of even greater significance, has been the finding that 
RIC-3 is able to facilitate functional expression of �7 nAChRs in mammalian cell lines which 
are otherwise unable to support functional expression of �7 nAChRs.56-58 Such findings have 
prompted studies to examine whether RIC-3 might be required for the successful functional 
expression of insect nAChRs. In a recent study, several alternatively spliced RIC-3 homologues 
were cloned from Drosophila and their nAChR chaperone activity compared with that of human 
RIC-3.59 It has been shown that human RIC-3 is a more efficient nAChR chaperone in human 
cell lines, whereas Drosophila RIC-3 is a more efficient chaperone in a Drosophila cell line.59 
However, although co-expression of RIC-3 has been found to enhance levels of hybrid (insect/
mammalian) nAChRs, as assayed by radioligand binding, as yet, RIC-3 has not been shown to 
facilitate heterologous expression of insect-only recombinant nAChRs.

Pharmacological Properties of Recombinant nAChRs
The problems described above (concerning heterologous expression of insect nAChRs) have 

limited the extent to which the properties of insect nAChRs can be examined by heterologous 
expression. In particular, the subunit composition of native insect nAChRs remains unclear. 
However, co-immunoprecipitation studies with native nAChRs expressed in Drosophila have 
provided some insights into this question.60-62 Despite the difficulties associated with heter-
ologous expression, studies conducted with recombinant nAChRs have also provided some 
information about co-assembly of insect nAChR subunits. For example, electrophysiological 
studies in Xenopus oocytes from have provided evidence that two different insect nAChR � 
subunits can co-assemble within the same receptor complex.61,63

A particular focus of studies with insect recombinant nAChRs has been to examine the 
influence of subunit composition and of subunit domains upon neonicotinoid insecticides 
such as imidacloprid. Electrophysiological and radioligand binding studies conducted with 
hybrid nAChRs have identified subunits that contribute to neonicotinoid-sensitive receptors. 
Subunits identified by these approaches include D�1-D�3 from Drosophila,33,64-66 Mp�2 and 
Mp�3 from M. persicae32 and also Nl�1 and Nl�2 from N. lugens.28,35,63 In addition, such studies 
have demonstrated the contribution of specific insect nAChRs subunit in generating receptors 
sensitive to naturally occurring toxins such as �-bungarotoxin33,53 and nereistoxin.67 Techniques 
such as site-directed mutagenesis and construction of subunit chimeras have also been exploited 
in identifying subunit domains and individual amino acids which are important in the binding 
of neonicotinoid insecticides to insect nAChRs.42,68-72

Conclusion
As has been discussed above, many of the difficulties that have been encountered in the het-

erologous expression of insect nAChRs are still unresolved. To an extent, these problems can be 
circumvented by expression of either hybrid nAChRs or subunit chimeras. Indeed, such approaches 
have provided an important insight into the pharmacological properties of insect nAChRs and 
into the relationship between the structural and functional properties of these receptors. However, 
extrapolation from recent advances with vertebrate nAChRs suggests that efficient functional 
expression of insect recombinant nAChRs may require a better understanding of the role played 
by the host cell and, in particular, of nAChR-associated chaperone proteins.
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Abstract

The use of neonicotinoid insecticides has grown considerably since their introduction in 
1990s. They are used extensively for the control of agriculturally important crop pests 
and also in the control of cat and dog fleas. Imidacloprid exploited through an elabo-

rated structural and substituent optimization of nithiazine was launched to market in 1990. The 
selectivity of neonicotinoid compounds for insect species has been attributed to their binding 
on nicotinic acetylcholine receptors in which the negatively charged nitro- or cyano-groups 
of neonicotinoid compounds interact with a cationic subsite within insect nicotinic acetyl-
choline receptors. The first example of a pest evolving resistance to field use of neonicotinoids 
was Bemisia tabaci. Resistance to neonicotinoids can arise either through nAChR subtypes 
expression, detoxification mechanisms and/or structural alterations of target-site proteins. 
Consequently, a number of derivatives and analogues of imidacloprid have been generated to 
date. In 1992, a new neonicotinoid using acetylcholine as the lead compound has been found. 
This was dinotefuran, which has a characteristic tetrahydro-3-furylmethyl group instead of the 
pyridine-like rings of others neonicotinoids.

Introduction
Pesticides encompass an array of compounds designed to prevent, destroy, repel or kill insects 

(insecticides), rodents (rodenticides), plants (herbicides) and fungi (fungicides). In 2004 over five 
billion pounds of pesticides were used worldwide. Of that amount, neonicotinoid insecticides ac-
counted for 11-15% of the global insecticide market.1 Neonicotinoids are the most important new 
class of synthetic insecticides of the past three decades, used in crop protection and animal health care 
due to the decrease in effectiveness of organophasphate and carbamate derivatives.1,2 The first com-
mercialized neonicotinoid was imidacloprid which was the largest sales of any insecticide worldwide.2 
Imidacloprid and related neonicotinoid are a promising class of insecticides with excellent biological 
properties, such as a wide spectrum, low application rate and quick uptake. Due to their chemical 
structure, they are closed to nicotine and consequently are referred to act as agonist at mammalian 
and insect nicotinic acetylcholine receptors (nAChRs).3-6 Despite the fact that they are believed to 
be of low toxicity to mammalians because they interact much less with vertebrate nAChRs compared 
to insects,7,8 ingestion of a large amount of these insecticides has been associated with the develop-
ment of severe poisoning.9-11
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Like nicotine, imidacloprid mimics the action of acetylcholine, which is the major neurotransmit-
ter in the insect nervous system but nicotine and imidacloprid are not deactivated by acetylcholine 
esterase and thus persistently activate nAChRs. An analysis of insect nAChR subtypes is complicated 
because an unknown variety of these receptors exist and their precise subunit compositions are un-
certain. Current research indicates that neonicotinoid insecticides acted as agonists, partial agonists 
and antagonists of insect nAChR subtypes.4,6,12,13 In general, it has been suggested that neonicotinoid 
insecticides belong to the same mode of action group according to the classification developed by 
the Insecticide Resistance Action Committee (MOA Group 4A).14

Nicotine, Nicotinoids and Insecticidal Activities
Despite the considerable number of botanical insecticide reported in the literature, only four 

have been used for crop protection: nicotine from tobacco leaves, rotenone from derris tree roots, 
pyrethrum from chrysanthemum flowers and azadirachtin from neem tree. Nicotine and nicotin-
ic-like alkaloids such as anabasine, nornicotine, piperazine alkaloids (i.e., coniine) and quinolizine 
alkaloids (i.e., cytisine), are present in a wide range of plant species including Conium maculatum, 
Nicotiana glauca, Nicotiana tabacum, Laburnum anagyroides and Caulophyllum thalictroides.15-17 
Of these plants, nicotine extracted from the tobacco plant Nicotiana tobacum is the most widely 
used, from which commercial cigarette tobacco and other nicotinic-containing devices are readily 
available for human consumption.17 At the beginning of the 20th century, the significance of nico-
tine was increasingly studied from the toxicological, pharmacological and environmental levels. It 
was used for centuries as a nonsystemic insecticide to control sucking insects on plants.18-21 Used as 
a foliar spray to cover the undersides of leaves, it was active as a contact and stomach poison.21 But 
this botanical alkaloid was not very effective and is acutely toxic to mammals and other nontarget 
organisms.21-23 In fact, nicotine and its alkaloids are readily absorbed through all routes of exposure 
including gastrointestinal, dermal, intranasal, inhalational routes and also through the blood brain 
barrier.17,24-26 Studies on structure-activity-relationships revealed that the insecticidal activity of nico-
tinoids involved a 3-pyridylmethylamine moiety with a basic amino nitrogen atom as an essential 
structural requirement.27,28

In general, nicotinoids are similar to nicotine, containing an ionizable basic amine or imine 
substituent.1 They include also anabaseine a marine toxin29,30 and epibatidine isolated from the skin 
of an Ecuadorean frog, Epipedobates tricolor.31 Others nicotinoids such as dihydronicotyrine and 
N,N-disubstituted 3-pyridinylmethylamine have been synthetized but not to the degree required 
for commercialization as insecticide.32

Neonicotinoid Insecticides
Screening of novel chemical structures in the 1970s and optimisation of a lead compound 

gave an interesting potent nitromethylene with a thiazine ring designated nithiazine (Fig. 1), 
the first nitromethylene insecticide, but it could not be commercialized for crop protection 
due to photoinstability.23,33 However, it has served as a neonicotinoid lead structure by intro-
ducing a 6-chloropyridin-3-ylmethyl group as a substituent of the nitromethylene heterocycle 
which increased the insecticidal activity.19 In fact, the discovery of imidacloprid was the result 
of seeking improved activity by changing the structure of 2-nitromethylenetrahydrothiazine. 
It became evident that the 6-chloro-3-pyridylmethyl moiety of imidacloprid attached to the 
saturated heterocyclic skeleton and its photostability were essential structural elements for its 
insecticidal activity.34,35 The term ‘neonicotinoid’ was originally proposed by Izuru Yamamoto 
for imidacloprid and related insecticides in order to differentiate these newer insecticidally active 
compounds of the nAChRs from the older nicotinoid insecticides.19,28,36

The first major neonicotinoids were chloropyridylmethyl compounds: imidacloprid, niten-
pyram, thiacloprid and acetamiprid (Fig. 2) followed soon by the nitroguanidine compound 
clothianidin.1 In 1985, a series of structural modifications revealed that replacement of the 
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Figure 2. Chemical structures of imidacloprid (A) and related compounds (B). Y can be: NNO2, 
CHNO2, NCN, O or CHCO2Et and X can be: NH; NMe. Nitenpyram (C) and acetamiprid 
(D) have acyclic structures which differ from the imidazoline ring of imidacloprid while thia-
cloprid has cyclic structure (E). In addition, nitenpyram has a nitromethylene moiety in place 
of the nitroimino moiety of imidacloprid and acetamiprid has a cyano group in place of the 
electron-withdrawing nitro group of imidacloprid.

Figure 1. Development of currently used neonicotinoid insecticides from nithiazine and natural 
alkaloid nicotine. A) nicotine, (B) nithiazine and (C) imidacloprid.
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6-chloro-3-pyridyl group by a 2-chloro-5-thiazolyl moiety and the introduction of a methyl group 
as pharmacophore substituent resulted to the discovery of thiamethoxam, the first commercially 
second-generation neonicotinoid which belongs to the thianicotinyl sub-class.37,38 Clothianidin 
and thiamethoxam was reported as chlorothiazolylmethyl compounds.1,39 According to its 
biological features and chemical structure, it has been suggested that thiamethoxam was a 
neonicotinoid precursor metabolized to clothianidin in insects and plants.40

The distinctive structural aspect of neonicotinoids shows three important heterocyclic methyl 
substituents, 6-chloropyridin-3-ylmethyl, 2-chlorothiazol-5-ylmethyl and tetrahydro-3-furylm-
ethyl which are coupled to six cyclic or acyclic N-nitroimine (=NNO2), N-cyanoimine (=NCN) 
and/or 2-nitromethylene moieties (= CHNO2).1,2,41 Consequently, based on maximum inward 
currents induced through nAChRs activation, neonicotinoids were divided into two subgroups: 
(1) those with a heterocyclic ring which were partial agonists and (2) open-chain compounds 
which were much more effective agonists.1,42

Development of Novel Neonicotinoid Insecticides
Screening chemicals of novel structures in the 1970s and optimisation of a lead compound 

gave an interesting potent neonicotinoid reminiscent of the endogenous agonist acetylcholine 
(ACh). In fact, in 1990s, a new neonicotinoid using acetylcholine as the lead compound, 
which acts on the same receptor as nicotine, has been found. This was dinotefuran, which 
has a characteristic tetrahydro-3-furylmethyl group, as the hydrogen acceptor, instead of the 
pyridine-like rings of other neonicotinoids.43 The binding assay and electrophysiological stud-
ies demonstrated that dinotefuran acted as agonist of insect nAChRs. In fact, binding studies 
of [3H]epibatidine (EPI), a nAChR agonist and [3H]�-bungarotoxin (�-Bgt), a competitive 
nAChR antagonist revealed that dinotefuran inhibited [3H]EPI binding with an IC50 of 
890 nM and [3H]�-Bgt binding with an IC50 of 36.1 μM, indicating that dinotefuran acted 
as agonist of insect nAChRs.44 This was confirmed by the finding that EPI showed a rather 
lower affinity to the dinotefuran binding site suggesting a high-affinity binding site in the 
insect.45 Nevertheless, despite its high insecticidal activity, dinotefuran was less potent than 
chloropyridinyl-type or chlorothiazolyl-type neonicotinoid insecticides.44,46 In the [3H]�-Bgt 
assays, the difference in IC50 values between dinotefuran and other neonicotinoids was three 
orders of magnitude.44,46,47

A new class of insecticide targeting nAChRs but at different site from nicotine or imidaclo-
prid has been used to increase effective control of pests.48-51 There are spinosyns, derived from 
fermentation products of the actinomycete bacterium Saccharopolyspora spinosa.50 Spinosad is 
a naturally occurring mixture of two active components, spinosyn A and spinosyn D from S. 
spinosa. Despite the fact that spinosad could act at γ-aminobutyric acid (GABA) receptors, 
electrophysiological studies have demonstrated that spinosad may act on nAChRs.48 In a recent 
study, replacing nitromethylene pharmacophore with a conjugated system lead to series of novel 
neonicotinoid analogues bearing five-membered aromatic heeterocycles which exhibited higher 
insecticidal activities than imidacloprid.52 Furthermore, substitutions to the phenylpyridine 
heterocyclic ring of nicotine lead to novel nicotinoid compounds which have insecticidal activity 
enhanced over that of nicotine.53 These studies demonstrated that novel neonicotinoid analogues 
could be obtained, increasing the number of these active compounds.

Multiple Origins of Insect Resistance to Neonicotinoid Insecticides
The emergence of insecticide resistance mechanisms is an important question for those 

studying the evolution of resistance. In fact, the problem of insect resistance to insecticide 
was tackled by continuously introducing new active molecules to replace ones lost through 
resistance. But the number of biochemical sites targeted by all these compounds is limited54 
and the existence of strong resistance in some species such as Trialeurodes vaporariorum, the 
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whiteflies Bemisia tabaci,54-59 the Colorado potato beetle, Leptinotarsa decemlineata,60-62 Musca 
domestica,63 the western flower thrips franklienella occidentalis64 and the brown planthopper 
Nilaparvata lugens65 has demonstrated the potential of pests to adapt and resist field applications 
of neonicotinoids. For example, although they had never been exposed to any neonicotinoids 
other than imidacloprid, imidacloprid-resistant adult Colorado potato beetles, compared with a 
standard susceptible strain, also developed 59-fold resistance to dinotefuran, 33-fold resistance 
to clothianidin, 29-fold-resistance to acetamiprid, 28-fold resistance to N-methylimidacloprid, 
25-fold resistance to thiacloprid and 15-fold resistance to thiamethoxam.66 These results clearly 
demonstrated the existence of a cross-resistance to neonicotinoid insecticides.61 In addition, it 
has been also reported that the whitefly Bemisia tabaci resistant strains could survive 1000-folds 
higher concentrations of insecticide than would be capable of killing susceptible populations.57 
They exhibited 490-fold resistance to imidacloprid and this resistance was autosomal and 
semi-dominant.58 Interestingly, in the Colorado potato beetle, analysis of probit lines from F1 
reciprocal crosses indicated that resistance to imidacloprid in adults was inherited autosomaly 
as an incompletely recessive factor.60

In general, resistance to neonicotinoids has been attributed first to mutations in nAChRs.67-72 
In the Drosophila melanogaster in which the entire genome was known, screening of several 
deficiency strains uncovering various nAChR subunit genes revealed that Df2363 strain ex-
hibited an elevated tolerance to nitenpyram.68 This strain was deficient across the cytological 
region 96A on chromosome 3 containing a cluster of D�1, D�2 and D�2 genes. Interestingly, 
previously it has been shown that a partial deletion of D�1 lacking the cytoplasmic loop, the 
TM4 domain and the extracellular C-terminal region fails to respond to ACh.73 In addition, a 
null mutation of the drosophila D�6 subunit confers 1181-fold resistance to Spinosad.67 Thus, 
nAChR subunits were involved in neonicotinoids resistance and have critical or required ele-
ments that respond to these insecticides. This was exemplified by recent study on Nilaparvata 
lugens.65,71 A comparison of nAChR subunits from the brown planthopper Nilaparvata lugens 
imidacloprid-sensitive and imidacloprid-resistant populations has identified a single point muta-
tion at a conserved position Y151S in two nAChR subunits, Nl�1 and Nl�3.71 The functional 
consequence of this mutation examined on recombinant Nl�1/�2, Nl�1/Nl�2/�2 and Nl�3/
Nl�8/�2 receptors revealed that Y151S mutation had little or no effect on agonist potency of 
ACh70,72,74 but it exerts a dramatic effect on agonist potency of neonicotinoid insecticides, when 
present either in Nl�170,72 and Nl�3.74 The practical importance of these mutations is not clear 
yet, as some unidentified amino acids from other regions are involved in agonist binding.69,75,76 
Consequently it has been suggested that the X residue in loop C plays an important role in 
conferring high imidacloprid sensitivity, while the longer loop B-C interval region serves as a 
subsite supporting the nAChR-imidacloprid interactions.75

Unlike, the safety and effectiveness of neonicotinoids have been attributed, at least to 
their high affinity to nAChRs, recent studies revealed that resistance could be associated with 
enhanced oxidative detoxification of neonicotinoids by cytochrome P450 monooxygenases 
(P450).58,60,77-80 Cytochrome P450s comprise a large superfamily of heme-thiolate proteins 
present in mammalians and insects that metabolize a range of both endogenous and exogenous 
hydrophobic compounds by incorporating oxygen into a functionalized product.81,82 Earlier 
biochemical examinations revealed that neonicotinoid resistance in Q-type Bemisia tabaci was 
not associated with a lower affinity of imidacloprid to nAChRs77,83 but to over-expression of the 
cytochrome P450 CYP6CM1vQ gene79,80 which was capable of hydroxylating at least one posi-
tion at the imidazolic ring moiety, with carbon-5, leading to 5-hydroxy form of imidacloprid.80 
Interestingly, overexpression of CYP6g1 gene in a susceptible D. melanogaster strain confers 
imidacloprid resistance, converting it to 4-hydroxyimidacloprid and 5-hydroxyimidacloprid 
respectively.84 Other enzymes in neonicotinoid biotransformations include CYP3A4 and 
CYP2C19, respectively.78,85,86 CYP3A4 induces first oxidation of the imidazolidine moiety and 
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secondarily reduction of the nitroguanidine substituent of imidacloprid.86 Cytosolic aldehyde 
oxidase (AOX) which reduces the nitroguanidine moiety of imidacloprid could be considered 
as the neonicotinoid nitroreductase.87 AOX system coupled with D. melanogaster nAChR 
inactivates clothianidin, dinotefuran or imidacloprid.78 Consequently, the coupled nicotinic 
receptor-metabolic system could be a predictor for toxicity and/or detoxifying mechanisms in 
insects. In the other hand, resistance against neonicotinoids insecticides could be conferred by 
changes in detoxicative enzymes.

Conclusion
In recent years, new compounds have been identified. Nereistoxin analogues (cartap and 

monosultap) and spynosyns (spinosad) are commercial insecticide classes targeting insect 
nAChRs. In fact, Spinosad, a naturally occurring mixture of two macrocyclic lactones (spinosyn 
A and spinosyn D) isolated from the soil actinomycete Saccharopolyspora spinosa, has been de-
veloped as a neonicotinoid insecticide against lepidopteran and thysanopteran pests. It provided 
a inherent broad spectrum against several insect including fruit flies, tobacco budworm and 
Harmonia axyridis (harlequin ladybird).48,49 In conclusion, because the subunit combinations 
and the tissue distributions of insect nAChR subtypes are poorly understood, our understanding 
of how resistance to neonicotinoid insecticides might occur through nAChR activation was 
uncertain. In fact, neonicotinoid actions and efficacies were strongly correlated to the way they 
were applied, the concentrations used and the intracellular mechanisms modulating nAChR 
activation.
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Abstract

This chapter reviews the available data on the toxicity of neonicotinoid insecticides to 
bees that are the prominent and the most economically important group of pollinators 
worldwide. Classical and new methods developed to take into account the characteristics 

and different types of effects of the neonicotinoid insecticides to bees are described. The available 
toxicity results are critically analyzed. Thus, the nitro-substituted compounds (clothianidin, 
dinotefuran, imidacloprid and its metabolites, thiamethoxam, nitenpyram) appear the most 
toxic to bees. The cyano-substituted neonicotinoids seem to exhibit a much lower toxicity 
(acetamiprid and thiacloprid). The chapter ends with suggestions for additional studies aiming 
at better assess the hazard of this important insecticide family to bees.

Introduction
Bees are the predominant and the most economically important group of pollinators 

worldwide. Thirty five per cent of world crop production depend on pollinators.1 In Europe, 
the production of 84% of crop species depends at least to some extent upon animal pollina-
tion.2 Bees serve humanity indirectly by contributing to the healthy functioning of unman-
aged terrestrial ecosystems. The decline of pollinating species, which have grown over the last 
decades,3 can lead to a parallel decrease of plant species.4 More specifically, there is a great deal 
of concern about the decline of the honey bee (Apis mellifera L.) across the world that has been 
termed colony collapse disorder.5 The abundance of pollinators in the environment is influenced 
by biotic factors (predators, pathogens, parasites, competitors, availability of resources) and 
abiotic factors (climate, pollutants). Although the putative causes of this decline are still cur-
rently analyzed,5 it is admitted that the extensive use of pesticides against pest insects for crop 
protection has contributed to the loss of many pollinators.6 Pollinating insects, such as the 
honey bee, are mainly exposed to chemicals when visiting melliferous plants. Consequently, 
for several decades, following the development and use of pesticides, honey bees have focused 
interest in the frame of the protection of nontargeted organisms against pesticide damages 
and the first guidelines dealing with this aspect were published in the 1950s.7 Nowadays, the 
hazard assessment of pesticide toxicity to honey bees is commonly estimated from laboratory 
studies (median lethal dose: LD50) and from semi-field and field experimentations when the 
pesticides demonstrate a hazard quotient (application rate/LD50) greater than 50, or when they 
show a specific mode of action (e.g., insect growth regulators), or when there are indications 
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of indirect effects such as delayed action.8 Despite these preregistration studies, neonicoti-
noid insecticides were recently implicated by beekeepers who reported that hives placed near 
cropped plants, originated from seeds dressed with insecticide, showed high levels of damage 
due to a progressive decrease in the hive populations, until the complete loss of the colonies.9 
The risk that systemic neonicotinoid insecticides induce for honey bees started in France with 
the use of Gaucho� (active ingredient: imidacloprid) on sunflower.10 Imidacloprid was the first 
insecticide belonging to the new chemical family of neonicotinoids and has become a widely 
used chemical. Next, the controversy was spread over other neonicotinoid insecticides, other 
pollinators and the decline of bees worldwide. Thus, in recent years, numerous studies have 
been performed to assess whether seed dressings containing neonicotinoid insecticides could 
be harmful to honey bees.

This chapter reviews the available data on the toxicity of neonicotinoid insecticides to bees. 
The interest of the new ecotoxicological methods developed in order to take into account the 
characteristics of neonicotinoid insecticides is also highlighted.

Effects on Survival
Acute Toxicity

The standard method to evaluate the toxicity of the insecticides that can potentially be 
in contact with the honey bees consists in the calculation of an acute toxicity data (LD50) 
following standardized guidelines (European Council Directive 91/414 in Europe and the 
Federal Insecticide Fungicide and Rodenticide Act in the United States). In this context, 
laboratory bioassays were conducted to determine the oral and contact honey bee toxicity of 
neonicotinoid insecticides (Table 1). The LD50 values of neonicotinoids are low compared 
with older families of insecticides such as organophosphorus, pyrethroids, carbamates.11,12 They 
are considered highly toxic to honey bees.13 Generally, neonicotinoids are more toxic via oral 
route than contact mode. The difference between the oral and contact toxicity may be due to 
the weak hydrophobicity of the neonicotinoids yielding a low penetration through the insect 
cuticle. The contact LD50 values of imidacloprid for the honey bee do not vary significantly 
from an author to another (a factor of 6 of variation). Using the same application route, Stark 
et al showed that three species of bees, Apis mellifera, Megachile rotundata and Nomia melanderi, 
were equally susceptible to imidacloprid (24-h LD50 � 0.04 �g/bee).11 Similar results were 
obtained for Admire and Provado that are two commercial formulations of imidacloprid.14,15 
On the other hand, the oral LD50 value of imidacloprid may vary widely (factor 20) in the 
honey bee. Since the oral toxicity test is based on the homogeneous repartition of the chemical 
in the group of bees by trophallaxis, the neurotoxicity symptoms observed for some of them, 
which could be due to the action of imidacloprid and not of its metabolites,16 might result in 
the ingestion of unequal doses of toxic. This could explain the high variability in the LD50 
values sometimes recorded between tests. According to Nauen et al,17 this fact can also explain 
the delayed toxicity at higher doses of imidacloprid that was observed by Suchail et al. In order 
to test the hypothesis of the lack of trophallaxis process, the oral LD50 of imidacloprid was 
determined from a collective versus individual treatment (Decourtye, unpublished data).12 The 
48-h oral LD50 values of imidacloprid were similar after collective (25.4 ± 22.8 ng per bee) and 
individual treatment (25.1 ± 22.8 ng per bee). It appears that the heterogeneous distribution 
of toxic in bee group was not a decisive factor for the determination of imidacloprid toxicity. 
This underlines the assumption that other factors can bias the LD50. For example, the effects of 
imidacloprid vary according to the age of bees,17,18 the subspecies12 or colony.19 All these factors 
are not well standardized in the routine toxicity tests.
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Chronic Toxicity
The acute toxicity tests would only account for a situation where foragers are exposed to high 

dose/short term treatments. But in the case of systemic compounds, such as neonicotinoids, 
longer term effects are not excluded, since the product is potentially present in the nectar or 
pollen of plants seed dressing with these insecticides.21,24,25 Hive worker bees may also be exposed 
to the chemicals since foragers collect potentially contaminated food to be stored inside the 
hive. As the stored food originates from different plants, a dilution of toxic compounds occurs, 
however they can be present in the hive at lower concentration but for longer periods than on 
plants. Thus, acute toxicity is an incomplete measure of the adverse effects of systemic insecticides 
because of the short duration of these tests that are generally of 1 to 3 days. Therefore, many 
studies have examined the long-term effects of neonicotinoid insecticides, with an ecologically 
relevant exposure, on survival of honey bees in order to develop assays mimicking realistic con-
ditions. Thus, in a study performed by Aliouane et al, experiments were conducted with bees 
collected from hives, caged in groups of 30-60 individuals and provided with sucrose solution 
contaminated or not during 10-11 consecutive days.26 The mortality was recorded daily. Chronic 
oral exposure to thiamethoxam or acetamiprid had no effect on mortality. On the other hand, 
chronic oral intoxication experiments have shown that imidacloprid and six metabolites (olefin, 
5-hydroxy-imidacloprid, 4,5-dihydroxy-imidacloprid, 6-chloronicotinic acid, desnitroimidaclo-
prid, urea derivative) induced mortality at concentrations of 0.1, 1 and 10 �g l�1.19 These results 

Table 1. Acute oral and contact toxicity (48h) of neonicotinoid insecticides to honey bees

Insecticide Oral LD50 (�g/Bee) Contact LD50 (�g/Bee)

Acetamiprid 14.53 (European commission)* 8.09 (European commission)
7.0720

Clothianidin 0.003 (European commission) 0.044 (European commission)
0.02220

Dinotefuran Unknown 0.023 (Footprint)**
0.07520

Imidacloprid 0.004-0.04121


0.0817

0.005719

0.00519

0.00322

0.03023

0.01820

0.081-0.23
Two ascending parts of the 
dose-effect curve: 0.007 and 0.02412

0.043-0.10417

Olefin (imidacloprid 
metabolite)

0.02819

0.00322

0.0411

5-OH-imidacloprid 
(imidacloprid metabolite)

0.25819

0.15322

Nitenpyram Unknown 0.13820

Thiacloprid 17.32 (European commission) 38.82 (European commission)
14.620

Thiamethoxam 0.005 (European commission) 0.024 (European commission)
0.0320

*http://e-phy.agriculture.gouv.fr/ **http://sitem.herts.ac.uk/aeru/footprint/fr/
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are not in agreement with those obtained by Schmuck et al who reported that any lethal effect 
was recorded above 20 �g l�1 of imidacloprid and its plant metabolites.27 This high discrepancy 
in the results may be due to differences in the experimental methodologies such as the use of 
bees with specified age or not, a randomization procedure that can be applied or not,27 or the 
large variability in the toxic effects according to the physiological state of individuals exposed 
to the chemical.16 An additional cause deals with the fact that bees do not die independently 
of each other. Food exchanges, contacts and pheromonal communication occurring among 
workers induce that the survival duration of a bee may depend on the survival duration of its 
nestmates.28 This influence of social interactions was integrated in a Cox proportional hazard 
model designed by Dechaume Moncharmont and coworkers.29 With 60-day dietary exposure, a 
treatment effect was found for bees exposed to 4 and 8 �g l�1 of imidacloprid. This work showed 
that variability between replicates and density-dependent effect could not be neglected in the 
assessment of chronic toxicity of pesticides to the honey bee.

Larvae Toxicity
A lot of studies focus on the effects of neonicotinoids to adult bees but reductions in brood 

may be more damaging to colony health than the loss of old bees, such as foragers. Indeed, flex-
ibility in the division of labor can replace foragers if there are enough brood and nurse bees. 
Because a gap in brood rearing may, therefore, cause the decline of the colony, a method for 
evaluating the side-effects of plant protection products on honey bee larvae is recommended 
in the official guidelines, especially for compounds having insect growth-regulating properties.8 
Even if no insect growth-regulating property was attributed to neonicotinoid insecticides, some 
works have reported effects on larvae development. The developmental time necessary for the 
emergence of larvae fed with imidacloprid-added food (5 �g kg�1) was longer than in controls.30 
This delay in the development of larvae exposed to imidacloprid (30-300 �g kg�1) was confirmed 
with Osmia lignaria.31 Moreover, Taséi et al noted a reduction of the number of larvae produced 
in colonies of Bombus terrestris fed with syrup and pollen containing imidacloprid at 10 and 6 
�g kg�1, respectively.32

Behavioral Effects
The behavioral effects of neonicotinoid insecticides were largely investigated over the last 

ten years. This fact is linked to the depopulations of hives that have been observed by beekeep-
ers near fields sowed with seed-dressing treated plants. It was assumed that foragers collecting 
nectar and pollen were exposed to low doses of neonicotinoid insecticides during their foraging 
trips, which induced behavioral effects and subsequently no homing return to hive. So, many 
studies have been carried out in order to assess the effects of pesticides on behavioral traits 
and more particularly on the foraging behavior of bees treated with the insecticides accused 
by beekeepers.

Mobility
Many symptoms reveal a general mobility affected by a neurotoxic molecule: knockdown, 

uncoordinated movements (or staggering), trembling, tumbling, abdomen tucking, rotating 
and cleaning of abdomen while rubbing hind legs together, decreased walking. A publication 
reporting acute toxicity tests of imidacloprid in the honey bee carried out by seven different 
European research facilities indicated knockdown effects. Moreover, a lot of bees were immobile 
and hence, unable to feed.17 These symptoms of intoxication were observed at higher doses 
and persisted for a maximum of 48 h after the treatment. These observations were consistent 
with other early symptoms of poisoning that appeared after oral ingestion of imidacloprid, 
such as stationary or inactive behavior,33,34 movement coordination problems, tumbling, 
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hyperactivity and tremors.19 After several hours, hyperactivity gradually disappears and the 
bees become hypoactive.19 However, imidacloprid can also induce opposite effects on motor 
activity depending on the dose.35 In laboratory, these authors recorded the position of worker 
bee in an open-field-like allowing observation of bee vertical displacements. Inverse effects of 
imidacloprid on motor activity were observed depending on the dose. The lowest dose (1.25 
ng per bee) induced an increase of motor activity whereas the higher doses (2.5 to 20 ng per 
bee) induced a decrease of displacements in the box. Among the nitroguanidine neonicotinoid 
group, thiamethoxam did not induce this activating effect after acute36 or chronic exposure.26 
Under similar experimental conditions, El Hassani et al found that acetamiprid increased lo-
comotion activity (0.1 and 0.5 �g/bee).36 But this effect was not confirmed by Aliouane et al.26 
The test of open-field is based on negative geotaxis or positive photoaxis since honey bees tend 
to migrate upward against the force of gravity to the light source. This test is relevant to assess 
motor function of walking bees, but definitively not suited to evaluate the flying activity, which 
is a process of the foraging behavior suspected to be altered by neonicotinoids.

Learning Performances
When landing on a flower, the forager extends its proboscis as a reflex when the gustatory 

receptors set on the tarsae, antennae or mouth-parts are stimulated with nectar. This reflex 
leads to the uptake of nectar and induces the memorization of the floral odors diffusing 
concomitantly. Thus, the memorization of odors plays a prominent role in flower recognition 
during the next trips.37 The olfactory learning, involved in flower recognition, can be studied 
in laboratory with a bioassay based on the conditioning of the proboscis extension reflex 
(PER) applied to restrained individuals.38 The PER assay with restrained workers has been 
used to investigate the behavioral effects of about 20 pesticides39 including neonicotinoid 
insecticides.40-42 An acute exposure of bees can be applied before, during or after the PER 
conditioning.42 But, the long-term exposure is more suited to the characteristics of neonicoti-
noid compounds. It corresponds to the case of bees that are newly involved in foraging duties 
based on their learning ability, after being fed a contaminated food within the hive. With this 
approach, reduced learning performances were observed for bees surviving to 11 days of oral 
treatment with imidacloprid, 5-OH-imidacloprid,22 acetamiprid,36 and of topic treatment 
with thiamethoxam.26 With the PER assay, we can also investigate how a chemical treatment 
can interfere on the memory process. It has been shown that acetamiprid induced long-term 
memory impairment after an oral absorption.36 Chronic contact with thiamethoxam (0.1 �g 
per bee) induced a decrease of memory 24 h after learning, followed by a recovery at 48 h that 
rules out long-term memory impairment.26 Decourtye et al showed that imidacloprid admin-
istered acutely impaired the medium-term olfactory memory.41 The structure-specific increase 
of cytochrome oxidase activity into the brain that is observed after treatment with imidacloprid 
suggests an impairment of olfactory memory provoked by a physiological effect at the higher 
cerebral level, in the area called “mushroom bodies”.41,43 But, the precise consequences of these 
results for the foraging behavior are still unclear. There is a problem in how the results can be 
extrapolated to what should happen in realistic field situation. In general, results from these 
studies cannot be extrapolated to natural conditions. Moreover, imidacloprid can also have 
facilitatory effects on learning performances that complicate the interpretation at an ecological 
level. Indeed, the habituation procedure has been used to demonstrate the facilitatory effect 
of a sublethal dose of imidacloprid on the PER suppression.35,44 Habituation of the PER is a 
simple form of learning in which the repetition of the gustatory stimulation leads to a decrease 
of the response probability. These results clearly indicate task dependent behavioral effects of 
sublethal concentrations of imidacloprid.
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Orientation
Honey bees can navigate accurately and repeatedly to a food source, as well as communicate 

to their nestmates the distance and direction in which to fly to reach it.45 The process of foraging 
involves learning and memory, communication, navigation, taking into account information 
from the internal clock and many other flexible responses such as the ability to integrate local 
landmarks.46 A bee exposed to pesticide during foraging trip can have a wrong acquisition or 
integration of these neurobiological processes. This is particularly true for the visual learning 
of landmarks, which is important in spatial orientation. One of the major tasks for the honey 
bee during a foraging flight is to learn and recall many complex visual patterns.47 It is well 
known that honey bees use landmark-based cues to navigate to a goal and to return to the nest. 
These cues are needed to set the flight direction, to monitor progress to the goal, to provide 
intermediate guiding landmarks and finally aid in spatial tracking the target when the bee is 
in its vicinity.48 Considering these neurobiological functions in orientation processes, it is of 
great interest to know whether neurotoxic neonicotinoids induce behavioral disturbances and 
if these alterations exist at low concentration level. To test whether thiamethoxam may disori-
entate foragers, its impact was examined on orientation of honey bees in a maze under outdoor 
conditions. Orientation performance of bees in a complex maze relies on associative learning 
between a visual mark and a reward of sugar solution.49 Bees had to fly through a sequence of 
nine boxes to reach a goal—a feeder containing a reward of sugar solution. Along the path, boxes 
constituted a decision point: the bee had to choose between a marked hole (correct path) and 
unmarked hole leading to dead end. Correct or wrong decisions and turns back were recorded 
in foragers orally with 3 ng per bee of thiamethoxam (Decourtye, unpublished data). While, 
61% of no-treated bees equally flied through the whole path and arrived to the goal without 
mistakes, this rate decreased to 38% in thiamethoxam-treated bees. Conversely, the rate of bees 
with unsuccessful searches for goal and with turns back, increased with treatment. Our results 
show that orientation capacities of foragers in a complex maze are affected by thiamethoxam. 
But thiamethoxam is not a direct-acting agonist or antagonist of nAchR50 and clothianidin, its 
toxic metabolite, causes the biological effect.20,51 Unlike in the maze where the performances are 
based on the use of limited pertinent cues, the navigation in the field relies on several guidance 
mechanisms. Bees are able to recognize patterns in situations where local landmarks are not 
reliable.52 Additional experiments are needed to establish whether foragers exposed to neoni-
cotinoid insecticides can negotiate a route in a complex environment or if they are lost, this 
being a possible cause in the drastic bee population losses as observed by beekeepers. For that, 
field studies have recorded the displacements of foragers trained to forage on an artificial feeder 
filled with a sucrose solution. Bees foraging on the syrup were captured and individually marked 
with colored tags that were numbered. After release, the homing flight of the bees was tracked. 
With a distance between feeder and hive of 500 m, foragers fed with 500 �g kg�1 and 1000 �g 
kg�1 of imidacloprid were seen neither at the hive nor at the feeding site, for the 24 hours after 
the treatment.53 Foragers fed with imidacloprid-added syrup at the concentration of 100 �g kg�1 
had a delay for returning to their hive or feeding site for up to 24 h. A more recent behavioral 
study has confirmed these results but with a shorter distance. Imidacloprid with concentration 
above 50 �g l�1 affected the interval between two successive visits of the same bee to the feed-
ing site.54 Imidacloprid added in sucrose solution with concentration above 600 �g l�1 caused 
failure in return to the feeding site of foragers. In these field studies, it is likely that the foragers 
exposed to concentration of imidacloprid as low as 500 �g kg�1 got lost and died somewhere in 
the field, but the lowest observed effect concentration on the frequentation of feeding site was 
50 �g kg�1. Concerning the exposure to imidacloprid and its metabolites, the values were 3.3 
and 3.5 �g kg�1 in the pollen of Gaucho�-treated sunflowers and maize, respectively and 1.9 �g 
kg�1 in the nectar of Gaucho�-treated sunflowers.55
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Foraging and Feeding Behaviors
It is known that bees might change their behavior in response to their sensory perception of 

pesticides, by reduced foraging or a feeding stimulation.56 In most cases repellency induced by 
pesticides is considered as a protective behavior effective in reducing the risk associated with 
these potentially dangerous chemicals. However, special attention must be paid to avoid that 
the repellency of pesticides affects the economical value of Apis bees and non-Apis bees as crop 
pollinating agents. For example, the harmless of neonicotinoid treatments of tomatoes was veri-
fied on the pollinating rate provided by Bombus terrestris in a greenhouse with imidacloprid57 
and with thiamethoxam.58 Bombus impatiens workers exposed to imidacloprid showed no effect 
at field residue levels.59 Observations on foraging activity of Bombus terrestris revealed no dif-
ference regarding the presence of workers on blooming heads and the duration of their visits 
between imidacloprid-treated and control sunflowers.32 Another member of the chloronicotinyl 
family, clothianidin appeared harmless when colonies of B. impatiens were exposed to the high-
est residue levels in pollen,60 or when hives of Apis mellifera were exposed to flowering canola 
grown from clothianidin-treated seeds.61 Although these studies showed the absence of effect of 
neonicotinoids on foraging of treated plants, perturbations of the foraging behavior on artificial 
feeder were revealed in other experiments. Thus, for example, it was found a quick decrease in 
the foraging activity in honey bee colonies at about 20 ppb of imidacloprid.40,62 This is probably 
due to the anti-feedant character of the compound. Several authors have confirmed that foraging 
bees reduced their visits to a syrup feeder when it was contaminated with concentrations above 
20 ppb.63,64 But, the delay in the inhibition of foraging with imidacloprid varies according to 
the concentration tested.62 The author suggested that the delay was due to the process occurring 
inside the hive rather than effects on the foragers. This hypothesis was reinforced by a study 
reporting a reduction in the foraging activity on a food source contaminated with imidacloprid 
(20-100 ppb) due to the induction of trembling dances that prevent other bees from foraging 
and the decrease in the frequency of wagging dances, which provide then the recruitment of 
foragers for a food sources.64 Thus, the changes in the communication process can result in a 
decreased foraging activity.

The motor and sensory functions of the honey bee are linked to the foraging capacities 
of bees. The forager must be able to perceive the sugar of the nectar then extends its tongue 
(called “proboscis”) to take nectar. Therefore, induced modifications of one of these functions 
by pesticide exposure may have repercussions on foragers’ activity leading to a disruption of 
nectar collect. For example, laboratory studies reported the effects of chronic intoxication of 
young honey bees with sublethal doses of acetamiprid and thiamethoxam on sensory percep-
tion of sugar.26 Responsiveness to antennal sucrose stimulation was decreased for high sucrose 
concentrations in honey bees treated orally with thiamethoxam (1 ng per bee), but not with 
acetamiprid.

Conclusion
Many agricultural crops and natural plant populations depend on pollination and often on 

the services provided by pollinator communities.65-67 The causes of decline among pollinators 
vary from a species to another and are generally difficult to assign. Definitive causes of decline 
can be assigned in only a few cases.5 Declines of many pollinators are associated with diseases, 
pollution, habitat deterioration and combination of these different causes. One factor contrib-
uting to pollinator declines is pesticides5,6 and this context, neonicotinoid-treated crops could 
be hazardous to managed and wild bees that feed on pollen and nectar-containing residues. 
Systemic neonicotinoid compounds differ from the classical sprayed insecticides, which are 
present on the plant only several hours or days after application. With systemic neonicotinoids, 
the exposure of honey bee to chemicals is possible during several weeks of flowering. Especially, 
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the effects of repeated consumption of contaminated stocks of nectar or pollen inside the 
hive can appear either immediately or with delayed effects. The impact of Gaucho�-treated 
sunflowers in the honey bee in France initiated a large series of scientific studies.10 Next, the 
question was extended to other uses of neonicotinoid insecticides, other pollinators and the 
decline of bees across the world. To date, a number of studies have recorded measurements of 
short or long term toxicity, lethal or sublethal effects of these insecticides to bees. In summary, 
the nitro-substituted compounds (clothianidin, dinotefuran, imidacloprid and its metabolites, 
thiamethoxam, nitenpyram) appear the most toxic to the honey bee. The cyano-substituted 
neonicotinoids seem to exhibit a much lower toxicity (acetamiprid and thiacloprid). Amongst 
the neonicotinoids, imidacloprid has been the most studied. A high discrepancy in results of 
chronic feeding studies was reported with imidacloprid and its metabolites. Suchail et al re-
lated the similarity of the observed dietary toxicity between metabolites with and without the 
binding site on nAchR to the chloropyridine structure, supporting the hypothesis of a novel 
pharmacological mechanism unrelated to this binding site.19 Schmuck has contradicted this 
fact based on repetitions of chronic study of Suchail et al cited above and on receptor binding 
and electrophysiologic studies.27

On the other hand, the exposure of bees due to the presence of neonicotinoid residues in 
the pollen or nectar of treated plants would induce possible behavioral effects during foraging 
trips. As a result, an increasing number of studies and methods related to the identification and 
characterization of sublethal effects of neonicotinoids have been published in the past 10 years. 
This chapter has revealed new insights into behavioral effects of neonicotinoids including effects 
on mobility, orientation, foraging and learning. The lowest observed effect concentrations for 
imidacloprid reported were the following: 3 �g kg�1 for foraging activity34 and 12 �g kg�1 for 
olfactory learning.22 But these data are often inadequate to demonstrate causation unambigu-
ously. It is not clear whether the endpoints tested in these sublethal studies can be clearly related 
to the respective field effect of concern.39,68 Conversely, for the methods based on orientation 
and homing ability and that were proposed to be tested on bees, the ecological relevance is 
better.53,54 If measurable differences in homing flight are found in such experimental design, an 
individual, exposed under field conditions would probably suffer from this effect. For instance, 
foragers fed with imidacloprid-added syrup at the concentration of 100 �g kg�1 showed a delay 
for returning to their hive.53 Such acute exposure cannot probably occur in the realistic conditions 
since the concentrations of imidacloprid and its metabolites, to which honey bees are exposed 
always have been measured lower than 10 �g kg�1.21,24,25,62,69,71,72 Although data in field tests are 
often inadequate to demonstrate causation unambiguously, the loss of the colonies could not 
be verified for imidacloprid under field conditions, where no effects on hive development have 
been detected.9,73,74 The effect of neonicotinoid insecticides on bee health still remains highly 
controversial, especially imidacloprid.10 In the light of growing evidence that pollinators are 
exposed to pollen and nectar-containing residues in field conditions, the contribution of neo-
nicotinoid insecticides to the decline of pollinators warrants additional investigations.
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Abstract

Acetylcholine is the most abundant excitatory neurotransmitter in the insect brain and 
the most numerous acetylcholine receptors are the nicotinic ones (nAChRs). The 
genome sequencing of diverse insect species has demonstrated the existence of at least 

10 nAChR genes coding for � and � subunits, suggesting the existence in the insect CNS of 
several subtypes of nAChRs whose molecular composition and pharmacological properties are 
still unknown. Insect nAChRs have given rise to an abundance of literature about their sensitiv-
ity to neonicotinoid insecticides but only limited data are available on the functional role of 
nAChRs in insect cognitive functions. The data we have collected on honeybees are the only 
data that shed light on the role of nAChRs in learning and memory processes. The behavioral 
response of proboscis extension (PER), which appears when the honeybee perceives sugar, was 
used to quantify learning and memory performances in associative and non-associative learn-
ing procedures. Habituation of the PER, which consists in ceasing to respond to sucrose upon 
repetitive antennal sucrose stimulation, was facilitated by the injection into the brain of one of 
the nicotinic antagonists mecamylamine, alpha-bungarotoxin (�-BGT) or methyllycaconitine 
(MLA). Pavlovian associative protocol was used to condition the PER to olfactory or tactile 
stimulus after single- or multiple-trial training. Localized brain injections of the nicotinic 
antagonist mecamylamine were performed before or after one-trial olfactory learning in the 
mushroom bodies (MB), the integrative structures of the insect brain. The results showed that 
the calical input structures of the MB are necessary for the acquisition processes and the output 
�-lobe regions are involved in retrieval processes. Brain injection of one of the three nicotinic 
antagonists mecamylamine, �-BGT and MLA was combined with single- and multiple-trial 
olfactory and tactile learning and memory performances were evaluated at long- or short-term 
intervals. Mecamylamine impaired the acquisition of one-trial learning and the retrieval of 
information, regardless of the number of trials during training and the learning modality 
(olfactory or tactile cues used as conditioned stimulus). Memory performance evaluated at 
long-term intervals was decreased by injection of �-BGT and MLA in multiple-trial olfactory 
and tactile experiments. We conclude from these results that at least two subtypes of nAChRs 
exist in the honeybee brain. The �-BGT-sensitive nAChRs are necessary for the formation of 
long-term memory and the �-BGT-insensitive nAChRs are involved in one-trial acquisition 
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and in retrieval processes. The hypothesis is put forward that multiple-trial associative learning 
triggers activation of the �-BGT-sensitive nAChRs that, in turn, activate intracellular events 
leading to LTM formation.

Introduction
In vertebrates the literature devoted to the role of acetylcholine (ACh) in brain functions and 

diseases is impressive and well documented.1-4 Acetylcholine binds to nicotinic and muscarinic 
acetylcholine receptors widely distributed in the central nervous system (CNS). There are fewer 
nicotinic acetylcholine receptors (nAChRs) than muscarinic ones.4 The nAChRs are formed 
from the assembly of five subunits arranged in such a way as to delimit a central cationic channel. 
As nine � (�2-10) and three � (�2-4) subunits are identified in the CNS, various combinations 
of subunits will produce many different nAChR subtypes with different pharmacological and 
biophysical properties.4 The neuronal nAChRs can be broadly separated into two forms, the 
heteromeric receptors formed from the association of � and � subunits and the homomeric 
receptors constituted from the assembly of five identical � subunits. In vertebrates, the most 
strongly represented heteromeric receptor is the �4�2 subtype, which is sensitive to the non-
competitive open-channel blocker mecamylamine and to di-hydro-�-erythroidine. The most 
strongly represented homomeric receptor is the �7 subtype, which is specifically blocked by the 
snake venom �-bungarotoxin (�-BGT) and by methyllycaconitine (MLA). In the CNS, the 
nAChRs are mainly presynaptic and modulate the release of a number of neurotransmitters. They 
are also found postsynaptically and they control fast ACh-mediated synaptic transmission.5 The 
�4�2 receptors are largely distributed throughout the brain and they are mainly associated with 
pain control, nicotine addiction and Parkinson disease. Alpha 7 subunits and resulting subtypes 
are more concentrated in the forebrain, frontal cortex and hippocampus and are involved in 
schizophrenia, epilepsy and anxiety. Both types are implicated in memory processes and are 
proposed as potential therapeutic targets for the treatment of Alzheimer’s disease.4

In insects, ACh is the most abundant neurotransmitter in the CNS.6 As opposed to glutamate 
in vertebrates, ACh is thought to be the primary excitatory neurotransmitter in the CNS. This is 
attested in honeybees,7 flies,8 grasshoppers9 and locusts.10 Insect nervous tissue is one of the rich-
est sources of neuronal nAChRs.11 These receptors outnumber the muscarinic receptors in the 
insect brain and are widely distributed in the synaptic neuropile regions. Immunocytochemical 
and binding studies have shown that major sensory and integrative structures of the bee brain 
are cholinergic12-17 (Fig. 1). Staining for acetylcholinesterase (AChE), the enzyme that hy-
drolizes ACh, has been found in the antennal lobe (AL) glomeruli, where primary olfactory 
afferents from the antennae make synaptic contact with local neurons and projection neurons 
that send olfactory information to mushroom bodies (MB), the integrative structures of the 
protocerebrum. The median antennoglomerular tract formed from the axons of the projection 
neurons that connect the glomeruli with the lip area of the median and lateral calyx of the MB 
is stained. The dorsal lobes that house antennal mechanosensory and gustatory18 terminals are 
also stained. Nicotinic AChR-immunoreactivity (nAChR-IR) is found in MB, specifically in 
the lip region of the calyces that receive olfactory projections from the antennal lobes. The 
MB intrinsic neurons, the Kenyon cells, send output axons through the pedunculus, forming 
the � and the � lobes. Alpha lobes show nAChR-IR. The output fibers from the pedunculus 
connect to the lateral protocerebrum and then to the suboesophageal ganglion, which houses 
the motoneurons that command the mouthpart movements. The suboesophageal ganglion is 
weakly stained for nAChR-IR.

Electrophysiological recordings of ACh-induced currents from insect neurons, in culture 
or in situ, have been performed in a variety of insect species (for review see refs. 19, 20). In the 
honeybee the currents are induced by the classical nicotinic agonists (nicotine, epibatidine) 
and equally blocked by the antagonists mecamylamine, hexamethonium, �-BGT and MLA.21-25 
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Analyses of genome sequences have shown that nAChR gene families remain compact in diverse 
insect species.26 Drosophila melanogaster and Anopheles gambiae each possess 10 nAChR genes 
while Apis mellifera has 11 genes, 9 � and 2 �.27 These subunits can co-assemble in different 
combinations to form several subtypes of nAChRs with distinct pharmacological properties. 
The molecular composition and the stoechiometry of the insect nAChRs are unknown and 
the pharmacology of in vitro native receptors does not help in differentiating nAChR sub-
types. Insect nAChRs have given rise to an abundance of literature about their sensitivity to 
insecticides28,29 but only a limited amount of data is available concerning the functional roles 
of nAChRs in insect behavioral and cognitive functions. This chapter will review the literature 
concerning the involvement of nAChRs in insect behavior and in learning and memory pro-
cesses. For this latter part, I will report data collected from our work on the honeybee, which 
is the only research being done in the field.

Role of ACh and Nicotinic Acetylcholine Receptors in Insect Behavior
Sensory and motor functions depend upon activation of central cholinergic pathways in 

insects. Cholinergic transmission via central synapses has been associated with mechanosensory 
reflexes in the locust. Pressure ejection of acetylcholine or its agonists carbachol and nicotine 
into the prothoracic neuropile mimicked wind stimulation and elicited excitation of a ventral 
cord interneuron that makes output synapses to motor neurons of special wing steering muscle. 
The fast response is mediated in part by nAChRs10 and is similar to fast excitatory responses 
observed in many other insects. In grasshoppers, nicotinic activation of neuropile regions of 
the protocerebrum and the suboesophageal ganglia produces wing movements responsible for 
stridulation, with rapid onset no different from a natural song.9,30 Application to honeybees of 
insecticides belonging to the neonicotinoid class such as imidacloprid, acetamiprid or thiame-
thoxam has shed light on the role of the cholinergic system in sensory and motor functions. Acute 
low doses of imidacloprid or acetamiprid increased locomotor displacements.31-33 Acetamiprid 
also enhanced water and sugar responsiveness, whereas sub-lethal doses of thiamethoxam had 
no effect on these functions.33 These results suggest that activation of the nicotinic system with 
low doses of neonicotinoid may enhance behavioral functions. They also indicate that the three 
compounds present different affinities to the honeybee nAChRs. Recently, cholinergic local 
neurons have been identified within the Drosophila antennal lobe glomeruli. The hypothesis 
has been put forward that these neurons contribute to olfactory coding by broadening the odor 
tuning of projection neurons compared to the odor tuning of their presynaptic olfactory receptor 
neurons.34,35 The cholinergic system has also been associated with addictive processes in insects. 
The fruit fly Drosophila melanogaster is presented as an attractive model system to investigate 
the mechanisms of addiction. In this respect, studies have been carried out on the effects of 
nicotine on startle-induced climbing behavior, which is the flies’ ability to negatively geotax in a 
column when the column is gently knocked on a soft surface to force the flies to the bottom. The 
reflexive climbing response is impaired by nicotine exposure,36 an effect amplified by repetitive 
exposures to nicotine.37 Genetic and pharmacological evidence suggests that the enhancement 
of the nicotinic effect is dependent on a mechanism involving the cAMP/PKA cascade.37

Role of Nicotinic Acetylcholine Receptors in Learning and Memory 
in the Honeybee

Very little research is devoted to the study of ACh and its role in insect behavioral plasticity sup-
ported by learning and memory. All the studies that do exist use the honeybee as an experimental 
model (this chapter and refs. 38-42); this is due to the rich behavioral repertoire exhibited by the 
honeybee in natural or laboratory conditions.43 Moreover, the honeybee offers the possibility of being 
trained individually, which is an ideal condition for developing studies on learning and measuring the 
effect of this individual experience on behavior. We made wide use of the proboscis extension reflex 
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(PER) to study the role of the nAChRs in memory processes. In natural conditions, the proboscis 
extension is a natural response that occurs when gustatory receptors of antennae, mouthparts or 
tarsus are touched with a feeding sucrose solution. The obvious consequence for the honeybee is the 
possibility of consuming food. In unusual conditions like those prevailing in laboratory experiments, 
the PER is elicited in restrained bees by sucrose stimulation of the antennae and/or the proboscis 
and can be rewarded by the delivery of food. The PER can be the object of both simple and complex 
forms of learning such as habituation and olfactory or tactile conditioning.

Habituation of the PER and Nicotinic Acetylcholine Receptors
Habituation of the PER is a simple form of learning in which the repetition of the gusta-

tory stimulation of the antennae leads to a decrease in the probability of emitting the proboscis 
extension response. This test sheds light on the ability of an organism to modulate a reflex 
response. In Aplysia, a decrease in the synaptic strength has been advanced at the neuronal level 
between sensory and motor elements to explain the habituation of gill withdrawal reflex. The 
modification bears on homosynaptic depression linked to a decrease in the neurotransmitter 
released by the presynaptic terminal.44 The habituation procedure has been successfully used in 
the honeybee to test its non-associative learning capabilities.42,45

We injected the nicotinic antagonists mecamylamine, �-BGT or MLA into the brain 
through the median ocellus, 15 minutes before a habituation session of the PER. The experiment 
consisted in repeatedly touching both antennae of starved animals with a weakly concentrated 
sucrose solution (29 mM) until they ceased responding. The criterion for habituation was to 
observe in the animals 5 consecutive stimulations inducing no response. All three nicotinic 
antagonists induced a decrease in the number of trials needed for habituation (ref. 46 and 
unpublished observation) (Fig. 2), an effect also induced by the neonicotinoid insecticide imi-
dacloprid.31,32,47 Conversely, honeybees fed with eserine, a blocker of AChE, needed more trials 

Figure 2. Effect of three nicotinic antagonists on habituation. Bars display the mean number of trials 
(with standard error) required to reach habituation criterion. Number of honeybees in each group 
is indicated in the bars. Student’s t test (comparison to saline groups): *P 	 0.05, **P 	 0.01.



102 Insect Nicotinic Acetylcholine Receptors

for habituation than controls.42 The gustatory information from the antennae that induces the 
PER ends in the dorsal lobe of the deutocerebrum18 and probably reaches the motor neurons 
located in the SOG driving the mouthpart movements. These primary gustatory afferents are 
supposed to be cholinergic, as �-BGT binding sites have been found in the dorsal lobes.15,16 In 
addition, at least four nicotinic � subunits are expressed in the dorsal lobe.48,49 This set of data 
suggests that nAChRs are present in the pathways involved in habituation. A similar facilitating 
effect on habituation was observed after injection of L-Name,46 an inhibitor of NO-synthase 
enzyme that catalyzes the production of NO from L-arginine. This latter effect was unexpected, 
as previous results of the literature have reported that inhibiting NO-synthase increased the 
number of trials required to reach habituation.50 Activation of NO-synthase following activation 
of nicotinic receptors sensitive to �-BGT is well established in the honeybee,51,52 as in other 
insects53 and leads to the production of NO. In insects as in mammals, NO acts as a signaling 
molecule in the nervous system.54,55 One role that has been ascribed to NO in mammals is to 
participate in the experience-dependent plasticity of neuronal networks functioning. As a 
retrograde transmitter, NO could be responsible for long-term potentiation of glutamatergic 
synapses in the hippocampus, through increase of presynaptic neurotransmitter release.56 We 
formulate the hypothesis that successive antennal sucrose stimulations reduce nicotinic neu-
rotransmission between gustatory afferents and motor pathways. Blocking the nAChRs with 
the nicotinic antagonists, without blocking the PER, would enhance this process by mimicking 
the decrease in neurotransmission. The resulting decrease in NO production should lead to a 
decrease in ACh release from upstream pathways and consequently to a facilitation of habitu-
ation. By inhibiting the NO synthase, L-Name would contribute to diminishing the release of 
ACh and would facilitate habituation of the PER.

Classical Conditioning of the PER and Nicotinic Acetylcholine Receptors
The olfactory conditioning of the PER leads to the elicitation of proboscis extension by 

odor stimulation of the antennae. This behavioral paradigm is one of the paradigms most 
widely used in the honeybee to study the neurobiological bases of memory processes. It can be 
compared to olfactory shock-avoidance learning in Drosophila for the insights it has provided 
into the neurobiological substrates of memory processes.57 The olfactory conditioning of the 
PER has been amply described elsewhere.58 In this associative appetitive learning, restrained 
honeybees learn to associate an unknown odorant with a food reward. The behavioral response 
is the proboscis extension elicited by touching the antennae with a drop of sucrose solution. 
One forward paired presentation of odor and sucrose solution is generally sufficient to induce a 
conditioned response later on, when the odor is presented alone. In this Pavlovian conditioning, 
the unconditioned stimulus (US) leading to the proboscis extension is the sucrose solution, the 
conditioned stimulus (CS) is the odor and the conditioned response (CR) is the PER elicited 
by the odor. The most commonly used US in olfactory experiments is a compound US: anten-
nal stimulation with sucrose is used to elicit the proboscis extension; then the bee that emits 
the proboscis extension response is fed with the sucrose solution. Feeding the bee for emitting 
the proboscis extension introduces an operant component in the conditioning procedure. To 
specify the nature of the association (operant or classical), an elegant omission procedure has 
been developed, in which the US was represented solely by the feeding component and was 
given each time the honeybee did not respond to the odorant. A high conditioning level was 
observed in these conditions where no link could develop between the conditioned response 
and the reinforcement, suggesting that the associative link is probably built between the odor 
and the sucrose solution and not between the response and the sucrose solution.59

The PER can also be conditioned to tactile cues, following the same rules of classical condi-
tioning as for olfactory conditioning. In laboratory conditions, harnessed honeybees can associate 
a tactile antennal stimulus with a sucrose reinforcement delivered to the proboscis. Different 
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protocols of mechanosensory conditioning have been developed. In the operant conditioning 
procedure, the bee is rewarded when its frequency of antennal contact with an object exceeds 
a certain threshold.60 A classical procedure has been developed in which tactile stimulation of 
the base of the antennae is followed by the sucrose reward to the proboscis, irrespective of the 
antennal movements.61 The protocol we used in the laboratory was modeled on the one developed 
by Erber et al62: bees were rewarded after scanning the surface of an object with their antennae 
in order to learn its texture properties; this form of conditioning follows both operant and 
classical rules. To clearly separate the tactile pathways for the conditioned stimulus from the 
reward pathway, the sugar solution was never delivered to the antennae. The sucrose was directly 
applied to the proboscis, to induce its extension and to reinforce the bee.63

When the honeybee has learned that an odor or a metal plate can predict the occurrence of 
food, the new information can be memorized for a short time or a long time. The duration of 
memory depends, in part, on the strength of the acquisition phase (i.e., the number of training 
trials). A single trial conditioning leads to a median-term memory (MTM) that lasts for several 
hours (until to 24 hours) whereas multiple trial conditioning induces long term memory (LTM) 
that underlies the retrieval performance from 24 hours and up.64 An extensive study of honeybee 
LTM formed after massed and spaced learning has shown that the longer the inter-trial interval 
(10 min), the higher the retention rate. Protein synthesis inhibition during acquisition blocked 
the formation of late LTM (lLTM) (72 and 96 hours) after spaced and massed learning and 
blocked early LTM (eLTM) (24 and 48 hours) after spaced learning only.65 Although in our 
experiments we used short inter-trial intervals (1 minute) for multiple-trial learning, in this way 
defining massed learning conditions, we found a significant decrease in eLTM (48 hours) and 
lLTM (72 hours) induced by protein synthesis inhibition (unpublished observation).

Our initial approach to studying the involvement of the cholinergic system in learning pro-
cesses in the honeybee was to quantify the activity of AChE in groups of conditioned honeybees 
differing in their learning performance. We observed a decrease in AChE activity following a 
five-trial learning session in animals presenting a high performance level and not in animals 
presenting poor performance.66 This result was in accordance with the work of Shapira et al67 
showing a down regulation of AChE gene expression in the brain of foraging bees presenting 
good learning capacities compared to nurses. However, in a second experiment performed on 
flies and bees we failed to find a correlation between the learning performance and the AChE 
rate individually in either Drosophila or in honeybees.68 We pursued our neuropharmacologi-
cal experiments by injecting nicotinic ligands into the brain to study the role of the nAChRs 
in memory formation and to specify the location of cholinergic brain structures involved in 
acquisition and retrieval processes.

Nicotinic Acetylcholine Receptors are Involved in Acquisition and Retrieval 
Processes

Using one-trial learning in the honeybee, we developed a pharmacological procedure consist-
ing in brain injections of nicotinic ligands to study the role of the nAChRs in the processes of 
acquisition and in short-term memory. In a previous study centered on the role of muscarinic 
receptors in olfactory learning, we defined the relevance of using the one-trial learning procedure 
to clearly dissociate the different phases leading to the formation of memory.40 Previous results 
obtained by Mercer and Menzel69 have described the evolution of memory performance in re-
tention tests performed in independent groups at different time intervals after one-trial learning 
sessions of olfactory conditioning. The retention curve established over the 2 hours following 
the conditioning trial was U-shaped, with an immediate high rate of CR and a minima during 
the first 5 minutes after learning. A high, stable performance level was reached for at least one 
hour, twenty minutes after conditioning. This phenomenon was first demonstrated by Kamin70 
on passive avoidance response in rodents. The “Kamin effect” has been subsequently found in 
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all animal species in which memory investigations have been conducted, indicating that a fun-
damental mechanism for memory formation is shared by several organisms (Fig. 3). The early 
curve trough is attributed to the consolidation processes that are triggered by acquisition and 
that will lead to the formation of a late stable memory. In the case of one trial conditioning, this 
period of information processing lasts several minutes in insects. Our experimental procedure 
was designed with these data in mind (Fig. 4). We injected mecamylamine, which appears in the 
vertebrate literature as the most potent nicotinic antagonist at the CNS level. Mecamylamine 
is also the molecule most commonly used in the experimental study of cognitive functions in 
rodents to avoid peripheral blocking effects of nicotinic antagonists. The drug was injected into 
the head hemolymph that ensures an overall diffusion of the solution into the brain. Honeybees 
were conditioned to olfactory or tactile learning. In a first series of experiments, mecamylamine 

Figure 3. Theoretical time-course of the memory trace after one-trial conditioning in the honey-
bee. The hatched area indicates the phase of transition from short-term to long-term memory, 
the so-called consolidation process leading to the formation of a stable memory trace.

Figure 4. Design of the experimental protocol used to study the effect of the nicotinic antago-
nists on the different memory steps after one-trial conditioning (CS: conditioned stimulus, US: 
unconditioned stimulus). The hatched area indicates a 3-s overlap of CS and US. Retrieval 
tests evaluate short-term memory (1 hour), medium-term memory (3 hours) or long-term 
memory (24 hours). 1: The nicotinic antagonist is injected before training and may have an 
effect on the acquisition, the consolidation or on the retrieval processes. 2: The injection is 
performed immediately after training and may affect the consolidation and/or the retrieval 
processes. 3: The injection is performed after the consolidation phase and before one of the 
retrieval tests.
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was injected 20 minutes after the conditioning trial in order to test the effect on retrieval pro-
cesses. The drug induced an impairment of retention performance in the hour following the 
injection (Fig. 5A), with a recovery of the response rate at 80 minutes.63,71 This indicates that 
mecamylamine was no longer active on retrieval processes at this time and that the effect of the 
drug lasted at least one hour. In supplementary tactile learning experiments, mecamylamine 
was injected 10 minutes before a retrieval test performed 3 or 24 hours after one-trial learning 
(see Fig. 4). In each case the drug blocked the recall of memory, indicating an effect on retrieval 
processes irrespective of the time of testing.63 Mecamylamine injection was then performed 5 

Figure 5. Effects of mecamylamine and �-bungarotoxin on one-trial olfactory learning. A) Effects 
on retrieval processes. The drugs were injected 20 min after training. The conditioned re-
sponse (CR) was tested at four different times after injection in independent groups. B) Effect 
on acquisition processes. The drugs were injected 20 min before training and the honeybees 
were tested 1 hour after training. The numbers of honeybees in each group are presented in 
brackets. Fisher X2 test (comparison to saline group): **P 	 0.01, ***P 	 0.001.
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minutes after the conditioning trial and no effect was found on retention in tests performed 
from 80 minutes to 24 hours after injection. Mecamylamine injected 20 minutes before training 
induced anterograde amnesia in animals tested 1 hour after training (Fig. 5B)71 and at 3 and 24 
hours.63 Complementary experiments for olfactory learning were conducted to assess olfactory 
responsiveness in mecamylamine-treated animals. No difference was found between controls 
and treated bees in the spontaneous choice reaction to two odorants in an olfactometer.71 Thus, 
an impairment of olfactory perception could be ruled out to account for the response decrease 
following mecamylamine injection. As mecamylamine injected immediately after learning had 
no effect on the consolidation process, we concluded that pretrial injection had no effect either 
on this memory process. Consequently, we concluded that pretrial injection of mecamylamine 
impaired acquisition by preventing the creation of the associative link between the CS and the 
US. These experiments clearly demonstrated an effect of mecamylamine on retrieval of olfactory71 
or tactile63 information. Actually �-BGT was the first antagonist that we tested on one-trial 
olfactory or tactile learning. The negative results that we observed on memory (Fig. 5)63,72 led us 
to use mecamylamine for further experiments. On the whole, our results suggest that different 
subtypes of nAChRs are probably present in the honeybee brain and they indicate that only the 
nicotinic receptor subtype sensitive to mecamylamine is activated by the single conditioning trial. 
They also show that blockade of nAChRs immediately after learning, during the phase of infor-
mation processing leading to a stable memory trace, has no effect on the formation of memory. 
The hypotheses could be advanced that either the nAChRs that are blocked by mecamylamine 
are not necessary for the consolidation process, or the consolidation process following one-trial 
learning is so short that the injection performed 5 minutes posttrial comes too late to have an 
effect. Lastly, our results indicate that nAChRs are involved in acquisition and retrieval of olfac-
tory and tactile information, irrespective of the sensory modality of the CS.

Brain Localization of Nicotinic Acetylcholine Receptors Involved in Acquisition 
and Retrieval Processes

The neuronal networks and structures involved in the successive steps of memory formation 
have been investigated with invasive brain experiments in the honeybee. Electrophysiological 
recordings have shown that individual neurons can modify their discharge activity related to 
the conditioning procedure, giving some information about learning at the cellular level. For 
example, the VUMx1 neuron, located in the suboesophageal ganglia, mediates the US and re-
sponds to the CS after pairing of the olfactory and gustatory stimulations.73 This neuron belongs 
to a group of octopamine (OA)-immunoreactive neurons and innervates the AL glomeruli, the 
calyces of MB and the lateral protocerebrum, the main structures for odor processing. Pairing 
odor (CS) with OA injections into the ALs and MBs led to enhancement of PER and gave 
evidence for a role of OA in reinforcement processing during olfactory conditioning.74 In the 
protocerebrum, a pedunculus extrinsic neuron, the PE1 neuron, shows a characteristic odor 
response before the training procedure. The discharge pattern is transiently modified after condi-
tioning, suggesting an involvement of this neuron in short-term acquisition.75,76 Inactivation by 
cooling of ALs and MBs at different times after one-trial olfactory learning showed a sequential 
activation of brain structures related to memory formation. Training triggered activation of 
ALs first, followed by activation of MBs.77 Local anesthetics in �-lobes of MBs showed that MB 
activity is required for acquisition of complex olfactory tasks, but not of simple ones.78

We investigated the role of ALs in olfactory memory by injecting nicotine into the ALs at dif-
ferent concentrations before or after one-trial learning session. Nicotine (10�5M) injected 20-min 
posttraining improved the PER response rate during tests performed 30 min and 60 min after 
injection. Other concentrations and other injection times had no effect on acquisition and reten-
tion rates. These results suggested that nicotine injected after the consolidation phase facilitates 
the retrieval processes needed to recall the learned information.79 This result is consistent with 
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the blockade of retrieval processes induced by the nicotinic antagonist mecamylamine.71 The 
role of ALs in learning processes was also demonstrated by local injection of OA to replace the 
US, paired with olfactory stimulation of the antennae. This conditioning procedure produced 
paired-specific olfactory learning in the honeybees. The results suggested that the ALs are one 
of the brain sites where association between odor and reinforcement takes place and that they 
contribute to memory consolidation.74 On the whole, ALs of the honeybee appear to be involved 
in all the information processing leading to the formation or the readout of memory.

We also investigated the role of the different parts of the MBs in olfactory memory by inject-
ing mecamylamine 10 minutes before or 20 minutes after one-trial learning. Mecamylamine 
was injected either into the calyces (between the two calyces of each MB), which constitute 
the input of multisensory information, or into the �-lobes of the peduncles formed by the KC 
output. The results showed that pretrial injection of mecamylamine into calyces definitely sup-
presses the learning capabilities of the honeybee (Fig. 6A). Conversely an impairment of retrieval 

Figure 6. Effects of localized brain injection of mecamylamine on one-trial olfactory learning. 
A) Effect of mecamylamine injected 10 min before training between the median and the lateral 
calyces of each mushroom body. The honeybees were tested 1 hour after training. B) Effect of 
mecamylamine injected into the � lobe 20 min after training. The CR was tested at different 
times after injection in independent groups. The numbers of honeybees in each group are 
presented in brackets. Fisher X2 test: *P 	 0.05, **P 	 0.01, ***P 	 0.001.
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processes was observed after posttrial mecamylamine injection into the �-lobe peduncles (Fig. 
6B) but not after posttrial injection into the MB calyces.80 Our experiments using local brain 
injections of mecamylamine demonstrate that nAChRs of the MBs are essential for associative 
learning processes that take place in the calyces of MBs. They also show that the recall of memory 
requires that the �-lobe nicotinic networks be intact. These experiments allow us to establish a 
functional map of the insect brain related to the formation and readout of memories. The MB 
calyces appear to be essential for the establishment of the full memory trace. During retrieval, 
the MB calyces seem to be no longer necessary. These results are in accordance with the work of 
Dubnau et al81 and McGuire et al82 in a mutant Drosophila. The Shibirets mutation was expressed 
in the fly MBs to reversibly disrupt synaptic transmission. Inactivation of MB signaling through 
output neurons during different phases of memory processing revealed a requirement for MB 
output signaling during memory retrieval but not during acquisition or consolidation. All these 
data suggest that the consolidated olfactory memory is localized in the �-lobes of MBs or alter-
natively, that access to a consolidated memory, whatever its location in the brain, requires the 
activation of �-lobe networks. In the honeybee, projection neurons from the antennal lobes to 
MB calyces form two tracts, the median antennoglomerular tract (mATG), which is putatively 
cholinergic15 and the lateral ATG (lATG). A third tract, the medio-lateral ATG (mlAGT) sends 
olfactory projections from the ALs to the lateral protocerebrum (see Fig. 1). The absence of 
effect of mecamylamine injected into the calyces on retrieval could mean that either the calyces 
are no longer active during retrieval or that the lATG and the mlATG are sufficient to code 
the olfactory stimulus in such a way that they can activate the retrieval circuitry. These results 
reinforce a functional map of the olfactory brain with input regions (the ALs and the MB caly-
ces) necessary to the associative processing of CS and US and an output region (MB �-lobes) 
involved in retrieval processes. The basics of this scheme are a distributed memory trace within 
the brain with functional properties that differ depending on their locations.

Alpha-BGT-Sensitive Nicotinic Acetylcholine Receptors and Long-Term Memory
The previous experiments, based on one-trial learning, investigated the role of the cholinergic 

system in short or medium-term memory. To study the role of the cholinergic system in long-term 
memory, multiple-trial olfactory or tactile learning was used. The learning session comprised 3 
(olfactory learning) or 5 (tactile learning) trials, with one-minute inter-trial-intervals. We studied 
the involvement of nAChRs in the establishment of LTM by injecting the nicotinic antagonists 
mecamylamine, �-BGT or methyllycaconitine (MLA) into the brain, through the median ocel-
lus. Pre-training injections of mecamylamine induced lower performance during conditioning 
but the retention level evaluated at medium-term (3-hour) and long-term (24-hour) intervals 
was equivalent between treated and control animals (Fig. 7A).63,83 The effects of mecamylamine 
were then interpreted as a blockade of retrieval processes during learning, sufficient to explain the 
decrease in performance during the training session. In fact, from the second conditioning trial 
on, the odorant or tactile stimulus used as CS activates retrieval processes needed to elicit the 
conditioned response. A decrease in the conditioning rate during learning may reflect the bee’s 
inability to retrieve the conditioned response but the formation of the memory is not impaired, 
as attested by the high conditioning rate of mecamylamine-treated animals, equivalent to that 
of controls, when tested for MTM and LTM. By contrast, �-BGT impaired the formation of 
long-term memory (24 hours) induced by multiple-trial learning (Fig. 7A), an effect also induced 
by MLA injection.83 Alpha-BGT had no effect on medium-term memory (1 and 3 hours) and 
on retrieval processes.63,83 Post-training injections of �-BGT (or MLA) decreased memory 
performance at 24 hours, whereas mecamylamine had no effect on long-term memory (Fig. 
7B). These experiments showed that �-BGT (and MLA) blocked LTM formation while sparing 
MTM. Mecamylamine was effective in blocking retrieval processes, as also shown in one-trial 
learning experiments and had no effect on LTM. To explain this pharmacological dissociation, 
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we advanced the hypothesis that retrieval processes involve the activation of �-BGT-insensitive 
nicotinic receptors and that LTM formation is dependent upon activation of �-BGT-sensitive 
nicotinic receptors. The existence of two nicotinic receptor subtypes, one �-BGT-sensitive and 
the other �-BGT-insensitive, is already well documented in insects84-87 but our work is the first 
to postulate a function for these receptors in cellular plasticity supporting learning and memory. 
Our working hypothesis postulates that learning processes activate brain cholinergic pathways 
and ACh released from the presynaptic terminal may bind to all types of nicotinic receptors 

Figure 7. Effects of mecamylamine and �-bungarotoxin on multiple-trial learning. A) The drugs 
were injected 10 min before tactile learning. Each honeybee was tested at the three times 
after training. B) The drugs were injected 20 min after olfactory learning. Each honeybee was 
tested at the three times after training. The numbers of honeybees in each group are presented 
in brackets. Fisher X2 test (comparison to saline group): *P 	 0.05, ***P 	 0.001.
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present (as well as to muscarinic receptors, a question that will be addressed in another chapter). 
One stimulation of these pathways like the ones induced by one-trial learning or CS presenta-
tion during the retrieval test will activate �-BGT-insensitive receptors. Multiple-trial learning 
will induce repetitive cholinergic stimulations of nAChRs and these multiple stimulations 
will trigger activation of the �-BGT-sensitive receptors. This in turn, will trigger intracellular 
events involved in LTM formation (Fig. 8). Understanding how �-BGT-sensitive nAChRs are 
regulated and how they detect multiple stimulations will be a major challenge for our future 
research. As has been shown in studies on neuronal nAChRs of vertebrates, a subpopulation of 
honeybee �-BGT-sensitive nAChRs has been described to trigger, upon activation, an influx 
of Ca2� ions into the cell,24,51,52 a phenomenon also described in crickets88 and Drosophila.89-91 
Interestingly, the work of Campusano et al91 shows that repetitive exposure of Kenyon cells to 
nicotine results in a calcium-dependent plasticity of the nAChR-mediated response through 
cAMP signaling. Intracellular Ca2� may also act as a key second messenger for the triggering of 
intra-cellular cascades leading to LTM. In insects, the enzyme NO synthase is activated by the 
Ca2� ions92,93 and NO is specifically involved in LTM formation.46,94 Since in vitro experiments 
have shown that �-BGT-sensitive nAChRs can trigger NO synthesis in insects,52,53 �-BGT- and 
MLA-sensitive nAChRs may specifically trigger the NO release involved in LTM formation 
during multiple-trial learning. Our data suggest that activation of nAChRs can induce cellular 
plasticity that could contribute to information processing supporting LTM formation.

Conclusion and Outlook: Using RNA Interference to Create 
Reversible Mutant Honeybees for Memory

The differences between the nicotinic receptors’ properties are linked to their subunit com-
position. Four A. mellifera nAChR subunits have been cloned in the lab and were shown to 
be expressed in the honeybee brain.48,49,95 With the sequencing of the honeybee genome,96 the 
complete A. mellifera nAChR gene family has now been described.27 Nine � and two � subunits 
have been identified and each of these subunits can potentially combine with each another to 

Figure 8. Schematic diagram illustrating the working hypothesis. The �-BGT-sensitive nAChRs 
(grey receptor on the right) require several trials to be activated by ACh and possess high 
permeability to calcium ions. The intracellular calcium increase triggers calcium-dependent 
cellular events linked to LTM formation. Alpha-BGT-insensitive nAChRs (black receptor on the 
left) may be activated during single-trial learning and retrieval test and during multiple-trial 
learning (each time ACh is released). Reprinted from Gauthier M et al. Neurobiol Learn Mem 
2006; 86:164-174;83 ©2006 with permission from Elsevier.
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form different subtypes of homomeric or heteromeric nAChRs. Moreover, the alternative splic-
ing of some of these subunits such as Amel�4 or Amel�6 increases the complexity of nAChRs. 
Individual subunits can confer distinct pharmacological properties on a receptor such as its 
sensitivity to insecticides97 or can determine specific regulation of those nAChR receptors whose 
activation depends on repeated stimulation and triggers long-term memory formation.83 It has 
been shown in cockroaches that nAChR properties can be modulated by phosphorylation/
dephosphorylation mechanisms.85 In Apis mellifera, different splice sites in Amel�3 give rise to 
two variants, which present different intracellular domains including different phosphorylation 
sites.27 Since phosphorylation of the intracellular loop is involved in regulating several aspects 
of receptor function such as desensitization, drug sensitivity and aggregation, the two splice 
variants have the potential to alter several receptor properties. Amel�7 mRNA was detected 
by in situ hybridization in antennal lobe and dorsal lobe neurons and Kenyon cells of MB. 
The sequence of the Amel�7 subunit exhibits high homologies with the �7 subunit vertebrate 
sequence.49 Interestingly, �-BGT and MLA are the most selective antagonists of the �7 homo-
meric neuronal nAChRs in vertebrates and these receptors have low affinity to ACh. A detailed 
knowledge of the composition and pharmacology of the honeybee nAChRs is necessary to fully 
understand the effects of the nicotinic ligands on behavior. Specific � or � subunit deletion is 
now available in the honeybee using the RNA interference (RNAi) technique. Introducing 
double strand RNA (dsRNA) into cells results in posttranscriptional silencing of target genes 
through RNAi. This technique has been used successfully in the honeybee to study the role of 
the octopaminergic reinforcing pathway in olfactory learning.98 Possessing the genome sequence 
for the 11 honeybee nAChR subunits potentially allows us to construct dsRNA against each 
subunit and test the corresponding gene silencing on behavioral functions. Using a combina-
tion of dsRNA injection and behavior, we will test the hypothesis that, just as in vertebrates, 
Amel �7 subunit would form homomeric receptors and that this nAChR subtype should be 
involved in LTM formation.
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